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A B S T R A C T

Oil-in-water food emulsions such as mayonnaise and dressings are stabilized by proteins and low-molecular 
weight surfactants binding to the oil/water interface. One common source of emulsifying proteins is egg yolk 
containing the iron-binding protein phosvitin. Here, we applied super-resolution microscopy to quantify the 
distribution of phosvitin on the droplet interfaces of binary SDS/phosvitin model emulsions prepared by high- 
pressure homogenization (HPH). We targeted phosvitin either via fluorescently labeled, primary antibodies or 
with affimers, which are short polypeptides. Re-scan confocal microscopy (RCM) revealed a bimodal droplet size 
distribution in which small droplets were primarily covered by SDS and large droplets by phosvitin. This inter- 
droplet heterogeneity was in line with expected kinetics of emulsifier coverage of droplet interfaces during HPH. 
Stochastic optical reconstruction microscopy (STORM) indicated that changing the concentration of phosvitin 
did not affect the intra-droplet distribution at the droplet interface. STORM further provided a direct visuali
zation of the redistribution of phosvitin upon prolonged low shear treatment, resulting in diffusion-assisted 
exchange of SDS and phosvitin between droplet interfaces and the continuous aqueous phase. Our RCM- and 
STORM-based approaches allow a direct and quantitative view on the intricate balance between kinetic and 
thermodynamic forces governing inter- and intra-droplet interfacial distributions of proteins.

1. Introduction

Food emulsions are intricately structured systems comprising two 
immiscible liquid phases, usually oil and water, that are stabilized by 
emulsifiers and mixtures thereof (McClements & Jafari, 2018). Many of 
these mixtures contain both proteins and low molecular weight (LMW) 
surfactants. The adsorption of emulsifying proteins at an oil/water 
interface is influenced by the protein’s inherent physical and chemical 
properties, such as size, charge, conformation, and amino acid compo
sition, as well as environmental conditions like the type of interface (e. 
g., oil-water, air-water), pH, temperature, and presence of other sub
stances (Rodríguez Patino & Pilosof, 2011). When these proteins adsorb, 
they stabilize the emulsion through self-interaction, resulting in a 
viscoelastic layer that resists local deformation (van Aken, 2003). On the 

other hand, LMW surfactants are small molecules, each having a hy
drophilic head group and one or more hydrophobic tails. Their high 
mobility allows them to quickly coat the newly formed oil-water inter
face following the emulsification process (Pugnaloni et al., 2004). Un
like proteins, LMW surfactants form a fluid layer due to the absence of 
strong intermolecular bonds (Wilde et al., 2004). Moreover, LMW sur
factants diffuse laterally towards areas of high surface tension, known as 
the Marangoni effect (Ewers & Sutherland, 1952). Although the visco
elastic mechanism associated with protein adsorption and the Mar
angoni mechanism linked to LMW surfactant adsorption both serve to 
stabilize emulsions, they might not always complement each other and 
can be mutually unfavorable (Cornec et al., 1998). Formulating pro
tein/LMW emulsifier mixtures has been identified as a route for 
designing food emulsions with desired physical (McClements, 2015) and 
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chemical (Berton-Carabin & Villeneuve, 2023) stability.
Interfacial composition has been identified as a key determinant of 

the properties of food emulsions (Ravera et al., 2021) and is typically 
determined by indirect methods (Hinderink et al., 2022, 2024; Niu et al., 
2023). Interfacial rheology, for example, can be applied on model films 
or hanging droplets (Maldonado-Valderrama & Patino, 2010), but does 
not allow to study the effects of food emulsification routes (Javadi et al., 
2022). In food emulsions, the assessment of surface load via the 
(centrifuged) serum or cream phases is a common and straightforward 
method to assess interfacial composition. This method is, however, 
invasive and destructive, and cannot be generally applied to all types of 
food emulsions (Hinderink et al., 2022, 2024). Spectroscopic methods 
can be applied to assess conformational changes of proteins at droplet 
interfaces and their displacement by LMW surfactants, but do usually 
not provide spatial information (Rampon et al., 2003). Fluorescence 
microscopy has been identified as a method to assess surface 
morphology, but so far, this method lacked the capability of resolving 
protein composition at droplet interfaces (Hinderink et al., 2022). In this 
work, we will outline an approach based on fluorescence imaging to 
visualize and quantify surfactant composition at the single-droplet level. 
We will use a model system for mayonnaise to demonstrate our 
approach.

To localize proteins and surfactants, the correct choice of fluorescent 
probes for imaging is critical. In the life sciences, primary or secondary 
antibodies labeled with fluorescent markers are being widely deployed 
due to their inherent capability to localize specific biomacromolecules 
and bind to various targets (Voskuil, 2014). There are challenges with 
their use, however, including long and unpredictable production time
lines, inconsistencies across different production batches that can un
dermine their effectiveness (Bradbury & Plückthun, 2015), and their 
large size (approximately 150 kDa) that may limit their ability to 
penetrate densely packed structures like tissues (Banta et al., 2013; 
Orlova et al., 2006). A viable alternative to antibodies are affimers, 
which are small protein scaffolds of about 100 amino acids (Tiede et al., 
2014, 2017). Affimers possess a well-defined structure featuring one or 
two target-specific loops, which enables higher localization accuracy by 
positioning the probe closer to the target (Schlichthaerle et al., 2018). 
Affimers are selected through a process known as phage biopanning, 
which is relatively rapid and effectively minimizes variations between 
production batches (Banta et al., 2013). As such, affimers can be pro
duced via bacterial expression systems thereby circumventing the 
expensive and time-consuming traditional routes to obtain antibodies. 
Together, these features have expanded the use of affimers as specific 
ligands in bioassays (Tans et al., 2020; Tiede et al., 2017). Their use as 
ligands that specifically bind to biomolecular targets has also been 
exploited within the bioimaging field (Hasenhuettl & Hartel, 2019; 
Schlichthaerle et al., 2018; Tiede et al., 2017), yet their application in 
food emulsion studies is unexplored.

Mayonnaise is a food emulsion that relies on egg yolk as an emulsifier 
mixture to maintain its physical and chemical stability (Hasenhuettl & 
Hartel, 2019). Egg yolk is composed of several constituents, including 
low-density lipoproteins (LDL), high-density lipoproteins (HDL), phos
vitin, and livetin. Upon emulsification, the lipoprotein particles disin
tegrate, liberating apoproteins and phospholipids as emulsifiers (Anton, 
2013). Phosvitin is a highly phosphorylated protein with unique emul
sifying, metal-chelating, and pro-oxidant properties among the proteins 
found in egg yolk (Marcet et al., 2022). In this work we will focus on 
studying the interaction of phosvitin and SDS, as a model LMW surfac
tant, at the oil-water interface in emulsions (Jabermoradi et al., 2022). 
Here, we build on our previous work in which we used super-resolution 
microscopy techniques to localize proteins in model emulsions for 
mayonnaise (Jabermoradi et al., 2022, 2024). In particular, we use 
stochastic optical reconstruction microscopy (STORM) (Rust et al., 
2006) to surpass the diffraction limit of traditional fluorescence micro
scopy and localize phosvitin with molecular specificity at droplet in
terfaces in binary O/W model emulsions prepared with SDS. 

Specifically, we explore fluorescently labeled antibodies and affimers 
against phosvitin together with buffer conditions that pronounce the 
blinking of fluorophores. As such, only a subset of fluorophores is 
fluorescent at any given time, allowing sub 100 nm localization preci
sion of individual emitters rather than looking at overlapping emission 
(Hohlbein, 2021).

Additionally, re-scan confocal microscopy (RCM) is employed 
providing higher resolution than conventional confocal microscopy 
thereby enabling us to resolve smaller droplets. In RCM, the diffraction 
limited laser excitation spot moving across the field of view is syn
chronized with a second scanning mirror that reflects the collected 
fluorescence under twice the original scanning angle onto a camera to 
obtain an improvement of a factor of sqrt(2) in spatial resolution with 
minimal technical effort (De Luca et al., 2013). We will first benchmark 
different strategies to localize phosvitin at droplet interfaces. We will 
compare the performance of affimer- and antibody-based labelling 
strategies, and benchmark these against an approach in which phosvitin 
was labeled covalently with a fluorophore. Next, we will prepare binary 
emulsions with different phosvitin/SDS ratios with a high-pressure ho
mogenizer (HPH). HPH is a common emulsification method in food 
processing, known to have an effect on the composition of the droplet 
surface (Taisne et al., 1996). Further, we investigate the effect of the 
formulated phosvitin/SDS ratio on the heterogeneity of phosvitin sur
face coverage and at the intra- and inter-droplet level. Finally, we will 
investigate the effect of prolonged low shear rate treatment (Kokini & 
Aken, 2006; Serial et al., 2022) on the interfacial surface coverage with 
phosvitin.

2. Material and methods

2.1. Isolation and purification of phosvitin

Phosvitin was isolated from fresh egg yolk according to the protocol 
described by Zhang et al. (Zhang et al., 2011). Fresh hen eggs were 
obtained from the local market. Egg yolks were separated and rolled on 
filter paper to remove the chalazas. An equal amount of distilled water 
was added to the yolk at 4 ◦C, and the obtained solution was centrifuged 
at 12000 g for 15 min (Avanti j-25, Beckman). The precipitate was 
collected and homogenized with an equal mass of a 0:17 M NaCl solu
tion, followed by another centrifugation at 12000 g for 15 min. The 
granules were dissolved in 10 % (w/v) of a 1.74 M NaCl solution. 
Further, the solution was homogenized with 4 % w/w of PEG6000 and 
centrifuged at 12000 g for 15 min. The supernatant was dialyzed against 
distilled water for 24 h at 4 ◦C and subsequently centrifuged at 12000 g 
for 15 min. The supernatant was collected and lyophilized using a 
freeze-dryer from either Christ (Germany) or Labconco (United States of 
America).

2.2. Preparation of binary emulsions

To prepare the binary emulsions, we dissolved lyophilized phosvitin 
in 0.05 M acetate buffer at pH 3.8 to obtain concentrations of 3, 6, 9 and 
12 mg/mL. Each solution was centrifuged at 4000 g for 20 min, and the 
supernatants were transferred to new aliquots to remove any impurities. 
We then added 0.15 % w/v of sodium dodecyl sulfate (SDS) to each 
solution to stabilize the emulsion and investigate the competition be
tween SDS and phosvitin. Next, we added rapeseed oil, 15 % of the final 
volume, into each of these solutions to prepare the model emulsions. The 
mixtures were coarsely homogenized using an 18 mm diameter head 
disperser at 18000 rpm for 2 min, followed by further homogenization at 
70 bar using a high-pressure homogenizer (HPH) (Niro Soavi – Pan
daPLUS 2000; GEA) for ten cycles.

2.3. Low shear treatment

To investigate the impact of low shear treatment on the competition 
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between phosvitin and SDS, we gently stirred 20 mL of the emulsion 
prepared with the phosvitin concentration of 6 mg/mL using a magnetic 
stirrer at a speed of 500 rpm for 3 days.

2.4. Confocal and single-molecule localization microscopy

CLSM imaging was performed using a confocal mode of STED mi
croscope (Abberior Instrument) equipped with UPlanSApo 100x/1,40 
Oil [infinity]/0,17/FN26,5 objective (Olympus), a Katana-08 HP laser 
(Onefive) and multiple laser lines at 405 nm, 488 nm, 561 nm, 640 nm, 
and the pulsed laser at 595 nm and 775 nm (power = 3 W); plus 
Imspector 0.14.13919 software. In general, images were acquired with a 
pixel size of 60 nm and a pixel dwell time of 10 μs. Images were acquired 
≈2 μm above the coverslip. A pinhole was set to 1.00 AU at 100x.

For the confocal RCM measurements, we used a Nikon A1R HD25 
upright confocal microscope body equipped with an RCM module 
(Confocal.nl, Amsterdam, Netherlands) (De Luca et al., 2013). The mi
croscope was equipped with a CCD camera (Tucsen, FL 20BW) and four 
laser lines (405 nm, 488 nm, 561 nm, and 640 nm, Oxxius, France). 
Images were captured using a Nikon 60x Plan Apo objective lens with a 
numerical aperture of 1.4. All images were captured in 16-bit format 
with a resolution of 1024 x 1024 pixels. Micromanager 1.4 (Stuurman 
et al., 2007), an open-source software for microscope control and image 
acquisition, was used to acquire RCM images at room temperature. We 
used the following settings for acquisition: 2.8 mW of 488 nm laser for 
the oil droplets channel, and 4.6 mW of 647 nm laser for the phosvitin 
channel, with a frame acquisition time of 4 s.

For STORM data acquisition, we employed a home-built microscope 
as previously reported (Jabermoradi et al., 2022). A fiber-coupled laser 
engine (Omicron, Germany) delivered the laser beam to the micro
scope’s excitation path. The beam was collimated using a 60 mm ach
romatic lens (AC254-060-A-ML, Thorlabs), then deflected by a 
kinematic mirror (BBE1-E02, Thorlabs) into a top hat beam shaper 
(Asphericon GmbH). The beam was next focused by a 150 mm lens 
(AC508-150-A-ML, Thorlabs) into the back focal plane of a 100x oil 
immersion objective (NA = 1.45, Nikon) via a polychroic mirror 
(ZT405/488/561/640rpcv2, Chroma). The emitted signal from the 
sample was collected through the same objective and passed through an 
emission filter (ZET405/488/561/640m-TRF, Chroma). After being re
flected by a kinematic mirror, the signal was focused through a tube lens 
(MXA20696, Nikon) and into the first lens (AC508-100-A-ML, Thorlabs) 
of a 4f system. The light was then directed by another mirror to a 
deformable mirror (DMP40/M – P01, Thorlabs) located in the Fourier 
plane of the 4f imaging system. Finally, the emitted light was focused via 
a second lens (AC508-100-A-ML, Thorlabs) onto an sCMOS camera 
(Prime 95B, Photometrics), with an effective pixel size of 112 nm per 
pixel. We recorded a total of 10,000 frames per field of view at a rate of 
40 ms per frame (25 Hz).

2.5. Conjugation of phosvitin with fluorescein isothiocyanate (FITC) and 
emulsion preparation

To enable direct fluorescence imaging of phosvitin, we employed a 
FITC labeling strategy that targeted the primary amines of phosvitin. 
First, we prepared a solution of phosvitin at a concentration of 6 mg/mL 
in 0.05 M MES buffer at pH 6.6. Then, we added a freshly prepared 
solution of 5 mg/mL FITC in DMSO to achieve a final concentration of 
0.5 mM. The reaction mixture was stirred for 2 h and subsequently 
dialyzed for four days using an 8 kDa cutoff dialysis bag (Sigma-Aldrich, 
Cat. No. D9527). To ensure the complete removal of free dyes, the 
dialyzed solution was filtered and concentrated using an Amicon® 
Ultra-15 centrifugal filter with a 3 kDa cutoff (Millipore, Cat. No. 
C7715). The degree of labeling was then determined by measuring the 
absorbance of the protein and FITC using a Nanodrop spectrophotom
eter. The degree of labeling was calculated to be approximately 10 %, 
assuming that phosvitin has a molecular weight of 35 kD and absorbance 

(A280 nm) at 0.1 % (1 g/L) of 0.32±0.02 (L/g.cm) (Castellani et al., 
2003). Using this covalently labeled phosvitin solution, we immediately 
prepared an oil-in-water emulsion by dissolving 0.15 % w/v SDS and 
adding 15 % (v/v) rapeseed oil. We then proceeded by making a coarse 
emulsion using an 18 mm diameter dispersing head at 7000 rpm for 2 
min (T 18 digital ULTRA-TURRAX, IKA, Germany). We subsequently 
homogenized the coarse emulsion at 70 bar using a high-pressure ho
mogenizer (HPH) (Delta Instruments LAB Homogenizer) for 20 min and 
stored the resulting emulsions at 4 ◦C overnight for further use.

2.6. Phase display selection of phosvitin-specific affimers

Phosvitin-binding affimers were selected from a phage display li
brary consisting of 13 billion clones of protein scaffolds with random
ized amino acids in their interaction loops (Supplementary Fig. 1A). The 
affimer screening over isolated phosvitin was performed by the affimer 
screening facility of the University of Leeds (Leeds, UK). Briefly, the 
proteins were biotinylated using EZ-link NHS-SS-biotin (Pierce), then 
the biotinylated proteins were immobilized on streptavidin-coated wells 
(Pierce) for 1 h. Phage screening was performed according to the pre
viously described protocol (Tiede et al., 2014) with a minor modifica
tion using bovine serum albumin (BSA) as a blocking buffer. 3 % BSA in 
1x PBS supplemented with 0.1 % (v/v) Tween™ 20, was used as a 
blocking buffer. Biopanning resulted in 48 randomly picked positive 
affimer clones, which were evaluated for their binding affinity to 
phosvitin by phage ELISA (Supplementary Fig. 1B). The screening led to 
the selection of three unique phosvitin binders that were further engi
neered to include cysteine for subsequent labelling. The amino acid 
composition of their specific variable regions is provided in the Sup
plementary Fig. 1C. As a control for the binding specificity of the 
affimers a nonspecific affimer was generated by inserting four alanine 
amino acids in the first variable loop. The theoretical net charge of the 
affimers and phosvitin was computed using the amino acid sequence of 
the proteins and Prot pi calculator (Supplementary Fig. 1D). At pH 6 and 
7, both the phosvitin-binding affimers and the control affimers exhibit 
slightly positive net charges when compared to the highly negatively 
charged phosvitin. At pH 6, the phosvitin-specific affimers (Pvt-28, 
Pvt-33, and Pvt-7) have positively charged variable regions. The alanine 
affimer, lacking charged residues in Loop 1, has a net negative charge 
due to the glutamic acid (E) in Loop 2. The affimers were labeled via 
their single cysteine moiety with a maleimide functionalized fluorescent 
dye for bioimaging.

2.7. Sample preparations and image acquisition

For RCM imaging, 5 μL of BODIPY 493/503 (TCI America, ref. 
D4341) 1 mg/mL in DMSO was added to 495 μL of the emulsion. After a 
quick vortex, the emulsion was mixed with 100 μL of phosvitin primary 
antibody conjugated with Alexa Fluor 647 (sc-46681, Santa Cruz 
Biotechnology) at a concentration of 20 μg/mL diluted in PBS buffer. For 
CLSM imaging, 100 μL of phosvitin antibody conjugated with Alexa 
Fluor 647 (20 μg/mL diluted in PBS) was added to 500 μL of the cova
lently labeled phosvitin-FITC emulsion. For STORM imaging, the phos
vitin antibody conjugated with Alexa-647 (sc-46681, Santa Cruz 
Biotechnology) stock solution was diluted 50 times in PBS buffer. 10 % 
v/v of the diluted solution was added to 400 μL of the phosvitin- 
containing model emulsion. After a 15-min incubation at room tem
perature, all labeled emulsions were centrifuged at 4000 g for 5 min, and 
the cream layer on top was harvested for imaging. In this cream phase, 
droplets are prevented from diffusing in the water phase during image 
acquisition. 2 μL of the cream phase was attentively pipetted into a 
silicone gasket’s well (Grace Bio-Labs). Further, to increase the number 
of fluorophore blinking events, 25 μL of STORM buffer containing 50 
mM TRIS pH 8, 10 mM NaCl, 10 % glucose, 140 mM 2-mercaptoethanol, 
68 μg/mL catalase, and 200 μg/mL glucose oxidase was added (Jimenez 
et al., 2020). A second cover glass was put on the well to prevent new 
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oxygen from getting into the sample. For each sample we acquired a 
total of five different field of views.

2.8. Image visualization and data analysis

To analyze the confocal microscope images, we first normalized the 
contrast of the images from different channels using ImageJ/Fiji 
(Schindelin et al., 2012). Next, we used StarDist segmentation (Schmidt 
et al., 2018; Weigert et al., 2020) to extract the positions of individual 
droplets within the field of view after training the model on multiple 
datasets using QuPath (Bankhead et al., 2017). For the phosvitin anti
body channel (magenta), the image was subtracted from the BODIPY 
channel (green) to eliminate background interference. We then 
compared the number of droplets covered with phosvitin to the total 
number of droplets in the field of view. To assess emulsifier adsorption 
in relation to droplet size, we computed the Sauter mean diameter, D3,2, 
for all samples within each channel. Specifically, we calculated the 
diameter of each segmented droplet based on the area obtained with 

StarDist assuming a perfect circle (Ai = πd2
i /4

)
. Then, we calculated 

D3,2 as D3,2 =
∑

d3
i /

∑
d2

i . To specify the width of the droplet size dis
tribution, we took its standard deviation. To analyze the dSTORM raw 
data, we first removed the constant fluorescence background using a 
temporal median filter (Jabermoradi et al., 2022) available at GitHub 
(https://github.com/HohlbeinLab/FTM2). Next, we used a 
phasor-based localization algorithm (Martens et al., 2018) implemented 
in ThunderSTORM (Ovesný et al., 2014), a software plugin for Image
J/Fiji, to determine the positions of the fluorophores with sub-pixel 
localization precision. For image background filtering in Thunder
STORM, a β-spline wavelet filter with order 2 and scale 3 was used. We 
applied 2D cross-correlation drift correction with ThunderSTORM set
tings of 10× bins and 5× magnification. The localizations were then 
visualized using the “average shifted histogram” option, with the 
magnification set to 5 and the labeled protein phosvitin represented in 
magenta. To analyze the distribution of proteins at the interface of in
dividual droplets, we applied droplet segmentation to extract the lo
calizations for each droplet. This allowed us to apply relative position 
distribution (RPD) analysis (Curd et al., 2021) to quantify the spatial 
heterogeneity of localizations within droplets, as recently demonstrated 
(Jabermoradi et al., 2024).

3. Results and discussion

3.1. Localization of covalently and non-covalently labeled phosvitin at 
droplet interfaces

First, we evaluated the use of affimers to target phosvitin at droplet 
interfaces. After raising the affimers in a phage display, we selected 
three candidates Pvt-7, Pvt-28, and Pvt-33 (see also Supplementary 
Fig. 1). When testing the binding specificity in our phosvitin/SDS model 
emulsion, only the commercially available antibody against phosvitin 
showed accumulation at the droplet interface whereas Pvt-28 and a 
control affimer, in which the targeting residues were replaced by 
alanine, showed no specificity and were homogenously distributed in 
the water phase (Supplementary Fig. 2). A similar distribution of 
affimers was found in emulsions with solely SDS as an anionic emulsifier 
or Tween20 as a neutral emulsifier, with the latter showing overall 
reduced fluorescence intensity (Supplementary Fig. 3). Notably, the 
affimers tend to accumulate around voids, probably representing 
pockets of air that do not show fluorescence from the lipophilic BODIPY 
493/503 that we used to stain the oil droplets (Supplementary 
Figs. 2–4). Similar to Pvt-28, also Pvt-7 and Pvt-33 did not show any 
specificity (Supplementary Fig. 4).

Consequently, we chose phosvitin antibodies for our subsequent 
RCM and STORM investigations of droplet surface coverage. To check 
the viability of this approach, we first imaged phosvitin covalently 

labeled with fluorescein isothiocyanate (FITC) in the model emulsion 
(Fig. 1A). We then imaged the primary phosvitin antibodies conjugated 
to Alexa Fluor 647 present in the same sample (Fig. 1B). The overlay of 
the FITC labeled phosvitin and the fluorescently labeled antibody 
showed good overlap indicating that the antibody successfully targeted 
the phosvitin (Fig. 1C)

As expected, using the antibody in model emulsions prepared with 
either SDS or Tween20 but without phosvitin, showed no accumulation 
at the droplet interfaces (Supplementary Fig. 5). Additionally, we used 
droplet segmentation to verify that the number of droplets recognized by 
the antibody matched those stained with FITC (Supplementary Fig. 6). 
The data further indicate intra-droplet heterogeneity in the coverage of 
the oil/water interfaces with phosvitin (Fig. 1D).

3.2. Effect of the phosvitin to SDS concentration ratio on the surface 
coverage of droplets

As phosvitin alone is not an effective emulsifying agent (Castellani 
et al., 2006; Dickinson et al., 1991), achieving a stable emulsion 
required the addition of SDS. To obtain insights in the competition and 
interactions between phosvitin and SDS, we stained the oil droplets with 
BODIPY 493/503 and kept the concentration of SDS fixed at 1.5 mg/ml 
(5.2 mM). We then changed the concentration of phosvitin consecu
tively from 3 mg/mL to 12 mg/mL (0.09–0.34 mM) (Fig. 2). The chosen 
concentrations for SDS and the lowest considered concentration of 
phosvitin were selected to ensure full potential coverage of the surface of 
all oil droplets (Supplementary Material 1). Whereas BODIPY 493/503 
(green channel) stains the oil droplets homogeneously (Fig. 2, first 
column), the fluorescence measured from the phosvitin antibody 
(magenta channel) is not confined to the interface of the droplets (Fig. 2, 
second column). In fact, we observe a rather hazy intensity distribution, 
which we attribute to (1) the presence of phosvitin in the water phase, 
(2) droplets that are either below or above the imaged volume, and (3) 
the high number of the droplets in the field of view. Merging both 
channels revealed that some oil droplets in the green channel are 
encircled by magenta rings, indicating their coverage by phosvitin 
(Fig. 2, third column). Importantly, in this system, where only phosvitin 
and SDS serve as emulsifying agents, droplets that are devoid of phos
vitin coverage can be inferred to be coated by SDS. Coverage by SDS is 
supported by the long-term physical stability of the binary SDS/phos
vitin emulsions, which can only be achieved with an emulsifier. Droplets 
not visibly covered by phosvitin will henceforth be referred to as 
SDS-covered droplets. We employed the segmentation tool StarDist 
(Schmidt et al., 2018; Weigert et al., 2020) to segment the droplets in 
both the green (BODIPY) and magenta (phosvitin) channels. We 
employed the green channel as a reference to subtract the magenta 
channel. We achieved a reliable segmentation of the phosvitin-coated 
droplets (Fig. 2, fourth column) and the droplets in the BODIPY chan
nel (Fig. 2, fifth column). Decreasing concentrations of phosvitin (from 
top to bottom) are accompanied by decreasing numbers of phosvitin 
coated droplets in the field of view.

3.3. Quantifying the heterogeneity of droplet coverage at the inter-droplet 
level

Using the data shown in Fig. 2, we then analyzed the size distribution 
for droplets predominantly covered by SDS or phosvitin. The histograms 
show that as the concentration of phosvitin increased, the number of 
droplets covered by phosvitin increased, whereas the number of SDS 
droplets declined (Fig. 3). The overall data indicate that phosvitin tends 
to adsorb at larger droplets. SDS on the other hand, consistently coated 
smaller droplets across all samples. We computed the surface volume 
mean diameter (Sauter mean diameter, D3,2) for the emulsions depicted 
in Figs. 2 and 3. This metric quantified the tendencies visually observed 
in the histogram (Fig. 4A). For all concentrations of phosvitin, we ob
tained D3,2 values between 2.08 and 2.28 ± 0.7 μm, and for SDS D3,2 
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values between 1.52 and 1.59 ± 0.5 μm. The larger D3,2 values for 
phosvitin confirm the protein’s tendency to associate with larger drop
lets, and the D3,2 for SDS align with the surfactant’s observed preference 
for smaller droplets. For both phosvitin and SDS droplets, the D3,2 values 
do not vary with concentration, indicating that regardless of the 

concentration of the emulsifiers, they adsorb to specific droplet sizes 
ranges (Fig. 4A).

An explanation of these results lies in the events occurring during the 
process of high-pressure homogenization (HPH). In our binary model 
emulsion, both SDS and phosvitin are present in the aqueous phase from 

Fig. 1. Dual-color CLSM imaging of a model emulsion stabilized with 0.15 % w/v SDS and FITC-conjugated phosvitin. A) Phosvitin covalently labeled with FITC 
(green channel), B) Phosvitin antibody covalently labeled with Alexa Fluor 647 (magenta channel), C) Overlay image (green: phosvitin-FITC, magenta: phosvitin 
antibody, white: co-localization of phosphytin-FITC and phosvitin antibody), and D) The zoomed-in areas of the squared regions in A and B. (For interpretation of the 
references to color in this figure legend, the reader is referred to the Web version of this article.)

Fig. 2. Visualization and quantification of phosvitin-covered droplets in low-oil-content emulsions. Re-scan confocal microscopy (RCM) was used to visualize 
phosvitin-coated droplets in emulsions with varying phosvitin concentrations and a constant SDS concentration (1.5 mg/mL). The BODIPY column visualizes all oil 
droplets labeled by BODIPY 493/503 (represented in the green channel), while the antibody column visualizes phosvitin-coated droplets (shown in the magenta 
channel) that were identified using Alexa Fluor 647-labeled primary phosvitin antibodies. The merged column shows the overlay of the antibody and BODIPY 
columns. The Pvt segmentation column demonstrates the result of subtracting the antibody column from the BODIPY column, a step necessary for the segmentation 
of phosvitin-covered droplets due to the noise present in the antibody channel. The BODIPY segmentation column presents the segmentation of all droplets using the 
BODIPY column. As demonstrated, the number of identified droplets covered by phosvitin increases with increasing concentrations of phosvitin. (For interpretation 
of the references to color in this figure legend, the reader is referred to the Web version of this article.)
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the onset of the coarse homogenization step using a high-shear mixer. 
The coarse droplets are likely stabilized by a mix of SDS and phosvitin. 
Subsequently, HPH fragments the pre-homogenized, coarse droplets 
into smaller ones. This fragmentation leads to a rapid increase of the 
total surface area, which needs to be stabilized by emulsifiers. Imme
diately after their formation, the fine droplets have virtually bare in
terfaces prone to coalescence until their surfaces have accumulated a 
sufficient coverage of SDS and/or phosvitin. Moreover, the coalescence 
itself will contribute to the increase of interfacial coverage because the 
coarsening implies a reduction in interfacial area. Since the adsorption 
kinetics of the small molecule SDS is faster than that of the macromol
ecule phosvitin, the small(est) droplets in the size distribution will get 
stabilized by SDS before much phosvitin has adsorbed.

On the other hand, larger droplets coalesce more slowly, thereby 
providing sufficient time for proteins to adsorb. As these droplets coa
lesce, their mixed interfaces of phosvitin and SDS become denser. 

However, while protein adsorption is quasi-irreversible (Jafari et al., 
2008), SDS dynamically exchanges with the bulk, leading to the 
detachment of surplus SDS as the protein concentration increases. This 
process yields larger droplets that are primarily covered by proteins. 
Consequentially, in oil/water emulsions with SDS and phosvitin, phos
vitin plays a more dominant role in the stabilization of larger droplets.

The competition between SDS and phosvitin is shown in Fig. 4B, 
which depicts the SDS area coverage against the concentrations of 
phosvitin. At the lowest concentration of phosvitin, 91 % of the surface 
area is covered by SDS. However, as the concentration of phosvitin in
creases, the proportion of droplet surface area covered by SDS consis
tently decreases. It is important to note that both SDS and phosvitin were 
present at sufficiently high concentrations to cover all droplets 
(Supplementary Material 1). The observed decrease in SDS droplet 
surface coverage with increasing phosvitin concentration indicates an 
inherent competition between these emulsifiers for covering droplet 

Fig. 3. Assessment of inter-droplet heterogeneity and the impact of various phosvitin concentrations, with a constant SDS concentration (1.5 mg/mL), on droplet size 
distribution post-segmentation as obtained from RCM images. The histograms display the relative distribution of SDS-covered droplets (blue bars) versus phosvitin- 
covered droplets (gray bars). Note that phosvitin covered droplets were identified directly in the RCM images, non-covered droplet stained with BODIPY were 
assumed to be covered with SDS only (see text). For clearer comparisons, droplet counts were adjusted to a reference: maximum observed counts of 450 for SDS 
droplets in the 3 mg/mL sample and 40 for phosvitin droplets in the 12 mg/mL sample. Increasing the phosvitin concentrations from 3 mg/mL to 12 mg/mL led to a 
corresponding rise in the proportion of droplets covered by phosvitin, from 10 % (38 out of a total of 400 droplets) to 14 % (54/390), 19 % (71/373), and 25 % (89/ 
358), respectively; The reported droplet counts are based on observations from five different fields of view (FOVs). (For interpretation of the references to color in this 
figure legend, the reader is referred to the Web version of this article.)

Fig. 4. A) Plot of the surface volume mean diameter D3,2 for emulsion samples with varying phosvitin concentrations with a constant SDS concentration (1.5 mg/ 
mL). The circle marker represents the D3,2 for phosvitin, the square marker indicates the D3,2 for SDS. The larger mean D3,2 of phosvitin compared to SDS indicates a 
tendency of phosvitin to associate with larger droplets. B) Plot illustrating the SDS area coverage across various phosvitin concentrations with a constant SDS 
concentration (1.5 mg/mL).
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interfaces within the binary emulsion.

3.4. Quantifying the heterogeneity of droplet coverage at the intra-droplet 
level

Next, we proceeded with STORM to further quantify the intra- 
droplet distribution of phosvitin. The STORM images in Fig. 5A show 
that an increase in the concentration of phosvitin results in an increased 
number of large droplets covered. This experiment validates the findings 
from the RCM experiments showing an increase in the percentage of 
droplets covered by phosvitin with increasing concentration of phosvi
tin. The enhanced spatial resolution of STORM allowed assessment of 
the intra-droplet surface heterogeneity of droplets that were at least 
partially covered with phosvitin. We quantified the spatial heterogene
ity of phosvitin localizations at the surface of single droplets with a 
methodology described previously that uses all localizations in indi
vidual droplets to calculate relative position distances (RPD) 
(Jabermoradi et al., 2024). This approach leads histograms that provide 
a fingerprint of intra-droplet heterogeneity of interfacial coverage 
(Fig. 5B). Qualitatively, there was no significant influence of phosvitin 
concentration on the shape of the histograms. Further, we calculated 
RPD histograms for droplet sizes below and above the average D3,2 value 
which also appeared similar (Supplementary Fig. 7). We used the 
chi-squared test for assessment of significant differences between the 
RPDs shown in Fig. 5 since we deemed it suitable for categorical dis
tributions (Supplementary Table 2). This test did not reveal significant 
differences. For a more quantitative assessment, we calculated the 
relative peak amplitudes Arel - a metric representing the ratio of the first 
peak’s amplitude to the sum of the first and second peaks, for the two 
droplet size populations for each concentration. All relative peak am
plitudes were approximately 0.39, indicating a partially heterogeneous 
distribution of phosvitin (Supplementary Fig. 7). We conclude that 
neither the droplet size nor the concentration of phosvitin affected the 
perceived heterogeneity of the distribution of phosvitin on the droplet 
interfaces of our model emulsions after HPH. The latter finding can be 
explained by the coalescence of smaller droplets formed during HPH. 
During coalescence, SDS is partially expelled from the interface thereby 
leading to an increasing concentration of phosvitin. As such the original 
SDS/phosvitin ratio can lead to similar heterogeneous distributions of 

phosvitin at the interface.

3.5. Impact of low shear treatment on the surface coverage with phosvitin

Finally, we investigated the impact of low-shear treatment, which 
allows for diffusion-assisted exchange of SDS and phosvitin between 
droplet interfaces and with the continuous aqueous phase. For this 
purpose, we selected the binary SDS/phosvitin emulsion with a phos
vitin concentration of 6 mg/mL. Following the initial HPH, the emulsion 
was subjected to low shear using a roller shaker for a duration of 3 days. 
To assess the influence of this processing step on the emulsion, we 
employed STORM before and after low-shear treatment (Fig. 6A).

After the low shear treatment, we saw a reduction in the number of 
phosvitin-covered droplets (Fig. 6B). The redistribution of SDS over the 
droplet surface is visualized in the histograms in Fig. 6C and D. Post low- 
shear treatment, the histogram (Fig. 6D) shows that the distribution of 
SDS-covered droplets remained constant. However, the number of 
phosvitin-covered droplets diminished, indicating that phosvitin was 
displaced by SDS from the droplet interfaces. To verify whether droplet 
coalescence played a role, we calculated the D3,2, which remained 
constant at approximately 1.73 ± 0.56 μm and 1.72 ± 0.61 μm before 
and after low-shear treatment, respectively. Thus, droplet coalescence 
can be excluded to play a role during low shear treatment. We therefore 
attribute the replacement of phosvitin by SDS to a slow equilibration 
towards a more thermodynamically favorable state in which droplet 
interfaces are solely covered by SDS. To ensure that the observed 
decrease in phosvitin coverage was not due to aging of the emulsion, we 
also measured a control sample from the same stock kept at room 
temperature that had not been sheared for three days. Upon imaging the 
control sample, we observed results consistent with Fig. 6A, indicating 
that ageing without shear treatment did not cause a decrease in phos
vitin coverage (Supplementary Fig. 8).

We then quantified the intra-droplet phosvitin distribution at the 
interface for all droplets within the field of view post low-shear treat
ment (Fig. 6E). The relative peak amplitude, Arel for droplet with sizes 
below and above D3,2 were respectively 0.47 ± 0.19 and 0.49 ± 0.18. 
These values are not different from each other, and not significantly 
different from the Arel obtained before the low-shear treatment, with 
values of 0.4 ± 0.14 and 0.35 ± 0.15 for droplet sizes below and above 

Fig. 5. Analysing the intra-droplet heterogeneity of the distribution of phosvitin at droplet interfaces. A) STORM microscopy images of phosvitin at droplet interfaces 
at different concentrations. B) Histograms of normalized relative position distances (RPD) were used to analyze the intra-droplet heterogeneity of the phosvitin 
distribution. RPD distances were normalized and averaged across all droplets for each concentration.
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D3,2, respectively. Our results are in line with previous findings that in 
O/W emulsions the droplet coverage with low molecular weight sur
factants is thermodynamically favored over coverage with proteins. This 
effect can be understood by the stronger ability of low molecular weight 
surfactants to lower surface tension (Nylander et al., 2019; Pugnaloni 
et al., 2004).

This effect was also observed for full mayonnaise subjected to a 
prolonged low shear treatment (Serial et al., 2022). These previous 
findings were, however, mostly underpinned with indirect measure
ments of droplet surfactant coverage, whereas our super-resolution 
approach provides direct visualization with inter- and intra-droplet 
resolution.

3.6. From simplified model systems to investigating more complex food 
systems

Whereas we here focused on a simplified SDS/phosvitin model sys
tem, the general methodology is applicable to more complex food sys
tems. In our recent work on whey protein isolate-stabilized emulsions, 
we employed diffraction-limited fluorescence microscopy revealing 
heterogeneity of oxidized proteins covering micrometer sized oil drop
lets (Yang et al., 2024). The fluorophore used there to target oxidized 
protein residues, CAMPO-AF647 is in principle compatible with the 
STORM approaches used here thereby allowing to super-resolve protein 
localizations at interfaces and to apply the quantitative RPD framework 
(Jabermoradi et al., 2024). We note, that with increasing oil content or 
overall increasing surface area, there are practical limitations in using 
specifically made fluorophores or antibodies. First, a higher oil content 
will lead to optical aberrations that increase in strength the further away 
from the cover slide the sample is illuminated. Here, adaptive optics in 
combination with SMLM microscopy is an option to minimize the effect 
of aberrations (Jabermoradi et al., 2022). Second, premixing of reagents 

before preparing the emulsion could be costly, depending on the mini
mal volume by which the emulsion can be prepared effectively. Third, 
albeit we here successfully employed antibodies against phosvitin, the 
relatively large size of antibodies (5–10 nm) will limit the obtainable 
localization accuracy and thereby the quantitative assessment of phos
vitin copy numbers. Along the same lines, the availability of efficient 
antibodies against proteins of interest is crucial. In some preliminary 
experiments, we have successfully tested the primary human apoB 
mouse antibody targeting apoproteins in egg yolk in combination with 
fluorescently labeled, secondary mouse antibodies (data not shown). 
Ultimately, we believe that the spatially and temporally resolved map
ping of emulsifiers can guide the formulation of emulsions by offering 
clear readouts of properties that are otherwise difficult to assess.

4. Conclusion

Phosvitin-binding affimers that were specifically raised against 
phosvitin in a phage display, did not show sufficient specificity at the at 
the oil-water interface of HPH manufactured SDS/phosvitin model 
emulsions. In contrast, phosvitin-binding antibodies showed the 
required high specificity for localization at droplet interfaces. Re-scan 
confocal microscopy revealed that for HPH manufactured O/W model 
emulsions a bimodal droplet size was obtained wherein small droplets 
were solely covered by SDS and large droplets predominantly by phos
vitin. This inter-droplet heterogeneity in the coverage of droplets was in 
line with the time-evolution of the emulsifier coverage of droplet in
terfaces during HPH. STORM indicated that the concentration of phos
vitin did not affect the intra-droplet distribution at the droplet interface. 
STORM also provided a direct visualization of the redistribution of 
phosvitin upon low shear treatment, which hitherto could only be 
inferred from indirect measurements. Our RCM- and STORM-based ap
proaches allow a direct and quantitative view on the intricate balance 

Fig. 6. Impact of low shear treatment (A,C before low shear treatment; B,D,E after) on phosvitin droplet surface coverage relative to SDS, obtained from a single field 
of view (FOV). Note that phosvitin covered droplets can be identified directly in STORM images, non-covered droplets are assumed to be covered with SDS (see text). 
A) Merge of the STORM image (magenta channel) and the bright field of the emulsion sample before low shear treatment. The total number of droplets covered by 
SDS is 256. B) Same as in A with a total of 273 droplets covered by SDS, but after low shear treatment. The histograms display the relative distribution of SDS-covered 
droplets (blue bars) versus phosvitin-covered droplets (gray bars) C) Before low shear treat ment, and D) After low shear treatment. E) Histograms of the normalized 
RPD to examine the heterogeneity of phosvitin distribution post low-shear treatment. RPD distances were normalized and averaged across all droplets within the field 
of view. (For interpretation of the references to color in this figure legend, the reader is referred to the Web version of this article.)
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between kinetic and thermodynamic forces governing the intra- and 
inter-droplet interfacial distribution of proteins, paving the way for new 
studies in the realm of research on food emulsions.
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