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3. Institutional collaboration in academia is a double-edged sword.

4. Increasing pressure to innovate conflates the concepts of conjecture, hypothesis and
theory in academic research.

5. Curbing overconsumption in society means fighting against our inherent instincts.

6. Discourse on gender identity benefits from scientific input on sex determination.
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Chapter 1

General introduction







Chemical signalling and pheromones

Chemical signalling involves sending and receiving chemical information in the form of
infochemicals (Dicke & Sabelis, 1988). It is the oldest and most universal form of
communication and occurs at all levels of biological organization (Wilson, 1970). This includes
the regulation of cells and organs within plants and animals as well as the ecological
interactions between individual organisms. Semiochemicals comprise a whole range of
chemical substances. One such group comprises the pheromones (from Greek pherein to bear
and hormén to stimulate), which have evolved in one individual to elicit a behavioural
response in another individual of the same species (Wyatt, 2014). Although chemical signalling
has been recognized in animals for some time, it was the German biochemist Adolf Butenandt
who was the first to identify a pheromone (bombykol) in 1959 (Butenandt et al., 1961). Since
this discovery, research has identified pheromones throughout the animal kingdom, ranging
from algae, yeasts and bacteria to crustaceans, fish and mammals (Wyatt, 2014). But also,
significantly, in insects.

Pheromone communication in insects

The most sophisticated form of pheromone communication can arguably be found in insects.
Edward O. Wilson and William Bossart divided insect pheromones into two types: releasers
and primers (Wilson & Bossert, 1963). Releasers are pheromones that elicit a specific and
immediate behavioural response, whereas primers induce long-term physiological responses.
Releaser pheromones are not only known as sex attractants, but are also utilized for a range
of other functions, such as aggregation, dispersion, alarm, tracking, marking, egg-laying,
recruitment and for brood- and cast-recognition (Wyatt, 2014). Insect pheromones are
produced in various specialized secretory glands distributed throughout the body (Tillman et
al., 1999). There is evidence that most insect pheromones evolved from chemical precursor
compounds that were either metabolic by-products or had a non-communicative function
(Stokl & Steiger, 2017). These precursor compounds originate from normal metabolic
pathways, such as fatty-acid and isoprenoid synthesis (Tillman et al., 1999). This sender-
precursor hypothesis predicts that pheromones can evolve from any compound that is
released by one individual and detected by another of the same species.

Compounds evolve into pheromones when the receiver is able to detect the biochemistry of
the compound and to associate it with a specific condition, such as the identity and presence
of the sending individual (Steiger et al., 2011; Wyatt, 2014). Insects have evolved specialized
sensory organs and chemosensory receptors to perceive pheromones. Darwin was one of the
first to recognize the pheromone-detecting capabilities of the antennae of male moths
(Darwin, 1871). A number of male moths have evolved elaborate bipectinate antennae that
are more sensitive to lower quantities of the female sex pheromone. The great flexibility of
the insect olfactory system means that any type of chemical compound can be detected and
potentially evolve into a pheromone (Wyatt, 2014). Sensitivity to these chemosensory stimuli



can therefore evolve to exploit chemical compounds that possess a signal value to the
receiver. If perceiving these compounds leads to greater reproductive success or survival,
sexual selection can work on improving selectivity and sensitivity in the receiver, and
increasing pheromone production in the sender. This process ultimately results in assortative
mating and sexual dimorphism, where mate choice is based on sender-receiver preferences
(Buchinger & Li, 2023; Johansson & Jones, 2007; Steiger & Stokl, 2014).

Sexual differentiation in pheromone communication

The process of sexual differentiation literally means the development of differences between
sexes of the same species. This process leads to sexual dimorphism, where males and females
exhibit dissimilar morphological traits other than their sexual organs. Sexual differentiation in
pheromone communication determines the sex-specific behavioural and physiological
responses to pheromones. Males and females may produce different pheromones and have
distinct chemosensory receptors to perceive them, or they may produce the same pheromone
and have the same receptor, but a sexually dimorphic neural circuit to process the
information. Sexual differentiation in these traits is regulated by the sex-determination
pathway (Figure 1) (Billeter et al., 2006a; Rideout et al., 2006; Ferveur et al., 1997; Savarit &
Ferveur, 2002). This pathway is initiated by a primary signal, which is transduced by instructor
genes to a conserved splicing factor required for sexual differentiation (Saccone, 2022). While
primary signals are extremely diverse among insect species, genes further downstream are
widely conserved in terms of their function and position in the cascade (Gamble & Zarkower,
2012; Sanchez, 2008; Wilkins, 1995). Accordingly, most insect species share a common sex-
determination mechanism, comprising a conserved binary switch or splicing-factor gene,
called Transformer (Tra), and the transcription-factor gene, Doublesex (Dsx) (Verhulst et al.,
2010b; Verhulst & van de Zande, 2015). Instructive primary signals either turn Tra ON for
female differentiation or OFF for male differentiation (Bopp et al., 2014).

The sex-determination pathway in insects

In most insects, the ON-OFF regulation of Tra results from its sex-specific alternative splicing
(Bopp et al., 2014). Only female-specific splicing of Tra mRNA (TraF) yields a functional protein
(TRA), whereas in males a non-functional truncated protein is produced (Verhulst et al.,
2010b). The primary instructor signals that regulate the splicing of Tra are extremely diverse
and species-specific. Examples of these signals include the X-linked signal elements (XSEs)
communicating the X-chromosome dose in Drosophila, piwi-interacting RNA (piRNA) in
Lepidoptera and Wasp overruler of masculinization (Wom) in Nasonia (Figure 1) (Laslo et al.,
2023).

Transformer functions as a splicing factor of the conserved gene Dsx and has been shown to
splice other genes, such as Fruitless (Fru) in Drosophila melanogaster. The pre-mRNA of Dsx
and Fru is a target for the TRA protein, which is only present in females and regulates female-



specific splicing, resulting in female differentiation. In males, the absence of the TRA protein
results in male-specific splicing of Dsx and Fru pre-mRNA and consequently in male
differentiation (Ryner et al., 1996; Verhulst et al., 2010b) Both male- and female-specific
splicing of Dsx result in functional DSX proteins, whereas in D. melanogaster it has been shown
that only male-specific splicing of Fru results in a functional FRU protein (Ryner et al., 1996).
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Figure 1: The sex-determination pathway in insects.

Insects possess different sex-determination systems, such as XY chromosomes in Diptera, ZW chromosomes in
Lepidoptera and haplodiploidy in Hymenoptera. The upstream signalling elements in these systems vary widely
among insects. The primary instructor signals are the sex-determining signals. These include Male determiner
(Md), Maleness-on-the-y (Moy), X-linked signal elements (XSEs), piwi-interacting RNA (piRNA), Wasp overruler of
masculinization (Wom) and Complementary sex determiner (Csd). Primary signals are transduced to conserved
splicing-factor genes, Transformer (Tra) in Diptera and Hymenoptera and Masculinizer (Masc) in Lepidoptera.
The splicing factors TRA and MASC regulate the splicing of Doublesex (Dsx) and potentially Fruitless (Fru). Dsx and
Fru encode for transcription factors that activate or repress the sex-biased expression of downstream genes.

The transcription-factor genes Dsx and Fru have been shown to regulate morphological and
behavioural sexual differentiation in insects. These transcription factors either activate or
repress the sex-biased expression of their target genes by binding to cis-regulatory elements
(Neville et al., 2014; Verhulst & van de Zande, 2015). Doublesex regulates the sexual identity
of cells when required, by determining their function and morphology in both males and



females (Verhulst & van de Zande, 2015). Fruitless, on the other hand, plays a male-specific
role in D. melanogaster (Demir & Dickson, 2005; Gailey et al., 2006). Both genes are important
for regulating biosynthesis, chemoreception and neural circuits in insect pheromone
communication (Bray & Amrein, 2003; Kimura et al., 2008; Kurtovic et al., 2007; Shirangi et al.,
2009; Sun et al., 2023a; Zhou et al., 2014). It can therefore be postulated that sexual
dimorphism in the production and perception of pheromones is attributed to the sex-specific
regulation of genes by DSX and FRU.

Focus area and knowledge gap

Given the significant role that DSX and FRU play in regulating biosynthesis, chemoreception
and neurodevelopment in pheromone communication, research on how these transcription
factors regulate these pathways has primarily been limited to the model organism Drosophila.
However, this species utilizes a so-called dedicated labelled-line system to perceive and
process pheromones (Keesey & Hansson, 2021; Kurtovic et al., 2007). Other insects, including
Hymenoptera, have evolved a combinatorial-coding system to discriminate pheromones
(Brandstaetter & Kleineidam, 2011; Carcaud et al., 2015; Couto et al., 2017, 2023; d’Ettorre et
al., 2017; Galizia & Rdossler, 2010; Joerges et al., 1997; Marty et al., 2025; McKenzie et al.,
2016; McKenzie & Kronauer, 2018; Sandoz et al., 2007; Wang et al., 2008; Yamagata et al.,
2006; Zube et al., 2008).

Previous research in Diptera and Lepidoptera provides evidence that these insects perceive
pheromones through dedicated neural circuits, called labelled lines (Galizia, 2014; Haverkamp
et al., 2018; Hildebrand & Shepherd, 1997; Keesey & Hansson, 2021; Kurtovic et al., 2007;
Touhara & Vosshall, 2009). The pheromone receptors in these species are narrowly tuned to
the individual components of a pheromone blend and correspond to specialized glomeruli in
the antennal lobe, for example the macroglomerular complex in male moths. It has been
asserted that this labelled-line coding system has typically evolved for processing those
compounds with a high ecological relevance, such as pheromones (Haverkamp et al., 2018;
Keesey & Hansson, 2021). However, labelled lines are not a prerequisite for processing
pheromones, as other insects use broadly tuned receptors for specific pheromone compounds
that activate multiple glomeruli in the antennal lobe.

Pheromone coding in Hymenoptera utilizes a system in which a single pheromone compound
can activate combinations of pheromone receptors and glomeruli (Brandstaetter &
Kleineidam, 2011; Carcaud et al., 2015; Couto et al., 2017, 2023; d’Ettorre et al., 2017, Galizia
& Rossler, 2010; Joerges et al., 1997; Marty et al., 2025; McKenzie et al., 2016; McKenzie &
Kronauer, 2018; Sandoz et al., 2007; Wang et al., 2008; Yamagata et al., 2006; Zube et al.,
2008). This system is called combinatorial coding and has evolved to meet the increased
demand for olfactory discrimination to negotiate their intricate life histories, such as
parasitoidism and sociality. Hymenoptera are examples of insects with pheromone blends that
display a high degree of complexity, in particular in their cuticular hydrocarbon (CHC) profiles.



CHCs are long-chain lipids found on the cuticle of insects and function as desiccation barriers
and pheromones (Chung & Carroll, 2015). They comprise an extensive range of compounds
that vary in number and position of methyl groups, saturation and chain length (Kather &
Martin, 2015). Combinatorial coding is utilized in Hymenoptera to process their complex
pheromone blends (Brandstaetter & Kleineidam, 2011; Couto et al., 2017, 2023; d’Ettorre et
al., 2017; Marty et al., 2025; McKenzie et al., 2016; McKenzie & Kronauer, 2018). However,
how this coding system evolves at the molecular level of sex determination remains unknown
in these species. Elucidating these genetic mechanisms would therefore provide a more
complete picture of the forces driving evolutionary transitions in insect pheromone
communication.

Thesis objective

The main objective of this thesis is to elucidate the genetic mechanisms by which sexual
differentiation regulates pheromone communication of the parasitoid wasp Nasonia
vitripennis. | investigated the role that sex determination plays in regulating pheromone
production and perception in this model species. For this, | silenced the genes responsible for
male and female differentiation with RNA interference (RNAI): Dsx in males and Tra in females.
| first determined the function of these genes in regulating pheromone perception by
analysing the development of sensilla on the insect antennae with scanning electron
microscopy, the formation of glomeruli in the antennal lobe with neural-tracing protocols and
the downstream neurodevelopmental genes involved. | then turned to pheromone production
and utilized state-of-the-art gas chromatography mass-spectrometry (GC-MS) to identify
sexual dimorphism in the CHC profile and the downstream biosynthetic genes involved.

Study system

Nasonia vitripennis

Nasonia vitripennis (Hymenoptera: Pteromalidae), commonly known as the jewel wasp, is one
of four closely related species of the Nasonia genus (Darling, 1990). It is a generalist
ectoparasitoid of the pupae of various fly hosts, such as blowflies, flesh flies and houseflies
(Raychoudhury et al., 2010). Like all other Hymenoptera, N. vitripennis has a haplodiploid
mating system, in which males develop from unfertilized haploid eggs and females from
fertilized diploid eggs (Whiting, 1967). Its haplodiploid genetics, short generation time,
laboratory tractability and availability of closely related species has made it a suitable model
species among parasitoid wasps (Werren & Loehlin, 2009b). Consequently, N. vitripennis has
been used in genetic research for more than half a century (Werren & Loehlin, 2009b; Whiting,
1967) and is one of the best understood species in the area of chemical communication (Mair
& Ruther, 2019). The genome of N. vitripennis has also been fully sequenced and annotated
(Benetta et al., 2020; Werren et al., 2010), and the growing body of genetic resources makes
it an ideal system for analysing how pheromone communication has evolved (Lynch, 2015).



Chemical ecology of N. vitripennis

Numerous studies have identified a whole range of pheromones used by N. vitripennis at
various stages of its life cycle (Mair & Ruther, 2019; Niehuis et al., 2011, 2013). Males use an
abdominal sex pheromone to scent-mark territories and attract females after emerging from
the host (Ruther et al., 2007). They subsequently recognize females as potential mating
partners based on their CHC profile (Steiner et al., 2006). The female CHC profile elicits
courtship in males, during which the male releases an oral sex pheromone from its mandibular
glands to induce receptivity in the female (Van den Assem, 1980). Females discriminate
between conspecific and heterospecific males based on differences in this oral sex
pheromone. After copulation, the male performs post-copulatory courtship, causing a switch
in female olfactory preference (Ruther et al., 2007, 2010; Ruther & Hammerl, 2014). Mated
females are no longer attracted to the male abdominal sex pheromone and switch to host-
seeking behaviour. Host-habitat cues are subsequently used by females to locate potential
hosts. Females then assess host quality through chemical inspection with their ovipositor
(Blaul & Ruther, 2011; Frederickx et al., 2014; King & Rafai, 1970).

Sex determination in N. vitripennis

With its genome fully sequenced and annotated, N. vitripennis has emerged as the genetic
model for all parasitoid wasps (Benetta et al., 2020; Werren et al., 2010). The Tra and Dsx
genes in this species have been identified and characterized as orthologs of Tra and Dsx in
Drosophila (Oliveira et al., 2009; Verhulst et al., 2010a). This indicates that these genes have a
similar role in the sex-determination cascade of both species. The Fru gene and its splice
variants have also been identified in N. vitripennis (Bertossa et al., 2009), but it remains
unproven whether this gene is spliced by Tra. Male and female N. vitripennis are easily
distinguishable based on sexually dimorphic traits, such as leg and antennal pigmentation and
wing size. Studies have shown that silencing Dsx in males causes feminization by suppressing
the sexual signal for male differentiation (Wang et al., 2022a). This results in males developing
female-like characteristics, including dark leg and antennal pigmentation and longer wings.
Females do not develop the reverse phenotypic effects after silencing Dsx, although the
efficiency of RNAI in these tests was low (Wang et al., 2022a). Conversely, silencing Tra in
females results in male-specific splicing of Dsx and suppresses the signal for female
differentiation, causing morphological masculinization (Verhulst et al., 2010a). Studies have
also shown that Dsx regulates the production of various pheromones that affect both male
and female mating behaviour (Wang et al., 2022b). | will now further delineate the research
objectives of my thesis in the following paragraphs.



Thesis outline

Insects have evolved specialized sensory systems and neural circuits to perceive and process
pheromones within a dynamic olfactory environment. In Chapter 2, | present a comprehensive
literature review, in which | reflect on the diversity of chemosensory adaptations that have
evolved to increase the sensitivity to sex pheromones. | also explore the underlying sex-
determination mechanisms that regulate sexually dimorphic neural-circuit development. |
specifically focus on the insect antennal lobe, the primary olfactory-processing centre, and
discuss differences in the development of olfactory glomeruli between insect orders.

Hymenoptera have evolved sexually dimorphic adaptations in their olfactory system to
process complex pheromone blends. These adaptations include specialized sensilla on the
antennae, an expansion in the olfactory-receptor repertoire and an increase in the number of
antennal-lobe glomeruli. In Chapter 3, | focus on sexual dimorphism in the olfactory system of
N. vitripennis and the role of the sex-determination genes Tra and Dsx. | analyse the sex-
specific regulation of olfactory sensilla and the organization of glomeruli in the antennal lobe.

In insects, there is a one-to-one relationship between the number of olfactory receptor genes
and the number of glomeruli in the antennal lobe (Couto et al., 2005; Fishilevich & Vosshall,
2005; Kurtovic et al., 2007; Vosshall, 2000). Olfactory receptor genes are expressed in olfactory
sensory neurons (OSNs). Hymenoptera depend heavily on OSN innervation for glomerular
development. In Chapter 4, | analyse the function of Olfactory-receptor co-receptor (Orco), a
conserved chemosensory gene downstream of Dsx, which is known to play an important role
in glomerular development in Hymenoptera.

Parasitoid wasps have evolved some of the most complex CHC profiles among insects. Species
such as N. vitripennis depend on CHCs for close-range pheromone communication. However,
knowledge on the genetic mechanisms regulating sexual dimorphism in the CHC profile has
predominately been limited to the model organism Drosophila, which uses a different coding
system to process pheromones. In Chapter 5, | investigate how the sex-determination
pathway generates sexual dimorphism in the CHC profile of N. vitripennis. For this, | focus on
the specific function of TRA, the splicing factor of Dsx (and possibly of Fru).

Sexual dimorphism in the insect CHC profile originates from the sex-specific regulation of
biosynthetic genes. The enzymes that these genes encode convert fatty-acid precursors into
CHC compounds and evolve relatively rapidly between closely related species. In Chapter 6, |
investigate a group of such rapidly evolving biosynthetic genes downstream of Dsx. | analyse
the role that these genes play in generating sexual dimorphism in the CHC profile of N.
vitripennis and in producing pheromones for mate recognition.



In Chapter 7, | interpret the key findings of this thesis and contextualize them within the
existing body of knowledge on insect sexual differentiation. | reflect on the experimental
research carried out for this thesis and discuss how the process of sexual differentiation,
neurodevelopment and biosynthesis are closely interlinked with the evolution of pheromone
communication in parasitoids. | also discuss how sexual differentiation is integral to the
evolution of pheromone communication in Hymenoptera, specifically to the combinatorial
coding of pheromones in these species. | finalize this chapter by elaborating on the
implications and future directions of my research within the areas of evolutionary
developmental biology, neuroethology and biological control.
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Chapter 2

A unique sense of smell: development and
evolution of a sexually dimorphic

antennal lobe - a review
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Abstract

Pheromones are pivotal to sexual communication in insects. These chemical signals are
processed by sexually dimorphic circuits in the antennal lobe (AL) of the insect brain.
However, there is limited understanding of how these circuits form during AL
development. Our review addresses this issue by comparing how circuits develop
throughout the growth processes of peripheral and deutocerebral neurons in various
insect orders. Olfactory sensory neurons (OSNs) expressing novel pheromone
receptors are eligible candidates to initiate new sexually dimorphic circuits when these
OSNs survive programmed cell death and match the physiological properties of
pheromone-sensing sensilla. The probability of these OSNs forming new glomeruli is
largely determined by the degree of glia-OSN interactions and projection neuron (PN)
prepatterning. The relative contribution of either of these processes determines the
degree of evolutionary neuroplasticity, which is particularly prevalent in those species
with complex ALs lacking specific macroglomerular structures. The extent of sexual
dimorphism is determined by sex-determination genes, such as Doublesex and
Fruitless, that regulate factors inducing OSN programmed cell death. Currently, these
mechanisms are largely unexplored. This review, therefore, aims to provide a solid
foundation for ongoing research into the evolution of AL sexual dimorphism and
formation of pheromone circuits in the light of insect sex determination.



Introduction

Well-defined neural circuits in the invertebrate nervous system have long served as model
systems to address fundamental questions in neuroscience (Kandel, 2001; Masse et al., 2009).
The insect antennal lobe (AL), in particular, possesses highly specialized and well-defined
neural circuits ideal for examination. In this review, we will assess how developmental
processes in this brain region contribute to the evolution of sexually dimorphic pheromone
circuits within insects.

Insect neurobiologists have long been fascinated by the curious anatomy of the AL, not only
by its synaptic organization, but also by the functional properties of its neurons. Each AL
neuron has a defined role in processing information. When combined, these neurons
reconstruct the complex olfactory world of an insect (Hansson & Anton, 2000). The extensive
variety in neuronal composition and AL organization reflects numerous lifestyle and
behavioural adaptations to chemical environments (Boeckh & Tolbert, 1993; Chou et al.,
2010a; Spletter et al., 2010; Kollmann et al., 2016). The AL is the primary olfactory-processing
centre where olfactory sensory neurons (OSNs) from the antennae form synapses with
projection neurons (PNs) of higher brain centres to produce spherical neuropils, called
olfactory glomeruli (Figure 1). These can range from hundreds of microglomeruli as found in
locusts (Ignell et al., 2001) to voluminous glomerular islets as seen in moths (Anton &
Homberg, 1999). In addition to these inter-taxonomic variations, insect ALs also show sexual
dimorphism in the structure, number, and volume of glomeruli, which in turn adds to the
diversification of insect species (Arnold et al., 1985; Kondoh et al., 2003; Roselino et al., 2015;
Rospars & Hildebrand, 2000). Sex-specific pheromonal glomeruli, for example, are finely
tuned to process spatiotemporal information of a limited number of compounds (Agarwal &
Isacoff, 2011). The question remains how these sexually dimorphic differences evolve within
the conventional blueprint of AL development.

Records show that the insect brain and, more specifically, the process of insect olfaction have
been the source of intrigue among biologists for at least the past 200 years. The French
biologist Félix Dujardin was not only the first to identify the mushroom bodies (corpora
pedunculata) in Hymenoptera and to consider them as the seat of insect intelligence, he also
produced revealing illustrations of the honeybee brain that include globular structures we
now know as antennal lobes (Dujardin, 1850). These dense AL masses at the base of insect
antennae were later described by Leydig (1864) and Rabl-Riickhard (1875) as non-nucleated
cells. However, it was Dietl (1876) who more correctly classified these structures as olfactory
bodies. In an unpublished communication (1874) to the Kielers Physiologische Vereins, the
German amateur neurobiologist Johann Flégel also drew attention to the fact that these
structures are indeed not cells. FIégel was the first to discover that the ALs are composed of
small ball-like elements (Flogel, 1878) or, in his words, Geruchskérper (scent bodies). He also
identified tracts connecting the ALs to the calyces of the mushroom bodies and observed a



proportional relationship between the size of the calyx and the number of AL scent bodies.
Four years later, Bellonci (1883) went on to name these ‘scent bodies’ olfactory glomeruli
(Glomeruli olfactorii) and also made the significant assertion that the olfactory lobes and
glomeruli in lower vertebrates are homologous to the ALs and glomeruli in insects.

Projection
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Figure 1: Overview of the insect antennal lobe (AL) and the neuronal composition of olfactory glomeruli.
A glomerulus is composed of olfactory sensory neurons (OSNs), projection neurons (PNs), and local interneurons
(LNs).

The term ‘glomerulus’” was next mentioned in the illustrated studies of French
neuroanatomist Henri Viallanes, who used the word in his paper on the locust brain
(Viallanes, 1887). Viallanes proposed a new classification of the insect brain, appointing the
AL and the antennal and accessory nerves to the deutocerebrum. He also confirmed Flogel’s
observations of neuronal tracts connecting the AL to the cups of the mushroom bodies. A
decade later, F.C. Kenyon verified these connections by using Golgi’s method of silver
chromate staining and determined the production of olfactory glomeruli through tuft-like
terminations of afferent antennal fibres (Kenyon, 1896). These are the first steps in identifying
glomeruli as distinct olfactory-processing units in the insect AL.

The earliest accounts of AL sexual dimorphism in insects coincide with the discovery of
enlarged glomeruli. In 1924, F. Bretschneider was the first to describe conspicuous sex-
specific glomeruli in moths. He observed that male oak egger moths display several enlarged
glomeruli where the antennal nerve fibres enter the AL (Bretschneider, 1924). Koontz &



Schneider (1987) later identified these enlarged glomeruli in males as processing neuropils
for female sex pheromones. Since Bretschneider’s discovery, similar enlarged glomeruli have
been determined in other insect species: cockroaches (Boeckh et al., 1987; Jawlowski, 1948;
Neder, 1959), bees (Arnold et al., 1984; Brockmann & Briickner, 2001), ants (Kleineidam et
al., 2005; Nishikawa et al., 2008), flies (Kondoh et al., 2003), and moths (Anton & Homberg,
1999). More recently, this glomerular mass was coined a ‘macroglomerulus’ for a single
glomerulus (Boeckh & Boeckh, 1979) and a ‘macroglomerular complex’ (MGC) for multiple
glomeruli (Hildebrand et al., 1980). Functional subdivisions have been identified in the MGC
as separate pheromone-processing regions (Hansson et al., 1991), demonstrating how sex-
specific glomeruli have evolved to process pheromone blends.

Glomerular development depends on the growth processes of OSNs and deutocerebral
neurons, following a genetically fixed programme. Olfactory sensory neurons expressing
specific pheromone receptors project their axons to sexually dimorphic glomeruli or
glomerular clusters (Hansson et al., 1992). Projection neurons, on the other hand, connect
the glomeruli through conserved tracts to the higher brain centres in the lateral
protocerebrum. This connectivity occurs almost universally in insects and constitutes a
genetic ground plan for connecting glomeruli (Strausfeld et al., 2009), although the precise
molecular mechanisms underlying the development of sexually dimorphic AL circuits have yet
to be fully determined. Research, however, has revealed that sex-specific glomeruli develop
in response to sex-determination transcription-factor genes, such as Doublesex (Dsx) and
Fruitless (Fru) (Cachero et al., 2010; Kimura et al., 2008; Zhou et al., 2014). These sex-specific
mechanisms are integrated in AL development and could drive the evolution of novel sexually
dimorphic circuits.

In this review, we examine and evaluate the current consensus on the evolution of AL sexual-
dimorphism and pheromone processing. We analyse developmental principles, from receptor
expression and sensillum specialization to AL synaptic innervation, and compare their relative
contribution to the glomerular development in various species. We assess how specialized
sensilla give rise to novel OSN-glomeruli associations and how OSN-afferents are sorted
through pioneering sensory neurons. We subsequently look at how the intricate interactions
between OSN sorting, glia proliferation, and PN patterning are related to glomerular
development. Each OSN expresses olfactory receptors (ORs) that form functional sensing
units with the highly conserved Olfactory-receptor co-receptor (Orco) gene. The role of the
latter in glomerular development is also discussed in this review. Sex-determination
mechanisms are finally evaluated to present a framework for ongoing research into these
processes at different levels of AL development.



Sexually dimorphic antennae

It can be a daunting task for a diminutive invertebrate to navigate a complex chemical world,
continuously being confronted by an infinite number of odour blends. As a result, insects have
evolved remarkable peripheral adaptations to filter background noise and transduce relevant
cues to reliable signals (Hansson & Stensmyr, 2011). The olfactory-receptor repertoire has
evolved from very few receptors in primitive arthropods to a highly divergent receptor
superfamily that is specifically adapted to an insect’s chemical environment (Clyne et al.,
1999; Missbach et al., 2014; Robertson et al., 2010). An insect’s distinct environment is
perceived by specific receptor repertoires, which aid insects in fulfilling behaviour crucial to
their survival (Carey et al., 2010; Gardiner et al., 2008; Stensmyr et al., 2003), such as finding
mates, foraging for food, and selecting suitable oviposition sites. Olfactory receptors are
expressed in OSNs that are encapsulated by specialized sensory organs, the antennal sensilla
(Zacharuk, 1980). These small hair-like structures protruding from the antennal cuticle are
efficiently equipped to capture and transport chemical compounds to the OSN membrane
(Steinbrecht, 1997).

The striking morphological diversity of insect sensilla makes it possible to classify them into
types, the most common of which are trichoid (hair-like) (Figure 2A), placoid (plate-like)
(Figure 2C), basiconic (cone-like), and coeloconic (peg-like) (Schneider & Steinbrecht, 1968).
Chemosensing sensilla are further subdivided according to the presence of pores
(Steinbrecht, 1997), where uniporous sensilla are responsible for contact chemoreception or
gustation and multiporous sensilla for olfaction. The diverse shapes and distributional
patterns of sensilla reflect diverse sensory modalities and occasionally take the form of
extreme specialized morphologies (Schneider, 1964). Sensillum specialization for pheromone
detection can sometimes be visible, even to the naked eye, and gives rise to conspicuous
sexual dimorphisms in the shape and size of antennae (Steinbrecht, 1987). However, there
can also be distinct sexually dimorphic differences in the number and distribution of sensillum
types (Figure 2A, 2C), which exemplify sexual differences in olfactory life histories. Or, simply
put, a sex-specific sensillum repertoire to perform sex-specific behaviour.

Antennal sexual dimorphism is epitomized in certain moth species. Male saturniid moths, for
example, possess conspicuous trichoid sensilla to reflect their predisposition to trace odours
of female mates. Up to 50,000 of these pheromone-detecting sensilla utilize much of the
antennal surface area to maximize detection of the female’s volatile pheromone (Boeckh et
al., 1960). A predominance of a certain sensillum increases the number of receptors tuned to
the specific pheromone and improves antennal sensitivity by lowering the response threshold
to the pheromone molecules (Kaissling & Priesner, 1970). Similar quantitative adaptations,
though less visually apparent, have also been observed in Hymenoptera species, as in the
greatly increased number of pore plates in drone honeybees (Esslen & Kaissling, 1976). These
pore plates contain OSNs expressing general food receptors as well as specific receptors for



the queen substance and scent-gland odours (Nasonov’s gland) (Kaissling & Renner, 1968;
Vareschi, 1971). The pore plates bear a close structural relationship with trichoid sensilla
(sensilla trichodea curvata) in Formica ants, which are basically pore plates lifted from the
antennal cuticle (Walther, 1981). It would appear that in Hymenoptera both types can
transmute into each other and therefore share common developmental features. Such a
bimodal relationship could be regulated through a sex-differentiating switch mechanism,
repressing one morphological state while activating the other. Silencing transcription-factor
genes such as Dsx, or changing this gene’s sex-specific splicing, could therefore result in a
reversion to either placoid or trichoid morphology (Chapter 3).
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Figure 2: Sexual dimorphism in olfactory sensilla and glomerular arrangement in a parasitoid wasp.

A: Olfactory sensilla of a male parasitoid wasp highlighting the presence of sensilla trichodea (ST). B: Cross
section of a trichoid sensillum, comprising two mature functional olfactory sensory neurons (OSNs) and one OSN
that has survived programmed cell death. Redundant OSNs are eliminated through programmed cell death
during neural development. OSNs surviving programmed cell death are eligible candidates to evolve novel
pheromone receptors (PRs) from olfactory receptors (ORs) through gene duplication. C: Olfactory sensilla of a
female parasitoid wasp, highlighting the higher abundance of sensilla placodea (SP) relative to the male. D: Cross
section of a placoid sensillum, comprising six functionally related OSNs. The OSNs possess ORs that bind to
functionally related odours. ORs specializing in a specific subset of odours correspond to clustered glomerular
regions in the insect antennal lobe (AL).

Sensillum sexual dimorphism, while numerically conspicuous in one taxon, can be obscurely
visible in others and still determine important chemosensory properties. Male and female
Bombyx mori moths differ slightly in the number of trichoid sensilla (Steinbrecht, 1970), but
differ quite significantly in the properties of the two OSNs in the trichoids. In males, these



OSNs respond to the pheromones bombykol and bombykal, whereas in females these OSNs
are unresponsive to these substances (Kaissling et al., 1978). Transgenetic studies have
expressed the moth’s bombykol receptor in ‘empty neurons’ from Drosophila basiconic
sensilla, but observed a low sensitivity compared to the native trichoid sensilla on the moth’s
antennae (Syed et al., 2010). However, expression of the moth’s bombykol receptor in the
Drosophila trichoid system yielded a sensitivity comparable to the moth’s native trichoids,
suggesting this to be a more suitable habitat for the moth’s bombykol receptor. Pheromone
sensitivity of OSNs therefore seems to be closely associated with the structural, biochemical,
and biophysical properties of their corresponding sensillum. Specialized subpopulations of
pheromone-sensing neurons are located in specialized sensilla specifically programmed for
pheromone detection (Ha & Smith, 2006). These sensillum-specific neural subpopulations not
only differ between sexes, but also show a functional and topographical segregation in the AL
(Figure 2D).

A specialized sensillum subsystem

Antennal lobe architecture depends on the variety of sensillum morphologies. Chemosensing
sensilla and their corresponding OSNs are often distinctly distributed on antennal segments
(de Bruyne et al., 2001; Stocker, 2001; Vosshall et al., 1999) and can be traced simultaneously
to distinct regions of the AL (Couto et al., 2005; Gao et al., 2000; Grabe et al., 2016). The major
pheromone-sensing neurons in Drosophila are located in specific trichoid sensilla, which are
marginally more abundant in males (Xu et al., 2005). The pheromone-sensing neurons of
these trichoids respond to the courtship volatile cis-vaccenyl acetate (cVA) (Van der Goes van
Naters & Carlson, 2007) and project their axons to two sexually dimorphic glomeruli (Datta et
al., 2008), which are also significantly larger in males (Kondoh et al., 2003). In the cockroach
Periplaneta americana, basiconic sensilla project OSNs to an MGC composed of two
immediately adjacent glomeruli (Watanabe et al., 2012). Likewise, in the hawkmoth Manduca
sexta, OSNs from male-specific trichoid sensilla project their axons exclusively towards the
MGC (Christensen et al., 1995). The axons from trichoids on the dorsal side of the moth’s
antennae are projected towards the medial region, whereas axons from ventral trichoids
project towards lateral areas. Finally, social Hymenoptera species typically utilize a sensillum
subsystem for perceiving colony cues and pheromones, as well as odours associated with
foraging (Couto et al., 2017; Kropf et al., 2014; Ozaki et al., 2005). Sensory neurons capable
of detecting these compounds are typically located in basiconic sensilla usually present in only
one of the sexes.

Whatever strategy is used, it is evident that numerous insects employ a specialized sensillum
subsystem containing distinctive physiological features that corresponds to spatially
segregated glomeruli in the AL, whether these form an MGC or a cluster of regular glomeruli.
This functional correspondence between a sensillum, OSN and glomerulus results in a
functional segregation of pheromonal and non-pheromonal afferents in the antennae,



although further research needs to be carried out to determine how this segregation actually
takes place and which molecular mechanisms are responsible for it. Before entering the AL,
OSNs are actively sorted in the antennae through interactions with peripheral glia cells (Sen
et al., 2005). In Drosophila, the majority of these glia cells originate from pioneering sensory
neurons specified by the Atonal transcription-factor gene. These sensory neurons are the first
to permeate the antennal lobe during development (Jhaveri et al., 2000). The glia cells wrap
the OSN tracts into three distinct fascicles before exiting the antennae and entering the AL.
Loss of Atonal function disrupts OSN segregation from all chemosensing sensilla (c. 1,000
neurons in Drosophila) and glomerular patterning fails to materialize (Jhaveri & Rodrigues,
2002). Once firmly established, excess OSN afferents are eliminated from a sensillum through
programmed cell death (Sen et al., 2004) (Figure 2B). Any neuron that has survived this
process has the potential to integrate into pre-existing olfactory circuits and form novel
sensillum-receptor glomerular associations (Prieto-Godino et al., 2020). These surviving
neurons have the potential to evolve into novel sexually dimorphic pheromone circuits.

Sexually dimorphic antennal lobe

In terms of task assignment, structure and composition, the AL is surprisingly unique. In terms
of its development, it is rather ambiguous. Its uniqueness is manifested in the diversity of
distinct glomeruli, with each having its own olfactory identity. In moths, honeybees and fruit
flies, each glomerulus has its own identifiable shape and position in the fixed organizational
structure of the AL (Rospars, 1988; Rospars & Chambille, 1989). Rospars & Chambille were
the first to determine this fixed organizational structure in cockroach species (Chambille et
al., 1980; Chambille & Pierre Rospars, 1985; Rospars & Chambille, 1981). In addition to a
unique appearance, each glomerulus possesses a unique neuronal composition based on the
total number of innervating OSNs and the synapses they form with local interneurons (LNs)
and PNs (Grabe et al., 2016). This unique neuronal composition determines glomerular size,
which in turn determines sensory specialization and the contribution of processed odour
compounds to behavioural relevance (Dekker et al., 2006; Linz et al., 2013). Highly significant
ecological cues, such as sex pheromones, are usually processed by labelled lines: single
glomeruli that receive few lateral inputs from LNs, but display a relatively high number of PNs
(Grabe et al., 2016). The low degree of lateral processing in these glomeruli enables fast
innate responses towards sex pheromones. General odours, however, elicit broader AL
response patterns, called combinatorial codes, which require computational input from
multiple interconnected glomeruli. In this way, distinct processing channels are formed from
different neuronal compositions, being either broadly tuned or narrowly tuned to odour
compounds (Christensen & Hildebrand, 2002; Haverkamp et al., 2018; Sachse et al., 1999). It
remains unclear, however, how these coding systems are established throughout AL
development, how developmental changes can result in novel labelled lines, and to what
extent combinatorial coding contributes to pheromone processing in different insect orders.



Pheromone processing in the AL is not an isolated task. Insect pheromones interact with
additional cues in the AL to modulate important reproductive decisions. Food odours trigger
Drosophila males to deposit the pheromone 9-tricosene on rotting fruit, which promotes
aggregation and mediates female oviposition decisions (Lin et al., 2015). Food odours also
enhance male attractiveness as females become more receptive when food is sensed in
conjunction with the male pheromone cVA (Lebreton et al., 2015). At the AL level, food
odours enhance activation of the cVA-responsive glomerulus (DA1) and this effect is mediated
through lateral excitation from neighbouring glomeruli (Das et al., 2017). Similar interactions
are also found in the AL between moth pheromones and plant volatiles (Reddy & Guerrero,
2004), the latter of which are capable of masking or synergizing the pheromone response
from a male moth’s MGC (Chaffiol et al., 2012; Deisig et al., 2012; Namiki et al., 2008).
Although extensive interaction in flies and moths occurs at the glomerular level, pheromone
processing in the AL of these insects still follows a dedicated labelled-line system (Haverkamp
etal., 2018). Hymenoptera, however, form an exception to insect orders that use a specialized
labelled-line system.

In species such as ants, honeybees and wasps, pheromones can play a role other than sexual
attraction and may favour a combinatorial-coding strategy instead (Carcaud et al., 2015).
These species utilize olfactory subsystems, consisting of glomerular clusters innervated by
uniglomerular PNs (Kropf et al., 2014). Honeybees possess two olfactory subsystems,
innervated separately by two different PN tracts (Galizia & Rdssler, 2010). While queen and
brood pheromones are processed by either of these tracts, all pheromone components are
capable of eliciting a combinatorial code in both subsystems (Carcaud et al., 2015). Ants, bees
and wasps also use a conserved cluster innervated by basiconic-associated OSNs for the
coding of colony cues, pheromones and odours associated with foraging (Couto et al., 2017;
Nakanishi et al., 2010; Ozaki et al., 2005). The parasitoid wasp Nasonia vitripennis possesses
a highly sexually dimorphic AL (c. 185 glomeruli in males and c. 225 glomeruli in females),
which is arranged in sex-specific clusters likely to be used for processing pheromones and/or
host odours (Chapter 3). These dimorphic clusters are currently being investigated in the light
of sex-determination mechanisms to ascertain whether silencing sex-determination genes
leads to a sex-reversal in glomerular organization. Silencing these genes in Drosophila does
not lead to a significant change in glomerular organization (Stockinger et al., 2005). However,
because Hymenoptera use a different strategy to process pheromones, it is likely that
glomerular development is more intricate in these species.

A prepatterned outline?

To understand the developmental evolution of pheromone-processing glomeruli, we need to
dissect their neurophysiological properties and elucidate neurogenetic mechanisms. Across
almost all insect taxa, the number of AL glomeruli approximates the number of genes that
encode olfactory-receptor proteins. Most OSNs express only one or rarely two OR genes



(Clyne et al., 1999; Silbering et al., 2011; Vosshall et al., 1999), and the axons of neurons
expressing the same OR gene converge in the same glomerulus (Couto et al., 2005; Fishilevich
& Vosshall, 2005; Gao et al., 2000; Silbering et al., 2011; Vosshall, 2000). These functional
relationships have been coined the one-neuron-one-receptor and one-receptor-one-
glomerulus principles. Each OR has a specific chemoreceptive field, being broadly or narrowly
tuned to specific odour compounds, and these tuning properties are inherited by their
corresponding glomeruli (Hallem & Carlson, 2006). Convergent projections to specific
glomeruli therefore create a topographic olfactory map, as witnessed in Drosophila, and the
identity of a glomerulus should therefore be closely associated with OSNs expressing a
specific OR gene. However, the genetic mechanisms for glomerular development are not the
same as those generating different types of ORs: silencing an OR gene does not eliminate OSN
connectivity or glomerular formation in Drosophila (Dobritsa et al., 2003; Elmore et al., 2003;
Goldman et al., 2005; Ray et al., 2007). In fact, a prototypic AL has already formed in the fly
well before ORs are expressed and before OSNs have innervated their corresponding
glomeruli (Jefferis et al., 2004).

Projection neurons are the first to reach the AL and their dendrites develop to establish
protoglomeruli. In Drosophila, PNs are prespecified by lineage and birth order to form
synapses with specificincoming OSNs and therefore to transmit specific olfactory information
(Jefferis et al., 2001). Glomerulus-specific PNs prepattern their target region at the onset of
Drosophila pupation before OSN arrival (Figure 3), suggesting olfactory circuits are formed
through synaptic recognition of OSNs by the resident PNs (Jefferis et al., 2004). This stage of
prespecification may be used to hardwire glomerular identity, enabling stereotypical
behaviour towards sex pheromones. Within 18 hours of puparium formation, after pioneering
sensory neurons permeate the AL, OSNs converge on their target glomerulus and connect
with PNs. Molecular mechanisms, such as the adhesion molecules N-cadherin and Dscam,
enable class-specific OSN axon sorting (Goyal et al.,, 2019; Zhu & Luo, 2004) and
synaptogenesis is initiated after OSNs recognize PN dendritic cues (Zhu et al., 2006). Although
PNs are necessary for correct patterning of the AL in Drosophila, it has been demonstrated
that glomeruli in Manduca also form after individual PN clusters are surgically removed
(Oland & Tolbert, 1998). In this species, the AL template of protoglomeruli is stabilized
through glia-cell proliferation.
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Figure 3: Concept of antennal lobe development in three insect orders.

In Drosophila, projection neuron (PN) prepatterning is crucial for forming stable glomeruli, whereas refinement
through glia proliferation and olfactory sensory neuron (OSN) innervation play a lesser role. In Lepidoptera,
however, glomeruli are also able to form after PNs are surgically removed and after transplanting the antennae
between sexes. Glia proliferation and OSN innervation play a bigger role in glomerular refinement in these
species. In Hymenoptera, OSN innervation is crucial for refining glomerular structure. These innervations are
necessary for protoglomeruli to divide and form the glomerular organization of the adult AL. Expression of the
Olfactory-receptor co-receptor (Orco) gene in OSNs plays an important role in this developmental process. The
process of OSNs refining glomerular development makes modifications in glomerular structure more likely to
occur and therefore increases the degree of evolutionary neuroplasticity.

Glia and OSNs: effective team players?

Glia cells play a crucial role in the induction of glomeruli formation through reciprocal
interaction with innervating OSNs (Oland & Tolbert, 2011). The glia cells first form a ring
around the immature AL neuropil, after which they are stimulated by ingrowing axons to
migrate around the protoglomeruli and form glomerular envelopes (Oland & Tolbert, 1987).
These glia-cell walls act as important boundaries to the protoglomeruli for incoming OSNs to
initiate synaptic interactions with PNs. Research on the relative contribution of glia towards
glomerular development has focused specifically on the comparison between Manduca and
Drosophila. In the former, glia cells form thick glomerular boundaries that are essential for
the formation of stable glomeruli (Tolbert et al., 2004). Delayed or incomplete development
of glia cells in the Manduca AL can result in the misrouting of pheromone-specific OSNs and
incomplete glomerular segregation of the MGC (Rossler et al., 2000). Glia cells in Drosophila,
however, form rather weak boundaries and are unlikely to play a significant role in either



axonal sorting or glomerular isolation (Oland et al., 2008). Moreover, glia processes are also
extended well after glomeruli have formed and therefore play a minor role in glomerular
stabilization (Jefferis et al., 2004; Oland et al., 2008). Taken together, the glomerular structure
in Drosophila appears to be determined primarily by a prespecified PN pattern, whereas in
Manduca OSN-glia interactions appear to be paramount for forming stable glomeruli,
reshaping the innervation patterns of the initial PNs (Jefferis et al., 2004; Oland & Tolbert,
2011) (Figure 3). Locusts, to give a further example, employ a microglomerular design (Ignell
et al., 2001) and add additional glomeruli to the AL after each moulting event (Ochieng et al.,
2000), while PNs remain constant as the locust ages (Anton et al., 2002). It would be
interesting to investigate how glia affect AL formation of these species and how signals from
innervating OSNs cause further proliferation.

Transplanting insect antennae

A good example of primary glomerular development is illustrated in the experiments using
antennae transplanted between different sexes of the hawkmoth M. sexta (Kalberer et al.,
2010; Rossler et al., 1999; Schneiderman et al., 1982). These experiments involve removing
the antennal imaginal discs of late-instar caterpillars of one sex and replacing them with an
antennal imaginal disc of the opposite sex. During metamorphosis, the insects that have
undergone this procedure then develop antennae according to the sex of the donor insect.
Interestingly, the OSNs from these transplanted antennae also significantly reshape the AL of
the recipient. In Lepidoptera, the male AL is characterized by the MGC, which consists of
axons from pheromone-sensing neurons (PSNs) arriving from the antenna, LNs that process
the antennal signals and PNs that transfer the pheromone signal to higher brain centres
(Hansson et al., 1991; Reisenman et al., 2011). The female AL, on the other hand, contains
two lateral large female-specific glomeruli (latLFG), which respond to different plant volatiles
(Reisenman et al., 2004). If a male antennal imaginal disc is transplanted onto a female M.
sexta, the male pheromone-sensing neurons will induce the formation of a male MGC instead
of the latLFG, stimulating the female LNs and PNs, which are already present in the AL, to
adapt to these altered glomeruli (Rossler et al., 1999; Schneiderman et al., 1982).

In @ number of cases, these gynandromorphic females also show oviposition behaviour in
response to stimulation with an artificial pheromone blend, indicating that the newly formed
connections between the male OSNs and the female PNs actually trigger the same
behavioural circuits as would normally be activated by the OSNs innervating the latLFG
(Schneiderman et al., 1986). However, these results also indicate that there is no OSN/PSN-
specific recognition by the PNs. Which OSN will connect to the waiting PNs simply depends
on the specific location to which the neurons are guided by glia cells. This of course begs the
question which mechanisms are employed by the glia cells to sort the arriving OSNs.
Activation of the epidermal growth factor receptor (EGFR) along with Fasciclin Il and
Neuroglian, members of the immunoglobulin superfamily of cell-adhesion molecules (IgSF



CAMs) in the axons of the arriving OSNs, play an important role in guiding these neurons to
the right location in the developing AL (Gibson & Tolbert, 2006). On the glia side, fibroblast
growth factor receptors (FGFRs) are crucial for the development of the axon sorting zone
(Gibson et al., 2012). However, it has yet to be established how the axons of specific OSNs are
guided to a certain protoglomerulus. Interestingly, the Olfactory-receptor co-receptor (Orco)
gene, which is required for normal activity of the olfactory receptors, is not necessary for the
correct development of the AL in Manduca or Drosophila (Fandino et al., 2019; Ryba et al.,
2020).

Independent of the specific mechanism, the role glia cells play in the formation of the
olfactory glomeruli does pose a potential problem for the evolution of new olfactory circuits.
Novel OSN types can arise through duplication events in OR genes and through the survival
of OSNs during metamorphosis, which would otherwise be destined for programmed cell
death (Prieto-Godino et al., 2020) (Figure 2B). How then are glia cells able to recognize these
new OSN types in order to induce the formation of a new glomerulus? In Drosophila, OSNs
expressing genetically similar ORs often project to neighbouring glomeruli, which would
suggest that OSN types arising through gene duplication might initially be sorted to the same
or adjacent locality in the AL (Couto et al., 2005; Prieto-Godino et al., 2020). From an
evolutionary perspective, glia cells would ultimately have to recognize the novel OSN
populations as such and initiate a budding process, through which glomeruli with a similar
response spectrum would form in close proximity to each other, comparable to that of the
pheromone-detecting glomeruli in the majority of insect species (Hansson & Stensmyr, 2011).
However, given the fact that the total number of OSNs will be limited by the surface area of
the antenna, and assuming that the number of PNs does not arise proportionally with the
number of novel OSN types, new glomeruli will lead to a reduction in the size of the existing
AL structures. Over time, pheromone components could increase and take on additional roles
beyond sexual communication, which would then result in rewiring of PSNs to make a switch
from a labelled-line system to combinatorial coding. This pheromone-coding switch
ultimately leads to a loss of distinct MGCs in the AL, which might help to explain the absence
of these structures in many Hymenoptera species.

Olfactory-receptor co-receptor and the loss of glomeruli

Although Drosophila glomerular formation is generally not affected by genetically eliminating
OR genes, it appears the opposite is true in Hymenoptera where Orco is concerned (Trible et
al., 2017). Insect OR proteins form a complex with ORCO, a highly conserved co-receptor,
which localizes the OR to the dendritic membrane (Jones et al., 2005). The colocalized OR-
ORCO complex is essential for signal transduction, enabling OSN polarization after receptor
binding of olfactory ligands (Larsson et al., 2004). Studies carried out on Orco null mutants of
ants revealed that these ants showed a loss of OSNs and a dramatic reduction (c. 82%) in the
number of glomeruli (Trible et al., 2017). As a consequence, these mutant ants demonstrated



significant deficiencies in social behaviour, including an inability to recognize nestmates,
follow pheromone trails, recognize general odorants and forage for food. Conspecific
communication was similarly impaired, resulting in unsuccessful mating and a significantly
reduced fitness (Yan et al., 2017). Olfactory-receptor co-receptor expression in OSNs is
therefore required for the development of pheromone-detecting glomeruli in the
hymenopteran AL. All Hymenoptera employ two AL olfactory subsystems, each of which has
a PN tract that projects to either the mushroom body or the lateral horn (Couto et al., 2016;
Rossler & Zube, 2011). Both subsystems can process information from pheromones, but
extract different odorant properties before transmitting signals to the higher brain centres
(Brill et al., 2013; Carcaud et al., 2015; Rossler & Brill, 2013). This demonstrates that
pheromone processing requires both subsystems to cooperate in parallel (Carcaud et al.,
2015). Glomeruli in the Orco mutant ants were indeed lacking glomerular clusters from both
subsystems, which explains the malfunction of social behaviour in these ants.

Loss of Orco in non-Hymenoptera species leads to impaired pheromone sensitivity, but does
not cause severe anatomical changes in glomerular organization (Ryba et al., 2020). Knocking
out Orco diminishes pheromone detection in M. sexta (Fandino et al., 2019), B. mori (Liu et
al., 2017), Spodoptera littoralis (Koutroumpa et al., 2016) and Locusta migratoria (Li et al.,
2016), but has little effect on the structure of the AL. Loss of Orco also has no significant
impact on the Drosophila AL, with essentially no difference in the number and organization
of glomeruli (Ryba et al., 2020). In Hymenoptera, however, ORs and Orco are expressed
before the onset of glomerular formation. It is therefore likely that, through Orco, OSNs play
a more important role in refining glomerular identity after PNs have prepatterned the
glomerular structure. The remaining glomeruli in the Orco mutant ants failed to segregate
normally (Yan et al., 2017), indicating the significance of Orco and OSNs in elaborating AL
complexity (Figure 3). Hymenoptera have evolved an expansive olfactory-receptor repertoire,
which is reflected in large ALs and elaborate mushroom bodies. A parasitic or social lifestyle
might have favoured flexible developmental processes, which enabled combinatorial coding
adaptations for cognitive-demanding tasks, such as spatial learning and host foraging.
Pheromone processing might have initially followed a labelled-line strategy in ancestral
species, but eventually evolved and developed into a combinatorial-coding strategy that
favours elaborate ALs. Research should therefore be carried out to investigate this transition
by making phylogenetic comparisons and elucidating neurogenetic mechanisms.

Sex determination and the birth of neurons

Molecular basis of sex determination in insects

In most insects, sexual differentiation is initiated by the action of two highly conserved
transcription-factor genes: Dsx (reviewed in Verhulst & van de Zande, 2015) and Fru
(reviewed in Sato & Yamamoto, 2020). In D. melanogaster and many other holometabolous
insects, the transcripts of both genes are sex-specifically spliced into the female splice-variant



by the upstream splicing factor Transformer (TRA) and Transformer-2 (TRA-2), whereas in
males TRA is not functionally present to splice Dsx and Fru and both are spliced by default
into the male-specific splice-variants (Bopp et al., 2014; Cline & Meyer, 1996; Geuverink &
Beukeboom, 2014; Heinrichs et al., 1998; Ryner et al., 1996; Verhulst et al., 2010b). Both
male- and female-specific Dsx isoforms are required for sexual differentiation (Baker & Ridge,
1980), whereas only the male-specific Fru isoforms are required for the development of
neural pathways for male courtship behaviour (Gill, 1963; Ito et al., 1996; Ryner et al., 1996)
and the female-specific Fru isoforms are assumed to have no function (Taylor et al., 1994).
Von Philipsborn et al. (2014) investigated four major Drosophila Fru splice variants and
attempted to correlate the cellular and behavioural function of each Fru isoform. Here,
however, we refer to all male-specific Fru protein isoforms as Fru.

In previous overviews of sex determination and differentiation in Drosophila, Dsx is shown to
be required for morphological differentiation and Fru to be the master control gene required
for shaping the brain centres for male sexual behaviour (Demir & Dickson, 2005; Ito et al.,
1996; Manoli et al., 2005; Ryner et al., 1996). We now know, however, that this distinction is
not that strict and that Dsx and Fru are both needed to regulate courtship behaviour in males
(Billeter et al., 2006b; Villella et al., 2006; Rideout et al., 2007; Shirangi et al., 2006; Villella &
Hall, 1996), whereas for sexual behaviour in females only Dsx is required (Zhou et al., 2014).
The role of Fru in controlling brain organization for male sexual behaviour in other insects is
largely unknown. Despite this, recent research suggests that in basal hemimetabolous insects,
Fru is not sex-specifically spliced and is not likely to be involved in neural sex determination
(Watanabe, 2019). However, even in Drosophila, all neuronal clusters expressing Dsx are
either sex-specific or sexually dimorphic and none are sexually monomorphic (Nojima et al.,
2021). This suggests that AL development and the resulting behaviour in males and females
could be predominantly controlled by Dsx.

Fruitless and/or Doublesex regulate neuronal growth and development

Sex-specific splicing of Fru is highly complex in both Diptera and Hymenoptera (Bertossa et
al., 2009; Heinrichs et al., 1998), due to the use of different promoters and alternative
splicing. Only transcripts originating from the first, most distal, promoter are sex-specifically
spliced by Tra and Tra-2, whereas transcripts from the other promoters are non-sex-
specifically spliced (Bertossa et al., 2009; Heinrichs et al., 1998). In Drosophila, both male and
female Fru mRNA expression is observed in the central nervous system (CNS) (Usui-Aoki et
al., 2000), with about 2% of the CNS cells expressing male-specific Fru at peak expression
approximately two days into pupal development (Baker et al., 2001; Lee et al., 2000). Only in
males, however, are FRU proteins expressed in the CNS, whereas in females FRU proteins are
not expressed here (Usui-Aoki et al., 2000). In males, these Fru expressing cells are organized
into c. 20 groups (Lee et al., 2000). One of these clusters, termed mAL, is located just above
the AL and contains 30 neurons in males and five neurons in females (Kimura et al., 2005),
and is thought to be involved in pheromone input integration (Yamamoto, 2007). The cell-



death inducing Grim, Head involution defective (Hid) and Reaper (Rpr) genes appear to
regulate the number of interneurons in the mAL under repressive control of FRU (Figure 4).
In females, the majority of these mAL neurons are destined to die due to the absence of FRU,
as ectopic FRU protein expression in females inhibits the death of these mAL neurons (Kimura
et al., 2005). In summary, FRU in Drosophila inhibits cell death in males and regulates male-
specific morphology of the mAL neurites, whereas in females, absence of FRU leads to
programmed cell death and female-specific development of the few remaining mAL neurites
(Kimura et al., 2005; Yamamoto, 2007).
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Figure 4: Concept showing the target genes of Doublesex (DSX) and Fruitless (FRU) affecting sexual
dimorphism in the insect olfactory system.

The transcription-factor proteins DSX and FRU affect developmental processes in different regions of the
olfactory system by regulating various downstream target genes, from the antennae to the antennal lobe and
on to the higher brain centres of the mushroom body (MB) and lateral horn (LH).

Programmed cell death is not the only mechanism employed in Drosophila to regulate the
number of neurons. Dsx is expressed earlier than Fru in the CNS (Lee et al., 2002) and controls
abdominal neural stem-cell proliferation on a sex-specific basis (Taylor & Truman, 1992). Four
of these abdominal neural stem cells express Dsx, but female-specific Dsx induces
programmed cell death of these neural stem cells in conjunction with the Hox gene
Abdominal-B (Ghosh et al., 2019). Male-specific Dsx, however, regulates a continued
proliferation into late third-instars, resulting in neurons crucial for male mating behaviour
(Billeter et al., 2006b; Taylor & Truman, 1992).



A combined action of Fru and Dsx has been shown in the birth and death of the P1 neuronal
cluster (Kimura et al., 2008). In males, this P1 cluster expresses Fru in about 20 neurons and
extends from the AL to the lateral horn. Fruitless is needed for correct neurite arborization of
these neurons in the lateral horn to initiate courtship (Kimura et al., 2008). Both male-specific
Dsx and Fru are required for the correct number of P1 cells, as loss of either of them leads to
a reduction in these cells (Kimura et al., 2008). In females, female-specific Dsx is involved in
the active removal of the P1 cluster from the female brain by programmed cell death, again
involving Grim, Hid and Rpr (Kimura et al., 2008). Three other neuronal clusters express Dsx
and are candidates for female-specific behaviour (Zhou et al., 2014). Two of these clusters
(pCd and PC1) respond to the male-specific pheromone, cVA, to promote female receptivity
(Zhou et al., 2014). Overall, Dsx and Fru appear to regulate the birth and death of olfactory
neurons by targeting the programmed-cell-death-inducing factors Grim, Hid and Rpr. The
same mechanisms potentially regulate OSN survival rate and the formation of novel OSN
circuits described by Prieto-Godino et al. (2020).

Fruitless target genes involved in neuron differentiation and signalling

Fruitless target genes are involved in changes in dendritic arborization: the ipsilateral neurite
in the mAL is present in males but absent in females, and the branching of the contralateral
neurite differs between males and females (Kimura et al., 2005). The potential FRU
downstream target, the transcription-factor gene Hunchback, has been shown to be required
for male-specific branching of the contralateral neurites (Goto et al., 2011), whereas the FRU
target Robo1, an axon-guidance gene, normally inhibits ipsilateral neurite development in
females. Its expression, however, is repressed by FRU in males, resulting in ipsilateral neurite
development (Ito et al., 1996). Recently, another FRU target gene has been identified,
Teiresias, which is required for feminization of the neurite patterns, possibly by interacting
with Robo1 in females, and is repressed by FRU in males (Sato et al., 2020). The potential FRU
target Hector, a novel putative G protein-coupled receptor (GPCR) gene, is found in a subset
of AL glomeruli that are innervated by Fru-expressing PNs. Signalling through this GPCR in PNs
is essential for male courtship behaviour (Li et al., 2011). It would be interesting to investigate
whether the combined action of Robol, Teiresias and Hector similarly regulate the correct
targeting of OSN axons to the AL (Figure 4).

Fruitless and/or Doublesex rewire olfactory brain circuits

The male pheromone cVA has opposite effects in male and female Drosophila. It inhibits male-
male mating behaviour, but promotes courtship and receptivity in females through the action
of the Or67d receptor (Kurtovic et al., 2007). It has been shown that this single OSN class is
capable of switching sex-specific behaviour in response to cVA (Kurtovic et al., 2007). The
Or67d OSNs project to the DAL glomerulus in the AL of both males and females (Manoli et
al., 2005; Stockinger et al., 2005). The OSNs innervating DA1 then synapse male-specifically
with PNs that project to the lateral horn under control of FRU, whereas in females, DA1 PNs



show a female pattern of axonal arbours in the lateral horn (Datta et al., 2008). The Or67d
OSNs and the PNs both express Fru, but show no sexual dimorphism (Datta et al., 2008;
Kurtovic et al., 2007). This would suggest that the olfactory input can be the same for both
sexes, but the processing of this information in the lateral horn occurs sex-specifically. Kohl
et al. (2013) builds on the work of Cachero et al. (2010) and shows that indeed two
populations of lateral-horn neurons, aSP-f and aSP-g, have sex-specific dendritic arborization
and reroute pheromone information to create a bidirectional switch. Male-specific FRU
protein is required for the male form of the circuit switch by connecting the aSP-f neurons to
the circuit and disconnecting the aSP-g neurons (Kohl et al., 2013). A similar circuit controlled
by DSX and FRU switches between courtship and aggression in Drosophila males (Koganezawa
et al., 2016). More recently, an additional circuit was identified in Drosophila that processes
distinct sex-specific inputs, which converges on the Dsx-expressing anterior dorsal neuron
(aDN) cluster, which in turn relays them to sex-specific outputs (Nojima et al., 2021). This
cluster has sexually dimorphic dendritic arborizations, receiving inputs from visual PNs in
males and predominantly olfactory PNs in females. The aDNs in females connect to an egg-
laying circuit, whereas in males they play a role in motion detection during courtship, enabling
them to locate and track a moving female (Nojima et al., 2021). In conclusion, only minimal
sex-specific changes to higher brain order neurons would seem to be sufficient to elicit
dramatic differences in sex-specific behaviour (Kohl et al., 2013; Nojima et al., 2021). Taken
together, Dsx and Fru are essential for connecting and disconnecting AL PNs with higher brain
order neurons to form circuits for sex-specific behaviour.



Conclusions

Sexual dimorphismin the AL is determined by genetically fixed growth processes of peripheral
and deutocerebral neurons, but the relative contribution of these processes vary across insect
orders. The first stages of inducing sexually dimorphic pheromone circuits are most likely set
at the periphery through the expression of novel pheromone receptors in specialized sensilla.
Neurons that succeed in surviving programmed cell death are eligible candidates for novel
pheromone circuits. If these functional ‘surviving’ neurons match the right biochemical
properties of their specific sensillum, a new olfactory pathway might be maintained if the
novel OSN types are matched by similar expansions in the number of novel pheromone
compounds. Pioneering sensory neurons sort the newly formed afferents of these surviving
neurons to the AL and corresponding glomerulus. From an evolutionary perspective, an
increase in the number of sensilla in one sex would not only simultaneously increase the
number of these functional surviving neurons, but also the volume of the corresponding
glomerulus and sensitivity to the pheromone component. It would be interesting to see
whether the same processes of OSN-programmed cell death contribute to the reduction of
glomerular volume and to the loss of redundant glomeruli in one sex, amplifying the degree
of sexual dimorphism over evolutionary time. Such a phenomenon could occur in species that
have evolved extreme differences in sex-specific tasks, such as in colony-forming insects or
differences in reproductive roles.

The probability for the establishment of sexually dimorphic glomeruli seems to be largely
determined by the degree of glia-OSN interactions and PN prepatterning. The relative
contribution of either of these two processes determines the degree of evolutionary
neuroplasticity. Transplanting male antennae onto female moths will form a male MGC even
in the presence of female PNs, suggesting that signals induced by OSNs play a significant role
in glia proliferation in these species. It remains to be investigated, however, what these
signals are composed of and how glia cells sort incoming OSNs. Although genetically similar,
novel OSNs might initially be sorted to the same glomerulus in the AL, but ultimately can be
guided to a different location by glia cells and evolve into new glomeruli. The greatest degree
of evolutionary neuroplasticity in this process is expected to have occurred in species with
complex ALs lacking any specific macroglomerular structures. Hymenoptera integrate
pheromone processing into combinatorial codes composed of glomerular clusters instead of
MGCs that represent labelled lines. New glomeruli in these species may have initially emerged
from a macroglomerulus and evolved into glomerular clusters after pheromone blends
increased in complexity. Pheromone receptors would be excellent candidates to investigate
this latter instance, given that previous studies have already determined the significant role
the Olfactory-receptor co-receptor (Orco) plays in glomerular formation.

Different outcomes of sexual dimorphism are determined through sex-determination
mechanisms, which are able to operate at various levels throughout AL development. The



transcription-factor genes Dsx and Fru can specify which neuron types are expressed and are
needed for correct neurite arborization. Differential regulation of factors inducing
programmed cell death determines the birth and death of olfactory neurons. Surviving
neurons with beneficial properties can be favoured over evolutionary time and upregulated
through sex-determination transcription factors by inhibiting the process of programmed cell
death. Understanding the full significance of these transcription factors on AL development
is still very much in its infancy, and the large majority of research has been carried out on
Drosophila. This review can therefore serve as a foundation on which to initiate research into
sexual dimorphism in the AL in light of sex-determination transcription factors.

In addition to providing a deeper understanding of the evolutionary processes involved,
specific knowledge of pheromones and pheromone circuits can also have broad
environmental and societal benefits. In agriculture and horticulture, sex pheromones are
widely used as a tool to control insect pests and disease vectors, for example through mate
disruption, but also serve as a potential means to attract biological control agents. Research
into neuronal mechanisms of pheromone communication in parasitoid Hymenoptera is still
in its infancy, whereas these species are crucial for maintaining ecosystem stability. In the
same way, pollinating Hymenoptera fulfil essential ecosystem services and utilize complex
pheromone-coding systems that require further research. Sex-determination processes play
an important role in these and other insect species and may have significant developmental
consequences for pheromone-processing circuits. Integrating sex determination in AL
development therefore provides an opportunity to research these concepts and their
numerous beneficial applications.
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Abstract

Sex-specific behaviour in insects originates from differences in the peripheral and
central nervous system that are regulated by conserved transcription factors at the
bottom of the sex-determination pathway. Initiation of sexual behaviour in male and
female insects is predominately determined by sex pheromones. These pheromones
are perceived by sex-specific peripheral sensory organs and subsequently processed
by sex-specific signalling pathways in the brain. Olfactory sensory neurons in sensilla
transmit pheromonal information to the antennal lobe, the first odour-processing
centre in the insect brain. Olfactory glomeruli in the antennal lobe then translate this
information into an olfactory code. Sex-specific differences in the olfactory system are
manifested in the form of sexual dimorphism of the sensilla and in the organization of
glomeruli. Our knowledge of the genetic basis of these sex-specific differences,
however, is limited to only a few species, such as Drosophila, even though the way
transcription factors regulate these differences across species is highly diverse. More
research is therefore needed to elucidate both the function of sex-determination
transcription factors in regulating sexual dimorphism in the olfactory system across
species and how these transcription factors in turn affect sex-specific behaviour. We
used the model species Nasonia vitripennis to analyse the role that the sex-
determination genes Transformer (Tra) and Doublesex (Dsx) have in determining
behavioural responses towards sex pheromones and how such responses correspond
to morphological differences in olfactory sensilla and in the organization of glomeruli
in the antennal lobe. We silenced NvTra and NvDsx expression with dsRNA to
masculinize females and feminize males before analysing the behavioural responses
of these silenced wasps towards sex pheromones in an olfactometer bioassay. We
observed that Tra-silenced females were no longer attracted to the male abdominal
pheromone, whereas Dsx-silenced males acquired a preference for the male-specific
pheromone blend. In addition, morphological differences were also observed in the
olfactory sensilla on the antennae of these silenced specimens. Subsequent antennal
tracing revealed a difference in the number of sex-specific glomeruli between males
and females and that these glomeruli are regulated through NvTra in a clustered
arrangement. This is the first study that confirms the conserved role that sex-
determination transcription factors have in regulating sexual dimorphism in the
olfactory system and sexual behaviour of parasitoid wasps.



Introduction

Insects rely on chemical communication for expressing their behaviour, such as finding mates,
food sources and oviposition sites (Cardé & Baker, 1984; Wyatt, 2014). The complex chemical
world of an insect consists of infinite odour blends forming its olfactory environment, also
known as an odourscape (Conchou et al., 2019), from which relevant ecological cues are
extracted. This requires acute sensory adaptations that are specifically tuned to filter out
background noise and translate relevant cues into behavioural output (Hansson & Stensmyr,
2011; Haverkamp et al., 2018). A prime example of these adaptations is found in the sensory
system where sexual-selection pressures act on the ability to detect host cues and sex
pheromones optimally. For example, many female insects have evolved sensory adaptations,
such as specialized receptors (Van der Goes van Naters & Carlson, 2007) used to detect sex
pheromones produced by potential mating partners (Baker, 2002; Leary et al., 2012). Males,
conversely, exploit these female adaptations by evolving pheromone signals specifically
tuned to pheromone receptors to increase their mating opportunities (Stokl & Steiger, 2017).
Sexual-selection forces act specifically on pheromone communication systems, inducing
evolutionary shifts in pheromone composition and perception and lead to the evolution of
sex-specific behaviour (Cao et al., 2023; Leary et al., 2012; Smadja & Butlin, 2009; Van
Schooten et al., 2020). Sex-specific neural circuits then translate sex-pheromone information
into sexual behaviour (Asahina, 2018; Auer & Benton, 2016; Manoli et al., 2013; Stowers &
Logan, 2010), although our understanding of these processes between circuits and behaviour
is currently limited to Drosophila (Yamamoto & Koganezawa, 2013). The way in which
selection pressures act on molecular mechanisms regulating sex-specific circuits remains a
significant unanswered question in the evolution of insect chemical communication.

Pheromone perception is initiated in the peripheral nervous system, through various
receptors in the insect antennae. The antennae are enveloped in a variety of cuticular
protrusions, called olfactory sensilla, which contain the dendrites of olfactory sensory
neurons (OSNs) (Zacharuk, 1980). Sensilla come in different types, such as trichoid (hair-like),
placoid (plate-like), basiconic (peg-like) and coeloconic (cone-like) (Keill, 1999; Schneider &
Steinbrecht, 1968). Each type possesses a unique set of OSNs that express a subset of
olfactory receptors (ORs) (Ai et al., 2010; Hallem & Carlson, 2006b; Kurtovic et al., 2007; Suh
et al., 2004). Chemical compounds enter an olfactory sensillum through numerous pores,
after which odorant binding proteins carry these compounds to the ORs on the OSN
membrane (Leal, 2013; Vogt et al., 1991). The chemical ligand will bind to the OR, which is
then activated and triggers the depolarization of the OSN. The axons of the OSNs expressing
ORs project to a densely packed neuropil called the antennal lobe (AL) in the insect brain
(Homberg et al., 1989). This brain region consists of numerous spheroid structures, called
glomeruli, which pre-process olfactory information (Hansson & Anton, 2000). The
morphology of a glomerulus is largely determined by the innervation of the OSNs (Grabe et
al., 2016) and can vary in shape, volume and number between sexes and species (Arnold et



al., 1985; Kondoh et al., 2003; Roselino et al., 2015; Rospars & Hildebrand, 2000). Each OSN
usually expresses a single OR and innervates a single glomerulus, a process referred to as the
one-receptor-one-glomerulus principle (Fishilevich & Vosshall, 2005; Vosshall, 2000). OSNs
that detect similar odours form separate neural classes, which are located in different sensilla.
These classes project to distinct domains in the AL, resulting in a glomerular olfactory map
(Couto et al., 2005; Gao et al., 2000; Grabe et al., 2016). Differential regulation of OSNs can
therefore lead to novel neural circuits and a change in sex-specific behaviour (Hansson &
Stensmyr, 2011; Ignell et al., 2001). Consequently, the sensillum-OSN-glomerulus relationship
and the molecular mechanisms that regulate these intricate circuits are of particular interest
to help us gain a better understanding of the evolution of insect chemical communication. To
date, these developmental processes have received limited attention within neurogenetic
research.

Neural circuits for sex pheromone perception are regulated by transcription factors of the
sex-determination pathway (Bray & Amrein, 2003; Datta et al., 2008; Kimura et al., 2008; Sun
et al., 2023a; Zhou et al., 2014). Sex determination in insects begins with a primary instructor
signal that is transduced by a genetic switch called Transformer (Tra) (Bopp et al., 2014).
Female splicing of Tra leads to female splicing of the downstream transcription-factor genes
Doublesex (Dsx) and Fruitless (Fru), resulting in female differentiation, whereas in the absence
of Tra, these factors are spliced male-specifically by default (Verhulst et al., 2010b). The sex-
specific proteins of Dsx and Fru regulate the sex-biased expression of genes for the
development of sexually dimorphic traits (Manoli et al., 2013; Verhulst & van de Zande, 2015).
They do so by targeting DNA binding sites, so called cis-regulatory elements, and
consequently activate or repress downstream genes (Clough et al., 2014; Neville et al., 2014;
Vernes, 2014). Initially, DSX was considered to be exclusively a regulator of sex-specific
morphological development, while FRU was thought to mediate sex-specific behaviour, as
identified in Drosophila melanogaster. Emerging evidence now shows that DSX coordinates
with FRU to regulate neurons for the initiation of sexual behaviour (Kimura et al., 2008; Siwicki
& Kravitz, 2009). Research on sex-specific circuits, on the other hand, has primarily focused
on Drosophila, in which Fru plays a dominant role. Nevertheless, this model species shows
relatively little sexual dimorphism in the olfactory system compared to other species, such as
Hymenoptera (Nishikawa et al., 2008; Roselino et al., 2015; Streinzer et al., 2013). Moreover,
the role Dsx plays in regulating circuits for pheromone communication in these species has
primarily been ignored.

Parasitoid wasps, such as Nasonia, are perfect model systems to study DSX regulation of
pheromone communication. Nasonia are gregarious endoparasitoid wasps that parasitize the
pupae of Cycloraphous flies (Barrass, 1960; Darling, 1990; Raychoudhury et al.,, 2010).
Nasonia vitripennis in particular is one of the most studied insects in the areas of parasitoid
behaviour and chemical ecology, and has been a parasitoid model species for over half a
century (Mair & Ruther, 2019; Whiting, 1967). Nasonia vitripennis males use a blend of



abdominal long-range pheromones to attract females. These consist of the major
components (4R,5R)- and (4R,5S)-5-hydroxy-4-decanolide (HDL-RR and HDL-RS) and the
minor synergistic component, 4-methylquinazoline (4-MeQ) (Ruther et al., 2007, 2011).
Female short-range cuticular hydrocarbons are used for mate recognition and eliciting
courtship (Steiner et al., 2006), during which males use an oral pheromone to induce female
receptivity for copulation (Ruther et al., 2010; Van den Assem, 1980). After mating, females
switch to host-seeking behaviour and seek out host-habitat odours (Frederickx et al., 2014;
Ruther et al., 2007, 2010; Ruther & Hammerl, 2014; Steiner & Ruther, 2009). In addition, sex-
specific sensilla have been identified on male and female antennae (Wibel et al., 1984).
Consequently, N. vitripennis is one of the best understood model species in the area of
chemical ecology and the growing body of genetic resources makes it an ideal model system
for studying the genetic regulation of parasitoid pheromone communication. The sex-
determination pathway, including Dsx and Fru, has also been elucidated for N. vitripennis
(Bertossa et al., 2009; Oliveira et al., 2009; Verhulst et al., 2010a; Zou et al., 2020) and DSX
has been shown to regulate morphological differentiation at various life stages (Guerra, 2024;
Wang et al., 2022a) and the production of certain male pheromones responsible for eliciting
specific mating behaviour (Wang et al., 2022b). Silencing Dsx in males reduced the production
of long- and short-range pheromones, and affected the receptivity response in females.
However, it remains unclear whether Dsx is also responsible for regulating the Nasonia
peripheral and central nervous systems for perceiving these pheromones.

The aim of this current study was to determine the roles of Dsx and Tra in regulating the
olfactory system of the parasitoid N. vitripennis for sex-specific pheromone communication
in both behaviour and perception. We silenced Dsx and Tra expression in late larval males
and females respectively and investigated: (1) the behavioural response towards sex
pheromones; (2) the development and distribution of olfactory sensilla on the antennae; and
(3) the number and organization of antennal-lobe glomeruli. Based on previous studies
(Guerra, 2024; Wang et al., 2022b), we hypothesized to find feminization in males in these
three areas after silencing Dsx and masculinization in females after silencing Tra. Our study
sets the foundation for further research into identifying genes targeted by DSX and TRA that
are involved in sex-specific pheromone communication. Parasitoid wasps are invaluable for
the biological control of agricultural pests. A thorough understanding of their olfactory
system, therefore, is necessary to help us fully utilize their effectiveness and for implementing
integrated pest-management strategies.



Materials & Methods

Nasonia rearing

The experiments were performed on the AsymCX laboratory strain of N. vitripennis (Werren
et al., 2010). The AsymCX wasps were reared on Calliphora vomitoria host pupae (Kreikamp
& Zn, Hoevelaken, the Netherlands) that had been stored at 4°C for a maximum duration of
four weeks. Virgin N. vitripennis females were placed together with host pupae in polystyrene
rearing vials to produce male-only offspring (100% males) and mated females were used to
produce mainly female offspring (90% females). The AsymCX wasps were reared in
accordance with the protocol for strain maintenance set out by Werren & Loehlin (2009a).
The shorter rearing procedure of this protocol was chosen to ensure efficient timing of the
experiments by incubating the vials in an incubator at a constant temperature of 25°C using
a 16-hour light, eight-hour dark cycle. This enabled the brood to develop rapidly and emerge
after approximately two weeks.

Synthesis and micro-injection of NvDsx and NvTra dsRNA

We used the MEGAscript RNAI Kit (Thermo Fisher, Waltham, MA, USA) to generate NvDsx and
NvTra dsRNA from Nasonia cDNA. A non-sex-specific NvTra fragment of 452 bp was
synthesized in a PCR using the GoTaq Flexi DNA polymerase (Promega, Madison, WI, USA)
and the designed primers Nv_Tra_RNAi_F1 (5'-CGAGACATCAGTTAGAAGAT-3’) and
Nv_Tra_RNAi_R1 (5'-GTCTTGTGGTCCTATGAAAC-3'). For NvDsx, we generated dsRNA using
the primers Nv_Dsx_U_RNAi_F (5’-CCAAGAGGCAGCAAATTATG-3’) and Nv_Dsx_U_RNAi_R
(5’-GTTATACGCCGCATGGCTAC-3’), producing a 457 bp amplicon corresponding to a
sequence common to all male and female NvDsx isoforms. These PCR products were
amplified in two separate PCRs to add T7 promotors [TAATACGACTCACTATAGGG] to either
end of the amplicon. The resulting two templates were then used in separate PCR reactions
to transcribe both sense and antisense RNA molecules in accordance with the MEGAscript
RNAI Kit (Ambion, Austin, TX, USA) protocol (16 hours at 37°C). Gfp dsRNA was used as an
exogenous control in our behavioural experiments and was generated from the pOPINEneo-
3C-GFP vector (Addgene plasmid #53534; https://www.addgene.org/53534/; RRID:
Addgene_53534). Amplification by PCR using GoTaq Flexi DNA polymerase (Promega) with
the primers GFP_RNAi_F (5-GTGACCACCTTGACCTACG-3’) and GFP_RNAi_R (5'-
TCTCGTTGGGGTCTTTGCT-3’) produced a 460 bp amplicon, which covered 64% of the Emerald
GFP CDS.

The synthesized dsRNA was measured for its purity and concentration on a
spectrophotometer (DeNovix, DS-11 FX, Wilmington, Delaware, USA) and subsequently
diluted with RNase-free water to a concentration of 4 pg/ul and injected in N. vitripennis
larvae to silence NvDsx (Dsx-i) and NvTra (Tra-i). By doing so, we injected dsRNA before the
onset of adult brain development, which typically takes place during the insect pupal phase
(Tissot & Stocker, 2000). NvDsx dsRNA was injected in male and female fourth-instar larvae



(L4) six days post oviposition, and NvTra dsRNA was injected in female third-instar larvae (L3)
four days post oviposition. The L3 larvae were specifically chosen for injecting NvTra dsRNA
to enable sufficient time for the sex-specific splicing of NvDsx to develop masculinized
morphologies. The larvae were aligned on a 1x phosphate-buffered saline (PBS) agar plate
and injected with a mixture of 4.5 ul dsRNA and 0.5 pl food dye in their posterior using a
Femtolet 4i microinjection pump (Eppendorf, Hamburg, Germany) according to the protocol
set out by Lynch & Desplan (2006) and Werren et al. (2009). The L3 larvae were returned to
a parasitized host to continue feeding until pupation, whereas the L4 larvae were allowed to
pupate on the agar plate. To ensure consistency, the parasitized hosts for the L3 larvae were
prepared one day before the dsRNA injections by enabling female N. vitripennis to oviposit
their eggs in the anterior of the fly pupae. The eggs were removed after 24 hours and the
NvTra dsRNA-injected L3 larvae were placed inside the host to continue development. All
dsRNA-injected larvae were incubated at 25°C until the emergence of adult wasps after
pupation.

RNA extraction and cDNA synthesis

We extracted RNA from wasp pupae and adults to generate cDNA for assessing dsRNA
efficiency. We used male pupae three days post-larval injection to analyse NvDsx expression,
using Gfp-i males as a control. Female adults, on the other hand, were used to analyse NvTra
expression, using wild-type males and females as controls. Wasp pupae and adults were
individually collected and stored at -80°C until RNA was extracted. Five individuals per
treatment group were pooled in Eppendorf tubes, each forming a replicate. The entire body
of wild-type and dsRNA-treated males and females was used for isolating RNA. The frozen
bodies were ground up and homogenized with a sterile pellet pestle in an Eppendorf tube.
Total RNA was then extracted from all the replicates within a treatment group either with the
RNA lysis buffer in accordance with the column-based protocol of the ZR Tissue & Insect RNA
MicroPrep Kit (Zymo Research, Irvine, CA, USA) or with Trizol (Invitrogen, Carlsbad, CA, USA),
according to the manufacturer’s instructions. RNA was then quantified with a
spectrophotometer (DeNovix, DS-11 FX, Wilmington, Delaware, USA). One ug of total RNA
was used to synthesize cDNA using the 5x TransAmp buffer of the SensiFAST cDNA Synthesis
Kit (Bioline Reagents Ltd, London, UK) containing a mixture of anchored oligo(dT) and random
hexamer primers. The resulting cDNA was used for reverse transcription quantitative real-
time PCR (RT-gPCR) and reverse transcription PCR (RT-PCR) procedures.

Reverse transcription quantitative real-time PCR on NvDsx

RT-gPCR was performed with a solution of 2 ul of cDNA diluted 1:16 and a 400 nM SensiFAST
SYBR Lo-ROX mix (Bioline Reagents Ltd, London, UK) on a BIORAD Real-Time PCR Detection
System (Veenendaal, the Netherlands). NvDsx was amplified with the primers Fq_cDSX_OD1
(5’-GCGAGTGCGAGTTCAGATAC-3’) and Rq_cDSX_OD (5-TCCTCATTTCCATCAGCATCTCG-3’).
Elongation factor 1 alpha (EFla) was used as a reference gene with the primers Nv_EF-



la_gPCR_F (5’-CACTTGATCTACAAATGCGG-3’) and Nv_EF-l1a_gPCR_R (5'-
GAAGTCTCGAATTTCCACAG-3’). The qPCR thermocycling conditions were 95°C 3’; 39x 95°C
15", 55°C 30", 72°C 30", followed by a post-melt curve to check the degree of non-specific
amplification. Raw fluorescence data generated by the CFX Manager software (v3.1) was
baseline-corrected manually in the same software. We used the delta-delta Ct method (224%)
to calculate relative gene expression (Livak & Schmittgen, 2001), in which delta-delta Ct is
the calculated difference in cycle threshold values of housekeeping genes and reference
samples. dsRNA efficiency was calculated using MS Excel and the data was analysed with a
Wilcoxon rank-sum test in RStudio (v2024.12.1+563, Posit PBC).

Splice-variant analysis of NvTra and NvDsx after Tra-i

Sex-specific fragments of NvTra and NvDsx in dsRNA-injected and control females were
analysed through RT-PCR. Five pl of a 100-fold cDNA dilution was used for this procedure. For
sex-specific splicing of NvTra, we used the amplification primers Nv_Tra_F2 (5'-
GACCAAAAGAGGCACCAAAA-3’) and Nv_Tra_R3 (5’-GGCGCTCTTCCACTTCAAT-3’), located at
exon 2 and 3 respectively, yielding a single 228 bp fragment in females and three fragments
of 514, 460 and 282 bp in males depending on their age (Verhulst et al., 2010a). We used the
primer pair Al4_Nvit_DsxU_F2 (5’-TGAGCAATAACAACAGCAACAG-3’) and
Nv_DsxM_RNAi_R1 (5’-TCGGAGAAGATTGGCAGAAC-3’) to amplify the male and female splice
forms NvDsxM1 and NvDsxF respectively, and the primer pair Al4_Nvit_DsxU_F1 (5'-
ACGGTTTGGCTACCATTGGC-3’) and Nv_DsxM_R (5’-TAGTAGACGCTCTCTTTGGG-3’) to amplify
the male splice forms NvDsxM2 and NvDsxM3 (Wang et al., 2022a). EF1a was used as a
reference gene with the primers NvEFla_Fla and NvEFla_Rla. The PCR thermocycling
conditions were 95°C 3’; 35x 95°C 30", 55°C 30”’, 72°C 45”. The PCR fragments were analysed
on a 2% non-denaturing agarose gel stained with ethidium bromide.

Olfactometer bioassay

We tested the response of dsRNA-injected males and females to the male long-range
abdominal pheromone blend (HDL-RR, HDL-RS and 4-MeQ) in a linear acrylate olfactometer,
based on an experimental setup utilized by Ruther et al. (2008) and modified to incorporate
airflow. The olfactometer was divided into three six-centimetre zones: the central part
representing a neutral zone and the two ends representing a control and test zone. The
airflow was provided by a Stimulus Air Controller CS-55 (Ockenfels Syntech GmbH,
Buchenbach, Germany) and was charcoal filtered and humidified before entering both ends
of the olfactometer. The airflow was controlled by flowmeters (Dwyer RMA-11-SSV) and
channelled through the olfactometer via Teflon tubes at a rate of 20 ml/min, which resulted
in a linear velocity of 0.42 cm/s. Synthetic compounds (provided by Joachim Ruther) of the
male abdominal pheromone blend were dissolved in dichloromethane and pipetted onto a
filter paper strip measuring 2x4 cm. The following pheromone treatments were tested: 400
ng/ul HDL vs solvent control for males and 400 ng/ul HDL + 5 ng/ul 4-MeQ vs solvent control



for females. The 4-MeQ component is essential for females since it has a synergizing effect
on the attractiveness of the HDL component (Ruther et al., 2008). Following application, the
dichloromethane was allowed to evaporate for two minutes before the filter papers were
inserted into Teflon tubes connected to the control and test zones. Individual wasps were
subsequently inserted into the neutral zone with an aspirator. The residence time in the
control and test zone was recorded for five minutes per individual with a timer. The timer was
paused when the individual entered the neutral zone. After every five replicates, the filter
paper was replaced and the olfactometer was turned 180 degrees to correct for possible
unforeseen side bias. After each experiment, the olfactometer was cleaned with detergent
and dried by forcing compressed air through the tubes. The above-mentioned procedure was
used to determine the preference of Gfp-i females (n = 17) for a mixture of 400 ng/ul HDL +
5 ng/ul 4-MeQ vs the solvent control. We subsequently repeated this test for Tra-i (n = 25)
and Dsx-i (n = 27) females. We then determined the preference of Gfp-i males (n = 20) for 400
ng/ul HDL vs the solvent control and repeated this test for Dsx-i males (n = 22). The difference
in mean residence time between the control and test zones after five minutes was analysed
with a Wilcoxon signed-rank test of the Coin package in RStudio (v2024.12.1+563, Posit PBC).
Zone preference of Tra-i and Dsx-i individuals after five minutes was compared with the Gfp-
i control and analysed with Pearson’s Chi-squared test with Yates’s continuity correction.

Scanning electron microscopy of antennal sensilla

Wild-type and dsRNA-injected wasps were sedated and decapitated on a CO; pad and the
heads were transferred to a clean glass vial with ice-cold 2% glutaraldehyde (Sigma-Aldrich)
in a 0.5M sodium cacodylate buffer (pH = 7.4, Merck Schuchardt). After two hours of fixation,
the wasps were rinsed three times in a 0.5M sodium cacodylate buffer and post-fixated for
one hour in 1% OsO4 (Agar Scientific) in a 0.5M sodium cacodylate buffer, followed by five
rinsing cycles in water. The specimens were subsequently incubated overnight in CCls at room
temperature and then subjected to three short boiling cycles in fresh CCls before being
transferred to 100% ethanol. The specimens were then supercritically dried to remove liquid
from their bodies to prevent damage caused by changes in surface tension and sputtered with
a 12 nm layer of iridium to prepare them for visualization with a FEI Magellan 400 scanning
electron microscope (SEM) at 2kV. Scanning electron micrographs were made of the
antennae and analysed with the Fiji package of ImageJ2 (v2.9.0/1.53t). The length, width and
surface area of every flagellar subsegment was measured and used to calculate the total
surface area of the entire flagellum. The total number of sensilla was then counted and the
sensillum density was calculated by dividing the total number of sensilla by the total surface
area of the flagellum. The following types of sensilla were subsequently identified based on
the classifications of Slifer (1969) and Wibel et al. (1984): sensilla trichodea, sensilla chaetica,
sensilla placodea and sensilla basiconica. The individual types were quantified using the
Multi-point tool in Imagel2 and analysed for sex-specific morphological differences. The
length and width of the trichoid and placoid sensilla were measured using the Region of
Interest (ROI) manager of Imagel2 and differences in the pore density of the pore plates on



the placoid sensilla were visualized. Differences in the basiconic capitate sensilla were
determined by counting the number of ridges on the sensillum peg. All data was analysed
with a Wilcoxon rank-sum test of the Coin package in RStudio (v2024.12.1+563, Posit PBC).

Anterograde tracing of the antennal lobe

We performed anterograde tracing of antennal OSNs to visualize AL morphology of wild-type
and dsRNA-injected wasps in accordance with the protocol adopted by Smid et al. (2003).
Antennal backfills were performed by severing the left antenna of cold-sedated wasps
between the flagellum and the pedicel. The wasp bodies were then immobilized in
commercial modelling dough, with the head and amputated antenna protruding. A tapered
glass microcapillary filled with a 2.5% Biotin-Dextran (B9139, Sigma-Aldrich, St. Louis, MO,
USA) solution was placed over the pedicel and the specimens were incubated at 4°C for four
hours. The backfilled specimens were subsequently decapitated and the heads were fixated
in freshly dissolved 4% formaldehyde in a 0.1M PBS solution (pH 7.2) at 4°C overnight. The
heads were then briefly washed once in 70% ethanol and four times in 1x PBS to remove
residual formaldehyde. The brains were dissected in PBS in transparent glass staining blocks
and dehydrated in a graded series of ethanol (90%, 96% and 100%), followed by a 50-50%
ethanol/xylene solution and finally 100% xylene. The specimens were then rehydrated in a
graded series of ethanol (100%, 96%, 90%, 70%, 50% and 30%) and finally PBS. The brains
were further permeabilized in a 0.05% collagenase/PBS solution for one hour and incubated
in a solution of phosphate-buffered saline with Triton X-100 (PBS-T) and 1% bovine serum
albumin (BSA) at room temperature (RT) for one hour. A Streptavidin-Alexa Fluor 488
conjugate (S32354, Invitrogen, Waltham, MA, USA) and propidium iodide (P1304MP,
Invitrogen) were subsequently added to the PBS-T-BSA solution in a 1:50 and 1:200 dilution,
respectively. After incubation for ten hours, the brains were washed in three cycles of PBS
and PBS-T and dehydrated again in a graded series of ethanol (30%, 50%, 70%, 90%, 96%, 3x
100%), followed by a 50-50% ethanol/xylene solution and finally 100% xylene. Finally, the
brains were mounted on individual microscope slides in Dibutyl phthalate Polystyrene Xylene
(DPX, 06522, Sigma-Aldrich).

Confocal microscopy and antennal lobe 3D reconstruction

The mounted brain specimens were examined with a Zeiss LSM510 confocal laser scanning
microscope (Zeiss, Jena, Germany). The excitation light was provided by an argon ion laser
(458, 488 and 514 nm). The laser was fitted with a band-pass emission filter set at 488 nm to
excite the Alexa Fluor 488 stain and with a long-pass emission filter set at 560 nm to excite
the propidium iodide stain. The ALs were scanned using either the 40x or 63x Plan-Neofluar
NA 1.3 oil-immersion objective at a resolution of 2048 x 2048 pixels at 8-bits. Z-stacks were
scanned side by side with approximately 20% oversampling (i.e. 20% overlapping of the
optical sections on the Z-axis). The resulting image stacks were then merged into datasets and
AL glomerular organization was analysed using 3D-visualization software (AMIRA 5.4.2.,



Visage Imaging). Individual glomeruli were manually segmented in each optical section by
assigning voxels to discrete elements representing 3D space. A unique label was then assigned
to each specific glomerulus, resulting in a 3D array of voxels, where each voxel was
individually labelled as either a glomerulus or belonging to the background. Only ALs with
pronounced and well-defined glomeruli were used to determine the number of glomeruli
from the completed segmentations. The total number of individual glomeruli was then
calculated by counting all the unique glomerular labels and analysed for significant
differences between treatment groups with a Wilcoxon rank-sum test of the Coin package in
RStudio (v2024.12.1+563, Posit PBC). We then used the Resample module to enlarge the
resolution for subsequent 3D-surface reconstructions. From these datasets, we created 3D-
surface reconstructions of the ALs with the SurfaceGen and Unconstrained Smoothing
modules. These 3D reconstructions enabled glomerular morphology to be viewed from any
angle, which made it possible to visualize discrepancies in glomerular structures between
wild-type and dsRNA-injected males and females.



Results

dsRNA efficiency following Tra-i and Dsx-i

We assessed NvTra dsRNA efficiency by analysing the sex-specific splicing of NvTra and NvDsx
in wild-type and Tra-i samples. Wild-type males and females in our study showed normal
male- or female-specific splicing of NvTra and NvDsx (Figure 1A-1C), as observed previously
by Oliveira et al. (2009) and Verhulst et al. (2010a). Conversely, silencing Tra in females
resulted in both male- and female-specific splicing of NvTra (Figure 1A). In addition, these
samples also showed both male- and female-specific splice forms of NvDsx (Figure 1B, 1C).
The reference gene EFla showed a constant expression pattern in all wild-type and dsRNA-
injected samples (Figure 1D).
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Figure 1: Sex-specific splicing of NvTra after dsRNA treatment.

A-D: Gel electrophoresis showing sex-specific splicing of NvTra and NvDsx in females after Tra-i. Lanes 1 to 13
represent NvTra dsRNA-injected females, lanes 14 to 17 represent wild-type females and lane 18 a wild-type
male. M is a 100-bp molecular-weight size marker. The samples in lanes 5 and 13 contained contamination,
which hampered NvTra amplification. Arrows mark male- and female-specific splicing of NvTra and NvDsx. A:
Sex-specific splicing patterns of NvTra, amplified with the NvTra_F2 and NvTra_R3 primers. B-C: Sex-specific
splicing patterns of NvDsx, showing the three male-specific splice forms (NvDsxM1, NvDsxM2 and NvDsxM3)
and the female-specific splice form (NvDsxF1). D: The EF1a reference gene was expressed in all samples.

The Tra-i females that exhibited both male- and female-specific splicing also developed a
male-like phenotype. The antennae and femora, in particular, had significantly lighter
pigmentation compared to wild-type females, and wing morphology also showed an
intermediate state between wild-type males and females. Normally, the forewings of wild-
type females extend well beyond the abdominal tip (Wang et al., 2022a), whereas the



forewings of Tra-i females extended to or marginally beyond the abdominal tip. The Tra-i
females that expressed these male-like phenotypes confirmed successful NvTra knockdown
and were selected for our subsequent experiments.

We also assessed the efficiency of NvDsx dsRNA with RT-gPCR (Figure 2, Supplementary
Table 1). We silenced NvDsx in L4 male larvae and sampled these Dsx-i males (n = 8) three
days later as white-stage pupae to assess NvDsx expression. We observed a ~35% reduction
of NvDsx expression relative to Gfp-i males (n = 8), although this reduction was not significant
(Wilcoxon rank-sum test, W = 14, p = 0.06). However, silencing NvDsx in males also resulted
in female-like phenotypes, including dark pigmentation on the femora, tibiae and antennae,
as previously observed by Wang et al. (2022a). Again, forewing morphology showed an
intermediate state between wild-type males and females. The Dsx-i males that expressed
these female-like phenotypes likewise confirmed successful NvDsx knockdown and were also
selected for our subsequent experiments.
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Figure 2: Relative expression of NvDsx after dsRNA treatment.

Normalized relative expression of NvDsx in males after Dsx-i. Relative quantification of NvDsx expression in Dsx-
i males shows a ~35% reduction relative to the Gfp-i control (W = 14, p = 0.06). The significance of the difference
between the Gfp-i control and Dsx-i males was analysed with a Wilcoxon-rank sum test. Significance levels: NS
= not significant.

Sex-pheromone preference following Tra-i and Dsx-i

We tested the preference (Figure 3A) and residence time (Figure 3B) of dsRNA-injected N.
vitripennis males and females in an olfactometer bioassay containing the male abdominal
pheromone ((4R,5R)- and (4R,5S)-5-hydroxy-4-decanolide and 4-methylquinazoline)
(Supplementary Table 2).



Dsx and Tra shape neuronal differentiation in parasitoid olfaction

All females were subjected to the HDL+4-MeQ components of the male abdominal
pheromone. We found that Gfp-i females silenced at the L3 stage (n = 17) spent significantly
more time in the pheromone zone than in the control zone (Wilcoxon signed-rank test, Z =
2.7693, p < 0.01). In total, 88% of the Gfp-i females showed a preference for the pheromone
zone. This indicates that silencing Gfp in females did not affect their ability to perceive the
male abdominal pheromone. Tra-i females silenced at the L3 stage (n = 25), on the other
hand, spent a relatively similar amount of time in both the pheromone zone and control zone
(Z = 0.47087, p = 0.63). In total, 48% of the Tra-i females showed a preference for the
pheromone zone (Pearson’s Chi-squared test, x? = 5.4902, p < 0.05). This result indicates that
NvTRA regulates factors downstream of the sex-determination pathway to activate female
perception of the male abdominal pheromone. Conversely, Dsx-i females treated at the L4
stage (n = 27) spent significantly more time in the pheromone zone than in the control zone
(Z = 4.0848, p < 0.001). In total, 96% of the Dsx-i females showed a preference for the
pheromone zone (x> = 0.17535, p = 0.67). This indicates that NvDSX is not involved in
regulating female perception of the abdominal pheromone and that other factors regulated
by NvTra must be responsible.
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Figure 3: Zonal preference and residence time of dsRNA-injected male and female N. vitripennis in an
olfactometer bioassay containing the male abdominal pheromone.

A: Percentage of dsRNA-injected and control (Gfp-i) individuals showing a preference for either the solvent
control (depicted in red) or the male abdominal pheromone (HDL+4-MeQ for females and HDL for males)
(depicted in blue). Preferences of Tra-i and Dsx-i individuals were compared with their respective Gfp-i control
treatment and analysed for significant differences with a Pearson’s Chi-squared test. B: Mean residence time of
dsRNA-injected and control (Gfp-i) individuals in the olfactometer zones after five minutes observation.
Significant differences in mean residence time spent in the olfactometer zones were analysed with a Wilcoxon
signed-rank test. Significance levels: *** = p < 0.001, ** = p <0.01, * = p < 0.05 and NS = not significant.
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All males were subjected to the HDL component of the male abdominal pheromone. Gfp-i
males silenced at the L4 stage (n = 25) spent a relatively similar amount of time in both the
pheromone zone and control zone (Z = 0.39019, p = 0.69). In total, 40% of the Gfp-i males
showed a preference for the pheromone zone. This confirms their indifference to the male
abdominal pheromone and therefore indicates their inability to perceive this pheromone.
Conversely, Dsx-i males silenced at the L4 stage (n = 25) spent significantly more time in the
pheromone zone than the control zone (Z = 3.4256, p < 0.001). In total, 86% of the Dsx-i males
showed a preference for the pheromone zone (x> = 8.7734, p < 0.01). These results
demonstrate that silencing NvDsx in males activates chemosensory processes, enabling them
to perceive the male abdominal pheromone.

Differential expression of olfactory sensilla following Tra-i and Dsx-i

Antennae of N. vitripennis

We used scanning electron microscopy to map the antennae of wild-type (control) and
dsRNA-injected males and females. The antenna of N. vitripennis consists of a radicula, scape,
pedicel and flagellum (Figure 4A). The flagellum consists of two anellar segments, eight
funicular segments and a clava of two segments (Figure 4B, 4C). We measured the length and
width of each flagellar segment and calculated the mean length and surface area of the entire
flagellum (Supplementary Table 3). The wild-type male flagellum had a mean length of
605+35 pum (meantsd) compared to 712+45 um in wild-type females (Wilcoxon rank-sum
test, Z = 3.2404, p < 0.01). The mean surface area of the entire flagellum was 2142642577
um? in wild-type males and 2413442278 um? in wild-type females (Z = 2.4303, p < 0.05). Dsx-
i males developed a 10% longer flagellum (671+60 um, Z = 2.1924, p < 0.05) than wild-type
males, but maintained a similar surface area (Z = -0.5684, p = 0.63). Conversely, compared to
wild-type females, the flagellum of Tra-i females did not differ in length (Z=0.3873, p < 0.69)
or surface area (Z=0.7746, p = 0.43).

We classified the sensilla of males and females in accordance with Slifer (1969) and Wibel et
al. (1984) on the basis of morphological characteristics such as size, shape, ultrastructure and
basal socket. Accordingly, we identified and analysed four main types of sensilla: sensilla
trichodea, sensilla chaetica, sensilla placodea and sensilla basiconica (Figure 5A-5F,
Supplementary Table 4).

Sensillum number and density

Wild-type males (n = 7) and females (n = 8) showed sexual dimorphism in the total number of
sensilla on the flagellum (Figure 4B, 4C): wild-type males possessed 277+18 sensilla compared
to 373£21 in wild-type females (Z = 3.2433, p < 0.01). However, despite the difference in
surface area, no significant difference in sensillum density was found (Figure 6B; Z = 1.7359,
p = 0.08). Dsx-i males (n = 6), on the other hand, showed no significant difference in the total
number of sensilla (Figure 6A; Z = 1.7166, p = 0.08) nor in sensillum density (Figure 6B; Z =
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1.7143, p = 0.08), whereas Tra-i females (n = 6) developed 9.78% more sensilla (Figure 6A;
410428, Z = 2.1971, p < 0.05), while maintaining a similar sensillum density (Z = 0.6455, p =
0.51).

Flagellum

Figure 4: Scanning electron micrographs of N. vitripennis antennae.

A: Morphology of wild-type (WT) N. vitripennis antennae, consisting of the radicula, scape, pedicel and flagellum
segments. B-C: Overview of antennal segmentation in wild-type males and females: flagellum consisting of two
anelli (A1-A2), eight funicular segments (F1-F8) and a clava of two segments (C1-C2).

52



Chapter 3

M) WIRY S
/./ p 4
/ yl /

Figure 5: Scanning electron micrographs of different types of sensilla on wild-type male and female N.
vitripennis antennae.

A-F: Magnified view of wild-type (WT) male and female segments showing the ultrastructure of different
sensillum types. A: Hair-like sensilla trichodea (ST) with pores distributed along the hairs. B: Sensilla chaetica
subtype 1 (SCh-1) and sensilla placodea subtypes 1 (SP-1) and 2 (SP-2) with distinct differences in pore density.
C-D: Magnified view of the male and female antennal clava showing sensilla chaetica subtype 2 (SCh-2) with a
curved structure and sensilla basiconica subtype 1 (SB-1) in a generally clustered arrangement with a single pore
on the tip. E-F: Ultrastructure of sensilla basiconica subtype 2 (SB-2) showing a peg-like structure and a bulbous
head containing a sex-specific number of ridges.
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Figure 6: Morphological analysis of N. vitripennis antennal sensilla after dsSRNA treatment.

A: Wild-type (WT) females possessed significantly more sensilla than wild-type males. Tra-i females developed
significantly more sensilla than wild-type females. B: No significant difference was detected in sensillum density
between wild-type males and females. There was also no significant difference found in sensillum density in Dsx-
i males and Tra-i females compared to their wild-type counterparts. C: Wild-type females possessed significantly
more sensilla trichodea than wild-type males, whereas no significant change was detected in the number in Dsx-
i males and Tra-i females compared to their wild-type counterparts. D: Dsx-i males developed significantly wider
sensilla trichodea than wild-type males. There was no significant change in trichoid width in Tra-i females
compared to wild-type females. E: Wild-type females and Dsx-i males developed significantly more sensilla
chaetica than wild-type males. F: Wild-type females possessed significantly more sensilla placodea than wild-
type males, whereas no significant change was detected in the number in Dsx-i males and Tra-i females compared
to their wild-type counterparts. G: Wild-type males possessed significantly longer sensilla placodea than wild-
type females, whereas in Dsx-i males these sensilla were significantly shorter than in wild-type males. There was
no significant difference in placoid length between Tra-i females and wild-type females. H: Wild-type females
possessed significantly wider sensilla placodea than wild-type males, whereas in Tra-i females these sensilla were
significantly thinner than in wild-type females. There was no significant difference in placoid width between Dsx-
i males and wild-type males. Significant differences in the number, density, length and width were analysed with
a Wilcoxon rank-sum test. Significance levels: ** = p <0.01, * = p < 0.05 and NS = not significant.



Sensilla trichodea

The antennae of N. vitripennis possess a large number of multiporous hair-like sensilla, which
were classified by Slifer (1969) as “thin-walled pegs” and by Wibel et al. (1984) as “thin-walled
chemoreceptors”. The morphology of these hair-like sensilla corresponds closely to what has
been identified in other parasitoid wasps as sensilla trichodea (Dweck, 2009; Onagbola &
Fadamiro, 2008). Each trichoid sensillum emerges from the cuticle without a socket, has a
smooth surface and is covered in multiple small pores (Figure 5A). These tapered sensilla are
distributed between the placoid sensilla on nine flagellar segments (Figure 4B, 4C: F1-C1) in
both males and females and are 28.21+2.01 um long and 1.55+0.06 um wide at the base.

Wild-type males possessed 15516 trichoid sensilla compared to 170+13 in wild-type females
(Figure 6C; Z = 2.4303, p < 0.05). However, there was no significant difference in overall
trichoid density (Supplementary Figure 1A; Z = -0.98545.5, p = 0.32). After silencing, neither
Dsx-i males nor Tra-i females showed a significant difference in the number of trichoid sensilla
compared to wild-type males and females (Figure 6C; Z = 1.3666, p = 0.17 and Z = 0.84007, p
=0.40, respectively), and likewise in trichoid density (Supplementary Figure 1A; Z = 0.85832,
p =0.39 and Z=-0.6455, p = 0.51, respectively).

Wild-type males and females showed sexual dimorphism in the morphology of trichoid
sensilla. In males, these sensilla were 26.91£1.38 um long compared to 29.34+1.82 um in
females (Supplementary Figure 1B; Z = 2.1988, p < 0.05). After silencing, Dsx-i males
developed significantly wider (24.71%) trichoid sensilla compared to wild-type males
(1.94+0.16 um and 1.55+0.08 um, respectively) (Figure 6D; Z = 3, p < 0.01). These modified
trichoid sensilla were particularly widened at the base, with a number of them attaching to
the antennal cuticle along the sensillum length and showing a proliferation of pore formation
towards the base (Figure 7A-7D). From these results, it is evident that these sensilla have
developed into an intermediate state between a trichoid and a placoid, which indicates that
NvDsx in males regulates the development of these types of sensilla.
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Figure 7: Scanning electron micrographs showing morphological differentiation in trichoid sensilla on male N.

vitripennis antennae after silencing NvDsx.

A: Wild-type (WT) male showing sensilla trichodea (ST) and sensilla placodea (SP). Insert shows a magnified
example of a wild-type male trichoid. B: Ultrastructure of a wild-type male trichoid. C: Dsx-i male showing
widened trichoids (ST*) adjacent to placoids (SP). Insert shows a magnified example of a widened trichoid. D:
Ultrastructure of a widened trichoid, showing a proliferation of pore formation towards the base.

Sensilla chaetica

The second most abundant sensilla on the antennae of N. vitripennis are classified by both
Slifer (1969) and Wibel et al. (1984) as “tactile hairs”. However, in other parasitoid wasps,
these hair-like sensilla are consistent with what have been identified as sensilla chaetica
(Dweck & Gadallah, 2008; Liu et al., 2024). They form straight or curved hair-like tapered
structures arising from a cuticular pit and have a grooved surface that lacks pores. There are
two subtypes of sensilla chaetica (SCh-1 and SCh-2). Subtype SCh-1 represents a straight or
slightly curved hair (Figure 5B) and is the most abundant of the two. It is distributed between
the placoids on 11 flagellar segments (Figure 4B, 4C: A1-C1) in both males and females.
Subtype SCh-2 is curved at approximately 90 degrees (Figure 5C, 5D) and is present on the
antennal tip (Figure 4B, 4C: C2). The lack of pores on both subtypes of sensilla chaetica
indicates that these sensilla have a mechanosensory function.

In total, wild-type males possessed 7918 sensilla chaetica compared to 128110 in wild-type
females (Figure 6E; Z = 3.2433, p < 0.01). There was a significant difference in overall chaetica
density (Supplementary Figure 1C; Z = 3.0089, p < 0.01). After silencing, Dsx-i males
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developed a 27.32% increase (101+6.05) in sensilla chaetica compared to wild-type males
(Figure 6E; Z = 3.0041, p < 0.01) and possessed a higher density of this sensillum
(Supplementary Figure 1C; Z = 2.5714, p < 0.05). However, the number of these sensilla
remained unaffected in Tra-i females (Figure 6E; Z = 1.8114, p = 0.07). This indicates that
NvDsx in males regulates the development of sensilla chaetica in N. vitripennis.

Sensilla placodea

The third most abundant sensilla on the antennae of N. vitripennis are classified by Slifer
(1969) as “plate organs” and by Wibel et al. (1984) as “multiporous plate sensilla”. In
parasitoid wasps, these sensilla are referred to as sensilla placodea (Dweck, 2009; Onagbola
& Fadamiro, 2008). Although the etymology of the term “placoid” denotes a flat plate-like
structure, in N. vitripennis and other parasitoid wasps, placoid sensilla have a flattened,
elongated morphology and are attached to the antennal cuticle along the majority of the
sensillum’s body and covered in pores (Figure 5B). There are three sex-specific subtypes of
sensilla placodea (Figure 8; SP-1 and SP-2 in females and SP-3 in males), which are dimorphic
in shape and are arranged more or less regularly on nine flagellar segments (Figure 4B, 4C:
F1-C1) in both males and females. The presence of pores indicates that these sensilla have a
chemosensory function.

Wild-type males possessed 24+3 placoid sensilla compared to 44+4 in wild-type females
(Figure 6F; Z = 3.2579, p < 0.01). There was also a significant difference in overall placoid
density (Supplementary Figure 1D; Z = 3.2404, p < 0.01). After silencing, neither Dsx-i males
nor Tra-i females showed a significant difference in the number of placoid sensilla compared
to wild-type males and females (Figure 6F; Z = -1.4466, p = 0.14 and Z = 1.2981, p = 0.19,
respectively), and likewise in placoid density (Supplementary Figure 1D; Z=-0.7868, p = 0.43
and Z=0.45284, p = 0.65, respectively).

Wild-type males and females show sexual dimorphism in the length and width of sex-specific
placoid subtypes (Wibel et al., 1984). Wild-type male placoid sensilla were 33.13+1.89 um
long and 3.851£0.21 um wide, compared to 30.39+2.34 um long and 4.41+0.32 pum wide in
wild-type females (Figure 6G, 6H; Z=-2.2008, p < 0.05 and Z = 3.1246, p < 0.01, respectively).
After silencing, Dsx-i males developed significantly shorter (28.49+2.24 um) placoids
compared to wild-type males (Figure 6G; Z = -2.575, p < 0.05), but were not significantly
affected in the width (Z = 1.2857, p = 0.19). Conversely, Tra-i females developed significantly
thinner (4.09£0.14 um) placoids (Figure 6H; Z = -2.3238, p < 0.05), but were not significantly
affected in the length (Z = 1.0328, p = 0.30). These dimorphic differences in geometric
measurements correspond to the presence of the placoid subtypes described by Wibel et al.
(1984) and indicate that the morphology of these subtypes is regulated by NvDSX and NvTRA.

Wibel et al. (1984) also pointed out that these sex-specific subtypes differed in pore density
(Figure 8B, 9B and 9C). Accordingly, wild-type males possess one sex-specific subtype (SP-3)
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with a density of 15 pores/um? (Figure 8B), whereas wild-type females possess two sex-
specific subtypes (SP-1 and SP-2) with a density of 20 pores/um? and 9 pores/um?,
respectively (Figure 9B, 9C). These sex-specific differences in pore density were visually
discernible from our scanning electron micrographs (Figure 8A-8E, 9A-9F)). After silencing
NvDsx in males, we observed that these specimens developed a female-specific SP-1-type
(Figure 8D) alongside an SP-3-type placoid (Figure 8E). Conversely, after silencing NvTra in
females, we observed that these specimens developed a male-specific SP-3-type placoid
(Figure 9F) alongside a female-specific SP-2-type placoid (Figure 9E). This indicates that both
NvDsx and NvTra regulate the development of these sex-specific placoid subtypes in N.

vitripennis and that these subtypes have a sex-specific olfactory function.

Figure 8: Scanning electron micrographs showing morphological differentiation in placoid sensilla on male N.
vitripennis antennae after silencing NvDsx.

A-B: Wild-type (WT) male showing male-specific subtype 3 placoids (SP-3). B: Ultrastructure of a wild-type male
SP-3. C-E: Dsx-i male showing female-specific subtype 1 placoids (SP-1) and male-specific subtype 3 placoids (SP-
3). D-E: Ultrastructure of a Dsx-i male SP-1 and SP-2.
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Chapter 3

Figure 9: Scanning electron micrographs showing morphological differentiation in placoid sensilla female N.

vitripennis antennae after silencing NvTra.

A-C: Wild-type (WT) female showing female-specific subtype 1 and 2 placoids (SP-1 and SP-2). B-C: Ultrastructure
of a wild-type female SP-1 and SP-2. D-F: Tra-i female showing male-specific subtype 3 placoids (SP-3) and
female-specific subtype 2 placoids (SP-2). E-F: Ultrastructure of a Tra-i female SP-2 and SP-3.

Sensilla basiconica

The least abundant sensilla on the antennae of N. vitripennis are classified by Slifer (1969) as
“thick-walled pegs” and by Wibel et al. (1984) as “thick-walled chemoreceptors”. The
morphology of these peg-like sensilla correspond closely to what are identified in other
parasitoid wasps as sensilla basiconica (Dweck, 2009; Onagbola & Fadamiro, 2008). These
sensilla are sturdy peg-like structures that emerge from a pit or socket on the antennal cuticle.
There are two subtypes of sensilla basiconica (SB-1 and SB-2).

Subtype SB-1 represents a slightly curved and grooved, uniporous peg (Figure 5C, 5D) located
on both segments of the antennal clava (Figure 4B, 4C: C1-C2). The morphology and location
on the antennal clava indicates that this subtype functions as a contact sensillum for sensing
both host chemicals and non-volatile pheromones (Silva et al., 2016). Sex-specificity in SB-1
was observed in the number (max. seven in males and max. ten in females) and the
distribution (Figure 5C, 5D; predominantly clustered in females and more dispersed in males)
(Wibel et al., 1984). Due to variation in the angle of the scanned antennae, we were unable
to determine the exact number of this subtype and potential differences between wild-type
and dsRNA-treated specimens.
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Subtype SB-2 represents a mushroom-shaped capitated peg arising from a pit, with a
pronounced ridged head (Figure 5E, 5F) and a spiralling distribution on the antennal segments
F3-F8 in wild-type males and F3-C1 in wild-type females (Wibel et al., 1984). The function of
this subtype remains elusive, but it has been suggested to play a role in hygro- or
thermoreception (Onagbola & Fadamiro, 2008; Pettersson et al., 2001; Wcislo, 1995; Wibel
et al., 1984). Sex-specificity in SB-2 sensilla has previously been observed in the number of
pegs on the antennae of wild-type males and females (Wibel et al., 1984). However, we were
unable to confirm potential differences in the number between wild-type and dsRNA-treated
specimens due to variations in the angle of the scanned antennae. Sexual dimorphism was
observed in the number of ridges on this subtype: invariably 12 in wild-type males and 11-15
in wild-type females. After silencing NvDsx in males, SB-2 sensilla developed 13 ridges,
corresponding to the morphology of wild-type female SB-2 sensilla. The number of ridges in
Tra-i females, however, remained unaffected. This indicates that NvDSX regulates sexual
dimorphism in the ultrastructure of this subtype and represses variation in the number of
ridges of this subtype in males.

Antennal lobe morphological differentiation following Tra-i and Dsx-i

Nasonia vitripennis antennal-lobe anatomy

We performed anterograde tracing of antennal OSNs to analyse the glomerular organization
of the AL in wild-type and dsRNA-injected males and females. Anterograde tracing was
performed by backfilling severed antennae with the tracer Biotin-Dextran, which interacted
with the streptavidin-Alexa Fluor 488 (AF488) conjugate. The AF488 signal visualized the AL
glomerular morphology in fluorescent green in the confocal image stacks (Figure 10A). The
glomerular neuropil is surrounded by glia cells, which were stained with propidium iodide (PI)
in fluorescent blue (Figure 10B).

The antennal OSNs enter the AL on the ventral side via the antennal nerve (Figure 10A, 11A
and 12A), which in turn separates into numerous smaller tracts that innervate the various
glomerular regions of the AL (Figure 11B, 12B). We defined the glomeruli based on the
fluorescent AF488 signal from the Biotin-Dextran-backfilled OSNs in combination with the
auto-fluorescence of the glomeruli and used the surrounding glia cells as a counterstain.
Individual glomeruli are globular in form and are organized as a continuous outer layer on the
AL (Figure 11B-11C, 12B-12C). This layer is one or two glomeruli thick and surrounds a fibrous
core comprising OSN tracts that innervate the glomeruli. We segmented all individual
glomeruli before making 3D reconstructions of the AL in both wild-type and dsRNA-injected
males and females (Figure 10C-10F). Both the confocal stacks and the 3D reconstructions
showed sexual dimorphism in the overall glomerular morphology of the AL, which was oblate
in wild-type males (Figure 10C, 11A) and more spherical in wild-type females (Figure 10E,
12A), although these differences may be due to the scanning angle and/or mounting factors.
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Figure 10: Anterograde tracing of the N. vitripennis antennal lobe (AL).

A: Staining of the Biotin-Dextran-backfilled OSNs with streptavidin-Alexa Fluor 488 (AF488) conjugate. The OSN
axons enter the AL via the antennal nerve (AN) and innervate the glomeruli (GM). The fluorescent AF488 signal
is predominantly visible in the cortical layer of the glomeruli and in a number of fibres in the glomerular core. B:
Counterstain with 1:200 diluted propidium iodide (PI) of the glia cells surrounding the AL glomerular neuropil.
C-F: AL 3D reconstructions of a wild-type (WT) male, Dsx-i male, wild-type female and Tra-i female, showing the
segmented glomeruli and morphological changes after Dsx-i and Tra-i. G: Number of glomeruli in male and
female N. vitripennis treated with NvDsx and NvTra dsRNA, respectively. Wild-type males and females show
sexual dimorphism in the number of glomeruli. Dsx-i males show no significant difference in the number of
glomeruli compared to wild-type males, whereas Tra-i females show a significant reduction in the number of
glomeruli compared to wild-type females. Significant differences in the number of glomeruli were analysed with
a Wilcoxon rank-sum test. Significance levels: * = p < 0.05 and NS = not significant.
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Figure 11: Optical sections and 3D reconstructions of the glomeruli in the AL of N. vitripennis.

A-J: Confocal stacks of the glomerular neuropil morphology of wild-type (WT) males and Dsx-i males
(represented in rows) showing various sections of the AL from anterior to posterior. Dsx-i males show
morphological variation compared to wild-type males.
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Figure 12: Optical sections and 3D reconstructions of the glomeruli in the AL of N. vitripennis.

A-J: Confocal stacks of the glomerular neuropil morphology of wild-type (WT) females and Tra-i females
(represented in rows) showing various sections of the AL from anterior to posterior. Differences in glomerular
neuropil morphology between Tra-i females and wild-type females were due to the absence of female-specific
glomerular clusters at the ventromedial (VM), dorsomedial (DM) and dorsolateral (DL) sections of the AL in Tra-
i females.

Changes in the number of sex-specific glomeruli following Tra-i and Dsx-i

We used the 3D-reconstructed ALs (Figure 10C-F) to count the total number of glomeruli in
wild-type and dsRNA-treated specimens (Figure 10G, Supplementary Table 5). The number
of glomeruli is sexually dimorphic between wild-type males and females. Wild-type males (n
= 4) possessed 16715 glomeruli compared to 214+4 in wild-type females (n = 4) (Figure 10G;
Wilcoxon rank-sum test, Z = 2.4598, p < 0.05). Variation in the number of glomeruli was low
between individual male and individual female specimens. Wild-type males possessed
between 159 and 171 glomeruli and wild-type females between 212 and 224. 3D
reconstructions were also used to count the total number of glomeruli in Dsx-i males and
Tra-i females. After silencing, Dsx-i in males (n = 6) did not significantly affect the number of
glomeruli (Figure 10G; Z = -0.64193, p = 0.52). However, Tra-i females (n = 7) developed 10%
fewer glomeruli (193+15) compared to wild-type females (Figure 10G; Z = -2.0835, p < 0.05).
This indicates that NvTRA regulates other downstream factors than NvDsx, such as NvFru, to
control the number of female-specific glomeruli. Differences in the number of glomeruli
between individual Tra-i females are likely attributable to slight variations in the amount and
timing of NvTra dsRNA injected in the specimens.

Changes in glomerular neuropil morphology following Dsx-i and Tra-i

The confocal stacks and 3D reconstructions of our specimens enabled us to visualize changes
to the glomerular neuropil after Dsx-i and Tra-i. Although there was no significant difference
in the number of glomeruli between Dsx-i and wild-type males, the glomerular neuropil of
the Dsx-i specimens did show morphological variation (Figure 10C-10D, 11A-11J). We also



detected a difference in glomerular neuropil morphology between Tra-i and wild-type
females (Figure 10E-10F, 12A-12J), which corresponds to the absence of female-specific
glomerular clusters in the NvTra-silenced specimens (Figure 12F).

Identification of female-specific glomerular clusters following Tra-i

We used a well-defined Tra-i specimen to confirm the absence of four female-specific
glomerular clusters (Figure 12F-12J, 13) by assigning landmark glomeruli according to the
procedure of Smid et al. (2004). A cluster of approximately ten glomeruli present in the
ventromedial section of wild-type females was absent in the Tra-i specimen (Figure 13A-13B,
in blue). Only the glia cells that were stained with propidium iodide were visible at the location
of the missing cluster (Figure 12F). Two clusters were also visibly absent in the dorsomedial
and dorsolateral sections of this specimen (Figure 12F), although it was not possible to assign
landmark glomeruli to identify specific glomeruli in these clusters. Finally, a cluster of
approximately 13 glomeruli in the lateral-dorsolateral section of wild-type females was
absent in our specimen (Figure 13C-13D). These 13 glomeruli were located in close proximity
to a relatively large glomerulus (Figure 13C, in blue).
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Figure 13: Comparison of glomerular clusters in wild-type and Tra-i females.

A-D: 3D reconstructions of the glomerular neuropil morphology of wild-type (WT) females (A and C) and Tra-i
females (B and D). A and B show the anterior view; C and D show the posterior view. Female-specific glomerular
clusters present in wild-type females (indicated in blue) are absent in Tra-i females. Landmark glomeruli
(indicated in red) were used to identify these female-specific glomerular clusters. Accordingly, we identified a
female-specific cluster in the ventromedial (VM) section (A) and a female-specific cluster in the lateral-
dorsolateral (LDL) section (C) of the wild-type female AL.



These results indicate that NVTRA regulates downstream factors to form these sex-specific
glomerular clusters and that these clusters have a female-specific olfactory function. NvDSX,
on the other hand, is not involved in regulating glomerular morphological differentiation in
males, indicating that other factors downstream of NvTra are responsible for this process.



Discussion

In the evolution of chemical communication, insects have developed specialized neural
circuits to perceive pheromones. However, the sex-determination genes and their
mechanisms involved in shaping these sex-specific circuits remain elusive. We studied the
role that NvTra and NvDsx play in regulating sexual dimorphism of the olfactory system in N.
vitripennis for pheromone communication, by focusing on behaviour, sensilla development,
the morphology of the antennal lobe and the organization of glomeruli. We successfully used
dsRNA to silence NvDsx and NvTra expression in males and females, respectively. Dsx-i males
were feminized by reducing NvDsx expression, whereas Tra-i females were masculinized by
reducing NvTra expression and changing the female-specific splicing of NvDsx to male-specific
splicing.

Silencing these genes altered pheromone-mediated behaviour in both males and females.
Normally, only wild-type females are attracted to the male abdominal pheromone. After
silencing, however, Dsx-i males became attracted to the HDL component of this pheromone
and Tra-i females became indifferent. We also determined changes in the type, number and
morphology of olfactory sensilla in both silenced males and females, including the
development of intermediate forms. These changes corresponded to modifications in the
number and organization of glomeruli of the respective antennal lobes. Moreover, although
NvDsx did not appear to be a determining factor, NvTra did have a clear effect on the number
and organization of glomeruli, indicating that factors downstream of NvTra are responsible
for determining this process. As a result, our study confirms for the first time that sexual
dimorphism in the olfactory system of parasitoids and conserved elements of the sex-
determination cascade are responsible for pheromone-mediated behaviour in these insects
and opens up new avenues for identifying the downstream factors involved.

In the area of pheromone-mediated behaviour, our study shows that silencing NvDsx and
NvTra changed how the male abdominal pheromone was perceived. The male abdominal
pheromone consists of two components. The first, HDL (Ruther et al., 2007; Steiner & Ruther,
2009), is used to attract potential females, and the second, 4-MeQ, is used to ward off male
competitors (Ruther et al., 2008). Wild-type males do not normally respond to the HDL
component of their own pheromone blend (Ruther et al., 2011), which we confirmed with
the Gfp-i individuals. After silencing, however, we determined that Dsx-i males were
significantly attracted to the HDL component. Conversely, wild-type females are normally
attracted to the male-specific HDL component, but became indifferent to this pheromone
after silencing NvTra. It is likely that this effect is caused by DSX-M expression, as silencing
NvTra masculinizes NvDsx splicing, although FRU-M or other unidentified factors downstream
of NvTra could also influence this process. A previous study confirmed that DSX-M regulates
the production of the male abdominal pheromone (Wang et al., 2022b) and our study has
further demonstrated that DSX-M represses chemosensory processes responsible for
perceiving this pheromone in males. In the case of Tra-i females, on the other hand, although



it remains ambiguous which factors are specifically responsible for the loss of pheromone
attractiveness, it is likely that DSX-M is similarly involved. Future studies should therefore
focus on identifying these factors downstream of NvTra and elaborate on the specific
chemosensory genes responsible for inducing pheromone-mediated behaviour.

Olfactory sensilla on the antennae are responsible for detecting information in the form of
odours, such as cues for host identification as well as pheromones for mate recognition, sex
discrimination and courtship. Both males and females possess a unique set of sensilla to
enable sex-specific odour perception.

We confirmed that the sensilla in N. vitripennis are sexually dimorphic in number and
morphology as a result of NvDSX and NvTRA regulation. After silencing NvDsx and NvTra, we
observed specific changes in the number and morphology of trichoid and placoid sensilla, the
latter of which could be differentiated into sex-specific types based on pore density.
Interestingly, Dsx-i males developed an intermediate type of sensillum between a trichoid
and a placoid. This intermediate sensillum with both trichoid- and placoid-like characteristics
was particularly widened at the base of the hair and was attached to the antennal cuticle
along the length of the sensillum similar to a placoid. Since we confirmed that wild-type
females possess significantly more placoids than wild-type males, it is plausible that these
intermediate types in Dsx-i males were developing from trichoids into female-specific
placoids. We also confirmed two sex-specific placoid subtypes (SP-1 and SP-2) in wild-type
females, whereas wild-type males possess only one subtype (SP-3). After silencing, we
observed that Dsx-i males developed a female-specific SP-1 subtype together with a male-
specific SP-3 subtype. Conversely, Tra-i females developed a male-specific SP-3 subtype
together with a female-specific SP-2 subtype. This indicates that silencing NvDsx and NvTra
resulted in an intermediate phenotype, but not a complete reversal of sex-specific placoid
development, probably attributable to variable expression levels in our silenced specimens.
Our results therefore show that factors downstream of NvTra regulate sexual dimorphism in
trichoid and placoid development. We can conclude that DSX-M expression plays a role in
trichoid development in males, whereas it remains ambiguous whether the placoid changes
we observed in females are regulated by NvDSX or other factors spliced by NvTRA.

The developmental fate of a sensillum type is determined by a so-called sensory organ
precursor (SOP). During development, the SOP is selected from cells that express proneural
genes through a process that requires Notch signalling (Barad et al., 2011; Troost et al., 2023).
The selected SOP subsequently undergoes asymmetric division and the sensillum fate is then
determined by two classes of proneural transcriptional activators: the Ato class (the Atonal
and Amos genes) for olfactory sensilla (Goulding et al., 2000; Gupta & Rodrigues, 1997;
Jhaveri et al., 2000; zur Lage et al., 2003) and the AS-C class (the Achaete, Scute and Lethal of
scute genes) for gustatory and mechanosensory sensilla (Gémez-Skarmeta et al., 2003).
Although it remains unclear how DSX and TRA are involved in regulating these genetic



pathways, Dsx is expressed in SOPs to control the number of gustatory bristles in Drosophila
(Luecke et al., 2022). It does so by enhancing the activity of proneural genes, such Pox-Neuro,
which then determine the developmental fate of either gustatory or mechanosensory bristles
(Luecke et al., 2022). Although this mechanism is responsible for regulating gustatory sensilla
in Drosophila and gustatory sensilla are not affected by NvDSX or NVvTRA in N. vitripennis, we
hypothesize that NvDsx is expressed in olfactory SOPs to regulate sexual dimorphism in
trichoid and placoid olfactory sensilla in this species. It would therefore be interesting to
analyse how transcription factors of the Ato class are regulated by NvDSX and NVTRA to
determine how these sensilla develop in N. vitripennis.

The life histories of males and females determine the receptive capacity of their respective
sensory systems and the development of their neural circuits. This in turn is reflected in the
number of respective glomeruli needed to process olfactory information for olfactory-
mediated behaviour within their respective life histories and as a result in sexual dimorphism
in the morphology of the antennal lobe. We confirmed that the glomeruliin N. vitripennis are
sexually dimorphic in number and morphology as a result of NVTRA regulation. We visualized
the ALs using antennal backfills with Biotin-Dextran, which traces the OSNs to their
corresponding glomeruli. After silencing, we confirmed a reduction in the number of
glomeruli in Tra-i females. No significant change, however, was detected in the number of
glomeruliin Dsx-i males, although the AL structure of these specimens showed morphological
variation. We also succeeded in demonstrating NVTRA regulation of glomerular neuropil
organization, which corresponded to the absence of glomerular clusters in Tra-i females.
Different sensillum types possess distinct classes of OSNs, which project to distinct clusters of
glomeruli in the antennal lobe (Couto et al., 2005; Gao et al., 2000; Grabe et al., 2016).
Consequently, we hypothesize that the development of sex-specific glomerular clusters in
Nasonia females is dependent on the axonal growth and synaptic projections of the OSNs.

Distinct classes of OSNs located in different types of sensilla require specific genetic
mechanisms for determining axonal growth and synaptic projections to corresponding
glomeruli (Evans & Bashaw, 2010). In Drosophila, SOPs in the antennae produce distinct OSN
classes that express different levels of the Patched receptor, which subsequently determine
OSN axon sensitivity to Hedgehog expression in the AL (Chou et al., 2010b). During axon
growth, cell surface proteins, such as semaphorins and cell adhesion molecules (CAMs), also
ensure that OSNs project to their corresponding glomeruli (Aradjo & Tear, 2003), although it
remains unclear how Tra and its downstream factors, Dsx and Fru, are involved in this process.
In Drosophila, Dsx is expressed in subsets of neurons and these project to sexually dimorphic
glomeruli (Datta et al., 2008; Kondoh et al., 2003; Manoli et al., 2013; Stockinger et al., 2005).
Previous research has also found that Dsx and Fru are expressed in gustatory sensory neurons
to promote the process of axon midline-crossing in Drosophila by directly or indirectly
regulating Robo signalling (Mellert et al., 2010). Accordingly, DSX-F inhibited midline-crossing
in females, whereas FRU-M promoted this process in males. It would therefore also be



interesting to investigate whether similar mechanisms are involved in regulating the observed
sex-specificities in the female AL in Nasonia.

Compared to other insect orders, the development of the hymenopteran AL appears to be
dependent on the function of ORs (Chen et al., 2021; Trible et al., 2017; Yan et al., 2017). The
functioning of insect ORs is dependent on the expression of the Olfactory-receptor co-
receptor (Orco), which acts as an obligatory chaperone and olfactory tuning factor (Benton et
al., 2006; Getahun et al., 2013). The absence of Orco would hamper the expression of ORs in
OSN dendrites (Larsson et al., 2004). Recent research in ants and honeybees also shows that
disrupting Orco significantly reduced the number of glomeruli in these Hymenoptera species
(Chen et al., 2021; Trible et al., 2017; Yan et al., 2017), whereas in Diptera and Lepidoptera
species the number remained unaffected (DeGennaro et al., 2013; Fan et al., 2022; Fandino
et al., 2019; Larsson et al., 2004; Sun et al., 2020). This makes Orco an interesting candidate
for determining whether NvTRA regulates this gene for directing OSN axons to the sex-specific
clusters of glomeruli in the female AL in Nasonia. In addition to OSNs, glomerular
development is also determined by projection neurons, interneurons and neuroglia (Hansson
& Anton, 2000; Oland et al., 2008). Neuroglia in particular, play a crucial role in guiding OSN
axons in the antennae to clusters of glomeruli (Jhaveri et al., 2000; Rossler et al., 1999).
Research has also shown that neuroglia develop from the AL and create an axon-sorting zone
before the OSNs enter the AL (Gibson et al., 2012; Oland et al., 2008). It would therefore be
interesting to study how neuroglia affect AL development in Nasonia and how sex-
determination transcription factors play a role in this process.

Our study is the first to establish sexual dimorphism in the olfactory system of a parasitoid
model species and to provide evidence on the role of NvDSX and NvTRA in regulating the
olfactory system for pheromone-mediated behaviour. After silencing NvDsx and NvTra, we
determined the sex-specific regulation of olfactory sensilla and AL glomeruli for perceiving
sex-specific olfactory signals for inducing pheromone-mediated behaviour. Our results
indicate that NvDSX in males regulates proneural genes in olfactory SOPs to develop olfactory
sensilla and that NVTRA in females regulates OSNs for developing sex-specific glomeruli.
Future studies should investigate which factors downstream of NvTra are responsible for
shaping the sex-specific glomerular clusters in Nasonia females. Fru is a very promising
candidate for this due to its role in forming neural circuits in Drosophila (Bray & Amrein, 2003;
Kimura et al., 2008; Kohl et al., 2013; Zhou et al., 2014) and the fact that sex-specific splice
forms of this gene have already been identified in Nasonia, including a transcript exclusively
present in females (Bertossa et al., 2009). Another promising candidate is the recently
identified Glubschauge (Glu) gene, which is responsible for determining sexual dimorphism
in the eyes of Apis mellifera (Netschitailo et al., 2023).

The sex-specificities we identified in the olfactory system of Nasonia can serve as a template
for future studies aimed at determining neural circuits for parasitoid pheromone-mediated



behaviour, such as sex discrimination, mate recognition, courtship and foraging for hosts. We
therefore recommend pursuing our results further in experiments that include functionally
analysing downstream genetic pathways, identifying pheromone-sensitive sensilla through
single-sensillum recordings and tracing OSN projections from these sensilla to their
corresponding glomeruli. The placoid and trichoid sensilla regulated by NvDSX and NvTRA in
males and females, respectively, would be ideal targets for these experiments as we expect
the OSNs of these sensilla to project to sex-specific glomeruli. Understanding the sex-specific
regulation of the sensillum-OSN-glomerulus relationship will greatly advance our knowledge
on the genetic mechanisms and neural developmental pathways that determine the
evolution of neural circuits for pheromone perception in hymenopterans and in parasitoids
in particular. Future research into these processes in Nasonia will help further elucidate the
chemosensory mechanisms responsible for parasitoid olfactory behaviour and enable it to be
utilized for biological control purposes.
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Supplementary information

Supplementary Table 1: Relative expression of NvDsx after RNA.i.

Relative expression of NvDsx calculated using the delta-delta Ct method. EFla was used as a reference gene.
This table can be accessed online at:
https://git.wur.nl/aidan.williams/chapter3/-/blob/main/Supplementary_Table_1.csv?ref _type=heads

Supplementary Table 2: Olfactometer behavioural-assay data.

Average residence time measured for Gfp-i, Dsx-i and Tra-i specimens in a olfactometer containing the male
abdominal pheromone and control solvent dichloromethane. For each specimen, the preference for either the
abdominal pheromone or control solvent is noted. This table can be accessed online at:
https://git.wur.nl/aidan.williams/chapter3/-/blob/main/Supplementary_Table_2.csv?ref_type=heads

Supplementary Table 3: Length and surface area of the antennae.

The length and surface area of the antennae measured in wild-type, Dsx-i and Tra-i specimens. This table can be
accessed online at:
https://git.wur.nl/aidan.williams/chapter3/-/blob/main/Supplementary_Table_3.csv?ref_type=heads

Supplementary Table 4: Counts and morphometric measurements of the antennal sensilla.

Total number, density, average length and width of the different sensilla types analysed in wild-type, Dsx-i and
Tra-i specimens. This table can be accessed online at:
https://git.wur.nl/aidan.williams/chapter3/-/blob/main/Supplementary_Table_4.csv?ref _type=heads

Supplementary Table 5: Number of glomeruli in the antennal lobe.

Total number of glomeruli after segmentation of the antennal lobe in wild-type, Dsx-i and Tra-i specimens. This
table can be accessed online at:
https://git.wur.nl/aidan.williams/chapter3/-/blob/main/Supplementary_Table_5.csv?ref _type=heads
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Supplementary Figure 1: Morphological analysis of N. vitripennis antennal sensilla after dsRNA treatment.
A: No significant difference was detected in trichoid density between wild-type (WT) males and females. There
was also no significant difference found in trichoid density in Dsx-i males and Tra-i females compared to their
wild-type counterparts. B: Wild-type females possessed significantly longer trichoids, whereas there was no
significant change in trichoid length in Dsx-i males and Tra-i females compared to their wild-type counterparts.
C: Wild-type females and Dsx-i males developed a significantly higher sensilla chaetica density than wild-type
males. There was no significant change in sensilla chaetica density in Tra-i females compared to wild-type
females. D: Wild-type females possessed a significantly higher sensilla placodea density than wild-type males.
There was no significant difference found in sensilla placodea density in Dsx-i males and Tra-i females compared
to their wild-type counterparts. Significant differences in the density and length were analysed with a Wilcoxon
rank-sum test. Significance levels: ** = p < 0.01, * = p < 0.05 and NS = not significant.
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Abstract

Parasitoid wasps need to process complex habitat cues and pheromone signals to
navigate their natural environment. Consequently, they have evolved an expansive
olfactory-receptor repertoire and a corresponding antennal-lobe (AL) glomerular
morphology in the brain. Non-parasitoid Hymenoptera depend on the Olfactory-
receptor co-receptor (Orco) for the proper innervation and development of AL
glomeruli by olfactory sensory neurons (OSNs). Unlike in Drosophila, in which
glomerular morphology is fixed, research has shown that disrupting Orco in non-
parasitoid Hymenoptera results in the inability of the AL neuropil to differentiate into
multiple glomeruli. However, it remains unclear whether Orco expression is also
necessary for glomerular differentiation in the AL of parasitoid wasps. We hypothesize
that a similar mechanism is also responsible for determining the number and
morphology of glomeruli in these species, resulting in the degree of AL complexity
necessary for their parasitoid odour-mediated behaviour. We analysed the function
of the Orco gene in Nasonia vitripennis by silencing its expression with dsRNA at the
late larval stage. We subsequently analysed AL development by backfilling the
antennae with Biotin-Dextran to trace OSN projections to the glomeruli. Following AL
3D reconstruction, we determined a dramatic change in glomerular organization,
including a reduction in glomerular number and an increase in individual glomerular
and AL volume. Our study provides a solid basis for future research that aims to link
AL glomerular development and the evolution of parasitoid olfaction to the specific
functioning of the Orco gene.



Introduction

Within Hymenoptera species, parasitoid wasps are important natural enemies of many
agricultural pests and have therefore been the focus of much research, especially concerning
their chemical communication (Mair & Ruther, 2019; Polaszek & Vilhemsen, 2023). To
navigate their natural environments, parasitoids need to process complex chemical blends,
such as cuticular hydrocarbons for eliciting courtship (Kiihbandner et al., 2012; Mair et al.,
2017; Weiss et al., 2015; Wiirf et al., 2020) and odours for locating and assessing potential
hosts (Haverkamp et al., 2018; Meiners et al., 2003). This intricate life history serves as a
driver for the evolution of enhanced cognitive mechanisms to discriminate such odours. The
olfactory receptors (ORs) in particular have evolved rapidly in parasitoids and their
hymenopteran relatives (Legan et al., 2021; McKenzie et al., 2016; McKenzie & Kronauer,
2018; Robertson et al., 2010; Zhou et al., 2015) and this has resulted in the increased number
and morphological complexity of glomeruli in the antennal lobe (AL) (Arnold et al., 1985; Das
& Fadamiro, 2013; Groothuis et al., 2019; McKenzie et al., 2016; Smid et al., 2003; Zube &
Rossler, 2008). In the previous chapter, we determined the role of the sex-determination
transcription-factor genes Doublesex (Dsx) and Transformer (Tra) in regulating sexual
dimorphism in the AL of Nasonia vitripennis. Sexual differentiation is therefore a major
contributor to sexual dimorphism in the number of ORs and glomeruli in parasitoids.
However, we only have limited knowledge of the downstream genetic pathways responsible
for inducing these sex-specific differences in the olfactory system of these species.

The number of AL glomeruli corresponds to the number of expressed functional ORs in the
insect antennae (Couto et al., 2005; Fishilevich & Vosshall, 2005; Kurtovic et al., 2007;
Vosshall, 2000). Each glomerulus is innervated by olfactory sensory neurons (OSNs)
expressing the same OR gene. Each glomerulus is therefore defined as a unique functional
unit with a specific odour response (Ai et al., 2010; Hallem & Carlson, 2006; Kurtovic et al.,
2007; Suh et al., 2004). This functional correspondence between OR, OSN and glomerulus
creates a topographic odour-response pattern and allows for novel glomerular circuits to
arise through evolutionary shifts in the OR repertoire (Williams et al., 2022). Changes in the
number of glomeruli should therefore arise from genes involved in regulating OR expression
and OSN-glomerular projection. Numerous transcription factors have been identified that
regulate OSN development (Komiyama & Luo, 2006; Li et al., 2016), such as DSX and FRU.
These transcription factors target neurodevelopmental pathways to specify insect neural
circuits (Bray & Amrein, 2003; Datta et al., 2008; Kimura et al., 2008; Zhou et al., 2014).
However, the target genes and downstream mechanisms through which these transcription
factors operate remain poorly understood. One potential target that has received particular
attention is the Olfactory-receptor co-receptor (Orco), a gene required for the function of all
insect ORs (Larsson et al., 2004; Nakagawa et al., 2012; Nichols et al., 2011; Pask et al., 2011).

Orco has been identified as a chaperone gene for insect ORs (Larsson et al., 2004). Unlike in
mammals, insect ORs are unable to function independently and require Orco for their



expression within OSN dendrites. Accordingly, ORs couple with ORCO to form a heteromeric
complex, which then functions as a ligand-gated cation channel for binding odour compounds
(Nakagawa et al., 2012; Nichols et al., 2011; Pask et al., 2011) (Figure 1). The binding of odours
activates the OR via a metabotropic pathway. This in turn activates ORCO and sensitizes the
OR, enabling the insect to provide fine-tuned responses to a wide range of odours at different
concentration levels (Getahun et al., 2013). As a result, Orco is an important supporting and
tuning component for insect ORs and its disruption leads to the loss of insect OR-mediated
perception. Studies that disrupted Orco in various insect species confirmed a major loss in
olfactory sensitivity towards a broad range of odours, greatly hampering odour-guided
behaviour, such as short-distance orientation, host detection, pheromone perception and
social communication (DeGennaro et al., 2013; Koutroumpa et al., 2016; Larsson et al., 2004;
Li et al., 2016; Liu et al., 2017; Trible et al., 2017; Wang, 2023; Yan et al., 2017). Parasitoid
wasps lacking Orco expression have also been shown to exhibit impaired mating and host-
searching behaviour (Zhang et al., 2023).
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Figure 1: The function of Orco in insects.

A: Odours are detected by the antennae, which are covered by numerous olfactory sensilla. B: Orco is expressed
in the membrane of OSN dendrites located in olfactory sensilla and ORCO is necessary for the functioning of ORs
and OSNs.



Recent studies on Hymenoptera have demonstrated striking neuroanatomical changes after
disrupting Orco (Chen et al., 2021; Trible et al., 2017; Yan et al., 2017). In ant species, this
disruption impaired OSN development and caused a dramatic reduction in the number of AL
glomeruli. Interestingly, such anatomical changes following Orco disruption have not been
encountered in non-hymenopteran insects, although these did show severe impairment in
olfactory function (DeGennaro et al., 2013; Koutroumpa et al., 2016; Larsson et al., 2004; Li
et al., 2016; Liu et al., 2017). This would indicate that the Orco-dependent mechanism for AL
development is specific to Hymenoptera by incorporating OSN activity for glomerular
formation. Orco expression therefore enables OSNs to play a crucial role in AL differentiation
in these species, resulting in the proper separation of proto-glomeruli into multiple glomeruli
(Chen et al., 2021; Trible et al., 2017; Yan et al., 2017).

We hypothesized that the same Orco-dependent mechanism applies to AL development in
parasitoid Hymenoptera and that this mechanism interacts with the sex-determination
pathway to form glomerular circuits for sex-specific odour-mediated behaviour. In addition
to determining the role of the transcription factor NvDSX and its splicing factor NVvTRA in
regulating sexual dimorphism in the AL of N. vitripennis, recent research has also confirmed
the reduced expression of Orco (NvOrco) in N. vitripennis in a transcriptomic survey after
silencing NvDsx (Rougeot et al., 2025). Our aim was therefore to analyse the function of
NvOrco in the development of the N. vitripennis AL by silencing this gene with RNA
interference at the late larval stage and subsequently backfilling the antennae of these
specimens with Biotin-Dextran to trace OSN projections to AL glomeruli. Ultimately, our
research will help gain a better understanding of the neurodevelopmental mechanisms
facilitating the evolution of the intricate life history of parasitoid wasps.



Materials & Methods

Nasonia rearing

We used the lab strain AsymCX of N. vitripennis to silence Orco expression with dsRNA. The
AsymCX wasps were reared on Calliphora vomitoria pupae obtained as larvae from a
commercial manufacturer (Kreikamp & Zn, Hoevelaken, the Netherlands). The fly larvae were
reared in Lignocel 9S (JRS) wood fibre at room temperature and stored refrigerated at 5°C for
a maximum duration of four weeks once they pupated. After they emerged and had mated,
individual female wasps were placed together with a single host pupa in glass vials for 24
hours. Mated N. vitripennis females produce an offspring ratio of approximately 90% females
and 10% males. After 24 hours, we followed the rearing protocol for strain maintenance as
set out by Werren & Loehlin (2009a). This involves incubating the parasitized pupae in an
incubator at a constant temperature of 25°C for six days using a 16-hour light, eight-hour dark
cycle. The incubated pupae were subsequently dissected and fourth-instar wasp larvae (L4)
were collected in their grey-gut stage to inject Orco dsRNA.

Synthesis of NvOrco dsRNA and microinjection

We used the MEGAscript RNAI Kit (Thermo Fisher, Waltham, MA, USA) to generate NvOrco
dsRNA from N. vitripennis cDNA. A non-sex-specific NvOrco fragment of 302 bp was
synthesized in a PCR based on exon 1 of NvOrco using the GoTaq Flexi DNA polymerase
(Promega, Madison, WI, USA) and the primers F_RNAi_Orl_ [CCTGATGATGGAGAGCGACG]
and R_RNAi_Orl_[CGATCCTCTTGACCGACTCG] designed in Geneious Prime (Dotmatics,
Boston, MA, USA). This PCR product was amplified in two separate PCRs to add T7 promotors
[TAATACGACTCACTATAGGG] to either end of the amplicon. The resulting two templates were
then used in separate PCR reactions to transcribe both sense and antisense RNA molecules in
accordance with the MEGAscript RNAI Kit protocol (16 hours at 37°C). Gfp dsRNA was used as
an exogenous control and was generated from the pOPINEneo-3C-GFP vector (Addgene
plasmid #53534; https://www.addgene.org/53534/; RRID: Addgene_53534). Amplification by
PCR wusing GoTaq Flexi DNA polymerase with the primers GFP_RNAi_F (5’-
GTGACCACCTTGACCTACG-3’) and GFP_RNAIi_R (5’-TCTCGTTGGGGTCTTTGCT-3’) produced a
460 bp amplicon, which covered 64% of the Emerald GFP CDS.

The synthesized dsRNA was measured for its purity and concentration on a
spectrophotometer (DeNovix, DS-11 FX, Wilmington, Delaware, USA) and subsequently
diluted with RNase-free water to a concentration of 4 pg/ul and injected in N. vitripennis
larvae to silence NvOrco (Orco-i). By doing so, we injected dsRNA before the onset of adult
brain development, which typically takes place during the insect pupal phase (Tissot &
Stocker, 2000). NvOrco dsRNA was injected in female L4 larvae after six days post oviposition.
The larvae were aligned on a 1x phosphate-buffered saline (PBS) agar plate and a mixture of
4.5 ul dsRNA and 0.5 ul food dye was injected in their posterior using a Femtolet 4i
microinjection pump (Eppendorf, Hamburg, Germany) according to the protocol set out by



Lynch & Desplan (2006) and Werren et al. (2009). The L4 larvae were subsequently allowed
to pupate on the agar plate. All dsRNA-injected larvae were incubated at 25°C until they
pupated to the black-pupal stage after six days. Female wasp pupae were then collected
based on sex-specific traits (forewing size and presence/absence of the ovipositor) and kept
separate in glass vials. The eclosed Gfp-i and Orco-i specimens were used in our neural tracing
experiment.

Anterograde tracing of olfactory sensory neurons

We performed anterograde tracing of antennal OSNs to visualize AL morphology of Gfp-i and
Orco-i females in accordance with the protocol adopted by Smid et al. (2003). Antennal
backfills were performed by severing the right antenna of cold-sedated wasps between the
flagellum and the pedicel. The wasp bodies were then immobilized in commercial modelling
dough, with the head and amputated antenna protruding. A tapered glass microcapillary filled
with a 3% Biotin-Dextran (B9139, Sigma-Aldrich, St. Louis, MO, USA) solution was placed over
the pedicel and the specimens were incubated at 4°C for four hours. The backfilled specimens
were subsequently decapitated and the heads were fixated in freshly dissolved 4%
formaldehyde in a 0.1M PBS solution (pH 7.2) at 4°C overnight. The heads were then briefly
washed once in 70% ethanol and four times in 1x PBS to remove residual formaldehyde. The
brains were subsequently dissected in PBS in transparent glass staining blocks and
dehydrated in a graded series of ethanol (90%, 96% and 100%), followed by a 50-50%
ethanol/xylene solution and finally 100% xylene. The specimens were then rehydrated in a
graded series of ethanol (100%, 96%, 90%, 70%, 50% and 30%) and finally PBS. The brains
were further permeabilized in a 0.05% collagenase/PBS solution for one hour and incubated
in a solution of phosphate-buffered saline with Triton X-100 (PBS-T) and 1% bovine serum
albumin (BSA) at room temperature for one hour. A Streptavidin-Alexa Fluor 488 conjugate
(532354, Invitrogen, Waltham, MA, USA) and TO-PRO-3 (T3605, Invitrogen) were
subsequently added to the PBS-T-BSA solution in a 1:50 and 1:1000 dilution, respectively.
After incubation for ten hours, the brains were washed in three cycles of PBS and PBS-T and
dehydrated again in a graded series of ethanol (30%, 50%, 70%, 90%, 96%, 3x 100%), followed
by a 50-50% ethanol/xylene solution and finally 100% xylene. The brains were then mounted
on individual microscope slides in Dibutyl phthalate Polystyrene Xylene (DPX, 06522, Sigma-
Aldrich).

Analysing the effect of Orco-i on AL morphology

The mounted brain specimens were examined with a Zeiss LSM710 confocal laser scanning
microscope (Zeiss, Jena, Germany). The excitation light was provided by an argon ion laser
(458, 488 and 514 nm). The laser was fitted with a band-pass emission filter set at 488 nm to
excite the Alexa Fluor 488 stain and with a long-pass emission filter set at 560 nm to excite
the TO-PRO3 stain. All ALs were scanned using the 63x Plan-Neofluar NA 1.3 oil-immersion
objective at a resolution of 1024 x 1024 pixels at 8-bits. The pixel area of the specimens ranged



between 0.06 x 0.06 and 0.49 x 0.49 Im? and had a Z-axis of 0.8 um for detailed scans of the
AL. The resulting image stacks were then merged into datasets and AL glomerular
organization was analysed using 3D-visualization software (AMIRA 5.4.2., Visage Imaging). A
total of six Orco-i and five Gfp-i females were selected for analysis in AMIRA based on superior
confocal image quality. Individual glomeruli were manually segmented in each optical section
by assigning voxels to discrete elements representing 3D space. A unique label was then
assigned to each specific glomerulus, resulting in a 3D array of voxels, where each voxel was
individually labelled as either a glomerulus or belonging to the background. The total number
of individual glomeruli was then calculated by counting all the unique glomerular labels. We
then used the Resample module to enlarge the resolution for subsequent 3D-surface
reconstructions. From these datasets, we created 3D-surface reconstructions of the ALs with
the SurfaceGen and Unconstrained Smoothing modules. These 3D reconstructions were used
to calculate the total AL and glomerular volume and enabled glomerular morphology to be
viewed from any angle, making it possible to visualize discrepancies in glomerular structures
between Gfp-i and Orco-i females. All data was analysed for significant differences between
the Gfp-i and Orco-i treatment with a Wilcoxon rank-sum test in RStudio (v2024.12.1+563,
Posit PBC).



Results
Morphological differentiation in the Orco-i AL

We performed anterograde tracing of antennal OSNs to analyse the glomerular organization
of the AL in Gfp-i and Orco-i females. Anterograde tracing was performed by backfilling
severed antennae with the tracer Biotin-Dextran, which interacted with the streptavidin-
Alexa Fluor 488 (AF488) conjugate. The AF488 signal visualized the AL glomerular morphology
in fluorescent green in the confocal image stacks (Figure 2A, 2D). The glomerular neuropil is
surrounded by glia cells, which were stained with TO-PRO-3 in fluorescent blue (Figure 2A,
2D). We segmented all individual glomeruli before making 3D reconstructions of the AL in
both Gfp-i and Orco-i females.
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Figure 2: Anterograde tracing of the N. vitripennis AL after Gfp-i and Orco-i.

A: Staining of the Biotin-Dextran-backfilled OSNs in the Gfp-i female AL with streptavidin-Alexa Fluor 488 (AF488)
conjugate (in green). Counterstain with 1:1000 diluted TO-PRO-3 of the glia cells surrounding the AL glomerular
neuropil (in blue). B: 3D representation of the Gfp-i female AL through volume rendering. C: 3D reconstruction
of the Gfp-i female AL showing the organization of the segmented glomeruli. D: Orco-i female AL showing the
absence of a large glomerular cluster (indicated by dashed line). E: 3D representation of the Orco-i female AL
through volume rendering. F: 3D reconstruction of the Orco-i female AL showing the organization of the
segmented glomeruli.

The stained Gfp-i AL shared similar characteristics in glomerular neuropil organization to the
wild-type female AL analysed in Chapter 3 (Figure 3A-3J). The optical sections and 3D
reconstructions of the Orco-i AL, on the other hand, showed clear morphological differences
in glomerular neuropil organization compared to the Gfp-i AL (Figure 2, 3F-30). There was,



however, a degree of variability in these Orco-i specimens, which was likely attributable to
slight variations in the amount and timing of NvOrco dsRNA injected in the specimens. We
also observed the absence of large glomerular clusters in the Orco-i AL compared to the Gfp-
i AL (Figure 2D, 3K) and conjecture that this is the cause of the observed morphological
differences in these specimens. Only the glia cells that were stained with TO-PRO-3 were
visible at the location of the absent clusters. The overall glomerular structure, however,
remained unchanged as a continuous outer layer on the AL surrounding a fibrous core of OSN
tracts innervating the glomeruli (Figure 3M). These results indicate that NvOrco is responsible
for regulating glomerular morphological differentiation in the Nasonia AL.
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Figure 3: Optical sections of the glomeruli in the AL of female N. vitripennis after Gfp-i and Orco-i.

A-O: Confocal stacks of the glomerular neuropil morphology of wild-type (WT), Gfp-i and Orco-i females
(represented in rows) showing various sections of the AL from anterior to posterior (AN = antennal nerve; LT and
MT = lateral tract and medial tract of the antennal nerve; ST = subtracts; AMMC = antennal mechanosensory and
motor centre). A-J: Similar glomerular organization between the wild-type and Gfp-i female AL. F-O:
Morphological differences in glomerular organization between the Gfp-i and Orco-i female AL. K: Orco-i female
AL showing the absence of a large glomerular cluster (indicated by dashed line). C, H and M: The antennal nerve
bifurcates into a lateral tract and medial tract in all AL specimens. D, | and N: The lateral tract and medial tract
divide into multiple subtracts innervating separate glomerular domains in all AL specimens. E, J and O: Antennal
nerve also innervates the AMMC at the posterior of all AL specimens.

Silencing NvOrco decreases the number of glomeruli

We used the 3D-reconstructed ALs to count the total number of glomeruli in Gfp-i (n =5) and
Orco-i (n = 6) specimens. The mean number of glomeruli in wild-type females described in
Chapter 3 was similar to the number of glomeruli found in Gfp-i females. Orco-i females
developed 17% fewer glomeruli compared to Gfp-i females. The mean number of glomeruli



was 200+8 (meantsd) in Gfp-i compared to 166+12 in Orco-i females (Figure 4A,
Supplementary Table 1; Wilcoxon rank-sum test, W = 30, p < 0.01). Variation in the number
of glomeruli was greater between individual Orco-i specimens compared to Gfp-i specimens.
The number of glomeruli in Gfp-i females ranged between 187 and 207 and between 151 and
183 in Orco-i females. These results show that Orco-i in females decreases the number of
glomeruli, which indicates that NvOrco is essential for the development and maintenance of
AL glomeruli in N. vitripennis.
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Figure 4: Morphological analysis of AL glomeruli after Gfp-i and Orco-i.

A: Number of glomeruli in Gfp-i and Orco-i females. Orco-i females show a significant reduction in the number
of glomeruli compared to Gfp-i females. B: Total AL volume of Gfp-i and Orco-i females. Orco-i females show a
significant increase in the total AL volume. C: Glomerular volume of Gfp-i and Orco-i females. Orco-i females
show a significant increase in the volume of individual glomeruli. Significant differences in the number and
volume were analysed with a Wilcoxon rank-sum test. Significance levels: ** = p < 0.01. D: Frequency distribution
of glomerular volumes of Gfp-i and Orco-i females, showing that a greater proportion of glomeruli in Orco-i
females consume a relatively higher volume of the AL compared to Gfp-i females.



Silencing NvOrco increases the volume of the AL and glomeruli

We also used the 3D-reconstructed ALs to calculate the total AL and glomerular volume
(Supplementary Table 1 and 2). We found that the mean average AL volume of Orco-i females
was consistently higher compared to Gfp-i females. The mean AL volume was 89,559+8,035
um?3 in Gfp-i females (n = 5) compared to 135,241+24,843 um3in Orco-i females (n = 6) (Figure
4B, Supplementary Table 1; Wilcoxon rank-sum test, W = 0, p < 0.01). This reflects a 50%
increase in the total AL volume of Orco-i females compared to Gfp-i females and would
therefore indicate that a decrease in NvOrco expression in OSNs increases AL volume in N.
vitripennis. Variation in the total AL volume was greater between individual Orco-i specimens
compared to Gfp-i specimens. The total AL volume in Gfp-i females ranged between 76,430
um?3 and 99,623 um3 and between 105,785 um? to 174,890 um3 in Orco-i females. We also
found that the mean average glomerular volume of Orco-i females was consistently higher
compared to Gfp-i females. The mean glomerular volume was 44631 um3in Gfp-i females
compared to 817163 um?3 in Orco-i females (Figure 4C, Supplementary Table 1; Wilcoxon
rank-sum test, W = 0 p < 0.01). This represents an 83% increase in the glomerular volume of
Orco-i females compared to Gfp-i females and would therefore indicate that a decrease in
NvOrco expression also increases the volume of individual glomeruli. The frequency
distribution of the glomerular volumes showed that a greater proportion of glomeruli in Orco-
i females consumed a relatively higher volume of the AL compared to Gfp-i females (Figure
4D).



Discussion

Recent research has shown that disrupting Orco in non-parasitoid Hymenoptera hampers
OSNs to innervate the AL neuropil for protoglomerular structures to differentiate into
multiple glomeruli in adults (Chen et al., 2021; Trible et al., 2017; Yan et al., 2017). We
postulate that a similar mechanism is responsible for shaping the number and morphological
organization of AL glomeruli in parasitoid Hymenoptera. Our aim was to determine the role
that Orco plays in the development of the AL in Nasonia vitripennis, by silencing this gene
with dsRNA at the fourth-instar larval stage before the onset of OR expression and the
innervation of glomeruli by OSNs (Tissot & Stocker, 2000). Reduced NvOrco expression
resulted in dramatic neuro-anatomical changes in AL glomerular organization, including a
decrease in the number of glomeruli and an increase in the total AL and glomerular volume.
Our results corroborate previous studies that demonstrated the unique function of Orco in
Hymenoptera for AL glomerular development (Chen et al., 2021; Trible et al., 2017; Williams
et al., 2022; Yan et al., 2017). We can now conclude for the first time that Orco expression
serves as a crucial mechanism in parasitoid Hymenoptera for OSNs to innervate and organize
the AL glomerular neuropil.

After silencing NvOrco and Gfp in N. vitripennis females, we carried out antennal backfills with
Biotin-Dextran to trace OSNs to the AL neuropil for analysing glomerular organization. We
subsequently made 3D reconstructions of the AL of these backfilled specimens and
determined the number of glomeruli. Both wild-type and Gfp-i females possess
approximately 225 glomeruli (see Chapter 3), which corresponds to the number of
functionally expressed ORs in N. vitripennis (Robertson et al., 2010). After silencing NvOrco,
we determined a decrease in the number of glomeruli, in line with previous studies that
disrupted Orco in non-parasitoid Hymenoptera, such as ants and honeybees (Chen et al.,
2021; Trible et al., 2017; Yan et al., 2017). Our results therefore demonstrate that Orco is also
necessary in parasitoid Hymenoptera for OSNs to innervate their corresponding glomerular
targets and for determining the number of glomeruli in the AL. In species such as Drosophila,
in which the glomeruli are determined by projection neurons prior to OSN innervation
(Jefferis, 2005), Orco has been shown to play no role in AL development (Larsson et al., 2004),
In Hymenoptera species, however, we can now confirm that Orco is essential for OSN
innervation and consequently the formation of glomeruli. Nevertheless, it remains unclear
how this regulatory mechanism functions in these species. Our results enable future research
on parasitoid and other Hymenoptera to focus on determining the genetic pathways that
recruit Orco for regulating OSN projections and for determining the number of glomeruli in
the AL.

We also confirmed that silencing Orco affects glomerular volume in N. vitripennis. After 3D
reconstruction, we determined a 50% increase in the total AL volume and an 80% increase in
glomerular volume in our Orco-i specimens. One would expect that a decrease in the number
of glomeruli would also result in a decrease in AL and glomerular volume. This would reflect



previous studies that disrupted Orco in ants (Trible et al., 2017; Yan et al., 2017) and
honeybees (Chen et al., 2021) and found a decrease in these volumes. These studies on
formids, however, also found a major decrease in OSNs innervating the glomeruli after
knocking out Orco at the embryonic stage, whereas our study silenced Orco at the larval stage.
Moreover, another recent study also showed that OSNs were unable to survive in the absence
of this gene (Sieriebriennikov et al., 2024). This indicates that OSN and glomerular
development could depend on whether Orco is modified or silenced, and on the precise
timing of these procedures. The absence of OSNs in ants impeded the innervation of the
glomeruli, which in turn resulted in a decrease in AL and glomerular volume. Silencing Orco
in our specimens, on the other hand, did not impede OSN survival and therefore resulted in
a hyperinnervation of the remaining glomeruli and consequently an increase in AL and
glomerular volume. Our results therefore pave the way for future studies to investigate the
relationship between OSN survival, glomerular innervation and AL development in
parasitoids.

Our results also demonstrate that parasitoids utilize Orco for the correct differentiation of
glomeruli. The differentiation of glomeruli in insects is regulated through synaptic
interactions between OSNs, projection neurons and glia cells (Oland & Tolbert, 2011). These
interactions form a rough template of protoglomeruli during the development of the AL. Prior
to innervating the AL, OSN axons are bundled by glia cells in the antennae and are organized
at a so-called axon sorting zone before arriving at their glomerular targets in the AL (Rossler
et al., 1999). The OSNs subsequently interact with ensheathing glia that form glomerular
envelopes (Oland & Tolbert, 1987). We hypothesize that in parasitoids Orco expression is
required in OSNs to interact with glia cells to form stable glomeruli and to promote the
differentiation of protoglomeruli into smaller glomeruli (Figure 5). These smaller glomeruli
could initially be present as microglomeruli in the developing, undifferentiated
protoglomerulus, similar to the microglomeruli observed in some Orthoptera species, where
they are targeted separately by OSNs and projection neurons (Ignell et al., 2001). It would
therefore also be interesting to address how Orco influences the interactions between OSNs,
glia cells and other AL neurons for the differentiation of glomeruli in the AL.

Our 3D-reconstructed Orco-i specimens showed a degree of variation in morphology, number
and volume of glomeruli. This is likely due to variation in the amount of injected NvOrco
dsRNA causing different levels of NvOrco expression between our specimens. This is also
demonstrated by the fact that the decrease in the number of glomeruli in our Orco-i
specimens was not uniform. Our results therefore indicate that NvOrco functions as a general
mechanism in OSNs for establishing the organization of glomeruli. This process draws
comparisons with the Hedgehog signalling mechanism identified in Drosophila, where this
gene is required to induce and maintain the expression of the Patched receptor in subsets of
OSNs (Chou et al., 2010b). Different expression levels of Patched then determine the
sensitivity of OSN axons to Hedgehog signals derived from the AL, resulting in the spatial



coordination of OSNs and their glomerular targets (Chou et al., 2010b). Orco expression in
Drosophila marks the final step in this process (Sanchez et al., 2016), but has no further
influence on the final morphology of the AL in this species (Larsson et al., 2004). This indicates
that the OSNs in Hymenoptera rely more on Orco for fine-tuning glomerular organization,
whereas Drosophila depends on the molecular processes preceding the expression of this
gene.
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Figure 5: Hypothetical scenarios of Orco shaping AL glomerular formation.

Three scenarios in which Orco could contribute to the formation of AL glomeruli. A: OSNs interact with antennal
and sorting zone glia for the correct innervation of glomeruli in the AL (Oland & Tolbert, 2011; Réssler et al.,
1999). B: OSNs interact with ensheathing glia that stabilize glomeruli in the AL (Oland & Tolbert, 1987). C: OSNs
are necessary for the correct differentiation of protoglomeruli (possessing numerous microglomeruli) into
multiple glomeruli.

Our study is the first to determine the developmental effects of Orco on glomeruli in
parasitoid wasps. After silencing NvOrco in L4 larvae, we determined dramatic morphological
changes in the AL, including a decrease in the number of glomeruli and an increase in AL and
glomerular volume. In social Hymenoptera, such as ants, Orco has been shown to be an
essential component for facilitating OSN projection to specific glomeruli (Trible et al., 2017;
Yan et al., 2017). Our results can now verify that Orco is also necessary in parasitoid OSNs for
innervating their glomerular targets and for fine-tuning glomerular organization. We
recommend pursuing our results further to investigate which downstream genes of Orco are
responsible for these processes. Genes influencing OSN projections and OSN-glia interactions
are potential targets for these studies. Furthermore, the glomeruli of N. vitripennis are
sexually dimorphic in number and are regulated by the sex-determination splicing factor TRA.
Silencing this gene results in a decrease in the number of glomeruli in females and the loss of
glomerular clusters, comparable to our Orco-i specimens. This would make Orco a promising
target of sex-determination transcription factors for regulating sexual dimorphism in the



parasitoid AL. We recommend investigating whether Orco interacts with these transcription
factors and, if so, at which developmental stage these interactions take place.

Our results have paved the way for future research into the developmental role of Orco in
parasitoids. Previous studies on other Hymenoptera species have already determined how
the absence of Orco modifies glomerular organization, but have not looked at the specific
mechanisms involved in OSN development (Chen et al., 2021; Trible et al., 2017; Yan et al.,
2017). The intricate life history of parasitoids and other Hymenoptera serves as a driver for
the evolution of enhanced cognitive mechanisms, such as the increased number of OR genes
(Leganetal., 2021; McKenzie et al., 2016; McKenzie & Kronauer, 2018; Robertson et al., 2010;
Zhou et al., 2015) and glomeruli (Arnold et al., 1985; Das & Fadamiro, 2013; Groothuis et al.,
2019; McKenzie et al., 2016; Smid et al., 2003; Zube & Rossler, 2008) compared to other insect
orders, such as Diptera and Lepidoptera. The increase in these cognitive mechanisms should
therefore correspond to an increase in the production of OSNs, although the underlying
developmental and molecular processes remain unclear. Our research now provides a
neurophysiological foundation for future research into the specific function of Orco in these
processes. Orco clearly plays an important role in the relationship between OSNs and AL
development and this is crucial for the regulation of olfactory behaviour. In ants, Orco was
found to significantly influence social behaviour and reproduction, indicating the importance
of this gene for perceiving pheromones (Trible et al., 2017; Yan et al., 2017). In parasitoids,
moreover, Orco is essential for inducing mating and host-searching behaviour (Zhang et al.,
2023). Understanding the relationship between OSNs and AL development will therefore
provide us with new insight into how this gene shapes glomerular organization and its role in
forming neural circuits involved in odour-mediated behaviour. Knowledge of the specific
neurodevelopmental genes and neural circuits involved in parasitoid host-searching
behaviour can be implemented into selective breeding strategies optimizing parasitoids as
biological control agents for integrated pest-management solutions.
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Chapter 4

Supplementary information

Supplementary Table 1: Number and volumetric data of Gfp-i and Orco-i specimens.
Table showing the number of glomeruli and the total antennal lobe and glomerular volume in Gfp-i and Orco-i
specimens.

Total glomerular Total antennal lobe  Average glomerular
count volume (umA3) volume (um~3)
Gfp-i L4 female 206 94664.80 459.54
Gfp-i L4 female 207 99623.03 481.27
Gfp-i L4 female 187 76430.51 408.72
Gfp-i L4 female 205 91785.60 447.73
Gfp-i L4 female 197 85292.57 432.96
Orco-i L4 female 161 105785.39 657.05
Orco-i L4 female 178 137398.96 771.9
Orco-i L4 female 159 174890.29 1099.94
Orco-i L4 female 151 136275.04 902.48
Orco-i L4 female 164 111951.18 682.63
Orco-i L4 female 183 145149.84 793.17

Treatment

Supplementary Table 2: Raw volumetric data of the segmented Gfp-i and Orco-i specimens.

Volumes are calculated for each glomerulus (denoted as ‘material’) based on the amount of assigned voxels.
This table can be accessed online at:
https://git.wur.nl/aidan.williams/chapter4/-/blob/main/Supplementary_Table_2.csv?ref_type=heads
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Abstract

Sex pheromones are used by insects as chemical signals to identify and choose mating
partners of the opposite sex. This chapter focuses on pheromone production and in
particular the genetic pathway that regulates pheromone sexual dimorphism. Sexual
dimorphism in pheromones is regulated by transcription factors of the sex-
determination pathway. One such group of sexually dimorphic pheromones are the
cuticular hydrocarbons (CHCs), which are utilized by insects for close-range sexual
communication. Transformer (TRA) is a conserved splicing factor in the sex-
determination pathway that has been shown to regulate sexual dimorphism in CHC
production. However, research into the mechanism by which this specific factor
regulates insect CHC production has been limited to the model species Drosophila and
has yet to be investigated in species with more complex CHC profiles. In this chapter,
we confirmed the function of Tra in regulating sexual dimorphism in the CHC profile
of the parasitoid Nasonia vitripennis. We determined that silencing NvTra at the larval
stage masculinized the adult female CHC profile by changing the relative composition
of CHC compounds from female-specific to male-specific. Masculinization of the
female CHC profile also affected male mating behaviour, as demonstrated in the
decreased duration of the time that males spent mounting and attempting to copulate
with NvTra-silenced female specimens. We conclude that NvTra plays a crucial role in
feminizing the CHC profile of N. vitripennis during pupal development, resulting in the
production of CHCs for eliciting male mating behaviour. Moreover, our results now
enable us to turn to identifying the downstream sex-determination transcription
factors and corresponding male and female biosynthetic genes for producing sexually
dimorphic CHCs.



Introduction

Attracting and recognizing the opposite sex is a critical aspect of animal sexual
communication. Sex pheromones are chemicals specifically used to signal the species and
sexual identity of individuals, which in turn needs to be correctly perceived by a mating
partner to induce a behavioural response (Wyatt, 2014). The chemical information conveyed
by sex pheromones influences the process of mate choice by advertising the quality of a
potential mating partner (Johansson & Jones, 2007). Sex-pheromone specificity is therefore
paramount, as any change in chemical composition can determine the outcome of mating
decisions. As a result of sexual selection, insects have evolved sexually dimorphic pheromones
and the cognate receptors to reinforce reproductive isolation (Buchinger & Li, 2023;
Johansson & Jones, 2007; Ritchie & Noor, 2004; Smadja & Butlin, 2009; Steiger & Stokl, 2014;
Svensson, 1996). In Chapters 3 and 4, we discussed the potential genetic mechanisms
regulating sexual dimorphism in insect pheromone perception. We will now focus on
pheromone production and in particular the genetic pathway that regulates pheromone
sexual dimorphism. Conserved transcription factors of the sex-determination pathway
regulate sexual differentiation in pheromone production (Chertemps et al., 2006, 2007;
Ferveur et al., 1997; Jallon et al., 1988; Pei et al., 2021; Sun et al., 2023a; Tompkins &
McRobert, 1989, 1995; Waterbury et al., 1999). These transcription factors regulate the sex-
biased expression of biosynthetic genes, which in turn determine the composition of sex
pheromones and contribute to reproductive isolation (Shirangi et al., 2009). Understanding
how sexual differentiation regulates pheromone production is therefore necessary to
elucidate the evolution of sexual dimorphism in insect pheromone communication.

Cuticular hydrocarbons (CHCs) have long been the primary focus of research into the genetic
regulation of insect sex pheromones (Chung & Carroll, 2015; Holze et al., 2021; Wang et al.,
2025). These long-chain carbon chemicals form a major component of the insect waxy layer
on the cuticle (Blomquist et al., 1987; Lockey, 1988), preventing desiccation while also serving
as pheromones for close-range sexual communication (Chung et al., 2014; Chung & Carroll,
2015). Moreover, the chemical biology and genetic regulation of CHCs provide an ideal model
to study the evolution of sexually dimorphic pheromones. Not only are CHCs chemically
diverse, but many closely related insect species have evolved a diversity of sexually dimorphic
CHC profiles (Buellesbach et al., 2013; Dembeck et al., 2015; Kather & Martin, 2015; Oliveira
et al., 2011). Studies on the mating systems of these species have also shown that sexually
dimorphic CHCs play an essential role for attracting potential mating partners, while also
inducing behaviour such as aggregation, aggression, courtship and copulation (Billeter &
Wolfner, 2018; Ferveur, 2005; Leonhardt et al., 2016; Mair & Ruther, 2019). The specific CHC
compounds that induce such behaviour have diverged among closely related insect species
and this in turn has contributed to assortative mating and reproductive isolation (Billeter et
al., 2009; Buellesbach et al., 2013; Chung & Carroll, 2015; Coyne et al., 1994). Research has
identified the genes and corresponding enzymes involved in the insect CHC biosynthetic



pathway, which appear to be highly conserved and involve metabolizing fatty-acid precursors
by fatty-acid synthases, elongases, desaturases, reductases and decarbonylases (Blomquist &
Bagneres, 2010; Blomquist & Ginzel, 2021; Chung & Carroll, 2015; Holze et al., 2021; Howard
& Blomquist, 2005). However, research on how sex determination regulates the CHC
biosynthetic pathway has primarily been limited to the model organism Drosophila.

Cuticular hydrocarbons are among the first insect sex pheromones shown to be regulated by
the sex-determination pathway. The CHCs of the model species Drosophila melanogaster are
sexually dimorphic (Ferveur, 1997). In Drosophila, females produce the long-chain dienes
(CHCs with double bonds), 7,11-heptacosadiene (7,11-HD) and 7,11-nonacosadiene (7,11-
ND), whereas males produce larger amounts of the monoenes (monounsaturated CHCs), 7-
tricosene (7-T) and 7-pentacosene (7-P). The female-specific dienes, 7,11-HD and 7,11-ND,
are known as aphrodisiac molecules, which elicit courtship in males, whereas the male-
specific monoenes, 7-T and 7-P, have the opposite effect (Ferveur & Sureau, 1996; Savarit et
al., 1999; Scott & Jackson, 1988). The production of these CHCs is known to be regulated by
genes of the sex-determination pathway (Chertemps et al., 2006, 2007; Ferveur et al., 1997;
Jallon et al., 1988; Sun et al., 2023a; Tompkins & McRobert, 1989, 1995; Waterbury et al.,
1999). In these studies, mutations in the Sex-lethal (Sx/), Transformer (Tra), Transformer-2
(Tra-2) and Doublesex (Dsx) genes were seen to masculinize the CHC profile of females.
Conversely, ectopic expression of Sx/, Tra and the female splice form of Dsx in males feminized
the CHC profile. How these genes are involved in regulating CHC biosynthesis in other insects
remains unknown.

Transformer is a central component of sex determination in most insects (Verhulst et al.,
2010b). This splicing factor functions as a binary switch in the sex-determination pathway by
regulating the sex-specific splicing of Dsx and Fruitless (Fru) (Bopp et al., 2014; Verhulst et al.,
2010b). The sex-specific splicing of Dsx and Fru transcripts results in male and female
transcription factors necessary for sex-specific development, pheromone production and
behaviour (Verhulst & van de Zande, 2015). The function of TRA as a splicing factor of Dsx is
conserved in most insects and has been shown to affect the production of sexually dimorphic
CHCs (Savarit & Ferveur, 2002). Ectopic expression of Tra in Drosophila males resulted in the
expression of female-specific CHC biosynthesis genes (Chertemps et al., 2006, 2007). The
central role that Tra plays in the sex-determination pathway of most insects (Verhulst et al.,
2010b) makes it an ideal candidate gene for investigating the evolution of sexual dimorphism
in the CHC profile, not only in Drosophila, but also in species that use different pheromone-
coding systems, such as Hymenoptera.

Hymenoptera, including ants, bees and wasps, have evolved a wide-ranging diversity of CHC
profiles (Kather & Martin, 2015). However, only very limited research has been carried out
into the role that sex determination plays in regulating the CHC biosynthetic pathway in these
species. Parasitoid Hymenoptera, such as the model species Nasonia vitripennis, produce



some of the most complex CHC profiles, comprising a wide variety of methyl-branched
alkanes (Kather & Martin, 2015). It has been shown that CHCs function as mate-recognition
signals in Nasonia, enabling males to direct courtship to conspecific mating partners (Steiner
et al., 2006; Sun et al., 2023b). As a result, all four Nasonia species have evolved sexually
dimorphic CHC profiles (Buellesbach et al., 2013; Niehuis et al., 2011), suggesting a potential
role of TRA and its downstream targets. Recent studies on N. vitripennis have shown that Dsx,
a splicing target of TRA, regulates the sex-specific biosynthesis of alkenes (Wang et al., 2022b).
Silencing Dsx in males decreased the absolute quantities of these alkenes and induced
courtship between wild-type males and the silenced males. These alkenes therefore function
as pheromones in N. vitripennis to inhibit male-male courtship.

This study focused on determining the function of TRA in regulating sexual differentiation in
the CHC profile of N. vitripennis. We determined the function of NvTra by silencing this gene
at the third-instar larval stage of females and analysing the relative composition of CHCs with
GC-MS and multivariate analyses. Silencing NvTra at the third-instar larval stage with RNA
interference (RNAI) induces masculinization by changing the alternative splicing of Dsx and
other sex-determination transcription-factor genes from female-specific to male-specific. We
therefore also analysed whether silencing NvTra in females affected the absolute quantities
of alkenes. We hypothesized that NvTra-silenced females develop a male-specific CHC
phenotype that affects the mating behaviour of males. Our study was able to establish that
NVTRA plays an essential role in the sex-specific splicing of transcription factors that regulate
female differentiation in the CHC profile of N. vitripennis.



Materials & Methods

Nasonia rearing

We used the lab strain AsymCX of N. vitripennis to silence NvTra expression with dsRNA.
AsymCX was reared on Calliphora vomitoria pupae obtained as larvae from a commercial
manufacturer (Kreikamp & Zn, Hoevelaken, the Netherlands). The fly larvae were left to
pupate in sawdust at room temperature for three to four days and were subsequently stored
at 4°C for a maximum duration of four weeks after pupation. Once they emerged, individual
female wasps were placed together with a single host pupa in glass vials for 24 hours. This
ensured the consistent development of our lab strains in terms of body size and CHC
production. Virgin female wasps were used to produce male-only offspring (100% males) and
mated females were used to produce mainly female offspring (90% females). After 24 hours,
we followed the rearing protocol for Nasonia strain maintenance as set out by Werren &
Loehlin (2009a). This protocol involved incubating the parasitized pupae at a constant
temperature of 25°C using a 16-hour light, eight-hour dark cycle. The male and female
offspring were subsequently used in our dsRNA and behavioural experiments.

Synthesis of NvTra dsRNA

We used the MEGAscript RNAI Kit (Thermo Fisher, Waltham, MA, USA) to generate NvTra
dsRNA from N. vitripennis cDNA. Nasonia vitripennis cDNA and NvTra dsRNA were
synthesized in line with the protocols set out in Chapter 3. A non-sex-specific NvTra fragment
of 452 bp was synthesized in a PCR using the GoTaq Flexi DNA polymerase (Promega,
Madison, WI, USA) and the designed primers Nv_Tra_RNAi_F1 (5-
CGAGACATCAGTTAGAAGAT-3’) and Nv_Tra_RNAi_R1 (5-GTCTTGTGGTCCTATGAAAC-3'). The
PCR product was amplified in two separate PCRs to add T7 promotors
[TAATACGACTCACTATAGGG] to either end of the amplicon. The resulting two templates were
then used in separate PCR reactions to transcribe both sense and antisense RNA molecules in
accordance with the MEGAscript RNAI Kit protocol (16 hours at 37°C). Gfp dsRNA was used as
an exogenous control in our chemical and behavioural experiments and was generated from
the pOPINEneo-3C-GFP vector (Addgene plasmid #53534; https://www.addgene.org/53534/;
RRID: Addgene_53534). Amplification by PCR using GoTaq Flexi DNA polymerase (Promega)
with the primers GFP_RNAi_F (5'-GTGACCACCTTGACCTACG-3’) and GFP_RNAi_R (5'-
TCTCGTTGGGGTCTTTGCT-3’) produced a 460 bp amplicon, which covered 64% of the Emerald
GFP CDS. The synthesized dsRNA was measured for its purity and concentration on a
spectrophotometer (DeNovix, DS-11 FX, Wilmington, Delaware, USA) and subsequently
diluted with RNase-free water to a concentration of 4 pg/ul and injected in third-instar N.
vitripennis larvae to silence NvTra (Tra-i).



Micro-injection of NvTra dsRNA

NvTra and Gfp dsRNA was injected in female third-instar larvae (L3) four days post oviposition.
This was carried out before the onset of adult oenocyte development and CHC production
that occur during the pupal stage (Carlson et al., 1999; Johnson & Butterworth, 1985;
Lawrence & Johnston, 1982). The L3 larvae were specifically chosen for injecting NvTra dsRNA
to allow sufficient time for Dsx to revert to default male-specific splicing. The larvae were
aligned on a 1x phosphate-buffered saline (PBS) agar plate and a mixture of 4.5 pl dsRNA and
0.5 ul food dye was injected in their posterior using a Femtolet 4i microinjection pump
(Eppendorf, Hamburg, Germany) according to the protocol set out by Lynch & Desplan (2006)
and Werren et al. (2009). The L3 larvae were subsequently returned to a parasitized host to
continue feeding until pupation. The parasitized hosts for the L3 larvae were prepared one
day before the dsRNA injections, by enabling female N. vitripennis to oviposit in the anterior
of the fly pupae. The eggs were removed from the host after 24 hours and replaced by the
NvTra dsRNA-injected larvae, which were then able to continue development. The dsRNA-
injected larvae were incubated at 25°C until pupation. Female specimens were then collected
based on sex-specific traits (forewing size and presence/absence of the ovipositor) and kept
separate for chemical and behavioural analysis.

As indicated in Chapter 3, Tra-i females develop a male-like phenotype, such as lighter
pigmentation on the antennae and femora, as well as a wing morphology intermediate
between wild-type males and females. Our PCR analysis in Chapter 3 showed that these Tra-
i females expressed both male- and female-specific splice forms of NvTra and NvDsx,
confirming that NvTra was successfully silenced. On the basis of these results, we selected
Tra-i females with similar male-like phenotypes for our chemical and behavioural
experiments.

Chemical analysis

GC-MS and CHC identification

We analysed the adult CHC profile of Tra-i females and compared this with the CHC profile of
wild-type males, wild-type females and Gfp-i females. Wasps of these treatment groups were
collected at the black pupal stage and kept separate in 1.5 ml Eppendorf tubes (Eppendorf,
Hamburg, Germany) with perforated caps. The wasps were freeze-killed at —20°C 48 hours
after emergence. We then extracted the CHCs by immersing individual wasps in a 15 pl n-
hexane solution in a 300 ul glass insert (Klaus Trott Chromatographie-Zubehor, Kriftel,
Germany) for 30 minutes. The n-hexane solution contained 150 ng squalane (2,6,10,15,19,23-
hexamethyltetracosane) used as the internal standard. The extracts were then transferred to
a vial containing a 150 ul insert before being injected into a GC-MS for CHC analysis. We first
calculated the linear retention indices of CHCs by injecting a Kovats standard mixture
containing n-alkanes. We subsequently injected 2 ul of the extracted samples in splitless
mode with an automated injector (AOC-20i, Shimadzu, Duisburg, Germany) into a gas



chromatograph coupled to a single quadrupole mass spectrometer (GCMS-QP 2010 Plus
(Shimadzu, Duisburg, Germany). The GC-MS setup was equipped with a BPX5 column (60 m x
0.25 mm x 0.25 um; SGE Analytical Science Europe, Milton Keynes, UK) using helium as a
carrier gas at a constant flow rate of 30 cm per second. The column temperature profile
started at 150°C, increasing 2°C per minute to the final temperature of 300°C, which was
maintained for 30 minutes. The mass spectrometer was operated in electron-ionization mode
at 70 eV and was set at a mass-to-charge ratio of 30-600 m/z. CHCs were subsequently
identified according to their linear retention indices and the mass spectra provided by the
total ion count chromatograms. Moreover, the methyl group position in methyl-branched
alkanes was identified according to the fragmentation patterns in the mass spectra.

Data analysis

CHC peak detection, integration, identification and quantification were carried out using the
Postrun Analysis modules of the Shimadzu GCMS solution software (v4.45, Shimadzu,
Duisburg, Germany). All peaks were integrated manually and overlapping compounds were
separated based on fragment ion chromatograms (Supplementary Table 1). We analysed
differences in the relative CHC composition of our treatment groups by calculating the
relative peak areas of CHCs. The relative peak areas were calculated by dividing individual
CHC peak areas by the total CHC peak area. This procedure generated standardized
proportional data for multivariate analysis. Peaks were excluded from further analysis if they
contributed less than 0.1% to the total peak area. Common non-CHC lipids, such as
cholesterol, were also excluded from further analysis.

A pivot table of the proportional data was created with Microsoft Excel 2019 (v16). For
multivariate analysis, the data was first square-root transformed to mitigate the influence of
large CHC peaks. We subsequently performed a Non-metric Multidimensional Scaling (NMDS)
analysis to visualize the different CHC profiles of our treatment groups. The NMDS analysis
was applied on a triangular matrix of the transformed data using Bray-Curtis-distances with
99 restarts. An Analysis of Similarity (ANOSIM) was then performed to test for significant
differences between the distinct groups identified by the NMDS analysis. The ANOSIM value
R (1>R>-1) indicates the degree of separation between groups, ranging from no separation
(0) to maximum separation (1). Negative values (to -1) indicate that separation is higher
within groups than between them. We also calculated Similarity Percentages (SIMPER) to
determine the contribution of each CHC peak to the overall Bray-Curtis dissimilarity between
the treatment groups. The Bray-Curtis coefficient was used to quantify dissimilarity in the
relative CHC composition between the treatment groups by taking into consideration the
total number and relative peak area of CHC compounds. The SIMPER analysis first calculates
the average similarities between every pair-wise comparison and then calculates the average
dissimilarity, which typically ranges between 0% and 100%, or alternatively between 0 and 1.
If both treatment groups share the same number of CHCs, with the same relative peak areas,
their dissimilarity will be zero. A 50% cut-off was set to include only the CHCs that made a



significant contribution to the average Bray-Curtis dissimilarity. All multivariate analyses were
performed using Primer (v6, Primer-E, Plymouth, USA) (Clarke, 1993; Clarke & Gorley, 2006).

Absolute CHC quantities (in ng) were obtained by relating the peak area of each compound
with the internal standard. We focused on the absolute quantities of the alkenes Z7-C31ene,
Z7-C33ene, Z9-C31ene and Z9-C33ene, which are regulated by the sex-determination
pathway (Wang et al., 2022b) and function as pheromones in higher quantities in male N.
vitripennis for inhibiting male-male courtship. Significant differences in alkene absolute
quantities were analysed with a Kruskal-Wallis H test and Bonferroni-corrected Wilcoxon
rank-sum tests in RStudio (v2024.12.1+563, Posit PBC).

Behavioural tests

Mating trials with Tra-i females

We conducted behavioural assays to verify that silencing NvTra in females affected male
mating behaviour. Accordingly, we tested the mating responses of males to Tra-i females,
using Gfp-i females as a control. Virgin Tra-i females were presented to newly emerged virgin
(0-48 hours old) wild-type males in a glass vial (7.5 cm length, 1 cm diameter). We then
observed four distinct elements of male mating behaviour: (1) searching time (the time the
male spent finding the female, from the start of the observation until the male mounted the
female); (2) mounting time (the time the male spent performing courtship on the female; (3)
copulation time (the time the male spent copulating with the female); and (4) post-copulation
time (the time the male spent remounting the female after copulation, until the male
dismounted). Our observations of male mating behaviour started immediately after
transferring a female wasp to a vial containing a male and discontinued if a male proved
unsuccessful in finding the female within five minutes. After each experiment, we calculated
the mating success rate as the percentage of males that copulated with a female. Significant
differences in male mating behaviour were analysed using a Bonferroni-corrected Wilcoxon
rank-sum test of the Coin package in RStudio (v2024.12.1+563, Posit PBC). Significant
differences in mating success were analysed using a Pearson’s Chi-squared test with Yates’s
continuity correction.

Male mate recognition of Tra-i females

We also conducted behavioural assays to verify that changes in the CHC profile of Tra-i
females affected mate recognition for males. We tested the mating responses of wild-type
virgin (0-48 hours old) males to the CHCs of Tra-i and Gfp-i females in a mating chamber in
accordance with Mair et al. (2017). The silenced females were freeze-killed in liquid nitrogen
before the experiment and used as dummies to minimize potential mating signals (e.g.
behavioural or vibrational signals), except for CHCs (Buellesbach et al., 2013, 2018). The
female dummies were then presented to the newly emerged virgin wild-type males in an
acrylic mating chamber (910 mm) covered with a glass microscope slide and placed on a glass



plate. Male mating behaviour was then analysed under a stereomicroscope. Males typically
show mating behaviour in response to female CHCs by mounting and copulating with the
females. For mounting behaviour, we observed the amount of time a male spent positioning
and performing courtship (i.e. head nodding, antennal sweeping and wing twitching, etc.) on
a female dummy. For copulation behaviour, we observed the amount of time a male spent
attempting to copulate with the female dummy. We recorded the cumulative time of this
behaviour for five minutes. After testing six replicates, the acrylic mating chamber was
cleaned with detergent (TORK mild liquid soap, 420501) and the glass plate with 70% ethanol.
Significant differences in male mating behaviour were analysed using a Bonferroni-corrected
Wilcoxon rank-sum test of the Coin package in RStudio (v2024.12.1+563, Posit PBC).
Significant differences in copulation attempts were analysed using a Pearson’s Chi-squared
test with Yates’s continuity correction.



Results

Identification and relative composition of CHCs

We conducted a GC-MS analysis to investigate the relative CHC composition of our four
treatment groups: wild-type males (n = 10), wild-type females (n = 10), Gfp-i females (n = 10)
and Tra-i females (n = 10). Our analysis identified 95 individual CHCs on the basis of their
linear retention indices and diagnostic ions (Figure 1A). The identified compounds comprised
CHCs with a chain length between 29 and 37 C-atoms and included straight-chain n-alkanes,
methyl-branched alkanes (MB-alkanes) and alkenes (Table 1). MB-alkanes (87 in total) made
up the vast majority of the identified CHCs (Figure 1A). The MB-alkanes comprised 28
monomethyl alkanes, 41 dimethyl alkanes, 16 trimethyl alkanes and two tetramethyl alkanes.
In addition, we also identified a total of four n-alkanes and four alkenes.

We calculated the mean relative peak area for each CHC to compare the CHC composition
between our treatment groups (Table 1). We then compared the mean relative peak areas of
CHCs between wild-type males and wild-type females. Males showed a larger relative peak
area of CHCs consisting of dimethyl alkanes (52.83% vs 44.55%), trimethyl alkanes (6.73% vs
3.33%) and alkenes (3.49% vs 0.29%) (Figure 1B). In total, 13 dimethyl alkanes (46.23% of
total male CHC peak area) and 12 trimethyl alkanes (6.32% of total male CHC peak area)
showed a larger relative peak area when compared to wild-type females (Table 1). Males also
showed a larger relative peak area of MB-alkanes with a carbon chain length of 30, 31, 32 and
35 C-atoms (Figure 1C), as well as MB-alkanes with the first methyl branch positioned on the
3rd, 5th, 6th and 7th C-atom (Figure 1D). Wild-type females, on the other hand, possessed a
larger relative peak area of CHCs consisting of n-alkanes (10.19% vs 5.81%), monomethyl
alkanes (39.11% vs 28.84%) and tetramethyl alkanes (1.15%) (Figure 1B). In total, three n-
alkanes (9.80% of total female CHC peak area), 14 monomethyl alkanes (26.44% of total
female CHC peak area) and two tetramethyl alkanes (1.04% of total female CHC peak area)
showed a larger relative peak area when compared to wild-type males (Table 1). Females also
showed a larger relative peak area of MB-alkanes with a carbon chain length of 29, 33 and 37
C-atoms (Figure 1C), as well as MB-alkanes with the first methyl branch positioned on the 9th,
11th, 13th, 15th and 17th C-atom (Figure 1D).

Silencing NvTra affected the relative peak area of CHCs in females when compared to the
Gfp-i control (Figure 1B-D). Tra-i females showed an increase in the relative peak area of
dimethyl alkanes (48.72% vs 40.93%), trimethyl alkanes (5.12% vs 2.87%) and alkenes (1.43%
vs 0.47%), whereas n-alkanes (6.71% vs 9.72%), monomethyl alkanes (34.13% vs 38.54%) and
tetramethyl alkanes (0.86% vs 1.52%) decreased (Figure 1B). In total, 15 dimethyl alkanes
(34.60% of total Tra-i CHC peak area), 12 trimethyl alkanes (4.42% of total Tra-i CHC peak
area) and all four alkenes (1.43% of total Tra-i CHC peak area) showed a larger relative peak
area when compared to the Gfp-i control (Table 1). Moreover, Tra-i females showed an
increase in the relative peak area of MB-alkanes with a carbon chain length of 30, 31, 32, 35
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and 37 C-atoms, whereas MB-alkanes with a carbon chain length of 29 and 33 C-atoms
decreased (Figure 1C). Tra-i females also showed an increase in MB-alkanes with the first
methyl branch positioned on the 5th, 6th and 7th C-atom (Figure 1D). However, MB-alkanes
with the first methyl branch positioned on the 3rd, 9th, 11th, 13th, 15th and 17th C-atom
decreased (Figure 1D). In the following section, we present the results of the multivariate
analyses that show significant differences in the relative composition of CHCs between our
four treatment groups.
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Figure 1: Relative peak area of identified CHCs in our four treatment groups.

We calculated the mean relative peak area for each CHC to determine differences in the CHC relative peak areas
between the treatment groups. Relative peak areas were calculated by dividing individual CHC peak areas by
the total CHC peak area. A: Number of individual CHC compounds identified by the GC-MS analysis. B: Relative
peak area (in %) of the CHC classes in the treatment groups. C: Relative peak area of CHCs based on the carbon
chain length. D: Relative peak area of MB-alkanes based on the C-atom position of the first methyl branch.
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Table 1: Mean and standard deviation of CHC relative peak area (in %) in wild-type (WT) males, wild-type
females, Gfp-i females and Tra-i females.

CHCs were identified according to their Linear Retention Index (LRI) and diagnostic ions. Relative peak areas
were calculated by dividing individual CHC peak areas by the total CHC peak area. Only the peaks that
contributed > 0.1% to the total peak area within a treatment group are listed. The letter x denotes that the
methyl-group position could not be determined due to low abundance of the compound.

CHC Relative Peak Area (%)

Peak LRI Compound Name Diagnostic lons WT & WT $ Gfp-i © Tra-i
1 2900 C29 408 0.34 + 0.08 1.74 +0.11 1.68 + 0.14 0.58 + 0.07
2 2931 11-MeC29 407 (M-15), 168/169, 280/281 0.01 + 0.01 0.12 + 0.01 0.17 + 0.02 0.04 = 0.01
3 2933 9-MeC29 407 (M-15), 140/141,308/309 0.04 + 0.01 0.09 £ 0.01 0.09 £ 0.01 0.03 £ 0.00
4 2939 7-MeC29 407 (M-15),112/113,336/337 0.38 = 0.10 1.22 £+ 0.07 1.16 £+ 0.06 0.66 + 0.06
5 2948 5-MeC29 407 (M-15), 84/85,364/365 0.14 + 0.03 0.28 + 0.01 0.25 £ 0.02 0.19 £ 0.02
6 2972 3-MeC29 393 (M-29) 0.02 + 0.01 0.05 + 0.00 0.09 £ 0.02 0.03 +£0.01
7 2977 7,x-DiMeC29 421 (Mm-15),112/113,350/351 0.14 + 0.03 0.14 + 0.01 0.13 £ 0.02 0.13 £ 0.01
8 3000 C30 422 0.21 + 0.03 045 + 0.05 046 * 0.02 0.31 £ 0.02
9 3039 7-MeC30 422 (M-15),112/113,350/351 0.27 + 0.04 0.10 + 0.01 0.11 + 0.01 0.25 = 0.02
10 3043 6-MeC30 422 (M-15),98/99, 364/365 0.07 + 0.01 0.05 + 0.00 0.06 £+ 0.01 0.08 £ 0.01
11 3074 Unidentified1 0.10 + 0.02 0.07 + 0.00 0.08 + 0.00 0.08 + 0.01
12 3081 79C31 434 2.01 + 049 0.04 £ 0.01 0.12 £ 0.08 0.56 + 0.08
13 3089 77C31 434 0.33 + 0.08 0.06 + 0.01 0.08 + 0.04 0.16 + 0.02
14 3100 C31 436 467 £ 059 7.61 £+ 035 7.23 +0.31 5.16 = 0.19
15 3104 Unidentified2 0.07 + 0.01 0.12 + 0.01 0.10 £ 0.02 0.11 £+ 0.01

435 (M-15), 224/225, 252/253,

16 3126 15-+13-MeC31 0.28 + 0.04 1.38 + 0.04 1.45 + 0.15 0.89 + 0.06
196/197,280/281

17 3128 11-MeC31 435 (M-15), 168/169, 308/309 0.40 + 0.04 2.17 £+ 0.05 2.28 + 0.08 1.48 + 0.06

18 3132 9-MeC31 435 (M-15), 140/141, 336/337 099 + 0.12 1.29 £+ 0.04 1.19 + 0.08 1.24 + 0.04

19 3137 7-MeC31 435 (M-15),112/113, 364/365 9.70 £ 0.59 4.74 + 0.21 4.46 + 0.38 7.92 + 0.54

20 3146 5-MeC31 435 (M-15), 84/85,392/393 3.85 + 0.14 2.89 £+ 0.09 2.54 + 0.12 3.59 + 0.11

21 3150 Unidentified3 0.15 £+ 0.05 0.62 + 0.04 0.74 £+ 0.03 0.34 + 0.02

22 3157 Unidentified4 0.20 £ 0.03 0.59 + 0.07 0.61 + 0.02 0.45 + 0.01

23 3161 7,11-DiMeC31 449 (M-15), 112/113, 378/379, 1.13 + 0.10 1.21 +0.09 1.16 + 0.08 1.28 + 0.04
182/183, 308/309

24 3163 7,x-DiMeC31 449 (M-15),112/113,378/379 0.45 + 0.08 0.73 £+ 0.20 0.39 + 0.03 0.46 + 0.03

25 3167 7,19-DiMeC31 449 (M-15), 112/113, 378/379, 0.67 £ 0.29 0.86 + 0.10 0.61 + 0.07 0.55 + 0.03
196/197, 294/295

26 3169 7,21-DiMeC31 449 (M-15), 112/113, 378/379, 3.50 + 0.31 165+ 0.10 1.44 + 0.13 1.90 * 0.07

168/169, 322/323
449 (M-15), 435 (M-15), 421 (M-

3-MeC31+7,23-

27 3175 29),112/113,378/379,140/141, 3.95 + 0.28 3.45 + 0.17 3.59 + 0.11 3.37 + 0.07
DiMeC31
350/351
449 (M-15), 84/85, 406/407,
28 3180 5,9-+7,25-DiMeC31 154/155,336/337,112/113, 0.62 + 0.07 045 = 0.03 0.40 * 0.04 0.48 £ 0.02

378/379 (sym)
449 (M-15), 84/85, 406/407,

29 3185 5,25-DiMeC31 1.05 + 0.09 0.33 + 0.02 0.30 + 0.04 0.64 + 0.02
112/113,378/379

30 3188 Unidentified5 0.18 + 0.03 0.18 + 0.02 0.13 + 0.02 0.21 + 0.01

31 3193 Unidentified6 0.13 + 0.03 0.14 + 0.02 0.08 + 0.01 0.15 + 0.01

32 3200 3,15-DiMeC31 449 (M-15), 435 (M-29), 238/239, <) 4 007 077 + 004 071 £ 0.04 0.68 + 0.02

252/253




449 (M-15), 435 (M-29), 126/127,

33 3205 3,7-DiMeC31 1.06 + 0.05 0.39 + 0.05 0.30 + 0.02 0.74 + 0.03
364/365

34 3212 Unidentified7 0.15 + 0.02 0.14 + 0.08 0.01 + 0.00 0.13 * 0.01

35 3228 3,x,x-TriMeC31A 463 (M-15), 449 (M-29), 126/127, ¢ 34 4 (03 068 + 0.06 0.74 + 0.04 0.48 * 0.03
378/379

36 3233 3,x,x-TriMeC31B 463 (M-15), 449 (M-29) 0.30 + 0.03 0.12 £ 0.01 0.14 + 0.01 0.21 * 0.01

37 3236 3,xx-TriMeC31C 463 (M-15), 449 (M-29) 0.22 + 0.01 0.05 + 0.01 0.04 + 0.00 0.12 * 0.01

38 3240 6-MeC32 449 (M-15), 98/99, 392/393 0.23 + 0.03 0.17 £ 0.04 0.12 + 0.01 0.17 * 0.02
477 (M-15), 463 (M-29), 126/127,

39 3246 3,7,11,15-TetraMeC31 392/393,196/197,322/323, 0.11 + 0.02 053  0.05 0.55 + 0.03 0.36 * 0.02
266/267,252/253

40 3255 Unidentified8 0.05 + 0.02 0.18 + 0.02 0.07 + 0.02 0.12 + 0.01

41 3262 Unidentified9 0.14 + 0.02 0.14 + 0.01 0.10 + 0.02 0.14 + 0.01

42 3266 Unidentified10 0.19 + 0.02 0.05 + 0.00 0.04 + 0.00 0.14 * 0.02

43 3273 Unidentified11 0.13 # 0.02 0.05 # 0.00 0.07 + 0.01 0.10  0.01

44 3281 79C33 462 0.57 + 0.11 0.10 + 0.01 0.17 + 0.03 0.33 + 0.04

45 3289 77C33 462 0.59 + 0.08 0.09 + 0.01 0.11 + 0.04 0.38 + 0.03

46 3293 Unidentified12 0.13 + 0.04 0.01 + 0.01 0.01 + 0.00 0.02 + 0.00

47 3300 C33 464 0.60 + 0.12 0.39 # 0.02 0.35 + 0.01 0.65 * 0.05

48 3324 15-MeC33+13-Mec33 203 (M15),224/225,280/281, | 29\ 15 6072 4 010 567 + 016 2.88 ¢ 0.11
196/197, 308/309

49 3327 11-MeC33 463 (M-15), 168/169,337/338  1.02 + 0.10 2.37 + 0.09 2.28 + 0.08 1.60 * 0.06

50 3331 9-MeC33 463 (M-15), 140/141,364/365  0.44 + 0.05 0.39 + 0.01 0.42 + 0.03 0.58 * 0.03

51 3336 7-MeC33 463 (M-15),112/113,392/393  1.62 + 0.15 0.84 + 0.03 0.79 + 0.04 1.96 * 0.11

52 3346 5-MeC33 463 (M-15), 84/85,420/421 0.84 + 0.09 497 +0.11 536 + 0.21 2.01 £ 0.07

53 3353 11,21-DiMeC33 479 (M-14), 168/169,350/351, o 4 (09 333+ 040 3.35 + 0.15 1.75 * 0.09
196/197,322/323

54 3356 9,23-DiMeC33 479 (M-14), 140/141,378/379, 429 4 (05 270 + 0.09 2.67 + 0.09 1.52 * 0.05
168/169,350/351
477 (M-15), 112/113, 406/407,

55 3360 7,21-+7,19-DiMeC33  196/197,322/323,224/225, 336 + 0.11 2.61 + 0.04 2.65 + 0.07 2.83 * 0.05
294/295

56 3365 7,23-DiMeC33 477(M-15),112/113,406/407, ¢ 35 4 (59 166 + 0.03 1.63 + 0.04 3.76 * 0.13
168/169, 350/351
477 (M-15), 84/85, 435/436,

57 3372 5,19-+5,17-DiMeC33  252/253,266/267, 224/225, 5.25 + 0.32 3.10 £ 0.10 3.32 + 0.10 4.08 + 0.10
294/295

58 3374 5,9-DiMeC33 477 (M-15), 84/85, 435/436, 2.16 + 0.26 1.59 + 0.07 1.83 + 0.08 2.03 * 0.07
154/155, 364/365

59 3378 Unidentified13 0.83 + 0.10 0.72 + 0.03 0.80 + 0.04 0.73 + 0.03

60 3386 11,15,23-TriMeC33 491(M-15), 168/169,364/365, 4o 4 (05 020 + 0.01 0.24 + 0.02 0.30 * 0.02
238/239,294/295,
491 (M-15), 112/113, 420/421,

61 3389 7,11,23-TriMeC33 182/183,350/351, 168/169, 0.53 + 0.07 0.18 + 0.01 0.16 + 0.01 0.34 * 0.02
364/365

62 3400 3,15-DiMeC33 477 (M-15), 463 (M-29), 280/281, , 04 4 19 125 + 0.05 1.43 + 0.07 1.8 + 0.04
266/267

63 3402 5,9,21-TriMeC33 491(M-15), 84/85,449,154/155, 1 )\ (14 021 % 0.02 023 + 002 0.67 * 0.02
378/379,196/197, 336/337

64 3405 5,9,25-TriMeC33 491(M-15), 84/85,449,154/155, 11 4 (05 007 + 0.01 0.05 + 0.01 0.25 * 0.02
378/379,140/141, 392/393

65 3426 3,11,x-TriMeC33 477 (M-29),182/183,350/351  0.11 + 0.02 0.36 + 0.02 0.27 + 0.02 0.21 * 0.01

66 3428 3'7’17'+3',7’19' 477 (M-29),126/127,406/407  0.62 + 0.04 0.30 + 0.02 0.30 + 0.02 0.40 * 0.01

+3,7,21-TriMeC33
67 3432 3,7,23-TriMeC33 477(M-29),126/127,406/407, 451 4 (02 002 + 0.00 0.02 £ 0.00 0.10 # 0.01

168/169, 364/365




505 (M-15), 491 (M-29), 126/127,

68 3444 3,7,11,15-TetraMeC33 420/421,196/197,350/351, 0.18 + 0.03 0.62 + 0.03 0.96 + 0.03 0.51 + 0.04
266/267,280/281
69 3446 Unidentified14 0.12 + 0.03 0.35 % 0.01 0.33 £ 0.02 0.21 + 0.02
70 3452 Unidentified15 0.10 + 0.03 0.27 £ 0.01 0.24 + 0.01 0.17 £ 0.02
71 3464 Unidentified16 0.13 + 0.02 0.08 £ 0.01 0.11 £ 0.01 0.13 + 0.01
72 3466 Unidentified17 0.26 + 0.04 0.03 £ 0.00 0.02 + 0.00 0.24 * 0.02
73 3468 Unidentified18 0.11 + 0.02 0.04 £ 0.00 0.04 £ 0.00 0.10 + 0.00
74 3495 Unidentified19 0.15 + 0.02 0.03 £ 0.00 0.03 + 0.00 0.09 * 0.01
491 (M-15), 252/253 (sym),
75 3523 /1513411 280/281,224/225, 308/309, 191 + 0.14 3.31 + 0.09 3.32 +0.11 2.88 + 0.11
MeC35 196/197, 336/337, 168/169,
364/365
76 3535 7-MeC35 491 (M-15),112/113,420/421  0.18 + 0.04 0.05 + 0.00 0.04 + 0.00 0.26 + 0.02
15 19413 17 505 (M-15), 224/225, 322/323,
77 3543 D_';A c_35 = 252/253,294/295, 196/197, 0.30 + 0.04 2.52 £ 0.09 2.42 + 0.13 0.91 £ 0.07
e 350/351, 266/267, 280/281
78 3546 11,15-DiMeC35 505(M-15), 168/169,378/379, 03\ (08 436 + 0.10 4.94 + 022 2.66 + 0.14
238/239,308/309
1119411 21 505 (M-15), 168/169, 378/379,
79 3549 U7 e 224/225,322/323,196/197, 0.78 + 0.09 3.17 + 0.16 3.27 + 0.12 1.86 + 0.08
DiMeC35
350/351
505 (M-15), 112/113, 434/435,
7,19-47,21-+7,23-
80 3559 O 252/253,294/295, 224/225, 9.36 + 0.53 2.48 + 0.05 2.45 + 0.03 6.98 * 0.23
Ve 322/323,196/197,350/351
505 (M-15), 84/85, 462/463,
81 3569 5’17'+5’,19'+5’21' 196/197,350/351, 224/225, 5.88 + 0.46 3.79 + 0.11 3.89 + 0.10 5.29 + 0.13
+5,23-DiMeC35 322/323,252/253,294/295,
266/267,280/281
82 3581 7,15x-TriMeC35 A 519(M-15), 112/113,449/450, 1 ) 4 14 041+ 002 034 £ 003 078 + 0.02
238/239,322/323
83 3583 7,15,x-TriMeC35 B 519(M-15), 112/113,449/450, 35 4 108 030 £ 0.02 0.19 £ 0.03 0.48 + 0.01
238/239,322/323
84 3591 5,9 x-TriMeC35 A 519 (M-15), 84/85, 476/477, 0.24 + 0.09 0.20 £ 0.01 0.09 + 0.03 0.29 * 0.01
254/155, 406/407
85 3596 5,9,x-TriMeC35 B 519 (M-15), 84/85, 476/477, 0.73 + 0.17 0.22 + 0.02 0.08 + 0.02 0.47 * 0.03
254/155, 406/407
86 3596 Unidentified20 0.63 + 0.20 0.22 £ 0.02 0.25 + 0.03 0.61 * 0.08
87 3610 Unidentified21 0.05 + 0.02 0.11 + 0.01 0.11 + 0.01 0.06 * 0.00
88 3626 Unidentified22 0.18 + 0.06 0.04 £ 0.00 0.04 + 0.01 0.09 * 0.01
89 3640 Unidentified23 0.09 + 0.02 0.11 £ 0.01 0.13 + 0.01 0.13 £ 0.00
90 3643 Unidentified24 0.12 + 0.02 0.39 + 0.02 0.45 + 0.02 0.30 £ 0.01
91 3658 Unidentified25 0.09 + 0.03 0.05+ 0.01 0.04 + 0.00 0.16 + 0.01
92 3663 Unidentified26 0.30 + 0.04 0.08 +0.01 0.08 + 0.01 0.25 + 0.02
93 3692 Unidentified27 0.15 + 0.02 0.02 £ 0.00 0.01 + 0.00 0.08 + 0.01
94 3727 17-+15-MeC37 519(M-15),252/253,322/323, (3, 4 (103 048 + 0.01 0.44 £ 0.03 049 + 0.03
224/225,350/351
15 19413 17 533 (M-15), 224/225, 322/323,
95 3752 D,M c-37 = 294/295,252/253,196/197, 0.31 + 0.05 1.77 £ 0.05 1.75 + 0.06 1.02 * 0.06
Ve 350/351, 266/267, 280/281
96 3754 11,15-DiMeC37 533 (M-15), 168/169,406/407,  ( »0 , (05 175+ 004 179 £ 0.09 1.17 + 0.05
238/239,336/337
533 (M-15), 112/113, 462/463,
7,19-+7,21-+7,23-
o7 3770 224/225,350/351,252/253, 2.62 £ 0.17 0.51 £ 0.02 0.47 + 0.02 1.99 + 0.10
e 322/323, 280/281, 294/295
533 (M-15), 84/85, 490/491,
5,15-+5,17-+5,21-
98 3782 336/337, 238/239, 308/309, 0.61 + 0.06 0.69 + 0.03 0.30 + 0.03 0.69 * 0.05

DiMeC37

266/267,252/253,322/323



Multivariate analyses of the relative composition of CHCs

We performed a square-root transformation on the relative CHC peak areas prior to
multivariate analyses. The NMDS analysis visualized the four CHC profiles of our four
treatment groups (Supplementary Figure 1). The CHC profiles of Gfp-i and wild-type females
clearly clustered together, indicating their high degree of similarity and the effectiveness of
the Gfp-i treatment as a control. The CHC profile of Tra-i females, on the other hand, was
positioned between the CHC profiles of wild-type males and Gfp-i females. The ANOSIM
revealed a significant difference between the CHC profiles identified by the NMDS analysis (R
=1, p <0.001), except between the CHC profiles of wild-type females and Gfp-i females (R =
0.308, p < 0.01) (Supplementary Table 2). We then conducted a SIMPER analysis on the
square-root transformed data to calculate the average contribution of CHC compounds to the
Bray-Curtis dissimilarity between the CHC profiles of wild-type males and wild-type females,
and between Gfp-i females and Tra-i females (Supplementary Table 3). Square-root
transformed data was used to include compounds that occur in low abundances, as these can
also be important infochemicals. We analysed the CHCs that contributed most (with a cut-off
set at 50%) to the Bray-Curtis dissimilarity between the various treatment groups so that
those compounds that contributed least were excluded.

We first compared wild-type males to wild-type females and identified 20 CHC peaks
(representing 29 compounds) contributing the most (cumulatively 50.78%) to the Bray-Curtis
dissimilarity (23.54%) between the CHC profiles of these specimens (Figure 2A,
Supplementary Table 3). The SIMPER analysis showed that the CHC compounds contributing
more than 1% to the average dissimilarity included two alkanes (cumulatively 3.57%), seven
monomethyl alkanes (13.58%), 18 dimethyl alkanes (28.54%), one trimethyl alkane (1.78%)
and one alkene (3.31%). Dimethyl alkanes contributed the most (cumulatively 28.54%) to the
average dissimilarity between the wild-type specimens. Eight compounds contributed more
than 3% to the average dissimilarity, including four dimethyl alkanes (7,19-/7,21-/7,23-
DiMeC35 and 11,15-DiMeC35), three monomethyl alkanes (5-/13-/15-MeC33) and one
alkene (Z9-C31ene). These results confirm that MB-alkanes, and in particular dimethyl
alkanes, are the compounds predominantly responsible for sexual dimorphism in the CHC
profile between wild-type males and wild-type females.

We subsequently compared Tra-i females to Gfp-i females and identified 23 CHC peaks
(representing 34 compounds) contributing the most (cumulatively 50.98%) to the Bray-Curtis
dissimilarity (14.93%) between the CHC profiles of these specimens (Figure 2B,
Supplementary Table 3). The CHC compounds contributing more than 1% to the average
dissimilarity included two alkanes (cumulatively 4.04%), six monomethyl alkanes (13.24%), 21
dimethyl alkanes (25.37%), two trimethyl alkanes (3.25%), two alkenes (3.51%) and one
unidentified compound (1.57%). Eight compounds contributed more than 3% to the average
dissimilarity, including six dimethyl alkanes (7,19-/7,21-/7,23-DiMeC35 and 7,19-/7,21-/7,23-
DiMeC37) and two monomethyl alkanes (7-MeC31 and 5-MeC33). The comparison between



Tra-i females and Gfp-i females identified 16 CHC peaks (representing 24 compounds) that
also contributed the most to the average dissimilarity between wild-type males and wild-type
females. These CHC compounds included two alkanes (C29, C31), four monomethyl alkanes
(7-MeC31, 5-MeC33, 13-/15-MeC33), 16 dimethyl alkanes (7,23-DiMeC33, 9,23-DiMeC33,
11,21-DiMeC33, 7,19-/7,21-/7,23-DiMe(C35, 11,15-DiMeC35, 11,19-/11,21-DiMeC35, 13,17-
/15,19-DiMeC35, 7,19-/7,21-/7,23-DiMeC37, 13,17-/15,19-DiMeC37), one trimethyl alkane
(5,9,21-TriMeC33) and one alkene (Z9-C31ene). The results of the SIMPER analysis confirm
that NvTra plays an important role in regulating sexual differences in the relative composition
of CHC compounds and therefore sexual dimorphism in the CHC profile. We propose that the
compounds we identified have a sex-specific function in pheromone communication in
Nasonia vitripennis.
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Figure 2: One-way SIMPER analysis on pair-wise comparisons of the four treatment groups.

The SIMPER analysis calculated the average dissimilarity in the relative peak area of each CHC substance and the
contribution of each CHC peak to the average Bray-Curtis dissimilarity between the treatment groups. Bar graphs
show the average contribution of each CHC peak in percentages to the average Bray-Curtis dissimilarity (Av.
Diss.) between the CHC profiles of wild-type (WT) males and wild-type females (A), and Gfp-i females and Tra-i
females (B). The compounds highlighted in red contributed to the average dissimilarity in both pair-wise
comparisons. A 50% cut-off was set to exclude CHC compounds that contributed least to the average

dissimilarity.

Silencing NvTra changes alkene absolute quantities

Previous research has shown that the alkenes Z7-C31ene, Z7-C33ene, 79-C31ene and Z9-
C33ene function as close-range pheromones in N. vitripennis to inhibit male-male courtship
and are upregulated in males by NvDSX (Wang et al., 2022b). We therefore hypothesized that
silencing NvTra would result in the upregulation of absolute alkene quantities in females. We
related each alkene to the internal standard to determine the absolute quantities
(Supplementary Table 4). We confirmed a significant difference in the total alkene absolute
guantity between wild-type males and wild-type females (Figure 3A; Wilcoxon rank-sum test,
W =0, p <0.001). Wild-type males produce significantly larger quantities of all four identified
alkenes (Figure 3B-3E; Wilcoxon rank-sum test, p < 0.001). We then calculated the absolute



quantities of these alkenes in Tra-i females and compared these to wild-type females and
Gfp-i females. Our results showed that Tra-i females possess a significantly larger total alkene
absolute quantity (Figure 3A; Wilcoxon rank-sum test, W = 3, p < 0.001), as well as a larger
absolute quantity of each of the four alkenes (Figure 3B-3E; Wilcoxon rank-sum test, p <
0.001), similar to the absolute quantities in wild-type males. Our results therefore confirm
that NvTra plays an essential role in suppressing alkene production in female N. vitripennis,
which is necessary for mate-recognition for males.
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Figure 3: Changes in absolute quantity of alkenes after silencing NvTra in female N. vitripennis.

Absolute quantities are shown in boxplots for the total amount of alkenes (A) and the alkene compounds Z7-
C31lene (B), Z7-C33ene (C), Z9-C31ene (D) and Z9-C33ene (E), after silencing NvTra in female N. vitripennis. Gfp-
i females were used as a control group. The boxplots show the median (horizontal line), 25-75% quartiles (box),
maximum/minimum range (whiskers) and outliers. Significant differences between groups were assessed with
a Kruskal-Wallis H test. Pair-wise comparisons were assessed with Bonferroni-corrected Wilcoxon rank-sum
tests. Significance levels: *** = p < 0.001, * = p < 0.05 and NS = not significant.

Silencing NvTra in females affects mating behaviour

We hypothesized that silencing NvTra in females would impact male mating behaviour. To
verify this, we conducted a behavioural assay in which we quantified male mating behaviour
in response to live Tra-i females (Supplementary Table 5). Wild-type males normally respond
to female CHCs by mounting females, performing courtship to make the female sexually
receptive and then attempting to copulate with them. We first exposed live females to virgin
wild-type males and observed the duration of male mating behaviour: the time spent
searching, mounting, copulating and performing post-copulatory courtship. We determined



the duration of male mating behaviour in response to live virgin Tra-i females (n = 17), using
live virgin Gfp-i females (n = 19) as a control (Figure 4A). Males spent more time searching for
the Tra-i females compared to searching for the Gfp-i control females (Wilcoxon rank-sum
test, Z=-1.9271, p = 0.05). It is interesting to note that whereas 100% of males successfully
mounted Gfp-i females, they were less successful (58%) when attempting to mount a Tra-i
female within the five-minute observation period. Importantly, Tra-i females clearly showed
a flight response to the mounting attempts of males. We also found that the duration of
mounting and courtship was significantly longer with the Tra-i females (Wilcoxon rank-sum
test, Z = -2.2942, p < 0.05). After the experiment, we calculated the mating success rate as
the percentage of males that completed all stages of mating behaviour (searching, mounting,
copulating and post-copulatory courtship) (Figure 4B). Of all the males that successfully
mounted (58%) a Tra-i female, only one male specimen succeeded in completing all stages of
mating behaviour (Pearson’s Chi-squared test, x*> = 24.969, p < 0.001). The remaining male
specimens failed to arrest the Tra-i females, which exhibited rejection behaviour and
impeded successful courtship. These results demonstrate that silencing NvTra induces
significant behavioural changes in females.
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Figure 4: Male mating behaviour in response to live Gfp-i and Tra-i females.

A-B: Live virgin Gfp-i and Tra-i females were introduced to virgin wild-type males in a glass vial for a duration of
five minutes. A: The duration wild-type males spent searching, mounting, copulating and performing post-
copulatory courtship when exposed to Gfp-i and Tra-i females. Pair-wise comparisons were assessed with
Bonferroni-corrected Wilcoxon rank-sum tests. Significance levels: * = p < 0.05 and NS = not significant. B:
Mating success was calculated as the percentage of males that completed all stages of mating behaviour.
Significant differences in mating success were assessed with a Pearson’s Chi-squared test. Significance levels:
*** = p < 0.001.



Treatment [] Gfipi Q@ [ Trai @

A) Mounting time B) Copulation attempts

200- Kk kK
1 I !

150- X% =28.889
—~ S
2 & 60
Q.
CIEJ 100 . =
= . 2
50- = 30-
A 25
0- | ’."' | 0- . .
Gfp-i @ Trai @ Gfp-i @ Tra-i @
C) Copulation time D) Total contact time
250- Kok Kk
| 300- - |
200- s
@ 150 200 I
£ £ |
i= 100- = * .
] 100- .
50- N *
0 I S 0- ] .
Gfp-i @ Trai @ Gfp-i @ Trai @

Figure 5: Male mating behaviour in response to dead Gfp-i and Tra-i females.

A-D: Dead virgin Gfp-i and Tra-i females were introduced to virgin wild-type males in a mating chamber bioassay
for a duration of five minutes. A: The cumulative amount of time males spent mounting the Gfp-i and Tra-i
females. B: The percentage of males attempting to copulate with these specimens. C: The cumulative copulation
duration. D: The total time males spent mounting and copulating the female specimens. Significant differences
in mounting and copulation duration were analysed with a Wilcoxon rank-sum test. Significant differences in the
percentage of males attempting to copulate were analysed with a Pearson’s Chi-squared test. Significance levels:
*** = p<0.001.

We also hypothesized that the changes we identified in the CHC profile of Tra-i females would
impact male mating behaviour. To verify this, we conducted a behavioural assay in which we
qguantified male mating behaviour in response to dead Tra-i females (Supplementary Table
6). We exposed dead females (dummies) to virgin wild-type males to observe the duration of
male mating behaviour specifically in response to CHCs and to minimize other potential
mating signals (e.g. behavioural or vibrational signals). We determined the cumulative time



males spent mounting and copulating in response to virgin Tra-i female dummies (n = 24),
using Gfp-i female dummies (n = 28) as a control. We found that the cumulative time males
spent mounting Tra-i female dummies was significantly shorter than with Gfp-i female
dummies (Figure 5A; Wilcoxon rank-sum test, Z = 5.9304, p < 0.001). This in turn resulted in
a significantly lower percentage of males attempting to copulate with Tra-i female dummies
(25%) compared to Gfp-i female dummies (100%) (Figure 5B; Pearson’s Chi-squared test, 2 =
28.889, p < 0.001). We also observed a significantly lower copulation duration with these Tra-
i female dummies (Figure 5C; Wilcoxon rank-sum test, Z=5.9998, p < 0.001). Overall, the total
time males spent mounting and copulating was significantly shorter for all Tra-i specimens
(Figure 5D; Wilcoxon rank-sum test, Z = 6.1684, p < 0.001). These results indicate that NVTRA
regulates the production of those CHCs in females that are integral to male mating behaviour.



Discussion

The sex-determination pathway plays a key role in regulating the production of sexually
dimorphic CHCs in insects (Chertemps et al., 2006, 2007; Ferveur et al., 1997; Jallon et al.,
1988; Sun et al., 2023a; Tompkins & McRobert, 1989, 1995; Waterbury et al., 1999). These
long-chain carbon chemicals are utilized by insects for close-range sexual communication
(Chung et al., 2014; Chung & Carroll, 2015). Transformer (TRA) is a conserved splicing factor
in the sex-determination pathway and has been shown to regulate sexually dimorphic CHC
production (Savarit & Ferveur, 2002). Research on the way in which this specific splicing factor
regulates CHC production has been limited to the model species Drosophila melanogaster. It
would therefore be beneficial to investigate how sex determination influences the evolution
of CHC sexual dimorphism in insects that use a different pheromone-coding system, such as
Hymenoptera. In this chapter, we established the function of TRA in regulating sexual
dimorphism in the CHC profile of the parasitoid wasp Nasonia vitripennis.

We successfully used dsRNA to silence NvTra expression in female N. vitripennis. We were
able to establish that silencing NvTra masculinized the CHC profile of females by shifting the
relative composition of CHCs from a female-specific to a male-like phenotype. This was
particularly the case in the composition of dimethyl alkanes. Our results also corroborate
previous research that showed that sex-determination transcription factors regulate alkene
biosynthesis in males, which is necessary for inhibiting male-male courtship (Wang et al.,
2022b). Masculinization of the female CHC profile also affected male mating behaviour, as
demonstrated in the decreased duration males spent mounting and attempting to copulate
with the silenced females. Silencing NvTra also masculinized the behaviour of females, which
clearly rejected the mounting and courtship attempts of males. Moreover, these results
support our findings in Chapter 3, where we established the role of NvTra in regulating
female-specific neural circuits and the perception of male pheromones.

We determined that Tra is involved in the genetic regulation of sexually dimorphic CHC
production in N. vitripennis. In Drosophila, Tra is expressed in adult female oenocytes to
regulate Dsx, which in turn upregulates the expression of its downstream target DesatF
(Chertemps et al., 2006). This results in feminization of the CHC profile and the production of
the female-specific diene pheromones 7,11-HD and 7,11-ND that elicit courtship behaviourin
males (Chertemps et al., 2006; Ferveur, 1997). Knocking down Tra in female oenocytes,
however, masculinized the CHC profile and this triggered male-female aggression in
Drosophila (Fernandez et al., 2010). Fruitless (Fru), on the other hand, was shown not to be
responsible for regulating sexually dimorphic CHCs, but rather for maintaining overall CHC
production (Sun et al., 2023a). However, the specific functions of DSX and FRU in regulating
CHC biosynthesis in Hymenoptera remain unknown. It would therefore be apposite to
investigate the specific role of Dsx and Fru in CHC biosynthesis in N. vitripennis. The
upregulation of biosynthetic genes by DSX for alkene production has already been confirmed
in this species (Wang et al., 2022b). Doublesex is therefore an important candidate for



investigating the genetic regulation of the sexually dimorphic CHCs that we identified in our
study.

We confirmed that the CHC profile of N. vitripennis comprises various MB-alkanes, n-alkanes
and alkenes. We found that the MB-alkanes, in particular dimethyl alkanes, are primarily
responsible for sexual dimorphism in the CHC profile between males and females. After
silencing, we revealed that NvTRA is responsible for the regulation of these sexually dimorphic
differences. MB-alkanes also dominate the CHC profile of other Hymenoptera, whereas these
compounds only comprise a small fraction of the CHC profile in Drosophila (Kather & Martin,
2015; Martin & Drijfhout, 2009). The specific genes that regulate the production of MB-
alkanes in Hymenoptera, however, still need to be identified. The results of our study now
enable us to investigate the corresponding biosynthetic genes of these compounds in more
detail.

A recent study on N. vitripennis found multiple biosynthetic candidate genes that are involved
in the production of MB-alkanes in this species (Buellesbach et al., 2022). It would therefore
be interesting to investigate whether these candidate genes are targeted by the sex-
determination pathway for regulating MB-alkane biosynthesis in N. vitripennis. The genes
Fas5 and Fas6 were found to be responsible for sex-specific MB-alkane biosynthesis (Sun et
al., 2023b) and are therefore potential targets of the sex-determination pathway. Likewise,
desaturases play an important role in producing unsaturated CHCs, such as alkenes. This
makes desaturases also suitable candidates given the effects of silencing NvTra on the relative
peak areas of alkenes in our study.

Nasonia parasitoids utilize CHCs for close-range sexual communication. These CHCs function
as contact pheromones for males to recognize female mating partners and to initiate
courtship behaviour. Our study confirmed that silencing NvTra modified the CHC composition
in females and this affected male mating behaviour. Wild-type males were unsuccessful in
arresting live Tra-i females in order to proceed with courtship behaviour. This in turn resulted
in a prolonged mounting time and a significant decrease in male mating success. It is possible
that male CHCs are also involved in the arrestment process of females, but this remains to be
investigated. We already observed in Chapter 3 that silencing NvTra in females has an effect
on their perception of male pheromones. We also tested male mating behaviour in response
to dead Tra-i females and found a significant decrease in the duration males spent mounting
and attempting to copulate with these specimens. Alkene absolute quantities were
significantly upregulated in Tra-i females. These CHCs function as pheromones in N.
vitripennis that inhibit male-male courtship (Wang et al., 2022b) and indicate why males are
less sexually attracted to the CHC profile of Tra-i females. Our results open up new avenues
to investigate which biosynthetic genes are regulated by the sex-determination pathway to
produce CHCs that function as mate-recognition pheromones in N. vitripennis.



Our study enables us to conclude for the first time that Tra plays a crucial role in developing
the female-specific CHC phenotype in N. vitripennis and in regulating the biosynthesis of CHCs
that induce male mating behaviour. We hypothesize that NVTRA regulation has played an
important role in the evolution of sexually dimorphic CHC profiles in Nasonia species. Sexual
dimorphism and species specificity of the CHC profile enables males to direct courtship to
conspecific mating partners and this reinforces reproductive isolation. Our results now enable
us to turn to identifying the corresponding biosynthetic genes targeted by the sex-
determination pathway for producing sexually dimorphic CHCs. Variations in the way in which
these genes are regulated form a potential mechanism for the diversification of CHC profiles
between the closely related Nasonia species.
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Chapter 5

Supplementary information

Supplementary Figure 1: Non-metric multi-dimensional scaling (NMDS) analysis of the CHC profiles of the four
treatment groups.

The NMDS analysis was performed on square-root transformed data using the Bray-Curtis similarity with 99,999
permutations. This figure can be accessed online at:
https://git.wur.nl/aidan.williams/chapter5/-/blob/main/Supplementary_Figure_1.png?ref_type=heads

Supplementary Table 1: Integrated peak areas of CHC compounds.

Table shows the integrated peak area values of CHCs for all wild-type and dsRNA-treated specimens. This table
can be accessed online at:
https://git.wur.nl/aidan.williams/chapter5/-/blob/main/Supplementary_Table_1.csv?ref_type=heads

Supplementary Table 2: Pair-wise ANOSIM comparisons between the four treatment groups using square-
root transformed data.
The ANOSIM showed a global R-value of 0.918 (p < 0.001) following 99,999 permutations.

Number 2
observed

Actual
permutations

Possible
permutations

Significance
level

R statistic
Gfp-i female /

: 1 p <0.001 92378 92378 1
Tra-i female
Gfp-i female /
WT female 0.308 p<0.01 92378 92378 139
Gfp-i female /
WT male 1 p <0.001 92378 92378 1
Tra-i female /
WT female 1 p <0.001 92378 92378 1
ALY 1 p < 0.001 92378 92378 1

WT male

WT female /

Supplementary Table 3: One-way SIMPER analysis of the pair-wise comparison between wild-type (WT)

males and wild-type females and between Gfp-i females and Tra-i females using square-root transformed
data.

The analysis was performed using the Bray-Curtis dissimilarity index. For each CHC compound, the table shows
the average relative peak area, average dissimilarity, standard deviation of the dissimilarity and the
contribution to the average dissimilarity as a percentage. A 50% cut-off was set to exclude CHCs with a minor
contribution to the average dissimilarity.

Average Average
cuccompons [

WT female WT male
7,19-/7,21-/7,23-DiMeC35 1.58 3.07 0.96 15.73 4.06
5-MeC33 2.23 0.92 0.83 13.70 3.55
13-/15-MeC33 2.45 1.18 0.81 15.58 3.44
Z29C31 0.19 1.41 0.78 7.08 3.31
11,15-DiMeC35 2.09 0.91 0.75 13.01 3.17
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Transformer feminizes the cuticular hydrocarbon profile

Gfp-i female / Tra-i female

CHC compound

5,17-/5,19-/5,21-/5,23-DiMeC35

120
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131
0.46
1.17
1.28
2.75

Average
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peak area

Gfp-i
1.58
2.33
0.69
2.11
2.39
1.28
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1.29
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0.89
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1.82
0.26
2.70
1.64
0.12
0.48
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0.31
1.33
0.55
0.19

0.77
2.33
0.55
3.13
1.63
0.88
0.63
0.52
0.56
0.89
0.58
1.11
0.53
1.88
2.17

0.67
0.66
0.66
0.61
0.58
0.57
0.53
0.51
0.49
0.48
0.47
0.42
0.41
0.38
0.37

10.58
14.43
11.28
5.59
14.57
6.17
13.39
12.54
10.33
8.96
5.16
8.43
10.13
4.04
2.55

Average dissimilarity = 14.93%

Average
relative
peak area
Tra-i
2.65
1.43
1.41
2.82
1.70
1.95
0.95
1.63
0.76
1.32
1.40
0.73
1.37
0.69
2.28
1.24
0.49
0.82
2.31
0.61
1.01
0.87
0.51

Average
dissimilarity

0.68
0.57
0.46
0.45
0.44
0.42
0.39
0.38
0.34
0.32
0.32
0.32
0.28
0.27
0.27
0.26
0.24
0.22
0.21
0.20
0.20
0.20
0.20
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/SD

7.98
5.82
5.98
2.00
4.96
6.03
3.52
2.98
2.53
3.11
3.45
2.52
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3.17
2.03
3.69
4.66
5.47
2.93
2.73
2.62
4.64
3.98

2.86
2.82
2.81
2.59
2.48
242
2.27
2.16
2.10
2.03
1.99
1.78
1.73
1.63
1.58

Contrib.

4.55
3.80
3.07
3.04
2.92
2.80
2.58
2.53
2.26
2.17
2.15
2.15
1.89
1.79
1.78
1.71
1.57
1.46
1.38
1.36
1.35
1.34
1.33

%



Chapter 5

Supplementary Table 4: Average absolute quantities (in ng £ SE) of all alkenes identified in Nasonia vitripennis.

Treatment group Z7-C3lene  Z7-C33ene  29-C3lene  29-C33ene S:;‘k‘e‘:;z"

54+1 94+14  326t57  87+17 56+9.7
62+14  145+32  20+47 117427  52.4+12
14402 2402 0.9+0.1 22402 6.5+0.5
1+05 1506 15+1 2405 5.9+2.6

Supplementary Table 5: Male mating behaviour in response to live Gfp-i and Tra-i females.

Table shows the time wild-type males spent searching, mounting, copulating and performing post-copulatory
behaviour when exposed to live Gfp-i and Tra-i females. This table can be accessed online at:
https://git.wur.nl/aidan.williams/chapter5/-/blob/main/Supplementary_Table_5.csv?ref_type=heads

Supplementary Table 6: Male mating behaviour in response to dead Gfp-i and Tra-i females.

Table shows the cumulative time wild-type males spent mounting and attempting to copulate with Gfp-i and
Tra-i female dummies. It also shows the total contact time males spent interacting with Gfp-i and Tra-i female
dummies. This table can be accessed online at:
https://git.wur.nl/aidan.williams/chapter5/-/blob/main/Supplementary_Table_6.csv?ref_type=heads

121












Chapter 6

Decoding sexual dimorphism in
cuticular hydrocarbon pheromones by
fatty acyl-CoA reductases in the
parasitoid Nasonia vitripennis

Aidan Williams', Weizhao Sun?, Filippo Guerra’,
Jan Biillesbach? & Eveline Verhulst'

'Laboratory of Entomology, Wageningen University, PO Box 16,



Abstract

Finding and choosing a potential mating partner is essential for all sexually reproducing
animals. Many insects recognize mating partners based on contact pheromones called
cuticular hydrocarbons (CHCs). These long-chain carbon chemicals are a major
component of the waxy layer on the insect cuticle and form a pheromone signature
unique to each insect species. Previous research on the biosynthetic genes involved in
regulating CHC production in insects has been limited to Drosophila melanogaster, a
model species for Diptera. In this species, sex-determination transcription factors,
such as Doublesex, determine sexual dimorphism in the CHC profile. However, only
limited research has been carried out on how Doublesex regulates genes for CHC
production in other species, such as parasitoid wasps. In this study, we identified four
candidate fatty acyl-CoA reductases (FARs) in the parasitoid Nasonia vitripennis that
are regulated by the transcription factor Doublesex: LOC100117683, LOC100117760,
LOC100117837 and LOC100117878. These candidate FARs are sex-biased in their
expression and show peak expression levels during specific developmental time
windows. After successfully silencing the four candidate FARs using RNA interference,
we confirmed their function in lipid metabolism and CHC production. Silencing these
FARs coincided with the concomitant upregulation or downregulation of components
of specific CHC compound classes, including methyl-branched alkanes, n-alkanes and
alkenes. The modified CHC composition in FAR-silenced females affected mate
recognition, including the duration males spent mounting and copulating. We can
therefore conclude that our candidate FARs regulate sexual dimorphism in the CHC
profile and play a specific role in producing CHCs that influence male mating behaviour
in N. vitripennis.



Introduction

Sex-pheromone signalling is among the most ancient and universal forms of insect
communication (Wyatt, 2003). Sex pheromones continue to evolve as a potent driver of mate
choice to discriminate between sexes and potential mates (Johansson & Jones, 2007).
Similarity in pheromone profiles between closely related species can lead to fitness reduction
due to the risk of heterospecific mating and hybridization (Baker, 2002; Symonds & Elgar,
2008). Sexual selection acts on pheromone communication within and between sexes to
reduce the risk of hybridization, resulting in sexually dimorphic traits, such as sex-specific
signalling and perception (Buchinger & Li, 2023; Johansson & Jones, 2007; Ritchie & Noor,
2004; Smadja & Butlin, 2009; Steiger & Stokl, 2014; Svensson, 1996). These traits are
genetically correlated between emitter and receiver, leading to a so-called Fisherian runaway
process, which in turn causes rapid changes in pheromone signals and sensory preferences
(Baker, 2002; Groot et al., 2016; Johansson & Jones, 2007; Shirangi et al., 2009; Symonds &
Elgar, 2008). These evolutionary transitions epitomize how selection forces induce genetic
divergence between insect species. In Chapter 5, we discussed the essential role of TRA in
regulating sexual dimorphism in CHC production. We will now turn to the CHC biosynthetic
genes downstream of the sex-determination pathway involved in this process. Understanding
how pheromones evolve from a sexually monomorphic to a sexually dimorphic state would
help explain the evolutionary transitions in insect sex-pheromone communication.

CHCs are of particular interest among researchers investigating the production and evolution
of sexually dimorphic pheromone profiles (Chung & Carroll, 2015; Holze et al., 2021; Howard
& Blomaquist, 2005; Moris et al., 2023; Wang et al., 2025). These long carbon-chain chemicals
provide insects with an efficient means to discriminate and choose potential mating partners
(Chung et al., 2014; Chung & Carroll, 2015). CHCs form the major component of the waxy
layer on the insect cuticle, alongside alcohols, esters, aldehydes, ketones and long-chain fatty
acids (Blomquist et al., 1987; Lockey, 1988). CHCs are divided into various classes. In the
majority of insects, linear straight-chain and methyl-branched alkanes are the most abundant
classes and unsaturated alkenes and alkadienes the least abundant (Blomquist et al., 1987;
Blomquist & Bagneéres, 2010; Hamilton, 1995). A blend of all the CHC components form the
pheromone signature, which is both sex- and species-specific. Sensory preferences to these
pheromone signatures are themselves driven by gains and losses of individual hydrocarbons
(Luoetal., 2019). Consequently, CHCs are a textbook example of how sexual selection induces
a diverse range of sexually dimorphic pheromone profiles in insects. However, research on
the genetic mechanisms regulating sex-specific CHC production has been predominately
limited to the model species Drosophila melanogaster. In this species, CHCs are produced in
specialized oenocyte cells in a chain of chemical reactions (Figure 1) involving fatty acid
synthases, desaturases, elongases and reductases (Billeter et al., 2009). With regard to other
insect species, there is a lack of knowledge on how these biosynthetic genes are regulated to
produce sexually dimorphic CHCs.
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Figure 1: Schematic summary of the insect CHC production pathway (adapted from Holze et al. (2021)).

Ovals denote chemical compounds and rectangles the corresponding enzymes that catalyse their transitions. A:
CHC production occurs in specialized secretory cells, called oenocytes, located underneath the cuticle of the
insect abdomen (Blomquist & Ginzel, 2021; Chung & Carroll, 2015; Howard & Blomquist, 2005). B: The pathway
starts in the insect fat body, in which fatty acid synthases bind acetyl-coenzyme A (CoA) with malonyl-CoA and
methylmalonyl-CoA units. The consecutive elongation of the fatty acyl-CoA chain by the fatty acid synthase
results in long-chain fatty (LCF) acyl-CoAs. It has been predicted that the production of methyl-branched alkanes
depends on a specific fatty acid synthase that incorporates methylmalonyl-CoA (Blomquist & Bagneéres, 2010) C:
The LCF acyl-CoAs are further elongated to very long-chain fatty (VLCF) acyl-CoA by fatty acid elongases that add
additional malonyl-CoA molecules to the LCF acyl-CoA. Before this step, double bonds can be inserted in the LCF
acyl-CoAs by fatty acid desaturases, resulting in the production of unsaturated hydrocarbons. The VLCF acyl-
CoAs are further reduced to VLCF alcohols by fatty acyl-CoA reductases and to VLCF aldehydes through oxidative
decarbonylation. D: The final step involves decarbonylation of the aldehydes by cytochrome p450 into cuticular
hydrocarbons, including alkenes, n-alkanes and methyl-branched alkanes.

The transcription factor Doublesex (DSX) has emerged as an important CHC regulator,
contributing to the divergence of these pheromones between sexes in closely related species
(Antony et al., 1985; Jallon et al., 1988; Shirangi et al., 2009; Sun et al., 2023a; Wang et al.,
2022b). Doublesex was one the first genes shown to play a significant role in the production
of CHC pheromones in Drosophila. Female flies produce the long-chain dienes 7,11-
heptacosadiene and 7,11-nonacosadiene, also referred to as aphrodisiac molecules for males
(Antony et al., 1985; Jallon et al., 1988; Toda et al., 2012). However, female flies in which Dsx
has been disrupted lack their usual dienes and elicit a significantly lower level of courtship
from males (Jallon et al., 1988). A female-specific desaturase, DESATF, was later identified to
produce precursors for these diene pheromones (Chertemps et al., 2006). Researchers have
now also found a DSX binding site in a cis-regulatory element upstream of DesatF that is
responsible for the female-specific expression of this gene (Shirangi et al., 2009). Sexually
dimorphic diene production occurs through the DSX-F isoform binding to this element and
directly activating female-specific DesatF expression. Moreover, disrupting Dsx has also been
shown to affect the CHC profile of male flies and results in so-called chaining behaviour (male-
male attraction) (Sun et al., 2023a).

A considerable amount of research has been carried on the composition of CHCs in
Hymenoptera. This insect order comprises many economically and environmentally
important species (Kather & Martin, 2015). Hymenoptera have also evolved an extensive
diversity of CHC profiles between species, in particular the methyl-branched alkanes that are
believed to function as pheromones for recognizing both nest mates in social species and
hosts in parasitoid wasps (Kather & Martin, 2015; Martin & Drijfhout, 2009; Sprenger &
Menzel, 2020). Limited research, however, has been carried out on the genetic regulation of
CHCs in these species. In parasitoid wasps, it has been shown that TRA and DSX feminize and
masculinize the CHC profile respectively, in particular the CHCs involved in mate recognition
(Wang et al., 2022b; Chapter 5 of this dissertation). Nevertheless, research has yet to
elucidate how sex-determination transcription factors regulate the genetic pathways for CHC



synthesis to produce sex-specific pheromones. Understanding how DSX regulates CHC
biosynthetic genes in these species would therefore be of major interest.

Hymenoptera have evolved highly divergent CHC profiles between sexes and closely related
species (Buellesbach et al., 2013; Kather & Martin, 2015). The biosynthetic genes underlying
insect CHCs diverge rapidly between closely related species (Finck et al., 2016; Finet et al.,
2019; Helmkampf et al., 2015; Shirangi et al., 2009; Tupec et al., 2019; Wang et al., 2023),
enabling individual species to form mating barriers and adapt to novel ecological
environments. A group of these potential genes belong to the fatty acyl-CoA reductases
(FARs) that convert fatty acids into fatty alcohols, the precursors for CHC production
(Riendeau & Meighen, 1985). Hymenoptera have experienced a considerable expansion of
the FAR gene family, which has been linked to the diversification of pheromones in these
species (Tupec et al., 2019). FARs expressed in oenocytes are known to evolve rapidly relative
to those expressed in other insect tissues (Finet et al., 2019). The process of gene duplication
and loss gives rise to novel FAR genes, which enables the diversification of CHCs between
closely related species. Understanding whether these genes are sex biased and how they are
regulated by DSX is therefore necessary for elucidating CHC diversification between male and
female insects. Here, we analysed the role that FARs play in sexually dimorphic CHC profiles
in Nasonia vitripennis, a suitable parasitoid model species for characterizing genes involved
in CHC production.

Nasonia uses CHCs as contact pheromones to recognize potential mates (Mair & Ruther,
2019). CHCs have diverged in all Nasonia species and form unique profiles between the
various species and sexes (Buellesbach et al., 2013). A recent study also identified numerous
FAR candidates contributing to substantial CHC diversity, especially in the methyl-branched
alkanes (Buellesbach et al., 2022). In addition, we confirmed that DSX regulates the
expression of FARs in N. vitripennis in a transcriptomic survey following NvDsx silencing
(Rougeot et al., 2025). The aim of our current study is to analyse the function of four of these
FAR genes in producing sexually dimorphic CHC profiles: LOC100117683 (LOC683),
LOC100117760 (LOC760), LOC100117837 (LOC837) and LOC100117878 (LOC878). We first
determined sex-biased and temporal expression levels through RT-qPCR before silencing all
four FARs at the fourth-instar larval stage with dsRNA. After silencing, we analysed changes
in the CHC profile of both sexes and the behavioural significance of these changes for male-
female pheromone communication. Our study confirmed a new complex of CHC-producing
genes contributing to the diversification of parasitoid CHC pheromones. Our results open up
new avenues to elucidate how the expansion of the FAR-gene family enabled the evolution
of cis-regulatory elements in FARs to become potential targets for transcription factors like
DSX and the resulting rapid diversification of CHCs in the evolutionary history of
Hymenoptera.



Materials & Methods

Nasonia rearing

We used the lab strain AsymCX of N. vitripennis to silence FAR and NvDsx expression with
dsRNA. The AsymCX wasps were reared on Calliphora vomitoria pupae obtained as larvae
from a commercial manufacturer (Kreikamp & Zn, Hoevelaken, the Netherlands). The fly
larvae were reared in sawdust at room temperature and stored at 4°C for a maximum
duration of four weeks after pupation. Once they emerged, individual female wasps were
placed together with a single host pupa in glass vials for 24 hours. Virgin females were used
to produce male-only offspring (100% males) and mated females were used to produce
mainly female offspring (90% females). After 24 hours, we followed the rearing protocol for
strain maintenance as set out by Werren & Loehlin (2009a). This involved incubating the
parasitized pupae at a constant temperature of 25°C using a 16-hour light, 8-hour dark cycle.

RNA extraction and cDNA synthesis

We extracted RNA from wasp pupae to generate cDNA for comparing FAR expression
between sexes and pupal developmental stages. Accordingly, we collected male and female
pupae eight, ten and twelve days after ovipositing. In total, 40 pupae were collected per sex
and per developmental stage. Five pupae were pooled into one Eppendorf tube, forming one
replicate, and eight replicates were used for each developmental stage. The samples were
snap-frozen in liquid nitrogen and stored at -80°C until RNA was extracted. The frozen
samples were ground up and homogenized with a sterile pellet pestle in 200 ul of Trizol
(Invitrogen, Carlsbad, CA, USA). The RNA samples were then treated with DNase (Zymo
Research, E1010) to form a total volume of 50 ul and subsequently purified with a
phenol:chloroform:isoamyl alcohol solution (25:24:1, v/v) (15593031, Invitrogen). The
resulting RNA was resuspended in 8 pl of autoclaved water and quantified with a
spectrophotometer (DeNovix, DS-11 FX, Wilmington, Delaware, USA). 500 ng of RNA was used
to synthesize cDNA using the 5x TransAmp buffer of the SensiFAST cDNA Synthesis Kit (Bioline
Reagents Ltd, London, UK) containing a mixture of anchored oligo(dT) and random hexamer
primers. The resulting cDNA was then diluted 1:16 before being used for reverse transcription
guantitative real-time PCR (RT-qPCR).

FAR expression levels between sexes and developmental stages

RT-gPCR was performed with a solution of 2 ul of cDNA diluted 1:16 and a 400 nM SensiFAST
SYBR Lo-ROX mix (Bioline Reagents Ltd, London, UK) on a BIORAD CFX-Opus96 machine (Bio-
Rad, Veenendaal, the Netherlands). Primers were designed with Geneious Prime (Dotmatics,
Boston, MA, USA) (see Supplementary Table 1 for all gPCR primer sequences). The qPCR
thermocycling conditions were 95°C 3’; 39x 95°C 15", 55°C 30", 72°C 30", followed by a post-
melt curve to check the degree of non-specific amplification. After generating the raw
fluorescence data, a baseline threshold was manually set by using the Single Threshold mode



in the CFX Manager software (v3.1). The housekeeping genes Ribosomal protein 49 (Rp49),
Elongation factor 1-alfa (Efla) and LOC100119962 (Ak3) were used for gene expression
normalization. We performed the analysis of the data in RStudio (v2024.12.1+563, Posit PBC).
We used the delta-delta Ct method (222%) to calculate relative gene expression (Livak &
Schmittgen, 2001), in which delta-delta Ct is the calculated difference in cycle threshold
values of housekeeping genes and reference samples. The sample with the lowest gene
expression was used as a reference and the average of this sample was therefore set to one.
The influence of sex and developmental stage on gene expression was tested with a two-way
ANOVA (log2(FAR expression)~sex*day) and the difference between sexes at each
developmental stage was tested with Tukey’s honest significance test (THSD). Graphs were
generated with the R package ggplot2 in RStudio (v2024.12.1+563, Posit PBC).

Synthesis of FAR and NvDsx dsRNA

We used the MEGAscript RNAI Kit (Thermo Fisher, Waltham, MA, USA) to generate FAR and
NvDsx dsRNA from N. vitripennis cDNA. Primers were designed in Geneious Prime to yield
amplicons with a target size of ~533 bp (LOC683), ~660 bp (LOC760), ~617 bp (LOC878) and
~536 bp (LOC837). We also designed a T7 RNA polymerase promotor
[TAATACGACTCACTATAGGG] version of these primers. Gfp dsRNA was used as an exogenous
control in all our experiments and was generated from the pOPINEneo-3C-GFP vector
(Addgene plasmid #53534; https://www.addgene.org/53534/; RRID: Addgene_53534) to
produce a 460 bp amplicon, which covered 64% of the Emerald GFP CDS. (See Supplementary
Table 1 for all dsRNA primer sequences). The dsRNA template fragments were synthesized in
a PCR using the GoTaq Flexi DNA polymerase (Promega, Madison, WI, USA) and the relevant
primers without the T7 addition. These PCR products were used as templates in two separate
PCRs to add the T7 promotors to either end of the amplicon. The resulting two templates
were then used in separate reactions to transcribe both sense and antisense RNA molecules
in accordance with the MEGAscript RNAI Kit protocol (16 hours at 37°C). The synthesized
dsRNA was measured for its purity and concentration on a spectrophotometer (DeNovix, DS-
11 FX, Wilmington, Delaware, USA) and subsequently diluted with RNase-free water to a
concentration of 4 pg/ul.

Micro-injection of FAR dsRNA

FAR and Gfp dsRNA was injected in male and female L4 larvae and eight-day-old pupae. This
was carried out before and just after the onset of adult oenocyte development and CHC
production that occur during the pupal stage (Carlson et al., 1999; Johnson & Butterworth,
1985; Lawrence & Johnston, 1982). The larvae and pupae were aligned on a 1x phosphate-
buffered saline (PBS) agar plate and a mixture of 4.5 ul dsRNA and 0.5 pl food dye was injected
in their posterior using a FemtolJet 4i microinjection pump (Eppendorf, Hamburg, Germany)
according to the protocols set out by Lynch & Desplan (2006) and Werren et al. (2009). The
dsRNA-injected larvae and pupae were incubated at 25°C until further use. We used pupae



three days post-larval injection to analyse FAR expression. Adults treated at both the larval
and pupal stage were used to analyse changes in CHC composition. Females treated at the
larval stage were subsequently used for analysing male mating behaviour. Male and female
specimens for chemical and behavioural analyses were separated at the pupal stage based
on sex-specific traits (forewing size and presence/absence of the ovipositor). Due to difficulty
with eclosure, the pupal cases of the LOC683 dsRNA-injected specimens were removed with
sharp forceps (Dumont No. 5) under a stereomicroscope.

Analysis of FAR expression levels after RNA interference (RNAI)

The same procedures for RNA extraction, cDNA synthesis and RT-qPCR were used as set out
above to assess FAR expression after silencing. FAR expression was analysed on nine-day-old
female pupae with RT-gPCR. FAR relative expression was then analysed with a Benjamini-
Hochberg-corrected Wilcoxon rank-sum test in RStudio (v2024.12.1+563, Posit PBC).

Assessing Nasonia vitripennis morphology after FAR RNAi

We assessed external morphological changes after silencing FAR expression in female adults.
Photographs were taken of legs, antennae, wings and cuticle pigmentation with a Dino-Lite
Edge 5 MP digital microscope (Dino-Lite Digital Microscope, New Taipei City, Taiwan).

Chemical analysis

CHC extraction

The adult CHC profile was analysed with GC-MS after silencing the candidate FARs in male
and female L4 larvae and eight-day-old pupae. Wild-type and Gfp RNA interference (Gfp-i)
specimens were used as controls. We extracted the CHCs of individual male and female wasps
by immersing them in 50 pl HPLC-grade n-hexane (Merck, KGaA, Darmstadt, Germany) in 2
ml glass vials (Agilent Technologies, Waldbronn, Germany) on an orbital shaker (IKA KS 130
Basic, Staufen, Germany) for ten minutes. The n-hexane was then evaporated under a
constant stream of gaseous CO; and the extracted profile was then resuspended in a 10 pl n-
hexane solution containing 7.5 ng/ul dodecane used as the internal standard. Subsequently,
3 ul of the resuspended extract was injected in splitless mode with an automated liquid
sampler (PAL RSI 120, CTC Analytics AG, Zwingen, Switzerland) into a gas chromatograph (GC:
7890B) coupled to a flame ionization detector (FID: G3440B) and a tandem mass
spectrometer (MS/MS: 70108, all provided by Agilent Technologies, Waldbronn, Germany).
This setup was equipped with a fused silica column (DB-5MS ultra inert; 30 m x 250 um x 0.25
um; Agilent J&W GC columns, Santa Clara, CA, USA) using helium as a carrier gas at a constant
flow of 1.8 ml/min. The column was split at an auxiliary electronic pressure control module
into a deactivated fused silica column (0.9 m x 150 um) leading to the FID at a flow rate of 0.8
ml/min and another deactivated fused silica column (1.33 m x 150 um) leading to the mass
spectrometer at a flow rate of 1.33 ml/min. The FID had a temperature of 300°C and used



nitrogen as make-up gas at a flow rate of 20 ml/min and hydrogen as fuel gas at a flow rate
of 30 ml/min. The column temperature profile started at 60°C and was held for one minute,
increasing 40°C per minute up to 200°C and then increasing 5°C per minute to the final
temperature of 320°C, which was held for five minutes.

CHC identification and quantification

CHC peak detection, integration, quantification and identification were all carried out with
Quantitative Analysis MassHunter Workstation software (vB.09.00/Build 9.0.647.0, Agilent
Technologies, Santa Clara, CA, USA). CHCs were identified according to their retention indices,
diagnostic ions and mass spectra as provided by the total ion count chromatograms, whereas
their quantifications were obtained from the FID chromatograms. Absolute CHC quantities (in
ng) were obtained by calibrating each compound according to a dilution series based on the
closest eluting n-alkane from a C21-40 standard series (Merck, KGaA, Darmstadt, Germany)
at 0.5, 1, 2, 5, 10, 20 and 40 ng/ul, respectively. Differences in the absolute quantities
between the treatments were analysed in accordance with the method set out in Sun et al.
(2023b)

Mating trials following FAR RNAI

We tested the mating responses of virgin male wasps to the CHCs of FAR- and Gfp-silenced
females in a mating chamber bioassay in accordance with the setup adopted by Mair et al.
(2017). Silenced females were freeze-killed in liquid nitrogen before the experiment and used
as dummies to minimize potential mating signals (e.g. behavioural and vibrational signals),
excluding CHCs (Buellesbach et al., 2013, 2018). The female dummies were then presented
to newly emerged (0-48 hour old) virgin wild-type males in an acrylic mating chamber (310
mm) placed on a glass plate and covered with a glass microscope slide. The mating behaviour
was then analysed under a stereomicroscope. Males typically show mating behaviour in
response to female CHCs by mounting and copulating with the females. For mounting
behaviour, we recorded the amount of time a male spent positioning and performing
courtship (i.e. head nodding, antennal sweeping and wing twitching, etc.) on a female
dummy. For copulation behaviour, we recorded the amount of time a male spent attempting
to copulate with the female dummy. We recorded the cumulative time of this behaviour for
five minutes. After testing six replicates, the acrylic mating chamber was cleaned with
detergent (TORK Mild Liquid Soap, 420501) and the glass plate with 70% ethanol. The
differences in male mating behaviour were analysed with a Wilcoxon rank-sum test of the
Coin package in RStudio (v2024.12.1+563, Posit PBC). Significant differences in mating success
were assessed with a Pearson’s Chi-squared test with Yates’s continuity correction.



Results

FAR expression levels

Temporal and sex-biased expression levels

We postulated that fatty acyl-CoA reductases are expressed during N. vitripennis pupal
development, as they contribute to the production of fatty alcohols that are subsequently
metabolized into adult CHCs (Figure 1). Since these FARs are targeted by DSX in N. vitripennis
(Rougeot et al., 2025), we also hypothesized that their expression should be sex biased, which
in turn results in the production of sexually dimorphic CHC pheromones. To verify this, we
first analysed the relative expression levels of four candidate FARs (LOC683, LOC760, LOC837
and LOC878) during pupal development of male and female N. vitripennis (Supplementary
Table 2).

We determined that all four FARs were expressed throughout pupal development of both
males and females (Figure 2). We carried out a two-way ANOVA to analyse the effect of the
developmental stage, sex and the interaction between these variables on the relative
expression levels of all four FARs (Supplementary Table 3). We confirmed that the
developmental stage had a significant main effect on the relative expression of three FARs
(LOC760, LOC837 and LOC878), and that sex and the interaction between sex and the
developmental stage had a significant main effect on the expression levels of all four FARs.
The expression level of LOC683 (Figure 2A) remained relatively stable between day 8 and day
10 of both males and females. At day 12, however, LOC683 expression was significantly male
biased (THSD, p <0.001), whereas in females it decreased (THSD, p < 0.01). LOC760 expression
(Figure 2B) was consistently female biased and showed stable expression levels throughout
pupal development. LOC760 expression in males, on the other hand, significantly decreased
after day 8 (THSD, p < 0.001). LOC837 (Figure 2C) was significantly female biased at day 10
(THSD, p < 0.05) and showed a ~45-fold increase in expression level (THSD, p < 0.001). It then
significantly decreased in females at day 12 and switched to a male-biased expression (THSD,
p < 0.001). LOC878 expression (Figure 2D) was significantly male biased at day 8 (THSD, p <
0.001) before switching to a female-biased expression at day 10 (THSD, p < 0.001). It then
significantly decreased in both sexes at day 12 (THSD, p < 0.001).

These results show that the expression of all four FARs is highly dynamic throughout pupal
development and it is expected that the specific time of upregulation observed in each of the
FARs in males and females corresponds to the production of CHC precursors.
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Figure 2: Relative expression of the four candidate FARs throughout pupal development of wild-type (WT)
male and female N. vitripennis.

Developmental stage is displayed on the x-axis in days after oviposition. Normalized, relative expression is shown
for LOC683 (n =7), LOC760 (n =7), LOC837 (n =7) and LOC878 (n = 7) on the y-axis. Note: panels A, B and D do
not start at 0. The effect of developmental stage, sex and the interaction between these variables on the relative
expression levels was analysed using a two-way ANOVA. Significance values of the main effects are provided in
Supplementary Table 3. Significant differences in relative expression between days and sex were analysed with
a Tukey’s Honestly Significant Difference (THSD) test (Supplementary Table 4). Significant differences in relative
expression between days are depicted by letters, whereas significant differences between sexes are depicted
by asterisks. Significance levels: *** = p <0.001 and * = p < 0.05.

Efficiency test of dsRNA on FAR expression

We assessed the efficiency of our synthesized dsRNA on FAR expression with RT-qPCR
(Supplementary Table 5). We injected L4 female larvae with dsRNA and collected these
silenced samples three days later as white-stage pupae to assess FAR expression. All four
FARs were significantly reduced in their expression relative to Gfp-i control samples (Figure
3), with almost complete reduction of three of the FARs (LOC760, LOC837 and LOC878),
confirming that our dsRNA successfully silenced FAR expression in our samples.
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Figure 3: Relative expression of the four candidate FARs after dsRNA treatment.

Normalized, relative expression of FARs in white-stage female pupae three days after dsRNA treatment of L4
larvae. Relative quantification of expression shows a significant reduction of LOC683 (n = 8), LOC760 (n = 7),
LOC837 (n=4)and LOC878 (n = 8), compared to the Gfp-i control (n = 7). Significant differences in FAR expression
between the dsRNA and Gfp-i control group were analysed with a Wilcoxon rank-sum test. P-values were
Benjamini-Hochberg corrected for multiple comparisons. Significance levels: ** = p <0.01 and * = p < 0.05.

Morphological changes after FAR RNAi

We observed morphological changes in males and females after silencing LOC683 at the L4
stage. Gfp-i specimens were able to shed their exuviae and showed normal eclosure after six
days incubation, identical to wild-type wasps (Figure 4A, 4C). LOC683-i specimens, however,
were unable to shed their exuviae and therefore did not eclose properly after six days
incubation (Figure 4B, 4D). To facilitate eclosure, we dissected the pupal case of the LOC683-
i specimens and observed that the cuticle of these specimens lacked the normal rigidity found
in wild types. The abdomen and wings of these specimens also appeared underdeveloped
(Figure 4B, 4D). Moreover, we observed changes in the coloration of the cuticle, most notably
on the sides of the thorax (Figure 4B). The cuticle of our Gfp-i specimens was metallic green
in colour, identical to wild-type wasps, whereas the cuticle of the LOC683-i specimens was
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