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1 Introduction  

Magnetic resonance imaging (MRI) is widely used in clinical and preclinical imaging, often 
relying on contrast agents (CAs) to enhance signal intensity and improve visibility. [1] 
However, many traditional CAs face limitations, including complex localization and 
potential toxicity at high concentrations. Localization is challenging due to the strong 
background signals from water and natural tissue contrasts, such as blood clots and 
endogenous iron. This low sensitivity often necessitates higher concentrations of CAs, 
which increases the risk of toxicity.[2] 

To address these challenges, Fluorine-19 can be used as an alternative nucleus to be 
detected, rather than the proton.[3] This method employs perfluorocarbons (PFCs) as a 
19F source for MRI. PFCs are characterized by their strong fluorophilicity and lack of 
affinity for both hydrophilic and lipophilic environments, exhibiting both hydrophobic and 
lipophobic properties.[4] Perfluoro-15-crown-5-ether (PFCE) is particularly suited for 19F 
MRI because it produces a single, sharp spectral peak due to the magnetic equivalence 
of all fluorine-19 atoms in its structure.[5]  

Encapsulating PFCs into nanocarriers such as lipid- or polymer-based systems can 
improve their performance. PLGA (poly(lactic-co-glycolic acid)) is the most commonly 
used polymer for encapsulation due to its biocompatibility, biodegradability, and FDA 
approval.  Although PLGA-based NPs are often described in the literature[6] as having a 
core-shell structure, recent studies have shown that PLGA-PFCE NPs can have a 
multicore internal structure.[7] This multicore design offers advantages, such as improved 
colloidal stability, solubility, and faster clearance from internal organs. This structural 
difference is key to reducing retention time and making the NPs more suitable for various 
applications.[7][8] In addition, the multicore structure requires careful control of synthesis 
parameters to encapsulate PFCE effectively.[9]This sensitivity means that any 
modifications made during the synthesis could compromise the PFCE encapsulation and 
multicore structure. As a result, functionalization of the NPs can be performed post-
formulation, ensuring that the multicore remains intact while enabling further modification 
for targeted applications. 

Targeting NPs enhances the specificity and effectiveness of both diagnostic and 
therapeutic applications.[10] These nanoplatforms are designed to target specific 
molecules, enabling early detection and precise treatment.[11] Additionally, PFC NPs are 
valuable for monitoring drug delivery,[12] tracking cells,[13][14] and visualizing drug 
distribution.[15][16] Strategies for promoting NP accumulation in tissues or cells involve 
passive and active targeting. Passive targeting increases NP retention in the bloodstream 
by modifying nanocarriers but lacks specificity, making it difficult to reach the target 
tissue.[17][18] Active targeting addresses this by attaching specific ligands, such as 
antibodies, peptides, or other biomolecules, to the NPs. These ligands bind to receptors 
on target cells, enhancing specificity and uptake.[18] [19] This approach not only 
improves delivery but also allows real-time monitoring of therapeutic responses using 
imaging agents.[20]  



 

4 
 

Since active targeting offers greater specificity than passive targeting, this study focuses 
on this strategy. Active targeting requires careful design of the NP surface to ensure 
specific ligand binding. Several techniques can be employed to modify the NP surface, 
including Iipid coating,[21]albumin coating,[20] polysaccharide-based coating,[22] and 
PEGylation surface modification. Among the available techniques, we chose polyethylene 
glycol (PEG) as a linker and it is one of the most widely adopted approaches. PEG serves 
as a functional bridge between the NP and the targeting ligands, facilitating the 
attachment of biomolecules such as antibodies, peptides, or other active agents that bind 
to specific cell receptors.[23] Moreover, the flexible and hydrophilic structure of PEG 
allows it to extend NPs surface, creating sufficient space for attached ligands to interact 
effectively with their target receptors. [24] In addition to facilitating ligand attachment, 
PEG helps prevent nonspecific binding to cells and proteins in the bloodstream, reducing 
the immune system detection and clearance. This leads to longer circulation time for the 
NPs, increasing the chances of reaching their intended target.[25] This versatile role 
makes PEG an important component for designing NPs that are both stable and highly 
specific for targeting.[26] 

After incorporating PEG as a linker, choosing an appropriate technique is important for 
attaching targeting ligands to the PEGylated NP surface. Several widely used techniques 
offer different advantages based on the specific requirements of the targeting process. 
One common method is carbodiimide chemistry, which typically involves EDC/NHS 
coupling. This approach forms covalent bonds between carboxyl and amine groups, 
making it useful for conjugating proteins, peptides, or antibodies to the NP surface.[27] 
Another method is the maleimide reaction, which is particularly effective for attaching 
thiol-containing ligands to maleimide-functionalized NPs, offering high specificity and 
efficiency for certain types of biomolecules.[28] Electrostatic interactions provide a 
simpler, non-covalent approach, using the attraction between oppositely charged 
particles to bind ligands to NPs. While this method is less stable than covalent bonding, 
it can be useful in some targeting applications. [29] 

Among these options, click chemistry stands out due to its high selectivity, efficiency, and 
ability to proceed under mild conditions. This technique enables the rapid and specific 
formation of covalent bonds between azide- and alkyne-functionalized molecules, 
ensuring strong, stable attachment of targeting ligands. Additionally, click chemistry is 
versatile and compatible with various biomolecules, making it an excellent choice for 
designing NPs with precise and robust ligand binding. [27] [30] [31]For our study, we 
selected click chemistry for its reliability in producing stable conjugations, maximizing the 
effectiveness of active targeting. 

Examining the various types of click reactions commonly used in NP surface modification 
is essential for optimizing ligand attachment. The copper(I)-catalyzed azide-alkyne 
cycloaddition (CuAAC) is widely recognized for its high efficiency and selectivity. 
However, its application in biological systems is limited due to potential copper ion 
toxicity.[32] [33] [34] To overcome this challenge, alternative click chemistry variants have 
been developed. Strain-promoted azide-alkyne cycloaddition (SPAAC), a copper-free 
version, has emerged as a safer alternative suited for in vivo applications. This method 
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employed the intrinsic ring strain of cyclooctyne compounds to facilitate the chemical 
process, thereby eliminating the requirement for potentially toxic copper-based 
catalysts.[35][36] Another click chemistry variant is the thiol-ene reaction, which enables 
efficient conjugation between thiol and alkene groups. However, its practicality is limited 
in certain biological contexts because it often requires the use of photo-initiators or radical 
initiators, which can potentially damage sensitive biomolecules.[37] 

In our approach, we particularly employed SPAAC click chemistry due to its high 
specificity, mild reaction conditions, and low risk of cross-reactivity.[38] This method has 
been successfully utilized in a range of biological applications, including radioisotope 
labeling,[39] [40] live-cell imaging,[41] and surface modification. [42] In our design, the 
SPAAC reaction facilitates the conjugation of targeting ligands through the interaction 
between dibenzocyclooctyne (DBCO) and azide-tagged molecules, forming stable 
triazoles. The stability of both the DBCO and azide groups ensures the long-term 
structural integrity of the NP-ligand complex. Notably, this reaction is highly specific, as 
azides react exclusively with DBCO even in the presence of functional groups like amines 
(-NH2), thiols (-SH), and carboxyls (-COOH).[43] This bioorthogonal reaction allows for 
precise and controlled ligand attachment, making it ideal for our two-step targeting 
strategy involving PEGylation by PEG-DBCO followed by click chemistry to achieve 
effective active targeting. 

This study introduces a promising platform for targeted molecular imaging using  PLGA-
PFCE NPs, employing bioorthogonal SPAAC reactions for versatile target binding. To 
achieve effective active targeting, we designed the NPs with a two-step strategy: first, the 
use of PEG as a linker, facilitating ligand binding; and second, click chemistry for precise 
ligand attachment. We optimized click chemistry conditions, specifically focusing on 
DBCO concentration, reaction time, and temperature to enhance conjugation efficiency 
while maintaining the stability of the multi-core PFCE-encapsulated PLGA NPs, as 
described in the literature.[7] [8] Unlike other methods, our approach required maintaining 
the multi-core NPs formulation, which is essential for effective 19F MRI imaging. The 
PFCE content is crucial for imaging performance, yet challenging to work with due to its 
low affinity for PLGA and non-hydrophobic nature. Therefore, our adjustments in 
functionalizing the NPs after PFCE entrapment were critical, as significant material loss 
was predicted during the process. These optimizations ensured the successful 
preparation of functional NPs, enabling precise targeting through bioorthogonal click 
chemistry reactions with azide-tagged dyes and peptides. 
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2 Method and Material 

2.1 Chemical and Reagents  

All chemicals listed were used without further purification. The following chemicals were 
purchased from Sigma Aldrich: Deuterium oxide (D2O), Dimethyl Sulfoxide-d6 (d-DMSO), 
Poly(vinyl alcohol), trifluoroacetic acid (TFA), and Azide-fluor 488 (AF-488). 
Dichloromethane (DCM) was obtained from EMSURE, Merck Millipore (Darmstadt, 
Germany). PEG linkers (DBCO-NHCO-PEG4-amine) were acquired from Broad Pharm. 
Thermo Scientific supplied N-hydroxysuccinimide (NHS), 1-(3-dimethylaminopropyl)-3-
ethylcarboiimide hydrochloride (EDC), and BupH™ MES Buffered Saline Packs. 
Sephadex G-50™ Superfine was purchased from Cytiva, and Perfluoro-15-crown-5-ether 
(PFCE) was obtained from Exfluor Research Corporation. TAT-Lys(N3)-6-FAM was 
custom-synthesized by Marco Neves at the University of Barcelona. Poly(lactic-co-
glycolic acid) (PLGA) and distilled triethylamine were previously synthesized in-house. 
Spectra/Por 6 Dialysis membranes (15 kDa MWCO) were purchased from Spectrum™. 
Ultrapure water was obtained using a Purelab Chorus Elga filtration system. 

2.2 PLGA-PFCE nanoparticles (NPs) preparation   

PLGA NPs encapsulating perfluro-15-crown-5-ether (PFCE) were prepared by using a 
single oil-in-water emulsion. The whole process is depicted in Figure 1. Briefly, PFCE was 
encapsulated by dissolving PLGA in 3 mL of dichloromethane (DCM) and mixed with 
PFCE by pre-sonication or pipetting up and down with a glass pipette. The resulting 
double-phase liquid was added to a solution of 2% poly (vinyl alcohol) (PVA) while 
sonication was started. The entire mixture was sonicated on an ice water bath for 3 
minutes. After sonication, the DCM was evaporated while stirring at 4˚C  overnight. 
Afterward, the NPs were washed 3 times by centrifugation and the supernatant was 
replaced with Milli-Q (MQ) water (10 ml). After the last wash, the particles were 
resuspended in 5 ml MQ water, frozen with liquid N2, and freeze-dried for 48 hours. The 
resulting dry powder was stored in the freezer at -20˚C for further experiments. 
The protocol was modified to optimize PFCE encapsulation in PLGA and enhance 
PEGylation efficiency. After the final washing step, the NPs were resuspended in 5 ml of 
MES buffer to achieve a concentration of 20 mg/ml. Of this suspension, 4 ml were retained 
in liquid form for PEGylation, while 1 ml was kept to facilitate characterization via DLS 
and zeta potential measurements.   
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Figure 1: Step-by-step protocol to produce NPs 

   

2.3 PLGA-PFCE NPs Characterization   

Characterization in research refers to the process of describing and analyzing the 
properties and features of materials, compounds, or systems to understand their 
behavior, structure, and composition. Characterization of PLGA-PFCE NPs involves 
various techniques to determine the properties and behavior of PLGA-PFCE NPs, 
including measuring particle size, polydispersity index, zeta potential.   

2.3.1  Dynamic Light Scattering (DLS)   

For the size and charge investigation of the particles, DLS was performed on a Malvern 
Zetasizer ZS at a scattering angle of θ = 173° using disposable cuvettes. The NPs were 
solubilized in MQ water with a concentration of 10 mg/ml. The stock was diluted 100 times 
with a final volume of 1 ml. The dilution was added to plastic cuvettes, and the ζ-potential 
and diameter of the particles were measured. The final diameter of each sample is 
reported as an average of 4 measurements of each 6 runs of 10 seconds (at 21 °C).   
 

2.3.2  Nuclear Magnetic Resonance (19F and 1H NMR)   

19F Nuclear Magnetic Resonance (NMR) was used to check the PFCE content. For 19F 
NMR, approximately 5 mg of NPs were resuspended in 500 µl of D2O. 100µl of 1% 
trifluoroacetic acid solution was added to the sample as an internal standard. The 
spectrum was measured on a Bruker Avance III 400MHz NMR spectrometer with 8 scans, 
with each a 25-second delay.    
For 1H NMR, ±5 mg of NPs was resuspended in 500 µl of d-DMSO. DMSO is often used 
to avoid interference from solvent protons in the analysis of hydrogen-containing 
compounds. This is because the technique is based on the magnetic resonance of 
hydrogen nuclei, and any extra protons in the solvent could disrupt the structure 
prediction. The spectrum would then be measured on a high-resolution NMR 
spectrometer, the Bruker 700MHz instrument.  
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2.4  PLGA-PFCE NPs surface modification   

PEG molecules were attached to the PLGA surface for further modification after the NPs 
were formulated. This was done via a two-step coupling using 1-(3- 
dimethylaminopropyl)-3-ethylcarboiimide hydrochloride (EDC) and N-hydroxy 
succinimide (NHS) (Figure 2 ).  

 
 

  
 

Figure 2: EDC-NHS reaction to bind PEG to surface NP [44] 

 

2.4.1  Optimization of PEG4-DBCO surface PEGylation on PLGA-PFCE 

NP  

The PLGA NPs (80mg, 0,0057 mmol) were solubilized in MES buffer (8ml,10 mg/ml, pH 
5-6) to deprotonate the carboxyl group on the surface of the particles. The process was 
adjusted by taking 4 mL of stock NPs sample solution with a concentration of 20 mg/mL, 
which corresponds to 80 mg of the dried sample. After that, 4 mL of MES buffer was 
added to reach a final volume of 8 mL. To the deprotonated NPs, eight times the molar 
excess of EDC (8.8 mg, 0,045 mmol) was added. Immediately after, a ten times molar 
excess of NHS (6.6 mg, 0,057 mmol) was added, to react with the formed unstable ester. 
This mixture was left to react for two hours while stirring, without light, and at RT. The 
PEG4-DBCO (182µl, 100 mg/ml, 637,6 g/mol) molecules with five times the molar 
equivalent of NPs were added after raising the pH to ~8 with 75 µl triethylamine. The 
mixture was left to react overnight without light while stirring (RT).  
To wash away the unbound molecules, the reaction mixture was put into pre-wetted 
regenerated cellulose tubing with a molecular weight cut-off of 15 kDa .First, the 
membrane was active in warm MQ water and then it was closed with clips and placed 
into a large beaker for 3 days of dialysis, the first day with PBS 1x and the last 2 days 
with MQ water. At a minimum, the solution was changed 2 times every day. On the last 
day, the sample with the PEGylated NPs was taken out of the membrane, frozen with 
liquid N2, and freeze-dried for 48 hours. Following this, the samples were characterized 
by DLS and 1H NMR as detailed in sections 2.3.1 and 2.3.2 respectively.  
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2.4.1.1 PEGylation yield calculation by UV-Visible  

A standard curve was made based on different concentrations of PEG to calculate the 
PEGylation yield. UV-Vis spectroscopy was performed, using a SpectraMax iD3 plate 
reader and Greiner 96 well plate flat transparent, with PEG4-DBCO measured at a 
wavelength of 290 nm. To determine PEGylation efficiency, first batches were prepared 
with known concentration, and then the UV-Vis absorbance of each batch was measured 
at 290 nm. An equation derived from the standard curve was used to calculate the 
concentration of PEGylated NPs (PNPs) based on their UV-Vis absorbance. 
Subsequently, the PEGylation efficiency was calculated by dividing the measured 
concentration from the UV readings by the prepared (known) concentration and 
multiplying by 100. This method, using UV-Vis spectroscopy and a standard curve, allows 
for quantifying PEGylation yield.  
 

𝑃𝐸𝐺𝑦𝑙𝑎𝑡𝑖𝑜𝑛 𝑒𝑓𝑓𝑖𝑐𝑖𝑒𝑛𝑐𝑦(%) = (
𝑀𝑒𝑎𝑠𝑢𝑟𝑒𝑑 𝑐𝑜𝑛𝑐𝑒𝑛𝑡𝑟𝑎𝑡𝑖𝑜𝑛 𝑓𝑟𝑜𝑚 𝑈𝑉

𝑃𝑟𝑒𝑝𝑎𝑟𝑒𝑑 𝑐𝑜𝑛𝑐𝑒𝑛𝑡𝑟𝑎𝑡𝑖𝑜𝑛
) × 100 

 
Equation 1: PEG4-DBCO efficiency 

2.5 SPAAC Click reaction with Dye and TAT-peptide  

PEGylated NPs with terminal DBCO groups were functionalized using SPAAC. The moles 
of DBCO on the NPs were first calculated based on the PEGylation efficiency. Then, using 
a 2:1 molar ratio (2 moles of DBCO to 1 mole of dye or peptide), the required amount of 
dye/peptide was calculated. Additionally, the concentration of the reaction was 
maintained between 1 to 2 mg/ml. For instance, the PNPs (10 mg) with a DBCO efficiency 
of 24.3%, were dispersed in 5 mL of 1x PBS. Subsequently, 50 µL of a stock solution of 
AF488 at 1 mg/mL concentration was added to have a 2:1 mol ratio. The mixture was 
allowed to react for two hours under continuous stirring, in the dark, and at RT. Following 
the reaction, the solution was washed twice with MQ by centrifugation at 17,000 RCF for 
30 minutes at RT to remove unbounded dye. Then it was frozen using liquid nitrogen and 
freeze-dried for 48 hours. To optimize the reaction, varying molar equivalents of Azide-
fluor 488 were added to the NP suspension.  
After optimizing the reaction for the dye, the same procedure was repeated for TAT-
Lys(N3)-6-FAM, a cell-penetrating peptide labeled with 6-carboxyfluorescein (6-FAM) 
and modified with an azide group. This allowed for the evaluation of the SPAAC reaction 
efficiency with a biologically relevant molecule under the same conditions as the Azide-
fluor 488 experiments. The peptide conjugation followed the optimized conditions 
established in the dye experiments. The only modification to the procedure was due to 
the higher molecular weight of the peptide, requiring an adjustment in the amount of TAT 
added to keep a 2:1 mol ratio.  

2.5.1 Click reaction characterization by exclusion chromatography (SEC)  

The conjugation efficiency for the SPAAC reaction was determined using SEC. It is 
primarily used to separate molecules based on their size.  In this experiment, a  
Chromatography column  (Lenz Laborglasinstrumente™ 05450703 from Fisher 
Scientific) was loaded with around 3 mg of G50 Sephadex gel eluent in 40 ml PBS1x for 
several minutes. Then, the SPAAC reaction sample was run to the column. Fractions 
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were collected as they eluted from the column, with most fractions being collected in 3 ml 
volumes, except for fractions 1 and 2, which were collected in 5 ml and 4 ml volumes, 
respectively. The absorbance was measured at 494 nm using a UV-VIS spectrum 
analyzer (SpectraMax iD3), which is used in section 2.4.1.1.  
   

2.5.2 Click reaction characterization by DLS  

Following SEC, the collected fractions were divided into two groups: the initial fractions 
and the later fractions. Each group was analyzed using DLS to determine the 
hydrodynamic size and count rate (kps) of the particles. This analysis provided insights 
into the presence of NPs versus free dye or peptide  
   

2.5.3 Click reaction characterization by Fourier Transform Infrared (FT-IR)  

FT-IR spectroscopy was employed to characterize the click reaction and confirm its 
occurrence. Spectra were recorded using a Bruker Tensor 27 FT-IR spectrometer. Solid 
samples were prepared by finely grinding a small amount of each sample and then 
pressing it into thin, transparent pellets. After that, Spectra were collected in the range of 
4000-400 cm⁻¹ with high resolution. Three samples were analyzed: the TAT peptide, 
PNPs, and the reaction mixture after the click reaction, which were dried. By overlaying 
the FT-IR spectra of these samples, it was possible to identify any peak, indicating the 
success of the reaction. While FT-IR spectroscopy provided valuable insights into the 
functional group changes during the reaction, complementary analysis using ¹H NMR 
spectroscopy is recommended for a more comprehensive characterization of the reaction 
products and to fully validate the results.  

2.5.4 Click reaction characterization by 1H-NMR  

 1H-NMR is similar to the procedure described in section 2.3.2 

     

2.6 Click reaction yield calculation by Absorbance  

To determine the click reaction yield, a standard curve was created using various 
concentrations(µmol) of azide-fluoro 488 ( λex = 494 nm)  and measuring their 
absorbance. First, batches of click reaction samples with a known concentration(mol) of 
DBCO were prepared. After SEC, the absorbance of all collected fractions was measured 
using UV-Vis spectroscopy at 494 nm. The first 10 fractions, representing DBCO bound 
to dye, were summed. By using the equation from the standard curve, the concentration 
of DBCO bound to dye was calculated. The final click reaction yield was determined by 
dividing this calculated concentration by the initial prepared concentration of DBCO and 
multiplying by 100, giving the percentage yield after SEC efficiency.   
   

2.7 Cell Culture  

HeLa-80 cells were cultured in a complete Dulbecco's Modified Eagle Medium 
(DMEM) supplemented with 10% fetal bovine serum (FBS)  and a combination of 
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penicillin-streptomycin (100 units/mL penicillin and 100 μg/mL streptomycin). The cells 
were incubated at 37°C in 5% CO2. HeLa-80 cells were subcultured until they reached 
approximately 85% confluency, then cells were washed with PBS and detached with 
0.25% Trypsin/EDTA solution. 

2.8 Cell uptake and cell viability with flow cytometry  

For flow cytometry analysis, HeLa-80 cells were seeded at 100,000 cells per well in a 24-
well plate. Three sample types were prepared: NPs alone, NPs conjugated with AF 488 
via click chemistry and NPs conjugated with TAT peptide via click chemistry. Each sample 
was prepared at a concentration of 10 mg/ml in PBS, and 0.5 mg was added to each well. 
The cells were washed once with PBS to remove media, and 0.5 ml trypsin (diluted 1:2 
in PBS) was added to detach the cells, followed by incubation at 37°C for around 5 min.  
Once the cells were detached, an equal volume of complete media was added to 
neutralize the trypsin, and cells were collected in pre-labeled tubes. The samples were 
centrifuged at 600g for 5 minutes at 4°C, and the pellets were resuspended in 200 µL of 
PBS containing Zombie UVTM Fixable viability dye (prepared by diluting 1 µL of stock 
solution in DMSO per 0.5 mL of PBS). Cells were gently vortexed and incubated in the 
dark at room temperature for 15-20 minutes. After incubation, the cells were centrifuged 
at 600g for 5 minutes at  4°C, and washed with PBS.  
Following that, cells were washed three times with PBS, with the final wash performed in 
a smaller volume (200-500 µL depending on the cell count). The samples were then 
transferred to a 96-well plate, with each sample distributed across three wells, and gently 
pipetted to ensure uniformity before proceeding to flow cytometry analysis.  
 
Flow cytometric analysis was performed using a Cytoflex LX instrument. The first step 
involved gating the viable single-cell population on a forward scatter (FSC) versus side 
scatter (SSC) plot, which excluded cellular debris and cell aggregates. Subsequently, the 
fluorescence intensity of the gated single-cell population was measured using the FITC 
channel. The resulting data were visualized as a histogram and further analyzed using 
FlowJo software.  
 

2.9 Confocal Microscopy  

HeLa-80 cell lines were used for the cell uptake studies in vitro. The cells were cultured 
in a humidified chamber at 37°C and 5% CO2 one week before the experiments for pre-
conditioning, in  DMEM supplemented with 10% FBS, 100 U of penicillin and 100 µg/mL 
streptomycin. The cells were plated one day before the uptake experiment in eight-well 
LabTek Chamber Slides (Nunc, Langenselbold, Germany) and particles were added at 
time zero at 5 mg NP/million cells. At different measuring timepoints, the particles were 
washed 3x with PBS and Hoescht EasyProbe (ABP Biosciences, Beltsville, USA) was 
applied for 15 min to stain the nuclei. Finally, the remaining dye was washed and the 
samples were fixed for 20 minutes with PFA 4% and re-filled with PBS. Leica TCS SP8 
X White Light Laser inverted confocal microscope (Leica Microsystems B.V., Amsterdam, 
Netherlands) was used for imaging, with an HCX PL APO 40×/1.4 NA dry objective and 
LasX software for image processing. The imaging settings were kept constant between 
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samples and the same post-processing method was applied for the analysis. The images 
shown are 3D reconstructions using the maximum intensity projection method. Nuclei are 
depicted in blue, particles in green, and bright-field in greyscale. 
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3 Results and Discussion 
The functionalization of NPs is key to enhancing their specificity and effectiveness for 

biomedical applications, particularly in targeting specific organs, cells, or tissues.[45] This 

process enables precise attachment of targeting ligands to NP surfaces, facilitating active 

targeting that promotes efficient delivery,  reduced non-targeted effects, and enhanced 

imaging contrast.[46][47] Additionally, functionalization improves biocompatibility, 

increases stability in physiological environments, and allows for the integration of multiple 

functionalities—such as therapeutic agents and imaging capabilities—onto a single NP 

platform.[48]In this study, post-formulation functionalization of PLGA-PFCE NPs was 

employed to preserve the integrity of their multicore structure, a key feature for 19F MRI 

performance.  

To achieve this, we developed and characterized PLGA-PFCE NPs functionalized with 

DBCO to facilitate bioorthogonal click chemistry. First, we used carbodiimide chemistry 

to conjugate PEG-DBCO to the surface of the NPs. This method involves activating the 

carboxyl groups on the NPs surface with a carbodiimide reagent, such as EDC, in 

combination with NHS. The EDC activates the carboxyl groups, while NHS stabilizes the 

reactive intermediate, increasing the efficiency of the coupling reaction. This activation 

step enables covalent bond formation with the amine groups of PEG-DBCO, resulting in 

stable covalent attachment to the NPs.[44] 

Subsequently, the click reaction process involved installing two mutually reactive 

functional groups: the strained alkyne, which is incorporated into DBCO and linked to the 

NPs via a PEG linker, and the azide group, which is conjugated to either the dye used as 

a model or to a peptide. The PEG-DBCO enables efficient attachment to the NPs, while 

the azide-functionalized dye or peptide serves as the reactive counterpart in the click 

reaction. Fluorophores were incorporated to allow real-time monitoring of the reaction 

without interfering with the functionalization process. 

This study demonstrates the synthesis, optimization, and in vitro evaluation of these 

functionalized NPs for potential imaging applications. We detail the preparation and 

characterization of the NPs, forming the foundation of our study. Following this, we 

discuss the process of linking PEG-DBCO to the NPs, a critical step in enhancing their 

functionality. We then detail our efforts to optimize the click chemistry conditions, focusing 

on maximizing bioconjugation efficiency. Finally, we present an analysis of the NPs’ in 

vitro performance, demonstrating their potential for practical applications in molecular 

imaging. 
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PLGA-PFCE NPs & PLGA-PEG-DBCO NPs characterization 

All synthesized NPs batches were characterized to determine their size, polydispersity 

index (PDI), and weight percentage of encapsulated PFCE. The NPs exhibited PDI values 

below 0.3, indicating uniform size distribution [49], and particle diameters within the ideal 

range of 180-200 nm. [50] DLS confirmed the successful synthesis of the NPs. The PFCE 

encapsulation was quantified using 19F NMR spectroscopy, with an average of 10-15 wt% 

across 10 batches (Table 1). Initially, we focused more on the chemical aspects of the 

NPs system, which led to inadequate optimization of PFCE encapsulation. However, 

batches that were specifically optimized for PFCE content demonstrated significantly 

higher encapsulation efficiencies. 

Table 1: the average Size, PDI, PFCE %, and PEGylation efficiency 

Sample  Size(nm) PDI PFCE (wt%) 
PEGylation 

Efficiency (%) 

NPs(average of 10 samples) 186.0 ±1.8 0.11 ± 0.005 11.5± 2.4 N/A 

PNPs(average of 10 samples) 190.5±2.1 0.08±0.007 N/A 21.6± 8.5 

 

To optimize PFCE encapsulation and reduce losses during lyophilization, we modified the 

process to reduce the number of freeze-drying steps. Normally, NPs are freeze-dried after 

encapsulation, followed by PEGylation and a second round of freeze-drying. In this study, 

we adjusted the method by PEGylating the NPs directly without an intermediate freeze-

drying step. This modification aimed to minimize PFCE loss and simplify the process. 

We designed an experiment where the NPs were PEGylated first, followed by a single 

round of freeze-drying to obtain a powder. This batch was then split into two groups: one 

proceeded through a click reaction and was freeze-dried again to produce a powder for 

in vitro use, while the other was stored in 1x PBS instead of being dried. The schematic 

workflow is shown in Figure 3. 

DLS and 19F NMR were performed after the initial lyophilization to assess the PFCE 

encapsulation efficiency. As shown in Figure 4A, the results indicated that PFCE 

encapsulation efficiency decreased by about 10% after two rounds of freeze-drying.  

Therefore, to preserve PFCE content for further experiments, it is preferable to store the 

NPs in liquid form (PBS). However, if PFCE retention is not critical, the powder form can 

still be used for other studies.  

Additionally, we monitored the size and PDI of the liquid-stored NPs over three days to 

evaluate their stability, as shown in Figures 4B-C. The NPs were stored at 4°C, and the 

DLS data revealed that the particle size remained relatively stable over the 72 hours 

(Figure 4B). The PDI also remained consistent, indicating that the size distribution of the 

NPs did not significantly widen (Figure 4C). These findings suggest that the NPs stored 



 

15 
 

in liquid form are stable for at least three days, though further experiments are 

recommended to assess long-term stability. This observation aligns with a study that 

demonstrated the stability of PLGA NPs, showing that they remained colloidally stable in 

aqueous buffers for over two weeks. [51] 

 

Figure 3: Schematic representation of NP synthesis and modification workflow. 
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Figure 4: This figure summarizes the results of PFCE encapsulation efficiency and the stability of NPs over time. A) PFCE 
encapsulation efficiency after the first and second lyophilization rounds. B) NP size measured over 72 hours to assess 
stability in liquid form. C) PDI measured over 72 hours, reflecting the distribution of particle sizes during storage. 
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To confirm the presence of PEG-DBCO on the NP surface, 1H NMR spectroscopy was 

employed (Figure 5). The spectrum of PNPs showed peaks corresponding to the PLGA 

matrix at 1.5, 4.8, and 5.2 ppm, labeled as A, B, and C in Figure 5, respectively. 

[52]Additionally, residual PVA surfactant post-washing appeared around 4-5 ppm, 

specifically at 4.6, 4.4, and 4.2 ppm. [53] The PEG4-DBCO was also identified, with the 

PEG hydrogen atoms producing a small peak at 3.44 ppm. This peak is relatively small 

due to the short PEG4 chain, which only has four repeating units. The aromatic protons 

of DBCO appeared as multiple peaks between 7.1-7.9 ppm, highlighted in the zoomed-in 

rectangle. These peaks have low intensity, consistent with the approximately 20% 

PEGylation efficiency.[54][55] The PFCE molecule is not observable in the 1H NMR due 

to the absence of protons for visualization.  

The efficiency of PEGylation was quantitatively determined using a standard curve based 

on DBCO absorption. UV-Vis spectroscopy was performed, with PEG4-DBCO measured 

at a wavelength of 290 nm and the resulting data are presented in Table 1. [55]  

 

 

 

Figure 5 :1HNMR result for the PEG4-DBCO PLGA NPs 
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Click Chemistry Optimization and Efficiency 

After NPs synthesis and characterization which was followed by PEGylation, we aimed 

to optimize the conditions for the click reaction, particularly focusing on achieving an 

efficient ratio of DBCO on NPs surfaces and the amount of Azide-Fluor 488( λex/em = 

494/517 nm) and TAT-Lys(N3)-6-FAM peptide( λex/em = 498/530 nm). This optimization 

was crucial because it directly influenced the efficiency and specificity of the click reaction. 

A well-optimized DBCO-to-azide ratio ensures maximal reaction efficiency, which is 

essential for achieving high yields of the desired conjugates. [56] 

Furthermore, the reaction conditions, including time and temperature, were varied to 

identify the most effective parameters for the click reaction. Time is a key factor in click 

chemistry, as it can significantly affect the reaction kinetics and the extent of conversion 

to the desired product. Prolonged reaction times may lead to increased yields, but they 

can also result in side reactions or degradation of sensitive components.[57] Temperature 

plays a similar role; higher temperatures can accelerate reaction rates but may also 

promote unwanted side reactions or affect the stability of the NPs.[58] By adjusting these 

parameters, we focused on establishing the most effective conditions for our click 

chemistry reaction.  

The DBCO mentioned here refers to the amount bound to the NPs surfaces, as 

determined from previous calculations for PEGylation efficiency. We first utilized SEC to 

identify the elution profiles of bound NP-dye complexes and free dye by analyzing their 

separation patterns. This approach allowed us to determine the specific fractions 

containing the bound complexes. Subsequently, we focused our analysis on these 

binding sites. Based on SEC analysis, larger DBCO-functionalized NPs pass through 

faster (fractions 1−10), while the free Azide-Fluor 488 (AF-488) dye was detected in 

fractions 12-30. [42] Figure 6 shows 2:1 DBCO to dye ratio produced higher absorbance 

in the bonded fractions compared to a 3:1 ratio, with the amount of free dye remaining 

constant across both ratios (Figure 6A-B). The dye concentration was not increased 

relative to DBCO, because Figure 6A shows that unreacted dye remained in the reaction 

mixture.  This suggests that a 2:1 DBCO to dye ratio achieves more efficient conjugation. 

The increased efficiency at this ratio could be related to reduced steric hindrance and 

improved accessibility of the reactive DBCO sites on the NP surface. This optimal ratio 

likely provides an ideal spacing where DBCO molecules are sufficiently distributed, 

minimizing molecular congestion at the NPs binding sites. The lower density of DBCO 

groups may decrease obstruction between adjacent molecules which allows them to be 

more exposed and accessible for reaction with the dye. Consequently, this arrangement 

facilitates more efficient conjugation. This interpretation aligns with the research of Idiago-

López et al. [59] They focused on using bioorthogonal chemistry for attaching magnetic 

NPs (MNPs) to living cell membranes. 
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The presence of free dye across different DBCO-to-dye ratio highlights the key role of 

DBCO availability and accessibility in influencing reaction efficiency. This finding was 

supported by previous research on surface functionalization strategies, which emphasize 

the importance of optimizing reactive group density and accessibility for improved 

conjugation outcomes.[60][61]  

 After having assessed the adequate molar ratio between the dye and the DBCO, we 

moved to the time and temperature. [57] [58] These parameters were changed to 

determine the optimal conditions for the click reaction between DBCO-functionalized NPs 

and AF-488. Interestingly, our results showed no significant difference in conjugation 

efficiency between 2-hour and 24-hour reaction times (Figure 6B).[42] Similarly, we 

observed no notable difference in reaction outcomes when comparing room temperature 

conditions to 37°C (Figure 6C). These indicate that the click reaction proceeds efficiently 

and reaches completion relatively quickly, even under mild conditions.  

Unlike simpler solution-phase reactions, the steric hindrance and restricted mobility of 

reactive groups (e.g., DBCO on the NPs surface and azide on the target molecule) reduce 

the probability of successful encounters in a PLGA NPs system.[62] [63] Considering 

these limitations, we established a minimum reaction time of 2 hours to ensure sufficient 

interaction between the reactive groups and optimize the conjugation process. Our 

observations align well with the work of Bouvet et al,[64] who demonstrated the rapid and 

efficient nature of SPAAC reactions for 18F-labeling. In their study, they achieved high 

radiochemical yields (70-90%) within just 5-15 minutes at room temperature. This 

remarkable speed and efficiency confirm our findings of rapid reaction completion, even 

at room temperature. 

The lack of temperature dependence suggests that the reaction kinetics are not 

significantly influenced by temperature changes, which is typical for SPAAC due to its 

high intrinsic reactivity and energy release upon cycloaddition.[65] These studies are 

further supported by the study on live monitoring of SPAAC using inline ATR-IR 

spectroscopy. The researchers were able to monitor SPAAC reactions at various 

temperatures, ranging from 0 to 60°C, demonstrating the flexibility of the reaction across 

a wider temperature range. They observed that while reaction rates did increase with 

temperature, efficient cycloaddition still occurred even at lower temperatures. [66] 

In the final optimization phase, our study focused on varying the amount of DBCO on NP 

surfaces while maintaining a constant 2:1 ratio between DBCO and AF-488. The results 

demonstrated a clear correlation: as we increased the DBCO concentration on the NP 

surface while maintaining the 2:1 ratio of DBCO to dye, we observed higher absorbance 

values in the conjugated fractions. This increase in absorbance directly indicates an 

improvement in conjugation efficiency (Figure 6D).[67] This improvement can be 
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attributed to the increased probability of successful reactions between DBCO and the dye 

at higher DBCO concentrations, resulting in more efficient binding. 

While this trend aligns with findings from Perez et al. [42] our approach differs from 

previous studies in a significant way. We focused on optimizing DBCO density on solid 

NPs rather than adjusting mole percentage in nanoemulsions. This distinction is crucial 

as it allows for more precise control over the surface chemistry, potentially leading to 

better targeting and functionalization outcomes.[68] 
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Figure 6: A) Comparison of absorbance for two different molar ratios of DBCO to dye (3:1 and 2:1) across various 

fractions. B) Absorbance was measured after 2 hours (blue) and 24 hours (red) at room temperature (RT). C) 
Absorbance comparison between samples incubated for 2 hours at room temperature (blue) and 2 hours at 37°C 
(red).D) Absorbance for different concentrations of DBCO in a 2:1 mol ratio of DBCO to dye across fraction numbers. 

To quantify the efficiency of the click reaction, we analyzed the first 10 fractions from SEC 

containing the conjugated NPs. The absorbance values of these fractions were measured 

and summed to determine the total amount of conjugated dye. A standard curve was 

generated using various concentrations of AF-488 (Figure 7A), allowing for accurate 

determination of the dye concentration in the conjugated fractions. This approach is 
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consistent with previous studies that have used methods to quantify bioconjugation 

efficiency. [42] 

The initial amount of DBCO added to the reaction was known from the synthesis protocol 

described in the previous section. Using this information, we calculated the percentage 

of reaction efficiency using the following equation: 

 

𝐶𝑙𝑖𝑐𝑘 𝑅𝑒𝑎𝑐𝑡𝑖𝑜𝑛 𝑒𝑓𝑓𝑖𝑐𝑖𝑒𝑛𝑐𝑦(%) =
[𝑅𝑒𝑎𝑐𝑡𝑖𝑣𝑒 𝐷𝐵𝐶𝑂]

[𝑇𝑜𝑡𝑎𝑙 𝐷𝐵𝐶𝑂]
× 100 

Equation 2: The reaction efficiency is calculated as the concentration of reactive DBCO divided by the total DBCO 
added. 

 

Our analysis shows that with 0.25 µmol of DBCO on the surface of the NPs, the efficiency 

is around 10%. This efficiency decreases as the amount of DBCO is reduced (Figure 7B). 

We chose to stop at this level because the batch we used already had an average of 20% 

DBCO coverage on the surface. To increase efficiency beyond 10%, we would need to 

either combine batches with higher DBCO content or produce NPs that are at least double 

the normal batch. We also attempted to increase the dye proportions, but this approach 

failed to improve conjugation efficiency. This suggests that the limiting factor is not the 

dye concentration, but rather the availability of DBCO, possibly due to some DBCO 

molecules being internalized within the NPs and thus inaccessible for reaction. [69] 

Additionally, further increasing the DBCO may result in diminishing returns due to steric 

hindrance and could potentially compromise the stability and functionality of the NPs. [70] 

At this stage, we achieved 10% overall NPs conjugation efficiency, with 50% of the DBCO 

molecules on the surface successfully participating in the binding reaction. This indicates 

that while half of the available DBCO is active, there is still potential for further optimization 

to improve the overall NP-level efficiency. 

In this study, we were able to calculate efficiency even with very low amounts of DBCO, 

whereas in a previous study [42] amounts below 0.5 mol% were insufficient for accurate 

calculation in nanoemulsion. Based on the literature, a 10% click efficiency can be 

considered adequate for certain applications, especially in fields like radiochemistry, 

where it has been shown to produce effective imaging agents. For example, in selective 

radiolabeling, even with just 10% efficiency, effective imaging compounds can still be 

produced. When this efficiency is combined with other techniques, the overall 

performance can be further improved. The simplicity and speed of click reactions make 

them valuable in research, allowing the production of diverse compounds, even at lower 

efficiencies.[71] [72] However, for other therapeutic applications, such as exosome 

modifications in cancer therapy, higher click efficiencies are often more desirable. Studies 
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have shown that improved click efficiencies lead to better targeting and delivery 

capabilities, which are crucial for overcoming cancer heterogeneity and enhancing 

treatment specificity.[73] In such cases, higher efficiency may be necessary to optimize 

therapeutic outcomes while maintaining NP stability and functionality. [74] Thus, while 

achieving higher click efficiencies is often critical in more demanding therapeutic 

contexts, lower efficiency may still be suitable for some applications. 

 

 

Figure 7: A)a standard curve showing the relationship between AF488 concentration (µmol) and absorbance, used 

to quantify bound DBCO in the click reaction. B) Table summarizing DBCO concentration, bound DBCO, and click 
reaction efficiency at varying initial DBCO amounts. 

Following the successful optimization process with AF-488, the focus shifted to binding a 

model peptide to the NPs. For this purpose, the TAT-Lys(N3)-6-FAM peptide was selected, 

featuring an N3 terminal for reaction with DBCO and a 6-FAM dye for detection of the 

binding process. This strategy supports the broader objective of developing functionalized 

NPs designed for targeted cell interactions. By replacing a simple dye with a peptide that 

can target specific cell types, moving us closer to creating NPs suitable for targeted 

imaging or therapeutic applications.[75] Moreover, this is another approach where the 

azide-alkyne cycloaddition reaction is used to attach peptides to NPs, enhancing the 

stability and functionality of the conjugates. [15][76] [77]This redesign requires a new 

round of optimization, similar to the procedures defined in the previous section. The initial 

step involved determining the optimal molar ratio between DBCO and the peptide. Two 

ratios were examined: 2:1 and 1:1.In our previous optimization, we found that increasing 

the amount of DBCO while keeping the azide group constant did not provide enough 

azide groups to react with DBCO in a 3:1 ratio. To improve this, we adjusted the ratio to 

2:1, then reduced it to 1:1 to evaluate the impact on reactivity. 

Results indicated that the 2:1 ratio (2 mol DBCO and 1 mol peptide) again proved to be 

the most effective, while the 1:1 ratio resulted in an excess of unbound peptides (Figure 
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8A).  Despite this observation, both molar ratios were maintained for further optimization 

to study whether factors like time and temperature could influence the amount of excess 

free peptide. 

The presence of unbound peptides can reduce the efficiency of optimization steps and 

the bioactivity of NP-peptide conjugates. Free peptides may compete with bound peptides, 

lowering the yield and functionality of the final product. Additionally, they can interact with 

other molecules, reducing their availability for targeted pathways and compromising NP 

system effectiveness. [77] [78] Therefore, minimizing unbound peptides is crucial for 

optimizing performance and safety, and washing away excess peptides can enhance the 

overall quality of the conjugates. 

Further optimization focuses on reaction time and temperature effects. When using a 1:1 

molar ratio of DBCO to peptide, an increase in absorbance was observed in the bound 

fraction after 24 hours, accompanied by a decrease in free peptide (Figure 8B). 

Interestingly, no significant difference was found between reactions conducted at room 

temperature and 37°C (Figure 8C). This suggests that while extended time allows 

peptides better access to surface DBCO groups, temperature does not play a key role in 

this process. In contrast, when employing a 2:1 molar ratio of DBCO to peptide, neither 

reaction time nor temperature significantly influenced the conjugation efficiency (Figures 

8D-E). This indicates that the 2:1 ratio provides an optimal proportion of DBCO and 

peptide for efficient binding, regardless of these parameters. These findings suggest that 

where the amount of DBCO on the NPs surface is limited, using a 1:1 molar ratio with an 

extended reaction time of 24 hours can effectively develop peptide access to the available 

DBCO groups.   

The optimization of reaction time and temperature in peptide-NP binding using DBCO 

and azide chemistry highlights several findings. The increase in absorbance observed 

with a 1:1 molar ratio after 24 hours suggests that extended reaction time enhances 

peptide access to DBCO groups, likely due to increased interaction opportunities.[79] 

Importantly, the lack of a significant temperature effect between room temperature and 

37°C indicates that the reaction is not highly temperature-dependent, which is beneficial 

for practical applications where precise temperature control may be challenging.[65] In 

contrast, in the 2:1 molar ratio, the efficiency appears to be optimal regardless of time or 

temperature, suggesting that the excess DBCO provides sufficient reactive sites for 

peptide binding, making these parameters less critical.[80] 
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Figure 8: A) Absorbance of fractions collected during the separation process for 1:1 (blue ) and 2:1 (red ) DBCO-to-

peptide mole ratios. B) Effect of reaction time (2 hours vs. 24 hours at room temperature) on absorbance for 1:1 mole 
ratio. C)  Effect of temperature (24 hours at room temperature vs. 24 hours at 37°C) on absorbance for 1:1 mole ratio. 
D) Effect of temperature (2 hours at room temperature vs. 2 hours at 37°C) on absorbance for 2:1 mole ratio. E) 
Effect of reaction time (2 hours vs. 24 hours at room temperature) on absorbance for 2:1 mole ratio. 
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Click Reaction Characterization  

Following the comprehensive optimization process, the occurrence of the click reaction 

was confirmed through Fourier-transform infrared (FT-IR) Spectroscopy and ¹H NMR 

analyses. The FT-IR analysis yielded particularly insightful results, providing clear 

spectral evidence of the newly formed chemical bonds and functional groups 

characteristic of the click reaction products. This spectroscopic data is complemented by 

the ¹H NMR findings. Before the DBCO-TAT conjugation, we observed a distinct peak 

(red) in the 2100-2160 cm⁻¹ range of the peptide-containing sample's spectrum (Figure 

9). This peak corresponds to the azide (-N₃) group stretching vibration, which is 

characteristic of the TAT-Lys(N₃)-6-FAM peptide. The presence of this peak clearly 

indicates unreacted peptides. 

After the click reaction between the DBCO-functionalized NPs and the azide-modified 

peptide (blue), the FT-IR spectrum showed a significant reduction, or in some cases, 

complete disappearance, of the azide peak. This observation confirms that the majority 

of azide groups were consumed in the cycloaddition reaction with the DBCO groups 

present on the NPs surface, similar to results found in previous studies involving azide-

functionalized peptides and NPs.[81][82] The absence of the azide peak in the spectrum 

after the reaction indicates that the majority of the azide groups have been consumed in 

the cycloaddition reaction with the DBCO on the NP surface. This result suggests a high 

degree of conjugation efficiency, which is a key advantage of the SPAAC reaction in 

bioconjugation applications.[83] 

                 

Figure 9: FTIR spectra comparing samples before and after DBCO conjugation with TAT peptide. 
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To further confirm the structural changes at the molecular level, ¹H NMR was employed. 

The NMR analysis revealed changes in the chemical environment of protons, indicating 

the formation of the triazole linkage between the azide and alkyne groups. [84] The 
1HNMR analysis of the PEGylated NPs before and after the click reaction with the peptide 

reveals several key observations. The PLGA peaks at 1.5, 4.8, and 5.2 ppm remain 

unchanged, indicating the stability of the PLGA structure throughout the process (Figure 

10). Notably, the complete disappearance of PVA surfactant signals after two washing 

steps confirms the effective purification of the NPs. In contrast, there is an increase in 

intensity in the aromatic region (6.5-8.5 ppm) following the click reaction, related to the 

aromatic structures in the 6-FAM (fluorescein) of the attached peptide. Importantly, a new 

signal around 8.45 ppm appears, characteristic of the triazole proton formed during the 

click reaction, serving as a key indicator of successful conjugation.[85] However, the 

relatively low intensity of this peak is consistent with the expected outcome, given that the 

click reaction involves only 10% of the total NPs. This lower signal intensity, compared to 

the higher peaks associated with PLGA (1.5,4.8, and 5.2 ppm)[52] , is due to the many 

repeating monomer units in the polymer, which generate a stronger signal. These findings 

highlight the successful binding of the peptide to the NPs and the detection of surface 

modifications using ¹H NMR spectroscopy.  

 

Figure 10 : Comparison of ¹H NMR Spectra Before and After Click Reaction 
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Cellular Uptake, Confocal Microscopy and Viability Assessment 

In this study, we used HeLa-80 cells to evaluate the cellular uptake and biocompatibility 

of NPs functionalized with AF488 and TAT peptide. HeLa-80 cells are a commonly used 

model in cancer research due to their rapid growth and responsiveness, which makes 

them ideal for studying drug delivery and NP uptake. [86] These cells closely mimic tumor 

cell behavior, offering a relevant platform for investigating the efficiency of NP-based 

therapies.[87] Their well-characterized structure further enhances the reliability of results, 

especially in experiments involving functionalized NPs.[88] 

The TAT peptide was chosen for NP functionalization because of its recognized ability to 

enhance cellular uptake in some cells. This cell-penetrating peptide (CPP) is known for 

facilitating the intracellular delivery of molecules through receptor-mediated endocytosis, 

making it particularly useful for enhancing the internalization of NPs in cancer 

cells.[89][90][91]This experiment aimed to compare the internalization efficiency of TAT-

functionalized NPs (PNP+TAT) with that of dye-labeled NPs (PNP+Dye) over time and to 

determine whether TAT could enhance cellular uptake compared to NPs without it. 

To achieve this, flow cytometry was employed to monitor NP uptake by HeLa-80 cells at 

various time points. Initially, we observed no significant uptake of either PNP+Dye or 

PNP+TAT at 3 and 5 hours, as shown in Figure 11A. However, by 20 hours, a noticeable 

increase in NP internalization occurred in the PNP+Dye, while the PNP+TAT showed 

limited uptake (Figure 11A).  

In subsequent experiments, we adjusted the time points to focus on longer intervals (6, 

14, 18, and 24 hours) and included Attoxa-loaded NPs (NP-Attoxa) as a control. Flow 

cytometry analysis was employed to evaluate NP uptake across different conditions. The 

gating strategy was as follows: First, forward scatter (FSC) and side scatter (SSC) were 

used to select the cell population. Next, we applied an FSC-A vs. FSC-H plot to 

discriminate singlets. The live cell population was gated using UV405 (detected via 

Zombie UV). Finally, NP-positive populations were identified using the appropriate 

fluorescence channels for each sample (via histograms corresponding to the specific dye 

associated with each NP formulation). 

Flow cytometry analysis revealed that in positive populations both NP-Attoxa and 

PNP+Dye exhibited nearly 100% uptake by 6 hours, contrary to expectations, as we had 

anticipated higher uptake in the PNP+TAT group due to the cell-penetrating properties of 

the TAT peptide (Figure 11B). Surprisingly, PNP+TAT displayed almost no uptake at 6 

hours, and by 24 hours, uptake remained below 50%. In contrast, PNP+Dye and NP-

Attoxa consistently showed close to 100% uptake throughout the experiment. The 

unexpected results observed with PNP+TAT showing lower uptake compared to 

PNP+Dye and NP-Attoxa can be attributed to several factors. Firstly, adding the TAT 

peptide may have altered the NPs' surface properties, potentially changing their overall 
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charge, reducing interaction with cell membranes, and diminishing their effective 

concentration for cellular uptake.[92] Secondly, the presence of TAT could trigger 

different cellular responses, such as alternative endocytic pathways that are less efficient 

or rapid exocytosis of internalized particles. [93] Lastly, technical considerations may play 

a role, including potential fluorescence quenching by the TAT peptide which might be 

higher than dye, strong membrane association of PNP+Dye particles after washing giving 

a false impression of high uptake, or limitations in the sensitivity of flow cytometry for 

detecting low levels of PNP+TAT uptake. [94] 

When analyzing the raw, baseline-corrected data, we observed a rapid increase in 

PNP+Dye uptake between 6 and 14 hours. After 14 hours, the uptake plateaued, 

indicating that most of the dye-labeled NPs were uptaken by the cells early in the 

experiment. Beyond this point, there was no significant difference between the 14- and 

18-hour time points, with only a slight increase at 24 hours(Figure 11C). In contrast, NP-

Attoxa showed a stable uptake pattern throughout the entire experiment, while PNP+TAT 

exhibited a slow but steady increase in uptake over time.  

Notably, when we normalized the data to the first time point, PNP+TAT exhibited a more 

significant increase in uptake over time compared to PNP+Dye and NP-Attoxa (Figure 

11D). This delayed uptake can be attributed to time-dependent phenomena, reflecting a 

slower interaction of TAT-functionalized NPs with the cells. PNP+TAT may require longer 

incubation times for significant internalization, possibly due to their unique surface 

properties or alternative uptake mechanisms. [95] In contrast, PNP+Dye and NP-Attoxa 

both reached near saturation quickly, with PNP+Dye exhibiting near 100% uptake early 

on, as shown in Figure 11B. This rapid uptake leads to a plateau, likely caused by the 

saturation of available binding sites on the cell surface or intracellular processing 

pathways becoming fully engaged.[96] [97] [94] 
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Figure 11 : Cellular uptake of NPs over time. A) Schematic representation of NP formulations:  PNP+Dye, and 

PNP+TAT. B) Percentage of positive cells (cells that have taken up nanoparticles) at 6, 14, 18, and 24 hours. C) 
Raw, baseline-corrected fluorescence intensity data showing NP uptake over time. D) Normalized uptake data 
relative to the first time point (6 hours). 

Confocal imaging was used primarily to verify the presence of NPs inside the cells, 

providing visual confirmation of their internalization. The objective was to assess whether 

the NPs, specifically PNP+Dye, and PNP+TAT, could be detected interacting with the 

cells despite the lower efficiency of the click reaction (~10%). We aimed to ensure that, 

even with lower uptake levels, the NPs were still visible inside HeLa-80 cells, which are 

known to uptake less than Phagocytic cells.[98] 

At the 6-hour time point, confocal imaging showed no interaction between the cells and 

either PNP+Dye or PNP+TAT ( Figure 12). This was surprising, as flow cytometry had 

indicated nearly 100% uptake of PNP+Dye at the same time point. By 24 hours, however, 

confocal imaging confirmed a significant accumulation of PNP+Dye within the cells, which 

aligned with the flow cytometry results at that later stage. 

The discrepancies observed between flow cytometry and confocal microscopy results, 

particularly at early time points like 6 hours, can be explained by the characteristics and 

limitations of each technique in analyzing NP uptake. 
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Flow cytometry, as a highly sensitive technique, detects even small amounts of 

fluorescence and measures the total fluorescence from a large population of cells. 

However, this sensitivity often leads to an overestimation of NP uptake. The method 

cannot differentiate between NPs attached to the cell membrane and those internalized, 

potentially resulting in false positives. [98] This issue is particularly problematic with NPs 

like NP-Attoxa, which may release the dye. The released dye can associate with cell 

membranes, producing a signal that reflects attachment rather than true internalization. 

This phenomenon emphasizes the importance of employing multiple complementary 

techniques to verify and characterize NPs uptake accurately. [99] Conversely, confocal 

microscopy provides spatially detailed images, enabling more precise localization of NPs 

inside or outside cells. [100] However, it is less sensitive to low fluorescence levels 

compared to flow cytometry. At early time points like 6 hours, or when working with small 

quantities of NPs, the fluorescence might be too weak for detection, especially near the 

sensitivity limits of the instrument. [101] [102] Moreover, confocal microscopy faces 

physical challenges, including laser power, photobleaching, and signal-to-noise ratio, 

which can impact image quality. Several factors, such as detector sensitivity, image 

acquisition settings, and the sample’s optical properties, also influence the accuracy and 

reliability of imaging. These issues make detecting weak signals more difficult, particularly 

when analyzing small quantities of NPs at early stages. [103]   

Overall, flow cytometry indicated a high uptake of PNP+Dye at the 6-hour time point; 

however, this was not confirmed by confocal microscopy. This suggests that the flow 

cytometry data may reflect particle attachment to the membrane rather than true 

internalization. Additionally, the lower sensitivity of confocal microscopy may have failed 

to detect weak fluorescence from internalized particles. These findings suggest that 

further repetition of both confocal and flow cytometry experiments is necessary to clarify 

the exact nature of NP uptake and ensure the accuracy of the results. 
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Figure 12: Confocal microscopy images at 6 and 24 hours for PNP+Dye and PNP+TAT 

 

 

In addition to uptake and confocal imaging, we evaluated the biocompatibility of the NPs 

by measuring cell viability using flow cytometry. To measure cell viability in this 

experiment, flow cytometry was used with Zombie UV, a viability dye chosen to minimize 

background interference from the fluorescent labels used on the NPs. This approach 

helped reduce the overlap between the fluorescence signals of the NPs and the viability 

dye, ensuring more accurate viability assessments.  

The cell viability results from Figure 13A-B demonstrate that all three types of NPs—

PNP+Dye, PNP+TAT, and NP-Attoxa—are generally biocompatible with HeLa-80 cells, 

maintaining high viability even after 24 hours of exposure. The control group consistently 

showed 100% viability, confirming that the experimental conditions did not affect the cells. 

Both PNP+Dye and PNP+TAT follow a similar pattern over time, with high cell viability 

throughout. However, the main difference is at the beginning: PNP+Dye starts with slightly 

lower viability compared to PNP+TAT but gradually increases, eventually reaching levels 

close to PNP+TAT at later time points. NP-Attoxa shows a gradual decline in viability, 

dropping to around 90% by 24 hours, indicating a modest effect. This pattern of viability 
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is consistent with the typical behavior of our NPs.[104] Although there is no specific 

literature confirming the viability of these particular NPs in HeLa-80 cells, studies have 

shown that PLGA NPs exhibit good biocompatibility, maintaining high cell viability with 

minimal cytotoxic effects across various cell types and formulations. [105][106][107] 
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Figure 13: Cell viability assessment of NPs in HeLa-80 cells. A) xy graph showing cell viability over time (6, 14, 18, 

and 24 hours) for PNP+Dye, PNP+TAT, and NP-Attoxa compared to control. B) Bar graph representation of cell 
viability at 24 hours for each NP type. 
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4 Conclusion  
In conclusion, this study successfully optimized the click chemistry conditions for 

functionalizing NPs with both Dye and peptides, focusing on parameters such as the 

DBCO-to-azide tagged molecule ratio, reaction time, and temperature. We found that a 

2:1 ratio of DBCO to AF-488 dye produced the highest conjugation efficiency, likely due 

to reduced steric hindrance, which improved accessibility to DBCO sites on the NP 

surface. The optimal ratio was confirmed by SEC, which showed higher absorbance in 

the conjugated fractions and a decrease in unreacted dye. Notably, extending reaction 

time beyond 2 hours or increasing temperature had minimal impact on the efficiency of 

the conjugation, suggesting that the reaction proceeds to completion effectively under 

mild conditions. 

The same 2:1 ratio was also effective for conjugating TAT-Lys(N3)-6-FAM peptide to NPs, 

with longer reaction times enhancing peptide conjugation, particularly when DBCO 

availability was limited. FT-IR and ¹H NMR analyses further validated the success of the 

click reaction, confirming both the reduction of azide groups and the formation of triazole 

linkages, key indicators of successful conjugation. 

Additionally, the optimization of NPs with TAT and dye in this study led to the development 

of a highly effective NP formulation for in vitro testing. Flow cytometry demonstrated 

significant uptake of PNP+Dye by HeLa-80 cells. PNP+Dye exhibited rapid saturation, 

while PNP+TAT showed a slower, steady increase in uptake over time, likely due to the 

TAT peptide altering the internalization process. Despite the low click reaction efficiency 

of approximately 10%, confocal microscopy successfully confirmed the internalization of 

NPs, demonstrating the formulation's effectiveness and resilience within cellular 

environments. However, there is potential to further improve the click reaction efficiency. 

Strategies such as optimizing PEGylation to increase DBCO surface density or increasing 

the concentration of PNP to react more effectively with azide-tagged molecules. 

Viability testing showed promising results, with cell viability exceeding 90% after 24 hours 

of exposure to the NPs. Although NP-Attoxa caused a slight reduction in viability, both 

PNP+Dye and PNP+TAT maintained consistently high viability levels, indicating that the 

NPs are safe and minimally cytotoxic in cellular models. 

In summary, this study has successfully developed and optimized NPs that achieve both 

high cellular uptake and excellent biocompatibility, establishing a strong foundation for 

their potential use in target imaging and therapeutic applications. These findings pave the 

way for future research to explore the performance of these NPs in more complex 

biological systems and their potential for targeted delivery in disease models. Future 

research should focus on replicating these in vitro tests with various cell-penetrating 

peptides and across different cell lines to gain a broader understanding of NP efficacy. 
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Supplementary  

 
Figure 14:19F NMR measurement of PLGA-PFCE NP, labeled for the PFCE peak and the TFA internal standard peak. The 

integrals for TFA and PFCE are 1.00 and 1.88. 

 
Figure 15: Standard curved of PEG4-DBCO based on different concentration 


