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Spatiotemporal assessment of lipid and protein oxidation is key for understanding quality deterioration in
emulsified food products containing polyunsaturated fatty acids. In this work, we first mechanistically validated
the use of the lipid oxidation-sensitive fluorophore BODIPY 665/676 as a semi-quantitative marker for local
peroxyl radical formation. Next, we assessed the impact of microfluidic and colloid mill emulsification
(respectively producing mono- and polydisperse droplets) on local protein and lipid oxidation kinetics in whey
protein isolate (WPI)-stabilized emulsions. We further used BODIPY 581/591 C11 and CAMPO-AFDye 647 as
colocalisation markers for lipid and protein oxidation. The polydisperse emulsions showed an inverse relation
between droplet size and lipid oxidation rate. Further, we observed less protein and lipid oxidation occurring in
similar sized droplets in monodisperse emulsions. This observation was linked to more heterogeneous protein
packing at the droplet surface during colloid mill emulsification, resulting in larger inter-droplet heterogeneity in
both protein and lipid oxidation. Our findings indicate the critical roles of emulsification methods and droplet
sizes in understanding and managing lipid oxidation.

alternative solutions. The main drivers are the need for a more sus-
tainable supply chain and the clean labeling trend urging manufacturers
to refrain from using synthetic antioxidants (Berton-Carabin et al.,
2014).

Furthermore, benefits associated with cardiovascular health-

1. Introduction

Lipid oxidation is a major factor contributing to the deterioration of
the sensorial quality of food products containing oil rich in unsaturated
fatty acids (McClements & Decker, 2000). In many of these products, oil

is dispersed as droplets in a continuous aqueous phase (McClements,
2015), such as sauces, dressings, and infant milk. In these oil-in-water
(O/W) emulsions, lipid oxidation is enhanced by the large interfacial
area at which pro-oxidants present in the continuous aqueous phase are
close to the lipids (Berton-Carabin et al., 2014; McClements & Decker,
2000). Lipid oxidation can be mitigated by utilizing synthetic antioxi-
dants, packaging the products in inert atmospheres, and storing prod-
ucts at low temperatures (Berton-Carabin et al., 2014). Although these
measures are very effective, the food industry faces pressure to develop

promoting products with high levels of polyunsaturated fatty acids
(PUFAs) such as omega-3 fatty acids (Joint, 2010; Vannice & Rasmus-
sen, 2014) are of increasing interest. However, PUFAs are particularly
susceptible to lipid oxidation (Kerr, 1966; Schaich, 2013). All these as-
pects have rekindled the research interest in lipid oxidation and its
prevention in O/W emulsions. Most of our current knowledge has been
obtained using one-dimensional methods (Frankel & Meyer, 2000) that
measure markers of lipid oxidation in an extracted oil phase (Abeyr-
athne et al., 2021; Zhang et al., 2021). However, none of these methods
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capture the complexity of lipid oxidation kinetics occurring at the sur-
face or within colloidal structures (Villeneuve et al., 2021). The
complexity of lipid oxidation in O/W emulsions from the perspective of
location and time has urged the field to shift from one-dimensional to
spatiotemporally resolved research approaches (Laguerre et al., 2020).

To resolve the spatiotemporal aspects of lipid oxidation in food
emulsions, confocal laser scanning microscopy (CLSM) is increasingly
being deployed (Banerjee et al., 2018; Li et al., 2019, 2020; Yang et al.,
2020). Fluorescent BODIPY dyes (Boens et al., 2012) have enabled the
local, droplet-specific monitoring of lipid oxidation (Yang et al., 2020)
since spectral properties of these dyes change after reacting with lipid
peroxyl radicals. For example, a recent publication using BODIPY 665/
676 showed that oxidation in medium chain triglyceride (saturated fatty
acids) emulsion droplets occurred faster when co-oxidizing unsaturated
oil droplets were present (Li et al., 2020). This may indicate that lipid
oxidation can spread from oxidizing droplets to non-oxidized ones or
that oxidizing droplets influence each other. A different study using the
same fluorophore showed, however, that when lipid oxidation is selec-
tively initiated in a single droplet, the oxidation does not spread rapidly
to neighboring droplets (Banerjee et al., 2018). Recently, we used
BODIPY 665/676 to show that the formulation of the emulsions deter-
mined the effect of droplet size on lipid oxidation in an O/W emulsion
with a high oil concentration, such as mayonnaise (Yang et al., 2020). In
that study, we combined information from monitoring local changes in
BODIPY 665/676 fluorescence with local protein autofluorescence at
the single-droplet level. Despite much ambiguity in the literature on the
role of droplet size dispersion and heterogeneity of lipid oxidation, no
systematic spatiotemporally-resolved investigation has yet been per-
formed (Banerjee et al., 2018; Raudsepp et al., 2014a,b; Raudsepp et al.,
2016; ten Klooster et al., 2023a).

Here, we first mechanistically validate the use of BODIPY 665/676 to
monitor local lipid oxidation in protein-stabilized emulsions. Then,
using a quantitative kinetic reaction model, we assess the scope of using
BODIPY 665/676 as a peroxyl radical monitor. Next, we focus on the
spatiotemporal heterogeneity of lipid oxidation in mono- and poly-
disperse WPI-stabilized emulsions, respectively, prepared by a conven-
tional method (colloid mill) and by microfluidic emulsification. By using
the fluorescent spintrap CAMPO-AFDye 647, the different packing of
proteins at the droplet interfaces of mono- and polydisperse WPI
emulsions could be visualized. Our results show that both lipid and
protein oxidation proceed in highly heterogeneous fashion in WPI-
stabilized emulsions, which cannot be derived from bulk measure-
ments of lipid oxidation products.

2. Materials and methods
2.1. Materials

Soybean oil was kindly supplied by Unilever (Wageningen, the
Netherlands). Sodium phosphate dibasic heptahydrate (MW: 268.07 g/
mol), sodium phosphate monobasic monohydrate (MW: 137.99 g/mol),
and phosphoric acid (85.0-88.0 %) were purchased from Sigma-Aldrich
(Zwijndrecht, the Netherlands) to prepare a 10 mM phosphate buffer
(pH 3.0). n-Hexane and 2-propanol were obtained from Actu-All
Chemicals (Oss, the Netherlands). Deuterated chloroform and dime-
thylsulfoxide (CDCl3 and DMSO-dg) were purchased from Euriso-top
(Saint-Aubin, France). Tween 20 was purchased from Sigma Aldrich
(Zwijndrecht, the Netherlands). WPI, purity 97.0-98.4 % (BiPro®,
Davisco, Switzerland) was used as received. Ethanol (purity of 96 % v/v)
was purchased from VWR International B.V. (Amsterdam, the
Netherlands) and sulphuric acid (purity of 96 %) and hydroperoxide
solution were both obtained from Sigma-Aldrich (Zwijndrecht, the
Netherlands). Sulphuric acid and hydroperoxide solution (35 wt%) were
used in 3:1 v/v ratio to prepare piranha solution. Triacylglycerol (TAG)
content and a standard containing TAGs (Triglycerides liquicolor mono
kit) were purchased from HUMAN (HUMAN Gesellschaft fiir Biochemica
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und Diagnostica mbH, Wiesbaden, Germany). The assay reagent
comprised 50 mmol/L PIPES buffer (pH 7.5), 5 mmol/L 4-chlorophenol,
0.25 mmol/L 4-aminoantipyrine, 4.5 mmol/L magnesium ions, 2 mmol/
L ATP, 1.3 U/mL lipases, 0.5 U/mL peroxidase, 0.4 U/mL glycerol kinase
and 1.5 U/mL glycerol-3-phosphate oxidase. The lipophilic and
oxidation-sensitive dyes BODIPY 665/676 and BODIPY 581/591 C11
were purchased from Thermo Fischer (Waltham, MA, USA). CAMPO-
AFDye 647 was synthesized by SyMO-Chem B.V. (Eindhoven, the
Netherlands). 2,2-Azobis (2-amidinopropane) dihydrochloride (AAPH)
and sodium azide were purchased from Sigma Aldrich (Zwijndrecht, the
Netherlands). Ultrapure water (18.2 MQ) was used for all experiments
and prepared using a Milli-Q system (Millipore Corporation, Billerica,
MA, USA).

2.2. Preparation and incubation of emulsions

2.2.1. Preparation of oil and the continuous water phase

Soybean oil was stripped with alumina powder (MP112 EcoChromet
ALUMINA N, Activity: Super I, Biomedicals) to remove impurities and
endogenous antioxidants such as tocopherols (Berton et al., 2011). For
both emulsification methods (i.e., colloid mill and microfluidics, see
below), the oil was filtered using a 0.22-um filter (Minisart High-Flow,
Sartorius Stedim Biotech GmbH, Goettingen, Germany) to remove
small particles that can cause clogging of the microfluidic channels. To
prepare the continuous phase, either Tween 20 or WPI was dissolved in a
10 mM phosphate buffer (pH 3.0) with a concentration of 2.35 wt%.
Next, the mixture was stirred for 2 hrs (WPI) or 30 min (Tween 20). For
the lipid oxidation experiments, BODIPY 665/676 was added to the
stripped soybean oil (final concentration of 1 or 50 uM) before making
emulsions.

2.2.2. Colloid mill emulsification

A coarse emulsion was made by adding 15 wt% of the stripped
soybean oil (with or without BODIPY 665/676) to the continuous
aqueous phase, and high-speed stirring was applied at 11,000 rpm for 1
min with a rotor-stator homogenizer (Ultra-turrax IKA T18 basic, Ger-
many). A fine emulsion was prepared by passing the coarse emulsion
through a lab-scale colloid mill with a gap width of 0.32 mm (IKA Magic
Lab, Staufen, Germany), operating for 1 min at 26,000 rpm. During
operation, the colloid mill was cooled with water at 4 °C.

2.2.3. Microfluidic emulsification

To produce monodisperse emulsions, the microfluidic emulsification
chip called UPEjo,; (Upscaled Partitioned EDGE [Edge-based droplet
generation]) was used (Figure S2). These chips were designed in our lab
and produced in glass by deep reactive ion etching (Micronit Micro-
fluidics, Enschede, The Netherlands). A chip with 8,064 droplet for-
mation units (DFUs) of 10 x 1 um (width x height) each was used. For
cleaning the microfluidic chips, we used ethanol follwed by piranha
solution. More details about the fabrication, operation, and droplet
formation were described in the literature (ten Klooster et al., 2022a).

2.2.4. Emulsion handling and incubation

Sodium azide (0.05 wt%) was added to the emulsions to prevent
accidental growth of bacteria. For lipid-protein co-oxidation measure-
ments, BODIPY 581/591 C11 was added to the emulsions prior to in-
cubation, and CAMPO-AFDye 647 (see Figure S1 for the chemical
structure) was added after incubation, before the measurements. The
concentrations of BODIPY 581/591 C11 and CAMPO-AFDye 647 in the
emulsions were 1 uM.

To initiate lipid oxidation at the oil-water interface, 5 mM of a water-
soluble oxidation initiator, 2,2"-azobis (2-amidinopropane) dihydro-
chloride (AAPH) (Niki, 1990) was added to the emulsions. 0.2 mL
emulsion sample was added to 1.5 mL microcentrifuge tubes. The tubes
were rotated horizontally at 2 rpm in a dark oven at 25 °C for up to 10
days. At sampling time points, two tubes per independently prepared
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emulsion were taken and either used directly for further measurements
(imaging with CLSM) or stored under inert gas at —80 °C for at least 48
hrs for lipid extraction and, subsequently, quantification of lipid
oxidation products.

2.3. Determination of lipid oxidation in bulk

2.3.1. Initial O, concentration

The initial Oy amount of ~ 450 mmol/kg oil was calculated using a
headspace volume of 1.55 mL with 20.9 % O, partial pressure; 46.8 mg/
kg O, concentration in the oil (Cuvelier et al., 2017), and 8.1 mg/kg O2
concentration in the continuous aqueous phase (Truesdale et al., 1955).

2.3.2. Oil extraction

The extraction of lipids and of lipid oxidation products was per-
formed by adding 1 mL hexane-isopropanol (3:2 v/v) to ~ 1.5 mL
emulsion and vortexing thoroughly, as described previously (Shantha &
Decker, 1994; Srinivasan et al., 1996). The mixture was centrifuged at
4,000xg for 20 min, and the upper layer, containing hexane and
extracted lipids, was carefully separated from the bottom layer. Hexane
was evaporated under a stream of nitrogen at 25 °C until constant
weight, and the remaining oil was treated with a nitrogen blanket and
frozen at —80 °C for at least 48 hrs until further measurements were
performed (ten Klooster et al., 2022b).

2.3.3. Lipid oxidation measurements by quantitative 'H NMR

Hydroperoxides (primary oxidation products), aldehydes (secondary
oxidation products) and triacylglycerols (as a reference for the total
amount of oil) were simultaneously quantified using 'H NMR, with an
Advance III 600 MHz spectrometer, equipped with a 5-mm cryo-probe at
295 K, following the method described earlier (Merkx et al., 2018). In
brief, 580 pL of a mixture of CDCl3/DMSO-dg (5:1 v/v) were added to ~
20 pL extracted oil (as described in the previous section) and transferred
to 5-mm NMR tubes (Bruker Biospin, Switzerland). From the recorded
single pulse experiment, the glycerol backbone peaks at § 4.4 pm were
used to quantify the amount of triacylglycerols. With a band selective
pulse, the region between § 13.0 and 8.0 ppm was selectively excited for
the quantification of hydroperoxides and aldehydes, following Merkx
etal. (Merkx et al., 2018). The hydroperoxide signals resonate between &
11.3 and 10.6 ppm, and the aldehydes resonate between § 9.8 and 9.4
ppm. The calculations, including a factor that accounts for intensity loss
during the selective pulse, are described elsewhere (Merkx et al., 2018).
The data were processed with the Bruker TopSpin 4.0.6 software.

2.4. Monitoring local lipid and protein oxidation

2.4.1. Confocal laser scanning microscopy (CLSM)

The emulsion samples were centrifuged for 5 min at 2,000 rpm, and
the cream layer was taken. This procedure was used to prevent the
droplets from moving during the CLSM measurement. A silicon gasket
was fixed on the cleaned glass, and 2 pL of the cream phase was dripped
into a well of a silicon gasket (CultureWell™, GRACEBIO-LABS). The
well was then sealed with a glass plate to prevent the evaporation of
water from the samples. Fluorescence images were recorded on a
confocal laser scanning microscope (CLSM, Leica SP8) equipped with a
63 x NA = 1.2 water immersion objective (HC PLAPO CS2, Leica) and a
white-light laser with user-selectable excitation wavelengths. The
scanning format was 512 x 512 pixels (i.e., 62 um x 62 pm), and the
line-scanning speed was set to 100 Hz. For lipid oxidation measurements
with BODIPY 665/676, the excitation wavelengths were set to 561 and
640 nm to detect oxidized and non-oxidized lipids, respectively.
Detection ranges were set from 580 to 660 nm and 660 to 750 nm,
respectively. For protein oxidation measurements with CAMPO-AFDye
647, the samples were excited at 640 nm with a detection range be-
tween 660 and 750 nm. BODIPY 581/591 C11 was excited at 561 and
488 nm to detect non-oxidized and oxidized BODIPY, respectively. The
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emission ranges were set from 580 to 660 nm and 500 to 560 nm,
respectively.

2.4.2. Local lipid oxidation

CLSM imaging data were analyzed using StarDist (Schmidt et al.,
2018) and MATLAB R2021b software (Math works, Natick, MA, USA).
First, the raw image data from non-oxidized (ex 640 nm for BODIPY
665/676 and ex 561 nm for BODIPY 581/591 C11) and oxidized (ex 561
nm for BODIPY 665/676 and ex 488 nm for BODIPY 581/591 C11)
channels were summed and used for the segmentation of oil droplets in
2D StarDist. In the segmentation steps, the versatile (fluorescence
nuclei) model was used for the neural network prediction. We set the
percentile low and high values to 1 and 99.8, respectively. The proba-
bility/score threshold was set to 0.5, and the overlap threshold was 0.4.
After the segmentation steps, the masks were applied to the raw image
data for the analysis of the fluorescence intensity changes using MAT-
LAB. The average intensity and radii were determined for each droplet
by summing up the total number of pixels for each segmented region and
assuming a circle for each region. Then the radius was calculated from
the square root of the area divided by n with 1 pixel corresponding to an
area of 0.12 by 0.12 um. For the normalized data set, the averaged in-
tensities of red fluorescence in each droplet were divided by the total
average red fluorescence intensity in the fresh sample (Figure S3). At
least 2000 oil droplets with diameters between 1 and 6 um were used for
the analyses at each time point.

2.4.3. Local protein oxidation

The mask from oil droplet segmentation was applied to the maps of
trapped protein radicals measured via accumulation of the spin trap
CAMPO-AFDye 647 (ex 640 nm). Next, the applied images were filtered
to visualize only the accumulation of the CAMPO-AFDye 647 at the
droplet interface. Filtered images were obtained by applying the seg-
mentation mask from the oil droplets on the raw data. Then, to remove
the background intensity from within the oil droplets, only the pixels
with intensity counts exceeding 30 % of the maximum fluorescence
intensity from all segmented droplets were considered for further
calculation. With these segmented images, the level of trapped protein
radicals per droplet was determined by first summing up all the in-
tensities per droplet and dividing it by the circumference of the droplet
using the radius which we obtained from the area in pixels after
segmentation.

2.4.4. Statistical analyses of local lipid and protein oxidation

Tukey HSD pairwise comparisons of fluorescence intensities for
different droplet size ranges were performed in JMP 17.2.0 (Statistical
Discovery LLC).

2.5. Droplet size measurements

2.5.1. Static light scattering (SLS)

The oil droplet size of the whole emulsions was measured by static
light scattering (SLS) (Malvern Mastersizer 3000, Malvern Instruments
Ltd., Malvern, Worcestershire, UK), using a refractive index of 1.465 for
the dispersed phase and 1.33 for the dispersant (water); and an ab-
sorption index of 0.01.

2.5.2. Dynamic light scattering (DLS)

The continuous aqueous phase and the smallest oil droplets were
separated from the larger oil droplets by centrifuging 2 mL of emulsion
at 20,000 g for 42 min in a 2-mL microcentrifuge tube and collecting ~
0.3 mL of the subnatant from the bottom of the tube as previously re-
ported (ten Klooster et al., 2023a). The size of the colloidal structures
present in this subnatant was measured by dynamic light scattering
(DLS) (Zetasizer Nano ZS, Malvern Instruments Ltd., Malvern, Worces-
tershire, UK). The refractive index (unitless) was 1.47 for the dispersed
phase, and the absorbance was 0.01.
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2.5.3. Oil content

The amount of lipids corresponding to tiny droplets was quantified
using a colorimetric method for measuring the triacylglycerol content
(Triglycerides Liquicolor Mono kit, HUMAN) (Jacobs & Vandenmark,
1960; Trinder, 1969). In brief, the subnatant samples, obtained as
described in the section above, were diluted to a range of 0.4-4 g/L, and
about 20 pL of the sample was weighed into a 2-mL microcentrifuge
tube. Next, 1 mL of assay reagent was added, and the samples were
subsequently incubated in a heating block at 800 rpm for 20 min at 20
°C. The absorbance was measured at a wavelength of 500 nm, and the
concentration was calculated using a calibration curve (0.4-4 g tri-
glycerides/L).

2.5.4. Combined droplet size distribution

For visualization purposes, the droplet size distributions obtained by
DLS and SLS were superimposed on the same graph. The relative in-
tensities from the DLS measurements were adjusted based on the actual
oil contents in the subnatant. The relative intensities from the SLS
measurements were adjusted based on the assumption that its oil con-
tent was one minus the oil content in the subnatant. Finally, the surface-
volume mean diameter (D35) was calculated as:

.nid.3
Dy = L €y

where n; is the number of droplets (unit-less) of a diameter d; (in y m).

2.5.5. Confocal laser scanning microscopy (CLSM)

The droplet sizes of monodisperse emulsions were measured by
CLSM. The same segmentation steps (section 2.4.2) were applied to the
raw images. The number of pixels was counted per droplet, and the
radius was calculated based on the sum of pixels (Figure S3).

2.6. Experimental design

For each experimental measurement, at least two emulsion samples
were independently prepared, except for the measurements with
emulsions containing 50 uM of BODIPY 665/676, for which only one
emulsion sample was prepared. Additionally, droplet size and lipid
oxidation measurements were performed on two independently incu-
bated samples from the same emulsion for each sampling time point.

2.7. Quantitative kinetic model

2.7.1. Lipid oxidation reactions in the kinetic model
A kinetic model was constructed from our datasets to describe lipid
oxidation reactions (in Table 1) by first (R.1 and R.4) and second order

Table 1
The summary of lipid oxidation reactions that can occur at the water—oil
interface in O/W food emulsions.

Lipid oxidation reactions

LH 5 Lemr R1

L*+0, & LoO* R2

LOO*+LH & LOOH + L* R3

LOOH £ LO*+OH* R4

OH*+LH & 1* 4 H,0 R5

LO*+LH % AD + L* R.6°
LO*+LH % EP + L* R7°
Reactions in the presence of AAPH and BODIPY

AAPH *¥" o1+ | N, R8

Koy R.9

LOO* + BODIPY "= ' non-radical products

@ R.6-R.7 results from the combination of multi-chain reactions to form al-
dehydes, epoxides, and EPOOHs (Nguyen et al., 2024).
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reactions (Nguyen et al., 2024). The reactivity of AAPH and BODIPY in
the system was accounted for by reactions R.8 and R.9 (Table 1) in the
kinetic model (Nguyen et al., 2024).

To estimate the impact of changes in D32 on the formation of lipid
oxidation products, we varied D3, with deviations of ¢. The concentra-
tion over time of the compounds with D3, was denoted as [C]. Then,

with D35 + o, the varied concentration denoted as {E‘] can be calculated

as (see Supplementary material).

[6] = D;lz)szzt o % [C] &)

The final model described by equations S1 to S11 relates the concen-
trations of Oz and AAPH at the oil-water interface to droplet sizes using
their partition coefficients and Ds;.

2.7.2. Estimation of kinetic constants and initial radical concentrations

The final model required estimating 13 parameters: k; to ky (R.1 —
R.7, Table 1), kappuy and kpoprpy (R.8 and R.9, Table 1), and initial
concentration of L*, LOO* LO* and OH*. The model equations
(Table S1) substituted by the estimated values (Table S2) described and
explained our experimental data well. We do not recommend using
these estimates to generate model predictions for other emulsion sam-
ples. Our current study does not focus on model predictions.

These parameters were estimated using a global multi-response
optimization method (van Boekel, 2008), i.e., by fitting hydroperoxide
and aldehyde profiles simultaneously, using MATLAB 2021b software
(Mathworks, Natick, MA, USA) (Munoz-Tamayo et al., 2011). The
optimization procedure was applied to fit experimental datasets with 1
uM BODIPY 665/676. Based on the literature, k3 (R.3 in Table 1) was
found to be approximately two times lower than kpoprpy (R.9 in Table 1)
(Yoshida et al., 2003), thus, we fixed k3 as 0.5 x kpoprpy. Typically, the
starting values of all parameters required for the optimization were
obtained from the literature (Table S2) (Schroén & Berton-Carabin,
2022; Takahashi et al., 2016). Then, for every set of initial starting
values, the ‘Isqnonlin’ algorithm simultaneously determined their esti-
mated values by minimizing the sum of the squared residuals between
the experimental (X.,) and numerical (X,,») datasets.

In our dataset, measured by 'H NMR, the concentration of hydro-
peroxides varied between 0 and 400 mmol/kg oil, while the concen-
tration of aldehydes varied between 0 and 6 mmol/kg oil. To be equally
weighted in the optimisation procedure, the datasets (X) were thus
normalized to be the same range of 0 and 1, following Equation (3)
before calculating the sum of squared errors (Equation (4)). As each set
of starting values returned different estimated values, the optimal esti-
mated values were selected based on the least estimate of errors
(Equation (4)).

~ X; — min (me)

Xi= max(Xex,,) — min (X“,,)’ 3

where subscript i denotes either a numerical or experimental curves, and
exp represents experimental kinetic curves.

n

H}?exp - )?numHZ = Z (}?(ti)exp _}?(ti)num )2 (4)

i=1

where t, i, and n, indicate storage time, index of time points, and the
total number of time points, respectively. After fitting the numerical and
experimental datasets, the precision of the estimated values was eval-
uated using Monte Carlo simulations with 200 iterations to calculate the
standard deviations (van Boekel, 2008)

Xnoise‘exp = Aexp +ornr, (5)

where X,is., and X., are the noised and original experimental data,
respectively. o is the experimental standard deviation estimated for each
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experimental data, and r; and r, are random values varying from 0 to 1.

2.7.3. Simulation of the impact of BODIPY 665/676 and droplet size on
lipid oxidation

Using the estimates of 13 parameters (Table S1), the formation of
lipid oxidation products was simulated over time with BODIPY 665/676
concentrations of 0, 1 and 50 uM and with a fixed D3, value. Then the
simulated data were compared with the experimental datasets measured
by 'H NMR. To illustrate the impact of droplet sizes on lipid oxidation
products, model simulations were conducted using D3z + 0.2 um and D3,
— 0.2 pym, while keeping the initial concentration (1 pM) of BODIPY
fixed. Furthermore, we simulated the concentration of native BODIPY
665/676 over time and compared it with the decrease in the experi-
mentally obtained and normalized red fluorescence intensities. The in-
tegral of peroxyl radicals (LOO*) over time was also calculated based on
the reaction mechanisms.

3. Results and discussion

3.1. Preparation and microstructural characterization of WPI-stabilized
emulsions

The developed workflow is shown in Fig. 1. BODIPY 665/676 was
mixed into the oil and WPI was dissolved in the buffer solution (Fig. 1a).
Polydisperse and monodisperse emulsions were prepared by a lab-scale
colloid mill and microfluidic assisted emulsification, respectively
(Fig. 1b). AAPH was added to the sample to speed up oxidation (Fig. 1c).
The concentration of hydroperoxides and aldehydes were measured by
'H NMR. Local lipid and protein oxidation were respectively observed in
the oil droplet phase and at droplet interfaces using fluorescence mi-
croscopy (Fig. 1d).

After preparing the WPI stabilised emulsions, we characterized the
respective droplet size distributions. The emulsion prepared using

a Materials b Emulsification C Oxidation
QOil + BODIPY 25 °C in the dark
665676 - | | Lab scale colloid mil
= (Polydisperse) + Sodium Azide
+ AAPH
Buffer + WPI - , Microfluidic device
(Monodisperse)

d Measurements

H NMR “—> Microscopy

Kinetic modelling . | jpid oxidation in oil droplets

- + Protein oxidation at the interface
Phase separati‘cy ________
Proteins
e
Hydroperoxides (o)
Aldehydes
(o e G
Y 3
s 5, K

Fig. 1. Workflow to study protein and lipid oxidation in WPI stabilised oil
emulsions. (a) The lipid oxidation sensitive dye, BODIPY 665/676 was mixed
into the oil before emulsification. (b) Polydisperse and monodisperse emulsions
were prepared by a lab scale colloid mill and microfluidic device, respectively.
(c) After the emulsification, sodium azide (preservative) and AAPH (initiator)
were added. The sample was then oxidized at 25 °C in the dark. (d) The con-
centrations of hydroperoxides and aldehydes in the oil phase were measured by
H NMR after freeze-thaw induced phase separation. Lipid oxidation in oil
droplets and protein oxidation at the interface was measured by confocal laser
scanning microscopy (CLSM). Kinetic modelling was used to connect global
(NMR) and local (microscopic) information of lipid oxidation.
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microfluidics operating under a mild pressure of ~ 200 mbar showed a
monodisperse distribution of oil droplets as analysed directly using
CLSM. The corresponding surface-volume mean diameter (Sauter mean
diameter, D3p) was D3y = 4.5 um (Fig. 2). The emulsion prepared with
the colloid mill operating at high shear rates (~26,000 RPM) was
polydisperse with a D3y of 1.4 um (Fig. 2). The presence of tiny droplets
with a diameter of < 200 nm, well below the diffraction limit of optical
microscopy, required us to obtain the D3y using a combination of SLS
and DLS. We note that the small droplets were also observed in the
previous work by electron microscopy (ten Klooster et al., 2023b). We
further note that for micron size droplets, a good agreement between
droplet sizes measured by static light scattering (SLS) and microscopy
was previously shown (van Dijke et al., 2010).

3.2. Mechanistic validation of BODIPY 665/676 as a quantitative
marker for local lipid oxidation

BODIPY 665/676 has been previously used as a marker to localize
lipid oxidation in food emulsions (Banerjee et al., 2018; Li et al., 2019,
2020; Yang et al., 2020). Oxidation of BODIPY 665/676 can be detected
by a shift of fluorescence emission from the red to the green spectral
region upon reaction with peroxyl radicals (Naguib, 2000; Raudsepp
et al,, 2014a,b). This reaction causes the cleavage of the phenyl-
butadiene moiety and the formation of an acid group, which can occur at
several positions (Fig. S4) (Drummen et al., 2004; Yoshida et al., 2003).
It has been reported that peroxyl radicals react more rapidly with
BODIPY 665/676 (R.9, Table 1) than with unsaturated fatty acids (R.3,
Table 1) (Yoshida et al., 2003). However, whether these reactions
interact or compete with lipid oxidation is unclear. BODIPY 665/676
may, for example, partially inhibit the formation of hydroperoxides and
aldehydes following reactions (3) and (4) (Table 1). We therefore carried
out a mechanistic validation of using the fluorescence change of BODIPY
665/676 as a quantitative marker for lipid oxidation.

First, we measured the concentrations of hydroperoxides and alde-
hydes in 2 wt% WPI-stabilized polydisperse emulsions over ten days
with 0, 1 or 50 uM BODIPY 665/676 in the oil phase and using 'H NMR.
These polydisperse emulsions were prepared with separate colloid mill
preparations as the different BODIPY 665/676 levels needed to be added
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Fig. 2. Distribution of the volume fraction per diameter of emulsions stabilized
with WPL The solid line represents emulsions prepared with the colloid mill,
and the dashed line with microfluidics. The droplet size distribution for the
colloid mill-made emulsion were obtained by combining the SLS results on the
whole emulsion sample with the DLS results on the subnatant sample obtained
after centrifugation (Section 2.5). The D3, values were obtained from the CLSM
results for the microfluidic-made emulsions and from SLS and DLS for the
colloid mill-made emulsions. The volume fraction of tiny droplets (D3> < 200
nm) in WPI emulsions is 1 % v/v (subset).
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to the oil phase before emulsification. The kinetic curves in Fig. 3a & b
show that the emulsion prepared with BODIPY 665/676 oxidized less
rapidly than those that did not contain BODIPY 665/676, except for
after six days, when the values started to reach a plateau (Fig. 3a & b). In
an independent experiment, however, emulsions with 1 uM BODIPY
showed slightly faster oxidation than the emulsions without (0 pM)
BODIPY (Fig. S7).

To assess the influence of adding BODIPY 665/676 on lipid oxidation
in a systematic manner, the kinetic model was used to simulate the
formation of lipid oxidation products in the presence of BODIPY 665/
676. In this model, the kinetic constants and initial radical concentra-
tions were estimated by fitting the numerical kinetic profiles (Schroén &
Berton-Carabin, 2022) of hydroperoxides and aldehydes to the experi-
mental datasets with 1 yM BODIPY 665/676. With the estimates
(Table S2), the concentrations of oxidation products and all other pa-
rameters were simulated as used in the experiments.

It was reported earlier that the reaction of BODIPY 665/676 with
peroxyl radicals (kpopipy in R.9, Table 1) has a higher kinetic constant
than the formation of lipid hydroperoxides (ks in R.3, Table 1) (Yoshida
et al., 2003). Our results show, however, that although kgoppy was two
times higher than ks, the kinetic rate of the reaction between BODIPY
665/676 and peroxyl radicals is 4.5 x 10 times slower than the hy-
droperoxide formation, which is due to the high initial concentration of
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lipid substrates (see Supplementary material). This finding explains,
why our simulation showed that at the low concentration working range
(< 50 uM), BODIPY 665/676 does not influence the formation of lipid
oxidation products. Using a 10* higher concentration of BODIPY 665/
676 (500 mM) our simulations showed a higher reaction rate than hy-
droperoxide formation, resulting in a slower lipid oxidation rate
(Fig. S5). The simulations further showed that the differences in the
experimentally obtained kinetic curves between emulsions including 0,
1, or 50 uM of BODIPY 665/676 (Fig. 3a & b) could not be attributed to
the concentration of BODIPY 665/676.

We note that our emulsions were independently prepared, leading to
potential variations in droplet size distributions. Hence, we simulated
hydroperoxide and aldehyde kinetic curves for an emulsion with
surface-volume mean diameter (D33) of 1.2, 1.4, and 1.6 um (Fig. S6).
The simulations show a clear difference in the kinetic curves for varia-
tions in D3y, which indicates that the variation in kinetic curves in Fig. 3
can be attributed to minor variations in the distribution of droplet sizes.

Next, to establish a quantitative interpretation of a change in BOD-
IPY 665/676 fluorescence, we used mechanistic simulations and
compared the experimental fluorescence data with 1 yuM of BODIPY
665/676. BODIPY 665/676 is known to react with LOO*, which makes
BODIPY 665/676 an effective lipid oxidation marker. The correlation
between BODIPY 665/676 and the concentration of LOO* is, however,
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Fig. 3. Validation of using BODIPY 665/676 for oxidation probing via experimental and simulated data. (a-b) The formation of hydroperoxides (HP) (a) and al-
dehydes (ALD) (b) formation in colloid mill prepared emulsions measured by H NMR. Markers corresponding to samples containing 0 (/A\), 1 (o), and 50 pM (>)
BODIPY 665/676. The black line indicates the numerical datasets (simulation) of total HP and ALD. (c) Correlation between experimental (fluorescence intensity)
and simulation data (1 uM BODIPY 665/676 concentration). (Left y-axis) Solid lines indicate the concentration of native BODIPY 665/676 calculated from Equation
(6) (black) and (7) (grey). (Right y-axis) Red circles represent the intensity decrease of red fluorescence. Shadow areas denote the standard deviations from many

droplets (1 to 6 um diameter). Over 2000 oil droplets were analysed per time point.

(d) Simulated results of LOO* concentration which reacts with BODIPY 665/676.

Lines show the integration term divided by the constant kgopipy in Equation (6) (black) and the approximated concentration of LOO* in Equation (7) (grey).
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still unclear. Direct measurements of LOO* in emulsions are experi-
mentally difficult due to the short lifetime of this radical; therefore, the
LOO* concentration was simulated using the kinetic model. The con-
centration of native BODIPY 665/676 over time was calculated as

[BODIPY(r) ] = [BODIPY(0)] — / ' ksopipy X [LOO"(£) ] x [BODIPY(r) dt,
(6)

where BODIPY 665/676 is used in a working range of 1 to 50 uM. The
integral term in Equation (6) indicates BODIPY 665/676 consumption
over time. As a simplified expression, Equation (6) can be written as

[BODIPY ()] ~ [BODIPY(0) ] — / ' Koprey x [LOO™ (1) Jdt, )

where [BODIPY(#)] and [LOO*(t)] (in mmol/kg oil) indicate concen-
trations of BODIPY 665/676 and peroxyl radicals (LOO*) at time t
within the range of 0 to storage time T, respectively, and k'goprpy =
kBODIPY X [BODIPY(O) }

In Fig. 3c, the decrease in experimental red fluorescence intensity of
BODIPY 665/676 upon oxidation was compared with the simulated
concentration of the native state of BODIPY 665/676 using the kinetic
model. The agreement between experimental and simulation data (from
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Equation (6) and (7)) indicates that the model can adequately describe
the concentration of native BODIPY 665/676. Furthermore, the
approximate concentration of LOO* (from Equation (7)) indicates that a
decrease in BODIPY 665/676 fluorescence can be simply interpreted as
the integral of [LOO*] over time which can, however, not be measured
experimentally (Fig. 3d).

3.3. Lipid oxidation in WPI-stabilized mono- and polydisperse emulsions

Emulsion samples containing 2 wt% of WPI and prepared with either
microfluidic emulsification (ten Klooster et al., 2022a) or a lab scale
colloid mill were incubated with 5 mM AAPH at 25 °C in the dark.
Hydroperoxides (HP) and aldehydes (ALD) were quantified over incu-
bation (Fig. 4a & b), and the decrease in red fluorescence emission of
BODIPY 665/676 was measured with CLSM (Fig. 4c). In the mono-
disperse emulsion stabilized by WPI, the concentration of lipid hydro-
peroxides and aldehydes increased slightly over the first four days and
more rapidly between four and six days of incubation (Fig. 4a &b).
Similar effects were seen in the fluorescence intensity, which showed a
minor decrease of red fluorescence in the first two days followed by a
more rapid decrease between four and six days (Fig. 4c). The decrease of
red fluorescence was accompanied by the appearance of green fluores-
cence (excitation at 561 nm), confirming that the BODIPY 665/676 dye
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Fig. 4. Lipid oxidation in colloid mill-made polydisperse (@) or in microfluidic-made monodisperse ([J) emulsions. (a-b) Hydroperoxides (HP) (a) and aldehydes
(ALD) (b) formation as a function of time measured by 1H NMR. Error bars (sometimes hidden within the symbol) denote standard deviations of four measurements
including two independent sample preparations. (c) Decrease of red fluorescence by BODIPY 665/676 in poly- and monodisperse emulsions. Symbols in ¢ correspond
to droplet sizes of 1-2 um (@) and 4-5 pm (o) from the polydisperse emulsions and 4-5 pum ([]) sized-droplets in the monodisperse system. Shadow areas denote the
standard deviations of many droplets from two independently incubated samples. The dashed lines connecting the average values are for visual guidance. (d) CLSM
image of WPI-stabilized monodisperse emulsions after four days of oxidation, indicating inter-droplet heterogeneity of lipid oxidation.
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was getting oxidized (Fig. S8). The simultaneous decrease in native (red)
fluorescence and increase in hydroperoxides is in line with the formation
of lipid peroxyl radicals in the droplets, leading to an increase in both
lipid and BODIPY 665/676 oxidation (Naguib, 2000; Raudsepp et al.,
2014a,b) as we described in Fig. 3 with a kinetic model relating peroxyl
radical formation to BODIPY 665/676 oxidation.

The formation of hydroperoxides and aldehydes in the colloid mill-
made polydisperse emulsions stabilized by WPI proceeded faster than
in monodisperse emulsions made with microfluidic devices (Fig. 4a &
b). Furthermore, we observed a clear difference between the decrease in
red fluorescence emission for small (1-2 pm) and large droplets (4-5
um) (Fig. 4c). The faster lipid oxidation in small droplets compared to
large ones is in line with our recent study, in which more lipid oxidation
products are present in the smallest droplets present in the emulsions
(ten Klooster et al., 2023b). Fig. 4c also indicated the decrease of the red
fluorescence for 4-5 um sized droplets in monodisperse emulsions. The
monodisperse droplets further showed a slower decrease over time than
their similar-sized counterparts in the polydisperse emulsion. Several
mechanisms can be envisaged to explain the difference in oxidation
kinetics of similar (4-5 pm) sized droplets in emulsions manufactured
with microfluidic and colloid mill emulsification. First, in a polydisperse
emulsion the faster oxidation of small droplets (1-2 um) can deplete
oxygen required for oxidation of large droplets (4-5 pm) effectively
leading to slower oxidation. Our model calculations show, however, that
there should be enough O, present for large droplets to oxidize inde-
pendently. Another potential mechanism is the colloidal transfer of
oxidation intermediates formed in small droplets to larger ones. This
mechanism can promote oxidation in large droplets especially in high
oil-in-water emulsions with short distances between packed droplets. In
our case, the oil fraction was only 15 wt%, which is not in favour of
effective mass transfer of oxidation intermediates between droplets.
Thus, we arrive at the most likely explanation of a difference in the
packing of WPI-proteins at the droplet interface introduced by mild and
high shear emulsification. These differences in WPI packing have been
observed previously in emulsions manufactured with different emulsi-
fication methods (Hebishy et al., 2015). In that study, a higher con-
centration of proteins at the surface and a thicker interfacial layer could
be seen by TEM in emulsions prepared with ultra-high-pressure ho-
mogenization compared to counterparts prepared by colloid mill and
conventional homogenization.

Our comparison of local lipid oxidation in mono- and polydisperse
emulsions pointed to a difference in packing of proteins at the droplet
interfaces. We pursued this lead by further investigating the spatial,
inter-droplet heterogeneity of lipid oxidation. Red fluorescence of
BODIPY 665/676 in WPI-stabilized monodisperse emulsions showed
clear inter-droplet heterogeneity in the oxidation of similar-sized
droplets as quantified by standard deviations (shadowed areas in
Fig. 4c). This heterogeneity in fluorescence intensity levels confirms that
for similar-sized WPI-stabilized droplets in a monodisperse emulsion,
oxidation levels can differ greatly (Fig. 4d) (Berton et al., 2012). We
attribute this to the aforementioned heterogeneous coverage of droplet
interfaces, which prompted us to further investigate the interplay of
lipid and protein oxidation at droplet interfaces of WPI-stabilized
emulsions with CLSM.

We note that when comparing local (microscopy) and bulk ('HNMR)
assessments of lipid oxidation, one should consider the spatial resolution
limit of the imaging technique used. In our CLSM experiments, the
smallest droplets in which BODIPY 665/676 fluorescence could be
quantified were ~ 1 um in diameter. In our polydisperse WPI-stabilized
emulsion, ~ 14 vol% of the oil was present in droplets smaller than 1 um
and ~ 1 vol% in droplets smaller than 0.2 pm, which represents the
conventional resolution limit of CLSM. It was shown that more lipid
oxidation products were present in the smallest droplets, which implies
that lipid oxidation is underestimated if only droplets larger than 1 ym
are analyzed by CLSM (ten Klooster et al., 2023b). The oxidation in tiny
droplets could be further studied with super-resolution techniques
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which allow resolving features smaller than 200 nm (Hohlbein, 2021).
We further note that a decrease in native fluorescence over time can also
be caused by the dissolution of the dye into the continuous aqueous
phase. Such an effect can occur when an emulsifier such as Tween 20 is
present in a concentration high enough to dissolve the dye (Fig. S8).
Additionally, further attention is needed for using BODIPY 665/676 in
protein stabilized food emulsions as many proteins such as bovine serum
albumin (BSA) in WPI have some minor binding ability of lipids which
can partly participate in transporting lipids.

3.4. Spatial heterogeneity of protein oxidation in WPI-stabilized
emulsions

To further investigate the spatial inter- and intra-droplet heteroge-
neity of lipid and protein oxidation, we used CAMPO-AFDye 647 (Yang
et al., 2023) to localize protein radical formation and BODIPY 581/591
C11 for mapping lipid oxidation. This blue-shifted alternative BODIPY
dye does not overlap with the emission of CAMPO-AFDye 647, which
enabled us to co-localize protein and lipid oxidation. BODIPY 581/591
C11 has the same core structure as BODIPY 665/676 but contains only
one phenylbutadiene moiety, which makes it less sensitive to lipid
oxidation (Naguib, 2000; Raudsepp et al., 2014a,b). Co-localization of
lipid and protein oxidation in polydisperse emulsions is shown in Fig. 5a
as overlayed raw image data. The image qualitatively shows that lipid
oxidation indicated by BODIPY 581/591 C11 is accompanied by the
accumulation of the CAMPO-AFDye 647 spintrap at the droplet inter-
face. The distribution of spin traps is more closely visualised in the
segmented droplets in poly- (Fig. 5b & ¢) and monodisperse (Fig. 5d)
emulsions. The images of the colloid-mill made emulsion show spots of
CAMPO-AFDye 647 accumulation at the interface, suggesting that pro-
teins at the interface oxidize heterogeneously at both the inter- and
intra-droplet level (Fig. 5b & c). Heterogeneous protein distribution
induced by colloid mill might make droplets more susceptible to lipid
oxidation compared to the emulsions which have homogenous distri-
bution of proteins at the interface. This finding could be explained by the
heterogeneous interface of droplets featuring areas without proteins that
could increase the chance of the lipids to react with AAPH in the aqueous
phase.

For the monodisperse WPI-stabilized emulsions, only minor accu-
mulation of CAMPO-AFDye 647 took place (Fig. 5d). This finding in-
dicates that little protein oxidation occurred at the interface, which we
attribute to a more homogeneous protein coverage of the droplet in-
terfaces due to the mildness of the microfluidic emulsification. In the
panel in Fig. 5d we can, however, still observe the droplet with enhanced
BODIPY 581/591 C11 oxidation, accompanied with a spot of CAMPO-
AFDye 647 accumulation at the interface. Hence also for the mono-
disperse droplets some inter-droplet heterogeneity exists for lipid and
protein oxidation, which is also in line with Fig. 4. The co-localization of
protein and lipid oxidation in monodisperse emulsions suggests that
protein oxidation is initiated by lipid oxidation. However, given the use
of the AAPH initiator, we cannot exclude that this agent directly attacks
proteins at the interface. We also note that there is a possibility that the
fluorescence signals from the homogeneous thin protein layer in
monodisperse emulsions might be not able to provide sufficient signal
for CLSM measurements.

To quantify the interplay between protein- and lipid oxidation at the
intra-droplet level, we first determined the average fluorescence in-
tensity from BODIPY 581/591 C11. Next, we integrated the fluorescence
by CAMPO-AFDye 647 and divided the value by the circumference (2xr)
with the calculated radius r from the segmentation to obtain a measure
for protein oxidation at the interface. This quantification revealed het-
erogeneity for lipid oxidation (Fig. 5e), as discussed earlier (Fig. 4c & d)
and also for protein oxidation (Fig. 5f). Tukey HSD pairwise testing
(section 2.4.4) shows that all median intensities shown in Fig. 5e and f
are significantly different from each other. Only exception was protein
oxidation, where CAMPO-AFDye 647 intensity of the large droplets size
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Fig. 5. Imaging heterogeneity of lipid and protein oxidation in mono- and polydisperse emulsions stabilized by WPI. Co-localization of oxidation was assessed by
using the BODIPY 581/591 C11 and CAMPO-AFDye 647 dyes. (a) Raw image data of colloid mill-made emulsions. The red colour shows the accumulation of CAMPO-
AFDye 647, and the blue color indicates oxidized droplets. (b-d) Segmented droplet images showing lipid and protein oxidation with emulsions prepared in a colloid
mill in two different size ranges of droplets (1-2 pm and 4-5 ym) (b and c) or microfluidic-made emulsions (d). (e-f) Droplet size dependency of lipid- (e) and protein
oxidation (f) in polydisperse emulsions. Box and Whisker plots were boxes show data in the 25 to 75 % interquartile range and the median as a line. Whiskers indicate
+/- 1.5 inter-quartile range. Numbers of analysed droplets for diameters (d) in the ranges 1 <d < 2,2<d < 3,3 <d < 4,and 4 <d < 5 um are 764, 1205, 1046, and
305, respectively. All median intensities in (e) are significantly different to each other according to a Tukey HSD test (p < 0.0001). For distributions in (f) a Tukey
HSD test also shows that all median intensities are significantly different from each other (p < 0.001) except for the comparison of median intensities for droplets

with sizes of 3-4 vs 4.-5 ym.

ranges of 3-4 um was not significantly different to those of 4-5 pm as
depicted in Fig. 5f. In polydisperse emulsions, both lipid and protein
showed more oxidation for smaller droplets. This droplet size de-
pendency is, however, more pronounced for lipid as for protein
oxidation.

To sum up, in WPI-stabilized emulsions, both lipid and protein
oxidation at the interface occurred faster in the polydisperse emulsion
than in the monodisperse one (Figs. 4a & b and 5c¢ & d). This finding can
be explained by both the differences in the emulsification process and
the presence of smaller droplets, as we described in the previous section.
Thus, our results can help to explain ambiguous outcomes of previous
studies on the droplet size dependency of lipid oxidation, as different
emulsification methods can lead to different droplet surface coverage
and/or droplet size distributions (Atarés et al., 2012; Neves et al., 2017).

The different packing of proteins at the droplet interfaces of mono- and
polydisperse WPI emulsions, as visualized by the accumulation of the
CAMPO-AFDye 647 spin trap at droplet interfaces, is schematically
shown in Fig. 6. Our results show that both lipid and protein oxidation
proceed in highly heterogeneous fashion in WPI-stabilized emulsions,
which cannot be derived from bulk measurements of lipid oxidation
products. Unfortunately, our current data do not provide clear evidence
of protein oxidation induced by lipid oxidation. Both oxidation mech-
anisms may occur independently, and the oxidation initiator (AAPH)
may not only promote lipid oxidation but also protein oxidation at the
interface.
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Fig. 6. Schematic overview of the findings in this study. Colloid mills and microfluidic emulsification result in poly- and monodisperse emulsions, respectively. Left.
In polydisperse emulsions, droplets are heterogeneously covered with proteins. Right. In monodisperse emulsions, the coverage is homogeneous. The black dashed
line connects similar (4-5 pm) sized droplets that differ in surface coverage and protein and lipid oxidation behaviour.

4. Conclusions

In this study, the intensity decrease in red fluorescence emission of
BODIPY 665/676 was used to unravel droplet size-dependent spatial
heterogeneity of lipid oxidation in WPI-stabilized emulsions. By
modelling the kinetic rates of underlying lipid oxidation reactions, we
showed that no perturbation of lipid oxidation occurs at the chosen low
concentration of BODIPY 665/676. The kinetic model inferred that the
decrease in red fluorescence of BODIPY 665/676 correlates with the
increase of integrated peroxyl radical concentration over time. Micro-
fluidic and colloid mill emulsification respectively resulted in mono- and
polydisperse WPI emulsions. Kinetic curves of oxidation products of
these oxidized emulsions, as observed locally by BODIPY 665/676 and
in bulk by 'H NMR, can be explained by differences in droplet size
distribution and heterogeneous packing of proteins at the droplet in-
terfaces (Fig. 6). The different packing of proteins at the droplet in-
terfaces of mono- and polydisperse WPI emulsions could be visualized
by the accumulation of the CAMPO-AFDye 647 spin trap at droplet in-
terfaces. Our results show that both lipid and protein oxidation proceed
in highly heterogeneous fashion in WPI-stabilized emulsions, which
cannot be derived from bulk measurements of lipid oxidation products.
We expect that our work will contribute to improving the understanding
of local co-oxidation of lipids and proteins at droplet interfaces.
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