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1
Introduction

An early ‘experiment’ on emulsion production dates back to 1756. It took place 
in a kitchen, where a meal was prepared to celebrate the victory of the duke of 
Richelieu on the Brits at Port Mahon, on the island of Minorca. Due to the lack of 
cream, the chef was probably somewhat desperate to try to use olive oil instead, 
which surprisingly led to a ‘stable’ sauce. Moreover, the sauce was very well-
received by the guests. Based on the location where the successful experiment 
took place, this home-made emulsion sauce was called ‘Mahonaisse’. This 
experiment has had way more impact than the French chef could ever have 
imagined, although it took another two centuries before chemists figured out 
how it was possible to mix two liquids that are, in essence, immiscible. From 
there, the number of emulsion applications skyrocketed, leading to many 
emulsion products, such as: sauces, paints, sunscreen, cosmetics, and ointments, 
as we know them in our daily lives. 

Ever since the first emulsions that were made, obtaining a visually homogeneous 
system out of incompatible components has remained challenging. In relation 
to the Mahonaisse, some challenges are: why did olive oil and water not phase 
separate? What component in the egg led to this stability? How long could the 
product be eaten safely? And for how long was it still tasty? As is generally known 
now, the stability of emulsion products is highly influenced by their ingredients 
and by the emulsification process used to prepare them (McClements, 2004); 
yet, suppressing both physical and lipid oxidation instabilities in emulsion 
products remains challenging because these dynamic processes are not 
that well-understood. This thesis is dedicated to shed light on how dynamic 
processes occurring across a wide length scale contribute to lipid oxidation. 
For this, we developed highly dedicated experimental set-ups that are touched 
upon in this introduction.

1.1 Emulsification processes
Since the liquid phases constituting emulsions are immiscible, shear is commonly 
used to create droplets of the dispersed phase in the continuous phase. In this 
way, a large interface between both liquids (oil and water) is created, which is in 
the order of several square meters per gram of dispersed phase (Berton-Carabin 
et al., 2018). The production processes of emulsions are generally divided 
into two steps. First, the oil and water are mixed gently, resulting in a coarse 
emulsion with relatively large droplets. These droplets are then further broken-
down into smaller droplets by intensive shearing, resulting in a fine emulsion. 
The shear can be generated by different types of process equipment. In rotor-
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stator devices, this is achieved by a rotating unit that moves at high frequencies 
in close proximity to a static unit, which causes the liquid to be forced through 
the shallow gap in between them (Figure 1.1a). In high-pressure homogenisers, 
the shear is generated by pressurizing the coarse emulsion through a narrow 
constriction (Figure 1.1b). The high shear rate in these devices causes the 
coarse droplets to be elongated, which then break up into smaller entities due 
to the instability of such an elongated droplet. The final droplet size in the 
freshly prepared emulsion is influenced by the amount of shear introduced 
into the system, the interfacial tension between the oil and water phases and 
possible rapid recoalescence of previously formed droplets. Emulsifiers have 
a key role in small droplet formation because of their adsorption at oil-water 
interfaces during the process, which decreases the interfacial tension and helps 
preventing rapid recoalescence (Walstra, 1993). 

a b

Figure 1.1. Schematic representations of: a rotor-stator homogenisation device (a) and a high-
pressure homogenisation device (b).

The current emulsification processes are not recognized for their control over 
droplet size; the droplet size distributions can even span up to three orders 
of magnitude (McClements, 2004; Saito et al., 2006). Besides, the large shear 
forces dissipate for 90-99% as heat, which makes the processes largely 
inefficient and energy-intensive (McClements, 2004). Additionally, this may 
lead to degradation of heat- and shear-sensitive components (Charcosset et al., 
2004). This may impair the functionality and stability of the products, which are 
highly influenced by the impact of the homogenisation process on the droplet 
size distribution (McClements, 2004; Neves et al., 2017; Walstra, 1993).

1.2 Physical stability
Emulsions are thermodynamically unstable and tend to destabilise via different 
mechanisms over time. The driving force for some of these destabilisation 
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1
mechanisms is the high interfacial energy of the system (∆G, J), which is defined 
as:

(1.1)

where γ is the interfacial tension between oil and water (N/M), and ΔA is the 
change in interfacial area (m2) (McClements, 2004). Over time, the emulsion 
system is driven to reduce free energy, which can occur through a reduction 
of γ or A. The interfacial tension can be reduced through adsorption and/or 
conformational reorganisation of emulsifiers at the oil-water interface, and A 
can decrease through droplet coalescence (Figure 1.2a). The latter can ultimately 
lead to complete phase separation. Coalescence can be prevented through the 
use of emulsifiers that exert steric and/or electrostatic repulsion. Emulsifiers 
that form highly elastic interfacial layers can also be advantageous to mitigate 
coalescence (Botti et al., 2022). These layers allow for very fast relaxation of the 
interfacial film towards its initial state when subjected to a deformation, which 
may counteract the onset of coalescence. 

dca b

Figure 1.2. Schematic representations of physical instability mechanisms that may play a role 
during incubation of emulsions: coalescence (a), creaming (b, left), sedimentation (b, right), 
flocculation (c), and Ostwald ripening (d).

Another well-known physical destabilisation mechanism is creaming/
sedimentation (Figure 1.2b), which is often undesired because of the resulting 
heterogeneous visual appearance. Creaming/sedimentation can be governed by 
multiple parameters, captured in the Stokes equation, which is valid for dilute 
systems:

(1.2)
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where v is the velocity (m/s) at which the droplets cream or sediment, ρd and 
ρc are the density (kg/m3)) of the dispersed and continuous phase, respectively, 
g is the gravitational acceleration (m/s2), r is the radius of the droplet (m), 
and ηc is the viscosity of the continuous phase (kg/(m s)). Since v scales with 
r2 (Equation 1.2), creaming/sedimentation can be effectively mitigated by 
producing small droplets, which can be achieved using relatively large shear 
forces. When droplets stick together without coalescing, flocs are formed. Flocs 
have an increased effective droplet size (Figure 1.2c), which thereby enhances 
creaming or sedimentation. An increased droplet size can also be caused by the 
destabilisation mechanism called Ostwald ripening (Figure 1.2d). This occurs 
by diffusion of dispersed material through the continuous phase from smaller 
to larger droplets, and this mechanism is driven by the higher Laplace pressure 
of the smaller droplets. The exchange of components between droplets can 
also occur without an increase and/or decrease in droplet size, which is then 
called compositional ripening (Weiss et al., 2000). The kinetics of Ostwald and 
compositional ripening depend on the solubility and diffusion of the dispersed 
phase components in the continuous phase (Weiss et al., 2000), which can be 
enhanced by structures present in the continuous phase such as surfactant 
micelles (Villeneuve et al., 2021). 

1.3 Oxidative stability
Polyunsaturated fatty acids (PUFAs), in particular the omega-3 series, are 
often incorporated in emulsions because they are known to have beneficial 
health effects. Examples of such beneficial effects can be found in relation 
to cardiovascular diseases and the brain development of infants (Ganesan 
et al., 2014; Lien et al., 2018). The Food and Agriculture Organisation (FAO) 
has even set recommendations to increase the consumption of PUFAs and in 
particular omega-3 PUFAs (Joint, 2010; Vannice et al., 2014). The downside of 
incorporating PUFAs into food is that PUFAs are particularly sensitive to lipid 
oxidation, resulting in a loss of nutritionally relevant compounds and in off-
flavour formation, which impairs the shelf life. Lipid oxidation can be mitigated 
by using modified atmosphere packaging, low temperature storage, and/or 
(synthetic) antioxidants. These measures are somewhat effective, but they 
cannot completely prevent the occurrence of oxidative reactions, which implies 
that a systematic basis for robust and predictable mitigation strategies is still 
missing. Furthermore, to comply with clean label trends, the use of synthetic 
additives, including antioxidants, needs to be reduced and ideally abolished 
(Berton-Carabin et al., 2014).
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1
Lipid oxidation is a complex, cascaded reaction that is classically divided in 
three stages: initiation, propagation, and termination (Bolland, 1946). During 
initiation a lipid radical is formed, for example by hydrogen abstraction from an 
unsaturated lipid (L•), which can then react with oxygen to form a peroxyl radical 
(LOO•). During the propagation stage, a peroxyl radical abstracts a hydrogen from 
another unsaturated lipid, which results in a hydroperoxide (LOOH) and a new 
lipid radical (L•). The lipid radical can start the reaction all over again, which is 
why this reaction is qualified as autocatalytic. Hydroperoxides are primary lipid 
oxidation products and can decompose to secondary oxidation products, such 
as aldehydes (LO). Those aldehydes cause the formation of undesired flavours 
and odours. In the termination phase, radicals react together to form non-
radical products (e.g., polymers). In the last decades, lipid oxidation chemistry 
research has expanded to include reactions between iron and hydroperoxides. 
These reactions provide LO•- and LOO•-radicals that can cause propagation of 
lipid oxidation (Forney et al., 1982; Schaich, 1992). It is expected that when 
hydroperoxides are present at the interface (Nuchi et al., 2002), this leads to 
reactions with metal cations, which results in the formation of radicals that 
propagate the lipid oxidation reaction. 

Recently, spatiotemporal aspects of lipid oxidation in emulsions have been put 
forward, which is expected to lead to effective strategies to counteract lipid 
oxidation (Laguerre et al., 2020). For example, amphiphilic radical scavenging 
antioxidants were found to be most effective in emulsions, whereas hydrophilic 
antioxidants were most effective in bulk oils (Laguerre et al., 2009; Porter et 
al., 1989). This was postulated to be a result of their partitioning because a 
radical scavenging antioxidant can only be effective if it is at the place where 
lipid oxidation is initiated (Laguerre et al., 2015). For emulsions, this location 
is the oil-water interface (Losada Barreiro et al., 2013; Romsted et al., 2013). 
For bulk oils, antioxidants have to partition towards the prooxidant association 
colloids, such as reverse micelles, which implies that they need to be hydrophilic 
(Homma et al., 2015). The effectiveness of antioxidants has been shown to be 
complex and highly dependent on the emulsion system (Alemán et al., 2015), 
but ideally the antioxidant is mobile and at the right place at the right time 
(Laguerre et al., 2015). 

Complex questions arising from the latter are: What is the right place? What is 
the right time? The answers will differ depending on the structure of a product, 
examples are: bulk oil, wet emulsions, dried emulsions, or something in 
between (Gumus et al., 2021; McClements et al., 2000; Villeneuve et al., 2021). 
As mentioned above, for wet emulsions, there is a general consensus that lipid 



Chapter 1

14

oxidation is mainly initiated at the oil-water interface. One would therefore 
expect that increasing the surface area by making smaller droplets would 
increase lipid oxidation. However, varying the specific surface area without 
simultaneously varying other parameters is impossible with conventional 
emulsification techniques (Berton-Carabin et al., 2014; Sørensen et al., 2007). In 
addition, it remains unexplored which reactions take place at the interface, and 
how these reactions influence the cascaded oxidation reaction. This knowledge 
– and analytical gap – have led to studies with contradicting conclusions 
regarding the effect of droplet size on lipid oxidation (Berton-Carabin et al., 
2014). As evoked earlier, emulsions are often polydisperse systems with 
typical droplet size distributions that cover several orders of magnitude. This 
means that if such an oil droplet size dependency of the reaction applies, lipid 
oxidation in emulsions is highly heterogenous. Fast-oxidising droplets have been 
postulated to accelerate lipid oxidation in nearby droplets as well (Laguerre et 
al., 2017, 2020; Li et al., 2020), although direct evidence is lacking. To get a full 
understanding of how oxidation in one droplet can be affected by another, the 
use of kinetic modelling can be helpful (Schroën et al., 2022a). It is clear that 
there is still a lot to be discovered regarding: which reactions are taking place in 
which droplets, at which specific locations in droplets, at which rates, and how 
reactions are interconnected. To shed light on some of these complex research 
questions, we needed to exploit advanced analytical techniques to improve 
the localisation, visualisation, quantification, and qualification of oxidation 
in emulsions. In addition, we needed to develop an alternative emulsification 
technology to have control over the droplet size, as is further described below.

1.4 Microfluidic emulsification
The limited control over the droplet size of conventional emulsification 
techniques, and the high energy required, have generated a scientific interest 
for alternative emulsification processes, such as membrane emulsification 
(Nakashima, 1991) and microfluidic techniques (Vladisavljević et al., 2012). 
Spontaneous microfluidic emulsification is a gentle technology that can be 
used for the production of very monodisperse droplets at 20 times lower 
energy input than conventional techniques (Charcosset et al., 2004; Kawakatsu 
et al., 1997), which is also a potential asset for preserving temperature-labile 
ingredients. Spontaneous microfluidic emulsification operates by pushing 
the to-be-dispersed phase through a narrow connection into a (deeper) 
channel containing the continuous phase (Figure 1.3). Droplets are generated 
spontaneously by the interfacial tension force (Sugiura et al., 2002). The 
productivities that can be reached currently are less than a millilitre per hour 
(for droplets < 10 µm), which makes application as an analytical tool possible, 
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1
e.g., to study emulsion physical stability (Hinderink et al., 2021; Khalid et al., 
2014, 2017; Krebs et al., 2012). To have sufficient sample to perform physical 
stability or lipid oxidation experiments in a food context, it was necessary to 
look at upscaling options for the production of relatively small droplets (< 10 
µm) as well as for larger droplets (10-50 µm).

Figure 1.3. Schematic representations of microfluidic emulsification devices: EDGE (Edge-based 
Droplet Generation) (a) and Partitioned EDGE (b). Figure is redrawn based on images from 
(Şahin, 2016).

Within the field of microfluidic emulsification, essential insights have been 
obtained regarding the role of viscosity and interfacial tension of the fluids in the 
droplet formation mechanisms (Kobayashi et al., 2003; Schroën et al., 2015; Van 
Dijke et al., 2010, 2008; Vladisavljević et al., 2012). The next challenge is to exploit 
this knowledge to study and optimise emulsion productivity based on the design 
of microfluidic emulsification devices. Previously, increasing productivity has 
been mainly achieved by numbering up the amount of droplet formation units. 
In a few cases, upscaling was achieved by optimising the chip design (Sahin et 
al., 2015). In the work of Sahin and co-workers, the latter approach improved 
the productivity with a factor of 100 compared to their previous microfluidic 
emulsification device (Figure 1.3a & b) (van Dijke et al., 2010b). 

The production of highly monodisperse droplets at reasonable throughputs is 
of relevance for one of the aims of this thesis because it will aid in clarifying: 
which reactions are taking place in which droplets, at which specific locations, 
at which rates, and how those reactions are influenced by which phenomena.

1.5 Research aim and approach
Even though our knowledge of emulsion products has increased dramatically 



Chapter 1

16

since the ‘Mahonaisse’, lipid oxidation and physical destabilisation are still 
widely acknowledged as major concerns in the (food) industry; unexpected 
fluctuations in the shelf life of products when changing product formulation 
are still common place. This highlights that there is a clear need for a deeper 
understanding of lipid oxidation in complex food systems. The aim of this thesis 
is to understand the oxidative stability of emulsions on a fundamental level. 
The research carried out in this thesis will assess the physical and oxidative 
stability of emulsions by advanced analytical set-ups providing data on where 
lipid oxidation is happening, and which reaction products are formed, and thus 
contribute to improving food emulsions. As a first step, microfluidic devices have 
to be upscaled to improve our control over droplet sizes for which elucidation 
of the droplet formation mechanisms is required. Next, we study lipid oxidation 
in well-defined droplets, which are prepared with microfluidic devices. The 
oxidation mechanisms in the well-defined emulsions are compared to those in 
model emulsions, which are prepared with conventional lab-scale emulsification 
processes. Colloidal structures across various length scales may play a role in 
the lipid oxidation reaction, and we, therefore, studied their involvement via 
advanced analytical techniques such as: confocal laser microscopy, transmission 
electron microscopy, and nuclear magnetic resonance.

1.6 Thesis outline
The outline of this thesis is described below per chapter and summarised in 
Figure 1.4.

In Chapter 2, an upscaled microfluidic emulsification chip containing 75,000 
droplet formation units is presented. Via a proof-of-concept study, preparing 
hexadecane droplets of 10 µm, it is shown that productivity can be improved 
greatly through smart microfluidic chip design. The design of microfluidic 
emulsification chip is further discussed in Chapter 3, where an upgraded chip 
is presented with which we were able to systematically make monodisperse 
droplets, of different sizes, using different droplet formation mechanisms. This 
chapter elaborates on production of monodisperse emulsions relevant for 
food-related research questions. The very monodisperse droplets produced 
with the chips from Chapter 3 enable a systematic study regarding the effect 
of droplet size on lipid oxidation in a surfactant-stabilised model emulsion, as 
reported in Chapter 4. Unlike monodisperse microfluidic-made emulsions, 
the size difference between the smallest and the largest droplets in model 
emulsions can be in the order of a factor 1000. In Chapter 5, this is investigated 
in the light of both the oxidative and physical stability of the smallest droplets’ 
population, which were tracked and visualised by advanced cryo-transmission 
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1
electron microscopy. A direct comparison between emulsions prepared with 
microfluidics and with conventional emulsification techniques is then made in 
Chapter 6. An advanced confocal laser scanning microscopy set-up allows for 
comparing lipid and protein oxidation status of droplets present in the same 
sample. In literature, it has been suggested that small droplets and micelles are 
able to transfer components between oil droplets, which would propagate lipid 
oxidation. Therefore, we investigate this in Chapter 7 for surfactant-stabilised 
model food emulsions. Since these emulsions are often dried to extend their shelf 
life, we also address how this process and the resulting structural changes affect 
lipid oxidation in Chapter 8, where we especially focus on the effectiveness of 
antioxidants. Finally, in Chapter 9, the findings of this thesis regarding droplet 
formation and lipid oxidation are discussed in a broader context, which will 
provide an answer to the compelling question: ‘Is microfluidic emulsification 
only a powerful analytical tool, or can it also be a means to produce stable 
emulsions on larger scale?’
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Abstract

When used for emulsion production, microfluidics are known for their low 
energy usage and droplet monodispersity. However, current throughputs need 
to be improved to realise larger scale microfluidic emulsion production. In 
this chapter, we present the upscaled device called Multi EDGE with a proof of 
concept study in which we produce 10-µm hexadecane droplets in a 0.5-wt.% 
SDS solution at 0.3 m3/m2h. The design of the dispersed phase supply channels 
is crucial, since a higher flow resistance causes a higher blow-up pressure and 
faster pore refilling. In turn, this results in high droplet formation frequencies of 
> 1800 droplet s−1 per droplet formation unit, compared to maximally 60 droplet 
s−1 per droplet formation unit for devices with low-resistance substructure, 
which are limited by the refilling process. The fluxes and small droplets of Multi 
EDGE, show that these devices have potential for upscaling, especially when the 
substructure is designed properly.
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2

2.1 Introduction

To produce emulsion products, such as mayonnaise, sunscreen and paint, the 
energy input may exceed the energy input needed for creation of the interface 
by a factor twenty or more (Charcosset et al., 2004; Gijsbertsen-Abrahamse 
et al., 2004). Another disadvantage of conventional high-shear emulsification 
techniques is that they cause local fluctuations of energy density and cavitation, 
which makes it is hard to regulate the droplet sizes precisely, leading to 
emulsions with wide droplet size distributions that are inherently less stable 
(Persson et al., 2014). These emulsification processes may lead to loss of protein 
functionality and the onset of lipid oxidation that influence chemical product 
stability in a negative way (Guo et al., 2020; Neves et al., 2017). 

Compared to classic emulsification technologies, microfluidic emulsification 
is more subtle and enables production of emulsions with a controlled droplet 
size, while preserving the nativity of the ingredients (Neves et al., 2017; Zhu 
et al., 2017). Microfluidic emulsification have been used for the interpretation 
of results in research areas such as biology, chemistry, and particle synthesis, 
through the monodisperse droplets that are generated (Conchouso et al., 2014; 
Shen et al., 2016; Theberge et al., 2010).

Microfluidic emulsification starts by pushing the dispersed phase through 
a narrow channel until it reaches the continuous phase channel. Next, the 
dispersed phase adopts a droplet-like shape and snaps off, which occurs 
either spontaneously or due to the shear of the continuous phase flow. The 
microfluidic devices that operate by shear of the continuous phase flow (e.g., 
T- and Y-junctions, flow-focussing and co-flow devices) require very accurate 
flow control over the two phases, which is rather difficult when multiple droplet 
formation units operate in close proximity (Vladisavljević et al., 2012; Zhu et 
al., 2017). In spontaneous microfluidic emulsification techniques, snap-off 
occurs because of a difference in Laplace pressure, and only one phase has to 
be controlled precisely, which makes it more practical (Kawakatsu et al., 1997; 
Schroën et al., 2015).

Currently, microfluidic emulsification is mostly applied at a small scale a few mL 
per hour for droplets with a size relevant to food production (< 10 µm) (Schroën 
et al., 2015). For an industrial scale production of typically 20 m3 per hour, many 
channels (in the order of billions) have to be operated in parallel, and therefore 
the major challenge for microfluidic emulsification is to scale up by numbering up 
(Gijsbertsen-Abrahamse et al., 2004; Schroën et al., 2015; van Dijke et al., 2009; 
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Vladisavljević et al., 2018). A few successes have been reported in literature, 
such as: EDGE (Edge-based Droplet GEneration)(van Dijke et al., 2009, 2010a), 
(asymmetric) straight-through arrays (Kobayashi et al., 2008, 2009), Millipede 
(Amstad et al., 2016; Ofner et al., 2017), microchannels (Kobayashi et al., 2012; 
Vladisavljević et al., 2018), and STEP emulsification (Stolovicki et al., 2018). Not 
all these devices have shown the production of small droplets (~ 10 µm) that 
we target here. 

Recently, we have introduced a novel microfluidic emulsification device called 
Partitioned EDGE (Sahin et al., 2015), which is an improved version of regular 
EDGE, and we explored its droplet formation mechanism (Deng et al., 2021; 
ten Klooster et al., 2019). The productivity of these devices is determined by 
the fraction of active droplet formation units (DFUs), the droplet formation 
frequency per DFU, and the droplet size (larger droplets can be made at higher 
overall productivity (Stolovicki et al., 2018)). Besides, the surfactant as well as 
the viscosities of both phases affect the productivity (Sahin et al., 2016; Van 
Dijke et al., 2010; van Dijke et al., 2010a). 

When upscaling microfluidic emulsification devices, it is in principle desired to 
make the dispersed phase supply channels as short as possible to save space 
on the chip. Until now, the effect of sub-structure geometry on the production 
rates in spontaneous upscaled devices has never been considered to be relevant 
to the best of our knowledge. In this chapter, we present a device called Multi 
EDGE. It was manufactured with state-of-the-art clean-room technologies 
and contains 75,000 DFUs. We report the performance of Multi EDGE for 
oil-in-water (O/W) emulsification and discuss its suitability for larger scale 
production. Here, we compare its productivity per DFU (DFU productivity) 
with the small scale Partitioned EDGE, which has 125 DFUs with the same DFU 
structure and a different sub-structure (Sahin et al., 2015). Next, we compare 
overall productivity (L/m2h) between devices. The productivity of Multi EDGE is 
relatively high compared to that of other devices from literature. Furthermore, 
we explain how the sub-structure can be used to improve this further, therewith 
highlighting an aspect of microfluidics design that is generally not considered.

2.2 Materials and methods

2.2.1 Materials
Hexadecane (ReagentPlus® 99%, Zwijndrecht, the Netherlands) was used as 
the to-be-dispersed phase and 0.5 wt.% sodium dodecyl sulphate (SDS, Merck, 
Darmstadt, Germany) as the emulsifier. Ultrapure water (18.2 MΩ) was used 
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for all experiments and prepared using a Milli-Q system (Millipore Corporation, 
Billerica, MA, USA).

2.2.2 Microfluidic emulsification devices
In this research, we used Multi EDGE, an upscaled microfluidic emulsification 
device and compared its productivity per DFU with Partitioned EDGE. Partitioned 
EDGE and Multi EDGE have several similarities: (i) the droplet formation unit 
consists of a 3D structure, with a pore ending in a deeper continuous phase 
channel where the droplets were formed, (ii) the geometry of the DFUs has 
equal dimensions, and (iii) there is no cross-flow needed for droplet formation. 
The differences between the chips are in the amount of DFUs and the geometry 
of the sub-structures (Table 2.1), which is further explained below.

Table 2.1. Specifications of Partitioned EDGE and Multi EDGE devices.
EDGE Type Micro-plateaus (DFUs) Main plateaus

nmi (per main 
plateau)

Dimensions
L · W · H [µm]

Spacing
S1 · S2 [µm]

n Dimensions
l · w · h [µm]

Partitioned EDGE 25 30 · 10 · 2 10 · — 1 170 · 500 · 2
Multi EDGE 250 30 · 10 · 2 10 · 20 300 370 · 6,000 · 10

Partitioned EDGE
Partitioned EDGE has a shallow connection between the deeper continuous and 
dispersed phase channels (Figure 2.1 a & b) (Sahin et al., 2015; ten Klooster 
et al., 2019). The shallow connection consists of a main plateau and multiple 
micro-plateaus. Partitioned EDGE has 25 micro-plateaus, which are the DFUs, 
with a length, width and height of 30, 10, and 2 µm, respectively (Figure 2.1 
and Table 2.1). Fabrication of the Partitioned EDGE chips was done by Micronit 
Microfluidics, Enschede, The Netherlands, which is explained in detail in 
a previous paper (Sahin et al., 2015). The chip was placed in a chip holder 
from Micronit (Fluidic Connect PRO Chip Holder with 4515 Inserts, Micronit 
Microfluidics, Enschede, The Netherlands), and connected with standard tubing.

Multi EDGE
Silicon substrates of 400-µm thickness were used to fabricate the Multi EDGE 
chips (Figure 2.1c & d). In the substrate, the micro- and the main plateaus were 
fabricated through deep reactive ion etching (Cytocentrics B.V., The Netherlands); 
the dimensions of the micro-plateaus (DFUs) were 10 · 2 µm (width · height). 
The Multi EDGE chip was placed in a custom-made module constructed by the 
technical workshop of Wageningen University. The Multi EDGE chip was 10 · 
10 mm, and the part containing the DFUs was 5 · 6 mm, of which the effective 
pore area was 5% (surface porosity based on DFUs). The overall, area-based 
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productivity (in L/m2h) was calculated based on the area that contained the 
DFUs (5 · 6 mm), as is commonly done in literature (Kobayashi et al., 2005c). 
The main difference in device geometry between Multi EDGE and Partitioned 
EDGE was the height of the main plateaus (h) (Table 2.1). Technical limitations 
did not allow us to etch the main plateaus as shallow as the micro-plateaus (10 
µm vs 2 µm). To research the effect of this change in substructure, we compared 
the droplet sizes and productivity per DFU with Partitioned EDGE that was 
described in the section above.

Figure 2.1. (a) The Partitioned EDGE chip layout with five plateaus (black rectangles in left 
image), placed between the deep continuous and to-be-dispersed phase channels, and a close-up 
sketch of the micro-plateaus with their characteristic dimensions labelled in the middle circle 
(W=width, L=length and H=height). (b) Partitioned EDGE during emulsification. (c) Schematic 3D 
representation of Multi EDGE. (d) Multi EDGE during emulsification.

We did not observe monodisperse droplet formation with a Multi EDGE chip, 
which had dimensions of 5 · 2 µm (width · height) micro-plateaus. In other 
publications about STEP and microchannel emulsification, it was shown both 
experimentally and theoretically that the minimum aspect ratio of micro-
plateaus (width / height, Figure 2.1) has to be larger than ~ 2.6 for monodisperse 
droplet formation (Kobayashi et al., 2004b; Montessori et al., 2019). Possibly 
this effect also plays a role in EDGE chips. 
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2.2.3 Cleaning of the devices
Both devices were thoroughly cleaned prior to operation to ensure their 
hydrophilicity and suitability for O/W emulsification (Van Dijke et al., 2008). 
Since the devices had a different configuration, they could not be cleaned in the 
same way. The Multi EDGE device was cleaned by flushing ethanol through the 
chip, and subsequently subjecting to plasma oxidation. The Partitioned EDGE 
device was cleaned by flushing ethanol through the chip and sonicating in 
ethanol. Next, It was baked in an ashing furnace (Carbolite AAF-1100, Carbolite 
Gero, Derbyshire, United Kingdom) at 500 °C for 2 h.

2.2.4 Operation of the devices
Once cleaned, the devices could be used. First, the dispersed and continuous 
phases were prepared, using hexadecane and 0.5 wt.% SDS in water, respectively. 
Next, each microfluidic chip was placed in its own holder. The continuous phase 
was then run through each chip to wet the device. After this, the oil was pushed 
in across the plateau, and the formed droplets were carried away by the cross-
flowing continuous phase (Figure 2.1b & d). The cross-flow is oriented along the 
width of the DFUs in Partitioned EDGE and along the height of the DFU in Multi 
EDGE. The cross-flow is not needed for droplet formation, but only required to 
carry away the formed droplets that otherwise obscure observation. The flows 
were controlled through a microfluidic control system (Elveflow®, France), and 
droplet formation was monitored by using an inverted microscope (Axiovert 
200 MAT, Carl Zeiss B.V., The Netherlands) connected to a high-speed camera 
(MotionPro HS-4, IDT Inc., USA) (maximum frame rate used for recording 
was 5,000 Hz, maximum precision was 7.8 pixels µm-1). High resolution videos 
were made with a high-speed camera (FASTCAM SA-Z, Photron Limited, 
Japan) at a frame rate of 100,000 frames per second and with a resolution 
of 0.973 µm/pixel to measure the time needed for droplet formation. Please 
note: for Multi EDGE we used top-view recordings (Figure 2.1d), since we 
cannot look through the (silicon) channels.

2.2.5 Droplet size measurements
For both chips, 20–50 droplets per droplet size data point were analysed 
by image analysis software to determine the average droplet size and size 
distribution, as was done previously (Sahin et al., 2015; ten Klooster et al., 2019). 
Given the monodispersity of the droplets, this is an appropriate measurement 
method. This method has been compared to static light scattering previously 
and good agreement was found (van Dijke et al., 2010b). The size distribution 
of the droplets was expressed in the form of coefficient of variation, CV, which 
was defined as:
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(2.1)

where σ is the standard deviation of the droplet diameters and ddr is the number-
average droplet diameter. Droplets with a CV below 10% were considered 
monodisperse, which is based on previous research (Sahin et al., 2016; van 
Dijke et al., 2009).

2.2.6 Measuring down time and necking time
High resolution images at a maximum frame rate of 100,000 frames s-1 were 
used to determine the down time (DFU filling) and necking time (actual droplet 
formation). The number of frames between the start of dispersed phase leaping 
into the deeper continuous phase channel and breakage of the neck was divided 
by the frame rate to obtain the necking time. The down time was determined in 
a similar way, starting with the neck breakage, and finishing with the dispersed 
phase leaping into the continuous phase channel again. This was done for 
several locations over the chip and for three droplets per DFU.

2.2.7 Flow resistance calculation
To compare various designs, the flow resistances are calculated. The flow 
resistance (R) of a rectangular channel can be calculated with a Hagen-Poiseuille 
equation:

(2.2)

where ηd is the dispersed phase viscosity, l the length, h the height and w the 
width of the channel. Equation 2.2 was used to calculate the flow resistance of a 
micro-plateau and main plateau separately. The flow resistance of the main and 
micro-plateaus together (Rt) was defined as:

(2.3)

where Rmi is the flow resistance of the micro-plateau, nmi is the number of micro-
plateaus per main plateau and Rma is the flow resistance of the main plateaus. 
The flow resistance of the whole shallow connection, expressed per micro-
plateau (Rt,mi) was calculated as: 

(2.4)



Upscaling microfluidic emulsification: the importance of sub-structure design in EDGE devices

27

2

2.3. Results and discussion

We compared the droplet sizes and maximum productivity of the upscaled Multi 
EDGE (Figure 2.1c & d) with the small scale Partitioned EDGE (Figure 2.1a & b). 
The productivity of Multi EDGE was expressed per DFU (DFU productivity) to 
compare with Partitioned EDGE, and per area (overall productivity) to compare 
with devices from literature.

2.3.1 Emulsion production with Multi EDGE
In this section, we first describe the results for Multi EDGE (10 · 2 µm micro-
plateaus); monodisperse hexadecane droplets were successfully produced 
over 8 h, which was the maximum time that we attempted due to lab closing 
hours. Also a recent publication showed that long-term stable production 
of dichloromethane droplets (25 μm) with silicon microchannel (STEP) 
emulsification devices was possible (Vladisavljević et al., 2018). Droplet 
formation in Multi EDGE started at 95 mbar, and droplet size remained constant 
at 11.0 µm and monodisperse up to 130 mbar with a CV of < 10% (Figure 2.2a, 
insert). Above 130 mbar, a few DFUs started to produce polydisperse droplets 
that are roughly one order of magnitude larger in diameter, whereas the majority 
of DFUs still formed small monodisperse droplets. With increasing pressure, 
more DFUs show this so-called blow-up behaviour, indicated by the vertical 
solid line (Figure 2.2a). Both droplet formation frequency per DFU (Figure 2.2b) 
and the number of active micro-plateaus (Figure 2.2c) increased linearly with 
pressure, up to the point at which blow-up started occurring. Thus, the flux per 
area increased quadratically with pressure till it reached blow-up (Figure 2.2d). 
At this pressure (130 mbar), 93% of the micro-plateaus were active with an 
average frequency of 58 Hz per micro-plateau, amounting to 313 L of oil per 
m2h (assuming uniform performance over the entire surface of the device). This 
value is similar to values reported for STEP devices, where 91% of the channels 
were active during production of 25-µm droplets (Vladisavljević et al., 2018). 
Multi EDGE will be further compared to other devices reported in literature in 
section 2.3.3. 

2.3.2 Comparison of Multi EDGE with Partitioned EDGE
Both devices showed a start of droplet formation at a dispersed phase pressure 
of 95 mbar (dashed vertical line Figure 2.2a), which therefore does not seem to 
be substantially influenced by the sub-structure design (more specifically, the 
main plateau height). For Partitioned EDGE, insufficient droplets were formed 
to measure the droplet size accurately, and therefore there is no data point at 95 
mbar for Partitioned EDGE (Figure 2.2a). This so-called breakthrough pressure 
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is determined by the Laplace pressure, PLP = γ (1/R1 + 1/R2) cos(θ) of the 
meniscus (with radii R1 and R2) inside the micro-plateau working in the direction 
opposite to the applied pressure (Papp). Since the breakthrough pressure, the 
width, and height of the micro-plateaus (and thus R1 and R2) were constant, the 
devices should have a similar contact angle (θ). A contact angle increase of 10° 
may decrease the breakthrough pressure by ~ 5 mbar. The contact angle also 
influences on the productivity (Maan et al., 2013b), since it can reduce blow-up 
pressure (Van Dijke et al., 2008), and thus decrease maximum productivity even 
by a factor two (Eggersdorfer et al., 2018). The low breakthrough pressure of 95 
mbar indicates that – at least at low pressures – SDS adsorbed to the hexadecane-
water meniscus, and thereby γ may reach as low as 8 mN/m (equilibrium value) 
compared to ~ 44 mN/m for an interface free of surfactant (Muijlwijk et al., 
2016). When using the same components and concentrations in a Y-junction, 
it has been shown that the equilibrium interfacial tension was reached after ~ 
0.01 s, and a first reduction in interfacial tension was observed after < 0.001 s 
(Muijlwijk et al., 2016). This implies that the reduction in interfacial tension can 
be much faster than the droplet formation time at low droplet formation rates 
(< 10 s-1), although it may not be fast enough at high droplet formation 
rates  (> 1,000 s-1) (ten Klooster et al., 2019).

The droplet sizes produced by Multi EDGE and Partitioned EDGE at the blow-
up pressure were 11.0 and 9.8 µm, respectively. Droplet sizes have been shown 
to depend on DFU height (Van Dijke et al., 2010), which we kept as constant as 
possible at 2 µm for both devices. The droplets were indeed rather similar in 
size; slight differences may have occurred due to slightly different dimensions. 
DFU activation increased with pressure for both Multi EDGE and Partitioned 
EDGE, but did not seem to be influenced by main plateau height (Figure 2.2c). 
As explained earlier, the DFUs start to become active when Papp exceeds PLP, 
and since the DFUs have equal dimensions, our hypothesis was that all pores 
become active at this breakthrough pressure of 95 mbar. In reality, about three 
times the breakthrough pressure was required for an activity of 100% (Figure 
2.2c). Similar effects were described by Abrahamse and co-workers for cross-
flow membrane emulsification; as soon as the dispersed phase flows through 
one DFU, this prevents the neighbour DFUs from becoming active (Abrahamse 
et al., 2002).



Upscaling microfluidic emulsification: the importance of sub-structure design in EDGE devices

29

2

0

10

20

30

40

50

0 200 400 600 800 1000

d
(µ

m
)

Pressure (mbar)

a

0

20

40

80 120 160

0

500

1000

1500

2000

2500

0 200 400 600 800 1000

Fr
eq

ue
nc

y 
(H

z)

Pressure (mbar)

0

40

80

80 120 160

0

20

40

60

80

100

0 200 400 600 800 1000

Po
re

 a
ct

iv
at

io
n 

(%
)

Pressure (mbar)

c

0

50

100

75 125 175

0

100

200

300

400

0 200 400 600 800 1000

Fl
ux

 (L
/m

2 h
)

Pressure (mbar)

d

0

200

400

80 100 120

b

Figure 2.2. Effect of dispersed phase pressure on: droplet size – d – (a), droplet formation 
frequency (b), pore activation (c), and hexadecane flux (d) for Partitioned EDGE (○) and Multi 
EDGE (□). The dashed vertical lines (in (a)) denote the breakthrough pressure; the solid lines (in 
(a)) the blow-up pressures. The arrow in (b) indicates the LaPlace pressure of the meniscus when 
no surfactant is adsorbed. Error bars in (a) denote standard deviations. 

When increasing the pressure beyond the breakthrough pressure for Multi 
EDGE, the droplet formation frequency per DFU initially increased faster 
compared to Partitioned EDGE (initial slopes in Figure 2.2b), which is caused by 
the lower flow resistance of the main plateau in Multi EDGE. Just before blow-
up, the maximum droplet formation frequency per DFU was ~ 30 times higher 
for Partitioned EDGE (blow-up pressure of 900 mbar) compared with Multi 
EDGE (blow-up pressure of 130 mbar). When including the slight difference in 
droplet size, the DFU productivity of hexadecane droplets by Partitioned EDGE 
was ~ 22 times higher. 

To further improve the performance of microfluidic emulsification devices, we 
next identify the cause of the lower DFU productivity and blow-up pressure of 
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Multi EDGE. To do so, we divide droplet formation into two stages: (i) necking 
and (ii) down time. During necking, the dispersed phase leaps into the deeper 
continuous phase channel, where it adopts a droplet-like shape, which is still 
connected to the fluid on the plateau via a ‘neck’. When the neck collapses (due 
to interfacial tension forces), the droplet is detached and with that the necking 
stage is finished (Figure 2.3a-c). Modelling studies have been performed leading 
to identification of local flow profiles (Montessori et al., 2018, 2019; Van Dijke 
et al., 2010, 2008; van Dijke et al., 2010c). During the down time, the meniscus 
first retreats into the micro-plateau after which the DFU refills (Figure 2.3c-e). 
The latter only occurs when there is a positive pressure difference, which is 
defined as:

(2.5)

So, to obtain a short down time, which is desired because this will increase the 
productivity, ∆Pp needs to be high, which is the case when Papp is high and/or 
PLP is low; the first factor is determined by the blow-up pressure, and the latter 
is determined by the extent of surfactant adsorption at the interface. The down 
time ends when the dispersed phase leaps into the continuous phase channel 
again (Figure 2.3e).

Down timeNecking

c db ea
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Water + 
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Figure 2.3. The two stages of droplet formation; a-b-c depict necking and c-d-e depict down time.

We measured necking and down times for both Multi EDGE and Partitioned 
EDGE at the highest pressures before blow-up (Pblow-up) (Table 2.2). These results 
show that at high dispersed phase pressures, the down time is a substantial 
part of droplet formation. At lower pressures, the ratio of down/necking time 
would have been even higher because surfactant adsorption would be required 
to initiate refilling of the DFU. We found a down time of 16 ms for Multi EDGE 
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versus 0.2 ms for Partitioned EDGE at Pblow-up, which was the main cause for 
differences in productivity. The necking times were more comparable, although 
Partitioned EDGE is still considerably faster as Multi EDGE (Table 2.2). So, ∆Pp 
will be higher in Partitioned EDGE than in Multi EDGE, which indicates that for 
Partitioned EDGE Papp is relatively high, and/or PLP is relatively low. 

Table 2.2. The droplet formation time, necking time, down time and the ratio between the down and 
necking time at the maximum productivity before blow-up, with standard deviations for Partitioned 
EDGE and Multi EDGE.
Chip Drop formation 

time (ms)
Necking time 

(ms)
Down time 

(ms)
Ratio down / 
necking time

Multi EDGE 17 ± 2.1 1.5 ± 0.30 16 ± 2.1 10 ± 2.5

Partitioned EDGE 0.52 ± 0.021 0.33 ± 0.065 0.19 ± 0.069 0.59 ± 0.23

We can calculate the average PLP over the total droplet formation (necking + 
down time) from:

(2.6)

𝜙tot (DFU flow rate) was calculated by multiplying the DFU frequency with the 
droplet volume; for Rt,mi (the flow resistance of the whole shallow connection per 
micro-plateau, Equation 2.4) and Papp we used values in Table 2.3). This results 
in an average PLP of 122 mbar for Multi EDGE and 330 mbar for Partitioned 
EDGE. For both devices this is higher than the breakthrough pressure of 95 
mbar, which indicates that the interfacial tension during down time is highly 
dynamic: just after droplet formation (Figure 2.3c) barely any SDS has adsorbed 
yet, but over time SDS adsorption will occur (provided that the down time is 
long enough as would be the case in Multi EDGE), and the interfacial tension 
will gradually decrease (Figure 2.3c-3e). When the applied pressure is higher 
than the PLP of a bare hexadecane-water interface, the meniscus barely moves 
backwards after droplet formation (Figure 2.3c) and immediately starts moving 
forward (Figure 2.3d & e). This phenomenon was also used to explain the sudden 
exponential increase in bubble formation frequency when the applied pressure 
was higher than the PLP of a bare air-water interface (Deng et al., 2021). In line 
with those results, we observed an increased productivity around an applied 
pressure of 530 mbar (Figure 2.2b; arrow), which corresponds to the PLP of a 
bare hexadecane-water meniscus (PLP,max) (Figure 2.3d). 

Table 2.3. The total flow resistance expressed for one micro-plateau (Rt,mi), the blow-up pressures 
(Pblow-up), and the Laplace counter pressures (PLP) (as calculated by Equation 2.6) with standard 
deviations for Partitioned EDGE and Multi EDGE.
EDGE type Rt,mi (Pa s/m3) Papp (mbar) PLP (mbar)

Partitioned EDGE 6.2 · 1016 900 ± 20 122
Multi EDGE 1.9 · 1016 130 ± 10 330
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In contrast, for applied pressures below the Laplace pressure of a bare hexa-
decane-water interface, the meniscus will even momentarily move backwards, 
and droplet formation can only start if the Laplace pressure is lowered through 
SDS adsorption (Figure 2.3c & d). The subsequent forward motion is slow when 
the pressure difference is small resulting in a long down time. With Equation 
2.6 we calculated an average PLP for droplet formation, but we expect the PLP 
during down time to be even higher than that because during the necking stage 
there is not an effective PLP (Appendix). We expect that the average PLP of the 
meniscus (Figure 2.3d) for Partitioned EDGE during down time is close to that 
of a bare hexadecane-water interface (PLP,max of 530 mbar). This also implies that 
the time-average ∆Pp for Multi EDGE in the situation shown in Figure 2.3d & e is 
probably only a few mbar. For Partitioned EDGE this was probably a few hund-
red mbar, which means that the relative difference in ∆Pp between the devices 
was in the order of a factor of one hundred. The forward motion of the menisci 
(Figure 2.3d & e) is determined by the pressure difference divided by the flow 
resistance of the device (Equation 2.6). Since Multi EDGE has a 3.3 times lower 
Rt,mi (Equation 2.6, Table 2.3), the actual difference in forward motion of the 
menisci between the devices would be in the order of 100/3.3, when operated 
at their maximum productivity. To summarise, the low flow resistance of Multi 
EDGE caused that at low pressures the viscous force already exceeds the inter-
facial tension force, resulting in a low blow-up pressure. The low blow-up pres-
sure leads to a low ∆Pp, and therefore a long down time, leading to a low droplet 
formation frequency. 

As mentioned, there was a factor five difference in necking time between Multi 
EDGE and Partitioned EDGE (Table 2.2). It was previously shown for bubbles that 
the necking time decreases with increasing applied pressure (Deng et al., 2021). 
We estimated the blow-up pressure of Multi EDGE with the Hagen-Poiseuille 
equation, based on the flow during necking of Partitioned EDGE. The values we 
calculate for Multi EDGE are high (270 mbar) compared to what we measured 
(130 mbar) (Appendix). This value is lower than PLP,max, and therefore ∆Pp during 
down time would still be relatively low. This would result in a long down time, 
which would reduce the DFU productivity of Multi EDGE, again stressing the 
importance of the flow resistance of the sub-structure. The difference between 
the calculated blow-up pressure and measured blow-up pressure of Multi EDGE 
may be due to a difference in contact angle between the devices; in literature it 
has been suggested that an increase of 10° in contact angle can lead to a factor 
two difference in maximum productivity (Eggersdorfer et al., 2018). In addition, 
the difference in height between main and micro-plateau for Multi EDGE may 
have influenced the flow profile of the dispersed phase inside the micro-plateau 
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and affect the instability needed for droplet formation (Figure 2.3b & c). For 
microchannels with diameters of a few hundred µm operated at low Reynolds 
numbers (< 1) the entrance length is close to the hydraulic diameter. If we 
translate this directly through to our channels, this would imply an entrance 
length of around 3 µm (Galvis et al., 2012), which could be relevant given the 
device dimensions. To elucidate this, the sub-structure geometry should be 
systematically varied. 

A special feature in Partitioned EDGE is that far beyond the blow-up pressure, 
large droplets are formed by the physical force that neighbouring droplets 
exert on each other by direct contact, and as this happens in a cascade fashion, 
this leads to a monodisperse emulsion (ten Klooster et al., 2019). This was not 
observed for Multi EDGE, and most probably this has to do with the fact that 
in Multi EDGE the droplet formation units are positioned further apart, and 
the forming droplets are less confined as in Partitioned EDGE. Furthermore, at 
blow-up, slightly less droplet formation units are active, therewith increasing 
the average distance, and reducing the chance of interaction (Figure 2.1).

2.3.3 Comparing Multi EDGE with other devices
Compared to Multi EDGE, straight-through microchannels (MCs) are the most 
similar upscaled microfluidic emulsification devices (Figure 2.4). MCs receive 
the to be disperse phase by individual narrow channels that are all connected 
to the same general feeding area (Figure 2.4a), whereas EDGE devices receive 
the to be dispersed phase from a common (main) plateau (Figure 2.4b). These 
differences in device geometry are thought to influence DFU activity. For 
asymmetric straight-through MCs, the fraction of active channels increases 
with oil viscosity. For instance, 50% and 95% of the channels were active for 
the preparation of ~ 30 µm tetradecane (viscosity of ~ 3 mPa s) and soybean 
oil droplets (typical viscosity of 50-60 mPa s), respectively (Vladisavljević et 
al., 2011). According to the reasoning that we used before for EGDE devices 
(Equation 2.5), the high viscosity oil will flow more slowly, which increases the 
chances for activation of neighbouring DFUs (Abrahamse et al., 2002). In line 
with this, the DFU activation of symmetric straight-through MCs decreased to 
12% when making smaller (9.8 µm) soybean oil droplets, which is probably 
caused by the higher applied pressures needed to overcome the Laplace 
pressure of the meniscus in this narrower channel (Figure 2.3d) (Kobayashi et 
al., 2008). In EDGE devices, early blow-up is prevented by the flow resistance 
of the substructure, which increases pore activation (Figure 2.2c). This is an 
important lead for microfluidic design (e.g. making longer DFUs). 
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a b

Figure 2.4. Schematic 3D representation of asymmetric straight-through MCs (a) in comparison 
with Multi EDGE (b). Oil is pushed through the circular channels at the bottom and droplets form 
at the top.

For small droplet (~ 10 µm) production, Multi EDGE devices seem to hold a 
competitive advantage due to their high micro-plateau activation (93%). Ideally, 
we would like to compare the throughput of EDGE and MCs for similar droplet 
sizes and oil viscosities, but we could not find this combination in literature. 
However, a derived comparison is possible. In MCs studies a throughput of 2700 
L/m2h was found for 30-µm tetradecane droplets, and it was suggested that the 
throughput would be an order of magnitude lower when 10-µm droplets are 
targeted (Vladisavljević et al., 2011). Therefore, we think that the current Multi 
EDGE design, with its 313 L/m2h throughput for 10-µm hexadecane droplets, 
performs similarly to straight-through MCs. 

We have also shown that there is still considerable room for improvement 
for Multi EDGE, and this may also be the case for straight-through MCs. As 
discussed earlier, if the frequencies obtained with partitioned EDGE can be 
reached in Multi EDGE by increasing the flow resistance of the device, this 
would imply approximately a 20 times higher DFU productivity. In addition, 
when using hexadecane as the dispersed phase in a regular EDGE device, 
productivity increased by a factor forty when using 5 wt.% of α-lactalbumin (a 
dairy protein) as an emulsifier instead of 0.5 wt.% of SDS (Sahin et al., 2016). 
These effects clearly indicate that much higher productivity is feasible when 
product formulation is used as an additional variable.

2.3.4 Outlook for upscaling microfluidic emulsification devices
All of the above shows that the design of microfluidic emulsification devices are 
of utmost importance to improve overall productivity. DFU productivity can be 
increased by increasing flow resistance of the dispersed phase sub-structure. 
This will lead to a blow-up pressure that is substantially higher than the Laplace 
pressure of the empty interface. The pressure difference of such a device will 
always be positive, and droplets can be formed without the need for emulsifier 
adsorption taking place, which reduces down time and droplet formation 
time greatly. This will allow the DFU frequency to steeply increase (as shown 
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in Figure 2.2b for the Partitioned EDGE). A similar effect may be achieved by 
increasing the surfactant concentration, since this will decrease the interfacial 
tension faster during down time, which increases the pressure difference. 

If the DFUs do not get a sufficient supply of emulsifier, this will have two 
negative consequences: (i) coalescence may occur, which negatively impacts 
droplet monodispersity and (ii) droplet formation might not be taking place at 
downstream pores if SDS gets depleted; the interfacial tension of these menisci 
(Figure 2.3d) will be close to the interfacial tension of a bare oil-water interface, 
which is higher than the blow-up pressure in the case of Multi EDGE, which 
could result in inactive DFUs. Therefore, we recommend to estimate how much 
emulsifier the droplet generator needs, which can be achieved by multiplying 
the formation frequency of droplets per DFU (58 s-1 for Multi EDGE) with the 
amount of active pores (70,000) the surface area of one droplet (3.8 · 10-10 
m2) and the interfacial load (~ 1 mg m-2) (Berton-Carabin et al., 2014). So, for 
Multi EDGE that would be 1.5 · 10-6 g/s. If an SDS concentration of 5 g/L is used, 
the lowest possible continuous phase flow rate to cover all droplets with SDS 
would be 1.1 mL per hour, and one would need to apply a flow rate of several 
times this amount for two reasons: (i) the droplets are formed at locations 
of low continuous phase flow, and it is undesirable to deplete the surfactant 
concentration there and (ii) to decrease the interfacial tension faster during 
down time, which promotes droplet formation as explained above.

2.4 Conclusion

In this chapter, we have shown that Multi EDGE devices enable stable production 
of 10-μm monodisperse hexadecane droplets at ~ 0.31 m3/m2h over long periods 
of time, which brings the device close to industrially relevant values. Designing 
upscaled microfluidic emulsification devices should be done wisely to further 
increase the productivity, which can be done by increasing the flow resistance 
of the dispersed phase sub-structure. The required pressure to reach maximum 
production (before blow-up occurs) is then higher, which leads to a larger driving 
force for refilling of the droplet formation unit, therewith effectively increasing 
the throughput. The down time can be minimized if the blow-up pressure is 
higher than the bare oil-water Laplace pressure of the meniscus in the droplet 
formation unit. If that is the case, surfactant adsorption is not required for 
refilling the droplet formation unit, which makes the refill fast. To make most 
out of the insights generated in this chapter, current limitations in microfluidic 
chip design need to be mitigated, and we would like to challenge construction 
companies to help us make Multi EDGE a break-through technology.
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2.5 Appendix

2.5.1 Flow during necking and counter pressure
The flow during necking can be determined by recording the time the necking 
stage takes (tneck) and the volume of the final droplet (Vdrop):

(A2.1)

Vdrop is determined as described in the main text and tneck is determined by 
dividing the number of frames that the necking stage takes by the frame rate. 
The flow during necking was measured for Partitioned EDGE at blow-up and 
compared with the theoretical flow during necking, which can be determined 
by the Hagen-Poiseuille equation:

(A2.2)

The results for 𝜙n, theory and 𝜙n, experimental differ only by 2%, which suggests that 
there is no effective counter pressure during necking (Table A2.1).

2.5.2 Calculated blow-up pressure
The blow-up pressure has been argued to be the pressure at which the viscous 
forces from the dispersed phase flow start to dominate over the interfacial 
tension force in the neck (Dangla et al., 2013). Since differences in sub-structure 
of the EDGE devices are not expected to influence the interfacial tension force 
in the neck, we would expect that the flow during necking at blow-up would be 
the same for Partitioned EDGE and Multi EDGE. Since the section above shows 
that there is not an effective counter pressure during necking, we can rewrite 
Equation A2.2 to find the theoretical blow-up pressure of Multi EDGE, based on 
the maximum flow during necking for Partitioned EDGE( 𝜙n, experimental) and flow 
resistance calculated for one micro-plateau of Multi EDGE (Rt, mi):

(A2.3)

When using the 𝜙n, experimental from Partitioned EDGE (Table A2.1) and the Rt,mi 
from Multi EDGE (Table 2.3, main text), we find a theoretical blow-up pressure 
for Multi EDGE of 270 mbar. This is higher than the experimentally determined 
blow-up pressure of 130 mbar. As described in the main text, this could be due 
to a difference in contact angle of Multi EDGE and Partitioned EDGE or due to 
a different flow profile caused by the main plateau dimensions (especially the 
height).
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Table A2.1. Results of flow during necking for Partitioned EDGE at blow-up.
Necking flow Vdrop (ml) tneck (ms) Papp (Pa) Rt,mi (Pa s/m3) 𝜙n (ml/s)

Experimental 4.96 · 10-10 0.335 - - 1.48 · 10-6

Theory - - 9.0 · 104 6.22 · 1016 1.45 · 10-6
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Abstract

Microfluidic emulsification has the potential to produce emulsions with very 
controlled droplet sizes in a subtle manner. To support in unleashing this 
potential, we provide guidelines regarding upscaling based on the performance 
of Upscale Partitioned EDGE (UPE) devices, using rapeseed oil as the to-be-
dispersed phase and whey proteins as the emulsifier. The UPE5x1 device (11,000 
droplet formation units (DFUs) of 5 · 1 µm) produced 3.5-µm droplets (CV 
3.2%) at 0.3 mL/h; UPE10x2 (8,000 DFUs of 10 · 2 µm) produced 7-µm droplets 
(CV 3.2%) at 0.5 mL/h, and at higher pressures, 32-µm droplets (CV 3-4%) at 
4 mL/h. These productivities are relatively high compared to those of other 
devices reported in literature (e.g., Microchannel, Tsukuba and Millipede, 
Harvard).

Based on these results, and on others from literature, we conclude that: (i) the 
continuous phase channel dimensions need to be chosen such that they allow 
for gradual filling of this channel with droplets without decreasing the pressure 
over the droplet formation units significantly; (ii) the dispersed phase supply 
channel design should create a wide stable droplet formation pressure range to 
increase productivity; and (iii) higher productivities can be obtained through 
the choice of the ingredients used; low viscosity oil and an emulsifier that 
increases the interfacial tension without negatively affecting device wettability 
is preferred (e.g., whey protein out-performs Tween 20). These results and 
design guidelines are expected to contribute to the first food emulsion products 
prepared with microfluidics. 
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3.1 Introduction

Microfluidic emulsification is an emerging technique to produce, amongst 
others, food and pharma emulsions with a highly controlled droplet size in a very 
subtle manner (Schroën et al., 2015; Zhu et al., 2017). It is also an excellent tool 
to perform high throughput experiments in the fields of biology and chemistry 
compared to conventional approaches (Neves et al., 2017; Shang et al., 2017; Teh 
et al., 2008). Besides, microfluidic emulsification has also been widely used in 
food science as analytical tools to study e.g. lipid oxidation (Neves et al., 2017), 
emulsion physical stability (Hinderink et al., 2021; Krebs et al., 2012; Muijlwijk 
et al., 2017), and so on, as recently reviewed (Schroën et al., 2021). 

In microfluidic emulsification devices, a dispersed phase is contacted with a 
continuous phase in a controlled manner by making use of very small channels 
(van Dijke et al., 2010c). As a result, a droplet is formed either spontaneously 
or due to the shear exerted by the continuous phase flow. The disadvantage of 
microfluidic devices that operate by such shear forces (e.g., T- and Y-junctions, 
flow-focussing and co-flow devices) is that the flow of both phases has to be 
controlled very precisely to make monodisperse droplets, which complicates 
tuning droplet size and reaching a specific concentration of oil in the final 
emulsion (Vladisavljević et al., 2012; Zhu et al., 2017). Spontaneous microfluidic 
emulsification devices are more practical for scale-up because droplet formation 
occurs through a change in Laplace pressure of the dispersed phase, which is 
also the only phase that needs to be controlled precisely (Kawakatsu et al., 
1997; Schroën et al., 2015).

In literature, several upscaled spontaneous microfluidic emulsification devices 
can be found, all with a specific device geometry. It is difficult to compare these 
devices because different assessment criteria exist: droplet size (often smaller 
droplets are desired), droplet monodispersity (often assessed by the coefficient 
of variation (CV)), droplet formation frequency per active droplet formation 
unit (DFU), fraction of active DFUs, productivity per unit area (L/m2h), or 
the actual oil throughput; additionally, throughputs per DFU are higher when 
producing larger droplets (Stolovicki et al., 2018). The intrinsic properties 
of the components used also influence productivity: for example, the higher 
the continuous and dispersed phase viscosities, the lower the productivity 
(Kobayashi et al., 2009; Van Dijke et al., 2010; Vladisavljević et al., 2011). 
In addition, a higher oil-water interfacial tension usually leads to a higher 
productivity (Kobayashi et al., 2005c). This (dynamic) oil-water interfacial 
tension is also affected by the emulsifier type and concentration. Besides, the 
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emulsifier can change the wetting of the channel walls, which may lead to a 
higher productivity (Sahin et al., 2016). The differences in assessment criteria 
and in experimental set-ups make it rather difficult to compare studies fairly. 

In this chapter, we focus on droplets that are below 10 µm, and thus relevant for 
food applications; it would be even more favourable from the point of product 
physical stability if we could produce droplets that are smaller than 5 µm and 
for some products even below 1 µm (Gijsbertsen-Abrahamse et al., 2004; Leal-
Calderon et al., 2007). Devices capable of producing droplets < 5 µm have been 
reported, but the productivities were very low (10-3 mL oil per h), which limits 
the options for characterising the obtained emulsion (Kobayashi et al., 2001, 
2007). Here, we present a device called Upscaled Partitioned EDGE (UPE), 
which can be flexibly deployed to make different droplet sizes and oil volume 
fractions, starting from different emulsifiers: Tween 20 and whey proteins as 
prominent representatives of food-grade surfactant and protein emulsifiers, 
respectively. We use several assessment criteria such as droplet sizes, true oil 
droplet production (mL/h) and productivity per chip area (L/m2h) that are 
normalised where possible (e.g., for dispersed phase viscosity (Van Dijke et al., 
2010)) to compare our device with other upscaled devices in literature. Finally, 
we provide guidelines for the design and operation of upscaled microfluidic 
emulsification devices. 

3.2 Materials and methods

3.2.1 Materials
Rapeseed oil was kindly provided by Unilever (Wageningen, the Netherlands) 
and stripped with alumina powder (MP EcoChromet ALUMINA N, Activity: 
Super I, Biomedicals) to remove surface-active impurities and endogenous 
antioxidants (Berton et al., 2011a). Whey protein isolate (WPI), purity 
97.0–98.4% (BiPro®, Davisco, Switzerland) and Tween 20 (Sigma-Aldrich, 
Zwijndrecht, the Netherlands) were used as emulsifiers. Sodium phosphate 
monobasic dihydrate and sodium phosphate dibasic dihydrate (Sigma-
Aldrich, Zwijndrecht, the Netherlands) were used to make the phosphate 
buffer (pH 7.0). For cleaning the chips, we used ethanol, purity 96% v/v (VWR 
International B.V., Amsterdam, the Netherlands) and piranha solution, which is 
a 3:1 v/v ratio of sulphuric acid, purity 96% (Sigma-Aldrich, Zwijndrecht, the 
Netherlands) and 35 wt.% hydrogen peroxide (Sigma-Aldrich, Zwijndrecht, the 
Netherlands). Assay reagent for measuring the triglyceride (TAG) content and 
a standard containing TAGs (Triglycerides liquicolor mono kit) were purchased 
from HUMAN (HUMAN Gesellschaft für Biochemica und Diagnostica mbH, 
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Wiesbaden, Germany). Ultrapure water (18.2 MΩ) was used for all experiments 
and prepared using a Milli-Q system (Millipore Corporation, Billerica, MA, USA).

3.2.2 Chip design
The Upscaled Partitioned EDGE (Edge-based droplet generation) (UPE) 
microfluidic chips were designed in our lab and produced in glass by deep 
reactive ion etching (DRIE) (Micronit Microfluidics, Enschede, The Netherlands). 
The relatively deep continuous and dispersed phase channels and the shallow 
plateaus, including the micro-plateaus (droplet formation units: DFUs), were 
etched into two separate glass substrates, which were later bonded together and 
diced. In the relatively long and deep continuous phase channel, the droplets 
were formed and collected. The layout of the microchips is shown in Figure 3.1; 
the dimensions of the micro-plateaus are specified in Table 3.1.

Figure 3.1. Top-view design of the Upscaled Partitioned EDGE chips used in this research. The 
blue ‘twisted road’ channel is the continuous phase channel, and the yellow ‘twisted road’ channel 
is the to-be-dispersed phase channel. The grey rectangular areas in between these channels are 
the main plateaus that contain the micro-plateaus with the Droplet Formation Units (DFU). A 
3D representation of a DFU is shown in the right lower corner, showing oil – in yellow –, being 
pushed out of the DFU and forming a droplet, which is ready to detach. Dimensions of the DFUs 
are in Table 3.1. This illustration is not to scale; only 12 out of the 42 main plateaus are shown 
per row.

Table 3.1. Characteristic dimensions of the Upscaled Partitioned EDGE devices.
Coding used Dimensions of 

micro-plateaus
[L · W · H] [µm]

Number of 
main plateaus 

[-]

Number of 
micro-plateaus

per main plateau [−]

Total number of 
micro-plateaus (DFUs) 

[-]
UPE5x1 40 · 5 · 1 336 33 11,088
UPE10x2 40 · 10 · 2 336 24 8,064

3.2.3 Continuous and dispersed phase preparation
The day before emulsion production with the microfluidic chips, the emulsifier 
(either 5.0 wt.% WPI or 2 wt.% Tween 20) was dissolved in 10 mM phosphate 
buffer (pH = 7.0) and gently stirred overnight at 4 °C. Prior to use, the dispersed 
and continuous phase liquids were filtered using a 0.22-µm filter (Minisart 
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High-Flow, Sartorius Stedim Biotech GmbH, Goettingen, Germany). 

3.2.4 Chip cleaning
The cleaning of the chips is one of the most critical points in microfluidic 
emulsification; if the chip is not properly cleaned, the productivity can be 
reduced (Zhang et al., 2015). After each experiment was completed, the chips 
(including the plateaus) were flushed with ethanol, sonicated in ethanol for 90 
min and then in water for 10 min. Next, the chip was baked in an oven at 500 °C 
for 2 h. The chip was stored until the day before the experiment. The day before 
the experiment, the chip was sonicated (Branson 1800, Brookfield, CT, USA) in a 
glass beaker with piranha (1:3 v/v mixture of sulphuric acid and 35% hydrogen 
peroxide) for 90 min followed by 90 min sonication in ultrapure water, and it 
was left in ultrapure water overnight. On the day of the experiment, the chip 
was rinsed with ultrapure water to remove any leftovers of cleaning chemicals 
from the channels. 

3.2.5 Chip operation
Once cleaned, the device may be used. The microfluidic chip was placed in a 
chip holder from Micronit (Fluidic Connect PRO Chip Holder with 4515 Inserts, 
Micronit Microfluidics, Enschede, The Netherlands). After the main channels 
were wetted with the continuous phase by flowing this phase into the chip gently, 
the oil was pushed into the dispersed phase channel. When rinsed thoroughly, 
the dispersed phase outlet was blocked (Figure 3.1). Next, the dispersed phase 
was pressurized across the plateau, through the micro-plateaus and finally 
through the DFUs. At the DFUs, droplets were formed that were carried away 
by the cross-flowing continuous phase (Figure 3.1). This cross-flow will not 
influence droplet size since the cross-flow is not needed for droplet formation 
in these devices (Sahin et al., 2015). The pressures, and thereby the flows, 
were controlled through a microfluidic control system (Elveflow OB1, MK3, 
Elveflow®, France), and droplet formation was monitored by using an inverted 
microscope (Axiovert 200 MAT, Carl Zeiss B.V., The Netherlands), which was 
connected to a high-speed camera (FASTCAM SA-Z, Photron Limited, Japan). 
The maximum frame rate was 100,000 frames per s, and the resolution was 
0.973 or 0.402 µm/pixel.

3.2.6 Productivity
The maximum emulsion productivity was measured by determining droplet 
size in combination with the droplet formation frequencies and by the actual oil 
content (approximately 5 wt.%) of the collected emulsions. Both methods are 
described below.
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Droplet sizes and frequencies
The productivity was determined by multiplying the average droplet volume 
(section 3.2.7) with the average droplet formation frequency per DFU and 
with the amount of DFUs per chip (Table 3.1). The average droplet formation 
frequency was determined by using a custom-written script in image analysis 
software (Matlab R2019B) on high-speed recordings during production. The 
recordings were taken at several locations on the chip and at several time points 
during production to ensure representative data. 

Triglyceride content of collected emulsions
In addition, the productivity was determined by weighing the amount of emulsion 
collected over time, and measuring the oil content using a colorimetric method 
to determine the triglyceride (TAG) content (Triglycerides Liquicolor Mono kit, 
HUMAN) (Jacobs et al., 1960; Trinder, 1969). In brief, the samples were diluted 
to a range of 0.5-4 g/L. Next, the droplets were broken up in smaller droplets by 
sonification with the Branson Sonifier SFX550 (Brookfield, CT, USA) equipped 
with a sonication tip 1/8′ tapered microtip (Branson, Brookfield, CT, USA) at 
an amplitude of 35% for 15 s. This was done because a large amount of oil-
water interface was required to hydrolyse the triglycerides and thereby obtain 
accurate results using this assay kit. The droplet size distribution of the broken 
droplets was independent of the initial droplet size (Figure A3.1a). Next, about 
20 µL of sample were weighed into a 2-mL microtube, and 1 mL of assay reagent 
was added. The assay reagent content was: 50 mmol/L PIPES buffer (pH 7.5), 
5 mmol/L 4-chlorophenol, 0.25 mmol/L 4-aminoantipyrine, 4.5 mmol/L 
magnesium ions, 2 mmol/L ATP, 1.3 U/mL lipases, 0.5 U/mL peroxidase, 0.4 U/
mL glycerol kinase, and 1.5 U/mL glycerol-3-phosphate oxidase. The samples 
were incubated in a heating block at 800 rpm for 20 minutes at 20 °C. Next, the 
absorbance was measured at a wavelength of 500 nm. A calibration curve was 
generated with TAG dispersions with known concentrations ranging from 0.5-4 
g/L. Finally, the productivity was calculated based on the amount of collected 
sample and its TAG content.

3.2.7 Droplet sizes measurements
Image analysis
A small volume (3 µL) of sample was taken from the collected emulsions and 
analysed using a Carl Zeiss Axioscope A1 optical microscope (Carl Zeiss BV, 
Breda, the Netherlands) equipped with a camera (AxioCam Mrc5). At least 75 
droplets per data point were analysed using a custom-written script in image 
analysis software (Matlab R2019b) to determine the average droplet size, 
which is sufficient when droplets are very monodisperse (Deng et al., 2021). 
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With this script, the droplet diameter is calculated from the circumference of 
the droplet. Since the droplet volume scales with the droplet diameter to the 
power of three, a small systematic error leads to a large error in productivity 
(section 3.2.6); therefore, as a check, the centre-to-centre distance of clustered 
droplets was determined, and with that a correction factor could be calculated 
(Table A3.1). The productivities determined by the different methods described 
above (section 3.2.6) were in line with each other (Figure A3.1b); therefore, 
confirming the appropriateness of the methods used.

Statistics droplet sizes
The size distribution of the droplets was expressed as a coefficient of variation, 
CV, which was defined as:

(3.1)

where σ is the standard deviation of the droplet diameters, and ddr is the number-
average droplet diameter. Based on previous research, droplets with a CV below 
10% can be considered monodisperse (van Dijke et al., 2009).

3.2.8 Viscosity measurements
The viscosity of the rapeseed oil used was measured at 22 °C (the lab 
temperature) with a rheometer (Anton Paar Physica MCR 301, Anton Paar, 
Oosterhout, the Netherlands) at a shear rate of 100 s-1.

3.2.9 Calculations
The pressure difference (∆P) working over the DFUs is calculated as the 
applied pressure over the dispersed phase minus the applied pressure over the 
continuous phase.

The flow resistances (R) of the devices can be calculated with a Hagen-Poiseuille-
based equation for a rectangular channel:

(3.2)

where η is the viscosity, l the length, h the height and w the width of the 
channel, respectively. Equation 3.2 was used to calculate the flow resistance 
of a micro-plateau (actual DFU) and the main plateau separately. The total 
flow resistance of main and micro-plateaus (Rt) was defined as:

(3.3)
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where Rmi is the flow resistance of the micro-plateau, nmi is the number of micro-
plateaus per main plateau and Rma is the flow resistance of the main plateaus. 
The flow resistance of the whole shallow connection, expressed per micro-
plateau (Rt,mi), was calculated as: 

(3.4)

This flow resistance was then used to calculated the flow (ϕ) at a certain 
pressure (P):

(3.5)

The Laplace pressure (PLP) of a bare oil-water interface can be calculated by: 

(3.6)

where γb is the interfacial tension of the bare oil-water interface, r1 and r2 the 
radii of curvature of the meniscus inside the micro-plateau, in this case, half the 
width and half the height (of the DFUs).

3.3 Results and discussion

In section 3.3.1 & 3.3.2, the performance of the Upscaled Partitioned EDGE 
(UPE) device is discussed and in section 3.3.3, UPE is compared with other 
upscaled devices from literature. Section 3.3.4 provides guidelines for upscaling 
spontaneous microfluidic emulsification devices.

3.3.1 Operation of UPE
The chips, with 8,000-11,000 DFUs (Table 3.1), were operated by first 
pushing the continuous phase in the respective channel, after which the applied 
pressure over the dispersed phase was increased until the oil flows over 
the shallow plateaus at the so-called breakthrough pressure (Figure 3.2a), 
which equals the Laplace pressure of the oil-water meniscus that works in the 
opposite direction (van Dijke et al., 2009). Upon further increasing the 
pressure, droplet formation started, and the droplet formation frequency 
increased with pressure, whereas the droplet size was barely affected 
(Figure 3.2b & c) (Sahin et al., 2015). When the pressure was further 
increased, the so-called blow-up pressure was reached, above which larger 
monodisperse droplets were formed through a physical push by 
neighbouring droplets in a cascaded fashion (Figure 3.2d) (ten Klooster et al., 
2019).
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Figure 3.2. The UPE10x2 device in operation: start of oil flow over the main plateaus (a), droplet 
formation at the first DFUs at low pressure (b), production of small monodisperse droplets at 
maximum productivity (c), production of large monodisperse droplets when using the same chip 
at higher dispersed phase pressures (d). Scale bars represent 50 µm.

We produced small emulsion droplets in the first pressure regime at the 
maximum productivity with the UPE5x1 and UPE10x2 chips, using either 5 wt.% 
WPI or 2 wt.% Tween 20 in the continuous phase (Figure 3.3 & 3.4, respectively). 
The droplets were very monodisperse with CVs ranging from 2.7 to 7.8% 
(discussed in more detail in section 3.3.4). The droplets produced with UPE10x2 
were almost twice as large as the droplets produced with UPE5x1, for both 
emulsifiers used (Figure 3.3 & 3.4), which is in line with literature (Kobayashi 
et al., 2004b; Sugiura et al., 2002; van Dijke et al., 2010c). 

Since we were interested in producing several emulsions with droplets of distinct 
sizes, we used the UPE10x2 chip in the second pressure regime to produce larger 
monodisperse droplets, using 5 wt.% WPI or 2 wt.% Tween 20 (Figure 3.3 & 3.4 
respectively). For the UPE5x1 chip, a much higher pressure would be required 
(Equation 3.2) to reach this stage, whereas the droplet sizes remains roughly 
1.6-1.8 times the centre-to-centre distance between two DFUs (ten Klooster et 
al., 2019), which is similar for UPE5x1 and UPE10x2. Overall, these larger droplet 
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sizes are independent of emulsifier used (Figure 3.3 & 3.4), and, as shown 
previously, of continuous and dispersed phase viscosities (ten Klooster et al., 
2019). 

100x

40x

Large droplets
second regime, UPE10x2

Intermediate droplets
first regime, UPE10x2

Small droplets
first regime, UPE5x1

Magni
fication

31.6 ± 0.87 µm

CV: 2.8%

7.4 ± 0.23 µm

CV: 3.2%

3.5 ± 0.11 µm

CV: 3.2%

Figure 3.3. Light microscopy images of the produced rapeseed oil droplets at the maximum 
productivity with 5 wt.% WPI in the continuous phase.

31.7 ± 1.2 µm

CV: 3.8%

12.2 ± 1.0 µm

CV: 7.8%

5.2 ± 0.14 µm

CV: 2.7%
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Figure 3.4. Light microscopy images of the produced rapeseed oil droplets at the maximum 
productivity with 2 wt.% of Tween 20 in the continuous phase.
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3.3.2 Droplet formation mechanism 
During small droplet formation with UPE, two stages can be distinguished: 
the down time (filling) and necking time (Deng et al., 2021; ten Klooster et al., 
2022c). During the down time, the DFU (re)fills if the applied pressure is higher 
than the Laplace pressure of the meniscus in the DFU, and this stage finishes 
when the dispersed phase leaps into the deeper continuous phase channel. This 
is also the starting point for necking. Necking finishes when the liquid thread, 
which connects the droplet to the oil in the DFU, breaks due to the interfacial 
tension force that overcomes the viscous (and inertial) forces (Deng et al., 2021; 
Sugiura et al., 2001; ten Klooster et al., 2022c). 

Effect of emulsifier on droplet formation
For both UPE5x1 and UPE10x2, a 3.5-fold higher pressure could be applied in the 
first pressure regime when comparing WPI with Tween 20 (Table 3.2). Possibly, 
the interfacial tension at the moment of droplet formation is higher for WPI 
because of its higher equilibrium interfacial tension (Bos et al., 2001; Deng 
et al., 2022a; Muijlwijk et al., 2016). An additional explanation could be that 
WPI changes the contact angle that promotes wetting by the continuous phase 
upon irreversible protein adsorption at the glass surface, which therewith may 
increase the pressure stability of the system (Sahin et al., 2016). 

Table 3.2. Applied pressures over the different phases for droplet formation at maximum productivities. 
Chip Emulsifier 

(wt.%)
Breakthrough 
Pressure 
(mbar)

Dispersed 
phase 

pressure 
(mbar)

Continuous 
phase 

pressure 
(mbar)

Pressure 
difference 
∆P (mbar)

Theoretical 
∆PLP bare O/W 
meniscus 
(mbar)

UPE
5x1

5% WPI 350 2,710 150 2,560 720
UPE

5x1
2% 

Tween 20
170 725 25 700 720

             
UPE

10x2
5% WPI 175 920 290 630 360

UPE
10x2

2% 
Tween 20

90 260 60 200 360

As expected, the value of the blow-up pressure affects the productivity: when 
switching from 2 wt.% Tween 20 to 5 wt.% WPI, for UPE5x1 a 5.2-fold higher 
production was found; for UPE10x2 this was 2.5-fold higher; whereas in literature, 
a two-fold lower productivity was found (Sahin et al., 2016). The difference in 
these values is most probably the results of differences in device design, and 
the components used. In the device used by Sahin et al., the Laplace pressure 
of the bare oil-water interface of the meniscus (~ 300 mbar, Equation 3.6) was 
higher than the maximum pressure that could be applied for both emulsifiers 
(for Tween 20, 120 mbar and for WPI, 220 mbar) without blow-up occurring. 
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As a result, emulsifiers have to adsorb before the DFU can refill, which is slower 
when using WPI than when using Tween 20 (Bos et al., 2001; Deng et al., 2022a; 
Muijlwijk et al., 2016), leading to lower productivity for their device (Sahin et 
al., 2016). 

Effect of dispersed phase supply channels on droplet formation
The blow-up pressure (∆P, Table 3.2) is about a 3.5- to 4-fold higher for UPE5x1 
compared to UPE10x2 for both WPI and Tween 20. The blow-up pressure can be 
deduced as follows: the interfacial tension force during the necking stage can be 
assumed independent of the chip used. This implies that the maximum viscous 
force is equal for the chips, which results in an equal flow velocity at blow-up 
pressure (Stolovicki et al., 2018). This occurs when the necking volumetric flow 
rate of UPE5x1 is a fourfold lower than that of UPE10x2 because the DFU area in 
UPE5x1 is four times smaller. The flow resistance of the UPE5x1 chip is around 
a 12.8-fold higher than that of the UPE10x2 chip (Equation 3.2, 3.3, 3.4), which 
implies that the applied pressure has to be a 12.8-fold higher to obtain the same 
volumetric flow rate (Equation 3.5). The resulting theoretical difference of a 
3.2-fold (12.8/4) higher blow-up pressure for the UPE5x1 chip compared to the 
UPE10x2 chip is close to the experimental values (3.5-fold for Tween 20 and 4.1-
fold for WPI, Table 3.2). This shows that the blow-up pressure can be estimated 
based on the dimensions of the DFU and dispersed phase supply channels, and 
that gives a clear handle for productivity enhancement.

3.3.3 Maximum productivities compared to literature
High productivities reported for microfluidic emulsification devices can be 
encountered in literature; for example 1.5 L/h (Gelin et al., 2020). These 
productivities are highly subjective to the droplet size and ingredients used. To 
put the results into perspective, Gelin and co-workers made hexane droplets 
of 45 µm, with a viscosity that is a two hundredfold (60/0.3) lower than our 
rapeseed oil. Since productivity scales linearly with viscosity (and in a more 
complex way with droplet size), it is clear that comparing based on throughput 
only does not do full justice to the capacity of a system. In the next sections, we 
discuss how devices presented in literature could be compared and focus on 
spontaneous devices for their upscaling potential (section 3.1) (Schroën et al., 
2015).

The maximum true throughput 
The maximum ‘true’ oil throughput of a device producing an O/W emulsion, in 
mL/h, can be a way to compare upscaled devices, for example when the goal is 
to produce monodisperse emulsion samples (Khalid et al., 2015; Krebs et al., 
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2012). Especially our 0.30 mL per h for 3.5-µm (CV 3.2%) rapeseed oil droplets, 
for 5 wt.% WPI, is high compared to literature (Table 3.3 & 3.4). The throughput 
for 7.4-µm (CV 3.2%) rapeseed oil droplets, using the UPE10x2 chip with 5 wt.% 
WPI, of 0.54 mL oil per h is high when compared to literature for droplets < 10 
µm and comparable to the study by Kobayashi et al., who produced 1.5 mL/h of 
12-µm (CV 5%) rapeseed oil droplets (Kobayashi et al., 2010), when keeping in 
mind the larger droplets there. The high throughputs in the current research 
are also a result of the 100% DFU activation that we achieved, which makes UPE 
devices stand out from others (Table 3.4).

The true oil throughput of larger droplets (32 µm) in the second pressure regime 
of ~ 4 mL/h is high, especially since it was achieved with ‘only’ 8,000 DFUs, 
showing the potential of this regime for producing larger monodisperse droplets 
(CVs of 3-4%), although it might be difficult to further upscale this because the 
droplets need to interact for their formation. Higher true productivities for 
similar sized droplets have been reported by Kobayashi et al. (23 mL/h of 31-
µm rapeseed oil droplets with 211,000 DFUs) (Kobayashi et al., 2005c) and by 
Vladisavljević et al. (12 mL/h of 27-µm rapeseed oil droplets with 23,000 DFUs) 
(Vladisavljević et al., 2011) (Table 3.4). The productivity per DFU is similar for 
these devices, including our UPE (Table 3.4). 

Surface area related productivity 
Oil droplet productivity of microfluidic emulsification devices is often reported in 
terms of L/m2h (Table 3.3 & 3.4). This area-productivity can only be determined 
if devices in one way or another can be stacked (indicated with the letter ‘T’ in 
Table 3.4). An impressive area-productivity has been reported by Vladisavljević 
and co-workers of 120 L/m2h for the production of 27-µm rapeseed oil droplets 
(Table 3.4) (Vladisavljević et al., 2011), and the microfluidic emulsification 
device called Multi EDGE showed a productivity of 300 L/m2h for the production 
of 10-µm hexadecane droplets (ten Klooster et al., 2022c). When correcting for 
the lower viscosity of hexadecane (3.4 versus 50 mPa s for rapeseed oil (Van 
Dijke et al., 2010)), denoted as (Productivity*), this would result in 20 L/m2h for 
the production of smaller droplets.

It can be useful to calculate a theoretical area-productivity to envision what 
level of upscaling would be required to reach a specific product flow. For some 
devices reported in literature, such a theoretical area-productivity has been 
calculated (Amstad et al., 2016; Sahin et al., 2015), which are indicated in Table 
3.4 by the letter ‘P’. For the UPE devices presented here and other single-layer 
upscaled devices reported in literature, we calculated the area-productivity 
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using the effective area of Multi EDGE (5% (ten Klooster et al., 2022c)) (Table 
3.4, letter ‘S’), and corrected for the dispersed phase viscosity (productivity*). 
We compare the productivity for each droplet size based on the actual size in 
the summary of Table 3.4. The value of 350 L/m2h for UPE5x1 when operated 
with 5 wt.% WPI leading to 3.5-µm droplets compares favourably to the other 
devices that make small droplets. 

3.3.4 Design insights upscaled microfluidic emulsification
The droplet size scales with three to four times the DFU height for constant 
height/width ratio of the device as shown in section 3.3.1 and in literature 
(Kobayashi et al., 2005b, 2007; Montessori et al., 2019). The droplet size can be 
decreased by decreasing the DFU width (Kobayashi et al., 2007; Montessori et 
al., 2019; ten Klooster et al., 2019), increasing the dispersed phase viscosity, or 
decreasing the continuous phase viscosity (ten Klooster et al., 2019; Van Dijke 
et al., 2010; van Dijke et al., 2010c). A minimum DFU height-to-width ratio of 
~ 2.5 is required for monodisperse droplet formation (Kobayashi et al., 2004a; 
Montessori et al., 2019). 

Targeting small droplets will be at the expense of productivity per DFU. For 
example, decreasing the DFU dimensions by a factor of two, will decrease 
the maximum oil flow during necking by a factor of four (section 3.3.2), thus 
requiring four times as many DFUs for the same productivity. Since its surface 
area will be four times smaller, the same total pore area will still lead to the same 
productivity. So, depending on the practical limitations for the spacing between 
pores, this might influence the area-productivity. By reducing the smallest 
dimensions by a factor of two, the Laplace pressure increases by a factor of 
two (Equation 3.6), which is important when targeting a device with a higher 
blow-up pressure than the Laplace pressure of the bare oil-water meniscus 
(see section 3.3.2 and below for the relevance of this). Please note that if the 
dimensions of all channels are decreased by a factor of two, the flow resistance, 
and thereby the blow-up pressure, increases by a factor of 16 (Equation 3.2), 
which may negatively affect the energy efficiency of the device. 

Not only the DFU design, but also the sub-structure design leading to the DFUs 
will influence the overall productivity and pressure stability. When the blow-
up pressure is higher than the Laplace pressure of a bare oil-water interface 
(Equation 3.6) (section 3.3.2) (ten Klooster et al., 2022c), productivity can be 
greatly enhanced, which also holds for some of our UPE-devices as stated earlier 
(Table 3.2). By designing the device in such a way, no surfactant adsorption is 
required for refilling of the DFU to take place, and thus down time is reduced 
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(section 3.3.2). For example, the productivity of UPE10x2 can be improved by 
increasing its blow-up pressure through increasing the flow resistance of the 
main dispersed phase supply channels (plateaus, Figure 3.1) (Table 3.2, Equation 
3.2-3.5). Please be aware that the blow-up pressure is highly dependent on the 
type of oil, continuous phase, emulsifier, and on the dimensions of the DFU 
itself (Sahin et al., 2016; ten Klooster et al., 2019). A high blow-up pressure 
by a high flow resistance of sub-structures will also have advantages for DFU 
activation and, above all, for process stability (ten Klooster et al., 2022c). Yet, 
the blow-up pressure should not be too high to remain energy efficient. In this 
way, the productivity of many devices reported in literature (Kobayashi et al., 
2003, 2007, 2008; ten Klooster et al., 2022c; Vladisavljević et al., 2018) may 
be improved by increasing substructure resistance as far as technical advances 
allow (ten Klooster et al., 2022c).

When the dispersed phase flow rate is known, the device can be operated to 
make a specific oil volume fraction by applying a specific continuous phase flow 
rate. The required pressure follows from Equations 3.2 & 3.5. If the width and 
height of the channels are too large, this can hinder regulating the continuous 
phase flow rate and the gradual fill of droplets into this channel. If they are too 
small, a significant pressure drop causes distal DFUs to operate close to blow-
up, whereas the upstream DFUs run below their maximum production rate. 
For UPE10x2 when using Tween 20 (Table 3.2), the pressure over the continuous 
phase (60 mbar) was in the range of the pressure applied over the dispersed 
phase (260 mbar), which may explain the higher CV (7.8%) compared to the 
other emulsions produced (often 3%) (Figure 3.3 & 3.4).

Away from the droplet size that was discussed earlier, the ingredients used 
to produce emulsions with such microfluidic chips have a major influence on 
the productivity. The viscosity of the oil scales inversely with the productivity 
(Kobayashi et al., 2005a; Van Dijke et al., 2010), and the interfacial tension 
between water and oil scales directly with the productivity (Kobayashi et al., 
2005c, 2005a). Furthermore, productivity decreases with increasing continuous 
phase viscosity (Kobayashi et al., 2009; Van Dijke et al., 2010). The type and 
concentration of emulsifier do affect the productivity as well, and its effect can 
even be dependent on the chip design (section 3.3.2). Generally, the productivity 
increases with higher (dynamic) interfacial tension (Kobayashi et al., 2005c, 
2005a) and with improved device wetting by the continuous phase (Sahin et al., 
2016). However, this is not that well-understood yet to allow for a prediction of 
the productivity based on the emulsifier and its characteristic behaviour both at 
the oil-water interface and at the surface of the microchip walls.
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3.4 Conclusion

We showed that the Upscaled Partitioned EDGE emulsification device (UPE) 
can produce highly monodisperse rapeseed oil droplets when using Tween 
20 and whey proteins as prominent representatives of food-grade surfactant 
and protein emulsifiers, respectively. Productivities were 0.3 mL/h for 3.5-µm 
droplets (CV 3.2%) with 11,000 DFUs of 5 � 1 µm; 0.5 mL/h for 7-µm droplets 
(CV 3.2%) with 8,000 DFUs of 10 � 2 µm; and, with the same chip operated at 
higher pressures, 4 mL/h for 32-µm droplets (CV 3-4%). These productivities 
are high compared to other devices presented in literature.

Further optimisation of the chips is possible: the relatively small continuous 
phase channel dimensions generated a pressure drop over the continuous phase 
that negatively influences monodisperse droplet productivity, which resulted in 
a CV of 7% for Tween 20 (instead of 3%). We also show that the pressure at 
which the DFUs produced larger droplets can be deduced by calculating the 
flow velocity based on the Hagen-Poiseuille equation. This pressure should 
be higher than the Laplace pressure of the meniscus inside the DFU without 
any surfactant adsorbed to generate a fast refill of the DFU. The choice of 
ingredients influences the emulsion production as well: the productivity is 
higher when using WPI than when using Tween 20, which could be a result of 
the higher (dynamic) interfacial tension and/or improved channel wetting by 
the continuous phase. 

The above productivities and design insights will bring us closer to food 
emulsions products produced with microfluidics. Current productivities are 
already sufficient to address knotty problems in food research that we address 
in the next chapters of this thesis, such as the effect of droplet size on chemical 
and physical stability of emulsions, which was only possible because of these 
upscaling efforts.
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Table 3.3. Overview of upscaled spontaneous microfluidic emulsification devices reported in literature 
that produce droplets < 80 µm. The main focus was on oil-in-water emulsions, but the bottom seven rows 
contain water-in-oil emulsion generation devices. Abbreviations: (P)EDGE = (Partitioned) edge-based 
droplet generation, WP(I)(C) = whey protein (isolate) (concentrate), H2O = distilled water, SDS = sodium 
dodecyl sulfate, PVA = polyvinylalcohol, (A)ST = (asymmetric) straight-through, MC = microchannel, PCL = 
polycaprolactone, PLA = poly(D,L-lactic) acid, DCM = dichloromethane, TGCR = tetraglycerin monolaurate 
condensed ricinoleic acid esters, PEG = poly(ethylene)glycol, FL = fluorinated, FLo = fluoro. Distilled or 
ultrapure water was used for all experiments.
Article Name device H · W 

(µm)
Dispersed 
phase

hd
(mPa s)

Continuous 
phase

DFUs

This chapter Upscaled P-EDGE 
(UPE_5x1)

1 · 5 Stripped 
rapeseed oil

63.8 H2O, 2% 
Tween 20

11,088

This chapter Upscaled P-EDGE 
(UPE_5x1)

1 · 5 Stripped 
rapeseed oil

63.8 H2O, 5% WPI 11,088

This chapter Upscaled P-EDGE 
(UPE_10x2)

2 · 10 
(low P)

Stripped 
rapeseed oil

63.8 H2O, 2% 
Tween 20

8,064

This chapter Upscaled P-EDGE 
(UPE_10x2)

2 · 10 
(low P)

Stripped 
rapeseed oil

63.8 H2O, 5% WPI 8,064

This chapter Upscaled P-EDGE 
(UPE_10x2)

2 · 10 
(high P)

Stripped 
rapeseed oil

63.8 H2O, 2% 
Tween 20

8,064

This chapter Upscaled P-EDGE 
(UPE_10x2)

2 · 10 
(high P)

Stripped 
rapeseed oil

63.8 H2O, 5% WPI 8,064

(van Dijke et 
al., 2010a)

EDGE-R 1.2 · 500 Sunflower oil 50 H2O , 6 wt.% 
WPC

196

(van Dijke et 
al., 2010a)

EDGE-R 1.2 · 500 Hexadecane 3.4 H2O , 6 wt.% 
WPC

196

(Sahin et al., 
2015)

P-EDGE 2 · 5 (low 
P)

Hexadecane 3.4 H2O, 0.5 wt.% 
SDS

33

(Sahin et al., 
2015)

P-EDGE 2 · 5 (high 
P)

Hexadecane 3.4 H2O, 0.5 wt.% 
SDS

33

(ten Klooster et 
al., 2022c)

Multi EDGE 2 · 10 Hexadecane 3.4 H2O, 0.5 wt.% 
SDS

75,000

(Ofner et al., 
2017)

Step 100 · 20 Hexadecane 3.4 H2O, 2 wt.% 
PVA

364

(Kobayashi et 
al., 2003)

ST-MC 9.6 · 48.7 Refined 
soybean oil

50.4 H2O 1 wt.% 
Tween 20

4,300

(Kobayashi et 
al., 2003)

ST-MC 9.6 · 48.7 Refined 
soybean oil

50.4 H2O 1 wt.% 
SDS

4,300

(Kobayashi et 
al., 2005b)

AST-MC 11 · 104 Decane 0.87 H2O 1 wt.% 
SDS

10,313

(Kobayashi et 
al., 2005b)

AST-MC 11 · 104 Refined 
soybean oil

50.4 H2O 1 wt.% 
SDS

10,313

(Kobayashi et 
al., 2007)

MC 0.32 · 3.2 Refined 
soybean oil

50.4 H2O 1 wt.% 
SDS

1,500

(Kobayashi et 
al., 2007)

MC 0.72 · 3.2 Refined 
soybean oil

50.4 H2O 1 wt.% 
SDS

1,500

(Kobayashi et 
al., 2007)

MC 1.4 · 3.2 Refined 
soybean oil

50.4 H2O 1 wt.% 
SDS

1,500

(Kobayashi et 
al., 2001)

MC (SMC-B4) 1.2 · 
missing

Refined 
soybean oil

50.4 H2O, 1.5 wt.% 
Tween 80

1,200

(Kobayashi et 
al., 2005c)

ST-MC 6.6 · 26.7 Refined 
soybean oil

50.4 H2O ,1wt.% 
SDS

211,248

(Kobayashi et 
al., 2005c)

ST-MC 6.6 · 26.7 Silicone oil 48 H2O ,1wt.% 
SDS

211,248
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(Kobayashi et 
al., 2010)

MC 2 · 40 Refined 
soybean oil

50.4 H2O, 1 wt.% 
SDS

11,900

(Vladisavljević 
et al., 2011)

AST-MC 10 · 50 Refined 
soybean oil

50 H2O, 2% 
Tween 20

23,348

(Vladisavljević 
et al., 2011)

AST-MC 10 · 50 Medium chain 
triglycerides

20 H2O, 2% 
Tween 20

23,348

(Vladisavljević 
et al., 2011)

AST-MC 10 · 50 Tetradecane 2.7 H2O, 2% 
Tween 20

23,348

(Kobayashi et 
al., 2012)

AST-MC array 17 · 119 Tetradecane 2.7 H2O, 2 wt.% 
Tween 20

24,772

(Vladisavljević 
et al., 2018)

MC (step), DMS6 
design 1

5 · 18 2 wt. % PCL 
(1), 1 wt. % 
PLA (2) in 
DCM (3)

0.4 H2O, 2 wt.% 
PVA

540

(Vladisavljević 
et al., 2018)

MC (step), DMS6 
design 2

4 · 8 2 wt. % PCL 
(1), 1 wt. % 
PLA (2) in 
DCM (3)

0.4 H2O, 2 wt.% 
PVA

1,850

(Kobayashi et 
al., 2008)

ST-MC, MC TMS 
11-2

2.3 · 10 Refined 
Soybean oil

50.4 H2O, 1 wt.% 
SDS

23,548

(Kobayashi et 
al., 2008)

ST-MC, MC TMS 
11-2

2.3 · 10 23.8% H2O, 
1.2% NaCl, 

75% glycerol

33.9 3.0 wt.% 
TGCR(7) 
in decane

23,548

(Kobayashi et 
al., 2009)

AST-MC, MC 
arrays, WMS 1-1

10 · 150 H2O, 0.86 mol 
L−1 NaCl

1 Decane, 3 
wt.% TGCR (7)

6,516

(Stolovicki et 
al., 2018)

Volcano Step (h=6 
µm)

6 · 35 H2O 1 HFE 7500, 
1 wt.% FLo-
surfactant

384

(Stolovicki et 
al., 2018)

Volcano Step 
(h=12 µm)

12 · 70 H2O 1 HFE 7500, 
1 wt.% FLo-
surfactant

192

(Stolovicki et 
al., 2018)

Volcano Step 
(h=20 µm)

20 · 100 H2O 1 HFE 7500, 
1 wt.% FLo-
surfactant

160

(Amstad et al., 
2016)

Millipede (h=20 
µm)

20 · 130 H2O, 10 wt.% 
PEG (8)

8 FL oil, 1 wt.% 
FLo-surfactant

550

(Amstad et al., 
2016)

Millipede if 
upscaled (h=20 

µm)

20 · 130 H2O, 10 wt.% 
PEG (8)

8 FL oil, 1 wt.% 
FLo-surfactant

550
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3.5 Appendix 
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Figure A3.1. Droplet size distributions of sonication-based broken up small droplets (dashed 
line) and large droplets (solid line) prepared with 2 wt.% Tween 20 (a). The production of oil 
droplet as measured by image analysis (open bars) and by collecting the emulsion and measuring 
its oil content (filled bars) (section 3.2.6) when using 5 wt.% WPI in the continuous phase (b).

Table A3.1. The calculated correction factors for the analysis of droplet sizes by the Matlab script, with 
their standard deviations for the small, intermediate, and large droplets produced with 2 wt.% Tween 20 
or 5 wt.% WPI.
  Small Intermediate Large
Tween 20 0.906 ± 0.021 0.949 ± 0.012 0.911 ± 0.00024
WPI 0.883 ± 0.0042 0.922 ± 0.019 0.951 ± 0.0039
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Abstract

Lipid oxidation deteriorates the sensorial and nutritional quality of emulsions 
containing polyunsaturated fatty acids. This deleterious reaction is expected to 
increase with decreasing droplet size, as this increases the specific interfacial 
area between oil and water, but clear experimental evidence in literature is 
lacking. Discrepancies in literature can be caused by confounding factors such 
as the droplet polydispersity inherent to most emulsions, and the effects of 
components present in the continuous phase. 

In this chapter, we used microfluidic emulsification to produce highly 
monodisperse emulsions with average droplet sizes of 4.7, 9.1, and 26 µm. This 
allowed us to show, for the first time, that lipid oxidation increases systematically 
with decreasing droplet size, which is ascribed to the favoured accessibility of 
the prooxidants present in the continuous phase to the lipids. We further found 
that co-oxidation of the surfactant used as emulsifier (Tween 20) substantially 
contributes to the overall oxidative degradation of the systems, especially 
those containing the fast oxidising smallest droplets. These insights show the 
importance of the control over droplet size to improve the oxidative stability of 
emulsion products.
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4.1. Introduction

Products containing polyunsaturated fatty acids (PUFAs) have a limited chemical 
stability due to lipid oxidation, which reduces the shelf life by generating off-
flavours and degrading their nutritional quality (Schaich, 2005). Lipid oxidation 
has become an increasing issue for the food industry given the current trends 
to promote polyunsaturated fatty acids in the diets for their health benefits, 
while reducing additives, including synthetic antioxidants, due to consumer 
preferences and potential health concerns (Berton-Carabin et al., 2014). Lipid 
oxidation issues are particularly marked in oil-in-water (O/W) emulsions, 
where the oil–water interface allows contact between the lipid substrate and 
water-soluble prooxidants, such as metal ions, which initiates lipid oxidation 
(Berton-Carabin et al., 2014; Laguerre et al., 2009). 

Recent publications on lipid oxidation have shed light on spatiotemporal 
aspects of oxidising emulsions, which has led to hypotheses that would need to 
be substantiated experimentally, leaving ample room for discoveries (Laguerre 
et al., 2017, 2020; Villeneuve et al., 2018; Yang et al., 2020). One spatiotemporal 
aspect that is not well-understood is how the droplet size affects lipid oxidation 
(Berton-Carabin et al., 2014). A logical hypothesis would be that smaller droplets 
oxidise faster because they have a larger specific interfacial area, allowing for 
more initiation reactions. Some results in literature indeed confirm that small 
droplets oxidise faster (Azuma et al., 2009; Gohtani et al., 1999; Horn et al., 
2013; Jacobsen et al., 2000; Kuhn et al., 2012; Lethuaut et al., 2002; Li et al., 
2019; Ma et al., 2013; Neves et al., 2017; Rampon et al., 2001; Yang et al., 2020), 
whereas others indicate that larger droplets oxidise faster (Atarés et al., 2012; 
Azuma et al., 2009; Horn et al., 2013; Let et al., 2007; Nakaya et al., 2005; Neves 
et al., 2017; O’Dwyer et al., 2013; Ries et al., 2010), or that droplet size does 
not influence lipid oxidation (Atarés et al., 2012; Costa et al., 2020; Dimakou 
et al., 2007; Kiokias et al., 2007; Kuhn et al., 2012; Ma et al., 2013; Neves et al., 
2017; Osborn et al., 2004; Yang et al., 2020). How the droplet sizes influences 
lipid oxidation has been related to the components used (Atarés et al., 2012; 
Azuma et al., 2009; Horn et al., 2013; Yang et al., 2020) or the applied incubation 
conditions (Neves et al., 2017). 

Part of the confusion about how the droplet size affects lipid oxidation is 
expected to be related to the difficulty to vary just the droplet size, since other 
parameters are often changed concurrently, which may affect lipid oxidation 
as well. For example, the emulsification procedure influences lipid oxidation in 
emulsions (Horn et al., 2012; Kuhn et al., 2012; Neves et al., 2017). Possible 
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explanations include the production of free radicals by certain processes 
that induce cavitation (Berton et al., 2011b), or the modification of the oil-
water interfacial composition (Horn et al., 2013; Sørensen et al., 2007). The 
emulsification procedure and conditions can also modulate the amount of 
unabsorbed emulsifier and the partitioning of surface-active molecules, such as 
certain antioxidants (Berton-Carabin et al., 2014). With the inherent variation of 
multiple parameters when using different emulsification settings and methods, 
the interpretation of their individual effects on lipid oxidation in emulsions 
becomes a complex matter.

To advance the current understanding of these aspects, an essential first step 
is to very precisely control the droplet size. This is not possible using classic 
emulsification technologies, which motivated us to use upscaled microfluidic 
devices to make highly monodisperse model emulsions with three distinct 
droplet sizes that we used at the same oil volume fraction and incubated to 
monitor lipid oxidation (ten Klooster et al., 2022a). Thus, we systematically 
varied the droplet size and, accordingly, the total oil-water interfacial area in 
our lipid oxidation experiments. This led to a better understanding of how lipid 
oxidation and co-oxidation reactions lead to the overall course of lipid oxidation 
reactions in emulsions. 

4.2. Materials and methods

4.2.1 Materials
Rapeseed oil was kindly provided by Unilever (Wageningen, the Netherlands) 
and stripped with alumina powder (MP EcoChromet ALUMINA N, Activity: 
Super I, Biomedicals) to remove surface-active impurities and endogenous 
antioxidants, in particular tocopherols (Berton et al., 2011a). The fatty acid 
composition of the rapeseed oil included: 68% oleic, 17% linoleic, 8% linolenic, 
and 7% saturated fatty acids. Tween 20 (also known as polysorbate 20), 
ethylenediaminetetraacetic acid calcium disodium salt (EDTA), iron(II) sulfate 
heptahydrate (FeSO4), sodium phosphate monobasic dihydrate, and sodium 
phosphate dibasic dihydrate were purchased from Sigma-Aldrich (Zwijndrecht, 
the Netherlands). For cleaning of the microfluidic chips, we used ethanol (purity 
96% v/v, VWR International B.V., Amsterdam, the Netherlands) and piranha 
solution, which is a 3:1 v/v ratio of 98% sulphuric acid and 35% hydrogen 
peroxide (both obtained from Sigma-Aldrich, Zwijndrecht, the Netherlands). 
Ultrapure water (18.2 MΩ) was used for all experiments and prepared using a 
Milli-Q system (Millipore Corporation, Billerica, MA, USA). The assay reagent for 
measuring the triglyceride (TAG) content and a TAG standard were purchased 
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from HUMAN Gesellschaft für Biochemica und Diagnostica mbH (Wiesbaden, 
Germany). The assay reagent content was: 50 mmol/L PIPES buffer (pH 7.5), 
5 mmol/L 4-chlorophenol, 0.25 mmol/L 4-aminoantipyrine, 4.5 mmol/L 
magnesium ions, 2 mmol/L ATP, 1.3 U/mL lipases, 0.5 U/mL peroxidase, 0.4 
U/mL glycerol kinase and 1.5 U/mL glycerol-3-phosphate oxidase. n-Hexane 
(97%) and 2-propanol (99.8%) were obtained from Actu-All Chemicals (Oss, 
the Netherlands).

4.2.2 Microfluidic emulsion preparation
Preparation of the continuous phase
The day before emulsion production, Tween 20 (2 wt.%) was dissolved in 
phosphate buffer (pH 7.0, 10 mM) and stirred for 30 min at room temperature. 
Both the dispersed phase (stripped rapeseed oil) and the continuous phase (2 
wt.% Tween 20 in phosphate buffer) were filtered using a 0.22 µm regenerated 
cellulose filter (Minisart High-Flow, Sartorius Stedim Biotech GmbH, Goettingen, 
Germany) prior to use to prevent any dust from entering the microfluidic chip.

Microfluidic chip 
To produce highly monodisperse emulsions, microfluidic devices called UPE 
(Upscaled Partitioned EDGE [Edge-based Droplet Generation]) were used 
(Figure A4.1) (ten Klooster et al., 2022a). These chips were designed in our 
lab, made of glass, and produced by deep reactive ion etching by Micronit 
Microfluidics (Enschede, The Netherlands). To make the smallest droplets (~ 
4.5 µm), a chip with 11,088 droplet formation units (DFUs) of 5 ⨯ 1 µm (width 
⨯ height) each were used. To produce the intermediate (~ 9 µm) and largest 
droplets (~ 26 µm), a chip with 8,064 DFUs of 10 ⨯ 2 µm (width ⨯ height) each 
was used. A higher dispersed phase pressure was applied to produce 26 µm 
droplets. Information about the microfluidic chip characteristics, the principle, 
and regimes of oil droplet formation can be found in previous work (ten Klooster 
et al., 2019, 2022a, 2022c). 

Microfluidic chip cleaning
The chips were cleaned and operated as described previously (ten Klooster 
et al., 2022a). In brief, after finishing an experiment, the chip (including the 
plateaus) was flushed with ethanol, followed by sonication (Branson 1800, 
Brookfield, CT, USA) in ethanol for 90 min and then in water for 10 min. Next, 
the chip was placed in an oven at 500 °C for 2 h. The day before an experiment, 
the chip was sonicated in a glass beaker with piranha for 90 min, which was 
followed by sonication in ultrapure water for 90 min. It was stored overnight in 
ultrapure water. 
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Emulsion preparation by microfluidics 
The day of the experiment, the cleaned microfluidic chip was placed in a chip 
holder from Micronit (Fluidic Connect PRO Chip Holder with 4515 Inserts, 
Micronit Microfluidics, Enschede, The Netherlands). The channels were first 
rinsed with ultrapure water and then with the continuous phase. Next, the 
dispersed phase channel was rinsed with an excess amount of dispersed phase, 
after which the dispersed phase channel outlet was blocked. The pressure over 
the dispersed phase was increased to let the dispersed phase flow through the 
shallow connection between the dispersed and continuous phase channel, the 
so-called plateau. The plateau ends into many micro-plateaus (Figure A4.1). 
At the location where the micro-plateaus meet the relatively deep continuous 
phase channel, oil droplets were generated spontaneously. Increasing the 
pressure over the dispersed phase increased the droplet formation frequency 
without changing the droplet sizes. When the pressure was increased beyond 
the transition pressure, larger monodisperse droplets were formed (see section 
4.2.3 for droplet sizes). Based on the production in previous work (ten Klooster 
et al., 2022a), the continuous phase flow was set such that the resulting oil 
concentration of the emulsion was > 10 wt.%. The emulsion was collected in 
a beaker overnight for the small and intermediate droplets and over 3 h for 
the large droplets. To prevent lipid oxidation and evaporation of the continuous 
phase as much as possible, the headspace of the collection beaker was flushed 
with a continuous flow of water-saturated nitrogen gas during production. 
Finally, the oil content was adjusted to 10 wt.% by addition of continuous 
phase after the determination of the triglyceride content (section 4.2.3). The 
emulsions were incubated directly after production as described below.

Incubation and sample taking
As an oxidation initiator, an equimolar mixture of FeSO4 and EDTA was used, 
which is relevant for food products that contain (traces of) metal ions (Mei et 
al., 1998). The mixture was prepared by separately dissolving 12 mM FeSO4 
and EDTA in a phosphate buffer (pH 7.0, 10 mM). Equivalent volumes of each 
solution were mixed, and the iron-EDTA complex was allowed to form under 
moderate stirring in the dark for exactly 1 h. 

To 1.5 mL polypropylene tubes (total volume ~ 1.75 mL), either 387.5 µL of 
emulsion or 387.5 µL of 2-wt.% Tween 20 solution and 12.5 µL of the iron-
EDTA complex solution were added. The samples were incubated, in the dark, 
in heating blocks, at 25 °C, and shaken at 800 rpm to prevent creaming. Samples 
were taken at carefully selected time points based on the remaining oxygen 
content in the headspace (section 4.2.4). The samples were covered with a 
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nitrogen blanket and stored at −80 °C for 48 h to two weeks, before further 
extraction and lipid oxidation analyses were performed.

4.2.3 Emulsion characterisation
Triglyceride content
The triglyceride (TAG) content was measured using a colorimetric method 
(Jacobs et al., 1960; Trinder, 1969). In brief, the emulsions were diluted with 2 
wt.% Tween 20 to a range of 0.5-4 g oil/L. Next, the droplets were broken up in 
smaller droplets by sonication with the Branson Sonifier SFX550 (Brookfield, 
CT, USA), equipped with a 1/8 inch tapered microtip (Branson, Brookfield, CT, 
USA), at an amplitude of 35% for 15 s. This was done to increase the oil-water 
interface for effective hydrolysis of triglycerides and thereby to obtain accurate 
results. The droplet size distribution of the broken droplets was independent of 
the initial droplet size as shown in the appendix of Chapter 3 (ten Klooster et al., 
2022a). Next, about 20 µL of sample were weighed into a 2-mL microtube, and 1 
mL of assay reagent was added. The samples were incubated in a heating block, 
in the dark, and shaken at 800 rpm, at 20 °C, for 20 minutes. The absorbance 
was measured at a wavelength of 500 nm. The TAG content was determined 
using a calibration curve of a standard TAG dispersion (0.5-4 g oil/L).

Droplet size
A small volume (3 µL) of sample was taken from the emulsions and observed 
using a Carl Zeiss Axioscope A1 optical microscope (Carl Zeiss, Breda, the 
Netherlands) equipped with a camera (AxioCam Mrc5). The droplet size of at 
least 190 droplets per independently prepared emulsion was measured using a 
custom-written script in Matlab R2019b (Mathworks, Natick, MA, USA), which 
is sufficient when droplets are very monodisperse (Deng et al., 2021). The 
droplet size was expressed as the droplet diameter and was calculated from 
the droplet circumference. Since the droplet volume scales with the droplet 
diameter to the power 3, a small systematic error leads to a much larger error in 
the productivity; therefore, as a check, the centre-to-centre distance of clustered 
droplets was determined, and with that a correction factor was calculated. This 
method was shown to be effective in previous work (ten Klooster et al., 2022a).

Unadsorbed surfactant concentration
The amount of excess Tween 20 present in the continuous phase was estimated 
using a procedure that was based on previous work (Berton-Carabin et al., 
2014): first, the number of droplets (N) with a certain droplet radius (r, m) was 
calculated per kg of oil: 
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(4.1)

where  is the density of the oil (920 kg/m3). The amount of adsorbed 
surfactant (Sad, in g per kg oil) was calculated using Equation 4.2:

(4.2)

where 𝛤 (mg/m2) is the specific adsorbed amount of surfactant at the oil-
water interface. Different values for 𝛤 are reported in literature, and we used 
a relatively high value of 2.3 mg/m2, which was chosen to estimate what the 
maximum amount of adsorbed surfactant could be (Berton-Carabin et al., 
2014; Berton et al., 2011a). Finally, the excess concentration of Tween 20 in the 
continuous phase ( , g/L) was calculated by:

(4.3)

where  is the concentration of surfactant in the continuous phase (in 
g/L),  the mass ratio of oil to continuous phase (10/90 = 0.111), and 
the continuous phase density, which was assumed to be 1.0 kg/L.

4.2.4 Oxidation experiments
Oxygen measurement
The headspace oxygen content was monitored with a MOCON OpTech-O2 
oxygen sensor (Ametek Mocon, Brooklyn Park, MN, USA). The initial amount of 
total available oxygen was calculated using a 1.35-mL headspace volume with 
20.9 % O2, 46.8 mg/kg oxygen concentration in the oil (Cuvelier et al., 2017), 
and 8.1 mg/kg oxygen concentration in the continuous phase (Truesdale et al., 
1955). The oxygen content was determined in four samples per independently 
prepared emulsions. Each sample was measured twice daily with three technical 
replicates, i.e. 12 measurements per timepoint per emulsion.

Oil extraction
The oil was extracted by adding 2.75 mL of 3:1 v/v hexane-isopropanol 
solvent mixture to 0.4 mL of emulsion (Waraho et al., 2011a). The mixture was 
thoroughly vortexed and centrifuged (5000×g, 20 °C, 20 min), and the upper 
layer, containing the hexane and extracted lipids, was carefully separated from 
the bottom layer. The hexane was evaporated under a stream of nitrogen at 25 
°C until constant weight, and the remaining oil was frozen at −80 °C and stored 
for 48 h to three weeks before further measurements were performed.

Lipid oxidation measurements by 1H NMR 
Lipid hydroperoxides (primary oxidation products), aldehydes (secondary 
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oxidation products), and epoxides (secondary oxidation products) were 
quantified simultaneously by NMR spectroscopy, as previously described 
(Merkx et al., 2018). In brief, around 570 μL 5:1 CDCl3/DMSO‑d6 were added 
to a total of 30 μL extracted oil (section above) and transferred to 5-mm NMR 
tubes (Bruker, Billerica, MA, USA). Samples were measured on an Advance III 
600 MHz spectrometer (Bruker BioSpin, Switzerland) equipped with a 5-mm 
cryo-probe at 295 K. Lipid hydroperoxides and aldehydes were quantified on a 
molecular substructure level as previously described using a single pulse and a 
band selective 1H NMR experiment (Merkx et al., 2018). 

Epoxides were quantified using 1H-13C heteronuclear single quantum coherence 
(HSQC) NMR spectroscopy, which was based on previous work (Boerkamp et 
al., 2022). Here, the protocol was modified to improve the spectral resolution. 
2D 1H-13C HSQC spectra with a band-selective 13C REBURB pulse were 
recorded using the standard “shsqcetgpsisp2.2” Bruker pulse sequence. In the 
13C-dimension, a spectral width of 40 ppm with an offset of 58 ppm (δC 78 to 38 
ppm) was used with 200 increments. In the 1H-dimension, the spectral width 
was 4 ppm with an off-set of δ 3 ppm (δH 5 to 1 ppm) with 1024 increments. Eight 
scans were collected by using a recycle delay of 0.5 s. For the 13C-dimension, 
zero-filling up to 1024 points was applied prior to Fourier transformation. The 
squared cosine (SSB 2) and Gaussian (LB -0.2 Hz, GB 5 Hz) window functions 
were used for the 13C and 1H-dimensions, respectively. The same phasing was 
used for all samples. Baseline correction was performed automatically, and the 
upfield TG backbone peak was calibrated to δH 4.13 ppm and δC 61.9 ppm. The 
quantification of epoxides was based on automatic integration of predefined 
regions as previously reported (Boerkamp et al., 2022).

The spectral processing and integrations for the hydroperoxides, aldehydes, 
and epoxides was automatically done using MestReNova v14.1 (Mestrelab 
Research, S.L., Santiago de Compostela, Spain).

4.2.5 Kinetic modelling
The data of lipid oxidation products formed, and oxygen consumed in time were 
compared with a recently developed kinetic model (Schroën et al., 2022a). This 
model was used previously to describe lipid oxidation for emulsions that were 
stabilised by different emulsifiers (Berton et al., 2011b). For the data presented 
in this chapter, the model was extended to incorporate oxidation of Tween 20, 
and oxygen diffusion into the tubes. Additional information about the model 
and how it was used to describe experimental data is described in the appendix 
(section 4.5.1). 
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4.2.6 Experimental design
Two emulsions were prepared independently for each droplet size (in total 
six emulsions). Per timepoint, two aliquots of emulsion were taken, lipids 
were extracted, and lipid oxidation product were quantified on each aliquot 
individually. The headspace oxygen concentration was measured as described 
earlier. 

4.3 Results and discussion

4.3.1 Emulsion production
Monodisperse emulsions (10 wt.% oil in 2 wt.% Tween 20) were gently 
produced with UPE microfluidic emulsification devices. More information can 
be found in recent publications (ten Klooster et al., 2019, 2022a, 2022c). 

Three emulsions were produced in duplicate for the present study. The emulsions 
with small droplets had an average droplet size of 4.5 and 4.8 µm (coefficient 
of variation (CV): 7.3 and 6.6%); the emulsions with intermediate droplets had 
an average droplet size 8.9 and 9.3 µm (CV: 10.8 and 7.8%); the emulsions with 
large droplets had an average droplet size of 25 and 27 µm (CV: 5.8 and 12%), 
for the small, intermediate and large droplets, respectively (Figure 4.1, A4.2, 
& A4.3). The difference in diameter between the smallest and largest droplets 
was a factor six. The amount of interfacial Tween 20 was estimated to be minor 
(< 2% of the total Tween 20 used), implying that ~ 98% of the used surfactant 
remained in excess in the continuous phase (Table A4.1) for all emulsions 
(Berton-Carabin et al., 2014; Berton et al., 2011b). After emulsification, the 
hydroperoxide concentration was 1.0 ± 0.4 mmol/kg oil, with no significant 
difference between the different droplet sizes. 

a b c

Figure 4.1. Light microscopy images of rapeseed oil droplets in a continuous phase containing 
2 wt.% Tween 20, which were prepared with microfluidics. Three different droplet sizes were 
prepared: small (D1,0 = 4.7 µm) (a), intermediate (D1,0 = 9.1 µm) (b), and large (D1,0 = 26.0 µm) 
droplets (c). Droplet size distributions are shown in Figure A4.2. Light microscopy images of 
replicate emulsions are shown in Figure A4.3. Scale bar represents 50 µm.
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Figure 4.2. Oxygen consumption (a), lipid hydroperoxide formation (b), and secondary oxidation 
product formation (c) upon incubation of the emulsions. Symbols correspond to emulsions with 
different droplet sizes: small droplets (D1,0 = 4.7 µm) (small, brown circles), intermediate droplets 
(D1,0 = 9.1 µm) (intermediate, orange circles), and large droplets (D1,0 = 26.0 µm) (yellow, large 
circles). The lines are drawn to guide the eye based on the model by (Schroën et al., 2022a) 
(section 4.2.5 & 4.5.1). Both dependent and independent replicates are shown as individual data 
points. 
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Figure 4.3. (a) Oxygen consumption against oxygen uptake by the formation of lipid oxidation 
products for emulsions with small droplets (D1,0 = 4.7 µm) (small, brown circles), intermediate 
droplets (D1,0 = 9.1 µm) (intermediate, orange, circles), and large droplets (D1,0 = 26.0 µm) (yellow, 
large circles). Oxygen consumption was determined from the oxygen content in the headspace, 
whereas oxygen uptake was calculated from the detected oxygen-bearing lipid oxidation 
products (hydroperoxides, aldehydes, and epoxides). The solid line is the line of parity: y = x, and 
it represents oxygen consumption equals oxygen uptake. (b) Oxygen consumption by a 2-wt.% 
Tween 20 solution (open diamonds) and by a 2-wt.% Tween 20 solution with 0.19 mM iron-EDTA 
(filled diamonds). To be consistent with the emulsion systems, the oxygen consumption by Tween 
20 is expressed as if there was 10 wt.% of stripped rapeseed oil present. Error bars (sometimes 
within markers) denote standard deviations of three measurements on three individually 
incubated samples.

4.3.2 Lipid oxidation in droplets of different sizes 
The monodisperse emulsions were incubated at 25 °C in the presence of an iron-
EDTA initiator to accelerate lipid oxidation. Under these incubation conditions, 
samples were physically stable over two weeks (Figure A4.4). Over incubation, 
all emulsion samples consumed almost all available oxygen in the headspace, 
and they reached high levels of lipid oxidation products (Figure 4.2a-c). Oxygen 
consumption and hydroperoxide formation increased with decreasing droplet 
size (Figure 4.2a & b). In line with that, aldehyde and epoxide formation 
increased with decreasing droplet size (Figure 4.2c). The ratio of oxidation 
products from oleic, linoleic, and linolenic acid was independent of the droplet 
size (Figure A4.5).

Especially at the beginning of incubation, hydroperoxide formation was 
more rapid for the small droplets compared to the intermediate and large 
droplets. This result may be ascribed to the increased specific interfacial area 
that favours contact between the prooxidants in the aqueous phase and the 
lipid substrate. Hydroperoxide decomposition results in peroxyl and alkoxyl 
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radicals (Reactions 4.I & 4.II), which can propagate the lipid oxidation reaction 
(Reaction 4.IV & 4.V). At later stages (few days), the reaction rate was less 
influenced by the droplet size (Figure 4.2), which could be caused by the limited 
remaining oxygen impeding further hydroperoxide formation (Reaction 4.V). 
Similar observations, especially regarding a faster onset of lipid oxidation for 
small droplets, were previously obtained for fish oil-enriched mayonnaise 
(Jacobsen et al., 2000). The formation of secondary oxidation products was 
only moderately faster in the small droplets compared to the intermediate and 
large droplets. This is most probably the result of the higher hydroperoxide 
concentration in the emulsion with small droplets, which will increase aldehyde 
and epoxide formation (Reaction 4.II), rather than effects related to interfacial 
area. Comparable observations were previously obtained in a modelling 
study, where the reaction rate constant for aldehyde formation was similar for 
emulsions that were stabilised by different emulsifiers (Schroën et al., 2022a).

(4.I)

(4.II)

(4.III)

(4.IV)

(4.V)

(4.VI)

4.3.3 Additional effects
We found that the molar amount of oxygen consumed in the headspace 
exceeded the molar amount of oxygen incorporated as lipid oxidation products 
(Figure 4.3a), which implies that additional effects take place. This was 
unexpected, since a closed oxygen balance was previously successfully found 
for the oxidation of mayonnaise and bulk oil, where the exact same methods 
to quantify the oxygen consumption and lipid oxidation products were used, 
as we used here (Boerkamp et al., 2022). The discrepancy that we found in our 
emulsions might be caused by Tween 20 oxidation (Kerwin, 2008; Nuchi et al., 
2001). We incubated the continuous phase without oil (i.e., 2 wt.% Tween 20 
with or without 0.19 mM iron-EDTA) and observed an oxygen consumption of 
30 mmol (per kg equivalent oil) over 11 days (Figure 4.3b). This was lower than 
the differences shown in figure 4.3a (maximum difference was ~ 75 mmol O2/
kg oil), which could suggest that Tween 20 oxidised faster ‒ and to a higher 
extent ‒ in an oxidising emulsion than when incubated separately. The rationale 
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behind this could be that relatively high concentrations of radicals were present 
in oxidising emulsions compared to the Tween 20 solution. Such radicals have 
been shown to not just abstract hydrogen atoms from other lipids, but also 
from water (Kim et al., 2014), and possibly they abstract hydrogen atoms from 
Tween 20 in our emulsions. Once initiated, Tween 20 oxidation might propagate 
(Reaction 4.IV & 4V). Whether this truly occurs depends on the concentration of 
the radicals, their diffusion, and their lifetime. Co-oxidation of Tween 20 implies 
that the lipid substrate has less oxygen available for oxidation, resulting in a 
decreased formation of lipid hydroperoxides over time. Still, the conclusion that 
small droplets oxidise faster remains, since oxygen consumption by co-oxidising 
components was fastest in the emulsions with small droplets (Figure 4.3a) that 
would have oxidised even faster compared to the large droplets in absence of 
co-oxidation. 

Finally, we also describe another side effect that can play a role, which is diffusion 
of oxygen into the tubes (Figure A4.6). The oxygen ingress rate depends on the 
oxygen concentration gradient present (classically described by Fick’s law). 
This does not play a pronounced role early on, but becomes more relevant 
when the samples have consumed much of the oxygen. We have incorporated 
the oxygen ingress into the kinetic model based on diffusion rates measured 
under maximum oxygen gradient (Appendix 4.5.1, Figure A4.6). Also this side-
effect did not affect our conclusion that small droplets oxidise faster than large 
ones because the contribution from oxygen diffusion into the tubes is relatively 
small, especially at the beginning of incubation, when the effect of droplet size 
on lipid oxidation rate was most predominant (Figure 4.2). 

Please note that effects that occur in concurrence with lipid oxidation may have 
remained unnoticed in literature, and thus contributed to the confusion in the 
discussion about the effect of droplet size on lipid oxidation, as discussed in the 
next section.

4.3.4 Contradicting views from literature put into perspective 
In agreement with our results, a number of other studies reported that small 
droplets oxidise faster than larger ones (Azuma et al., 2009; Gohtani et al., 1999; 
Horn et al., 2013; Jacobsen et al., 2000; Kuhn et al., 2012; Lethuaut et al., 2002; 
Li et al., 2019; Ma et al., 2013; Neves et al., 2017; Rampon et al., 2001; Yang et 
al., 2020) for which multiple hypotheses were suggested. In two of them, the 
droplet size is just a proxy for the interfacial area that determines the area for 
(i) influx of oxygen (Ma et al., 2013), (ii) partitioning of emulsifiers and other 
surface-active molecules (Berton-Carabin et al., 2014), (iii) and reactivity (this 
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work) (Jacobsen et al., 2000). Hypothesis (i), of a stimulated oxygen diffusion, 
is unlikely in a continuously mixed system because the diffusion of reactants is 
much faster in these emulsions than the reaction rate. As shown by Schroën et 
al., mass transfer greatly exceeds reaction effects when using droplets of up to 
100 µm (Damköhler II number 10-7-10-5 for droplets of 1 µm) (Schroën et al., 
2022a). Hypothesis (ii) can affect lipid oxidation but only when the variation 
in the amount of interfacial area substantially modifies the concentration 
of emulsifier present in the continuous phase. An increased amount of such 
emulsifiers (in particular, proteins) in the continuous phase, promotes their 
antioxidant effect (Berton et al., 2011b). In our study, the amount of continuous 
phase Tween 20 was equal for all three emulsions (at least 98% of the Tween 
20 was estimated to be unadsorbed) (Table A4.1). In a study by Horn and co-
workers, a difference in the amount of unadsorbed emulsifiers could have played 
a role (Table 4.1) in promoting lipid oxidation for small droplets, compared to 
large droplets (Horn et al., 2013). (iii) We hypothesise that the faster oxidation 
of small droplets found in this study is caused by their larger specific interfacial 
area, which promotes lipid oxidation initiation reactions at the interface.

Other studies have found that larger droplets oxidised faster (Atarés et al., 
2012; Azuma et al., 2009; Horn et al., 2013; Let et al., 2007; Nakaya et al., 2005; 
Neves et al., 2017; O’Dwyer et al., 2013; Ries et al., 2010), or that droplet size 
did not affect lipid oxidation in emulsions (Atarés et al., 2012; Dimakou et 
al., 2007; Kiokias et al., 2007; Ma et al., 2013; Osborn et al., 2004; Yang et al., 
2020). These contradicting results may have been caused by effects that could 
obscure the effect of droplet size on lipid oxidation. These effects include, but 
are probably not limited to: the (i) ratio between prooxidants and interfacial 
area, (ii) metal-chelating antioxidants, (iii) elevated incubation temperatures, 
(iv) emulsification method, (v) oil type (vi) (too) small differences in droplet 
sizes. We will now shortly discuss all these factors. 

(i-a) As previously mentioned, we hypothesise that smaller droplets oxidise 
faster because of the increased contact between the lipids and the prooxidants 
present in the continuous phase. This is not always expected to be the case: if the 
ratio of prooxidant to interfacial area is low and if the prooxidants are attracted 
to the interface (i.e., a negatively charged interface attracts metal cations), then 
creating more interface is not expected to lead to favoured initiation reactions. 
(i-b) On the other hand, in systems where initiation of lipid oxidation is very 
high, termination reactions could possibly become more favoured (Reaction 
4.VI), which could obscure any effect of specific interfacial area on the formation 
of lipid oxidation products. This effect was not expected to be pronounced for 
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the emulsions that we studied in this chapter.

(ii) As an extension to hypothesis (i), when prooxidants are scavenged by a 
large excess of metal-binding antioxidants, the initiation of lipid oxidation is 
not expected to take place at the interface anymore, and non-interfacial-related 
initiation reactions may become dominant (e.g., Reaction 4.III) (Nakaya et al., 
2005).

(iii) If lipid oxidation is initiated at elevated temperature (40-60 °C), Reaction 
4.III could start playing a role, which is not related to the specific interfacial 
area. This also follows from the studies carried out at higher temperature that 
more often indicate that droplet size does not affect lipid oxidation (or even that 
larger droplets oxidised faster than smaller droplets) (Table 1). 

(iv) If different emulsification methods are used, this can in itself influence lipid 
oxidation, for example by cavitation, free radical formation will be influenced, 
and through that the observed formation of lipid oxidation products over time 
(Berton-Carabin et al., 2014; Serfert et al., 2009). The emulsification method 
can also alter the interfacial composition (Horn et al., 2013; Let et al., 2007; 
Sørensen et al., 2007), which has been reported to lead to better oxidative 
protection for the smaller droplets for specific emulsions (Let et al., 2007; 
Sørensen et al., 2007). The authors of this work suggested that the interfacial 
composition is more important than the amount of specific interfacial area (Let 
et al., 2007). The emulsification procedure also affects the amount of very small 
droplets (10-200 nm) that are formed (Chapter 5). These very small droplets 
are hardly detected by standardly used droplet size characterisation methods, 
but have been shown to be highly reactive. This highlights the importance of 
prevention of the formation of such droplets, e.g., by using microfluidics.

(v) Finally, an interesting study by Azuma and co-workers showed that with 
stripped soybean oil, the emulsion with relatively small droplets oxidised faster, 
whereas with stripped fish oil, the emulsion with relatively large droplets 
oxidised faster (Azuma et al., 2009). This was ascribed to a different accessibility 
of the fish oil lipids to prooxidants at the oil-water interface. As can be seen 
from Table 4.1, in some cases when fish oil was used, indeed the larger droplets 
oxidised faster (or there was no effect), although there are also studies in which 
the emulsions with the smaller fish oil droplets oxidised faster (Table 4.1). 

(vi) Our results indicate that a large difference in oil droplet sizes is needed to 
observe an effect of droplet size on lipid oxidation. If the droplet sizes were only 



Unravelling the effect of droplet size on lipid oxidation in emulsions using microfluidics

79

4

slightly different, as is the case in some studies from literature (Table 4.1), the 
effect that the specific interfacial area has on lipid oxidation, might be easily 
obscured by additional effects as described above. 

In order to truly differentiate effects, preparation of defined reaction systems is 
needed. Only due to the highly monodisperse emulsions prepared in this study 
we could untaintedly observe the effect of droplet size on lipid oxidation. 

4.4 Conclusions

We systematically studied the effect of droplet size on lipid oxidation in Tween 
20-stabilised monodisperse O/W emulsions, which were prepared with 
microfluidic emulsification devices. The increased oxidation of smaller droplets 
was ascribed to their larger amount of oil-water interface, where lipid oxidation 
was initiated by an iron-based oxidation catalyst. The fast lipid oxidation for 
small droplets also favoured Tween 20 oxidation. This could be a result of higher 
concentrations of radicals in small droplets, which may not just propagate lipid 
oxidation within the droplets, but also Tween 20 oxidation at the interface and 
possibly even in the continuous phase of the emulsion. These insights show the 
importance of controlled droplet size to improve our insights in the oxidative 
stability of emulsion products and, ultimately, to prepare emulsion products 
with higher oxidative stability.
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4.5 Appendix 

Figure A4.1. Top-view design of the Upscaled Partitioned EDGE chips used in this research. The 
blue ‘twisted road’ channel is the continuous phase channel, and the yellow ‘twisted road’ channel 
is the to-be-dispersed phase channel. The grey rectangular areas in between these channels are 
the main plateaus that contain the micro-plateaus with the Droplet Formation Units (DFU). A 
3D representation of a DFU is shown in the right lower corner, showing oil – in yellow –, being 
pushed out of the DFU and forming a droplet ready to detach. This illustration is not to scale, only 
12 out of the 42 main plateaus are shown per row.
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Figure A4.2. Droplet size distributions (volume-based frequency as a function of droplet size) 
of the six independently prepared emulsions. From left to right, the small (brow), intermediate 
(orange), and large (yellow) droplets.
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a b c

Figure A4.3. Light microscopy images of the rapeseed oil droplets in a continuous phase 
containing 2 wt.% Tween 20, which were prepared with microfluidics. Three different droplet 
sizes were prepared: small (a), intermediate (b), and large droplets (c). Droplet size distributions 
are shown in Figure A2. Light microscopy images of the other replicate emulsions are shown in 
Figure 4.1.
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Figure A4.4. Droplet size distributions (volume-based frequency as a function of droplet size) 
directly after emulsification (solid lines) and after > 7 days of incubation (dashed lines). From left 
to right, the small (brown), intermediate (orange), and large (yellow) droplets. 
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Figure A4.5. The contribution of different unsaturated fatty acid substrates to the total amount 
of oxidised products: oleate (a), linoleate (b), and linolenate(c). All oxidation products (lipid 
hydroperoxides, aldehydes, and epoxides) were summed for each fatty acid individually and 
divided by the total sum of oxidation products. Symbols correspond to emulsions with different 
droplet sizes: small droplets (D1,0 = 4.7 µm) (small, brown circles), intermediate droplets (D1,0 = 
9.1 µm) (intermediate, orange, circles), and large droplets (D1,0 = 26.0 µm) (yellow, large circles). 
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Figure A4.6. Oxygen (vol.%) in the headspace over incubation of 1.5-mL microcentrifuge tubes 
containing 400 µL of ultrapure water, which were flushed with nitrogen prior to incubation. The 
incubation was performed in the same way as for emulsion samples (section 4.2.2 ‘Incubation 
and sample taking’). Different coloured markers represent independently incubated tubes. 

L• LOO •k2 [O2]
LOOH

k3 [LH]

k3 [LH]
LO •

k5 

LO

k4

Figure A4.7. Overview of reactions incorporated in the model (Schroën et al., 2022a): L• is a 
carbon radical, LOO• peroxyl radical, LOOH hydroperoxide (primary oxidation product), LO• 
alkoxy radical, LO secondary oxidation products, and O2 oxygen, which was also measured.

4.5.1 Reaction kinetic model
The lines in Figure 4.2 were related to the following lipid oxidation reactions, as 
proposed in (Schroën et al., 2022a): 

(A4.I)

(A4.II)

(A4.III)

(A4.IV)

(A4.V)

Based on these reactions, first order reaction rate equations were derived as 
presented next, and shown in conjunction in Figure A4.7:

(A4.1)

(A4.2)
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(A4.3)

(A4.4)

In line with the approach, a rate equation for the oxidation of Tween was added: 

(A4.5)

Finally, for oxygen diffusion, Fick’s law was used. The measured diffusion 
coefficient was 2 mmol/hr at maximum oxygen gradient. When adding this 
term, the rate equation for oxygen becomes:

(A4.6)

where [O2]i and [O2]t are the initial molar concentration of oxygen (0.295 mmol/
kg oil) and the molar concentration of oxygen at time point t, respectively.

The k-values used in the model to describe our data points were kept as close 
as possible to the ones reported previously because some of the applied 
conditions were similar: we used the same emulsifier (Tween 20), the same 
incubation temperature (25 °C), and the same concentration of iron-EDTA 
(oxidation initiator) in the continuous phase (Berton et al., 2011b; Schroën et 
al., 2022a). There were also experimental differences that are summarised in 
Table A4.2. Although it is not clear at the moment of writing what the underlying 
mechanisms are, we have tried to position the model lines as close as possible to 
the data points based on visual inspection, varying initial radical concentration 
([L•]t0), k4 (secondary oxidation product formation), k5 (radical formation by 
hydroperoxides), and introduce kTween. The values are summarised in Table A4.3.

(1)	Starting with the largest droplets, we positioned the lines as close as 
possible to the data points. 
a.	 [L•] at t0 was varied for two reasons: (i) the actual value cannot be 

measured, although the concentrations are expected to be low, and (ii), 
previously, it was found that within 1-25 μM the model described the 
data in similar fashion (Schroën et al., 2022a). 

b.	 The k4-value was adjusted because previously the hexanal and propanal 
concentrations were measured (Schroën et al., 2022a), whereas here 
the total epoxide and aldehyde content was measured. 

c.	 The k5-value was allowed to vary between emulsions. It is a reaction 
between iron and a lipid hydroperoxide, which is expected to increase 
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with specific interfacial area (Table A4.2) (Schroën et al., 2022a).
d.	 The Tween oxidation reaction was included in our model because the 

weight-based ratio of Tween 20 to oil was ~ 15 times higher than in 
the experiments for which the original model was derived (Table A4.2) 
(Berton et al., 2011b; Schroën et al., 2022a). Therefore, Tween 20 
oxidation was probably negligible compared to lipid oxidation there. 
That is not the case in our work, and since Tween 20 has been described 
to be sensitive to oxidation we included this reaction (Equation A4.5) 
and derived kTween-values.

(2)	Taking the values obtained for the largest droplets as a starting point, the 
[L•]t0, k5-value, and kTween-value were changed to position the model lines as 
close as possible to the data for both the small- and intermediate droplets 
(Figure 4.2, Table A4.3). There seems to be a connection between the 
variation of the parameters and the droplet size, which indicates that the 
effect of droplet size on lipid oxidation is systematic, which is part of follow 
up research.

Table A4.1. Calculation of the ratio of interfacial Tween 20 to total Tween 20 for the small 
droplets (D1,0 = 4.7 µm).

Diameter smallest droplets (m) 4.5∙10-6

Volume of oil per L emulsion (L) 0.1
Volume of one droplet (m3) 4.8∙10-17

Number of droplets 2.1∙1012

Interface one droplet (m2) 6.4∙10-11

Total interface per L emulsion (m2) 133
Tween 20 interfacial load (mg/m2) 2.3
Tween 20 at oil droplets interface per L emulsion (g) 0.2
Tween 20 in emulsion (g/L) 18
Fraction of interfacial Tween 20 (compared to total amount) 1.9%

Table A4.2. Differences in kinetic model parameters between our study and the modelling study (Schroën 
et al., 2022a) (in which the data from (Berton et al., 2011b) was used).

  Tween 20 emulsion in 
(Schroën et al., 2022)

This chapter

Droplet size (µm) 1.4 4.7, 9.1, 26
Tween 20 in continuous phase (g/L) ~ 0.5 ~ 20
Tween 20 in emulsion (wt.%) 0.35 1.8
Oil concentration (wt.%) 30 10
Hydroperoxide content t0 (mmol/kg oil) ~ 10 1
O2 content initially available (mmol/kg oil) 158 295
LH’ content (mmol/kg oil) 4510 3990
Hydroperoxides measured Conjugated dienes Total hydroperoxides
Secondary oxidation products measured Propanal, hexanal Total aldehydes and 

epoxides



Unravelling the effect of droplet size on lipid oxidation in emulsions using microfluidics

87

4

Table A4.3. Differences in parameters for the kinetic model between our study and the modelling study 
(Schroën et al., 2022a) (in which the data from (Berton et al., 2011b) was used). ‘-‘ indicates that this 
parameter was not used.
 Parameter (Schroën et al., 

2022)
Small 

droplets
Intermediate droplets Large droplets

k1 - - - -
k2 19.5 19.5 19.5 19.5
k3 1.95 1.95 1.95 1.95
k4 6.0 · 10-3 2.0 · 10-3 2.0 · 10-3 2.0 · 10-3

k5 3.6 · 10-3 3.8 · 10-4 3.2 · 10-4 2.3 · 10-4

kTween - 5.5 · 10-3 3.8 · 10-3 2.2 · 10-3

[L•]t0 1.0 · 10-6 3.2 · 10-5 2.6 · 10-5 1.0 · 10-5
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Abstract

The shelf life of multiphase systems, e.g. oil-in-water (O/W) emulsions, is 
severely limited by physical and/or chemical instabilities, which degrade 
their texture, macroscopic appearance, sensory and (for edible systems) 
nutritional quality. One prominent chemical instability is lipid oxidation, which 
is notoriously complex. The complexity arises from the involvement of many 
physical structures present at several scales (1–10,000 nm), of which the 
smallest ones are often overlooked during characterisation.

We used cryogenic transmission electron microscopy (cryo-TEM) to characterise 
the coexisting colloidal structures at the nanoscale (< 100 nm) in rapeseed oil-
based model emulsions stabilised by different concentrations of a nonionic 
surfactant. We assessed whether the oxidative and physical instabilities of the 
smallest colloidal structures in such emulsions may be different from those of 
larger colloidal structures.

By deploying cryo-TEM, we analysed the size of very small oil droplets and of 
surfactant micelles, which are typically overlooked by dynamic light scattering 
when larger structures are concomitantly present. Their size and oil content 
were shown to be stable over incubation, but lipid oxidation products were 
overrepresented in these very small droplets. These insights highlight the 
importance of the fraction of “tiny droplets” for the oxidative stability of O/W 
emulsions.
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5.1 Introduction

Oil-in-water (O/W) emulsions can be found in a plethora of industrial products, 
such as foods, paints, pharma, and cosmetics (Tadros, 2013; Walstra, 2001). 
These emulsions typically consist of three distinct regions: the core of the oil 
droplets, the oil-water interface, and the continuous phase, of which the latter 
often contains a substantial amount of unadsorbed emulsifiers (Berton-Carabin 
et al., 2014; McClements et al., 2000). Emulsions have a limited shelf life because 
of physical and/or chemical instabilities (McClements et al., 2000). A prominent 
phenomenon of chemical instability is lipid oxidation, which is a reaction 
between oxygen and a labile lipid substrate, such as polyunsaturated fatty 
acids (PUFAs) (Schaich, 2005). Lipid oxidation leads to: a rancid flavour/odour; 
possible changes in appearance (e.g., discolouring); or the loss of nutrients 
and bioactive ingredients (Chen et al., 2013; McClements et al., 2000; Schaich, 
2005). The main physical instabilities are: gravitational separation (creaming, 
sedimentation); coalescence; Ostwald ripening; and flocculation (Leal-Calderon 
et al., 2007; McClements, 2004). Physical instabilities often lead to a change 
in texture and/or appearance. These oxidative and physical instabilities are 
complex, and they are therefore difficult to control. The complexity is caused 
by the occurrence of the aforementioned phenomena at various time and 
length scales (Berton-Carabin et al., 2018). Moreover, the physical structure of 
emulsions affects the oxidative stability and vice versa (Berton-Carabin et al., 
2014, 2018). 

Emulsions often consist of multiple colloidal structures covering a broad 
range of sizes, from a few nm to tens of µm (Berton-Carabin et al., 2018). For 
instance, it is known that small (100–200 nm) and even very small droplets (< 
100 nm) can be co-existing with larger ones (Awad et al., 2018). Commonly, 
three typical systems differing in droplet size are distinguished (Figure 5.1): (i) 
microemulsions, (ii) nanoemulsions, and (iii) emulsions. We provide a definition 
for these typical systems in the next lines. (i) In microemulsions or Winsor 
systems, surfactant micelles (possibly including co-surfactants) contain small 
amounts of lipids in their hydrophobic core. The curvature of these so-called 
swollen micelles corresponds to a favourable arrangement of the surfactant 
molecules, which thereby minimizes the free energy of the system (McClements, 
2012). Moreover, the large magnitude of the (configurational) entropy also 
contributes to the minimisation of the free energy (Vincent, 2010). This results 
in isotropic and thermodynamically stable systems with droplets of typically 10–
50 nm in diameter (Kale et al., 2017). (ii) Nanoemulsions, generally defined as 
emulsions having droplet sizes below 100 nm, are thermodynamically unstable 



92

(i.e., at most, metastable), which makes them different from microemulsions. A 
large external energy supply is required for their formation (Kale et al., 2017). 
(iii) Emulsions, which have droplet sizes above 100 nm, are thermodynamically 
unstable, and also require an energy input through an ad hoc homogenisation 
procedure. The latter two can be stabilised kinetically. In this chapter, we will 
assess the presence of the structures termed above and intentionally avoid 
referring to microemulsions, as the term is generally associated to spontaneous 
emulsification. This is why we will speak about micelles, very small droplets 
(i.e., swollen micelles and droplets < 100-200 nm) and large droplets, which can 
all coexist in emulsions encountered in practical systems, such as food matrices 
(Awad et al., 2018).

Figure 5.1. Schematics of structures with different sizes that can be present in surfactant-
stabilised emulsions. The structures can be distinguished by their terminology and the equipment 
with which they can be detected.

The effect of the physical structure of emulsions on their oxidative stability has 
received great interest in literature, but is yet far from being understood (Berton-
Carabin et al., 2014; Chen et al., 2011; McClements et al., 2000; Waraho et al., 
2011b). For example, small colloidal structures have been postulated to play a 
decisive role in the lipid oxidation pathways by transferring reactive molecules 
from one droplet to another (Laguerre et al., 2017, 2020; Villeneuve et al., 2018, 
2021), although a recent study from our group has shown that this only occurs 
for low molar mass and relatively hydrophilic lipid oxidation products (ten 
Klooster et al., 2022b). Furthermore, as lipid oxidation is presumably initiated 
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at the oil-water interface, it can be expected to proceed faster if the droplets 
are smaller due to their larger specific interfacial area (Berton-Carabin et al., 
2014). In practice, this effect has not been systematically demonstrated, and 
contradicting conclusions have been reported (Berton-Carabin et al., 2014). 
This could be caused by the fact that, when varying homogenisation conditions 
to alter the interfacial area, other parameters are varied along with that, such 
as: the amount of emulsifiers present in the continuous phase (Berton-Carabin 
et al., 2014); the formation of free radicals upon processing (Serfert et al., 2009); 
and the composition of the oil-water interface (Let et al., 2007; Sørensen et al., 
2007). To the best of our knowledge, there are only two studies in which the 
effect of droplet size on lipid oxidation was studied in one single polydisperse 
emulsion (Li et al., 2019; Yang et al., 2020), which is advantageous because 
the continuous phase has the same composition for both size classes. In both 
studies, lipid oxidation was shown to proceed faster in the small droplets, 
although the differences were small, and for certain systems no difference was 
found (Yang et al., 2020).

An important first step to get to an improved understanding of the interrelated 
physical and oxidative instabilities at play is to characterise the colloidal 
structures present over the relevant size span. To date, such characterisation is 
generally conducted by static light scattering (SLS) or dynamic light scattering 
(DLS). Light scattered by an emulsion scales with the droplet volume squared. 
Therefore, these techniques are not equipped well to detect very small structures 
(< 100–200 nm) when they coexist with larger droplets, since the latter largely 
diminish the contribution of small ones to the measured signal, which scales 
with the diameter to the power of six (Awad et al., 2018; Patil et al., 2017). The 
deployment of other characterisation techniques, such as electron microscopy, 
is therefore needed. Among electron microscopy techniques, cryogenic 
transmission electron microscopy (cryo-TEM) can be used to gain insights into 
sub-micrometer structures in liquid emulsions with nm resolution, as samples 
can be cryogenically fixed and preserved using plunge vitrification (Friedrich et 
al., 2010). 

In this chapter, we characterised the fraction of very small droplets (typically 
< 200 nm) in rapeseed oil-based model emulsions stabilised by a nonionic 
surfactant with a versatile range of characterisation techniques: dynamic light 
scattering (DLS), cryogenic transmission electron microscopy (cryo-TEM), and 
oil content determination in the relevant fractions. We explored the oxidative 
and physical stability of this fraction of very small droplets co-present in 
emulsions and of the emulsions as a whole.
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5.2 Materials and methods

5.2.1 Materials
Rapeseed oil was kindly provided by Unilever (Wageningen, Netherlands) 
and stripped with alumina powder (MP EcoChromet ALUMINA N, Activity: 
Super I, Biomedicals) to remove impurities and endogenous antioxidants, 
in particular tocopherols (Berton et al., 2011b). Deuterated chloroform and 
dimethylsulfoxide (CDCl3 and DMSO-d6) were purchased from Euriso-top 
(Saint-Aubin, France). n-Hexane and 2-propanol were obtained from Actu-All 
Chemicals (Oss, the Netherlands). Polysorbate 20 (Tween 20) was purchased 
from Sigma (Sigma-Aldrich, Zwijndrecht, the Netherlands). Ultrapure water 
(18.2 MΩ) was used for all experiments and prepared using a Milli-Q system 
(Millipore Corporation, Billerica, MA, USA). Standard for triacylglycerols 
and assay reagent (Triglycerides liquicolor mono kit) for a colorimetric 
quantification method were purchased from HUMAN (HUMAN Gesellschaft für 
Biochemica und Diagnostica mbH, Wiesbaden, Germany). The assay reagent 
content was: 50 mmol/L PIPES buffer (pH 7.5), 5 mmol/L 4-chlorophenol, 0.25 
mmol/L 4-aminoantipyrine, 4.5 mmol/L magnesium ions, 2 mmol/L ATP, 1.3 
U/mL lipases, 0.5 U/mL peroxidase, 0.4 U/mL glycerol kinase and 1.5 U/mL 
glycerol-3-phosphate oxidase.

5.2.2 Emulsion preparation
Either 0.5 or 2.0 wt.% of Tween 20 were added to 10 mM sodium phosphate 
buffer (pH=7.0) and stirred for 30 min. For the samples that were used for cryo-
TEM analysis and DLS, ultrapure water was used instead of phosphate buffer 
because the buffer resulted in lower contrast between Tween micelles and 
the background, and hence this impeded interpretation of cryo-TEM images. 
Stripped rapeseed oil (10 wt.%) was added to the continuous phase to form a 
coarse emulsion by high-speed stirring at 11,000 rpm for 1 min with a rotor-
stator homogeniser (Ultra-turrax IKA T18 basic, Germany). To produce a 
somewhat finer emulsion, this coarse emulsion was passed two times through 
a lab scale colloid mill with gap width of 0.32 mm (IKA Magic Lab, Staufen, 
Germany), operated for 2 min at 26,000 rpm, and cooled with water at 4 °C. 
To produce an emulsion with even smaller average droplet size, the coarse 
emulsion was passed three times through a high-pressure homogeniser 
(M-110Y Microfluidizer, Microfluidics, Massachusetts, USA) equipped with a 
F12Y interaction chamber, which was operated at 600 bars and cooled with ice. 
These emulsions were either incubated, as described below (colloid mill-made 
emulsions), or used directly for further measurements (all emulsions).
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Incubation and sample taking
The 0.5-wt.% Tween 20-based emulsion in buffer made with the colloid mill 
was incubated as follows: ten milliliters of emulsion were placed into 20-mL 
headspace vials and incubated at 25 °C while rotating horizontally at 2 rpm in 
the dark. At selected time points, the content of two headspace vials was pooled 
into a 50-mL centrifuge tube. Next, 1.5 mL was taken for measurements on the 
whole emulsion, whereas the rest of the emulsion was centrifuged at 28,000×g 
and 20 °C for 30 min (in duplicate). The phase containing very small droplets (< 
200 nm) remained as a subnatant phase below a creamed layer. This subnatant 
was collected by making a hole at the bottom of the tube. 1.5 mL were taken 
that were used directly for the physical characterisation measurements. For the 
extractions and lipid oxidation measurements, the samples were first stored 
under inert gas at −80 °C for 48 h to 20 days.

5.2.3 Emulsion characterisation
Static light scattering
The oil droplet size (diameter) and size distribution in the emulsions was 
assessed by static light scattering (SLS) (Malvern Mastersizer 3000, Malvern 
Instruments Ltd., Malvern, Worcestershire, UK), using a refractive index of 1.47 
for the dispersed phase and 1.33 for the dispersant (water); and an absorption 
index of 0.01. 

Dynamic light scattering
The size of the colloidal structures present in the emulsions’ subnatant phase 
(section 5.2.2, ‘Incubation and sample taking’) was assessed by dynamic light 
scattering (DLS) (Zetasizer Nano ZS, Malvern Instruments Ltd., Malvern, 
Worcestershire, UK), using a refractive index of 1.47 for the dispersed phase 
and 1.33 for the dispersant (water); and an absorption index of 0.01.

Cryogenic transmission electron microscopy
The morphology and size of the colloidal structures present in the emulsions’ 
subnatant phase (section 5.2.2, ‘Incubation and sample taking’) were measured 
by cryogenic transmission electron microscopy (cryo-TEM). For cryo-TEM 
sample preparation, TEM grids with a graphene oxide (GOx) support layer were 
used during plunge vitrification. This enabled the preparation of mechanically 
stable TEM samples with a reduced vitrified water layer thickness, which 
minimizes effects of the embedding medium during imaging, and it enhances 
the achievable contrast and resolution for nm-sized structures (van de Put et 
al., 2015). First, the TEM grids were glow-discharged to make the surface of 
the carbon TEM support film hydrophilic, and 20 µL of GOx aqueous dispersion 
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were deposited on the top of the TEM grid and dried out. Samples for cryo-TEM 
were then prepared by applying 3 µL of the emulsion subnatant or of Tween 20 
aqueous solution (0.5 wt.%) on the 200 mesh Cu grid with a R2/2 Quantifoil® 
carbon support film (Quantifoil MicroTools GmbH) covered with graphene oxide 
(GOx). An automated vitrification robot (Thermo Fisher Scientific Vitrobot™ 
Mark IV) was used to blot and plunge the samples into liquid ethane. Cryo-
TEM imaging was conducted on the TU/e CryoTitan (Thermo Fisher Scientific), 
which was operated at 300 kV. The TU/e CryoTitan is equipped with a Field-
Emission Gun, a post column Gatan Energy Filter (GIF, model 2002), and a post-
GIF 2k · 2k Gatan CCD camera (model 794). Cryo-TEM images were acquired at 
an electron dose rate of 10 e− Å−2 s−1 with an exposure time of 2 s at a nominal 
magnification of 24,000�. An in-house Matlab script was used for measuring 
the diameter of very small droplets from the TEM images (Figure A5.1). For the 
colloid mill-made emulsion, the total number of small oil droplets analysed for 
the histogram was 888 (from 14 cryo-TEM images). For the 0.5-wt.% and 2.0-
wt.% emulsion prepared with a Microfluidizer, 316 and 448 droplets (from 12 
and 7 cryo-images, respectively) were taken for the analysis, respectively.

Oil content determination
The oil content in the subnatant of the centrifuged emulsion samples was 
quantified using a colorimetric assay for triacylglycerols (Triglycerides 
Liquicolor Mono kit, HUMAN). In brief, the samples were diluted to a range 
of 0.4-4 g/L, and about 20 µL of sample were weighed into a 2-mL microtube. 
Next, 1 mL of assay reagent was added, and the samples were subsequently 
incubated in a heating block at 800 rpm for 20 minutes at 20 °C. The absorbance 
was measured at a wavelength of 500 nm, and the concentration was calculated 
using a calibration curve (0.4-4 g triglycerides/L).

Estimation of unadsorbed surfactant concentration
The amount of excess Tween 20 present in the continuous phase was calculated 
by the following procedure: first the number of droplets (N, in number per kg 
oil), with a certain droplet radius (r, in m), were calculated: 

(1)

where 𝜌oil is the density of rapeseed oil (920 kg/m3). The amount of adsorbed 
surfactant (Sad, in g per kg oil) follows from:

(2)
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where 𝛤 (in mg/m2) is the theoretical mass of adsorbed surfactant per unit of 
oil-water interface. Since different values for 𝛤 are reported in literature, two 
different values for 𝛤 were used: 1.5 mg/m2 (Bos et al., 2001), and 2.3 mg/
m2 (Berton et al., 2011b). Finally, the excess concentration of Tween 20 in the 
continuous phase (Cexcess, g/L) can be calculated by:

(3)

where Cadded is the concentration of surfactant in the continuous phase (in g/L), 
Roil the mass ratio of oil to continuous phase (10 / 90 = 0.111) and 𝜌cont the density 
of the continuous (aqueous) phase (which is assumed to be 1.0 kg/L here). The 
amount of adsorbed surfactant was calculated for both the DLS and SLS results 
(described above), and for each size class, which was weighed by the volume-
based presence of that size class. The surface loads obtained from the DLS and 
SLS results were summed up after weighting them based on the oil content of 
the subnatant sample (section above); we assume that the oil content of the 
whole emulsion (SLS result) was one minus that of the subnatant. The average 
of two measurements (DLS, SLS and oil content) was used for calculating the 
interfacial area using two independently prepared emulsions per condition.

5.2.4 Lipid oxidation measurements
Lipid extraction
Oil extraction was performed by adding 8 mL hexane-isopropanol (3:1 v/v) to ~ 
1.5 mL emulsion and vortexing thoroughly (Waraho et al., 2011a). The mixture 
was centrifuged at 4,000×g for 20 min and the upper layer, containing the 
hexane and extracted oil, was carefully separated from the bottom layer. Hexane 
was evaporated under a stream of nitrogen at 25 °C until constant weight. The 
remaining oil was stored under inert gas at −80 °C for 48 h to 20 days, before 
further measurements were performed, which was based on previous research 
(ten Klooster et al., 2022d).

Lipid oxidation measurements by 1H NMR
Hydroperoxides, aldehydes (primary and secondary oxidation products) and 
triacylglycerols (reference for total oil amount) were quantified using 1H NMR 
with an Advance III 600 MHz spectrometer, equipped with a 5 mm cryo-probe 
at 295 K, following the method described by Merkx et al. (2018) (Merkx et al., 
2018). In brief, for the whole emulsion samples, 450 µL 5:1 CDCl3/DMSO‑d6 
were added to ~ 150 µL extracted oil (as described in 5.2.4) and transferred 
to 5-mm NMR tubes (Bruker, Billerica, Massachusetts, USA). For the subnatant 
samples, 580 µL 5:1 CDCl3/DMSO‑d6 were added to ~ 20 µL extracted oil (as 
described in 5.2.4). From the recorded single pulse experiment, the glycerol 
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backbone peaks at δ 4.4 pm were used for the quantification of the amount of 
triacylglycerols. From the band selective pulse the region between δ 13.0 and 
8.0 ppm was selectively excited for the quantification of the lipid oxidation 
products, following Merkx et al. (2018) (Merkx et al., 2018). The hydroperoxide 
signals resonate between δ 11.3 and 10.6 ppm and the aldehydes between δ 9.8 
and 9.4 ppm. The calculations, including a factor that accounts for intensity loss 
during the selective pulse, are described in Merkx et al. (2018) (Merkx et al., 
2018). The data was processed with Bruker TopSpin 4.0.6 software.

5.2.5 Experimental design
For each measurement, at least two emulsions were prepared independently. 
Additionally, per data point, two independently incubated samples from the 
same emulsion were analysed for the performed measurements.

5.3. Results and discussion

5.3.1 Characterisation of Tween 20-stabilised emulsions
The droplet size (diameter) distributions (SLS) of 0.5-wt.% Tween 20-based 
emulsion prepared with a lab-scale colloid mill and that of 0.5- or 2.0-wt.% 
Tween 20-based emulsions prepared with a high-pressure homogeniser 
(Microfluidizer) are shown in Figure 5.2a. As expected, the Microfluidizer 
produced smaller droplets compared to the colloid mill because of the larger 
shear rates involved (McClements, 2004; Schroën et al., 2016; Walstra, 1993). 
For the emulsions prepared with the Microfluidizer, the 2.0-wt.% Tween 
20-based emulsion had a slightly smaller average droplet size than the 0.5-wt.% 
Tween 20-based emulsion. This can be explained by a faster stabilisation of 
small droplets upon homogenisation when adding a larger amount of surfactant, 
which could prevent immediate re-coalescence of newly made droplets.

When measuring the droplet size distributions of these whole emulsions by 
static light scattering (SLS), the diameters of the smallest droplets that could be 
detected (i.e., at the onset of the peak) were ~ 100 nm for the Microfluidizer-
made emulsions and ~ 300 nm for the colloid mill-made emulsion (Figure 
5.2a). After centrifugation (28,000×g, 30 min) to remove the largest droplets 
(creamed phase), smaller colloidal structures in the range of 10–200 nm were 
detected in the subnatant when analysed by dynamic light scattering (DLS) 
(Figure 5.2b). These small colloidal structures are most likely a heterogenous 
population consisting of a mixture of ‘swollen micelles’ and ‘nanoemulsion’ 
droplets, following the terminology defined in section 5.1. 
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Figure 5.2. The droplet size distributions of: whole emulsion samples measured by SLS (a) and 
subnatants of centrifuged emulsion samples measured by DLS (b). Different curves represent 
different emulsion samples: 0.5-wt.% Tween 20 solution as a control (dotted curve, black, only 
for (b)), 0.5-wt.% Tween 20-based Microfluidizer emulsion (solid curve, light blue), 2.0-wt.% 
Tween 20-based Microfluidizer emulsion (solid curve, dark blue), and 0.5-wt.% Tween 20-based 
colloid mill emulsion (dashed curve, grey). The numbers in (b) indicate the triglyceride content of 
the subnatant samples in g/L (whole emulsion contained 100 g/L triglycerides). The curves and 
numbers represent averages of two independently prepared samples that were both measured 
twice. 

The droplet size distribution of these ‘very small’ droplets in the 0.5-wt.% 
Tween 20-based emulsion made with the colloid mill was bimodal, and it shows 
a high peak around 20 nm and a lower peak around 80 nm. Surprisingly, from 
the DLS results, the average diameter of structures present in the subnatant 
of the 0.5-wt.% Tween 20-based emulsion made with the colloid mill seemed 
to be smaller than the 0.5-wt.% and 2.0-wt.% Tween 20-based emulsions 
made with the Microfluidizer. The intensity of light scattered (Iscat) by colloidal 
particles scales as Iscat ~ d6, with d the droplet diameter. Moreover, in DLS, the 
z-averaged size is measured: the d65 is highly sensitive to the largest colloids 
present (Dhont, 1996). At this stage, it is important to recall that DLS is known 
to be an inappropriate method for the analysis of polydisperse emulsions, since 
it is highly sensitive to: larger colloids/particles, at the expense of smaller co-
existing ones (Awad et al., 2018; Patil et al., 2017); contaminant particles (Ruf, 
2002); and issues regarding matching the optical settings with the scattering by 
the droplets (Awad et al., 2018; Pal et al., 2011). 

Cryo-TEM was employed as an alternative strategy to measure the droplet size 
distributions in the subnatants. Oil droplets appear as dark round objects with 
diameters of 10–100 nm in the cryo-TEM images of subnatants obtained from 
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a colloid mill-made emulsion (Figure 5.3a) or from a Microfluidizer-made one 
(Figure 5.3b & c). The size distributions obtained from image analysis of the cryo-
TEM images (Figure 5.4, histograms) are compared with the number-weighted 
results from DLS (Figure 5.4, superimposed solid curves). The cryo-TEM results 
proved the presence of very small structures with diameters of 10–30 nm (which 
most likely correspond to swollen micelles) in the subnatants of Tween 20-based 
emulsions prepared with a Microfluidizer (for both Tween 20 concentrations) 
(Figure 5.4b & c), which were not detected by DLS. This highlights the importance 
of cryo-TEM to assess the presence and size of the tiniest oil containing structures 
within polydisperse samples, which may be missed by DLS. 

a b

50 nm 50 nm 50 nm

c

Figure 5.3. Representative cryo-TEM images at 24,000× magnification of emulsion 
subnatants from a 0.5-wt.% Tween 20-based colloid mill emulsion (a), a 0.5-wt.% 
Tween 20-based Microfluidizer emulsion (b), and a 2.0-wt.% Tween 20-based Microfluidizer 
emulsion (c). Applied nominal defocus value was -1.5 µm. Oil droplets are visible as dark spots. 
Contrast and brightness were adjusted to tune the visibility. Corresponding cryo-TEM images at 
6,500× magnification can be found in Figure A5.2.
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Figure 5.4. The droplet size distributions of oil droplets obtained by using cryo-TEM and DLS 
(number-weighted hydrodynamic diameter) for subnatant samples from a 0.5-wt.% Tween 
20-based colloid mill emulsion (a), a 0.5-wt.% Tween 20-based Microfluidizer emulsion (b), 
and a 2.0-wt.% Tween 20-based Microfluidizer emulsion (c). Histograms correspond to the size
distributions from cryo-TEM data and solid curves correspond to those from DLS data.
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The cryo-TEM results confirmed that the diameters of the very small droplets 
present in the subnatant of a 0.5-wt.% Tween 20-based emulsion made with the 
colloid mill were, on average, smaller (the major part was 10–30 nm in diameter) 
compared to those present in the subnatant of the 0.5-wt.% Tween 20-based 
emulsion prepared with a Microfluidizer (Figure 5.4a & b, respectively). The 
0.5-wt.% Tween 20-based emulsion made with the colloid mill was calculated 
to have 0.29–0.36 wt.% excess Tween 20 in the continuous phase (depending on 
the theoretical surface load, section 5.2.3), whereas this was only 0.0–0.1 wt.% 
for the 0.5-wt.% Tween 20-based emulsion made with the Microfluidizer (Table 
5.1). This difference in concentration of Tween 20 in the continuous phase may 
facilitate the formation of swollen micelles. The droplet size distributions of the 
0.5- and 2.0-wt.% Tween 20-based Microfluidizer emulsions were very similar 
(Figure 5.4b & c), which suggests that within the tested concentration range, the 
surfactant concentration had almost no influence on the size of the generated 
very small droplets. With cryo-TEM, very small droplets were observed more 
frequently throughout all imaged samples when the Tween 20 concentration 
was increased from 0.5 wt.% to 2.0 wt.% (Figure 5.3b & c, respectively). This 
suggests that more oil becomes dispersed in the very small droplets when more 
surfactant is present, which was further investigated by measuring the actual 
oil content of the subnatants. The oil content ranged from 1.7% (± 0.05%) of 
the total oil fraction in the 0.5-wt.% Tween 20-based emulsion made with the 
colloid mill, to 5.1% (± 0.24%) in the 0.5-wt.% Tween 20-based emulsion made 
with the Microfluidizer, and even 22.7% (± 2.8%) in the 2-wt.% Tween 20-based 
emulsions made with the Microfluidizer (numbers in Figure 5.2b). Therefore, 
a 4-fold increase in the surfactant concentration lead to an important shift in 
the oil partitioning towards the fraction of ‘very small droplets’ (numbers in 
Figure 5.2b). In contrast, it seems to only moderately change the droplet size 
distribution of the whole emulsion and of the subnatant (Figure 5.2a & b, 
comparison of both curves). 

As mentioned earlier, surfactant micelles in the aqueous phase of emulsions 
may have two opposing effects in the oxidative stability of emulsions, either 
due to their ability to exchange reactive molecules between emulsion droplets 
(Laguerre et al., 2017, 2020; Li et al., 2020; McClements et al., 1992; Villeneuve 
et al., 2018, 2021), or due to their protective effect against lipid oxidation 
(Berton-Carabin et al., 2014; Berton et al., 2011b). Noticeably, micelles could 
not be detected in the emulsions’ subnatants by DLS (Figure 5.2b), even 
though the theoretical amount of surfactant present in the aqueous phase is 
much higher than the critical micelle concentration of Tween 20 (0.006 wt.% 
at 25 °C (Mahmood et al., 2013)) (Table 5.1). This can only be explained by 
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the concomitant presence of much larger droplets (> 100 nm) that dominate 
the scattering signal in DLS, as compared to the contribution of the micelles 
(~ 8-10 nm) (Awad et al., 2018; Law et al., 2012) (Figure 5.2b). To track the 
potential presence of surfactant micelles in our emulsions, cryo-TEM was used 
once again. Figure 5.5a & b show cryo-TEM images of a Tween 20 (0.5-wt.%) 
aqueous solution, without any oil added in which densely packed particles with 
a diameter of 3–4 nm were observed (indicated with blue arrows in Figure 
5.5b). This is smaller than the size of Tween 20 micelles of ~ 8 nm (Figure 5.2b) 
(Mandal et al., 2013; Pal et al., 2011). Further analysis of the images by fast 
Fourier transform (FFT) of the zoomed-in regions revealed that there was a 
periodic pattern with a spacing of about 0.12 nm−1 present, which corresponds to 
a packing distance of ~ 8.3 nm (Figure 5.5c). This suggests that the hydrophobic 
cores of Tween 20 micelles can only be seen as darker dots of around 3–4 nm in 
diameter in the cryo-TEM images, and that the average spacing of 8 nm matches 
the distance between densely packed Tween 20 micelles. Similar features were 
observed in the emulsion subnatant from a colloid mill-made emulsion (Figure 
5.5d – f), which was in line with our expectations due to an excess of Tween 20 
being present in the continuous phase (Table 5.1). Awad et al. (Awad et al., 2018) 
also reported the co-existence of micelles and swollen micelles (12–22 nm in 
diameter) in emulsion systems, which is in line with our findings. In literature, 
the optically transparent subnatants of such emulsions are sometimes referred 
to as the continuous phase. For example, a certain amount of 
hydroperoxides was measured in such a subnatant (centrifugation conditions: 
35 min 24,000×g), which may lead to various interpretations depending on 
the type of colloidal structures actually present (Nuchi et al., 2002). In that 
case, measurements on the size and amount of physical structures in 
those subnatants was not performed, so the presence of small droplets 
with a diameter < 100–200 nm may have been overlooked.
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Figure 5.5. (a & b) Representative cryo-TEM images at 24,000× magnification of a 0.5-wt% 
Tween 20 aqueous solution (a) and the subnatant of 0.5-wt.% Tween 20 emulsion prepared 
with a colloid mill (b). The applied nominal defocus was -2.5 µm. (b & e) Zoomed-in (blue 
square) regions of (a) and (d), respectively, where the blue arrows point to areas where 
micelle cores appear in black (b & e). (c & f) Fast Fourier transform applied to (b) and (e), 
respectively, where the black arrows indicate a ring, which corresponds to the periodic 
structure of ~ 8 nm. Contrast and brightness were adjusted for better visibility.
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5.3.2 Physical and oxidative stability of the co-existing very small emulsion 
droplets
Although surfactant micelles have been suggested to play a major role in the 
oxidative stability of emulsions through exchange of reactive molecules between 
oil droplets (Laguerre et al., 2017, 2020; Li et al., 2020; McClements et al., 1992; 
Villeneuve et al., 2018, 2021) or due to their protective effect against lipid 
oxidation (Berton-Carabin et al., 2014; Berton et al., 2011b), here we are mainly 
interested in the effect of very small droplets. Upon incubation of the colloid 
mill-made emulsions at 25 °C, the overall droplet size distribution remained 
constant over the maximum incubation period tested (17 days, Figure A5.3). 
Similarly, the droplet size distribution and lipid content of the very small droplet 
fraction remained unchanged over incubation (Figure 5.6a & b), indicating that 
these droplets were not subjected to instabilities, such as Oswald ripening and/
or coalescence. Ostwald ripening was not expected to play a role here because 
the stripped rapeseed oil used as the oil phase consists mostly of triglycerides, 
which are virtually insoluble in water (Andrikopoulos, 2002). 
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Figure 5.6. (a) The droplet size distributions of colloid mill-made emulsion samples. Different 
curves represent droplet size distributions of the subnatants collected over incubation of a 
0.5-wt.% Tween 20 emulsion prepared with a colloid mill (by DLS) (grey, dashed lines) or the 
whole emulsion sample (by SLS) (grey, dotted line); the lighter the colour, the later the timepoint 
(from t0 [dark grey] to t2, t5, t7, t9, and finally t15 [light grey]. (b) The oil content in these subnatant 
samples over incubation. The curves in (a) represent averages of two subnatant samples of one 
independent replicate; for clarity, the outcome of the other independently prepared emulsion 
is shown in a separate graph in Figure A5.4. In panel (b) the outcomes of the independent 
replicates are shown as separate data points, and the error bars denote standard deviations of 
two measurements on two independently incubated samples originating from the same emulsion 
(total of four measurements per data point).
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Lipid oxidation products formed in a more prominent way in the very small 
droplet fraction (◊ in Figure 5.7) than in the whole emulsion (□, in Figure 5.7), 
as shown for hydroperoxides (Figure 5.7a) and aldehydes (Figure 5.7b). For 
some of the data points, the initial amount (t=0) of lipid oxidation products in 
the very small droplets was already higher than in the corresponding whole 
emulsion. The increased formation of lipid oxidation products over time could 
be due to the larger interface-to-volume ratio of these very small droplets, which 
could promote reactions between aqueous prooxidants (such as metal ions) 
and polyunsaturated lipids present in the droplets, thereby increasing the lipid 
oxidation rate (Berton et al., 2011b). In addition, initially higher levels of lipid 
oxidation products are known to increase subsequent lipid oxidation during 
storage (Laguerre et al., 2020; Schroën et al., 2022a; Yoshida et al., 1992). 
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Figure 5.7. Formation of hydroperoxides (a) and aldehydes (b) over incubation of a Tween 
20-stabilised emulsion (0.5 wt.% Tween 20, colloid mill). Symbols correspond to a different 
droplet size from the same emulsion: whole emulsion (□) and very small droplets present in 
the subnatant phase (◊). For the droplet size distributions of the whole emulsion and very small 
droplets, see Figure 5.2a. Error bars denote standard deviations of one measurement on two 
independently incubated emulsion samples originating from the same emulsion, and the outcome 
of independently prepared emulsions are shown as separate data points.

Investigations on the effect of droplet size on lipid oxidation, where the 
differently sized droplets originated from the same emulsions, have been 
reported previously (Li et al., 2019; Yang et al., 2020). A recent publication 
studied the effect of droplet size on lipid oxidation by monitoring the oxidation 
of the fluorescent dye BODIPY 665/676 in a surfactant-stabilised emulsion, 
and faster oxidation was found for the smallest droplets (2-8 µm) compared 
to the larger droplets (> 20 µm) (Li et al., 2019). Conversely, in another recent 
study on mayonnaise, using the same dye, the droplet size did not (or barely) 
influence the lipid oxidation rate. This was ascribed to the small size difference 
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(1–4 µm) and the possible transfer of the fluorescent dye or oxidation products 
for long incubation periods (Yang et al., 2020). Only when stripped oil without 
antioxidants was used, and thus lipid oxidation proceeded quite rapidly, smaller 
droplets were found to oxidise slightly faster than larger ones (Yang et al., 
2020). This highlights that the effect of droplet size on lipid oxidation is often 
small, if observed at all. In our case, the faster oxidation in small droplets could 
be highlighted more clearly because the large difference in average size of ~ 
a factor 70 (D3,2-based comparison). These two previous studies were based 
on fluorescent optical microscopy, which does not allow for detection and 
consideration of the implication of very small droplets (< 200 nm), whereas 
especially these seem to have a dramatic effect on lipid oxidation.

When increasing surfactant concentration, more very small droplets are formed 
(Table 5.1, Figure 5.7), which is expected to increase lipid oxidation because of 
the larger total interfacial area in the emulsion. In line with this hypothesis, it was 
found previously that lipid oxidation increased with surfactant concentration 
(Kargar et al., 2011; Rhee, 1978). In contrast, it is known that excess surfactant 
in the continuous phase may counteract lipid oxidation, which was shown 
previously by purposely adding excess surfactant post-emulsification (Berton 
et al., 2011b). The balance between both effects is probably dependent on 
the applied conditions and concentrations used, which might explain why in 
some cases the amount of Tween 20 did not have an effect (Ponginebbi et al., 
1999), whereas in other studies lipid oxidation increased with the Tween 20 
concentration (Kargar et al., 2011; Rhee, 1978). This, once more, highlights 
the importance of considering and tracking the very small droplets that can be 
present in emulsions. 

5.4 Conclusions

In this chapter, we investigated the occurrence and effect of very small oil 
droplets and swollen micelles (< 100 nm) in surfactant-stabilised emulsions, 
which, so far, have often been overlooked or improperly characterised (Awad 
et al., 2018). To this end, we combined transmission electron microscopy 
(TEM) and dynamic light scattering (DLS) techniques. We used cryo-TEM to 
characterise these very small structures (10–200 nm) and investigated their 
physical and oxidative stability. Cryo-TEM was shown to be an effective tool to 
visualise co-existing very small droplets (swollen micelles) and to quantify their 
size. Additionally, self-assembled empty micelles (~ 8 nm) were detected in the 
emulsions’ subnatants by cryo-TEM, whereas these micelles were not detected 
using DLS, which was most likely due to the dominance of the scattering signal 
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by the larger droplets present. 

Increasing the surfactant concentration four times (from 0.5 to 2.0 wt.%) 
led to approximately four times more oil becoming incorporated in the very 
small droplets (10–200 nm). Increasing the mechanical force used to make the 
emulsion (from colloid mill to high pressure homogenisation) also increased 
the fraction of very small droplets three times. Larger shear forces promote 
droplet elongation during homogenisation, which enhances the formation of 
small droplets, and the increased surfactant concentration quickly stabilises the 
newly formed droplets, thereby preventing coalescence during homogenisation. 

The amount of oil retained in the very small droplets was stable over the 
entire incubation time of the emulsions (17 days). However, the lipid oxidation 
products were – at any time point – overrepresented in the very small droplets. 
We hypothesize that this is mainly related to their large interface-to-volume 
ratio compared to the larger droplets present, which favors the contact between 
prooxidants present in the continuous phase and the unsaturated fatty acids. 

This chapter shows that cryo-TEM is a powerful technique to characterise the 
size of very small lipid-containing structures in emulsions, such as swollen 
micelles and very small droplets. The obtained insights are pivotal to improve 
our understanding of the structural and oxidative characteristics of such 
emulsion systems. 
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50 nm

Figure A5.1. Example of droplet diameter analysis with an in-house Matlab script. Cryo-
TEM images of the emulsion subnatants at a magnification of 24,000× with nominal defocus of 
-2.5 µm were used for the analysis. Both yellow and red lines show the assigned droplet
diameter during the analysis.

c

200 nm

a b

200 nm 200 nm

Figure A5.2. Corresponding cryo-TEM images of the emulsion subnatants shown in Figure 
5.3 at a magnification of 6,500× of: a 0.5-wt.% Tween 20-based colloid mill-made emulsion 
(a), a 0.5-wt.% Tween 20-based Microfluidizer-made emulsion (b), and a 2.0-wt.% Tween 
20-based Microfluidizer-made emulsion (c). The applied nominal defocus was -20 µm. Black 
arrows point to the edge of a hole in the carbon film.
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Figure A5.3. Droplet size distributions of two independently prepared (a & b) 0.5-wt.% Tween 
20-based emulsion samples prepared with a colloid mill over time. The lighter the colour the 
later the timepoint (for a: from t0 [dark grey] to t1, t5, t7, t9, and finally t15 days [light grey], for b: t0 
[dark grey] to t6, t9, t13, and finally t16 days [light grey]; The lines represent averages of three SLS 
measurements performed on the same sample.
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Figure A5.4. Droplet size distributions of the 0.5-wt.% Tween 20-based emulsion samples 
prepared with a colloid mill. Different lines represent the subnatants collected over incubation 
via centrifugation (solid lines) or an emulsion sample as such (dashed line), the lighter the colour 
the later the timepoint (from t1 [dark grey] to t2, t5, t7, t9, and finally t17 days [light grey]); The lines 
represent averages of two subnatant samples of one independent replicate; the other replicate is 
shown in Figure 5.6a.

Table 5.1. Estimated concentrations of excess Tween 20 in the aqueous phase of emulsions. The calculations were 
performed using theoretical surface loads (𝛤) of 1.5 and 2.3 mg/m2 (Berton et al., 2011b; Bos et al., 2001).
Emulsification 
device

Total Tween 20 
concentration applied 
in the aqueous phase 
(wt.%) Cadded, Eq. 5.3

Theoretical Tween 20 
adsorbed (expressed in 

equivalent wt.% of continuous 
phase) Sad ⨯ Roil ⨯ rcont, Eq. 5.3

Theoretical excess 
Tween 20 in 

continuous phase 
(wt.%) Cexcess, Eq. 5.3

Colloid mill 0.5 0.14 – 0.21 0.36 – 0.29
Microfluidizer 0.5 0.40 – 0.61* 0.10 – 0* 
Microfluidizer 2.0 0.66 – 1.0 1.34 – 0.99 
* The calculated value of 0.61 wt.% exceeds the total amount used, indicating that there would be no excess 
at all. This suggests that the high-boundary theoretical surface load of 2.3 mg/m2 is too high for the present 
system in which lower values (closer to the low-boundary value of 1.5 mg/m2) most likely apply.
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Abstract

Lipid oxidation is one of the main causes of deterioration in emulsified products 
containing polyunsaturated fatty acids. In this chapter, we used BODIPY dyes, 
and fluorescently labelled spin traps (CAMPO-AFDye 647) in emulsions to 
localise lipid and protein oxidation, respectively. 

We found that in a Tween 20-stabilised emulsion, BODIPY 665/676 fluo-
rescence decreased when the formation of lipid oxidation products was still 
slow, whereas in a WPI-stabilised emulsion the decrease in fluorescence 
occurred simultaneously with a rapid formation of lipid oxidation products. 
Image analysis showed that lipid oxidation increased with decreasing droplet 
size, which supports the hypothesis that in certain conditions, lipid oxidation 
in emulsions may occur heterogeneously at the level of droplets. For WPI-
stabilised monodisperse emulsions, oil droplets of the same size were also found 
to oxidise in a heterogeneous pattern. This is possibly linked to the observed 
heterogenous protein oxidation taking place at the interface that is expected to 
be intertwined with oxidation of lipids. In these emulsions, heterogeneous spots 
of protein oxidation at the interface were even observed within one droplet. 
These insights contribute to our understanding of local lipid oxidation events, 
which may lead to improved oxidative stability of food emulsions.
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6.1 Introduction

In foods containing polyunsaturated fatty acids (PUFAs), lipid oxidation causes 
product deterioration (McClements et al., 2000). Lipid oxidation is often 
prevented by low temperature storage, modified atmosphere packaging, and 
the addition of antioxidants (Berton-Carabin et al., 2014). However, these 
measures cannot completely prevent lipid oxidation (Berton-Carabin et al., 
2014), especially when trying to comply with a current health focus to increase 
the intake of PUFAs, in particular omega-3 fatty acids (Joint, 2010; Vannice et 
al., 2014). These PUFAs are particularly susceptible to lipid oxidation (Kerr, 
1966; Schaich, 2013), which needs to be mitigated. An additional concern is 
that synthetic antioxidants are tended to be avoided because these additives are 
becoming less acceptable to consumers, which will make products even more 
susceptible to lipid oxidation. 

All these aspects have rekindled the interest in lipid oxidation, especially for 
products in which the oil phase is dispersed as droplets in an aqueous phase, 
forming oil-in-water (O/W) emulsions (e.g., sauces, dressings, soups, and infant 
milk formula). This structure makes the lipids highly susceptible to oxidation 
due to the large interfacial area in such products, where prooxidants from the 
continuous phase can come into contact with lipids (Berton-Carabin et al., 2014; 
McClements et al., 2000). The complexity of lipid oxidation in O/W emulsions 
from the perspective of location and time has shifted research focus to these 
spatiotemporal aspects (Laguerre et al., 2020). 

To identify these aspects, confocal laser scanning microscopy (CLSM) has been 
used to unravel in which droplets lipid oxidation is occurring, and to what 
extent (Banerjee et al., 2018; Li et al., 2019, 2020; Yang et al., 2020). As a tracer 
for oxidation, the fluorescent dye BODIPY is often used. BODIPY is excited at a 
different wavelength depending on whether it is in native state, or in oxidised 
state (section 6.2.3). A recent paper showed that BODIPY 665/676, when present 
in medium chain triglyceride (i.e., saturated fatty acids) emulsion droplets, 
oxidised faster when co-oxidising unsaturated oil droplets were present (Li et al., 
2020). This may indicate that lipid oxidation can spread from oxidising droplets 
to non-oxidised ones, or that oxidising droplets somehow influence each other. 
For BODIPY 665/676, it was shown that when lipid oxidation is very selectively 
initiated in one droplet, oxidation does not spread rapidly to neighbouring 
droplets (Banerjee et al., 2018). From this, it is clear that there is no general 
consensus about how droplets influence each other, if at all (Banerjee et al., 
2018; Raudsepp et al., 2016; Raudsepp, Brüggemann, et al., 2014; ten Klooster 
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et al., 2022), and that this is contingent on the system’s properties (prooxidants, 
agitation conditions, relative rate of oxidative reactions vs diffusion of reactive 
molecules). The same dye was used to show that small droplets oxidise faster 
than larger ones in surfactant-stabilised emulsions (Li et al., 2019), whereas 
in high internal phase O/W emulsions (mayonnaise), the formulation of the 
emulsions determines the effect of droplet size on lipid oxidation (Yang et 
al., 2020). CLSM has also been used to improve our understanding of the 
simultaneously occurring protein oxidation and lipid oxidation. This has been 
done by measuring the autofluorescence of oxidised proteins in mayonnaise 
(Yang et al., 2020) and by combining BODIPY with the CAMPO-AFDye 647, which 
is a protein oxidation-sensitive, fluorescently labelled spin trap (Yoshida et al., 
2003). The main advantage is that multiple markers for co-oxidation can be 
combined within the same local image and related to different oxidation events. 
These methodologies can be exploited further to improve our spatiotemporal 
understanding of local protein and lipid oxidation; for example, to compare 
the oxidation status of individual droplets/protein layers present within one 
emulsion system or even present in different emulsion systems. 

In this chapter, as a first step, BODIPY fluorescence is correlated to the 
formation of lipid oxidation products to verify its use as a marker for lipid 
oxidation. The decrease in BODIPY 665/676 fluorescence is compared with the 
formation of lipid oxidation products in whey protein isolate- (WPI) and Tween 
20-stabilised emulsions. Next, we focus on the spatiotemporal heterogeneity 
of lipid and protein oxidation in monodisperse emulsions that were prepared 
with microfluidics, and in polydisperse emulsions that were prepared with a 
conventional rotor-stator homogeniser.

6.2 Materials and methods

6.2.1 Materials
Soybean oil was kindly supplied by Unilever (Wageningen, the Netherlands). 
Sodium phosphate dibasic heptahydrate (MW: 268.07 g/mol), sodium phosphate 
monobasic monohydrate (MW: 137.99 g/mol), and phosphoric acid (85.0-88.0%) 
were purchased from Sigma-Aldrich (Zwijndrecht, the Netherlands) to make 
a 10 mM phosphate buffer (pH 3.0). n-Hexane and 2-propanol were obtained 
from Actu-All Chemicals (Oss, the Netherlands). Deuterated chloroform and 
dimethylsulfoxide (CDCl3 and DMSO-d6) were purchased from Euriso-top (Saint-
Aubin, France). Tween 20 was purchased from Sigma Aldrich (Zwijndrecht, the 
Netherlands). WPI, purity 97.0–98.4% (BiPro®, Davisco, Switzerland) was used 
as received. For cleaning the microfluidic chips, we used ethanol, purity 96% v/v 
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(VWR International B.V., Amsterdam, the Netherlands) and piranha solution, 
which is a 3:1 v/v ratio of sulphuric acid, purity 96% (Sigma-Aldrich, Zwijndrecht, 
the Netherlands) and 35 wt.% hydrogen peroxide (Sigma-Aldrich, Zwijndrecht, 
the Netherlands). The assay reagent for measuring the triacylglycerol (TAG) 
content and a standard containing TAGs (Triglycerides liquicolor mono kit) were 
purchased from HUMAN (HUMAN Gesellschaft für Biochemica und Diagnostica 
mbH, Wiesbaden, Germany). The assay reagent comprised 50 mmol/L PIPES buffer 
(pH 7.5), 5 mmol/L 4-chlorophenol, 0.25 mmol/L 4-aminoantipyrine, 4.5 mmol/L 
magnesium ions, 2 mmol/L ATP, 1.3 U/mL lipases, 0.5 U/mL peroxidase, 0.4 U/
mL glycerol kinase and 1.5 U/mL glycerol-3-phosphate oxidase. The lipophilic 
and oxidation sensitive dyes BODIPY 665/676 and BODIPY 581/591 C11 (C11-
BODIPY) were purchased from Thermo Fischer (Waltham, MA, USA). CAMPO-
AFDye 647 was synthesised by SyMO-Chem B.V. (Eindhoven, the Netherlands). 
2,2’-Azobis (2-amidinopropane) dihydrochloride (AAPH) and sodium azide were 
purchased from Sigma Aldrich (Zwijndrecht, the Netherlands). Ultrapure water 
(18.2 MΩ) was used for all experiments and prepared using a Milli-Q system 
(Millipore Corporation, Billerica, MA, USA).

6.2.2 Emulsion preparation
Preparation of oil and continuous phase
Soybean oil was stripped with alumina powder (MP112 EcoChromet ALUMINA N, 
Activity: Super I, Biomedicals) to remove impurities and endogenous antioxidants 
(in particular tocopherols) (Berton et al., 2011a). For both emulsification methods 
used (colloid mill and microfluidics, see below), the oil was filtered using a 0.22-
µm filter (Minisart High-Flow, Sartorius Stedim Biotech GmbH, Goettingen, 
Germany) to remove any small particle that can cause clogging of the microfluidic 
channels. For the preparation of the continuous phase, either Tween 20 or WPI 
was dissolved in buffer with a concentration of 2.35 wt.%. Next, the mixture was 
stirred for 2 h (WPI) or 30 min (Tween 20). To prevent bacterial growth, sodium 
azide (0.05 wt.%) was added to the emulsions. For lipid oxidation experiments, 
BODIPY 665/676 was added to the stripped soybean oil (final concentration of 
1 or 50 µM in the emulsion). For lipid-protein co-oxidation measurements, C11-
BODIPY was added to the emulsions prior to incubation, and CAMPO-AFDye 647 
was added after incubation, before the measurements (for details regarding the 
structure of CAMPO-AFDye 647, see Figure A6.1). The concentration of C11-
BODIPY and AFDye 647 in the emulsion was 1 µM.

Colloid mill emulsification
A coarse emulsion was made by adding 15 wt.% of stripped soybean oil (with 
or without BODIPY 665/676) to the continuous phase, and high-speed stirring 
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was applied at 11,000 rpm for 1 min with a rotor-stator homogeniser (Ultra-
turrax IKA T18 basic, Germany). A fine emulsion was prepared by passing the 
coarse emulsion through a lab-scale colloid mill with a gap width of 0.32 mm 
(IKA Magic Lab, Staufen, Germany), operating for 1 min at 26,000 rpm. During 
operation, the colloid mill was cooled with water at 4 °C.

Microfluidic emulsification
To produce monodisperse emulsions, the microfluidic emulsification chip called 
UPE10x1 (Upscaled Partitioned EDGE [Edge-based Droplet Generation]) was 
used (Figure A6.2) (ten Klooster et al., 2022). These chips were designed in our 
lab and produced in glass by deep reactive ion etching (Micronit Microfluidics, 
Enschede, The Netherlands). A chip with 8,064 droplet formation units (DFUs) 
of 10 ⨯ 1 µm (width ⨯ height) each was used. More details about the fabrication, 
operation, and droplet formation can be found in a previous publication (ten 
Klooster et al., 2022).

6.2.3 Lipid and protein oxidation
Initial oxygen concentration
The initial amount of oxygen was calculated (mmol/kg oil), using a headspace 
volume of 1.55 mL headspace with 20.9 % O2; 46.8 mg/kg oxygen concentration 
in the oil (Cuvelier et al., 2017); and 8.1 mg/kg oxygen concentration in the 
continuous phase (Truesdale et al., 1955). The amount of oxygen initially 
present was ~ 450 mmol/kg oil. 

Incubation conditions
To initiate lipid oxidation, 5 mM of 2,2’-azobis (2-amidinopropane) 
dihydrochloride (AAPH) were added to the emulsion. A volume of 0.2 mL of 
emulsion was added to 1.5 mL microcentrifuge tubes. The tubes were rotated 
horizontally at 2 rpm in a dark oven at 25 °C for up to 10 days. At selected time 
points, two tubes per independently prepared emulsion were taken and either 
used directly for further measurements (imaging with CLSM) or stored under 
inert gas at −80 °C for 48 h to 7 days (for lipid extraction and subsequently 
quantification of lipid oxidation products).

Oil extraction
The extraction of oxidation products was performed by adding 1 mL hexane-
isopropanol (3:2 v/v) to ~ 1.5 mL emulsion and vortexing thoroughly, as 
described previously (Shantha et al., 1994; Srinivasan et al., 1996). The mixture 
was centrifuged at 4,000×g for 20 min and the upper layer, containing the 
hexane and fat, was carefully separated from the bottom layer. The hexane was 
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evaporated under a stream of nitrogen at 25 °C until constant weight, and the 
remaining oil was treated with a nitrogen blanket and frozen at −80 °C for a 
minimum of 48 h and a maximum of 20 days, until further measurements were 
performed, which was based on previous research (ten Klooster et al., 2022d).

Lipid oxidation measurements by 1H NMR 
Hydroperoxides (primary oxidation products), aldehydes (secondary oxidation 
products) and triacylglycerols (as a reference for the total amount of oil) 
were simultaneously quantified using 1H NMR, with an Advance III 600 MHz 
spectrometer, equipped with a 5-mm cryo-probe at 295 K, following the method 
described previously (Merkx et al., 2018). In brief, 580 µL of a mixture of CDCl3/
DMSO-d6 (5:1 v/v) were added to ~ 20 µl extracted oil (as described in 2.6) and 
transferred to 5-mm NMR tubes (Bruker, Billerica, Massachusetts, USA). From 
the recorded single pulse experiment, the glycerol backbone peak at δ 4.4 pm 
were used for the quantification of the amount of triacylglycerols. With a band 
selective pulse, the region between δ 13.0 and 8.0 ppm was selectively excited 
for the quantification of hydroperoxides and aldehydes, following (Merkx et al., 
2018). The hydroperoxide signals resonate between δ 11.3 and 10.6 ppm, and 
the aldehydes resonate between δ 9.8 and 9.4 ppm. The calculations, including 
a factor that accounts for intensity loss during the selective pulse, are described 
elsewhere (Merkx et al., 2018). The data were processed with the Bruker 
TopSpin 4.0.6 software.

Confocal Laser Scanning Microscopy
The emulsion samples were centrifuged for 5 min at 300×g, and the cream layer 
was taken. This procedure was used to prevent the droplets from moving during 
the CLSM measurement. A silicon gasket was fixed on the cleaned glass, and 2 µL 
of the cream phase were dripped into a well on a silicon gasket (CultureWell™, 
GRACEBIO-LABS). The well was then sealed with a glass plate to prevent the 
evaporation of water from the samples. Fluorescence images were monitored 
with a confocal laser scanning microscope (CLSM, Leica SP8), equipped with a 
63 · NA = 1.2 water immersion objective (HC PLAPO CS2, Leica), and a white-
light laser with user-selectable excitation wavelengths. The scanning format 
was 512 · 512 pixels (62 µm by 62 µm), and the line-scanning speed was set to 
100 Hz. For lipid oxidation measurements with BODIPY 665/676, the excitation 
wavelengths were set to 561 nm and 640 nm to detect oxidised and non-oxidised 
lipids, respectively. Detection ranges were set from 580 nm to 660 nm and from 
660 nm to 750 nm, respectively. For protein oxidation measurements with 
CAMPO-AFDye 647 (Figure A6.1), the samples were excited at 640 nm with a 
detection range between 660 nm and 750 nm. C11-BODIPY was excited at 561 



Chapter 6

118

nm and 488 nm to detect non-oxidised and oxidised BODIPY, respectively. The 
emission ranges were set at 580-660 nm and 500-560 nm, respectively.

CLSM imaging data were analysed using StarDist (Schmidt et al., 2018) and 
MATLAB R2021b (Figure A6.3). First, the raw image data from non-oxidised 
(ex 640 nm) and oxidised (ex 561 nm) channels were summed up and used 
for the segmentation of oil droplets in 2D StarDist. In the segmentation steps, 
the versatile (fluorescence nuclei) model was used for the neural network 
prediction. We set the percentile low and high values to 1 and 99.8, respectively. 
The probability/score threshold was set to 0.5 and the overlap threshold was 
0.4. After the segmentation steps, the masks were applied to the raw image data 
for the analysis of the fluorescence intensity changes with MATLAB R2021b. The 
average intensity and radii were determined for each droplet. The accumulation 
of CAMPO-AFDye 647 at the interface was obtained by removing the pixels with 
an intensity lower than 30% of the maximum, which was chosen because it 
allowed to differentiate the continuous phase from the interface. To quantify 
protein oxidation at the interface of each individual droplet, the intensity of all 
pixels was summed up and divided by the circumference. Intensity data were 
normalised by dividing each data point by the maximum fluorescence intensity 
in each sample.

6.2.4 Basic characterisation of emulsions
Droplet size measurements

Static light scattering
The oil droplet size of the whole emulsions was measured by static light 
scattering (SLS) (Malvern Mastersizer 3000, Malvern Instruments Ltd., Malvern, 
Worcestershire, UK), using a refractive index of 1.465 for the dispersed phase 
and 1.33 for the dispersant (water); and an absorption index of 0.01.

Dynamic light scattering
The continuous phase and the smallest oil droplets were separated from the 
larger oil droplets by centrifuging 2 mL of emulsion at 20,000×g for 42 min in 
a 2-mL microcentrifuge tube and collecting ~ 0.3 mL of the subnatant from the 
bottom of tube. The size of the colloidal structures present in this subnatant 
was measured by dynamic light scattering (DLS) (Zetasizer Nano ZS, Malvern 
Instruments Ltd., Malvern, Worcestershire, UK). The refractive index was 1.47 
for the dispersed phase, and the absorbance was 0.01.

Combined droplet size distribution
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For visualisation purposes, for selected samples, the distributions obtained 
by DLS and SLS were superimposed on the same graph. For this, the relative 
intensities from the DLS measurements were adjusted based on the actual oil 
contents in the subnatant (see below). The relative intensities from the SLS 
measurements were adjusted based on the assumption that its oil content was 
one minus the oil content in the subnatant.

CLSM
The droplet sizes of monodisperse emulsions were measured by CLSM. The 
same segmentation steps (section 6.2.3, ‘Confocal laser scanning microscopy’) 
were applied to the raw images. The number of pixels was counted per droplet, 
and the radius was calculated based on the sum of pixels (Figure A6.3). 

Oil content
The amount of lipids corresponding to very small droplets was quantified using 
a colorimetric method for measuring triacylglycerol content (Triglycerides 
Liquicolor Mono kit, HUMAN) (Jacobs et al., 1960; Trinder, 1969). In brief, the 
subnatant samples, obtained as described in the section above, were diluted 
to a range of 0.4-4 g/L, and about 20 µL of sample were weighed into a 2-mL 
microcentrifuge tube. Next, 1 mL of assay reagent was added, and the samples 
were subsequently incubated in a heating block at 800 rpm for 20 minutes 
at 20 °C. The absorbance was measured at a wavelength of 500 nm, and the 
concentration was calculated using a calibration curve (0.4-4 g triglycerides/L).

6.2.5 Experimental design
For each measurement, at least two emulsions were prepared independently, 
except for the measurements with emulsions containing 50 µM of BODIPY 
665/676, for which only one emulsion was prepared. Additionally, droplet 
size measurements and lipid oxidation measurements were performed on two 
independently incubated samples, which originated from the same emulsion, 
for each time point. 

6.3 Results and discussion

6.3.1 Microstructural characterisation of Tween 20- and WPI-stabilised 
emulsions
Poly- and monodisperse emulsions were prepared with a lab-scale colloid mill 
or by microfluidic emulsification, respectively. The droplet size distribution of 
colloid mill-made emulsions was obtained using DLS and SLS, and the droplet 
size distribution of microfluidic-made emulsions was obtained using CLSM 
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microscopy (section 6.2.4). The surface-weighted average droplet diameter 
(Sauter mean diameter, D3,2) of the colloid mill-made emulsion, stabilised by 
Tween 20, was 1.4 µm (obtained from SLS, section 6.2.4) (Figure 6.1). The 
difference between the smallest droplets observed (0.018 µm by DLS) and 
the largest droplets observed (8.7 µm by SLS) was a factor of ~ 500 (Figure 
6.1). The Tween 20-based emulsion made with microfluidics had a D3,2 of 
4.5 µm (obtained from CLSM), which is larger than for the colloid-mill made 
emulsion, although their size distributions overlap (Figure 6.1). Similarly, the 
WPI-stabilised emulsion prepared with the colloid mill had a smaller average 
droplet size (D3,2 = 2.3 µm, from SLS) than the WPI-stabilised emulsion prepared 
with microfluidics (D3,2 = 4.5 µm, from CLSM) (Figure 6.1).
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Figure 6.1. Droplet size distributions of the WPI-stabilised (a, blue) and Tween 20-stabilised (b, 
black) emulsions. Lines represent emulsions prepared with the colloid mill (solid line) or with 
microfluidics (dashed line). The droplet size distributions for the colloid mill-made emulsion 
were obtained by combining the SLS results on the whole emulsion sample with the DLS results 
on the subnatant sample obtained after centrifugation (section 6.2.4, Figure A6.4). The D3,2 was 
obtained from the CLSM results for the microfluidic-made emulsions and from SLS for the colloid 
mill-made emulsions.

6.3.2 BODIPY 665/676 oxidation
First, we compare BODIPY 665/676 oxidation to the formation of lipid oxidation 
products. The oxidation of BODIPY 665/676 can be detected by the change in 
excitation wavelength, which shifts from 640 nm in its native state to 561 nm 
upon oxidation (Naguib, 2000; Raudsepp et al., 2014). A reaction with peroxyl 
radicals causes the cleavage of the phenylbutadiene moiety and the formation 
of an acid group, which can occur at several positions (Figure A6.5) (Drummen 
et al., 2004; Yoshida et al., 2003). It has been reported that BODIPY 665/676 
is more sensitive to react with peroxyl radicals than unsaturated fatty acids 
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(Raudsepp et al., 2014a). Therefore, this reaction could possibly compete 
with the propagation of lipid oxidation. To explore this, lipid oxidation was 
measured in 2 wt.% WPI-stabilised polydisperse emulsions without and with 
1 or 50 µM BODIPY 665/676 in the oil (Figure 6.2). The samples containing 
BODIPY665/676 oxidised less rapidly compared to the sample that did not 
contain BODIPY 665/676 (Figure 6.2), with the exception of day 6 when the 
values are closer again. This infers that the reaction between peroxyl radicals 
and BODIPY 665/676 is competing with the reaction between peroxyl radicals 
and unsaturated fatty acids, and the concentration of BODIPY needs to be kept 
as low as possible. A concentration of 1 µM BODIPY 665/676 was used in the 
other experiments conducted within this chapter.
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Figure 6.2. Formation of hydroperoxides (HP) (a) and aldehydes (ALD) (b) over incubation 
in colloid mill-made emulsions stabilised by 2 wt.% WPI. Symbols corresponding to samples 
containing no BODIPY 665/676 (dark blue, ♦), 1 µM BODIPY 665/676 (blue, ■), and 50 µM 
BODIPY 665/676 (light blue, ▲). Error bars denote standard deviations of one measurement on 
two independently incubated samples originating from the same emulsion. The lines between the 
markers guide the eye.

As a next step, fluorescence needed to be linked to the formation of lipid 
oxidation products. For monodisperse emulsions this is possible, but for 
polydisperse emulsion this is not that straightforward. The smallest droplets in 
which BODIPY 665/676 fluorescence could be quantified were ~ 1 µm. In our 
polydisperse Tween 20-stabilised emulsion, ~ 28 vol.% of the oil was present 
in droplets smaller than 1 µm and ~ 4.8 vol.% in droplets smaller than 0.2 µm 
(resolution limit of this CLSM set-up, Figure A6.3) (Figure 6.1). In Chapter 5, it was 
shown that the lipid oxidation products were overrepresented in the smallest 
droplets compared to the whole emulsion, which implies that lipid oxidation 
would be underestimated if only droplets larger than 1 µm would be analysed. 
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Furthermore, lipid oxidation markers are standardly expressed in mmol/kg oil. 
For polydisperse emulsions it is required that the average fluorescence intensity 
for each droplet is weighted by the volume of that droplet. This is especially 
important if the droplet size affects lipid oxidation (Chapter 4 & 5), and if there 
is a wide range of droplet sizes present. For very monodisperse emulsions, 
prepared with membrane or microfluidic emulsification, the comparison 
between the formation of lipid oxidation products and the fluorescence intensity 
by BODIPY 665/676 is rather straightforward. This was one of the motivations 
to use microfluidic emulsification in this chapter.

Emulsion samples containing 2 wt.% of Tween 20 or 2 wt.% of WPI, prepared 
with microfluidic emulsification (ten Klooster et al., 2022), were incubated with 
5 mM AAPH at 25 °C in the dark. Hydroperoxides and aldehydes were quantified 
over incubation (Figure 6.3a & b), and the decrease in red fluorescence (BODIPY 
665/676) was measured with CLSM (Figure 6.3c). In the monodisperse emulsion 
stabilised by WPI, the concentration of lipid hydroperoxides increased slightly 
over the first 4 days and more rapidly between 4 and 6 days of incubation 
(Figure 6.3a). Similar effects were seen in the fluorescence intensity that showed 
a minor decrease in red fluorescence in the first 2 days, followed by a more 
rapid decrease between 4 and 6 days (Figure 6.3c). The rather simultaneous 
decrease in red fluorescence and increase in hydroperoxides could possibly be 
explained by an increase in lipid radicals formed in the droplets, which would 
both increase lipid oxidation and BODIPY 665/676 oxidation (Naguib, 2000; 
Raudsepp et al., 2014). In future work, a kinetic model could be used to link the 
estimated formation of peroxyl radicals to BODIPY665/676 oxidation (Schroën 
et al., 2022a). 

For the monodisperse emulsion prepared with Tween 20, the formation of 
hydroperoxides increased more slowly over 6 days of incubation compared 
to the WPI-stabilised emulsion (Figure 6.3a), whereas a rapid decrease in red 
fluorescence was already observed in the first 2 days (Figure 6.3c). This may 
be caused by the improved solubilisation of BODIPY into the continuous phase 
when Tween 20 is present (Shao et al., 2015), which could result in a loss of 
fluorescence intensity from the droplets or in accelerated BODIPY 665/676 
oxidation. This indicates that caution is needed when using fluorescence to 
study lipid oxidation in surfactant-stabilised emulsions. 
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Figure 6.3. Formation of hydroperoxides (HP) (a) and aldehydes (ALD); and decrease of red 
fluorescence (FL) by BODIPY 665/676 over incubation for microfluidic-made emulsions stabilised 
by 2 wt.% WPI (□) or 2 wt.% Tween 20 (○). Data shown in (c) was obtained for droplets of 4-5 
µm. Error bars (sometimes within marker) denote standard deviations of two measurements 
on independently incubated samples originating from the same emulsion. The outcomes of 
independent replicates are shown as separate data points, yet with the same symbols. The lines 
between the markers guide the eye.

6.3.3 Oxidation in WPI-stabilised emulsions versus Tween 20-stabilised 
emulsions
The formation of hydroperoxides and aldehydes in the monodisperse WPI-
stabilised emulsions was faster than in the monodisperse Tween 20-stabilised 
emulsions (Figure 6.3a & b). By switching from one emulsifier to another two 
important factors are varied simultaneously: (i) the type and concentration 
of emulsifier present in the continuous phase and (ii) the composition of the 
interface (Berton-Carabin et al., 2014; Genot et al., 2013). Usually, when changing 
the emulsifier, the droplet size is also affected (Figure 6.1), but the microfluidic 
emulsification method used here, allowed us to keep the droplet size constant 
when switching from Tween 20 to WPI. Both Tween 20 and β-lactoglobulin (the 
main component of WPI) have been described to exert antioxidative effects when 
present in the continuous phase (Berton et al., 2011b). Another often important 
effect of emulsifier molecules is that they may be themselves subjected to 
oxidative reactions, which will reduce the amount of oxygen available for lipid 
oxidation, and this might mitigate lipid oxidation. On the other hand, such co-
oxidation reactions involving emulsifiers may promote lipid oxidation in oil 
droplets (Berton-Carabin et al., 2014; Genot et al., 2013; Nuchi et al., 2001; 
Østdal et al., 2002; Salminen et al., 2010). In summary, even though the intrinsic 
oxidative reactivity of emulsifiers is probably a very important parameter in 
oxidative stability of emulsions, it is far from understood. When it comes to 
proteins, recent efforts have been reported to consider this aspect better, which 
is also covered later in this chapter (Berton-Carabin et al., 2014; Berton et al., 
2011b; Yang et al., 2020, 2023).
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6.3.4 Oxidation in oil droplets of different sizes
The formation of hydroperoxides and aldehydes in the colloid mill-made 
emulsions stabilised by Tween 20 proceeded faster than in monodisperse 
emulsions made with microfluidics (Figure 6.4a & b). We further observed that 
the decrease in red fluorescence seemed to be slightly faster in small droplets 
(Figure 6.4c & d). This is in line with the results from Chapters 4 and 5, where 
we found that small oil droplets oxidise faster than large ones, and that lipid 
oxidation products are overrepresented in the smallest droplets present in 
the emulsion. Therefore, the faster lipid oxidation for the colloid mill-made 
emulsion can be ascribed to its smaller average droplet size (Figure 6.1). For the 
WPI-stabilised emulsions, the colloid mill-made emulsion also oxidised faster 
than the microfluidic-made one (Figure 6.5a & b), which we also ascribe to the 
faster oxidation of smaller droplets (Figure 6.5c & d, Figure 6.1). 
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Figure 6.4. Formation of hydroperoxides (HP) (a) and aldehydes (ALD) (b); and decrease of red 
fluorescence (FL) by BODIPY 665/676 (c & d) over incubation in Tween 20-stabilised emulsions 
prepared with microfluidics (○) or by colloid mill (●). Symbols in c & d correspond to droplet 
sizes of: 1-2 µm (grey) and 4-5 µm (black), both from the colloid mill-made emulsion. Error 
bars (sometimes within the symbol) for a & b denote standard deviations of two measurements 
on independently incubated samples originating from the same emulsion. The outcome of 
independent replicates are shown as separate data points (a & b). For c & d, error bars denote 
standard deviations of many droplets from two independently incubated samples that originated 
from the same emulsion, and c & d show the results of independently prepared emulsions 
separately. The lines between the markers guide the eye.



125

6

Droplet size dependency and spatial heterogeneity of lipid oxidation in surfactant- and protein-stabilised emulsions

For the Tween 20-stabilised emulsion, the difference in the lipid oxidation course 
between the emulsions made with the colloid mill or with microfluidics was 
larger than for the WPI-stabilised emulsions (Figure 6.4a & 6.5a). This is probably 
caused by the larger difference between droplet sizes for the Tween 20-stabilised 
emulsions compared to the WPI-stabilised emulsions (Figure 6.1). Moreover, in 
the Tween 20-stabilised emulsion more very small droplets that oxidise rapidly 
(Chapter 5) were present than in WPI-stabilised emulsion (Figure 6.1, Figure 
A6.4). The faster oxidation of smaller droplets is in line with some (Chapter 4 & 5) 
(Li et al., 2019; Yang et al., 2020), but not all other studies conducted on the effect of 
droplet size on lipid oxidation (Berton-Carabin et al., 2014), as discussed in detail 
in Chapter 4. In summary, both the WPI- and Tween 20-stabilised polydisperse 
emulsions oxidised in a highly heterogeneous way. This is also reflected in the 
fluorescence signal to some extent, as discussed next.
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Figure 6.5. Formation of hydroperoxides (HP) (a) and aldehydes (ALD) (b); and decrease of red 
fluorescence (FL) by BODIPY 665/676 (c) over incubation in WPI-stabilised emulsions, prepared 
with microfluidics (□) or by colloid mill (■). Symbols in c & d correspond to droplet sizes of: 1-2 µm 
(light blue) and 4-5 µm (dark blue); both from the colloid mill-made emulsion. Error bars (sometimes 
within the symbol) for a & b denote standard deviations of two measurements on independently 
incubated samples originating from the same emulsion. The outcome of independent replicates are 
shown as separate data points. For c & d, error bars denote standard deviations of many droplets 
from two independently incubated samples that originated from the same emulsion, and c & d show 
the results of independently prepared emulsions separately. The lines between the markers guide 
the eye.
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6.3.5 Spatial heterogeneity of lipid oxidation
We observed similar fluorescence intensity in Tween 20-stabilised emulsion 
droplets of a similar size at every time point (as seen from the error bars of the 
symbols ○/● in Figure 6.3c & Figure 6.4c & d). For WPI-stabilised emulsions, 
large differences of BODIPY 665/676 red fluorescence were observed for 
droplets of a similar size for some timepoints (Figure 6.6, and visualised by error 
bars of the symbols □/■ in Figure 6.3c & Figure 6.5c & d). This indicates that 
even when WPI-stabilised droplets have the same size, their oxidation level can 
differ greatly. This could possibly be linked to protein oxidation because protein 
and lipid oxidation have been shown to be intertwined previously (Berton et al., 
2012). The interplay of lipid and protein oxidation at the interface was further 
studied with CLSM, and discussed in the next section (section 6.3.6).

Figure 6.6. (a & c) Red fluorescence (FL) by BODIPY 665/676 against the droplet size (between 
3 and 5 µm) for WPI-stabilised emulsions after 4 days of incubation prepared either with 
microfluidics (a) or with a colloid mill (b). (b & d) CLSM images showing the fluorescence intensity 
between droplets of similar sizes after 4 days of incubation (d), in a microfluidic-made emulsion 
(b) and a colloid mill-made emulsion (d).
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In a heterogeneously oxidising emulsion, the rapidly oxidising droplets can affect 
lipid oxidation in slowly oxidising droplets in multiple ways. One of the possibilities 
is that rapidly oxidising (small) droplets deplete the available oxygen and thereby 
hinder the hydroperoxide formation in slowly oxidising (larger) droplets. In these 
experiments, after 6 days the red fluorescence was close to zero for the WPI-
stabilised emulsions prepared with microfluidics (Figure 6.3c), whereas only 
~ 120 mmol of O2 per kg oil (out of ~ 450 mmol/kg oil; the maximum amount 
that may form given the available oxygen in the headspace of the tubes) were 
consumed by the formation of lipid oxidation products (Figure 6.3a). In principle, 
a lower amount of oxygen available for the reaction will reduce the reaction rate 
(Schroën et al., 2022a). However, given the fact that only ~ 25% of the available 
oxygen was consumed, this is not expected to have been a major factor during the 
fluorescence experiments. On the other hand, rapidly oxidising (small) droplets 
have been postulated to promote lipid oxidation in slowly oxidising droplets by 
the transfer of reactive lipid oxidation products (Laguerre et al., 2017, 2020; Li et 
al., 2020). Such phenomena were not expected to play a major role in the WPI-
stabilised emulsions because lipid oxidation is already initiated effectively by the 
formation of radicals from AAPH decomposition. In a recent study from our group, 
we found that only relatively small and hydrophilic lipid oxidation products, 
such as 4-hydroperoxy-2-nonenal, can transfer between droplets, although 
they did not systematically increase the formation of lipid oxidation products in 
other droplets (ten Klooster et al., 2022). Under other conditions, the transfer of 
reactive lipid oxidation intermediates might result in a faster oxidation in clean 
droplets. For example, in a study on BODIPY 665/676 oxidation in medium chain 
triglyceride (MCT) oil droplets, it was found that oxidising rapeseed oil droplets, 
present in the same emulsion, increased BODIPY 665/676 oxidation in the MCT 
oil droplets (Li et al., 2020). When combining these findings, it could be that in the 
study of Li et al., 4-hydroperoxyenals transferred from the oxidising rapeseed oil 
droplets to the MCT oil droplets, with the former acting as a potential source of 
peroxyl radicals that led to an increased BODIPY oxidation (Li et al., 2020).

6.3.6 Co-localisation of lipid- and protein oxidation in WPI-stabilised 
emulsions
It has been reported that proteins at the interface can either counteract or 
promote lipid oxidation (Berton et al., 2012), but so far, these conclusions have 
been drawn using data obtained from ‘bulk’ emulsions, whereas little is known 
about local effects (Yang et al., 2020, 2023). Here, we used CAMPO-AFDye 647 
(Yang et al., 2023) and C11-BODIPY because their emission wavelengths do not 
overlap, which enables us to co-localise protein and lipid oxidation, respectively. 
C11-BODIPY has the same core structure as BODIPY 665/676, but contains only 
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one phenylbutadiene moiety, which probably makes it less sensitive to lipid 
oxidation (Naguib, 2000; Raudsepp et al., 2014).

To highlight CAMPO-AFDye 647 accumulation at the droplet interface, the raw 
image data was filtered (section 6.2.3), which results in co-localised images 
of oxidised lipids, which is indicated by a blue colour, and oxidised proteins, 
which is indicated by red/pink-coloured spots (Figure 6.7). The images of the 
colloid mill-made emulsion show heterogeneous spots of CAMPO-AFDye 647 
accumulation at the interface. This could indicate that proteins at the interface 
oxidise in a heterogeneous way, which seems to be the case both between droplets 
of similar sizes and also on the level of one droplet. For the monodisperse WPI-
stabilised emulsions, only little CAMPO-AFDye 647 accumulation took place 
compared to the polydisperse emulsions (Figure 6.7c). This indicates that 
in these monodisperse emulsions, little protein oxidation took place at the 
interface, which might be caused by the lower lipid oxidation of the microfluidic-
made emulsions compared to the colloid mill-made emulsions during the first 
few days of incubation. This may have affected the course of protein oxidation, 
leading to less CAMPO-AFDye 647 accumulation. Alternatively, the mildness of 
the microfluidic emulsification could also have played a role.

5 μm 5 μm 5 μm

a b c

Figure 6.7. (a) Raw image data of colloid mill-made emulsions stabilised by WPI. (b & c) Filtered 
images of colloid mill- (b) and microfluidic-made emulsions (c). Red indicates CAMPO-AFDye 647 
fluorescence, which increases with protein oxidation, and blue C11-BODIPY fluorescence, which 
increases with BODIPY oxidation.

To investigate the interplay between protein and lipid oxidation, the average 
fluorescence intensity from C11-BODIPY was determined to quantify lipid 
oxidation, and the fluorescence by CAMPO-AFDye 647 was summed and next 
divided by the circumference to quantify protein oxidation. This quantification 
did not just result in a large variability of lipid oxidation as discussed in the 
previous section, but also in an extreme variability for protein oxidation due 
to its heterogeneity. This complicates linking droplet size to protein oxidation 
and linking protein oxidation to lipid oxidation. Even though this data does not 
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allow us to draw conclusions on these aspects, it would be logical that for small 
droplets protein oxidation is highest because: it has been shown that especially 
proteins at the oil-water interface oxidise (Berton et al., 2012), small droplets 
oxidise particularly fast (Figure 6.5c & d), and small droplets have a large oil-
water interface, where proteins and lipids can interact. What remains is that 
our data show that both lipid oxidation and protein oxidation proceed in highly 
heterogeneous fashions in WPI-stabilised emulsions, which cannot be shown 
with bulk emulsion measurements.

6.4 Conclusions

In this chapter, the decrease in red fluorescence from BODIPY 665/676 
oxidation was used to unravel droplet size-dependent spatial heterogeneity 
of lipid oxidation in Tween 20- and WPI-stabilised emulsions. For highly 
monodisperse WPI-stabilised emulsions, a rapid increase in hydroperoxides 
occurred simultaneously with a decrease in red fluorescence. A different trend 
for Tween 20-stabilised emulsions was observed, where red fluorescence 
rapidly decreased, whereas the formation of hydroperoxides was slow. How to 
link these results is not trivial, but this indicates that caution is needed when 
fluorescence results from different emulsion systems are compared.

For emulsions prepared with Tween 20 and WPI as emulsifiers, lipid oxidation 
increased with decreasing droplet sizes. This resulted from comparing the 
formation of lipid oxidation products in monodisperse microfluidic-made 
emulsions with polydisperse colloid mill-made emulsions and when comparing 
droplets present within the same emulsion, as shown by BODIPY 665/676 
oxidation. For WPI-stabilised emulsions, also a major difference in oxidation 
status, as indicated by red fluorescence, between droplets of the same size 
was observed. This could either be a result of coincidence that in one droplet 
more lipid oxidation was initiated or due to heterogeneity of protein oxidation 
at the interfacial layer, which is known to be intertwined with lipid oxidation. 
Heterogeneous protein oxidation was shown to occur by the heterogeneous 
accumulation of CAMPO-AFDye 647 at the interface. This heterogeneity was not 
just observed at the level of droplets, but also at the level of the same interface 
of individual droplets. The intrinsic reactivity of emulsifiers (both proteins and 
surfactants) is probably of importance for the oxidative stability of emulsions, 
but it is far from completely understood.

These insights contribute to our understanding of locally proceeding oxidation 
events, which may lead to improved oxidative stability of ‘bulk’ emulsions.
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6.5 Appendix

Figure A6.1. The chemical structure of the fluorescently labelled spin trap (CAMPO-AFDye 647). 
CAMPO, which is a derivate of DMPO, is conjugated with the fluorescent dye, AFDye 647. 

Figure A6.2. Top-view design of the Upscaled Partitioned EDGE chips used in this research. The 
blue ‘twisted road’ channel is the continuous phase channel, and the yellow ‘twisted road’ channel 
is the to-be-dispersed phase channel. The grey rectangular areas in between these channels are 
the main plateaus that contain the micro-plateaus with the Droplet Formation Units (DFU). A 
3D representation of a DFU is shown in the right lower corner, showing oil – in yellow –, being 
pushed out of the DFU and forming a droplet ready to detach. This illustration is not to scale, only 
12 out of the 42 main plateaus are shown per row.
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(a) Raw data (b) Segmentation

(c) Applied image (d) Average

120 nm/pixel

Radius = 4 µm
Average intensity = 30

(e) Final data

Droplet Diameter	(µm)
Average	

Intensity	(a.u.)
1 3 23
2 3.2 25
3 2.5 20
- - -

1300 4.0 25
Figure A6.3. (a) Raw image data were acquired using CLSM as described in the main text 
(section 6.2.3 & 6.2.4). The pixel size was 120 nm (512 · 512 pixels for 61.63 · 61.63 um). 
Images of two channels (ex 640 nm and ex 561 nm) were first summed and subsequently used 
for the segmentation. (b) The masks of oil droplets were acquired by applying 2D StarDist to 
the summed images (ex 561 + ex 640 nm). (c) Next, masks and raw data were multiplied using 
MATLAB R2021b. (d) The average intensity in the droplet was used for further analyses, and the 
size of the droplets was calculated from the counts of pixel numbers. (e) Final data was obtained 
as a list of droplet numbers and radii with the average intensity. For comparing the data obtained 
under different conditions, the initial intensity was set to 1 and all data points were divided by the 
maximum intensity to obtain a normalised intensity.
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Figure A6.4. Droplet size distributions of the colloid mill-made emulsions with WPI (a, blue) 
or with Tween 20 (b, black). Lines represent different samples and measurement techniques: 
DLS on the subnatant samples (dotted line), SLS on whole emulsion sample (dashed line), and 
the combination of those measurements (solid line), which was based on the oil content in the 
subnatant (text in the graphs) (section 6.2.4).
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Figure A6.5. The native structure of BODIPY 665/676 and its possible modified structures upon 
oxidation.
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Figure A6.6. Blue fluorescence (a) from C11-BODIPY and CAMPO-AFDye 647 fluorescence (b) 
against droplet size. The higher the fluorescence, the higher the BODIPY (lipid) (a) or CAMPO 
(protein (b) oxidation. Error bars denote standard deviations. Data from one independently 
prepared emulsion is shown.
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Abstract

Lipid oxidation is a major factor limiting the shelf life of food and other emulsion 
products. In this chapter, we explore which lipid oxidation products may transfer 
between oil droplets in model food emulsions stabilised by excess amounts 
of surfactant, and whether this affects the overall reaction. No significant 
differences in concentrations of triglyceride-bound hydroperoxides were found 
before and after mixing ‘clean’ oil droplets with pre-oxidised ones. Shorter and 
more hydrophilic lipid oxidation products, such as 4-hydroperoxy-2-nonenal 
and 2,4-decadienal, were found to equilibrate between oil droplets within 30 
minutes. Adding exogenous 4-hydroperoxy-2-nonenal to an emulsion led to 
overall higher lipid oxidation values, although this effect was not systematic 
nor instantaneous. Therefore, it may be questioned whether transfer and 
subsequent initiation are always relevant for oxidising emulsion systems. In 
future research, this question should be addressed for complex emulsions that 
are closer to real-life food products. 
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7

Introduction

Food or biobased products containing polyunsaturated fatty acids (PUFAs) 
are prone to lipid oxidation, which has a negative impact on the quality of the 
products (Schaich, 2005). This is particularly marked in oil-in-water (O/W) 
emulsions, where the large amount of oil-water interface allows contact between 
PUFAs and water-soluble prooxidants, such as metal ions (Berton-Carabin et al., 
2014). Lipid oxidation is not only considered the main factor in determining 
the shelf life of food emulsions (e.g., mayonnaise), but can also be problematic 
in other biobased systems (pharmaceuticals [for example mRNA vaccines 
(Schoenmaker et al., 2021)], cosmetics, etc.). Accordingly, lipid oxidation in 
emulsions has received a lot of attention in the last two decades.

Besides the chemically complex cascade of reactions that occur during lipid 
oxidation, it has been proposed that the overall course of the reaction could 
be affected by transfer of lipid oxidation products between oil droplets, which 
could be facilitated through surfactant micelles (Laguerre et al., 2017). A 
well-known mechanism that may point in the direction of such a transfer is 
compositional ripening; in emulsions containing droplets made of different 
pure alkanes, complete exchange of the droplets’ core materials usually takes 
place within days. This phenomenon has been reported for emulsions stabilised 
with surfactants or proteins, which are usually present in excess (McClements 
et al., 1992; Samtlebe et al., 2012; Villeneuve et al., 2021). The exchange of other 
lipid or lipophilic components between oil droplets has also been studied, as 
summarised in Table 7.1. If such a transfer happens in oxidising food emulsions, 
this may cause ‘clean’ (i.e., non-oxidised) oil droplets to become contaminated 
by lipid oxidation intermediate products from neighbouring oxidising droplets 
(Laguerre et al., 2020). 

Lipid oxidation intermediates such as hydroperoxides can react with metal 
ions at the oil-water interface, forming reactive peroxyl (LOO•) and alkoxyl 
(LO•) radicals that rapidly re-initiate the lipid oxidation radical chain reaction 
(Reaction 7.I – 7.IV) (Schaich, 2005). A recent hypothesis suggests that such 
transfer and ‘secondary initiation’ pathways are the main mechanisms for 
propagation of lipid oxidation (Laguerre et al., 2017, 2020).

(7.I)
(7.II)

(7.III)

(7.IV)
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Another recent paper showed that a lipophilic fluorescent dye (BODIPY 
665/676), present in medium chain triglyceride (MCT) emulsion droplets, 
oxidises faster when oxidising vegetable oil droplets are present in the same 
emulsion (Li et al., 2020). This may suggest that lipid oxidation can spread 
from oxidising droplets to initially clean ones. It is, however, unclear which 
components would be responsible for this, and whether the kinetics of the 
cascaded reaction may cause such an effect. 

In this chapter, we aim to unravel which lipid oxidation products may transfer 
between oil droplets in a model food emulsion, and whether transferred 
molecules would substantially promote lipid oxidation. To do so, an emulsion 
prepared with high-density, pre-oxidised oil was mixed with an emulsion made 
with regular, (low-density) clean oil. Both emulsions were mixed and incubated. 
Over time, the droplets that were made with oxidised oil were physically 
separated from the droplets that were made with clean oil, which was owed to 
the density difference between both starting oils. Next, a range of lipid oxidation 
products were quantified with nuclear magnetic resonance (1H NMR) in the 
initially clean droplets. In addition, the potential lipid oxidation-initiating effect 
of the oxidation product 4-hydroperoxy-2-nonenal was investigated. 

Table 7.1. Overview of studies in which the exchange of one or multiple lipid or lipophilic molecules 
between oil droplets was investigated.
Article Studied 

molecule(s) for 
transfer (% of oil 
phase)

Oil phase 
(% of total 
emulsion)

Continuous 
phase (% of 
continuous 
phase)

Results as interpreted in the 
papers.

(Nuchi et al., 
2002)

4 wt.% 
peroxidised 
linoleic acid / 
methyl linoleate / 
trilinolein

10% oil (96 
wt.% corn 
oil, 4 wt.% 
peroxidised 
lipids)

1 wt.% Brij 76, 
0.1 mM EDTA

All three types of lipid 
hydroperoxides were solubilised 
out of the lipid droplets into the 
continuous phase containing Brij 76 
micelles, in the order of linolenic acid 
> methyl linoleate ~ trilinolein. 

(Li et al., 
2020)

1 wt.% 
2,4-decadienal

0.2 wt.% 
oil (33% 
brominated 
vegetable oil, 
66% MCT oil)

0.14 wt.% SDS This aldehyde equilibrated within 10 
minutes between MCT oil droplets 
even without surfactant micelles 
(SDS concentration was 0.5 mM, CMC 
of SDS is 8 mM).

(Cui et al., 
2019)

Hydroperoxides 
of stripped walnut 
oil

5 wt.% 
walnut oil

0.25 wt.% SDS, 
with 0 / 0.3 / 
0.6 wt.% NaCl

Initially, ± 15% of the hydroperoxides 
were solubilised by SDS micelles 
into the aqueous phase, and this 
increased to 35% upon increasing 
the NaCl concentration to 0.3 wt.%.

(Raudsepp et 
al., 2014c)

Medium chain 
triglyceride oil

82 wt.% 
linseed oil / 
MCT oil

egg yolk (12 
wt.%), mustard 
(2 wt.%), 
vinegar (2 
wt.%), lemon 
juice (2 wt.%)

No mixing of the droplets’ contents 
occurred over 2 days of incubation.
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(McClements 
et al., 1992)

Hexadecane / 
octadecane

10 wt.% 
hexadecane / 
octadecane

2 wt.% Tween 
20

Complete transfer of the oils (all 
droplets containing 50% of both 
oils) in the droplets took over 7 days. 
The rate of exchange increased with 
additional surfactant.

(McClements 
et al., 1993) 

Hexadecane / 
octadecane

10 wt.% 
hexadecane / 
octadecane

0.5 / 2.5 wt.% 
whey protein 
isolate / casein

Oil exchange occurred with both 
proteins and increased with protein 
concentration, but was incomplete 
after 29 days.

(Samtlebe et 
al., 2012)

Tetradecane / 
eicosane

10 wt.% oil 1 / 2 wt.% 
Tween 20

The mass transfer of n-tetradecane 
to n-eicosane occurred over the 
course of several hours. The rate 
of dissolution increased with the 
tetradecane droplet to eicosane 
emulsion ratio and with surfactant 
concentration.

Tetradecane / 
eicosane

10 wt.% oil 1 / 2 wt.% 
sodium 
caseinate

There was some change in the alkane 
melting peak shape, but no evidence 
of substantial mass transfer in 
the time allowed regardless of the 
concentration of caseinate used.

Caprylic/capric 
triacylglycerol / 
palm stearin

10 wt.% oil 1 wt.% sodium 
caseinate

The rate of mass transfer was slower 
in this triacylglycerol system (after 
24 days still no equilibration) than 
for the hydrocarbon system (see 
above).

(Richards et 
al., 2002)

Propyl gallate / 
tertiary butyl-
hydroquinone / 
butylated  
hydroxytoluene

5 wt.% 
hexadecane 
/ olive oil / 
salmon oil

0.1 mM EDTA, 
0.5-3 wt.% Brij 
700

The nonpolar antioxidant butylated 
hydroxytoluene was solubilised less 
than the more polar antioxidants 
tertiary butylhydroquinone and 
propyl gallate. Solubilisation 
increased with added Brij 700 (after 
emulsification).

(Keller et al., 
2016)

Vanillic acid 30 wt.% 
oil (not 
emulsified)

2 mmol vanillic 
acid/kg water, 
either with or 
without Tween 
40 (0.9 / 3.6 
wt.%)

3/4 of the vanillic acid partitioned 
in the aqueous phase and 1/4 in the 
oil phase for the two-phase non-
emulsified system without Tween 
40. In the presence of Tween 40, the 
major part of vanillic acid (90%) was 
found in the aqueous phase.

(Raudsepp et 
al., 2016)

5.7 µM DTBP 
(di-tert-butyl 
peroxide)

30 wt.% 
stripped 
sunflower / 
MCT oil

0.72 wt.% 
Tween 20, 
sodium acetate-
acetic acid 
buffer (pH = 
4.65)

DTBP radical life-times were short; 
thus, the radical chain reactions 
progressed only up to ∼60 μm 
from the initiation site. The radical 
reactions were not able to cross 
the interfaces and progress to 
neighbouring oil droplets. The 
propagation and diffusion of radicals 
was dependent on the degree of 
unsaturation of the oil, and the 
viscosity of the lipid medium.

(Raudsepp et 
al., 2014b)

13 mM AMVN 
(2,2′-azobis(2,4-
dimethyl) 
valeronitrile)

30 wt.% 
stripped 
sunflower / 
MCT oil

0.72 wt.% 
Tween 20, 
sodium acetate-
acetic acid 
buffer (pH = 
4.65). Sodium 
acetate buffer 
(pH 4.65)

Radicals can be transferred between 
oil droplets and lipid autoxidation 
can spread between neighbouring oil 
droplets.

(Banerjee et 
al., 2018)

Propagation of 
lipid oxidation 
rection

70 wt.% cod 
liver oil

4.7 wt.% 
sodium 
caseinate

Oxidation reactions readily 
propagate through the interior of 
the oil droplet. The oxidation of one 
droplet does not appear to spread 
to an adjacent and neighbouring 
droplet.
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7.2 Materials and methods

7.2.1 Materials
Rapeseed oil (kindly supplied by Unilever, Wageningen, the Netherlands) and 
a mixture of brominated oil (Spectrum Chemical, Gardena, USA) and n-hexane 
(Actu-All Chemicals, Oss, the Netherlands) (5:1 v/v) were stripped with alumina 
powder (MP112 EcoChromet ALUMINA N, Activity: Super I, Biomedicals) to 
remove impurities and endogenous antioxidants (in particular tocopherols) 
(Berton et al., 2011a); n-hexane was then evaporated from the brominated 
oil by a continuous flow of nitrogen, while the mixture was stirred at 40 °C, 
until constant weight was reached. Sodium phosphate monobasic dihydrate 
and sodium phosphate dibasic dihydrate (Sigma-Aldrich, Zwijndrecht, the 
Netherlands) were used to make the phosphate buffer (pH 7.0). 2-propanol 
was obtained from Actu-All Chemicals (Oss, the Netherlands). Deuterated 
chloroform and dimethylsulfoxide (CDCl3 and DMSO-d6) were purchased from 
Euriso-top (Saint-Aubin, France). Ethylenediaminetetraacetic acid calcium 
disodium salt (EDTA) and Tween 20 were purchased from Sigma Aldrich 
(Sigma-Aldrich, Zwijndrecht, the Netherlands). 4-Hydroperoxy 2-nonenal 
(purity ≥ 95%) was obtained from Cayman Chemical (Ann Arbor, USA), and 
trans,trans-2,4-decadienal (purity ≥ 97%) was obtained from Fisher Scientific 
(Roskilde, Denmark). Ultrapure water (18.2 MΩ) was used for all experiments 
and prepared using a Milli-Q system (Millipore Corporation, Billerica, MA, USA).

7.2.2 Emulsion preparation
Preparation of the oil
50 g of stripped rapeseed oil were incubated in a 250-mL bottle with the 
lid loosely put on the bottle in an oven at 40 °C and stirred for 7 days at 100 
rpm. After 7 days, the oxidation level was measured (see section 7.2.5). If the 
oxidation level was lower than desired (< 60 mmol hydroperoxides/kg oil), the 
incubation was extended, until the desired level was reached. Afterwards, the 
oxidised oil was collected and stored with a nitrogen blanket at −80 °C until 
further use. For the independent replicates, the same batch of pre-oxidised oil 
was used. For the experiments with 0.5 and 2 wt.% Tween 20, a different batch 
of pre-oxidised oil was used. The pre-oxidised rapeseed oil was mixed with 
stripped brominated oil in a 65:35 ratio (w/w).

Emulsion preparation, incubation and sample taking
Transfer experiment with pre-oxidised oil
Either 0.5 or 2 wt.% of Tween 20 was dissolved in a 10-mM phosphate buffer 
(pH 7.0) and stirred for 15 min at 300 rpm. Next, EDTA (75 mg/kg continuous 



141

Lipid oxidation products in model food emulsions: do they stay in or leave droplets, that’s the question

7

phase) was added, and the solution was stirred for 15 min. A coarse emulsion 
was made by adding 10 wt.% of either the stripped rapeseed oil (for the clean 
emulsion) or the mixture of pre-oxidised oil and brominated oil (for the pre-
oxidised emulsion) (see section above) to the continuous phase, and high-speed 
stirring was applied at 11,000 rpm for 1 min with a rotor-stator homogeniser 
(Ultra-turrax IKA T18 basic, Germany) (Figure 7.1a & b). To obtain the final 
emulsion, the coarse emulsions were homogenised by passing them three times 
through a high pressure M-110Y Microfluidizer (Microfluidics, Massachusetts, 
USA), equipped with a Y-shaped interaction chamber (F12Y; minimum internal 
dimension: 75 μm), at 600 bars. The clean emulsion was mixed with the pre-
oxidised emulsion in a 1:1 ratio (w/w) (Figure 7.1c). Finally, 12 mL of mixed 
emulsion were added to 20-mL headspace vials, which were treated with 
a nitrogen blanket to minimize further oxidation. The tubes were rotated 
horizontally at 2 rpm in a dark oven at 25 °C for up to 14 days. 

Figure 7.1. Schematic representation of the samples that were prepared and analysed for this 
research: emulsion prepared with clean oil (a), emulsion prepared with pre-oxidised oil (or 
spiked with exogenously added aldehydes) (b), and a 1:1 ratio (w/w) emulsion of a and b that 
was incubated (c). Over time, samples were taken from emulsion a and c, and emulsion c was 
centrifuged to collect the cream (d1) containing the initially clean droplets and sediment (d2) 
containing the pre-oxidised droplets.

Transfer of exogenously added aldehydes 
Tween 20 (2 wt.%) was dissolved in a 10-mM phosphate buffer (pH 7.0) and 
stirred for 15 min at 300 rpm. Next, EDTA (75 mg / kg continuous phase) was 
added, and the solution was stirred for 15 min. For this set of emulsions, the 
used oil was either the stripped rapeseed oil for the ‘clean’ droplets, or for 
the ‘supplemented’ droplets, a mix of stripped rapeseed oil (65 wt.%) and 
stripped brominated oil (35 wt.%) with 0.2 mmol 4-hydroperoxy-2-nonenal or 
2,4-decadienal per kg oil (commercial aldehydes, added exogenously to the oil). 
The emulsion was prepared as described in section above. The clean emulsion 
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was mixed with the emulsion containing the exogenous aldehyde in a 1:1 ratio 
(w/w). Sample taking was performed immediately after carefully mixing the 
two emulsions, and this was done as described in the section below.

Sample taking procedure for transfer experiments
Samples from the mixed emulsion were taken at carefully selected time points, 
and the initially clean droplets were separated from the initially oxidised 
droplets by centrifuging 20 mL of emulsion in 50-mL tubes at 28,000×g for 30 
min at 4 °C, which was based on previous research (Li et al., 2020). The liquid 
in between the thick cream and thick sediment was discarded, and a small 
amount (~ 0.2 g) of cream or sediment was transferred with a spatula into 15-
mL centrifuge tubes and redispersed in 1.5 mL ultrapure water (Figure 7.1d). 
Next, the samples were treated with a nitrogen blanket and stored at −80 °C 
until further use (minimally 48 h, maximally 20 days) (Merkx et al., 2018; ten 
Klooster et al., 2022d).

Effect of exogenously added 4-hydroperoxy-2-nonenal on lipid oxidation
Tween 20 (0.5 wt.%) was dissolved in ultrapure water and stirred for 30 
min at 300 rpm. Stripped rapeseed oil was added with or without 0.2 mmol 
4-hydroperoxy-2-nonenal/kg oil. A coarse emulsion was then made by mixing 
the oil (10 wt.% of final emulsion) and aqueous phases with a high-speed 
stirrer at 11,000 rpm for 1 min with a rotor-stator homogeniser (Ultra-turrax 
IKA T18 basic, Germany). The fine emulsion was prepared by passing the coarse 
emulsion through a lab scale colloid mill with gap width of 0.32 mm (IKA Magic 
Lab, Staufen, Germany), operating for 1.5 min at 26,000 rpm, and the colloid 
mill was cooled with water at 4 °C. Headspace vials (20 mL) containing 2 mL 
emulsion were rotated horizontally at 2 rpm in a dark oven at 25 °C for up to 
14 days. Samples were taken at selected time points, treated with a nitrogen 
blanket, and stored at −80 °C until further use (minimally 48 h, maximally 20 
days) (Merkx et al., 2018; ten Klooster et al., 2022d).

7.2.4 Droplet size measurements
The oil droplet size of the emulsions was measured by static light scattering (SLS) 
(Malvern Mastersizer 3000, Malvern Instruments Ltd., Malvern, Worcestershire, 
UK), using a refractive index of 1.465 for the dispersed phase and 1.33 for the 
dispersant (water); and an absorption index of 0.01. The droplet sizes for all the 
prepared emulsions remained constant over an incubation period of 14 days 
(Figure A7.1). The droplet size distributions in the creamed layers were always 
very similar to the droplet size distributions of the clean emulsions (prior to 
mixing), which confirms that the clean droplets can be effectively isolated from 
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the mixed system (Figure A7.2 & A7.3). 

The continuous phase and the smallest oil droplets were separated from the 
larger oil droplets by centrifuging 2 mL of emulsion at 20,000×g for 60 min in 
a 2-mL Eppendorf tube and collecting ~ 0.3 mL of the subnatant. The size of 
the colloidal structures present in this subnatant were measured by dynamic 
light scattering (DLS) (Zetasizer Nano ZS, Malvern Instruments Ltd., Malvern, 
Worcestershire, UK). The refractive index was 1.47 for the dispersed phase, and 
the absorbance was 0.01.

7.2.5 Lipid oxidation measurements
Lipid extraction
The extraction was performed by adding 8 mL hexane-isopropanol (3:1 v/v) to 
± 1.5 mL emulsion and vortexing thoroughly, as previously described (Waraho 
et al., 2011a). The mixture was centrifuged at 4,000×g for 20 min and the upper 
layer, containing the hexane and fat, was carefully separated from the bottom 
layer. The hexane was evaporated under a stream of nitrogen at 25 °C until 
constant weight, and the remaining oil was treated with a nitrogen blanket 
and frozen at −80 °C for a minimum of 48 h and a maximum of 20 days until 
further measurements, which was based on previous research (ten Klooster et 
al., 2022d).

Lipid oxidation measurements by 1H NMR
Hydroperoxides (primary oxidation products), aldehydes (secondary oxidation 
products) and triacylglycerols (as a reference for the total amount of oil) 
were simultaneously quantified using 1H NMR, with an Advance III 600 MHz 
spectrometer, equipped with a 5-mm cryo-probe at 295 K, following the 
method described by Merkx et al. (Merkx et al., 2018). In brief, extracted oil 
(as described above) and a mixture of CDCl3/DMSO-d6 (5:1 v/v) were mixed 
in a ratio of 1:3 (v/v) and transferred to 5-mm NMR tubes (Bruker, Billerica, 
Massachusetts, USA). From the recorded single pulse experiment, the glycerol 
backbone peaks at δ 4.4 pm were used for the quantification of the amount of 
triacylglycerols. From the band selective pulse, the region between δ 13.0 and 
8.0 ppm was selectively excited for the quantification of the lipid oxidation 
products, following Merkx et al. (Merkx et al., 2018). The hydroperoxide signals 
resonate between δ 11.3 and 10.6 ppm, and the aldehydes resonate between δ 
9.8 and 9.4 ppm. The calculations, including a factor that accounts for intensity 
loss during the selective pulse, are described in (Merkx et al., 2018). The data 
were processed with the Bruker TopSpin 4.0.6 software.
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7.2.6 Experimental design
For each measurement, at least two emulsions were prepared independently. 
For the experiment on the effect of 4-hydroperoxy-2-nonenal on lipid oxidation, 
four emulsions were prepared independently per condition investigated. 
Additionally, per time point, two independently incubated samples from the 
same emulsion were analysed for droplet size and lipid oxidation products. 
Statistical analysis of variance (F-test and T-test) (Microsoft Office Excel 2016) 
was carried out on experimental lipid oxidation values between different 
samples. Differences at p < 0.05 were considered significant.

7.3 Results and discussion

7.3.1 Colloidal structures in the emulsions
The emulsion droplets containing the clean oil, the pre-oxidised oil, and the 1:1 
w/w mixture of both had sizes around 0.1-0.8 µm as measured by SLS (Figure 
A7.2), and the emulsions were physically stable over incubation (Figure A7.1). 
We also detected small association colloids, with sizes of around 25-100 nm, in 
the subnatant of a centrifuged emulsion (Figure 7.2). 
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Figure 7.2. Droplet size distributions in (from left to right): a 0.25-wt.% Tween 20 solution (by 
DLS) (black solid line); the subnatant collected after centrifugation of an emulsion made with 
clean rapeseed oil and with 2 wt.% Tween 20 (by DLS) (yellow dashed line); and the whole clean 
emulsion made with 2 wt.% Tween 20 (by SLS) (solid yellow line).

Empty surfactant micelles (i.e., with sizes corresponding to the black line in 
Figure 7.2) could not be detected in the emulsions’ subnatants by DLS, but cryo-
TEM did allow us to highlight their presence (Chapter 5). This is in agreement 
with other studies in which it was shown that empty micelles (and very small 
oil droplets) could not be detected by DLS due to the presence of larger droplets, 



145

Lipid oxidation products in model food emulsions: do they stay in or leave droplets, that’s the question

7

which very largely dominate the scattering signal; yet, NMR investigations 
confirmed the presence of such smaller structures (Awad et al., 2018; Law 
et al., 2012). It was previously reported that the subnatant (centrifugation 
conditions: 35 min 24,000×g), referred to as: the continuous phase, contained 
hydroperoxides (Nuchi et al., 2002). Since physical characterisation of the 
subnatant was not reported in this previous study, this may also have been 
small droplets with a diameter ~ 100 nm, instead of oil-free micelles (Nuchi et 
al., 2002).

7.3.2 Triglyceride-bound hydroperoxides 
Directly after mixing the clean- and oxidised droplets, the clean droplets were 
isolated by collecting a sample of the creamed phase after centrifugation 
(Figure 7.1). The level of TAG-bound hydroperoxides of the clean emulsion 
droplets isolated from the mix was found to be unaffected by the mixing (p > 
0.05) (Figure A7.4). This is an indication that: (1) we can properly separate the 
droplets initially made with clean oil from the mixed emulsion, and (2) that 
transfer of TAG-bound hydroperoxides is not immediate (or below the detection 
threshold). For the emulsions prepared with 2.0 wt.% Tween 20, some cream 
samples had a higher hydroperoxide content than the non-mixed clean emulsion, 
but this slight difference was not statistically significant (p > 0.05) (Figure A7.4). 
This may have been caused by the presence of very small pre-oxidised droplets 
(Figure 7.2) that cannot be removed effectively by centrifugation, which results 
in a relatively large variability in hydroperoxide concentrations (Figure A7.4, 
right panel).

The lipid hydroperoxide content in the mixed emulsion was measured over 
time for emulsions prepared with 0.5 and 2 wt.% Tween 20 (Figure 7.3a & 
b, respectively). The hydroperoxide content in the mixed emulsion and in the 
pre-oxidised droplets seems to be relatively constant over time, which is due to 
the incubation conducted in the presence of EDTA and under low amounts of 
oxygen (headspace contains ~ 0.3 vol.% O2 after applying the nitrogen blanket). 
The hydroperoxide content in the initially clean droplets remained close to zero 
over the incubation for about 10 days, for both the emulsions prepared with 
0.5 wt.% Tween 20 and with 2 wt.% Tween 20 (Figure 7.3a & b, respectively). 
This indicates that barely any hydroperoxides (if any at all) transferred from 
the pre-oxidised droplets to the clean droplets in the presence of an excess 
amount of surfactant and under rotation (i.e., no concentration gradients in the 
samples). Similar conclusions of barely any transfer (if any) of lipid molecules 
between O/W emulsion droplets were reported for medium chain triglycerides 
(Raudsepp et al., 2014c). Our results show that the presence of one or multiple 
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hydroperoxide groups on a triglyceride molecule does not make it more prone 
to transfer either via collision of droplets or through transfer via the continuous 
phase, which are two mechanisms that were theoretically proposed (Laguerre 
et al., 2017). 
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Figure 7.3. Hydroperoxide (a & b) and aldehyde (c & d) content over incubation. Symbols 
correspond to: the (homogeneous) mix of clean and pre-oxidised emulsion droplets (■), 
the pre-oxidised droplets isolated from the mix (●), the clean droplets isolated from the 
mix (▲), and the clean emulsion incubated separately under the same conditions (∆, only 
b & d). For (a) & (c) emulsions were prepared with 0.5 wt.% Tween 20 and (b) & (d) with 
2 wt.% Tween 20. Error bars (sometimes within the marker) denote standard deviations 
of two measurements on two independently incubated samples originating from the same 
emulsion. The outcomes of the independent replicates are shown as separate datapoints.

In contrast, for emulsions containing alkenes, a complete equilibration 
occurred within 3-6 days (McClements et al., 1992). There is obviously a great 
difference in solubility in the continuous phase of alkenes compared to long-
chain triglycerides. As the latter have almost zero-solubility in water (Wooster 
et al., 2008), this most likely hampers any related transfer via solubilisation in 
the continuous phase. Alternatively, transfer may take place through surfactant 
micelles, although this possibility is largely contingent on the type of lipid 
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(Villeneuve et al., 2021). For instance, the large size of triglycerides (~3.4 
nm) compared to the micelle core (~2 nm) (Villeneuve et al., 2021) may be 
the reason that these molecules cannot be as easily included in surfactant 
micelles as, for example, n-hexadecane molecules (~ 1.8 nm) (Coupland et al., 
1996). You and co-workers suggested that the reduction of transfer can also be 
caused by increased hydrophobic interactions between the oil and the targeted 
molecule (You et al., 2012), which they based on a finding that by increasing the 
hydrophobic chain length of the surfactant from 4 to 8 groups, the transfer of 
the surfactant was ~ 600 times slower. Such hydrophobic interactions between 
triglycerides could also prevent triglycerides (bearing a hydroperoxide group) 
from transferring to other droplets.

If we zoom in on the hydroperoxide levels in the clean droplets over time 
(inserts Figure 7.3a & b), they increased by ~ 1-3 mmol/kg oil over the first day 
of incubation, and then remained constant. There are two possible explanations 
for this result: (1) a transfer of hydroperoxides from the oxidised droplets to 
the initially clean ones, or (2) in situ oxidation of the oil droplets collected in 
the cream. If this minor increase were due to transfer, we would expect the 
hydroperoxide content to increase further from 1-12 days, but this did not 
occur. When the clean emulsion droplets were incubated independently (i.e., 
without being mixed with pre-oxidised ones), under the same conditions, the 
hydroperoxide content also increased slightly to ~ 1.5 mmol/kg oil (Figure 
7.3b), which is similar (p > 0.05) to the concentration in the cream at t = 7 
days and t = 12 days. Moreover, we cannot exclude that the clean droplets in 
the mixed system oxidise faster than the clean droplets that were incubated 
separately, which is further addressed in section 7.3.4. 

7.3.3 Can certain aldehydes transfer to other droplets?
Similarly to hydroperoxides, the aldehyde content was measured in the mixed 
emulsion, in the initially clean droplets separated from the mixed emulsion, 
and in the pre-oxidised droplets separated from the mixed emulsion (Figure 
7.3c & d, respectively). Please note that the initial aldehyde content was slightly 
different between the samples made with 0.5 and 2 wt.% Tween 20 because a 
different batch of oxidised oil was used. As was the case for hydroperoxides, 
the aldehyde content in the initially clean droplets in the mixed emulsion did 
not seem to increase over incubation time (Figure 7.3c & d). The aldehyde 
content in the mix and in the oxidised droplets from the mix increased slightly 
over the incubation period, most probably as a result of radicals formed during 
homogenisation that keep propagating the reaction (Serfert et al., 2009). It was 
expected that EDTA would prevent secondary oxidation product formation 
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since it chelates prooxidant metal ions, which is why it is recognized as a strong 
antioxidant (McClements et al., 2000). 

The 1H NMR method allows us to quantify specific secondary oxidation molecules, 
such as 4-hydro(pero)xyenals and 2-alkenals, with very low quantification 
thresholds (Guillén et al., 2004; Merkx et al., 2018). These aldehydes constitute 
the main part of the total aldehydes in the pre-oxidised oil (Figure A7.5). With 
the 1H NMR method, next to aldehydes, such as hexanal, propanal, hexenal, etc., 
also aldehyde groups that are still attached to a triglyceride (TAG), called oxo-2.5 
glycerides, are measured (Hollebrands et al., 2017). The level of 4-hydro(pero)
xyenals and 2-alkenals in the clean emulsion at t0, in the oxidised emulsion 
droplets at t0, and in the clean droplets isolated from the mix at t0 and t = 1 
days are shown in Figure 7.4a & b for the emulsions made with 2 wt.% Tween 
20 and in Figure A7.6 for the emulsions made with 0.5 wt.% Tween 20. These 
results indicate that small amounts of 4-hydro(pero)xyenals and 2-alkenals can 
transfer from the oxidised droplets to the clean ones and do so relatively rapidly 
(< 30 min). We performed a similar experiment, but then with pure exogenous 
commercial aldehydes 4-hydroperoxy-2-nonenal and 2,4-decadienal. These 
components almost totally equilibrate over the emulsion droplets (Figure 7.4c 
& d), which was in agreement with the publication by Li et al., where it was 
shown that 2,4-decadienal could rapidly transfer between MCT oil droplets (Li 
et al., 2020). This indicates that from the pre-oxidised oil, only the low molecular 
weight oxidation products are expected to transfer, whereas oxo-2.5 glycerides 
could not transfer, which was also the case for the TAG-bound hydroperoxides 
(section 7.3.2) (Figure 7.4). This finding can probably be explained by the higher 
water solubility of the low molecular weight oxidation products (Wooster et al., 
2008). Alternative explanations are that the latter would fit inside the micelle 
core (~ 2 nm) (Villeneuve et al., 2021), or that they have weaker hydrophobic 
interactions with the oil (You et al., 2012). Lipid oxidation was not shown to 
progress to neighbouring droplets previously (Banerjee et al., 2018; Raudsepp 
et al., 2016), which could be clarified by our finding that only very low amounts 
of lipid oxidation transfer from oxidised to clean oil droplets (Figure 7.4). 
In contrast, it has been shown to quickly progress within one droplet itself 
(Banerjee et al., 2018). Yet, there is also experimental evidence that in certain 
conditions lipid oxidation does progress to neighbouring droplets (Li et al., 2020; 
Raudsepp et al., 2014b). Li and co-workers hypothesized that low amounts 
of low molecular weight aldehydes may be a possible source of initiation of 
oxidation (Li et al., 2020), which is discussed in the next section.
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Figure 7.4. Specific secondary oxidation product content in emulsion samples produced with 
2 wt.% Tween 20, where (a) & (b) are about the transfer of endogenous oxidation products 
and (c) & (d) about commercial exogenously added aldehydes. The bars with different colours 
correspond to different emulsion samples: from left to right: the clean emulsion immediately after 
homogenisation (yellow), the clean droplets re-isolated from the mix immediately after gently 
mixing (t0) (filled yellow) and after 1 day of incubation (striped yellow), and the pre-oxidised 
emulsion sample immediately after homogenisation (open grey). * indicates below detection 
threshold. Error bars denote standard deviations of two independent replicates that are both 
measured twice.

7.3.4 Oxidation re-initiation by lipid oxidation products
Emulsions containing 0.2 mmol commercial 4-hydroperoxy-2-nonenal/kg oil 
(added exogenously to the oil prior to emulsification) and blank emulsions 
were incubated and analysed for hydroperoxide concentrations (Figure 7.5). 
As a general trend, the blank emulsions show lower hydroperoxide levels 
(significantly different at t = 2 days, but insignificant at the other time points, 
which can be explained by rather large differences between the replicates). Thus, 
the lipid oxidation-initiating effect that 4-hydroperoxy-2-nonenal may cause 
does not seem highly systematic, or at least, reproducible. This can be explained 
by the fact that lipid oxidation is a radical chain reaction, which implies that if 
lipid oxidation is initiated (e.g., by 4-hydroperoxy-2-nonenal), hydroperoxides 
keep being formed in a cascaded manner (Reaction 7.I – 7.IV). It may, however, 
take a few days before the effect on the formation of hydroperoxides becomes 
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pronounced, as also argued in a recently published article (Schroën et al., 
2022a). Therefore, it is questionable whether the transfer of lipid oxidation 
reactive products and subsequent initiation does substantially contribute to 
propagation of lipid oxidation in emulsions, or whether it is subordinate to 
the already oxidising droplets that oxidise further at high rates. This would 
be in line with experimental findings that lipid oxidation does not progress 
to neighbouring droplets (Banerjee et al., 2018; Raudsepp et al., 2016). It has 
also been suggested that certain radicals can transfer between oil droplets and 
thereby spread lipid oxidation (Raudsepp et al., 2014b). This could speed up 
spreading of lipid oxidation because these radicals (unlike e.g. 4-hydroperoxy-
2-nonenal), can directly propagate lipid oxidation in relatively clean oil droplets 
without having to be formed into a radical first. Whether a radical present in 
an oxidising oil droplet can transfer and initiate lipid oxidation in a clean oil 
droplet is highly dependent on its lifetime, the time required to transfer from 
one droplet to another (Laguerre et al., 2017), the degree of unsaturation 
of the oil and the viscosity of the lipid phase (Raudsepp et al., 2016). Still, 
whether transfer plays a significant role in overall lipid oxidation is expected 
to be sample and condition dependent: prooxidant effect of (transferred) lipid 
oxidation products, storage temperature, O2 availability, oil content, prooxidant 
(metal ion) availability, etc.
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Figure 7.5. Hydroperoxide concentration over incubation. Symbol correspond to samples 
with 0.2 mmol of 4-hydroperoxy-2-nonenal/kg oil (added to the oil prior to emulsification) 
(○) or without 4-hydroperoxy-2-nonenal (blank) (∆). The outcomes of the dependent and 
independent replicates are both shown as separate points.



151

Lipid oxidation products in model food emulsions: do they stay in or leave droplets, that’s the question

7

7.4 Conclusion

Starting from a previously published hypothesis that one oil droplet can 
contaminate neighbouring droplets with lipid oxidation, and thereby propagate 
this undesired reaction in emulsions (Laguerre et al., 2017, 2020; Villeneuve et 
al., 2018), we investigated in this chapter which molecules could play a role in 
such a scenario. This was done by mixing an emulsion made with pre-oxidised 
rapeseed oil with an emulsion made with clean rapeseed oil. To the best of our 
knowledge, we are the first to show that barely any TAG-bound hydroperoxides 
transfer from one droplet to another (under the applied conditions), if they do 
at all, even though an excess amount of surfactant was present in the continuous 
phase, and even though the emulsions were rotated over incubation. It was 
shown previously that alkadienals can transfer from one MCT oil droplet to 
another (Li et al., 2020), and our work confirms that such relatively short and 
hydrophilic molecules, such as 2-alkenals, alkadienals and 4-hydroperoxy-
2-alkenals, can equilibrate rapidly (< 30 min) over the rapeseed emulsion 
droplets, although the effect on lipid oxidation is not instantaneous. Therefore, 
it may be questioned whether the transfer and subsequent initiation are always 
relevant for oxidising emulsion systems. It is clear that this highly depends on 
the emulsion system of interest and on the applied conditions, so more research 
is required to elucidate this further.
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7.5 Appendix 
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Figure A7.1. The droplet size distributions of the mixed emulsions (with the pre-oxidised 
and clean droplets) prepared with: 0.5 wt.% Tween 20 (a) and 2 wt.% Tween 20 (b). Lines 
correspond to different time points: t0 (the dark orange line), an intermediate time point (t4 or t5) 
(the orange line) and the last time point (t8 or t12) (the light orange line). Lines are an average of 
three measurements on the same sample. The graph of one independent replicate is shown, the 
other replicates gave very similar results.
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Figure A7.2. The droplet size distributions of emulsions at t0. Lines correspond to: emulsions 
made with pre-oxidised oil at t0 (grey dotted), emulsions made with clean stripped oil at t0 
(yellow dotted), the 1:1 (w/w) mix at t0 (orange dotted) and the clean (solid yellow) and pre-
oxidised (solid grey) emulsion droplets that were re-isolated from the mixed emulsion, for the 
emulsions prepared with: 0.5 wt.% of Tween 20 (a) and 2 wt.% Tween 20 (b). The graphs of one 
independent replicate is shown, the other replicates gave very similar results.
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Figure A7.3. The droplet size distributions of the clean emulsion (at t0) and the clean emulsion 
droplets isolated from the mixed emulsions, for emulsions containing: 0.5 wt.% Tween 20 (a & 
b) and 2 wt.% Tween 20 (c & d). Lines correspond to samples either prior to or after mixing 
with the pre-oxidised droplets, at different time points: the clean emulsion at t0 before mixing 
(yellow solid) and all the creams (dotted/dashed) with the lighter and more dotted the line, the 
later the time point. Duplicates (taken at the same time from a different tube of which the sample 
originated from the same independently prepared emulsion) are shown by dashed lines with the 
same colour. Independent replicates are shown in the separate graphs (a / b and c / d).
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Figure A7.4. The hydroperoxide content of the clean emulsion directly after homogenisation 
(open yellow bars) and in the clean droplets that were re-isolated after gently mixing with the pre-
oxidised emulsion (filled yellow bars). Error bars denote standard deviations of two independent 
replicates from which two samples were taken that were measured (total of four measurements 
per data point).
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aldehyde content of 2.6 ± 0.15 mmol/kg oil. 
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Figure A7.6. 4-hydro(pero)xyenal (a) and 2-alkenal (b) content in emulsions produced with 
0.5 wt.% Tween 20. The bars with different colours correspond to different emulsion samples: 
from left to right: the clean emulsion immediately after homogenisation (open yellow), the clean 
droplets re-isolated from the mix immediately after gently mixing (t0) (filled yellow) and after 
1 day of incubation (striped yellow), and the pre-oxidised emulsion sample immediately after 
homogenisation (filled grey). * indicates below detection threshold. Error bars denote standard 
deviations of two independent replicates that are both measured twice.
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Abstract

Lipid oxidation is a well-recognized issue in dried food emulsions, such as 
infant milk formula. Antioxidants can be used to mitigate this issue; however, 
their efficiency in such complex systems is far from understood. In this 
chapter, antioxidant polarity is varied through the alkyl chain length of gallic 
acid esters (0 to 16 carbon atoms) incorporated to O/W emulsions that are 
subsequently spray-dried. During processing and subsequent storage of the 
samples, antioxidants with more than eight carbon atoms are effective. Both 
for encapsulated fat and surface free fat, we observe a slight cut-off effect, 
which means that beyond eight alkyl groups, a more nonpolar antioxidant is 
slightly less effective. Depending on the antioxidant polarity, lipid oxidation is 
faster either in the encapsulated or in the surface free fat. The insights obtained 
contribute to understanding lipid oxidation in low moisture food emulsions, 
and thus lead to effective antioxidant strategies.
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8.1. Introduction

Many food products consist of several immiscible phases, with one phase 
dispersed in the other as droplets, which are stabilised by an emulsifier (e.g., 
proteins). When such oil-in-water (O/W) emulsions contain polyunsaturated 
fatty acids, lipid oxidation can readily occur, which has a negative impact on the 
sensorial and nutritional quality of the products (Schaich, 2005). Lipid oxidation 
has become a renewed challenge in the current context of enrichment of targeted 
food products with the long-chain polyunsaturated fatty acids eicosapentaenoic 
acid (EPA) and docosahexaenoic acid (DHA) because of their positive impact on 
human health (Ganesan et al., 2014). The Food and Agriculture Organisation 
(FAO) recently even set regulations for minimum amounts of EPA and DHA 
in infant formula products. It is now well-known that EPA and DHA improve 
immune responses, cognition functions, and visual acuity when sufficiently 
consumed in early life (Joint, 2010; Lien et al., 2018).

In bulk oils and wet O/W emulsions, lipid oxidation pathways have been studied 
extensively, which has led to insights in the activity of various antioxidants 
(Shahidi et al., 2010). In bulk oils, polar antioxidants are generally more 
effective in delaying lipid oxidation compared to relatively nonpolar ones, as 
described in pioneering work more than 40 years ago (Porter et al., 1989). It 
was argued that if lipid oxidation is initiated at the air-oil interface, more polar 
antioxidants with interfacial activity would be more effective because of their 
accumulation at this site (Frankel et al., 1994). Later, the effect of antioxidant 
polarity in bulk oils was assessed by systematically incrementing the length of 
the alkyl chain grafted on phenolic acids with which so-called ‘phenolipids’ are 
formed. It was found that also extrinsic factors, such as traces of water, influence 
lipid oxidation greatly (Laguerre et al., 2011, 2015). The theory that the air-oil 
interface is the main site of oxidation was later argued to be unlikely, and it was 
shown that association colloids in bulk oils can act as prooxidants (Homma et 
al., 2015). Thus, antioxidant effectiveness in bulk oils seems to be dependent on 
both intrinsic factors (such as antioxidant hydrophobicity) and extrinsic factors 
(Laguerre et al., 2015; Phonsatta et al., 2017).

Opposite to bulk oils, in wet O/W emulsions, the most nonpolar antioxidants 
were initially reported to be the most effective, which was termed as ‘the polar 
paradox’ (Porter et al., 1989). In such wet emulsions, the antioxidant polarity 
was also systematically varied, and the antioxidants with an intermediate alkyl 
chain length were the most effective. This gave further nuance to the polar 
paradox, and this finding is known as the ‘cut-off effect’ (Laguerre et al., 2009, 
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2015). The most likely explanation for this effect is the tendency of amphiphilic 
molecules to accumulate near the oil-water interface, which is postulated to 
be the site of lipid oxidation initiation in an emulsion (Laguerre et al., 2015, 
2017; Phonsatta et al., 2017). However, this effect seems to be dependent on 
extrinsic factors as well; it was found that antioxidant effectiveness in emulsions 
also depends on the phase to which it was added (oil or water phase), on the 
emulsifier, and on the polarity of the oxidation initiator (da Silveira et al., 2021; 
Phonsatta et al., 2017; Stöckmann et al., 2000).

Infant milk formulas are generally sold as powders, which have to be 
reconstituted by dispersion in water before consumption. In these powders, 
oil is either entrapped as droplets in a dry matrix or present as free fat on the 
surface (Figure 8.1) (Vignolles et al., 2007). This structural difference from wet 
O/W emulsions is expected to affect lipid oxidation, but insights in the oxidation 
behaviour in low moisture food emulsions are still lacking (Barden et al., 
2016; Velasco et al., 2003). Some studies interpret the data of a simultaneous 
degradation of antioxidants and formation of lipid oxidation products in 
encapsulated fat as an evidence for a different lipid oxidation status between the 
droplets (Morales et al., 2015; Velasco et al., 2006). In contrast, the oxidation of 
surface free fat is reported to start with the degradation of antioxidants, during 
which the formation of lipid oxidation products is suppressed, followed by a 
rapid increase in lipid oxidation products, which is comparable to the situation 
in bulk oils (Morales et al., 2015; Velasco et al., 2006). In dried emulsions, it is 
expected that the oil-solid matrix interface, which surrounds the encapsulated 
fat droplets, has an effect on lipid oxidation that largely differs from the role 
of the oil-water interface in wet emulsions. Velasco and co-workers recently 
tested different gallic acid alkyl esters in such products, and found that the most 
nonpolar one that they tested (lauryl gallate) was the most effective at delaying 
lipid oxidation in both the free and encapsulated fat (Velasco et al., 2009). If 
oxidation of surface free fat would proceed in a similar manner as in bulk fat, it 
may be expected that polar antioxidants would be the most effective, but that 
was not the case (Velasco et al., 2009).

To assess whether an optimal alkyl chain length also applies in dried systems, a 
next step would be to use a broader range of phenolipids with increasing alkyl 
chain length up to nonpolar ones. We assume that phenolipids with a medium 
chain length are especially of great interest for application in dried emulsions 
given the combined protective effects found in both wet emulsions and in 
bulk oils. Furthermore, these antioxidants may be instrumental in preventing 
lipid oxidation in wet emulsions (the starting material for the powders) and 
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preventing early oxidation events, which has been shown to be detrimental to 
the subsequent oxidative stability of the dry product (Sánchez et al., 2016).

Figure 8.1. (left) Schematic structure of a (dried) emulsion powder particle with fat (in yellow), 
and matrix material (grey stripes), which is generally present in a glassy state. The particle 
contains multiple compartments: matrix of sugars and proteins (a), vacuole (b), encapsulated fat 
(c), coalesced encapsulated fat (d), surface free fat (e), inner free fat (f), and surface globular fat 
(g). (right) The purple diamonds, green rectangles, and orange rods depict the possible locations 
of relatively polar, amphiphilic, and nonpolar antioxidants, in either encapsulated (top panel) or 
surface fat (bottom panel), respectively.

In this chapter, we aimed to unravel the effect of phenolipid chain length on 
lipid oxidation in the free and encapsulated fat fractions of dried emulsions. 
For this, the polarity of the antioxidant gallic acid was systematically varied by 
grafting alkyl chains of increasing length (gallic acid [G0], propyl [G3], octyl [G8], 
lauryl [G12], and hexadecyl gallate [G16]), and these gallates were incorporated 
in O/W emulsions that were subsequently spray-dried. The obtained powders 
were incubated at 40 °C under relative humidity of 50%, and lipid oxidation 
was measured over time with nuclear magnetic resonance (1H NMR), which 
allowed for measuring a range of oxidation markers simultaneously (Merkx et 
al., 2018). We compared initial formation of lipid oxidation products using a 
curve fit procedure, which allowed us to chart differences on a quantitative- and 
objective basis.

8.2. Material and methods

8.2.1 Materials
Whey protein isolate (WPI), with purity 97.0–98.4% (BiPro®, Davisco, 
Switzerland), and sodium caseinate (SC), with purity 97% (Excellion™, Sodium 
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Caseinate S, Friesland Campina, the Netherlands), were used as dairy protein 
sources. Maltodextrin with a dextrose equivalent of 21 was kindly provided 
by Nutricia, Danone (Utrecht, Netherlands). Sunflower oil was obtained 
from a local supermarket, mixed with fish oil (3 wt.% of total oil) (MEG-3, 
DSM Nutritional Products, Canada), and stripped with alumina powder (MP 
EcoChromet ALUMINA N, Activity: Super I, Biomedicals) to remove impurities 
and endogenous antioxidants, in particular tocopherols (Berton et al., 2011a). 
n-Hexane and 2-propanol were obtained from Actu-All Chemicals (Oss, the 
Netherlands). Deuterated chloroform and dimethylsulfoxide (CDCl3 and 
DMSO-d6) were purchased from Euriso-top (Saint-Aubin, France). Ultrapure 
water (18.2 MΩ) was used for all experiments and prepared using a Milli-Q 
system (Millipore Corporation, Billerica, MA, USA). 

8.2.2 Emulsion preparation
Synthesis of gallic acid esters
The synthesis of gallic acid alkyl esters was performed according to an established 
procedure (Durand et al., 2019). In brief, gallic acid (850.6 mg, 5 mmol) and its 
corresponding alcohol (15 mmol) were dissolved in dry p-dioxane (10 mL) in 
a 50-mL round bottom flask. Next, concentrated sulfuric acid (5 mmol, 273 μL) 
was added, the mixture was refluxed for 8 hours, and the reaction’s progress 
was monitored by thin layer chromatography. The solvent was removed under 
vacuum and the alkyl gallates were separated through column chromatography 
(20% ethyl acetate in methylene chloride). The purity was measured with 1H and 
13C NMR, using a Bruker AVIII-HD-500 at 500 MHz and 126 MHz, respectively, in 
DMSO-d6 (section 8.5.1). For all gallates the purity was > 99%.

Preparation of the aqueous phase
The day before the emulsions were made, all glassware was cleaned with 
detergent and rinsed with ultrapure water to ensure that it was free of possible 
contaminants that might influence oxidation. First, WPI (1.22 wt.% of final 
emulsion) was dissolved in ultrapure water for 30 min at room temperature by 
gentle stirring. Next, sodium caseinate (4.87 wt. %) was added, and the mixture 
was stirred for 2 h at 50 °C. Finally, maltodextrin DE 21 (27.9 wt. %) was added, 
and the solution was stirred for an additional 30 min.

Preparation of the emulsions
Emulsions containing the different antioxidants (gallic acid [G0], propyl [G3], 
octyl [G8], lauryl [G12], and hexadecyl gallate [G16]) were prepared (total mass 
of each emulsion was 246 g). The antioxidants were first dissolved in methanol 
in such concentrations that adding 100 µL methanolic solution to the oil leaded 
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to a concentration of 600 µmol of antioxidant/kg oil (equivalent to 100 mg/kg 
for gallic acid). Methanol was next evaporated by placing the mixture under a 
flow of nitrogen. Stripped oil (14.8 wt.% sunflower oil and 0.46 wt.% fish oil), 
with or without antioxidant was added to the previously prepared continuous 
phase to form the emulsion. First, a coarse emulsion was made by high-speed 
stirring at 11,000 rpm for 1 min with a rotor-stator homogeniser (Ultra-turrax 
IKA T18 basic, Germany). The coarse emulsion was then passed two times 
through a lab scale colloid mill, with gap width of 0.32 mm (IKA Magic Lab, 
Staufen, Germany), operated for 1.5 min at 26,000 rpm.

Spray drying of the emulsions
The emulsions were spray-dried using a Büchi B-290 laboratory spray dryer 
(Büchi Labortechnik AG, Flawil Switzerland). The inlet air temperature was set 
to 180 °C and the flow rate was between 35 and 45% to obtain an outlet air 
temperature of 100 °C. The aspirator was set to 90%. The amount of powder 
obtained was about 20 g with an average particle size of 46 ± 8 µm and an 
average moisture content of 3.0 ± 0.4 wt.%. The powder yield was ~ 16 wt.% 
of the initial dry matter, which was relatively high compared to other values 
reported in literature for high-oil emulsions using lab-scale spray dryers 
(Langrish et al., 2006).

Sample incubation
Aliquots of powder (1.5 g) were distributed in 50-mL plastic cups without lids, 
which were incubated in a climate chamber (Memmert, Büchenbach, Germany) 
at 40 °C and 50% relative humidity in the dark. At regular time intervals, samples 
from two aliquots were taken for further measurements.

8.2.3 Emulsion characterisation
Oil droplet size
The oil droplet size in the emulsion was measured by static light scattering 
(Malvern Mastersizer 3000, Malvern Instruments Ltd., Malvern, Worcestershire, 
UK). The refractive index was 1.465 for the dispersed phase (mix of stripped 
sunflower and fish oil) and 1.33 for the dispersant (water). The absorption 
index was 0.01. The average droplet size (D3,2) of the emulsions was 0.9 ± 0.04 
µm (Figure A8.1). 

Powder particle size
The powder particle size was measured with light microscopy imaging (Malvern 
Morphology 4, Malvern instruments Ltd., Malvern, Worcestershire, UK). The 
powder was spread over the microscope glass slide by the automatic powder 
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dispenser with an applied air pressure of 3 bar.

Sorption isotherm
The sorption isotherms of one sample containing G8 and one sample containing 
G12 were determined with a dynamic vapor sorption elevated temperature 
analyser (Surface Measurement System, London, UK) at a temperature of 40 
°C. For the measurement, 10 ± 1 mg of sample was used. The relative humidity 
was varied between 0% and 90% with steps of 10% and the sample weight 
was equilibrated at each step. Equilibration was considered completed when 
the change in mass was less than 0.001 mg/min. The temperature, humidity 
and mass were recorded every min.

8.2.4 Lipid oxidation measurements
Free and encapsulated fat extraction
Surface free fat and encapsulated fat were extracted using the methods 
described by Kim et al. and Sánchez et. al., with small adjustments (Kim et al., 
2005; Sánchez et al., 2016). In brief, 1.5 g powder was washed three times with 
6 mL hexane. For each washing step, the hexane and powder mixture were 
rotated vertically for 10 min at 20 rpm. Prior to filtration, the powder was 
allowed to sediment to the bottom of the tube (~ 5 min), and next the hexane 
phase was filtered two times (No. 4, Whatman, Maidstone, Kent, UK). Hexane 
was then evaporated under a stream of nitrogen at 25 °C until constant weight, 
and the remaining oil was frozen at −80 °C and stored for 48 h to three weeks 
before further measurements were performed.

To extract the encapsulated fat, the powder (collected after extraction of 
surface free fat) was reconstituted by adding 1 mL of ultrapure water to 0.25 g 
of powder at 50 °C and by vortexing two times 1 min. The extraction was then 
performed by adding 8 mL hexane-isopropanol (3:1 v/v) to 1.5 mL reconstituted 
emulsion. The mixture was centrifuged at 5000×g for 20 min and the upper 
layer, containing the hexane and extracted lipids, was carefully separated from 
the bottom layer. The hexane then was evaporated in the same way as for the 
surface free fat.

Lipid oxidation measurements by 1H NMR
Hydroperoxides (primary oxidation products), aldehydes (secondary oxidation 
products), gallates (antioxidants) and triacylglycerols (as a reference for 
the total amount of oil) were simultaneously quantified by 1H NMR using an 
Advance III 600 MHz spectrometer, equipped with a 5 mm cryo-probe at 295 
K, following the method described by (Merkx et al., 2018). In brief, 550 μL 5:1 
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CDCl3/DMSO-d6 were added to a total of 30-60 μL extracted oil (as described in 
2.4) and transferred to 5-mm NMR tubes (Bruker, Billerica, MA, USA). From the 
recorded single pulse experiment, the glycerol backbone peaks at δ 4.4 pm were 
used for the quantification of the amount of triacylglycerols, and the gallate 
peak at 7.1 for the quantification of the amounts of gallates. From the band 
selective pulse, the region between δ 13.0 and 8.0 ppm was selectively excited, 
for the quantification of the lipid oxidation products. The hydroperoxide signals 
resonate between δ 11.3 and 10.6 ppm and the aldehydes between δ 9.8 and 
9.4 ppm. The calculations, including a factor that accounts for intensity loss 
during the selective pulse, were described in (Merkx et al., 2018). The data was 
processed with the Bruker TopSpin 4.0.6 software. 

8.2.5 Experimental design and data fitting procedure
Two spray-dried emulsions were prepared independently for each gallate used. 
Per time point, two aliquots of powder were taken, the free- and encapsulated 
fat fractions were extracted, and further measurements were performed. We 
considered various standard equations to fit the experimental hydroperoxide 
concentration data and found that an exponential equation (Equation 8.1) was 
best suited based on the Akaike criterion that encompasses agreement of fit 
and number of parameters used. Furthermore, we systematically checked the 
distribution of the residuals. 

(8.1)

where y is the hydroperoxide concentration (mmol/kg oil), y0 the hydroperoxide 
concentration just after spray drying (mmol/kg oil), k is indicative for 
hydroperoxide formation rate (d-1) and t the time (d). Please note that k should 
not be interpreted as an actual reaction rate, since it does not capture the full 
complexity of the cascaded reactions involved in lipid oxidation. Yet, it is useful 
to compare our samples in a quantitative, objective manner. 

Both y0 and k were used as fitting parameters, and the residual sum of squares 
was minimized based on relative differences with the measured data. In this way, 
all data points were equally weighed in the determination of the parameters 
that otherwise would be completely dominated by the highest values measured. 
The estimated y0 value was compared with the measured initial hydroperoxide 
concentration. The 95% confidence intervals for k and y0 were calculated using 
the Student’s T-distribution formula in Excel (Microsoft Office, 2016) with a 
sample size of 2 (two emulsions were produced and incubated independently). 
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8.3 Results and discussion

Regarding the general properties of the powder that we prepared, it had an 
average moisture content of 3.0 ± 0.4 wt.% after spray drying; the sorption 
isotherms (moisture content against water activity) at 40 °C are shown in 
Figure A8.2 and were identical for both antioxidants used, which was expected. 
The powder had an average surface free fat content of 2.3 ± 0.3 wt.% (compared 
to the total mass of powder, this represented around 7.6 wt.% of the total lipids) 
and an average particle size of 46 ± 8 µm.

8.3.1 Oxidation in encapsulated fat
Lipid oxidation was measured with 1H NMR spectroscopy, which allows for 
measuring a range of hydroperoxides and a range of aldehydes simultaneously; 
more information about this method can be found in the work of Merkx and 
co-workers (Merkx et al., 2018). The amounts of hydroperoxides and aldehydes 
formed over time in the encapsulated fat are shown in Figure 8.2a and b, 
respectively. High levels of oxidation products were formed after a few days 
for the blank system that did not contain any antioxidant. The amounts of 
hydroperoxides and aldehydes were only slightly lower when gallic acid was 
present, and the antioxidant effectiveness increased with the alkyl chain length. 
The gallates with a medium to long alkyl chain (G8, G12 and G16) were all able 
to delay the formation of high amounts of lipid oxidation products by around 
15 days. 
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Figure 8.2. Formation of: hydroperoxides (a) and aldehydes (b) in the encapsulated fat of the 
spray-dried emulsions over incubation. Symbols correspond to the systems containing gallates 
with different alkyl chain length: gallic acid (G0) (X), propyl gallate (G3) (+), octyl gallate (G8) 
(●), dodecyl gallate (G12) (▲), and hexadecyl gallate (G16) (♦); and to the blank (no antioxidant) 
(■). Error bars denote standard deviations of one measurement on two independently incubated 
samples originating from the same emulsion. The outcomes of the independent replicates are 
shown as separate points.
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Although we added all gallates to the oil phase before making the emulsion and 
spray drying it, they can be expected to rapidly partition between the dispersed 
phase, the interface, and the continuous phase. The actual partitioning 
coefficients (log [pwo]) between a vegetable oil and citric acid buffer are negative 
for gallic acid (~ -1) and increases linearly with the gallates alkyl chain lengths 
up to G4 (Freiría-Gándara et al., 2018). This indicates that especially G0 would 
preferably locate in the polar water phase, and thus likely end up to a large 
extent in the glassy matrix after spray drying, where it has a very limited 
mobility making it ineffective. Furthermore, it has been reported that gallic 
acid (G0) can form non-covalent bonds with both caseinate and whey proteins 
(at pH 6.0 and 7.0 respectively), which could cause it to be even less effective 
(Cao et al., 2017; Zhan et al., 2020). Based on the effectiveness of caffeic acid 
esters in fish oil-enriched milk (Alemán et al., 2015), one could expect G3 to 
be relatively effective compared to G8-G16, but this was clearly not the case 
(Figure 8.2). G3 has been reported to partition mainly to the oil-water interface 
in wet (surfactant-based) emulsions (Losada Barreiro et al., 2013). Part of this 
interface may become glassy, therewith reducing the accessibility of G3 to the 
oxidising lipids. We can also not exclude that during drying the partitioning of 
G3 may be shifted to the surrounding glassy matrix. To summarise, based on the 
results of Freiría-Gándara and co-workers, the gallates with alkyl chain lengths 
≥ G8 were expected to end up in the encapsulated oil at higher concentrations 
compared to G0 and G3, with little differences between G8, G12, and G16. We 
think that this can explain, for a large part, the reported results in effectiveness 
to prevent lipid oxidation. 

In the work of Velasco and co-workers on freeze-dried emulsions, it was 
concluded that their most hydrophobic gallate (G12), was the most effective 
in the encapsulated fat (Velasco et al., 2009), which is not completely in line 
with our results because we do not see a distinct difference between G8, G12 
and G16 (Figure 8.2). Our results are in line with another study about roasted 
peanuts (which can be regarded as a low-moisture system with dispersed 
lipids) in which hydrophobic antioxidants (in this case, G8 and G12) were also 
found to be the most effective (Phonsatta et al., 2017). The suggested rational 
was that polar antioxidants were not readily present in the oil phase, which 
made them less effective than more nonpolar ones. In wet O/W emulsions, 
gallates with an intermediate polarity (~ G3) were generally the most effective 
(Losada Barreiro et al., 2013; Stöckmann et al., 2000), although this has been 
shown to be dependent on the type of emulsifier or oxidation initiator as well 
(da Silveira et al., 2021; Phonsatta et al., 2017; Stöckmann et al., 2000). Also for 
fish oil-enriched milk, which is a wet emulsion system that can be compared 
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with our model dairy emulsions, the caffeic acid esters with intermediate alkyl 
chain lengths (G1-G4) were the most effective (Alemán et al., 2015). Since the 
interface is often regarded as the actual site where lipid oxidation occurs in a wet 
emulsion (Berton-Carabin et al., 2014; Laguerre et al., 2020), this suggests that 
the antioxidant has to be close to this site to be effective. Romsted and Bravo-
Diaz have developed a pseudophase kinetic model to determine the partitioning 
of chain-breaking antioxidants in surfactant-stabilised emulsions (Romsted et 
al., 2013, 2002). With this method, they showed that the effectiveness of gallates 
with an intermediate polarity (~ G3) could be linked to their partitioning in 
high concentrations at the interface (Losada Barreiro et al., 2013). Yet, it is 
questionable to which extent this pseudophase kinetic model can be used for 
our system for two reasons: (1) we worked with a protein-stabilised emulsion 
consisting of different protein types, which has not been covered using with 
the pseudophase model, and (2) the matrix surrounding the droplets is in the 
glassy state, which can influence diffusivity greatly compared to the situation 
for which the pseudophase model was derived (fully liquid surfactant-stabilised 
emulsions). Therefore, in a spray-dried emulsion, it is still unknown whether 
the oil-matrix interface is also the location of lipid oxidation initiation.

Another aspect that we considered, is that during spray drying a fraction 
of the gallates might be chemically degraded. Therefore, we measured the 
concentrations of gallates by NMR and found no marked differences in the 
concentrations of the relatively nonpolar gallates (G8, G12 and G16) (G0 cannot 
be measured), compared to the amounts in the emulsion or in the oil (Figure 
A8.3). A recent study on the thermal stability of gallic acid showed that this 
phenolic compound is hardly degraded in aqueous solution when subjected to 
a temperature of 100 °C for half an hour (Volf et al., 2014). All this suggests 
that in our systems, the gallates were hardly affected by the sample preparation 
procedure, if at all.

We did find differences in the initial amounts of lipid oxidation products in the 
different powders, and that is why we have traced their formation throughout 
the production process. The concentration of hydroperoxides in the oil (prior 
to emulsification), in the wet emulsions and directly after spray drying in 
the encapsulated fat is shown in Figure 8.3. None of the antioxidants totally 
prevented an onset of lipid oxidation during processing, which is in line with 
the study of Sánchez and co-workers (Sánchez et al., 2016). A slight increase 
in hydroperoxides can be observed for the blank during emulsification, which 
is in line with studies on homogenisation of milk protein-stabilised emulsions 
(Horn et al., 2012, 2013). The subsequent spray drying had a more pronounced 
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effect in that respect, probably due to the high temperatures (~ 100 °C) used in 
the process (Baik et al., 2004). When comparing the effectiveness of the gallates 
during processing and storage, we generally observed that the antioxidants 
that are the most effective during storage were also the most effective during 
the processing (Figure 8.3). One exception was propyl gallate (G3), which was 
relatively effective during processing, but not that much during storage. This 
can be related to previous studies showing that in wet emulsions, moderately 
amphiphilic gallates, such as G3, can be effective, which is often related to their 
partitioning at the interface (Losada Barreiro et al., 2013; Stöckmann et al., 
2000). Yet, this is not the case in the powders, probably due to its partitioning 
as described above. Clearly, positive effects obtained in wet emulsions (prior 
to spray drying) are not always indicative for effects occurring during storage 
of the powders, which we already concluded when we compared our results 
to fish oil-enriched milk (Alemán et al., 2015). Although the amounts of lipid 
oxidation products that are formed prior to drying are very limited, it is thought 
that they can still play a significant role in the development of oxidation later 
on (Sánchez et al., 2016), which may also explain variations between outcomes 
reported in literature (Drusch et al., 2007).
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Figure 8.3. Formation of hydroperoxides during processing. The bars with different colours 
correspond to systems with no antioxidant (blank) or gallates with various alkyl chain lengths. 
From left to right: Blank (black), G0 (purple), G3 (blue), G8 (green), G12 (yellow), and G16 (red). 
Error bars denote standard deviations of two independent experiments that are both measured 
twice. 

To wrap up, phenolipids have to be relatively nonpolar to optimally protect 
the encapsulated fat in dried emulsions, compared to wet emulsions. For 
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wet emulsions, there are three possible explanations for the fact that more 
nonpolar antioxidants are less effective: (i) reduced mobility of the antioxidant 
molecule at longer alkyl chain length, (ii) self-aggregation of the antioxidant, 
therewith lowering mobility, and (iii) localisation of the antioxidant away from 
the interface (Laguerre et al., 2015; Phonsatta et al., 2017). Since increasing 
the alkyl chain length of the gallates from G8 to G12 to G16 did not greatly 
influence oxidation in the encapsulated fat, these effects do not play major roles 
in the encapsulated fat of dried emulsions. However, especially explanation (i) 
and (ii) could (together with the similar pwo for G8-G16 (Freiría-Gándara et al., 
2018)) explain why our most hydrophobic antioxidant (G16) is not necessarily 
the most effective antioxidant in the encapsulated fat. In addition, it has been 
reported previously that the complexity of real food emulsions (such as milk and 
mayonnaise) can contribute to a less obvious effect of the alkyl chain length of 
antioxidants on their effectiveness compared to model O/W emulsions (Alemán 
et al., 2015; Laguerre et al., 2009).

8.3.2 Oxidation in surface free fat
In a similar manner as done for the encapsulated fat, we now discuss how lipid 
oxidation in surface free fat is affected by antioxidant polarity. In the next section, 
we use a fitting procedure to compare both fat fractions, and the respective 
effects that antioxidants (at 600 µmol/kg oil) have on the overall course of 
hydroperoxide formation. For surface free fat, we observed similarities with 
the trends observed for the encapsulated fat: compared to the blank without 
antioxidant, gallic acid slightly decreased the concentration of lipid oxidation 
products, but the G8, G12 and G16 gallates delayed lipid oxidation much more 
effectively during processing and subsequent storage (Figure 8.3, Figure 8.4). 
For surface free fat, the formation of hydroperoxides seemed to be a function 
of the alkyl chain length amongst the three longest carbon chain antioxidants 
tested. In fact, G8 seemed to be more effective than G12, which in turn was more 
effective than G16, and this was visible in the formation of both primary and 
secondary lipid oxidation products (whether these differences are statistically 
significant is further discussed in section 8.3.3). In wet emulsions, this is known 
as the cut-off effect (Laguerre et al., 2009). This cut-off effect was not found for 
dried emulsion by Velasco and co-workers, who concluded that hydrophobic 
gallates are more effective for the free fat fraction compared to more hydrophilic 
antioxidants (Velasco et al., 2009). Yet, a possible cut-off effect for dried 
emulsions could probably not be studied because only G0, G3, and G12 gallates 
were used. From a structural point of view, it has been proposed that free fat 
has similarities with bulk oil (i.e., a limited air-oil interface, and a potentially 
important role of dispersed colloidal structures based on polar lipids) (Laguerre 
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et al., 2015; Morales et al., 2015; Velasco et al., 2006). Regarding the pathways 
of lipid oxidation in bulk oil, the so-called polar paradox was formulated, which 
implies that the most hydrophilic antioxidants are the most effective (Porter 
et al., 1989; Velasco et al., 2006), as exemplified for a homologous series of 
gallates (Phonsatta et al., 2017). For our dried emulsions, this relation was 
clearly not found: the antioxidant has to be hydrophobic enough to partition 
into the oil phase of the wet emulsion (which is probably not the case for G0 
and G3 as described above). When increasing the alkyl chain length further, the 
antioxidants seemed to become less effective, although the actual differences 
are small (Figure 8.4) (section 8.3.3). Such a slightly better performance of 
the G8 antioxidant, compared to G16, might be due to a higher affinity for 
an interface, which can be an asset when prooxidant colloidal structures are 
involved (Frankel et al., 1994; Laguerre et al., 2015). 
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Figure 8.4. Formation of hydroperoxides (a) and aldehydes (b) in the free fat of the powders over 
time. Symbols correspond to the systems containing gallates with a varied alkyl chain length: 
gallic acid (G0) (X), propyl gallate (G3) (+), octyl gallate (G8) (●), dodecyl gallate (G12) (▲), and 
hexadecyl gallate (G16) (♦); and to the blank (no antioxidant) (■). Error bars denote standard 
deviations of one measurement on two independently incubated samples originating from the 
same emulsion. The outcomes of the independent replicates are shown as separate points. For 
clarity, the data until 18 days are shown. 

8.3.3 Initial hydroperoxide formation 
The dry powders were stored under conditions where the oxygen concentration 
was constant, and thus the oxygen concentration was non-limiting. Here, we only 
considered the initial stages of oxidation (when typically < 10% of the oxidisable 
bonds have reacted, which corresponds to hydroperoxide concentrations below 
50 mmol/kg oil (Figure A8.6)), so we can assume that the concentration of 
oxidisable bonds did not largely change compared to the initial concentration. 
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The data were fitted by nonlinear regression using Equation 8.1, and k and 
y0 were both used as fitting parameters (for motivation of the choices made, 
see section 8.2.5). In general, the accuracy of the fit that we found is high for 
all curves tested, and also the residuals were distributed evenly, which is a 
requirement for any fitting equation (the outcomes of the fit are shown together 
with the data points < 50 mmol/kg oil in Figure A8.6, and the residual plot is 
shown in Figure A8.7). In this manner, we compare the effect of the different 
gallates on the course of the hydroperoxide formation in the dried emulsions. 
The values found for y0 were compared with the actual measured values at t = 
0 (triangles, Figure 8.5b), and these were found to be in very good agreement. 
The values for k and y0 are plotted against the alkyl chain length of the gallates 
in Figure 8.5a and b, respectively.
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Figure 8.5. The fitting parameters k (indicative for hydroperoxide formation (d-1)) (a) and y0 
(concentration of hydroperoxides in the dried emulsion at t = 0) (b) against the alkyl chain length 
of the gallates for free fat (○) and encapsulated fat (●). The dashed and solid lines denote the values 
for the free and encapsulated fat in emulsions without antioxidant, respectively. The triangles 
(∆) in (b) denote the experimentally measured values. Error bars represent 95% confidence 
intervals, some being within the marker points. The insert in panel (a) is a magnification of the 
right part of the graph with k for G8 to G16.

When considering both k and y0, we can confirm that in both the encapsulated 
and surface free fat the relatively nonpolar antioxidants (G8, G12 and G16) 
were by far more effective at delaying lipid oxidation, both initially (y0) and 
during incubation (k), than their shorter counterparts, of which G3 was still 
more effective compared to gallic acid. The data, which have proved to be 
very reproducible (as revealed by the low standard deviations), also allow us 
for establishing comparisons in the performance of antioxidants, even when 
differences are very small. 
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When using no antioxidant or a relatively polar antioxidant, lipid oxidation 
was slightly faster in the encapsulated fat than in the surface free fat, but this 
trend switched when increasing the alkyl chain length (Figure 8.5 and Figure 
A8.4 & A8.5). An obvious difference between the free and encapsulated fat that 
may explain this crossover is the nature of the interface to which it is exposed, 
either air, or the solid matrix. This may imply that the differences in antioxidant 
effectiveness are related to the affinity of the antioxidant for interfaces. 
Especially for the surface free fat, the antioxidant effectiveness seemed to 
be reduced beyond G8 (Figure 8.4a). This effect seemed less marked for the 
encapsulated fat, and this led to this switchover (Figure 8.5a) around G8. Since 
the 95% confidence intervals overlap slightly for G8, G12, and G16 (error bars 
in Figure 8.5a, insert), the significance of this effect is subject to discussion. 

When we did not use any antioxidant, we observe that encapsulated fat oxidised 
faster than free fat, although the differences were rather small. In literature, 
it has been reported frequently that surface free fat oxidises faster (Morales 
et al., 2015; Velasco et al., 2006), which is mostly ascribed to a better oxygen 
availability for this fraction (Velasco et al., 2003, 2009). On the other hand, it 
is well-known that oxygen is able to diffuse through glassy matrices, although 
the diffusion rate is rather low and affected by the matrix components present 
(Drusch et al., 2009). For example, low molecular weight carbohydrates (i.e., 
high dextrose equivalent) tend to decrease the oxygen diffusivity (Drusch et 
al., 2007), which was relevant for our model system, containing maltodextrin 
(dextrose equivalent of 21). On the other hand, our model system contained 
relatively high amounts of proteins, which has shown to increase the free volume 
of the matrix material and, therewith, the accessibility of oxygen to oil (Drusch 
et al., 2009). Recently, Linke et al. showed that the so-called internal oxygen 
(oxygen in oil and powder particle) only has a minor influence on oxidation 
of spray-dried emulsions (Linke et al., 2020). They concluded that the transfer 
rate of oxygen through the matrix determines oxidation of encapsulated fat, and 
that this transfer rate can be relatively high compared to the reaction rate. Since 
we found hardly any difference between free and encapsulated fat, we expect 
that oxygen mass transfer limitations in the matrix did not apply in the systems 
that we studied. 

8.4 Conclusion

In this chapter, we varied the alkyl chain length of gallic acid alkyl esters and 
measured lipid oxidation in the surface free fat and in the encapsulated fat of a 
spray-dried emulsion. For both fat fractions, we have shown that the alkyl chain 
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length has to be relatively long (so, the antioxidant molecule should not be too 
polar) in order to be effective at delaying lipid oxidation. Gallates with an alkyl 
chain length of ≥ G8 are expected to mainly partition into the lipid phase, where 
they can actively counteract lipid oxidation. The oil-matrix interface probably 
does not play such an essential role at controlling lipid oxidation in powder 
compared to wet O/W emulsions. In fact, for wet emulsions, the oil-water 
interface is a critical locus, which results in amphiphilic antioxidants usually 
being more effective than hydrophobic ones. In the present chapter, a slight cut-
off effect seems to be observed especially for the surface free fat, even though 
the corresponding differences in antioxidant effectiveness ≥ G8 are very small.

The lipid oxidation events that take place during processing can have a major 
influence on the subsequent lipid oxidation during storage, and it is therefore 
important to include this in the evaluation of antioxidants. The relatively 
nonpolar antioxidants are the most effective in preventing lipid oxidation 
during processing, which makes us conclude that differences in initial amounts 
are an important parameter to consider. A limitation here may be the detection/
quantification thresholds of the available analytical methods because relevant 
concentrations may be rather low. 

According to our findings, the patterns of the lipid oxidation reaction in the free 
fat and in the encapsulated fat fractions are always very close. Yet, we highlight 
a moderate but consistent switchover effect. Encapsulated fat oxidised faster 
than surface free fat when using no antioxidant or the polar gallates, whereas 
the opposite trend was highlighted when using relatively nonpolar gallates. 
This switchover is probably caused by the most nonpolar gallates used that are 
less effective in the surface free fat, whereas they are still relatively effective in 
the encapsulated fat. 

All the insights obtained through this chapter do not just improve our basic 
understanding of lipid oxidation in low moisture food emulsions, but also paves 
the way for more effective antioxidant strategies in related food products.
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8.5 Appendix

1H and 13C NMR settings
NMR data were acquired using a Bruker AVIII-HD-500 at 500 MHz and 126 
MHz, respectively, in DMSO-d6.

Propyl gallate, C3GA: 1H NMR (500 MHz, DMSO-d6) δ 9.26 (s, 2H), 8.93 (s, 1H), 
6.95 (s, 2H), 4.17 (t, J = 6.5 Hz, 2H), 1.70 – 1.57 (m, 2H), 0.93 (t, J = 7.4 Hz, 3H). 
13C NMR (126 MHz, DMSO-d6) δ 166.31, 146.00, 138.79, 120.02, 108.90, 64.13, 
30.81, 14.36.

Octyl gallate, C8GA: 1H NMR (500 MHz, DMSO-d6) δ 9.25 (s, 2H), 8.93 (s, 1H), 
6.95 (s, 2H), 4.15 (t, J = 6.5 Hz, 2H), 1.70 – 1.60 (m, 2H), 1.44 – 1.16 (m, 10H), 
0.86 (t, J = 6.9 Hz, 3H). 13C NMR (126 MHz, DMSO) δ 166.30, 146.00, 138.79, 
120.02, 108.90, 64.41, 40.49, 40.33, 40.16, 39.99, 39.83, 39.66, 39.49, 31.69, 
29.12, 29.10, 28.75, 26.01, 22.54, 14.42.

Dodecyl gallate, C12GA: 1H NMR (500 MHz, DMSO-d6) δ 9.26 (s, 2H), 8.94 (s, 
1H), 6.94 (s, 2H), 4.15 (t, J = 6.5 Hz, 2H), 1.69 – 1.60 (m, 2H), 1.40 – 1.34 (m, 2H), 
1.32 – 1.22 (m, 16H), 0.85 (t, J = 6.8 Hz, 3H). 13C NMR (126 MHz, DMSO-d6) δ 
166.30, 145.99, 138.79, 119.99, 108.88, 64.41, 31.77, 29.51, 29.49, 29.47, 29.45, 
29.19, 29.15, 28.74, 25.99, 22.57, 14.44.

Hexadecyl gallate, C16GA: 1H NMR (500 MHz, DMSO-d6) δ 9.24 (s, 2H), 8.92 
(s, 1H), 6.94 (s, 2H), 4.15 (t, J = 6.5 Hz, 2H), 1.68 – 1.60 (m, 2H), 1.42 – 1.22 (m, 
26H), 0.88 – 0.83 (m, 3H). 13C NMR (126 MHz, DMSO-d6) δ 166.30, 146.00, 
138.79, 120.00, 108.90, 64.41, 40.48, 40.40, 40.31, 40.15, 39.98, 39.81, 39.65, 
39.48, 31.76, 29.50, 29.48, 29.45, 29.18, 29.16, 28.75, 26.00, 22.57, 14.43.
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Figure A8.1. Droplet size distribution (volume-based frequency [%] as a function of droplet size 
[μm]) of the emulsion.
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Figure A8.2. Sorption isotherms of spray dried samples containing G8 (●) and G12 (▲) at 40 °C.
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Figure A8.4. Formation of hydroperoxides over time for the blank (a, ■), G0 (b, X), G3 (c, +), G8 
(d, ●), G12 (e, ▲), and G16 (f, ♦). Open symbols denote free fat and closed symbols encapsulated 
fat. Error bars denote standard deviations of one measurement on two independently incubated 
samples originating from the same emulsion. The outcomes of the independent replicates are 
shown as separate points.
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Figure A8.5. Formation of aldehydes over time for the blank (a, ■), G0 (b, X), G3 (c, +), G8 (d, 
●), G12 (e, ▲), and G16 (f, ♦). Open symbols denote free fat and closed symbols encapsulated 
fat. Error bars denote standard deviations of one measurement on two independently incubated 
samples originating from the same emulsion. The outcomes of the independent replicates are 
shown as separate points.
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Figure A8.6. Formation of hydroperoxides in the encapsulated fat (a) and in the free fat (b) of 
the powders over time, showing values until 50 mmol/kg oil. Symbols correspond to the systems 
containing gallates with different alkyl chain length: gallic acid (G0) (X), propyl gallate (G3) 
(+), octyl gallate (G8) (●), dodecyl gallate (G12) (▲), and hexadecyl gallate (G16) (♦); and to 
the blank (no antioxidant) (■). The dotted lines correspond to the outcome of fitting the data of 
the two repeats simultaneously to Equation 8.1. Error bars denote standard deviations of one 
measurement on two independently incubated samples originating from the same emulsion. The 
outcomes of the independent replicates are shown as separate points. 
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Figure A8.7. Residual plots obtained through fitting the data of two independently prepared 
emulsions simultaneously to Equation 8.1 for the free fat (a) and the embedded fat (b) of the 
powders. Symbols correspond to the systems containing gallates with different alkyl chain length: 
gallic acid (G0) (X), propyl gallate (G3) (+), octyl gallate (G8) (●), dodecyl gallate (G12) (▲), and 
hexadecyl gallate (G16) (♦); and to the blank (no antioxidant) (■). 
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9.1 Introduction

Ever since the serendipitous preparation of the ‘Mahonaisse’, in 1756, obtaining 
stable emulsion systems out of incompatible components has remained 
challenging, not just from a physical point of view, but also from a chemical 
point of view. The aim of this project was to understand on a fundamental level 
how emulsion products become oxidised with a specific focus on the role of the 
structures present in emulsions at a wide range of length scales. 

As a first step, control over emulsion preparation needed to be improved greatly 
compared to conventional techniques that don’t really allow tight control over 
droplet size. To do so, we upscaled microfluidic emulsification devices that are 
known to generate monodisperse droplets. The design of these devices was 
based on the identified droplet formation mechanisms. With these devices, 
we showed to be able to produce monodisperse emulsions, with contrasted 
droplets sizes, at high enough productivities (Chapter 2 & 3) to conduct lipid 
oxidation experiments. 

Using those monodisperse emulsions, lipid oxidation was shown to 
systematically increase with decreasing droplet size, which we ascribed to 
favoured lipid oxidation initiation reactions at the oil-water interface, where 
prooxidants come into contact with the lipids (Chapter 4). The surfactants 
used as emulsifiers were found to be subjected to oxidation as well, which was 
most pronounced in the fastest oxidising emulsion with the smallest droplets. 
This is important to consider from a mechanistic perspective, and when molar 
balances of oxidative reactions are made. Opposing to emulsions made with 
microfluidics, the smallest droplets present in classical emulsions are as small 
as a few tens of nanometres, which we showed by deploying cryo-transmission 
electron microscopy (Chapter 5). These small droplets are often overlooked with 
standard measurements that are used to determine droplet size distributions. In 
these tiny droplets, lipid oxidation products were found to be overrepresented 
compared to the emulsion as a whole. Accordingly, lipid oxidation is expected 
to be highly heterogeneous in ‘classical’ emulsions because droplet sizes can 
range over three orders of magnitude. This was further investigated in Chapter 
6, where we tracked the lipid and protein oxidation status of individual droplets 
with confocal laser scanning microscopy. We, again, found that small droplets 
oxidised faster than their larger counterparts. However, we showed that even 
in monodisperse protein-stabilised emulsions, lipid and protein oxidation can 
be heterogeneous to some extent. We hypothesise that this may be due to the 
oxidative state of proteins that co-determines lipid oxidation and vice versa. 
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The heterogeneity of lipid oxidation can cause transfer of small secondary lipid 
oxidation products, as shown in Chapter 7. The consequences of this transfer 
greatly depends on the concentration of the oxidation products, their reactivity, 
their diffusivity, and on the reactivity of the components already present 
(Chapter 6 & 7). Next to wet emulsions, we also considered spray-dried 
emulsions in which the diffusivity of components through the glassy continuous 
phase is, in essence, very limited. In that case, we found that antioxidants have 
to be nonpolar to locate in the oil, where they can effectively counteract lipid 
oxidation (Chapter 8). 

In this thesis, we first needed to put considerable effort into designing upscaled 
microfluidic emulsification devices, which were then used to deconvolute these 
complicating factors that play a role in lipid oxidation. In this ultimate chapter, 
we first highlight our findings and remaining challenges regarding emulsion 
preparation with conventional (section 9.2.1) and microfluidic emulsification 
devices (section 9.2.2). Next, we discuss how the integral length scale approach 
of this thesis has improved our understanding of lipid oxidation in emulsions, 
and which knowledge gaps still exist (section 9.3). Improving the stability of 
emulsion remains challenging, and this may be improved by using microfluidics 
to produce emulsions at a large scale. Therefore, in the final section of this 
chapter (section 9.4), we provide an answer to the compelling question: ‘Is 
microfluidic emulsification only a powerful analytical tool, or can it also be a 
means to produce stable emulsions on larger scale?’

9.2 Dynamics of droplet formation across length scales

The Mahonaisse, first served in 1756, was probably produced by hand, using 
a whisk-like tool. Although this preparation method is still common practice 
in our kitchens, industrial emulsions are produced quite differently, using so-
called homogenisers. By applying shear, homogenisers (machine itself ~ several 
m) produce the emulsions droplets (~ 0.01-100 µm) containing molecules (~ 
1 nm) that provide the (off)taste of a product. This implies that a wide length 
scale plays a role in emulsion production. In this section, we first focus on 
the important aspects of droplet formation in conventional and microfluidic 
emulsification devices, which implies addressing the length scales mentioned 
earlier.

9.2.1 Very small droplet formation in homogenisers
In high pressure homogenisers, coarse droplets are pushed under high pressure 
through narrow constrictions, which generates long wisps of oil that break-up 
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into smaller droplets due to instabilities (Roos et al., 2016; Walstra, 1993). 
Since the formation and possible rapid recoalescence of droplets is highly 
uncontrolled in such devices, it is not surprising that the resulting emulsions 
are highly polydisperse, with differences between the largest (~ 101 µm) and 
the smallest droplet (~ 101 nm) that ranges over three orders of magnitude 
(Chapter 5). These smallest droplets have been given special attention in this 
thesis. 

Also in subtle emulsification techniques, such as shear-based microfluidic 
emulsification devices (T-junction), simultaneous satellite droplet formation 
was observed (Sun et al., 2018), with diameters of 1-2 µm, when forming 
a mother droplet of ~ 60 µm (Figure 9.1). The formation of satellites during 
droplet break-up in microfluidics tickles our imagination, but it cannot be 
translated directly to homogenisers because in such devices droplet formation 
occurs in a much more chaotic manner (Roos et al., 2016). 

a

50 µm

b

50 µm

c

100 µm

Figure 9.1. (a-b) The co-formation of satellite droplets during the formation of a mother droplet 
(of ~ 60 µm) in a microfluidic T-junction emulsification device. The dispersed phase was a 50/50 
(wt. ratio) mix of decane and stripped rapeseed oil, and the continuous phase contained 0.5 wt.% 
SDS. The formation of the satellite droplets is highlighted in white circles. (c) The prepared oil 
droplets together with the satellite droplets outside the chip.

In Chapter 5, these very small droplets (101 nm) were separated from the 
larger ones by centrifugation. Cryo-TEM showed to be capable of capturing the 
fingerprint of the very small structures co-present. Dynamic light scattering 
may be standardly used to obtain droplet size distributions, but this technique 
is not capable of analysing small structures in the presence of large ones 
(Chapter 5) (Awad et al., 2018). This is due to the signal generated by large 
droplets that greatly exceeds the signal of small structures. Furthermore, cryo-
TEM also allows to distinguish empty micelles from small droplets, which is an 
additional benefit. 
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We could show that the amount of very small droplets that were formed in 
surfactant-stabilised emulsions increases with the shear force, which was 
varied by using a colloid mill as a more gentle emulsification method compared 
to a high pressure homogeniser. Even though the surfactant concentration 
only had little effect on the average size of the larger droplets (0.5-20 µm), the 
formation of very small droplets increased with the surfactant concentration. 
The very small droplets of 10-100 nm were also found both in whey protein- 
and caseinate-stabilised emulsions prepared either with a lab-scale colloid mill 
or with a high-pressure homogeniser (Figure 9.2, Table 9.1) (Chapter 5 & 6). 
This makes us conclude that droplet formation and stabilisation are thus fast in 
both techniques that very small droplet formation does occur.
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Figure 9.2. Droplet size distributions (DLS) of subnatant emulsion samples obtained 
after centrifugation (28,000×g, 30 min). Line colours correspond to emulsions made with 
different emulsifiers: 2 wt.% Tween 20 (black), 1 wt.% sodium caseinate (SC) (yellow), 
or 1 wt.% whey protein isolate (WPI) (blue). The line style corresponds to emulsification 
technique used to prepare the emulsion: Microfluidizer (solid line) or colloid mill (dotted 
line).

Table 9.1. TAG content of the subnatant samples of centrifuged emulsions.
Equipment Emulsifier (wt.%) Oil content in very small droplets  

(wt.% of total oil)
Colloid mill 1% WPI 0.6 ± 0.006
Colloid mill 1% SC 1.0 ± 0.010
Colloid mill 2% Tween 20 8.0 ± 0.037
Microfluidizer 1% WPI 20.3 ± 0.000
Microfluidizer 1% SC 21.4 ± 0.23
Microfluidizer 2% Tween 20 23.3 ± 1.4
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9.2.2 Droplet formation in microfluidic emulsification devices
The production of Mahonaisse-like products has evolved from using whisk-like 
tools to using large scale homogenisers, and this evolution is still ongoing with 
the aim to create highly uniform droplet size distributions. On the other hand, 
extensive research into microfluidics has created the possibility to produce 
very monodisperse emulsions at a scale of mL/h (and even L/h depending on 
the desired droplet size) (Chapter 2 & 3), which enables e.g., lipid oxidation 
experiments that would not have been possible with classically prepared 
emulsions. In this thesis, one major challenge was to produce monodisperse 
emulsions with droplet sizes relevant to the food industry, and at high enough 
productivities to perform lipid oxidation experiments. It is not a surprise that 
this has been such a challenge when realising that the chip area of Multi EDGE 
(Chapter 2) is 1 cm2 and the volume just 0.4 cm3. 

By diving into the droplet formation mechanisms, we realised that increasing 
the productivity could not just be achieved by numbering up droplet formation 
units, but also by improving the design of the microfluidic emulsification 
devices. This was most notably possible by the design of the channels that 
supply the dispersed phase to the droplet formation units. With this approach, 
we achieved an emulsification productivity of 0.4 mL/h rapeseed oil for the 
production of 3.5-µm droplets in 5 wt.% WPI (Chapter 3), which is impressive 
for such small droplets. The most important aspects for upscaling microfluidic 
emulsification, given the target set in this thesis, are described below.

Dispersed phase supply channels
The pressure needed to supply oil to the DFUs scales inversely with the flow 
resistance that can be calculated by the Hagen-Poiseuille equation with the 
dimensions of the dispersed phase supply channels. A low flow resistance (wide 
or short supply channels) or a high pressure results in a high oil flow velocity. 
Consequently, the viscous force in the neck of the forming droplet will become 
thus high that the interfacial tension force cannot exceed it. The droplets then 
keep growing without pinch-off, until another force causes an instability, which 
we call blow-up. 

In Chapter 3, we found that the blow-up pressure can be estimated if the maximum 
flow velocity of the dispersed phase and the dimensions of the dispersed phase 
supply channels are known. In earlier work, it was shown that the maximum flow 
velocity scales inversely with the viscosity of the dispersed phase (Kobayashi et 
al., 2005a; ten Klooster et al., 2019; Van Dijke et al., 2010) and directly with the 
interfacial tension (Kobayashi et al., 2005c, 2005a). The emulsifier can also be 



Chapter 9

188

used to vary the interfacial tension (Chapter 3) (Sahin et al., 2016). The interfacial 
tension is highly dynamic during droplet formation, which implies that it is 
dependent on the droplet formation rate (Deng et al., 2022b). In addition, the 
blow-up pressure is dependent on the contact angle between the continuous phase 
and the glass wall, which is difficult to estimate (Sahin et al., 2016; ten Klooster 
et al., 2022c). In Chapter 3, we found that when substituting a continuous phase 
containing 2 wt.% Tween 20 with a continuous phase containing 5 wt.% WPI, 
a 3.5 times higher blow-up pressure was found for two different chip designs, 
and this obviously influences the overall productivity that can be reached. It 
remains difficult to disentangle the effects of the dynamic interfacial tension and 
the contact angle that is co-determined by the oil-water interfacial tension. This 
complicates estimating the maximum flow velocity of the dispersed phase (and 
the blow-up pressure) depending on the ingredients used. 

In general, it would be favourable for the operation of the chips if the maximum 
dispersed phase flow velocity could be deduced (e.g., by design of the micro-
structures on the main plateau). When the maximum dispersed phase flow 
velocity is known, the chip can be designed to have a higher blow-up pressure 
than the Laplace pressure of the meniscus inside the DFU; if that is the case, 
surfactant adsorption is not required to kick-off the refilling-event, which 
speeds up the refill and therewith the droplet formation process (Chapter 2). In 
turn, this increases the overall productivity of the device. 

Droplet sizes
In EDGE-like devices, the droplet size scales with 3-4 times the height of the 
droplet formation unit (DFU) in the spontaneous droplet formation regime 
for constant height/width ratio of the device, as shown in Chapter 3 and in 
literature (Kobayashi et al., 2005b, 2007; Montessori et al., 2019). The droplet 
size can also be decreased by decreasing the DFU width (Kobayashi et al., 2007; 
Montessori et al., 2019; ten Klooster et al., 2019), which would leave emulsion 
formulation unaffected. Alternatively, smaller droplets can be obtained by 
increasing the dispersed phase viscosity or by the decreasing the continuous 
phase viscosity, which will have an effect of product specifications (ten Klooster 
et al., 2019; Van Dijke et al., 2010; van Dijke et al., 2010c). A minimum DFU 
height-to-width ratio of ~ 2.5 is required for monodisperse droplet formation 
(Kobayashi et al., 2004a; Montessori et al., 2019). 

Larger monodisperse droplets can be formed above the blow-up pressure, 
based on the cascaded mechanism of physical push by a neighbouring droplet 
(ten Klooster et al., 2019). The droplet size scales with ~ 1.7 times the centre-
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to-centre distance between the DFUs (Chapter 3). This droplet formation 
mechanism could be an interesting option for scale-up, although the droplets 
need to be in close proximity thus facilitating droplet contact (Chapter 3), which 
means that in sieve-type of devices this droplet formation mechanism is much 
harder to achieve given construction limitations, and it has not been observed 
yet, to the best of our knowledge (Chapter 2). 

Ingredient use
As described earlier, in EDGE devices the maximum productivity and oil droplet 
sizes are dependent on the ingredients used, but there are other ingredient 
properties that should be considered as well. For example, low concentrations 
of WPI (1 wt.%) or 5 wt.% of pea protein isolate (PPI) led to coalescence of 
previously formed droplets with the oil meniscus that is about to form the next 
droplet (Figure 9.3a), which is detrimental to droplet monodispersity (Deng et 
al., 2021, 2022c). 

Besides, PPI made the droplets flocculate, which led to the formation of a string 
of droplets moving downstream the continuous phase channel (Figure 9.3b). 
It is known that PPI contains relatively large proteins that cannot stabilise the 
droplets as fast as their smaller counterparts (Hinderink et al., 2021).

Figure 9.3. Droplet formation in Partitioned EDGE devices with rapeseed oil as the 
dispersed phase and 5 wt.% of PPI in the continuous phase. (a) The oil-water meniscus 
coalesces with the previously formed droplet between t = 3 and t = 4 ms. At t = 16 ms a new 
droplet is formed that pushes its successor away. (b) A flocculated string of droplets flows 
downstream (flow from top to bottom).
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Furthermore, it can be expected that due to their more hydrophobic nature, PPI 
proteins would interact differently with the chip material, thus influencing the 
contact angle in a different way, which affects the droplet formation process. 
Finally, it is known that PPI contains polar lipids, which may affect the interfacial 
tension and interfacial properties, and thus the physical (in)stability of the 
droplets. From this it is clear that there are limitations in ingredient choice 
when using microfluidics to prepare emulsions, although this also holds for 
conventional emulsification techniques.

Continuous phase channels
The continuous phase channels are an unjustifiably disregarded aspect of 
spontaneous microfluidic emulsification device design. When the continuous 
phase channel is too large, the droplets produced near the channel walls will be 
hardly carried away because of the lower continuous phase flow at this location 
(Chapter 2). Conversely, continuous phase channels with small dimensions 
require a higher pressure to make the continuous phase flow, which also has 
consequences. The applied pressure will drop along the continuous phase 
channel, which causes that for the first DFUs the continuous phase ‘presses 
back’ against the oil flow, but this is not the case for the last DFUs. As a result, 
the first DFUs run below their maximum productivity, whereas the last DFUs 
run close to blow-up, which leads to a lower maximum productivity and/or a 
decreased monodispersity (Chapter 3). Therefore, it is recommended to design 
the continuous phase channel dimensions based on the desired productivity 
and oil content. 

In general, the length of the continuous phase channel is equal to the space 
needed for the DFUs, and the width and height of the channel should allow for 
a controlled flow of droplets without creating a large pressure drop over the 
dispersed phase channels. To the best of our knowledge, this aspect has not 
been studied systematically. Therefore, a logical next step towards application 
of microfluidic emulsification would be to study how a gradual flow of emulsion 
with desired oil concentrations can be obtained without droplet coalescence or 
droplet formation issues.

9.2.3 Prototype upscaled microfluidic emulsification devices
To be able to provide an answer to the question: ‘is microfluidic emulsification 
a tool or an end?’ we discuss upscaling towards industrial scale, which will also 
shed light on other challenges. The scaling relations found in Chapter 2 and 3 
are used for a first estimation of the design of the prototype. This prototype 
should be considered as a case study on what would be required to upscale 
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a microfluidic emulsification device rather than as a perfect device that can 
directly be fabricated.

The calculations presented next relate to a productivity of 10 m3/h emulsion 
containing 10 wt.% rapeseed oil with droplets of 1 µm as an illustration of 
an emulsion product relevant to the food industry. An overview of the design 
parameters, and the dimensions of the upscaled devices, are shown in Table 
9.2 and Figure 9.4. The device is designed based on the productivities of UPE5x1, 
presented in Chapter 3, for the 3.5-µm rapeseed oil droplets with 5 wt.% WPI 
in the continuous phase. Since we found that the droplet size directly scales 
with the DFU width and height, we will reduce the width and height four times 
(for simplicity) to produce droplets of 0.9 µm. The productivity per DFU is then 
expected to be 42 = 16 times smaller, so 16 times as many DFUs will be required 
to reach the same productivity as for the 3.5-µm rapeseed oil droplets. Since the 
area of one DFU will be 16 times smaller (0.25 · 0.25), the required porous area 
does not change (ignoring possible fabrication limitations). All the required 4.8 
· 1011 DFUs of 1.25 · 0.25 µm together require a space of 0.15 m2. Assuming 
that the same porosity (total DFU area divided by total chip area) of 5% can 
be obtained as for Multi EDGE, the total area will be 3.0 m2 (0.15/0.05) for the 
required productivity. Although this is a large surface for a microfluidic device, 
it is within the possibilities of what is currently technically feasible.

27
 cm

10 cm

550 cm

DFUs bottom

Oil in

1.25 µm

40 µm0.25 µm
Oil in

DFU

Figure 9.4. Schematic representation of the design of the prototype upscaled microfluidic 
emulsification device. Representation is not to scale.
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Table 9.2. Overview of important parameter of the prototype upscaled microfluidic emulsification device.
Input for design of prototype UPE5x1  

(Chapter 3)
Prototype Ratio  

(Prototype/ 
UPE5x1)

Oil rapeseed oil rapeseed oil -
Continuous phase 5 wt.% WPI 5 wt% WPI -
Droplet size (µm) 3.5 0.88 0.25
Total (desired) oil throughput 0.38 mL/h 1 m3/h 2.6 · 10

6

Effective area - 5% -
DFUs      
Area (w · h, µm) 5 · 1 1.25 · 0.25 0.063
Oil throughput per DFU (mL/s) 9.0 · 10

-9
5.6 · 10

-10
0.063

Droplet formation time (ms) 2.9 0.6 0.21
Droplet formation rate per DFU (s

-1
) 3.4 · 10

2
1.7 · 10

3
5

DFUs 11,088 4.9 · 10
11

4.4 · 10
7

Droplet formation rate total device (s
-1
) 3.8 · 10

6
8.33 · 10

14
2.2 · 10

8

Continuous phase      
Space DFUs together (m

2
) 5.5 · 10

-8
0.15 2.7 · 10

6

Space DFUs including uneffective area (m
2
) - 3.0 -

Continuous phase channel dimensions (w · h · l, cm) 0.04 · 0.018 · 30 550 · 10 · 27  -
Continuous phase flow (m/s) 0.014 0.045 3.3 
Continuous phase distance during 1 droplet (µm) 41 27 0.66
DFU substructures
Laplace pressure bare oil-water interface (bar) 0.72 2.9 4.0
(Desired) Blow-up pressure (bar) 2.7 10 3.7
DFU substructures (w · h · l, µm) 5 · 1 · 50 1.25 · 0.25 · 40 -
Substructures flow resistance (per DFU) (Pa s m

-3
) 2.8 · 10

19
1.8 · 10

21
 65

The device is designed as a sieve-type of device, and the continuous phase channel 
will be a shallow and wide slit (Figure 9.4). Ideally, DFUs are placed in both 
the top and bottom plate and form droplets actively. For a non-stacked layout, 
both the top and bottom plates (containing the DFUs) have total dimensions of 
0.27 · 5.5 m, which should be subdivided into smaller plates. The height of the 
continuous phase slit would be 10 cm. For the chosen productivity, this results 
in a laminar continuous phase flow with a velocity of 0.045 m/s (Re ≈ 900). At 
this flow velocity, the interfacial tension force was expected to be at least ten 
times higher than the drag force by the continuous phase, which ensures that 
the droplet formation mechanism is still spontaneous (see calculation below). 

Viscous drag force versus interfacial tension force
The viscous force by the continuous phase flow around an impermeable oil 
droplet, neglecting lubrication effects, can be estimated using the Stokes drag, 
as: Fv=6πηav, where 𝜂 is the continuous phase viscosity (~ 1.5 mPa s), a the 
diameter of the droplet (1 µm) and v the continuous phase flow (0.045 m/s on 
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average, assumed to be 0.01 m/s at 1 µm from the channel wall). Using these 
relatively high values, this generates a Fv ~ 3 · 10-10. 

The interfacial tension force can be estimated by Fi=γx, where γ is the interfacial 
tension (~ 20 mN/m) and x the typical length scale (half the height of the DFU, 
0.125 µm). Using these relatively low values generates a Fi of ~ 3 · 10-9. Therefore, 
the interfacial tension force is expected to be the dominant force during droplet 
formation mechanism in this case study for upscaling microfluidic emulsification 
(Table 9.2).

The substructures of the DFUs have a major impact on the productivity. Here, 
the Laplace pressure of the bare oil-water meniscus inside the DFU will be ~ 
2.9 bar. Ideally, we would have a blow-up pressure of around 10 bar to allow for 
immediate forward motion of the meniscus (so, without the need for surfactant 
adsorption), which makes refilling of the DFU quick (Chapter 2). In addition, 
having a higher blow-up pressure than the Laplace pressure of the bare oil-
water meniscus will promote DFU activation (Chapter 2 & 3). Based on this 
blow-up pressure of 10 bar and the 16 times lower flow per DFU of this device 
compared to UPE5x1 (Chapter 3), the flow resistance, expressed per DFU, would 
have to be 1.7 · 1021 Pa s m-3 when using rapeseed oil. To reach this, a DFU with a 
width, height, and length of 1.25, 0.25, and 40 µm is sufficient (1.8 · 1021 Pa s m-3) 
(Figure 9.4). The main plateau can be higher (e.g., 1 µm), which will still allow 
for gradual supply of oil to the DFUs without generating an unnecessarily high 
blow-up pressure. The DFUs should be connected to multiple main plateaus 
to ensure a gradual oil supply to all the DFUs. As an alternative for the design 
suggested here (Figure 9.4), the continuous phase could flow around a hollow 
tube in which the oil flows and which contains the DFUS.

It is interesting to hypothesise what the situation would when using the droplet 
formation mechanism based on the physical push by a neighbouring droplet 
for upscaling the production of 1-µm droplets. To achieve this, the centre-
to-centre distance between the DFUs should be 0.6 µm (1/1.7) (Chapter 3), 
although it has not been explored whether this droplet formation mechanism 
is still applicable at that scale. Droplet productivity will be less limited by the 
interfacial tension force, and therefore a higher maximum productivity is in 
principle possible (Chapter 3). This droplet formation mechanism only works 
well if droplets interact, which is relatively easy to achieve in the small devices 
used in this thesis due to the confinement generated by a top plate (Chapter 3). 
It may be harder to achieve this droplet formation mechanism in a free-standing 
sieve-type of device. To the best of our knowledge, it has not been observed in 



Chapter 9

194

sieve-type devices (Chapter 2), and this is part of follow-up projects.

Device material
For the production of oil droplets, the DFU walls need to be wetted well by the 
continuous phase to promote droplet formation (Maan et al., 2013b; Sahin et al., 
2016; Van Dijke et al., 2008). Besides, the material must be robust for the duration 
of the production run, and, if the device is used repeatedly, it should be robust to 
chemicals used to clean the device. Glass and silicon chips have shown their worth 
in proof-of-concept studies (Chapter 2, 3). However, even though glass is very 
robust, and (if clean) very hydrophilic, the major disadvantage of glass and silicon 
is that these materials are brittle. This may lead to contamination of the products 
without being able to trace the shards in the final food product. Therefore, it is 
not desirable to use process equipment of glass in food or pharma production. 
It is very challenging to make devices out of other materials because structures 
as small as a few µm, and preferably even smaller than 1 µm, have to be made. 
Besides, the channel walls have to be either very hydrophilic for the preparation 
of O/W emulsions or hydrophobic for the preparation of W/O emulsions. It is not 
trivial that these wall properties remain their hydrophilicity given the reported 
interactions with ingredients (Sahin et al., 2016).

Other microfluidic device materials than glass or silicon as channel walls have 
been used. Maan and co-workers, used metal-coated surfaces for the production 
of O/W emulsions (Maan et al., 2013a). The main factors that were of influence 
on the productivity were presumably the surface roughness and the surface 
wettability. Productivities and droplet sizes measured for copper-nickel devices 
were similar to those determined for silicon devices. More specifically for lipid 
oxidation, the use of copper might be unfavourable because it is known to be 
a prooxidant. The use of microfluidics (to date mainly in science) has grown 
steadily in the last decades, and nowadays there is also a major interest in 
manufacturing devices in all types of materials, such as: hydrogels (Nie et al., 
2020), polymers (Niculescu et al., 2021) and paper (Li et al., 2012). In addition, 
3D printing of the devices is named as a promising technology for fabrication of 
the devices (Bhattacharjee et al., 2016). It is good to see all these opportunities 
arising, and it is expected that the dimensions that can be prepared will 
come closer to the ones described here. For now, this is still a challenge, as 
are the properties of the materials (often rather hydrophobic) in relation to 
the wettability needed for oil-in-water emulsification. In that sense, the in-
air-microfluidic technology could be an interesting option because droplet 
formation takes place in flight (Schroën et al., 2022b; Visser et al., 2018), which 
is described as the manipulation of microfluidic streams in the air, so without 



195

General discussion

9

the use of a microfluidic chip. One disadvantage of this technology is that 
numbering-up DFUs is not that easily achieved because the flow of each DFU 
has to be regulated very precisely.

Companies already using microfluidic emulsification
Based on all of the above, it is not surprising that start-up companies have 
aimed to upscale microfluidic emulsification to industrial scale. 1-4 Here, we give 
a short overview of current efforts. The information used here is obtained from 
the websites of those companies.

The materials used to fabricate the devices were, for example, glass2 or ceramics1. 
The production of specific medicines using microfluidics is currently already 
under development.2 The advantages of using microfluidics according to these 
companies are: to improve medicines regarding the accurate and extended-
acting release of bioactive molecules;1-4 improved active beauty with superior 
appearance;2 and enhanced aromatic experience by minimizing bitterness yet 
creating a new level of taste2. Also in-air microfluidics is being upscaled.4 The 
advantage of this technology is that there is no need for the use of a microfluidic 
chip. 

1 https://www.nanomi.com/ 
2 https://www.microcaps.ch/
3 https://www.emultech.nl/ 
4 https://iamfluidics.com/

9.2.4 Intermediate conclusions: dynamics of droplet formation across 
length scales
Producing emulsions with conventional emulsification techniques results 
in wide droplet size distributions that cover ranges of up to three orders of 
magnitude. These distributions include droplets that are as small as 101 nm, 
even when the emulsions are stabilised by proteins. It remains challenging to 
detect these very small droplets, and here we used cryo-TEM to probe their 
sizes. With microfluidics, emulsions with very narrow droplet size distributions 
can be prepared, which do not contain very small droplets. Within this thesis, 
we established scaling relations for the design of upscaled spontaneous 
emulsification devices. This resulted in the ability to generate droplet sizes 
between 3.5-30 µm at production rates that allowed for lipid oxidation 
experiments outside the chip. 

When considering microfluidics in the light of producing a 10-wt.% rapeseed 
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oil-based emulsion with droplets of < 1 µm at a productivity of 10 m3/h, we 
concluded that this may be possible in the future, although challenges remain: 
(i) the choice of appropriate construction materials for such devices (integrity, 
inertness, wettability), (ii) control over droplet filling in the continuous phase 
channels, (iii) improved understanding of maximum productivity for different 
ingredients, without imposing coalescence and/or other instabilities, (iv) the 
possible use of the second droplet formation regime that is reliant on physical 
droplet interactions. 

The fact that multiple start-ups are working on upscaling microfluidic 
emulsification may hint at production of monodisperse emulsions becoming 
feasible at industrial-relevant scale. However, the incentives to actually apply 
it at this scale will greatly depend on the need to replace current technologies 
that have an impressive track record. Only if additional benefits start playing 
a role, such as the considerable reduction in energy, this will drive innovation 
for bulk products with relatively low added-value. For their high-added value 
counterparts that generally can be produced at much smaller scale, benefits 
related to the ultimate control of size (relevant to controlled delivery products) 
may push innovation. This seems to be the case in the start-ups that we noted. 
Away from upscaling, the microfluidic emulsification devices that we developed 
have shown their worth to improve our fundamental understanding of lipid 
oxidation in emulsions. This is further described in the next section.

9.3 Dynamics of lipid oxidation in emulsions across length scales

The Mahonaisse, first served in 1756, would have lost its appreciation due to 
lipid oxidation in just a few days because at the time probably no antioxidants 
were used (at least not for that purpose). In addition, a fridge did not yet exist, 
which could have counteracted both oxidation and microbial growth. Even now, 
more than 250 years later, the industry still struggles with counteracting lipid 
oxidation. In this thesis, we have focused on many different length scales that 
are involved in lipid oxidation: from the tube in which samples were incubated 
(several cm), to spray-dried emulsion powder particles (a few hundreds of µm), 
to oil droplets (100-0.01 µm), to interfaces (a few nm), to continuous phase 
components (a few nm), and, finally, all the way down to the formation of 
molecules that can result in an undesired taste (< 1 nm). In this section, the 
findings in this thesis across these length scales will be discussed from large 
(incubation tube) to small (single molecules), with a specific focus on the asset of 
microfluidic emulsification devices to improve our fundamental understanding 
of lipid oxidation in emulsions.
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9.3.1 Emulsion as a whole
Incubation tubes (10-1 cm) used, set the maximum concentration of lipid 
oxidation that can take place. Through mass balances for oxygen, this can 
be checked, but this is often not considered (Schroën et al., 2022a). For bulk 
oil and mayonnaise, it has been shown successfully that by summing up the 
hydroperoxides, aldehydes, and epoxides, the mass balance of oxygen can be 
covered (Boerkamp et al., 2022). In Chapter 4, the oxygen consumption was 
faster than the total amount of lipid oxidation products formed, which was 
probably due to co-oxidation of Tween 20. Even when only part of the oxygen 
is consumed by other reactions, this will limit the formation of peroxyl radicals 
because the its formation rate is determined by a reaction rate constant 
multiplied by the substrate concentrations (including O2; appendix Chapter 4) 
(Schroën et al., 2022a). 

In static systems, the concentration of oxygen available for the reaction will 
be the saturation concentration in oil (~ 1.4 mmol/kg oil at 25 °C (Cuvelier 
et al., 2017)). As soon as oxidation reactions start taking place, the oxygen 
concentration in the oil will reduce, but it can be supplemented by the oxygen 
present in the headspace. Oxygen diffusion can be rather slow, which leads to 
an oxygen gradient over the height of the tube. For a standing tube, the diffusion 
of oxygen from the headspace to 10 cm into the oil will typically take hundreds 
of hours (Schroën et al., 2022a). Precaution is also needed regarding opening 
of tubes during incubation because this implies that the headspace will be 
replenished with oxygen, which will reboot the oxidation reaction. This also 
occurs in practice if consumers reopen the package after partial use. Finally, if 
the incubation tube is not properly sealed, oxygen can leak into the tube. This 
can cause both faster oxidation and a higher total amount of oxidation products 
formed. In practice, oxygen leakage in test tubes is hardly ever considered.

Powder particles (500-10 µm) characteristics have been postulated to have 
a major impact on lipid oxidation in (spray-)dried emulsions, where the oil is 
either ‘encapsulated’ in the matrix or spread over the surface of the powder 
particle. In literature, many studies ascribe the faster oxidation of surface free 
oil to its enhanced oxygen accessibility compared to encapsulated oil droplets 
(Hardas et al., 2002; Morales et al., 2015; Velasco et al., 2003, 2006, 2009). It 
has been argued that the more dense the matrix, the better it protects against 
the oxygen accessibility (Drusch et al., 2007, 2012; Hogan et al., 2003; Imagi et 
al., 1992; Orlien et al., 2000). This only holds for matrixes free of defects, which 
would be quite a challenge to meet in practice. 
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In our study on spray-dried emulsions, we found that for both the encapsulated 
and surface free oil, the relatively hydrophobic antioxidants were most effective 
(Chapter 8). We ascribed this result to the partitioning of nonpolar antioxidants 
to the oil where they can effectively counteract lipid oxidation. The encapsulated 
oil oxidised faster when the oil contained no antioxidant or a relatively polar 
antioxidant, whereas the surface free oil oxidised faster in the presence of an 
effective (relatively hydrophobic) antioxidant. In other words, for both types 
of oil, lipid oxidation seemed to increase slightly when the alkyl chain length of 
the antioxidant was increased from 8 to 16 alkyl groups, and this seemed to be 
a little bit more pronounced for the surface free oil than for the encapsulated 
oil. This indicates that the accessibility of oxygen to the oil is not the only factor 
that determines the sensitivity of lipid oxidation in spray-dried emulsions. If the 
limited oxygen accessibility of encapsulated oil would be the reason for lower 
oxidation compared to the surface free oil, then especially the maximum rate 
of hydroperoxide formation should be lower, and that is not what we found. 
Others have shown that the increase in lipid oxidation products in surface free 
oil often just starts earlier compared to in the encapsulated oil (Morales et al., 
2015; Velasco et al., 2006). This can be an indication of a lower concentration 
of oxygen present in the encapsulated oil, but also of a higher concentration of 
radicals in the surface free oil, which will also affect the course of the reaction 
later on. Higher concentrations of radicals will increase the formation of 
hydroperoxides, which also is a substrate for new radical generation (Chapter 
4, Reaction 4.I & 4.II). On the other hand, the concentration of radicals can be 
suppressed by antioxidants, if they are present at the right location. In literature, 
it has been shown that hydrophilic prooxidants are not active in spray-dried 
emulsions (Orlien et al., 2000), which indicates that the initiation of lipid 
oxidation in spray-dried emulsions most probably starts either in the oil itself, 
or at the oil-matrix interface. 

9.3.2. Oil droplets of different sizes
Oil droplets (100-0.01 µm) emulsified in a continuous phase generally 
oxidise earlier and faster compared to bulk oils (Berton-Carabin et al., 2014; 
McClements et al., 2000; Van Ruth et al., 1999). This is postulated to be due 
to promoted contact between unsaturated lipids in droplets and prooxidants 
dissolved in the continuous phase. This would also suggest that smaller droplets 
oxidise faster because of their increased interfacial area, but clear evidence for 
this was lacking (Berton-Carabin et al., 2014). As pointed out in this thesis, it is 
impossible to study this systematically in classically prepared emulsions, since 
their droplet sizes can span up to three orders of magnitude. Therefore, droplet 
size distributions necessarily overlap substantially. 
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As pointed out previously, microfluidic emulsification devices allowed us to 
produce monodisperse emulsions and vary the droplet size very systematically 
between 3.5 and 30 µm (Chapter 2 & 3). Using these emulsions, we showed for 
the first time a systematic increase of lipid oxidation with decreasing droplet 
size. We ascribed this result to enhanced lipid oxidation initiation reactions, 
presumably due to the increased interfacial area, where the prooxidant iron-
EDTA complex could react with the lipids. How the reaction rate constant for 
initiation of lipid oxidation scales with the interfacial area most probably has 
to do with the partitioning of prooxidants. To quantitively relate the oil droplet 
size to the cascaded lipid oxidation reaction, it is favourable that no side-
reactions that consume oxygen occur because this influences the course of the 
lipid oxidation reaction. This may even enable estimating the concentrations of 
radicals present. 

In an actual food emulsion, the effect of droplet size on lipid oxidation may become 
even more complex when interfacial components exert an anti-, or prooxidant 
effect. Smaller droplets are expected to be exposed to both components more 
frequently, which may either reduce or improve their oxidative stability. The 
next step is to go to classically prepared emulsions, although for such emulsions 
it is important to follow the leads supplied in this thesis to still be able to 
distinguish droplet size effects from other effects. 

In the smallest droplets present in emulsions (10-200 nm), lipid oxidation 
products were overrepresented, which is in line with the droplet size effect 
described in the previous section. Although the droplets of 10-200 nm only 
contained ~ 1.6 wt.% of the total oil, these tiny droplets did make up for ~ 50% 
of the total interfacial area. We, therefore, ascribe the fast oxidation of these 
very small droplets to their large interfacial area. This was substantiated by 
the higher concentration of 4-hydroxy-2-nonenal to 4-hydroperoxy-2-nonenal 
in the very small droplets compared to the whole emulsion (Figure 9.5). This 
points at increased hydroperoxide decomposition in these very small droplets 
leading to enhanced initiation. In turn, this leads to increased propagation of 
the lipid oxidation reaction.
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Figure 9.5. Approximation of the ratio of 4-hydroxy-enals (4-HE) to 4-hydroperoxy-
enals (4-HPE) in the whole emulsion (filled bar) and in very small droplets obtained by 
centrifugation (open bar). Numbers indicate total amount of 4-hydro(pero)xy-enals in 
mmol/kg oil with their standard deviations (one measurement on one/two independently 
incubated emulsions originating from the same emulsion). Samples contained 0.5 wt.% 
Tween 20 in the continuous phase, 10 wt.% rapeseed oil, and were made with a lab-scale 
colloid mill (see section 5.2, Chapter 5).

In a polydisperse emulsion, containing 109-1015 droplets per mL dispersed oil, 
the three orders of magnitude difference in size between the largest and the 
smallest droplets implies that oxidation can occur in a highly heterogeneous 
fashion depending on droplet size. This heterogeneity was quantified and 
visualised by confocal laser scanning microscopy (Chapter 6). In protein-
stabilised emulsions, droplets of the same size also oxidised in a heterogeneous 
way. Also using CLSM, we observed highly heterogenous protein oxidation, which 
is known to be intertangled with lipid oxidation. This heterogeneous protein 
oxidation is, therefore, expected to play a role in the observed heterogeneity of 
lipid oxidation. 

Even though we did not observed this under the conditions studied, the fast 
oxidation of the tiny droplets might decrease the oxidation rate in other droplets 
due to the depletion of oxygen under specific conditions. This will especially be 
the case if the oxygen content in the tube is low, and/or if there is a large difference 
in oxidation rate between the droplets. To explain this a bit further, we can focus 
on hydroperoxide (LOOH) formation. For this component to form, the alkyl 
radical (L•) first has to react with oxygen (O2) to form a peroxyl radical (LOO•). 
Next, the LOO• has to abstract a hydrogen atom from another component (e.g., 
unsaturated fatty acid (LH’)) to form a LOOH. These reactions are dependent 
on a reaction rate constant (k2, k3) and on the substrate concentrations (for k2: 
[L•] and [O2]; for k3: [LOO•] and [LH’]) (Schroën et al., 2022a). This cascaded 
reaction complicates estimating the effect of oxygen depletion on the reaction 
rate because the limiting step would need to be identified, before the effect of a 
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decrease in [O2] can be identified (Schroën et al., 2022a). 

In literature, various effects have been reported that possibly relate to the 
existence of these tiny droplets, and there thus is a clear need for better 
consideration and characterisation of these smallest droplets for many reasons. 
For micron-scale droplets, the interfacial volume is negligible (McClements et 
al., 2000). In contrast, this is not the case for droplets < 200 nm of which the 
interfacial is > 13 vol.% of the total droplet (when using an interfacial thickness 
of 5 nm) (McClements et al., 2000). Please keep in mind that the amount of oil 
in the very small droplets could be as low as 1.7 wt.% (Chapter 5), so the total 
interfacial volume is still small compared to the oil volume in such an emulsion. 
On the other hand, the very small droplets are important to consider when 
interfacial phenomena are under scrutiny because the very small droplets can 
generate half of the total oil-water interface of the emulsion (Chapter 5). If they 
are not considered, this may lead to misinterpretations such as a ‘continuous 
phase’ containing lipid hydroperoxides, which probably were actually present 
in the very small droplets (Nuchi et al., 2002). The fast-oxidising very small 
droplets could not be included in the measurement of lipid oxidation by 
confocal microscopy (Chapter 7). Therefore, with confocal microscopy, a major 
part of lipid oxidation will be missed when applied to polydisperse emulsions 
(Chapter 7). The very small droplets also complicate surface load determination, 
which has been based on excess emulsifier concentration in the subnatant 
(that probably contained very small droplets) (Berton et al., 2011a; Bos et al., 
2001; Faraji et al., 2004; Ye, 2008). In this regard, spontaneous microfluidic 
emulsification might be the way forward to investigate emulsions because they 
produce very monodisperse that are free of very small droplets. 

9.3.3 Continuous phase
Continuous phase components (~ 0.1-10 nm) such as proteins and surfactants 
have been related to pro- and/or antioxidative effects (Berton-Carabin et al., 
2014). In addition to this, lipid oxidation products (~ 0.1-3 nm) that were 
formed in the oil droplets can also transfer to the continuous phase (Jacobsen 
et al., 1999; Vandemoortele et al., 2020) or to other droplets (Chapter 7) (Li et 
al., 2020). We found that short and hydrophilic lipid oxidation products, such 
as 4-hydroperoxy-2-nonenal (solubility in water over 60 g/L), can be rapidly 
transferred between droplets (Chapter 7), although it is good to keep in mind 
that the actual concentrations of such oxidation products are low. This implies 
that the actually measured values of such oxidation products may be lower 
than the total amount that was formed, for example, in a very small droplet. 
Triglycerides (TAGs) bearing a hydroperoxide group did not exchange between 
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droplets, which was most probably due to their extremely poor solubility in water. 
In order to predict the transfer behaviour of oxidation products, the molecular 
structure and properties (size, hydrophilicity) would need to be compared, but 
TAGs and 4-hydroperoxy-2-nonenal are two extremes. Where the transition 
takes place from transferring to non- or slowly transferring component cannot 
be predicted to date. Measuring partitioning behaviour in non-reacting two 
phase systems could be a way to go. Alternatively, systematically adjusting 
the properties of the component of interest by changing an alkyl chain length 
(as done in chapter 8 for antioxidants) could improve our understanding of 
transferring components in emulsions. Other suggestions from literature that 
can be taken into account are: (i) hydrophobic interactions of components with 
the oil (You et al., 2012) and (ii) component-specific transfer through surfactant 
micelles (Villeneuve et al., 2021). 

The transfer of reactive lipid oxidation products to the continuous phase, 
possibly increased Tween 20 oxidation in Chapter 4. In line with this, it has been 
shown that 4-hydroxy-2-nonenal can be degraded by (oxidation) reactions in a 
Tween 20 solution (Vandemoortele et al., 2020). Such reactions might even be 
more pronounced for 4-hydroperoxy-2-nonenal because it bears an even more 
reactive hydroperoxide group instead of a hydroxide group. These findings shed 
light on how intertangled the oxidation of continuous and dispersed phase 
components may be. For example, it has been found previously that lipid oxidation 
products can bind covalently and noncovalently to proteins, which especially 
occurs at the interface (Berton et al., 2012). In addition, this may also occur 
to lipid oxidation products that enter the continuous phase (Vandemoortele et 
al., 2020). Besides, emulsifiers have been shown to ignite lipid oxidation and 
vice versa (Berton-Carabin et al., 2014; Nuchi et al., 2001; Østdal et al., 2002), 
but one often ignored aspect is that co-oxidation of components will consume 
oxygen that is then not available for lipid oxidation (Chapter 4). If experiments 
were conducted in closed containers, this may provoke the conclusion that the 
component of interest exerts an antioxidant effect, whereas it rather exerts an 
‘oxygen-snatching effect’.

Regarding the transfer of lipid oxidation products to other droplets, 
we found that the addition of 4-hydroperoxy-2-nonenal (0.2 mmol/kg oil) to 
vegetable oil droplets further devoid of this component, can promote subsequent 
lipid oxidation; yet, this occurred with substantial variability regarding the 
course of the reaction among independent replicates. Whether such oxidation 
products ignite oxidation in the ‘fresh’ droplets, will depend on how easily that 
droplet would oxidise without that sensitive component. In the case of BODIPY 
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665/676 present in medium chain triglyceride oil droplets, transferred sensitive 
components probably subsequently ignite oxidation via propagation reactions 
(H abstraction) (Li et al., 2020). On the other hand, if the ‘fresh’ droplet already 
contains molecules that are sensitive to initiation reactions, the provision of 
other sensitive molecules is most probably not going to have a marked impact 
as seemed to be the case in the emulsions studied in this thesis.

Finally, the main role that lipid oxidation products play in lipid oxidation, is 
that they provide an undesired flavour to food and other biobased products. 
Off-flavour perception has been shown to be a complex subject because of 
multiple reasons: (i) there is a very wide range of lipid oxidation products, 
and the products formed are dependent on oxidative pathways (Hoppenreijs 
et al., 2021; Merkx et al., 2018; Schaich, 2005), which in turn are dependent 
on many aspects related to the incubation conditions and on the emulsion 
system itself (Berton-Carabin et al., 2014), (ii) different individual molecules 
provide a different off-flavour perception (Venkateshwarlu et al., 2004), (iii) 
synergistic and compensatory effects have been shown between oxidation 
products (Jacobsen, 1999; Venkateshwarlu et al., 2004), and maybe even most 
interestingly, (iv) oxidation products present in the continuous phase have been 
described to have a major contribution to off-flavour perception (Jacobsen, 
1999). 

All these findings highlight the importance of an improved understanding of the 
dependency of lipid oxidation on the droplet size, the transfer of lipid oxidation 
products through the continuous phase, and the intertangled nature of (co-)
oxidation of lipids and components present in the continuous phase, to which 
this thesis has already made valuable contributions.

9.3.4 Intermediate conclusions: dynamics of lipid oxidation in emulsions 
across length scales
The complexity of lipid oxidation in emulsions arises from many dynamic 
processes that occur across wide length scales. In this thesis, we did shed 
light on multiple dynamic aspects of lipid oxidation in emulsions. This was 
done by using microfluidics as a tool to prepare monodisperse emulsions 
with different droplet sizes (section 9.2.2) and by using advanced analytical 
techniques, such as: NMR spectroscopy, confocal microscopy, and cryo-TEM, for 
the characterisation of the oxidising emulsions. This allowed us, for example, 
to show very systematically that increasing the specific surface area of an 
emulsion also increases lipid oxidation, most probably because this favours 
catalysis-based reactions that initiate oxidation. The use of kinetic modelling 
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enabled us to get an idea of how such reactions affect the course of the lipid 
oxidation reaction.

For polydisperse emulsions, cryo-TEM allowed us to map the droplet size 
distribution of the tiniest droplets present. This led to the discovery that the 
large difference in droplet sizes is also reflected in the oxidation rates, making 
emulsions very heterogeneous reacting systems. The droplet size-dependent 
heterogeneity of lipid oxidation was also quantified and visualised with CLSM. 
In protein-stabilised emulsions, droplets of the same size also oxidised in a 
heterogeneous way. It is expected that (co-)oxidation of the protein plays a role 
in these differences. Under specific conditions, quickly oxidising droplets may 
affect overall oxidation in other parts of the emulsions in two ways: (i) depletion 
of oxygen and therewith reduced lipid oxidation in other droplets, and, (ii) 
transfer of reactive lipid oxidation intermediates, such as 4-hydroperoxy-enals, 
to other droplets, where lipid oxidation can then be initiated under the condition 
that the transferred molecule is (much) more sensitive to reactions that initiate 
oxidation than the substrate already present. Besides, co-oxidising components 
will affect the course of oxidation reactions, and this may be mistaken for an 
antioxidant effect imposed by such components.

9.4 Conclusions: dynamics of lipid oxidation and droplet formation 
across length scales

Throughout this chapter, we have shown that to understand lipid oxidation, 
we have to consider different dynamic processes across a wide length scale. To 
disentangle these dynamic processes, microfluidics can be used as an ultimate 
tool to produce emulsions with well-controlled droplet sizes. Microfluidic-made 
emulsions allow for improving our understanding regarding radical formation 
in emulsions, which enables describing of the course of the lipid oxidation 
reaction using modelling. These lipid oxidation reactions are intertwined with 
the oxidation of continuous phase components, which is an aspect that is still 
poorly understood. We could improve our understanding of this aspect if we 
could measure: the type, concentration, and chemical status of these continuous 
phase components, but that has been challenging due to the presence of 
tiny droplets. Also this challenge can be tackled by using microfluidic-made 
emulsions, since tiny droplets are not present in such samples, and since we 
can systematically vary the amount of oil-water interface. To extent the findings 
obtained for microfluidic-made emulsions to classic emulsions, we have to 
consider that classic emulsions contain droplets of many different sizes, all with 
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different oxidation statuses. In addition, we have to consider how the oxidation 
in the droplets of many sizes is intertwined with the wide variety of components 
present at the interface and in the continuous phase, which are either ‘naturally’ 
present there or that have moved there after being formed by lipid oxidation 
reactions occurring inside oil droplets. 

It is incredible how much we have learned about emulsions ever since the 
first production of the ‘Mahonaisse’ in 1756 to which this thesis has made a 
valuable contribution. We can still learn more, especially regarding: radical 
concentrations, reaction kinetics, transfer effects, and co-oxidising species. 
This will bring us in a much better position to predict ánd extend the oxidative 
shelf life of both wet and spray-dried emulsion products. For products like 
mayonnaise and infant milk formula, lipid oxidation is the main deterioration 
factor, but for other products, microbial and physical stability have to be 
considered as well. Over the past centuries, such knowledge has contributed 
to enormous improvements in emulsion product stability, which started from 
a ‘stability’ of probably a few days, to products that are stable for over one year 
now. This is partly due to the evolution in emulsification processes, which have 
evolved from the use of hand-whisk tools to homogenisers, and this evolution is 
still ongoing. Producing emulsion products by microfluidics at industrial scale 
may sounds like a futuristic tale. However, it might lay within reach already, 
as indicated by the upscaled prototype microfluidic device presented in this 
chapter and by the emerging start-up companies that are working on upscaling 
this technology. This might lead to the next revolution in terms of improved 
shelf life and added functionality by controlled release of active compounds, 
either for food or pharmaceutical applications. Until then, we will definitely 
continue to explore the use of microfluidic tools for an improved understanding 
of emulsion stability.
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Summary

An early ‘experiment’ on food emulsion production dates back to 1756, when 
a sauce called ‘Mahonaisse’ was produced. This product was received well, 
but it was probably not very stable. As is generally known now, the stability 
of emulsion products is highly influenced by their ingredients and by the 
preparation process used; yet, suppressing both physical and lipid oxidation 
instabilities in emulsion products remains challenging because the dynamic 
processes involved are not that well-understood. This thesis is dedicated to 
shed light on how dynamic processes that occur at scales ranging from the 
molecular to the macroscopic scale contribute to lipid oxidation. To achieve 
this, we used innovative analysis methods that are at the very edge of what is 
currently possible, and we developed experimental set-ups that enabled, for 
example, the production of monodisperse emulsions.

As a first step, we tried to get a better control over the oil droplet size using 
microfluidic techniques, since conventional emulsification techniques have a 
very limited control over droplet size distributions. The oil throughput with 
microfluidic emulsification devices is typically < 100 µL/h for the production 
of vegetable oil-based emulsions with droplets < 10 µm. This throughput was 
not enough to perform lipid oxidation experiments; therefore, in the first 
chapters (Chapter 2 & 3), we addressed upscaling options for the production 
of relatively small droplets (< 10 µm) as well as for larger droplets (10-50 µm) 
that are formed through different mechanisms. 

An upscaled microfluidic emulsification chip containing 75,000 droplet 
formation units is presented in Chapter 2. Using this chip, we showed in a 
proof-of-concept study that productivity can be improved greatly if the flow 
resistance is high enough to allow for a maximum pressure applied over the 
dispersed phase that exceeds the Laplace pressure of the bare oil-water interface 
inside the droplet formation unit. This reduces the time needed for refilling the 
droplet formation unit, and thus increases the productivity. These insights were 
used to design the UPE (Upscaled Partitioned EDGE) chip, which is presented in 
Chapter 3. With this chip, we were able to make highly monodisperse droplets 
of different sizes between 3.5 and 30 µm by using either the interfacial tension-
based droplet formation mechanism or a relatively new mechanism based on a 
cascaded physical push by neighbouring droplets. This led to design guidelines 
at various levels for upscaled microfluidic emulsion production: (i) droplet 
formation unit design for the desired droplet size, (ii) dispersed phase supply 
channels design for high productivity, and, (iii) continuous phase channel 
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design for targeted oil concentration in the emulsion. Furthermore, the effect of 
ingredients on droplet size and productivity was reported.

The highly monodisperse droplets produced with the microfluidic chips from 
Chapter 3 enabled studying the effect of droplet size on lipid oxidation in a 
surfactant-stabilised model emulsion, as reported in Chapter 4. We found a 
systematic increase of lipid oxidation with decreasing droplet size, which was 
ascribed to a favoured contact between the prooxidant iron-EDTA complex and 
the lipids. The results in this chapter also show that Tween 20 co-oxidation took 
place, and that this may be initiated by lipid oxidation, which is a phenomenon 
that has hardly been considered so far. Unlike monodisperse microfluidic 
droplets, the size difference between the smallest and the largest droplets in 
‘classically produced’ emulsions can be in the order of a factor 1000, and this 
is expected to play a considerable role in oxidation. This was investigated in 
dept in Chapter 5, where advanced cryo-transmission electron microscopy was 
used to show that ‘very small’ droplets (10-100 nm) exist in these emulsions; 
the lower end of this range is close to the size of surfactant micelles (~ 10 
nm). We found that both primary and secondary lipid oxidation products 
were overrepresented in these very small droplets, which was again ascribed 
to favoured lipid oxidation initiation due to the larger interfacial area and 
subsequent reaction propagation. This latter effect was substantiated by the 
higher concentration of specific secondary lipid oxidation products (namely, 
4-hydroxy-2-nonenal to 4-hydroperoxy-2-nonenal) in the very small droplets 
compared to the whole emulsion (Chapter 9). 

A comparison between emulsions prepared with microfluidics and conventional 
emulsification techniques was made in Chapter 6. In this chapter we used BODIPY 
665/676 fluorescence measurements with confocal laser scanning microscopy 
to localise lipid oxidation, and to validate this method, BODIPY fluorescence was 
correlated to lipid oxidation product formation in monodisperse emulsions. 
The decrease in red fluorescence occurred at lower oxidation levels for Tween 
20-stabilised emulsions than for WPI-stabilised emulsions. Lipid oxidation and 
most probably also protein oxidation increased with decreasing droplet size, 
which makes lipid oxidation in emulsions heterogeneous at the level of droplets. 
For WPI-stabilised monodisperse emulsions, the oil droplets were also found to 
oxidise in a heterogeneous way. In addition, extensive and highly heterogenous 
protein oxidation takes place in polydisperse emulsions, and to much lesser 
extent in monodisperse emulsions. This is expected to be intertwined with lipid 
oxidation, but it remains difficult to substantiate the intertwining given the 
heterogenous and complex nature of protein oxidation. 
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Besides reaction kinetics, mass transfer of components can play a role in the 
observed oxidation patterns. In Chapter 7, we found that short and hydrophilic 
lipid oxidation products, such as 4-hydroperoxy-2-nonenal, can be rapidly 
transferred between droplets, whereas the non-water-soluble triglycerides 
with a hydroperoxide group did not exchange between droplets. We found 
indications that the presence of 4-hydroperoxy-2-nonenal (0.2 mmol/kg oil) in 
fresh vegetable oil droplets can lead to slightly accelerated lipid oxidation, but 
that this is not always systematic nor reproducible. If the fresh droplets do not 
contain molecules that are sensitive to initiation reactions, then the provision 
of molecules that are sensitive to initiation reactions can subsequently cause 
oxidation via propagation reactions (H abstraction). On the other hand, if 
the ‘fresh’ droplets already contain molecules that are sensitive to initiation 
reactions, the provision of other sensitive molecules is not expected to have a 
large impact.

Emulsions are often dried to extend their shelf life, which results in a very 
different structure from wet emulsions. In such powder particles (~ 100 µm), 
the lipids are either encapsulated in the matrix or spread over the surface of 
the powder. In Chapter 8, we evaluated how antioxidant polarity affects lipid 
oxidation by assessing the effectiveness of phenolipid (gallic acid esters) 
antioxidants during processing and during storage based on their alkyl chain 
length. We found that for both the surface free fat and the encapsulated fat, the 
most polar gallic acid alkyl esters were ineffective, which we ascribed to their 
partitioning. We expect these hydrophilic antioxidants to (partly) end-up in 
the matrix, where they cannot counteract lipid oxidation. There is an ‘optimal’ 
polarity for the antioxidants, for which lipid oxidation is lowest. At lower 
polarity, lipid oxidation increases again slightly. When comparing encapsulated 
and free fat, we found that at high antioxidant polarity, the encapsulated fat 
oxidised slightly faster, whereas for a nonpolar antioxidant the free fat oxidised 
slightly faster. Even though the differences were always very small, there seems 
to be a switchover effect.

Finally, in Chapter 9, the findings of this thesis regarding droplet formation with 
microfluidic devices and lipid oxidation of the resulting droplets are discussed 
in a broader context. By doing so, we provide an answer to the compelling 
question: ‘Is microfluidic emulsification only a powerful analytical tool, or can it 
also be a means to produce stable emulsions on larger scale?’ 

Since the first production of the ‘Mahonaisse’ in 1756, a lot of progress has been 
made in understanding emulsion formation, including instability mechanisms 
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such as lipid oxidation. This thesis has made a valuable contribution to our 
understanding of lipid oxidation, which was achieved by the highly advanced 
techniques that were used to make and analyse well-defined emulsions. Just 
to name a few insights that were obtained: (i) the role of droplet size including 
that of tiny droplets, (ii) the heterogeneity encountered in the emulsion 
systems, (iii) the effectiveness of antioxidants on lipid oxidation in spray-dried 
emulsions, and (iv) the transfer of low molecular weight small components. 
This has opened the way to an even deeper understanding of various effects 
that play a role during lipid oxidation, most notably: radical concentrations, 
reaction kinetics, transfer effects, and co-oxidising species. 

Such insights are expected to contribute to further improvements in shelf life of 
emulsions products. The emulsion products made with whisk-like tools around 
1756 were probably only stable for a couple of days at most, whereas the 
emulsion products that are prepared nowadays by homogenisers have a shelf 
life of > 1 year. As a next step monodisperse droplet production by microfluidics 
could be considered. This may sound like a futuristic tale, but the prototype 
upscaled microfluidic emulsification device presented in this ultimate chapter, 
and the fact that multiple start-ups have devoted themselves to upscaling this 
technology, indicates that industrial scale production of different emulsion 
product types by microfluidics lies within reach. This might lead to the next 
revolution in improved shelf life, and to the creation of added functionality for 
controlled release of active compounds (which is often droplet size-dependent), 
either for food or pharmaceutical applications. Until then, we will definitely 
continue to explore the use of microfluidic tools for an improved understanding 
of (oxidative) emulsion stability, given their unique control over droplet size. 
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