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Seaweed (or macroalgae) produced sustainably at large scale opens opportunities as source of fuels, chemicals
and food. The production does not directly compete with terrestrial food production and may make use of
anthropogenic sources of carbon dioxide and nitrogen. Seaweed biomass can be transformed into a suitable
substrate for fermentation using a biorefinery approach. In this study the entire process of biofuel production
from seaweed is described: starting with cultivation and harvest, the seaweed is dried and cut, enzymatically
hydrolysed, demineralized, detoxified, and finally fermented into acetone, butanol, and ethanol (ABE). Juvenile
Saccharina latissima was directly seeded on AlgaeTex® nets and cultivated in the North East Atlantic off the west
coast of Scotland for 6 months. Sun dried seaweed was hydrolysed with different enzymes, looking for optimal
glucose release, solid/liquid ratio, and enzyme load. Using Cellic® CTec2 in combination with alginate lyases,
approximately 80% of available glucose was released. The hydrolysis was scaled up to 100 L, using only Cellic®
CTec2. Part of the hydrolysate was demineralized using ion-exclusion chromatography, removing over 90% of
minerals while recovering 92% of glucose and mannitol. A fraction of the demineralized hydrolysate was
additionally detoxified using a hydrophobic resin to remove hydrophobic components to a concentration below
detection limit. The three hydrolysates (untreated, demineralized, and demineralized followed by detoxification)
were used as substrate for ABE production by a newly developed strain of Clostridium acetobutylicum adapted to
grow on S. latissima hydrolysate. Demineralization reduced the lag phase of fermentation from 72 h (untreated)
to 24–48 h. Further detoxification of the hydrolysate led to immediate fermentation, resulting in a yield of 0.23
± 0.02 gABE/gsugar similar to control fermentation in control medium (0.19 gABE/gsugar).

1. Introduction
Marine seaweed (or macroalgae) has attracted increasing attention
as new feedstock for production of 3rd generation biofuels as an alter
native to present fossil transportation fuels [1,2]. In contrast to 1st and
2nd generation feedstock, seaweed neither competes for fresh water nor
agricultural land. Seaweeds are an abundant and fast-growing resource,
that is renewable, absorbs CO2 from the environment, and assimilates
inorganic elements or excess of nutrients from sea water [3,4]. A well-

managed expansion of cultivated biomass in coastal ecosystems may
be used to offset anthropogenic sources of nitrogen as cultivated
seaweed does not require the addition of fertilizers which play an
essential role in maintaining high productivity in terrestrial agriculture
[5,6]. In terms of biorefinery, the absence of lignin is an often discussed
advantage of seaweed derived biomass over terrestrial biomass [3,7–9].
Cellular disruption and enzymatic hydrolysis for release of fermentable
sugars in terrestrial biomass is often associated with harsh conditions,
such as pH swings and high temperatures, due to the lignin content. It
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should not be overlooked however, that cell wall structures of seaweed
are quite different from terrestrial biomass and suitable commercial
enzymes are not widely available yet [10].
The production of food and food products in Japan, China, and the
Republic of Korea has contributed greatly to the high global demand for
seaweed derived products and is one of the fastest developing forms of
aquaculture growing at a rate of 12.5% per annum between 2005 and
2015, where an estimated 30.4 million tonnes were produced [11,12].
The central role that macroalgal communities play in supporting coastal
food webs and maintaining species diversity mean that proposals
seeking to remove large volumes of biomass from natural populations
can be in conflict with local conservation goals and/or public opinion
[13]. Therefore, many nations are developing methods suitable for
large-scale cultivation of seaweed in coastal areas [12]. Cultivation costs
of seaweed are relatively high, in part due to a lack of automation and
optimization of local seaweed cultivars and cultivation systems in areas
still establishing local supply chains [12]. With sustained investment,
breeding programs have made significant improvements in desirable
characteristics for many farmed species [14,15]. However, breeding
programs in areas still developing farming practices are in their infancy
and uncertainties relating to the associated environmental risks means
that farmers must rely on cultivars sourced from ‘local’ macroalgal
communities [16]. Before breeding programs can be undertaken safely,
arguably the quickest route to improved efficiencies and reduced costs is
to develop efficient cultivation systems supported by automation.
Among the innovations seeking to achieve this are development of direct
seeding methodology, advanced cultivation materials aimed at opti
mising stocking density per unit cost, and the development of machinery
to support automation [17]. Cultivation methodologies must be devel
oped in the context of prevailing environmental conditions as these will
determine the practical and biological constraints important in the
production of high-quality biomass.
Seaweeds are classified into three types, based on their main colour:
green (Chlorophyta), red (Rodophyta) and brown (Phaeophyta). The
composition of seaweeds is very complex and diverse, with big differ
ences between groups, resulting in a wide range of products that are of
commercial interest [18,19]. For the production of liquid biofuels and
chemicals by fermentation, brown seaweeds, such as kelps (including
Saccharina sp. and Laminaria sp) show high potential as feedstock, as
they contain relatively high concentrations of fermentable components
[19]. In addition, large scale cultivation technologies for brown sea
weeds are currently under development [20], that are expected to
support in the near future the large production volumes needed for uses
as feedstock for biorefineries.
Brown seaweeds are composed mainly of polysaccharides (34–76%
of dry weight), ash (8.7–41.2% of dry matter), proteins (1.1–26.8% of
dry weight) and lipids (0.6–3.8% of dry weight) [19]. The poly
saccharides include different types of molecules: i) alginates, that can
account for up to 40% of the total carbohydrate content [21] and already
have many applications in the food industry as gelling, thickening, and
emulsifying agents [22], ii) Laminarin, a glucose-based polymer, that is
reported to have beneficial health effects on humans and animals
[23–25], iii) fucoidans, that are complex sulphated polysaccharides
containing fucose and sulphate ester groups and that have been reported
to have a number of biological activities that make them interesting
products for pharmaceutical and nutritional applications [26], and iv)
cellulose, that is a structural glucose polysaccharide that is the main
polymeric component in plants. The sugar alcohol mannitol is present in
brown seaweeds at levels up to 30% of the dry weight, depending on the
species and cultivation conditions, being a storage molecule that can be
readily extracted from the biomass [2]. The high content in ash of sea
weeds is a result of accumulation of metal ions, mostly potassium, so
dium, magnesium and calcium from the marine environment. The lipid
content in brown seaweeds is relatively low, but this fraction is rich in
long chain ω-3 and ω-6 polyunsaturated fatty acids (PUFAs), that make
then interesting for nutritional applications [27]. Other interesting

components in brown seaweeds are fucoxanthin, a carotenoid pigment
that gives the characteristic colour to the biomass [28], and phlor
otannins [29], which are known for their bioactive properties.
In view of the diverse chemical composition of seaweeds and the
variety of products that can be extracted or produced from them, bio
refinery approaches for complete fractionation and utilization of the
components are required. Several reports describe biorefineries based
on brown seaweeds with focus on biofuels production [30]. The most
studied processes for liquid biofuels production concern bioethanol
production from brown seaweeds. As an example, Camus et al. described
the production of bioethanol from Macrocystis pyrifera (a giant kelp)
farmed at the coast of Chile [31]. In their study, bioethanol was pro
duced by a genetically modified E. coli strain from hydrolysates con
taining hydrolysed alginate monomers and mannitol. The fermentation
step was scaled-up to 75 L volume, reaching yields of 0.2 g ethanol g− 1
dry seaweed. With 68% of the theoretical maximum ethanol yield, the
promising results show the benefit of combining biotechnology with
chemical pre-treatments for seaweed valorisation [31]. Other studies
focus on the combination of energy and higher value products [32], or
on the fractionation of the biomass into its high value components
[33–35]. In the described processes, most technologies in the different
steps of the biorefinery are still under development. Mayor challenges
remain on how to integrate the different process steps in a large scale
process in an efficient manner to create sustainable and economic
biorefineries.
The direct fermentation of alginate into ethanol by genetically
engineered E. coli or Saccharomyces has been reported [36,37]. Strate
gies on the uses of seaweed for production of fuels show that ethanol and
butanol are potential liquid fuels to be produced [38]. The uses of
butanol as fuel and as solvent make this component an interesting bio
product [39,40]. Anaerobic bacteria producing butanol as major prod
uct (usually together with acetone and ethanol as co-products, the ABE
fermentation) from sugars belong to the Clostridium genus. The ABEproducing strains show a wide substrate range and robustness and
several publications have described the fermentation of brown seaweedderived sugars and polymers for production of butanol and ABE [41–43]
as well as investigations into their genomic pathways [44].
Strong acids are required for reasonably efficient hydrolysis of the
structural polysaccharides alginate and cellulose. Their use, however,
may lead to partial degradation of the constituent sugars and formation
of inhibitory compounds. Subsequent neutralization and removal of the
chemicals is costly [45]. Mild, efficient enzymatic processes are pref
erable. In the cell walls of brown algae, alginate and insoluble glucans
are closely associated in a complex extracellular matrix [46] and for
efficient release and solubilisation of glucose and sugar alcohols for
fermentation there is a need for enzyme mixtures that efficiently
degrade not only laminarin, but also other polymers in the biomass.
Alginate is a major constituent polysaccharide in the extracellular
matrix of brown algae. It is essential for the structural integrity of cell
walls and when released, it increases viscosity of feedstock slurries with
a detrimental effect on further processing. Alginate is a linear polymer
consisting of β-D-mannuronate (M) and α-L-guluronate (G) monomers
that are covalently (1–4)-linked in different sequences. For the degra
dation of alginate, enzymes with alginate lyase activity are used. Algi
nate lyases degrade alginate by cleaving the glycosidic bond through a
β-elimination reaction, generating oligomers [47]. Alginate lyases can
be classified into different categories based on structure and specific
ities. These enzymes having either M-, MG or G-dependent endo- or exo
activities, act in synergy for complete degradation of alginate in vivo.
Enzymatic degradation of alginate for industrial purposes can, however,
be based either on a narrow or broad activity range, depending on
whether partial or complete degradation is desirable. Thermophilic
alginate lyases are of particular interest as high temperature may help in
solubilizing alginate and facilitate enzymatic access [48].
The approach followed in this manuscript is summarized in Fig. 1,
looking at the entire process from farming seaweed as feedstock to
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Fig. 1. Scheme of the approach followed in this study on the valorisation of cultivated S. latissima into biofuel. Additional enzymes for hydrolyses and scale up are
described in this work as well. Abbreviations: IEC-SMB, ion-exclusion chromatography - simulated moving bed. Photo credits: The Scottish Association for Marine
Science (SAMS) and Wageningen Food and Biobased Research (WFBR).

production of biofuel by fermentation of the sugars in the biomass. For
improved sugar solubilisation, sequential enzymatic processes using
recombinant alginate lyases from the marine thermophile Rhodothermus
marinus belonging to family PL17 (Alg3, an endoenzyme) and to hitherto
unknown family (Alg4, an exoenzyme) [48] followed by treatment with
a commercial cellulase cocktail, were developed.
In most studies, fermentability of mannitol, glucose, and laminarinoligosaccharides in seaweed hydrolysates suffers from the presence of
fermentation inhibitors, most probably high concentrations of minerals,
phenolic compounds, or other unidentified components. Fermentability
of biomass is enhanced via implementation of efficient seaweed pretreatment including detoxification steps. Examples of detoxification
steps applied to seaweed fractions include extraction, alkaline treat
ment, or evaporation [49,50]. Also, adaptation has been applied with
good results for improvement of utilization of mannitol in hydrolysates
from S. japonica (rich in glucose and mannitol) by Clostridial species,
with concomitant improvement of biobutanol production [43].
In this research the cultivation of S. latissima, enzymatic hydrolysis,
demineralization, detoxification via removal of hydrophobic com
pounds, and subsequent fermentation by Clostridium acetobutylicum into
acetone, butanol, and ethanol (ABE fermentation) were studied. The
cultivation was performed using innovative technologies utilizing novel
textiles (AlgaeTex®) combined with a direct seeding methodology
which together support a low-cost scalable seeding option required for
large-scale production. Concentrations of nitrate and phosphate, nutri
ents required for growth, were measured throughout the year. The
seaweed biomass was air dried, characterized and biorefined for valor
isation of the sugar content. The mineral content of the hydrolysate was
reduced through ion-exclusion chromatography (IEC). The obtained
demineralized hydrolysate was evaluated for ABE fermentation and the
presence of further inhibiting components was confirmed. In a second
chromatographic step, hydrophobic components of the demineralized
hydrolysate were removed to detoxify the hydrolysate. Finally, the hy
drolysate was used in ABE fermentation by an adapted strain of C.
acetobutylicum, and the results were compared between untreated,
demineralized, and demineralized and detoxified hydrolysate as well as
control medium.

2. Materials and methods
2.1. Materials
2.1.1. Seed stock and cultivation of Saccharina latissima
The seedstock used for the experiment were clonal gametophytes of
S. latissima maintained long-term in F/2-Si media [51] at 10 ◦ C under
red light ca. 20 μmol/m2/s, 12:12 (L:D). These gametophytes were
locally sourced from the Sound of Kerrera (56◦ 22′ 55′′ N 005◦ 32′ 16′′
W).
Male and female gametophytes from eight to ten parents, were ho
mogenized together using a hand blender. Gametophytes between 5 and
65 μm were separated by filtration and resuspended in fresh F/2 media.
The culture was transferred to white light (same intensity and light
cycle) until oogonia and developing sporophytes were observed. The
gametophyte suspension was maintained in bubbled culture in a 5 L
Erlenmeyer flask as previously described [52]. After 3 weeks, sporo
phytes between 65 and 1000 μm were separated by filtration then
resuspended in fresh F/2 media containing 0.75% binder (AtSeaNova,
BE) before seeding on the cultivation materials and deployment at sea
the same day.
Environmental conditions at the experimental site were monitored
during monthly visits. Three 50 mL water samples were collected from
the center of the farm at 1.5 m water depth (target growing depth).
Water samples were filtered through a 0.22 μm filter and stored in a
freezer for later nutrient analysis.
Nutrient analysis was performed using a Lachat 8500 Flow Injection
auto-analyser (Hach Lange ltd, UK). Water temperature (±0.53 ◦ C) and
underwater irradiance was measured every 30 min using a HOBO®
Pendant Logger (UA-002-64 64 K, Onset Computer Corporation, USA).
Loggers were deployed at 1.5 m water depth on a mooring located
within the farm separate from any growing structures and were cleaned
frequently in order to perform accurate measurements. Light intensity
was measured using the HOBO® data logger. Daily light intensity and
temperature were calculated by averaging over each 24-h period.
Cultivation was conducted at a purpose-built seaweed farm located
at an exposed location on the west coast of Scotland (56◦ 29′ 19′′ N 005◦
28′ 16′′ W) (Fig. 2). The farm consists of a 100 × 100 m square grid
suspended at 3 m water depth and tensioned by 12 × 100 m catenary
moorings (Fig. 3). The grid provides 48 × 50 m growing lines
3
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Fig. 2. The location of the Port A Bhuiltin seaweed farm operated by SAMS in Scotland. The pilot seaweed farm is a 1-ha tension grid structure.

Fig. 3. Overview of the system used for S. latissima cultivation in Scotland (see Fig. 2) showing A: the plan view of the tensioned grid structure, B: the layout of
cultivation system and C: the setup of cultivation materials showing the 2D cultivation nets (top) and ribbons (bottom).

maintained at an average depth of 1.5 m separated by 4 m to avoid in
teractions between independent lines.
To achieve the economies of scale necessary for the production of
biofuels, this study exploited a new cultivation system consisting of
vertical two-dimensional nets (AlgaeTex® nets, AtSeaNova, BE) to
provide a cultivation approach that increased the amount of seeded
material per unit area of cultivation space (stocking density). Two nets
(length 6 m and depth 2.1 m) with mesh size 25 cm and 50 cm were
deployed on 02/12/2016 (Fig. 3). An additional 400 m of AlgaeTex®
ribbon was deployed at 1.5 m water depth four days later. Biomass was
harvested from both, nets and ribbon, in early June of the following year
to coincide with conditions that would promote high mannitol levels
and low biofouling presence.
The algae was harvested in early June 2017 and transported on the

same day to a greenhouse where it was sun-dried. After two days the dry
matter content of the seaweed was 87%. The dried biomass was then cut
to ~20 cm before delivery to WFBR (the Netherlands) where all ex
periments were performed.
2.1.2. Enzymes for hydrolysis
Three enzymes were tested to achieve optimal seaweed hydrolysis.
Based on literature [8,53] and required reaction conditions, Cellic®
CTec2 (Novozymes A/S) and two alginate lyases, Alg3 and Alg4, were
tested in five different combinations (Alg3, Alg4, Cellic® CTec2 by
themselves as well as sequential treatments of Alg3 followed by Cellic®
CTec2 and Alg4 followed by Cellic® CTec2). Besides β-1,4-glucosidase
activity to hydrolyse cellulose, the CTec2 mixture also has β-1,3-gluco
sidase activity to hydrolyse laminarin. Alg3 is an endolyase and Alg4 a
4
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exolyase, identified and produced at Matís (Reykjavík, Iceland). Alg3
cleaves bonds in alginate between M-G, G-M, G-G and M-M, where M is
mannuronate and G is guluronate, whereas Alg4 primarily cleaves M-M
bonds. Properties of the enzymes are given in Table 1 [48].
Alg3 and Alg4 were identified at Matís in the gram-negative, aerobic,
thermophile Rhodothermus marinus strain 378. The gene encoding Alg3
is 2613 nucleotides, encoding a 870 amino acid (AA) residue enzyme
with a predicted molecular weight of 96.5 kDa. Alg3 has a predicted Nterminal signal peptide with a cleavage site after the 17th AA residue.
The AA sequence of Alg3 is unique among previously known alginate
lyases, and therefore is not assigned to a Polyssacharide Lyase (PL)
family within the CAZy database [54]. The gene encoding Alg4 is 2226
nt encoding a 742 AA residue enzyme with a predicted molecular weight
of 83.6 kDa. Alg4 contains a hydrophobic N-terminal domain, suggest
ing periplasmic localization in the native host. Alg4 is a PL family 17
enzyme [48,55].
The genes encoding Alg3 and Alg4 were amplified without endoge
nous signal sequences, cloned into expression vectors and characterized
at Matís. Optimal conditions for their enzymatic activity (Table 1) were
determined by 3,5-dinitrosalicylic acid (DNS) assays, using alginate
from Macrocystis pyrifera (Kelp) (low viscosity, sodium salt alginate
obtained from Sigma) as substrate. Substrate specificity (M-M, M-G, GM, or G-G bonds in alginate) was determined by a combination of
methods. The enzymes were mixed with alginate (kelp, Sigma) or M- or
G-block oligosaccharides (Elicityl), and the reaction products were
analysed by TLC, MALDI-TOF-MS, HPAEC-PAD and 1D/2D 1H NMR.

M H2SO4 solution for 3 h at 100 ◦ C. Upon transfer to HPLC glass vials,
all samples were diluted 50 times and filtered through a Minisart® sy
ringe filter with a pore size of 0.2 μm. The sugars were analysed with
HPAE-PAD by injecting 10 μL sample on a Dionex ICS 3000 system with a
CarboPac PA-1 column. A large number of carbohydrate content ana
lyses were carried out in this research i.e. for biomass characterization,
hydrolysis analysis and fermentation analysis. Glucose analysis typically
comes with a relative standard deviation of 5% in comparable analyses.
No statistical analysis was carried out in the basis of the single
measurements.
Protein content
Protein content of the samples was determined in duplicate using the
Kjeldahl method, following the protocol described by Bradstreet [1954].
The average value of duplicate measurements is given in the results,
relative standard deviations were below 3%. The samples were mixed
with one catalytic Kjeltab CK (VWR), consisting of 3.5 g K2SO4 and 0.4 g
CuSO4 × 5 H2O, 9 mL of 97% H2SO4 and heated for 50 min at 420 ◦ C.
After cooling 75 mL water was added. The samples were then steam
distilled with NaOH and the ammonium was collected in boric acid.
After titration with HCl the amount of protein was calculated with a
conversion factor of 5 [56].
Dry matter and ash content
Solid fractions were weighed into a ceramic cruiser and dried at
105 ◦ C for at least 4 h, or overnight for wet samples, to determine the dry
matter content in duplicate. Afterwards dried samples were weighted
and kept in an oven at 550 ◦ C for 4 h to determine ash content in
duplicate. The average value of duplicate measurements is given in the
results, relative standard deviations were below 2%.
Hydrophobic components
The content of hydrophobic components was monitored via an assay
for phlorotannin, which served as an indicator for all other hydrophobic
compounds as well [57]. To estimate the amount of total phlorotannin
content in the brown alga, the 2,4-dimethoxybenzaldehyde (DMBA)
colorimetric assay was employed as described by Montero et al. [58]. A
DMBA solution was prepared just prior for use by mixing equal volumes
of 2% (m/v) DMBA reagent (Sigma, USA) in acetic acid and 6% (v/v)
hydrochloric acid in acetic acid. A total of 50 μL of sample (0.075 mg/
mL) was mixed with 250 μL of DMBA solution in a 96-well microplate.
The reaction was conducted at room temperature in the dark for 60 min
and the absorbance read at 515 nm using a Multiskan Go microplate
spectrophotometer reader (Thermoscientific, USA). Blanks with 50 μL of
water instead of sample and control samples without DMBA solution
were also included. All samples, blanks, and controls were prepared in
duplicate. The concentration of total phlorotannin was estimated from a
calibration curve using phloroglucinol in a concentration range of
0.98–62.5 μg/mL (Sigma, USA). Data were presented as the average of
duplicate analyses expressed as milligram phloroglucinol equivalents
(PGE) per liter sample, relative standard deviations were below 5%.
Analysis of fermentation substrates and products
Fermentation substrates and products were analysed by HPLC.
Sugar, organic acids and ABE were measured in a Waters HPLC system
equipped with a refractive index detector (Waters model 2414) and a
Shodex KC-811300 × 8 mm column at 65 ◦ C with 3 mM sulphuric acid as
the mobile phase and a flow rate of 1.0 mL/min. Samples were diluted
with equal volumes of 1 M sulphuric acid containing 100 mM valeric
acid as an internal standard. A large number of fermentation product
analyses were carried out in this research. No statistical analysis was
carried out in the basis of the single measurements.

2.1.3. Demineralization
An ion-exclusion chromatography (IEC) resin was selected from
commercially available ion-exchange resins (IEX). DOWEX 50WX4 (4%
crosslinking, total exchange capacity 1.1 eq/L, diameter 90 μm) was
obtained for IEC based on expected separation performance.
2.1.4. Removal of hydrophobic components
A hydrophobic adsorption resin was used for detoxification of the
hydrolysate via removal of hydrophobic components. AMBERLITE
XAD16 (PS/DVB, mean diameter 560–710 μm) was selected based on
expected separation performance.
2.1.5. Fermentation
The strain Clostridium acetobutylicum ATCC 824 (American Type
Culture Collection, VA, USA) was stored at − 20 ◦ C as spore suspension in
20% glycerol. Prior to inoculation of pre-cultures, the suspension was
heat-shocked for 10 min at 70 ◦ C.
All cultivations were performed in CM2 medium made with 2.5 g/L
yeast extract, 1 g/L KH2PO4, 0.61 g/L K2HPO4, 1 g/L MgSO4 × 7 H2O,
0.0066 g/L FeSO4 × 7 H2O, 0.1 g/L p-aminobenzoic acid, and 2.9 g/L
ammonium acetate. Stock solutions of glucose and mannitol were
autoclaved separately.
2.2. Methods
2.2.1. Analysis
Carbohydrate content in the liquid fractions post hydrolysis
Carbohydrate content in the liquid fractions after hydrolysis was
measured using high-performance anion-exchange chromatography
with pulsed amperometric detection (HPAE-PAD). Single measurements
took place after an additional hydrolysis of 1.5 mL sample in 0.14 mL 1

2.2.2. Enzymatic hydrolysis
Production of Alg3 and Alg4
Genes encoding Alg3 and Alg4 were cloned into an in-house rham
nose inducible expression vector (unpublished, high-copy number,
replicative, ampicillin selectable vector) and produced in E. coli in bio
reactors (Techfors S bioreactor, 42L, Infors). The cultivations were
carried out using a medium with the following composition: 0.5 g/L di-

Table 1
Properties of enzymes used for the hydrolysis of S. latissima.
Property

Alg3

Alg4

Cellic® CTec2

pH optimum (− )
Temperature optimum (◦ C)
Optimal sea-salt conc. (%)

5.5
75
1–2

6.5
80
1–3

5–5.5
50–55
Unknown
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ammonium hydrogen citrate, 2.0 g/L (NH4)2SO4, 14.6 g/L K2HPO4, 3.6
g/L NaH2PO4 × 2 H2O, 1 g/L MgSO4 × 7 H2O, 2 mL trace element so
lution per liter fermentation medium (1.34 g/L CaCl2 × 6 H2O, 16.7 g/L
FeCl3 × 6 H2O, 0.18 g/L ZnSO4 × 7 H2O, 0.16 g/L CuSO4 × 5 H2O, 0.15
g/L MnSO4 × H2O, 0.18 g/L CoCl2 × 6 H2O, 20.1 g/L Na2EDTA × 2 H2O,
dissolved in 0.2 M HCl), 20 g/L glucose. Ampicillin was added to a final
concentration of 100 mg/L. The pH of the culture was adjusted to 7.0
using 25% NH4OH and 5% H2SO4, during cultivation. The temperature
was kept constant at 37 ◦ C. The oxygen saturation was kept at 40% by
adapting the stirrer speed (200 to 1000 rpm), additionally the oxygen
was controlled with air flow and pure oxygen (up to 3%). The cell
density was determined by measuring optical density of the culture at
600 nm. The expression of the recombinant enzyme was induced with
20% (w/v) L-rhamnose (0.2% final concentration) at 25 ◦ C overnight
(10− 12 h). Cells were separated from the culture media supernatant by
gentle centrifugation and frozen at − 20 ◦ C. A small sample of the cells
was lysed and activity in the supernatant determined via DNS assay (as
described above). It was 560 U per gram of host cells for Alg3 and 205 U
per gram host cells for Alg4. For each of the two enzymes, 100 mL so
lution with 20 g E. coli cells (thus containing 11.200 U and 4.100 U of
Alg3 and Alg4, respectively) was thawed on ice and suspended in 400
mL 50 mM acetate buffer (pH 5.5). The cells were disrupted using an
Ultra-Turrax for 4 min. Two tablets of protease inhibitor (Sigma, USA),
lysozyme (1 mg/mL final concentration) were added, incubated at room
temperature and stirred for 4 h. After incubation, cell lysis was
completed using ultrasonic cell disruptor (Branson Sonifier 250). Three
hundred milliliters was sonicated (40% duty cycle, output control 4)
twice for 15 min. To minimize negative effects of heat generation,
samples were kept on ice for 15 min after each round of sonication. The
sample was centrifuged for 10 min at 3236 g and 20 ◦ C. The liquid part
was filtered over a 0.45 μm filter and 2 mL solutions were frozen for later
use. When necessary, a frozen solution was thawed on ice or at 4 ◦ C.
Enzymatic treatment on 1 L scale
The experimental conditions for the study on the influence of enzyme
type, biomass and enzyme load on the enzymatic release of glucose are
given in Table 2. The experiments were carried out in a 2 L bioreactor
(INFORS, Switzerland). The mixture was continuously stirred, temper
ature and pH were controlled. At the start of the experiment Pen-Strep
(penicillin-streptomycin) (Sigma, USA) was added to prevent bacterial
growth. After 24 h the reaction was stopped. The content of the reactor
(~700 g) was centrifuged at 15,000 g for 20 min at 4 ◦ C. The solid and
liquid fractions were separated and stored in the freezer until further

analysis.
The enzyme load of Cellic® CTec2 was 6.3 mg protein of Cellic®
CTec2 per gram dry matter seaweed, based on [59]. The enzyme load of
Alg3 and Alg4 was 112 U and 41 U of Alg3 and Alg4, respectively, per
gram alginate, a constant activity of 16 h and a safety factor of 10 for
reduced activity (sub-optimal conditions, inactivation during reaction,
activity loss during cell lysis). Within experiments 8 and 9, S. latissima
was first hydrolysed with Alg3 and Alg4 respectively (part a), followed
by a second hydrolyzation carried out with CTec2 at its respective
optimal pH and temperature (part b). This order of enzymatic treatment
was chosen in order to first weaken the molecular structure of the cell
wall by breaking down alginate. Experiments 1 through 4 were carried
out at pH 5.5 without addition of any enzymes. S:L ratio (based on dry
weight) was 1:10 for experiments 1 through 9, higher S:L ratio's were
tested in experiments 10 through 12. All experiments in Table 2 were
conducted once, with one replicate.
Enzymatic treatment on 100 L scale
Enzymatic treatment was performed in a 200 L stirred tank reactor in
a single experiment. The enzyme load of Cellic® CTec2 was lowered to
12 g/kg. To increase the capacity in terms of glucose amount, the
biomass load was increased by decreasing the S:L ratio from 1:10 to 1:8.
Eleven kilogram DW (dry weight) seaweed was added to 88 kg water,
including 0.12 kg Cellic® CTec2 and 164 g Pen-Strep to prevent bacterial
growth. Temperature was kept at 55 ◦ C and pH at 5.5. Samples of the
liquid fraction for glucose analysis were taken after 0, 1, 2, 4, 8, 22 and
24 h. After 8 h the heating was stopped for safety reasons and the vessel
was left to cool to room temperature overnight, while maintaining
stirring and without pH control. After 24 h the content of the vessel was
emptied into barrels of 50 L.
The enzymatically hydrolysed seaweed from the 200 L stirred reactor
was further processed to remove solids using a belt press (Dewa P–C7) in
combination with centrifugation in a Penwalt Sharpless centrifuge at
10,000 g to remove suspended solids. The liquid fraction (43 kg) was
freeze-dried and stored at room temperature until further use.
2.2.3. Demineralization
The freeze-dried seaweed hydrolysate was dissolved in Milli-Q to
obtain 46 g/L total solids. This solution was viscous and contained un
dissolved solids. Therefore, it was centrifuged (Sorvall LYNX 6000 with
rotor F9-6 × 1000 LEX, 60 min at 17,500 g), heated to 50 ◦ C and filtered
over 1.6 μm (Whatman GF/A glass microfiber filter) before loading on
the chromatographic columns.
IEC separation was carried-out in a simulated moving bed (SMB)
configuration in a single experiment. The SMB was chosen as configu
ration because it is a continuous process and uses less water than con
ventional batch IEC. Sugars/sugar alcohols were obtained at the extract
port and minerals at the raffinate port. An SMB facility at Wageningen
Research was used with eight columns in a 2/2/2/2 configuration. All
columns had a diameter of 2.6 cm, a bed height of about 27 cm and were
slurry packed with DOWEX 50WX4 resin. Flows and switch time were
determined using a mathematical model in combination with an opti
mization tool (Table 3). Performance of the SMB was monitored online
using electrical conductivity (EC) at the raffinate port and refractive

Table 2
Overview experiments with enzymatic hydrolysis of S. latissima over 24 h. Alg3
and Alg4 enzyme load in Units per kg biomass. Cellic® CTec2 load in gram
enzyme preparation per kg biomass. Reference experiments at room tempera
ture and operating temperatures. All hydrolyzations run at optimal pH, given in
Table 1 Solid liquid ratio (S:L ratio), based in dry weight, is given in the last
column.
Experiment

T
(◦ C)

Alg3 (U/
kg)

Alg4 (U/
kg)

Cellic® CTec2
(g/kg)

S:L
ratio

1
2
3
4
5
6
7
8a
8b
9a
9b
10
11
12
13 (100 L
scale)

25
55
75
80
55
75
80
75
55
80
55
55
55
55
55

–
–
–
–
–
11.200
–
11.200
–
–
–
–
–
–

–
–
–
–
–
–
10.520
–
–
10.250
–
–
–
–

–
–
–
–
50
–
–
–
50
–
50
50
50
50
12

1:10
1:10
1:10
1:10
1:10
1:10
1:10
1:10
1:10
1:10
1:10
1:8
1:6
1:5
1:8

Table 3
SMB process settings for the production of demineralized seaweed
hydrolysate.

6

Process parameter

Setting

Feed (seaweed hydrolysate)
Extract (mannitol + glucose)
Raffinate (minerals)
Eluent (water)
Recycle
Waste
Switch time (0–20.7 h)
Switch time (20.7–49.5 h)

10 mL/min
15.59 mL/min
15.43 mL/min
21.93 mL/min
5.09 mL/min
1.00 mL/min
4.32 min
4.51 min
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index (RI) at the extract port.
During the production run of 49.5 h, 28.3 L hydrolysate was pro
cessed (1372 g dry matter), obtaining 46 L extract containing mannitol
and glucose (636 g dry matter), 45 L raffinate containing minerals (735 g
dry matter) while using 65 L water. Disregarding the extract obtained
during start-up, a total of 41.6 L demineralized hydrolysate was ob
tained. This fraction was freeze-dried and stored at room temperature
until further use.
Offline measurements were ◦ Brix, EC, total solids (TS) and mannitol
and glucose content in the feed, extract, raffinate and recycle. ◦ Brix was
quantified using a Mettler Toledo Refracto 30GS whereas EC was
measured with a Pharmacia Biotech conductivity monitor. TS were
determined as described in Section 2.2.2, mannitol and glucose were
measured by HPAE-PAD.

acetobutylicum ATCC 824 to partially demineralised Saccharina hydro
lysate). Fermentations in 400 mL working volume were performed in
Multifors bioreactors (Infors HT, Switzerland) at 37 ◦ C and a stirrer
speed of 75 rpm. The medium was flushed with 0.05 L/min nitrogen gas.
The initial pH of the culture media were 5.8 (untreated hydrolysate) and
6.1 (demineralized and detoxified). The pH was automatically
controlled at a lower limit of 5.1 (by 2 M NaOH). Antifoam A204 (Sigma,
USA) was manually added to prevent excessive foaming. Fermentation
of control medium in a single experiment, all others in duplicate.
Average values and their standard deviations are given in the results.

2.2.4. Removal of hydrophobic components/detoxification
Part of the demineralized hydrolysate was detoxified by hydrophobic
column chromatography to remove hydrophobic components in a single
experiment. A column (2.6 cm internal diameter) was packed with 105
mL AMBERLITE XAD16 resin, followed by thorough cleaning of the
resin (5 bed volumes ethanol and 5 bed volumes 1 M NaOH) and rinsing.
Prior to hydrophobic adsorption, demineralized and freeze-dried hy
drolysate was resolubilized in water (20.7 g/L glucose and 81.7 g/L
mannitol) and was centrifuged (Sorvall LYNX 6000 with rotor F12-6 ×
500 LEX, 30 min at 24,000 g) and filtered over 1.6 μm (Whatman GF/A
glass microfiber filter) and subsequently over 0.7 μm (Whatman GF/F
microfiber filter). Next, 495 mL of hydrolysate was fed to the column
with a flow rate of 5 mL/min at room temperature followed by a rinse
with Milli-Q. Six hundred sixty five milliliters of treated hydrolysate was
collected at the column outlet, resulting in a dilution factor of 1.32. In
the following, this fraction will be called demineralized and detoxified
hydrolysate.

Conditions at the seaweed farm during the growth of S. latissima used
in this study were generally consistent with previous cultivation cycles.
Temperatures ranged from 5.8 ◦ C in February to 15.1 ◦ C in July. May to
July were generally the sunniest months and December and January the
least sunny months. Nutrients (primarily nitrate and phosphate) were
available in sufficient quantities to promote growth between September
and March (nitrate: maximum 6.48 μM, minimum 1.80 μM - phosphate:
maximum 0.58 μM, minimum 0.40 μM), beyond which point seaweed
biomass had lower nutrient availability and would rely on stores of
nutrients to maintain growth (nitrate: maximum 0.88 μM, minimum
0.17 μM - phosphate: maximum 0.19 μM, minimum 0.01 μM). In addi
tion to high winter nitrate levels, increased light intensity and day
length in late winter and early spring was associated with elevated
growth and increases in the percentage dry weight of both mannitol and
laminarin reaching a peak at the end of spring and early summer up to
ca. 25% and 15% DW respectively [61–63]. In natural populations
studied in Scotland mannitol concentrations began to increase in late
January while laminarin increased in May [63]. A similar trend has been
observed in cultivated biomass, however, to maximise yields and
maintain the quality of biomass, harvest must be timed to coincide with
high carbohydrate content but avoid the onset of biofouling typical in
summer months [17,64,65]. Mannitol is the primary photosynthetic
product, while the storage carbohydrate laminarin consistently con
tributes the greatest proportion of fermentable sugar (glucose) around
the time of harvest [66]. The content of alginate and cellulose remains
relatively constant throughout the year when compared to the storage
carbohydrates mannitol and laminarin which vary seasonally [61–63].
Harvest was undertaken on the 8th of June as this was considered
optimal to coincide with high yield, high mannitol and laminarin levels
observed in previous studies and avoided high biofouling coverage
typical of summer months. Further work is necessary to identify the
important environmental and biological signals to time harvest for
optimal yield and biomass composition with respect to high carbohy
drate concentrations, as the exact timing will be site dependant and is
likely to vary annually. Importantly, conditions needed to achieve high
biomass production (e.g. high yield) are not necessarily compatible with
producing a specific biomass quality such as high carbohydrate con
centration for bioenergy conversion. Carbohydrate content (glucose and
total carbohydrate) can be inversely related to nitrogen availability
(internal tissue nitrogen content) as has been observed [67]. At harvest
the average biomass yield for AlgaeTex® ribbon was 6.07 (±0.26) kg
ww/m. Harvested biomass was consistent with previous results pro
duced from this site [17]. The average biomass yield produced by the
direct-seeded AlgaeTex® ribbon are encouraging as they are largely
comparable with published results from cultivation trials undertaken in
other parts of Europe employing a less efficient seeding process [64,68].
This study used cultivation nets as a method to increase cultivation ca
pacity (stocking density). However, poor seeding results on the Algae
Tex® nets resulted in a lower biomass yield of 4.2 kg ww/m and 4.9 kg
ww/m for the 50 cm and 25 cm mesh nets respectively. It is postulated
that elevated water movement due to the cultivation setup used to

3. Results and discussion
3.1. Cultivation of Saccharina latissima

2.2.5. Adaptation of wild-type C. acetobutylicum to seaweed hydrolysates
The wild-type strain C. acetobutylicum ATCC 824 did not grow on the
raw hydrolysate obtained in Section 2.2.3. Therefore, adaptation ex
periments were performed to grow the strain on partially demineralised
Saccharina hydrolysate. Partial demineralization was performed by
mixing the hydrolysate with ion-exchange resins (Amberlyst 15H and
26OH, 9 and 15 g per 100 mL hydrolysate, respectively) during 30 min
at 21 ◦ C with stirring. The content of the main cations K+ and Na+ in the
Saccharina hydrolysate was decreased by 48 and 40%, respectively. C.
acetobutylicum ATCC 824 was repeatedly cultivated in closed serum
flasks with 25 mL of CM2 medium with the partially demineralised
hydrolysate. The adapted culture, of the fourth transfer, called C. ace
tobutylicum D4, was stored as 20% glycerol stocks at − 80 ◦ C for further
use.
2.2.6. Fermentation of hydrolysates
A 50 mL pre-culture starting from the glycerol stock of the adapted
culture and the subsequent inoculum (100 mL) were prepared in closed
serum flasks with CM2 medium with glucose (45 g/L) as substrate.
Bioreactor media were inoculated with 5% (v/v) of the inoculum with
the adapted strain. Substrate consumption and production of organic
acids and ABE were followed in time by regularly taken samples from
the culture medium.
For cultivations with Saccharina hydrolysates concentrated sterile
solutions of CM2 medium components were added to the autoclaved
hydrolysates. The content of the concentrated hydrolysates (concen
tration by reconstitution of freeze-dried material in lower volumes) in
the medium was adjusted to a sugar/sugar alcohol content as in the
untreated Saccharina hydrolysate produced at large scale (25 and 7 g/L
for mannitol and glucose, respectively). All culture media were made
anaerobic by sparging with nitrogen gas as described previously [60].
Fermentations up to 100 mL culture volume were run in closed serum
flasks (preparation of pre-cultures and inoculum, and adaptation of C.
7
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deploy the nets was responsible for poor seeding results as the binder
used to protect juvenile seaweed is susceptible to high turbulence
generated by wave action at this exposed site [69]. To achieve the ef
ficiencies and scale necessary for energy conversion applications opti
mization of direct seeding approaches is required.
3.2. Composition of S. latissima
The chemical composition of S. latissima is shown in Table 4. The
biomass had a dry matter content of 88.1%. Composition of seaweed
varies greatly during the season and is further dependent on growth
conditions, such as depth, currents, etc. [70,71]. The composition of the
biomass used in this study (Table 4), fits within composition reported in
literature for cultivated S. latissima at comparable growth conditions and
harvest times [70,72].
Neutral sugars measured were originating from laminarin (glucose),
cellulose (glucose), fucoidan (fucose, galactose, mannose, xylose) and
mannitol. Uronic sugars originating from alginate were not measured
with the applied protocols. The fraction ‘unknown’ is most likely algi
nate. 91% of the neutral carbohydrates consist of glucose and mannitol,
therefore the focus is on the release of these two compounds which form
the main part of the sugars/sugar alcohols that are suitable for
fermentation. The scheme followed for the pretreatment and fermen
tation of the biomass is shown in Fig. 1.

Fig. 4. Glucose release after enzymatic treatment of S. latissima. Reported
values include glucose present in the liquid fraction of the solid phase. Exper
imental conditions are summarized in Table 2. (n = 1).

glucose was released, independent of temperature (experiments 1 to 4 in
Fig. 4). Glucose release was increased up to 55% by the enzymatic ac
tivity of the Cellic® CTec2 (experiment 5). It is worth noting, that Cel
lic® CTec2 contains glucose in itself (200 g/L) [75]. This fraction of
glucose introduced via Cellic® CTec2 is less than 1% of glucose released
and therefore not further taken into account. Treatment of S. latissima
with alginate lyases alone resulted in no additional glucose release
beyond that in controls, as expected. Treatment of S. latissima with both
alginate lyases and Cellic® CTec2 resulted, however, in the greatest
glucose release (experiments 8 and 9) with 79% of total glucose for Alg3
and 78% for Alg4. Compared to the control values, where no enzymes
were added, glucose release by Cellic® CTec2 was 50% higher. Glucose
release by Cellic® CTec2 in synergy with alginate lyases effectively
doubled the release of glucose compared to control experiments. The
results shown in Fig. 4 are based on single experiments and care must be
taken in their interpretation. During this research several hydrolyses
were performed, which were not exact duplicates of the experiments
shown here, but serve to substantiate the conclusion that experiments 5,
8, and 9 had the highest glucose release.
β-Glucans are generally found in both the soluble and insoluble
fractions after water-based extractions of brown seaweed. The soluble
β-glucan, laminarin, is a storage polysaccharide found in the cytoplasm
or vacuoles of brown algae cells. The insoluble β-glucans have a struc
tural role forming microfibrils associated with fucoidan or alginate, and
are the prevalent structural polysaccharides in brown seaweed cell walls
(reviewed in [55]). The action of Alg3 and Alg4 may be two fold. They
may effect a more efficient lysis of cells and subsequently greater release
of laminarin from the cytoplasm as well as making the insoluble β-glu
cans accessible to enzymatic treatment. Synergy between alginate lyase
and cellulose cocktail (Cellic® CTec2) in increasing sugar release from S.
latissima has been reported before [59]. In this study a mesophilic
alginate lyase was used and a maximum increase of 26% in sugar release
was observed with high loading (25% dry matter) of S. latissima biomass
after 24 h incubation. Initial temperature was 37 ◦ C to enable alginate
lyase activity and then raised to 50 ◦ C for optimum activity of Cellic®
CTec2. In a comparable study, 80% of glucose was released after 48 h of
reaction, using a cocktail of cellulase, β-glucosidase, and alginate lyase,
which corresponds to the enzymes used in experiments 8 and 9 [76].

3.3. Enzymatic hydrolysis to release glucose
In a first step, enzymatic hydrolysis of the polymeric sugars into
monomers was investigated for different enzyme mixtures and varying
biomass concentrations and was finally scaled up from 1 to 100 L. In all
the experiments almost instantaneous complete release of mannitol was
observed, showing that the mannitol release is not based on hydrolytic
cell disruption but on osmosis. Therefore, the aim of the enzymatic
hydrolysis of seaweed polysaccharides was to release glucose. Enzy
matic hydrolysis of brown seaweed has repeatedly shown to effectively
release fermentable sugars; up to 84% [3] and 88% [73] of total glucose
from Laminaria digitata, and up to 89% for fresh pressed S. latissima [74].
3.3.1. Influence of enzyme mixture on release of glucose (1 L scale)
The influence of enzyme cocktails by themselves and in different
combinations on the release of glucose is given in Fig. 4. In addition to
the enzymatic treatment, glucose release was also measured in four
control experiments without an addition of enzymes at 25, 55, 75, and
80 ◦ C (experiments 1 through 4 in Fig. 4). All experimental conditions
and corresponding experiment numbers are described in Table 2 in the
Methods section. Resulting data shows the combined glucose release in
the free liquid phase and in the liquid phase within the cellular debris.
Determination of glucose concentrations in the supernatant during hy
drolysis revealed that the glucose concentration reached a stable level
before 24 h of incubation with enzymes (results not shown).
Without the addition of enzymes, approximately 35% of total
Table 4
Chemical composition of the dried S. latissima biomass used
in this study (harvested June 2017).
Component

Content (% DW)

Ash
Protein
Carbohydrates
Glucose
Xylose
Galactose
Fucose
Mannitol
Sulphate
Unknown

34.1 (±2%, n = 2)
7.6 (±3%, n = 2)
32.4 (n = 1)
11
1
1
1
19
n.a.
25.9

3.3.2. Influence of biomass load on release of glucose (1 L scale)
The influence of biomass concentration on glucose release was
investigated by increasing the biomass load from 1:10 to 1:8, 1:6, and
1:5 for Cellic® CTec2. The results are shown in Fig. 7 in the supple
mentary material, together with references without enzymes at 25 and
55 ◦ C and a biomass load of 1:10.
The results indicate that it is possible to release comparable amounts
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of glucose at higher biomass load, which is positive from an economic
perspective because less water is required and the equipment is smaller
when working more concentrated. It was observed that with increasing
biomass concentration, the hydrolysates became more viscous and were
thus more difficult to homogenize during treatment. In all biomass
concentrations glucose release over 50% was recorded, increasing with
biomass concentration up to 65% (1:5). The release measured in 1:6
biomass concentration (52%), is markedly lower, no explanation was
found. In similar treatments of S. latissima, hydrolysis efficiency was
shown to be feasible at higher biomass concentrations [76].

spoilage should be explored. Also for the use of penicillin-streptomycin
to hinder bacterial growth, different options, for example thermic
deactivation or pulsed electric field treatment, need to be investigated
for large scale employment. Antibiotics are frequently used for feasi
bility studies on smaller scale.
3.4. Demineralization and detoxification via removal of hydrophobic
components
A fraction of the hydrolysate from the scale up (Section 3.3.3) was
treated in a simulated moving bed (SMB) system to remove minerals.
The feed contained 23 g/L sugars/sugar alcohols and had an electrical
conductivity of 29 mS/cm. Mainly monovalent ions were present in the
hydrolysate (K+, Na+ and Cl− ). Kushner classified organisms according
to the mineral concentration required for optimum growth: nonhalophiles appear to grow best in media containing less than 0.2 M
minerals [77,78]. Based on this limit and taking into account the addi
tion of medium minerals (~1.6 g/L), the targeted mineral concentration
of the hydrolysate was set at 5 g/L using an estimated molecular weight
of the ion mixture of 35 g/mol based on the average cation composition
measured by Adams et al. (2011) and Rupérez (2002) in a brown
seaweed (Laminaria digitata) harvested in European waters and
assuming chloride as the main anion counter ion [62,79].
Demineralized sugar/sugar alcohol fractions (extract) were obtained
with 12–15 g/L sugars/sugar alcohols with an electrical conductivity of
<1.95 mS/cm. The sugar/sugar alcohol concentration in the raffinate
was low (<2 g/L) in combination with a high electrical conductivity
(>17 mS/cm).
SMB performance was most sensitive for glucose removal. This was
as expected because mannitol is more strongly retained than glucose;
therefore glucose elutes next to the minerals. During demineralization
92% of the glucose and mannitol were recovered and 91–93% of the
minerals were removed.
After SMB treatment part of the demineralized hydrolysate was
treated by column adsorption to remove hydrophobic components. As a
result of the column adsorption process the demineralized and detoxi
fied hydrolysate was diluted by a factor of 1.32 and contained 73 g/L
sugars/sugar alcohols (13.7 g/L glucose and 59.3 g/L mannitol). A total
sugar/sugar alcohol recovery of 94% was achieved during the adsorp
tion treatment.
The effectiveness of the removal of hydrophobic compounds was
quantified by measuring the phlorotannin content, as a measure for
hydrophobic compounds. The hydrolysate obtained after enzymatic
treatment on 100 L scale contained 10 mg/L phloroglucinol equivalents
(PGE) for a normalized sugar/sugar alcohol content of 30 g/L as applied
in all fermentations. After demineralization the phlorotannin content
was reduced to 1 mg/L PGE. The removal of phlorotannin during
demineralization was unexpected. The backbone of the ion-exclusion
resin (PS/DVB) appears to be sufficiently non-polar to bind hydropho
bic components such as phlorotannin. After adsorption of hydrophobic
compounds in the demineralised hydrolysate, residual phlorotannin was
not detectable. For the use of phlorotannins and/or other hydrophobic
compounds as bioactive components in food or pharmaceutical appli
cations, recovery with high levels of purity needs to be achieved. For this
purpose a strategy which allows quantitative capture and purification of
such compounds needs to be employed, for example using macroporous
resins as described by [80], with an improved strategy for quantitative
desorption and resin regeneration.

3.3.3. Scaling up from 1 to 100 L
Seaweed was enzymatically hydrolysed by Cellic® CTec2 in a stirred
tank reactor of 200 L working volume. At smaller scale it was shown,
that a sequential treatment of alginate lyases and Cellic® CTec2 led to
the highest glucose release, however alginate lyases were simply not
available in quantities required for the scale-up. Concentration mea
surements of glucose revealed an increase of glucose over time (Fig. 5),
as were seen on laboratory scale (3.3.1). The final concentration level
after 24 h was 7 g/L glucose. On lab scale the concentration obtained
with the same seaweed batch at the same biomass load (1:8) was slightly
higher (8 g/L). The relative glucose release on large scale (57%) was
slightly lower than on small scale experiment (hydrolysis 10; 62%). This
could be explained by three factors, each of which affect the time
required for complete glucose release: enzymatic load, incubation
temperature, and mixing regime. Enzyme load on lab scale was 50 g
enzyme preparation/kg and reduced to 12 g/kg on pilot scale for eco
nomic reasons. Incubation on lab scale was conducted entirely at
optimal temperature, while optimal temperature was only maintained
for 8 h on pilot scale (afterwards temperature control was shut off,
leaving the reaction vessel to cool from 55 ◦ C to room temperature).
Further, mixing regimes were different: at 1 L scale a propellor mixer
was used and at 100 L a screw mixer at slower mixing rate. Despite the
noted differences in set-up and result, the results of the processes were
deemed comparable. In-between hydrolysis and de-salting, the solids
were pressed, centrifuged and the liquid fraction freeze dried. Within
this research, freeze-drying was done at several steps within the process
for practical conservation purposes. It should be noted that it is not part
of a large scale process, as it would be unfeasible. Other ways to prevent

3.5. Fermentation of hydrolysates by adapted Clostridium acetobutylicum
Acetone, butanol and ethanol production from S. latissima hydroly
sates was investigated using the adapted strain C. acetobutylicum D4,
which parent strain is C. acetobutylicum ATCC 824. The wild-type strain
could utilize glucose and mannitol in control media, but did not grow on
the hydrolysate prepared in Section 3.3 (results not shown). The adapted

Fig. 5. Concentration of glucose in the supernatant during enzymatic hydro
lysis of S. latissima biomass in a pilot scale 200 L reactor. (n = 1).
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strain, developed on partially demineralised Saccharina hydrolysate,
was able to grow on Saccharina hydrolysates and utilized both glucose
and mannitol for production of ABE. Cultivations on hydrolysates were
compared to cultivations on control media containing a mixture of
glucose and mannitol present in similar concentrations as in the hy
drolysates (5 and 22 g/L, respectively). In these control fermentations,
ABE and butyric acid were the main products and both glucose and
mannitol were completely consumed within 72 h with a preference for
glucose (Fig. 6a, Table 5). After the sugar consumption was complete,
the ABE concentration decreased over time due to the volatility of the
solvents (Fig. 6).
In literature, fermentation of mannitol- and glucose-containing hy
drolysates from brown seaweed to ABE has been reported for several
seaweed species and different microorganisms. The utilization of
mannitol, glucose, and laminarin in extracts from Saccharina sp. by C.
acetobutylicum was characterized by Huesemann et al. [42], where the
organism showed a diauxic growth pattern when grown on glucose/
mannitol mixtures, with a strong preference for glucose over mannitol.

The yields of solvents obtained by Huesemann et al. were somewhat
lower than those on control media, partially due to an incomplete acid
re-assimilation during fermentation. Interestingly, C. acetobutylicum
appeared to utilize soluble laminarin or laminarin oligomers in the
extract without external addition of enzymes. Lopez-Contreras et al.
described diauxic growth on glucose/mannitol mixtures for the ABEproducing species C. acetobutylicum and C. beijerinckii on control
media and on hydrolysates prepared from fresh and pressed S. latissima
[74]. Lopez-Contreras et al. showed that sugar utilization pattern can be
strain-specific since C. acetobutylicum only started to use mannitol after
some incubation time, approx. 60 h, after all glucose was consumed, but
C. beijerinckii started using mannitol right after the glucose was
consumed [74]. A recent study by Ra et al. shows that including buff
ering in the medium by addition of KH2PO4 or NaHCO3 and applying
laboratory evolution resulted in strains of C. acetobutylicum and C.
tyrobutyricum with enhanced mannitol utilization and production of
butanol (up to 7.5 g/L) and butyric acid (up to 10.5 g/L) on hydrolysate
of S. japonica [43].

Fig. 6. Fermentation by cultures of adapted strain Clostridium acetobutylicum ATCC 824 D4 on a) control medium (mixture of glucose and mannitol), b) untreated
Saccharina hydrolysate, where due to the long lag-phase the fermentation was extended to 310 h and therefore the x-axis is scaled differently, c) demineralized
Saccharina hydrolysate, and d) demineralized and detoxified Saccharina hydrolysate. (n = 1).
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This indicates that components in the S. latissima hydrolysate inhibit
growth and favour acid production.
When the hydrolysate was demineralized, a faster and complete
fermentation of the sugars/sugar alcohol was observed (Fig. 6c). The
lag-phase of the culture was reduced to 24 h. The ABE production of 4.9
g/L was almost as high as in cultivations on control media (Table 5).
However, butyrate was still the major product of the fermentation (5.6
g/L), indicating that the culture was suffering from some stress. The
electric conductivity of the hydrolysate was reduced from 29 mS/cm to
1.95 mS/cm, which is not associated with toxic levels. Therefore we
conclude that the minerals do not appear to be the only inhibitory
compounds in the hydrolysate. In the untreated hydrolysate, a signifi
cant level of phlorotannins was present (10 g/L PGE), 90% of which
were removed after the demineralization step. Both remaining phlor
otannins and other phenolic components could affect the fermentation,
and therefore an extra step for the removal of hydrophobic compounds
to purify the hydrolysate was performed.
The resulting demineralised and detoxified hydrolysate was a better
substrate for the fermentation (Fig. 6d). Growth of C. acetobutylicum D4
and consumption of sugars/sugar alcohols started immediately after
inoculation, without a lag phase, and the fermentation ended within 48
h (Fig. 6d). The highest production titers and yield of ABE, 6.5 g/L and
0.23 g per g of consumed sugar/sugar alcohol respectively, were ach
ieved in these cultures (Table 5). The end concentration of butyric acid
was reduced, partially by increased re-utilization and conversion to
solvents. These results show that the removal of hydrophobic com
pounds from the hydrolysate enhanced fermentability by the D4 strain
to similar levels reached in control media.
It has been reported that phlorotannins and phenolic compounds
derived from seaweed or from lignocelluloses can inhibit growth of
many microorganisms, including C. acetobutylicum [83]. Even low con
centrations of phlorotannins or phenolic compounds (0.2 g/L) can cause
significant growth inhibition of anaerobic bacteria, and these compo
nents have been studied as antibacterial agents against both Grampositive and Gram-negative bacteria [83]. In the demineralised hydro
lysate, residual phlorotannins were present at 1 g/L, that could be
already inhibiting for the C. acetobutylicum culture, and result in a lag
phase and a high butyric acid production compared to ABE.
In addition to the phlorotannins and phenolics originating from S.
latissima, in the hydrolysates it is expected that furans, e.g. furfural and
hydroxymethylfurfural (HMF), derived from the thermal pre-treatment
of the solubilised sugars, could be present. These furans show inhibi
tory effects as well on many bacterial and yeasts cultures. Because the
pre-treatment of the biomass and the hydrolysate preparation in this
study were carried out at relatively mild thermal and pH conditions
(55 ◦ C, pH 5.5, 24 h), the levels of furfural or HMF in the hydrolysate are
expected to be relatively low, up to 1 g/L, if compared to studies on
thermal treatments of S. japonica for solubilisation of sugars [43].
The mechanisms associated with the toxicity of phlorotannins,
phenolic compounds or furans on bacteria are not completely elucidated
yet, but there is evidence that they can bind to enzymes involved in
metabolism, bind to DNA or induce changes in cell membranes, that
negatively affect metabolism [83]. In the case of solventogenic Clostridia
it has been reported that C. acetobutylicum can degrade furans when
present in the fermentation broth, and are not inhibited up to concen
trations of 2 g/L [84]. This suggests that the inhibitory effects observed
in the hydrolysate are most probably due to phlorotannins or hydro
phobic phenolic compounds in the seaweed.
The fermentability of a hydrolysate depends on many factors: source
of biomass, pre-treatment and hydrolysis conditions and tolerance of the
specific microorganism to the released components. As an example, Hou
et al. described the fermentation of a sugar-rich hydrolysate from
Laminaria digitata for ABE production without any purification step and
obtaining high yields of products [41], which is a very different result
compared to the results described in this manuscript. In that study, low
concentrations, between 6 and 68 mg/L of uronic acids (guluronic and

Table 5
Fermentation data of cultivations of adapted strain Clostridium acetobutylicum
ATCC 824 D4 on a) control medium (mixture of glucose and mannitol), b) un
treated Saccharina hydrolysate, c) demineralized Saccharina hydrolysate, and d)
demineralized and detoxified Saccharina hydrolysate. Experiments a) and b-1)
from single fermentations, experiments c) and d) in duplicate with standard
deviation. (n = 1).

Fermentation
time (until
maximum
ABE level)
[h]
Sugar/sugar
alcohol
consumption
[g/L]
Organic acid
production
[g/L]
ABE production
[g/L]
Acetone [g/
L]
Butanol [g/
L]
Ethanol [g/
L]
ABE yield
[gABE/gsugar]

a)
Control
medium

b-1)
Untreated
hydrolysate

c)
Demineralised
hydrolysate

d)
Demineralised
and detoxified
hydrolysate

45

192

66–71

45

26.7

26.7

28.4 ± 1.0

28.4 ± 0.1

4.7

9.1

5.6 ± 1.0

3.1 ± 0.7

5.2

2.0

4.9 ± 1.3

6.5 ± 0.5

1.0

0

0.6

1.1

3.9

1.6

4.0

5.1

0.5

0.4

0.4

0.5

0.19

0.07

0.17 ± 0.04

0.23 ± 0.02

In the present study, the adaptation of C. acetobutylicum on S. lat
issima hydrolysate resulted in a strain, D4, able to grow on untreated
hydrolysate (Fig. 6b) while the wild type did not. In Fig. 6b, the graph
shows the results obtained for one of the duplicate cultures run on un
treated hydrolysate as substrate. One of the duplicate cultures, the one
shown on Fig. 6b-1, showed a long lag-phase of at least 72 h before
starting the consumption of glucose followed by mannitol consumption.
This long lag-phase indicates that in the hydrolysate there are compo
nents that cause inhibition of the fermentation. Butyrate was the major
product of this fermentation with a total ABE production of approx. 2 g/
L. The fermentation profile of the other duplicate culture grown on
untreated hydrolysate (Duplicate b-2) showed a longer lag phase of
around 144 h, and consumed only the glucose in the medium, producing
butyrate as major product and no ABE products is shown in Fig. 8 in the
supplementary material. The duplicate measurements are shown apart,
as averaging both datasets would prevent a clear view on the fermen
tation taking place in the first fermentation.
The hydrolysate showed a relatively high electrical conductivity (29
mS/cm), indicating a high content in minerals. These minerals originate
from the seaweed biomass and auxiliaries added during processing. In
the Saccharina biomass the ash content was 34% (DW) which includes
minerals. During the preparation of the hydrolysate, part of these min
erals are solubilised, which may inhibit growth, as 9 g/L NaCl shows
inhibition of C. carboxudivorans growth [81].
Accumulation of minerals in the medium can switch the bioconver
sion pattern from solventogenic fermentation to acetogenic in sol
ventogenic Clostridia, due to stress response mechanisms [82]. When the
level of minerals is high, it can completely inhibit growth. For C. car
boxydivorans a growth reduction of 50% has been reported when growth
medium contained ~11 g/L NaCl, with an electrical conductivity of
~29.9 mS/cm. In a previous study on hydrolysates from S. latissima,
concentrations of 14.5 g/L of K+, 7.3 g/L of Na+ and 3.3 g/L SO42− have
been determined in a non-fermentable hydrolysate [74]. When the hy
drolysate was diluted 2 times it became fermentable, however, the major
product of the fermentation was butyric acid and no ABE was produced.
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mannuronic acids, that are components of alginate) were detected in the
Laminaria hydrolysate. After the fermentation, the concentrations of
these uronic acids did not change significantly, indicating that the
Clostridial strain did not utilize them. In this study, the presence of
uronic acids in the hydrolysate was not determined, and therefore we
could not establish if these components could be fermented by the
adapted strain. A recent study has described the fermentation of alginate
extracted from brown seaweeds by C. phytofermentas for ethanol pro
duction [85]. The ethanol concentrations reached in cultures with
alginate as sole substrate were low (0.3 to 0.9 g/L), but are promising,
since they open possibilities for direct use of alginate, eventually
together with other fermentable components like sugars, from brown
seaweeds by fermentation.

demineralization, detoxification, and fermentation, in order to
generate a view of the complete process. A multidisciplinary approach,
from engineering of sustainable cultivation systems for seaweeds, via
biorefinery to biology of the fermentation process, is needed to effec
tively integrate the steps of the process for the establishment of large
scale seaweed-based value chains for non-food and food applications.
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4. Conclusions
The aim of this study was to demonstrate a value chain from inno
vatively cultivated S. latissima on a seaweed farm in Scotland to ABE
production at high yields. For cultivation of the seaweed, an innovative
type of support material (AlgaeTex®) in the form of nets and ribbons
was used. The results on biomass yields (kg ww/m) obtained for the nets
were lower than those on the ribbons, which was not expected. This
could be due to the interaction of the seeding particles and material with
the water conditions, indicating that to achieve the efficiency and scale
necessary in seaweed cultivation for energy applications, further opti
mization of direct seeding approaches are required.
For the biomass pre-treatment steps, the goal was to release mannitol
and glucose to obtain fermentable sugars and sugar alcohols suitable for
ABE fermentation. The mannitol release was almost instantaneous and
related to osmosis. Glucose release without further treatment at room
temperature was rather low (~35% of the theoretical release). Enzy
matic degradation of glucose polymers in the biomass lead to glucose
release of ~80%, using a combination of Cellic® CTec2 with novel
alginate lyase enzymes. During further treatment of the hydrolysate,
91–93% of the minerals were removed, the phlorotannins concentration
was reduced below the detection limit and about 13% of fermentable
sugars were lost.
Direct fermentation of the hydrolysate was shown to be possible, but
with low efficiency and long lag times. Although the content in hydro
phobic compounds in the hydrolysate was already very low after
demineralization, likely due to the backbone material of the adsorbent
used in demineralization, further detoxification had a large effect on lag
time of the fermentation. The twice treated hydrolysate performed
comparable to the control medium. Novel strains adapted to grow on the
hydrolysate were able to produce mainly ABE from sugars/sugar alco
hols in the hydrolysate, showing that adaptation was an efficient
methodology to improve the capacity of strains to tolerate inhibitors and
to enhance sugar/sugar alcohol utilization in mixed substrates.
In light of relatively high costs of cultivation and harvest as well as
the economic aspects of fuel as application, a detailed look on the eco
nomics of the whole chain will have to be made to ensure economic
feasibility. This study focused on the biorefinery, where still a lot of
options for further optimization are possible. For example, integration of
the pre-treatment and fermentation steps or using mild pre-treatment
conditions could be investigated. It is expected that, when using
biomass with high sugar content and low salt content as feedstock, the
use of mild pre-treatments will be preferred. For example, when using
mild temperature or pH between 5 and 7, most salts and other compo
nents in the biomass remain insoluble, and the solubilised fraction has
lower contents of inhibitors [41]. After solubilizing the sugars, valuable
components (alginate, fucoidans, proteins, bioactives and minerals)
remain to be fractionated and could represent extra valuable outlets
from the process.
This study describes a new process, starting with innovative culti
vation of seaweed to efficient fermentation of the sugar components into
a fuel. We show and discuss approaches for cultivation, pre-treatment,
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[30] A. López-Contreras, P. Harmsen, X. Hou, W. Huijgen, A. Ditchfield, B. Bjornsdottir,
O. Obata, G. Hreggvidsson, J.Van Hal, A. Bjerre, Biorefinery approach to the use of
macroalgae as feedstock for biofuels, 2017.
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L. Montero, M. Herrero, E. Ibáñez, A. Cifuentes, Separation and characterization of
phlorotannins from brown algae Cystoseira abies-marina by comprehensive twodimensional liquid chromatography, Electrophoresis 35 (2014) 1644–1651.
S. Sharma, S.J. Horn, Enzymatic saccharification of brown seaweed for production
of fermentable sugars, Bioresour. Technol. 213 (2016) 155–161.
A.M. Lopez-Contreras, P.A. Claassen, H. Mooibroek, W.M.d. Vos, Utilisation of
saccharides in extruded domestic organic waste by Clostridium acetobutylicum
ATCC 824 for production of acetone, butanol and ethanol, in: Applied
Microbiology And Biotechnology 54, 2000, 2000, 2000.
J.M.M. Adams, T.A. Toop, I.S. Donnison, J.A. Gallagher, Seasonal variation in
Laminaria digitata and its impact on biochemical conversion routes to biofuels,
Bioresour. Technol. 102 (2011) 9976–9984.
J.M.M. Adams, A.B. Ross, K. Anastasakis, E.M. Hodgson, J.A. Gallagher, J.
M. Jones, I.S. Donnison, Seasonal variation in the chemical composition of the
bioenergy feedstock Laminaria digitata for thermochemical conversion, Bioresour.
Technol. 102 (2011) 226–234.

A. Schultze-Jena et al.

Algal Research 62 (2022) 102618

[63] P. Schiener, K.D. Black, M.S. Stanley, D.H. Green, The seasonal variation in the
chemical composition of the kelp species Laminaria digitata, Laminaria
hyperborea, Saccharina latissima and Alaria esculenta, J. Appl. Phycol. 27 (2015)
363–373.
[64] S. Forbord, S. Matsson, G.E. Brodahl, B.A. Bluhm, O.J. Broch, A. Handå,
A. Metaxas, J. Skjermo, K.B. Steinhovden, Y. Olsen, Latitudinal, seasonal and
depth-dependent variation in growth, chemical composition and biofouling of
cultivated Saccharina latissima (Phaeophyceae) along the Norwegian coast,
J. Appl. Phycol. 32 (2020) 2215–2232.
[65] C. Rolin, R. Inkster, J. Laing, L. McEvoy, Regrowth and biofouling in two species of
cultivated kelp in the Shetland Islands, UK, J. Appl. Phycol. 29 (2017) 2351–2361.
[66] W.A.P. Black, The seasonal variation in weight and chemical composition of the
common British Laminariaceae, J. Mar. Biol. Assoc. U. K. 29 (1950) 45–72.
[67] M.M. Nielsen, D. Manns, M. D'Este, D. Krause-Jensen, M.B. Rasmussen, M.
M. Larsen, M. Alvarado-Morales, I. Angelidaki, A. Bruhn, Variation in biochemical
composition of Saccharina latissima and Laminaria digitata along an estuarine
salinity gradient in inner Danish waters, Algal Res. 13 (2016) 235–245.
[68] P.D. Kerrison, M.S. Stanley, M.D. Edwards, K.D. Black, A.D. Hughes, The
cultivation of European kelp for bioenergy: site and species selection, Biomass
Bioenergy 80 (2015) 229–242.
[69] A. Macleod, Unpublished data.
[70] S. Sharma, L. Neves, J. Funderud, L.T. Mydland, M. Øverland, S.J. Horn, Seasonal
and depth variations in the chemical composition of cultivated Saccharina
latissima, Algal Res. 32 (2018) 107–112.
[71] J.V. Vilg, T. Werner, L. Qvirist, J.J. Mayers, E. Albers, G.M. Nylund, H. Pavia,
I. Undeland, Seasonal and spatial variation in biochemical composition of
Saccharina latissima during a potential harvesting season for Western Sweden, Bot.
Mar. 58 (2015) 435–447.
[72] D. Manns, M.M. Nielsen, A. Bruhn, B. Saake, A.S. Meyer, Compositional variations
of brown seaweeds Laminaria digitata and Saccharina latissima in Danish waters,
J. Appl. Phycol. 29 (2017) 1493–1506.
[73] D. Manns, C. Nyffenegger, B. Saake, A.S. Meyer, Impact of different alginate lyases
on combined cellulase-lyase saccharification of brown seaweed, RSC Adv. 6 (2016)
45392–45401.
[74] A.M. Lopez-Contreras, P.F.H. Harmsen, R. Blaauw, B. Howeling-Tan, H. van der
Wal, W. Huijgen, J. van Hal, Biorefinery of the brown seaweed Saccharina

[75]
[76]

[77]
[78]
[79]
[80]
[81]
[82]

[83]

[84]
[85]

14

latissima for fuels and chemicals, in: Mie Bioforum on Lignocellulose Degradation
And Biorefinery,Japan, 2014.
J. Yang, J.E. Kim, J.K. Kim, S.h. Lee, J.-H. Yu, K.H. Kim, Evaluation of commercial
cellulase preparations for the efficient hydrolysis of hydrothermally pretreated
empty fruit bunches, BioResources 12 (2017) 7834–7840.
G.S. Marinho, M. Alvarado-Morales, I. Angelidaki, Valorization of macroalga
Saccharina latissima as novel feedstock for fermentation-based succinic acid
production in a biorefinery approach and economic aspects, Algal Res. 16 (2016)
102–109.
D.J. Kushner, Life in High Salt And Solute Concentrations: Halophilic Bacteria,
Academic Press, London, 1978.
D. Kushner, The halobacteriaceae, Bacteria 8 (1985) 171–214.
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