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Abstract
Biorefinery of non-food lignocellulosic plant biomass to be valorized as biofuels,
biochemicals and biomaterials is considered as a sustainable alternative for fossil
resource-based production. In biorefinery, a key step is enzymatic degradation of plant
cell wall polysaccharides into (fermentable) monomeric building blocks, which is
typically driven by (hemi-)cellulases and essential lytic polysaccharide
monooxygenases (LPMOs). Although some LPMOs have already been incorporated into
industrial enzyme cocktails, only a limited number of LPMOs have been biochemically
characterized. Therefore, this PhD thesis aimed to further shed light on the mode-ofaction, regioselectivity, substrate cleavage profiles and specificity of AA9 LPMOs from
the fungi Myceliophthora thermophila C1 (MtLPMOs) and Neurospora crassa
(NcLPMOs).
We demonstrated that AA9 LPMOs show distinct cleavage profiles towards different
types of cellulose; from bacterial cellulose mainly oxidized DP2‒4 products were
generated, while from the regenerated amorphous cellulose larger oxidized products
prevailed. We developed a new method, making use of NaBD4-reduction in combination
with hydrophilic interaction chromatography‒mass spectrometric analysis, for
separation and identification of LPMO-generated non-, C1- and C4-oxidized
oligosaccharides. We found that oxidized (and reduced) oligosaccharides differ in their
mass spectrometric fragmentation behaviors and patterns. Using this developed
methodology, we discovered a series of novel double, C4 and C6, oxidized cellooligosaccharides. Again using this methodology, we identified and distinguished for the
first time (isomeric) LPMO-oxidized xylogluco-oligosaccharides, and characterized two
distinct oxidative xyloglucan degradation profiles. These xyloglucan substitution
tolerant and intolerant cleavage profiles were correlated to specific active site segment
configurations of AA9 LPMOs. Additionally, the active site segment configuration
predicted for two (other) MtLPMOs, confirmed the aforementioned correlation with
their xyloglucan substitution (in)tolerant cleavage profiles. Lastly, we studied two
novel AA16 copper-dependent oxidoreductases, which were predicted to function as
LPMOs. We showed their inactivity towards carbohydrate substrates, hence, disproved
them being LPMOs, but we discovered that these AA16s can boost AA9 MtLPMOs to
oxidatively degrade cellulose.

Table of contents
Chapter 1

General introduction

1

Chapter 2

Oxidized product profiles of AA9 lytic
polysaccharide monooxygenases depend on the
type of cellulose

31

Chapter 3

Mass spectrometric fragmentation patterns
discriminate C1- and C4-oxidized cellooligosaccharides from their non-oxidized and
reduced forms

59

Chapter 4

Regioselective C4 and C6 double oxidation of
cellulose by lytic polysaccharide
monooxygenases

87

Chapter 5

Influence of lytic polysaccharide
monooxygenase active site segments on
activity and affinity

115

Chapter 6

Configuration of active site segments in lytic
polysaccharide monooxygenases steers
oxidative xyloglucan degradation

165

Chapter 7

Extending the diversity of Myceliophthora
thermophila lytic polysaccharide
monooxygenases: two different xyloglucan
cleavage profiles

211

Chapter 8

Copper-dependent AA16 oxidoreductases boost
cellulose active AA9 lytic polysaccharide
monooxygenases from Myceliophthora
thermophila C1

235

Chapter 9

General discussion

263

Summary

291

Acknowledgements

295

About the author

301

Chapter 1

General introduction

Chapter 1

1. Relevance of this research
With the rapidly growing world population and industrial development, the demand of
energy, chemicals and materials have increased sharply in the last century (1, 2).
Currently, this demand is largely met by exploiting fossil resources (3), although being
responsible for release of greenhouse gasses, such as carbon dioxide, which has been
recognized as one of the major factors causing the global climate changes (2, 3).
Therefore, worldwide, a change in mindset is strived at, in which a circular economy is
centralized. In this context, sustainable biorefineries are promoted, valorizing nonfood lignocellulosic plant biomass and forestry side-streams into, particularly,
chemicals and materials (1, 2). Eventual emitted carbon dioxide is recycled via
assimilation to new plant biomass.
To overcome the natural resistance of plant biomass for its degradation in (fermentable)
smaller building blocks needed for production of chemicals and materials, enzymes are
applied in the biorefinery process. Enzymes are considered as green catalysts and
many current industrial enzyme cocktails are rich in plant cell wall polysaccharide
degrading hydrolases (4, 5). Since 2010, however, lytic polysaccharide
monooxygenases (LPMOs) have been discovered boosting the activity of hydrolytic
enzymes (6-8). Thus, addition of such LPMOs into industrial cocktails is expected to
improve the saccharification efficiency and to decrease enzyme costs. Although in the
last decade many new insights have led to a better understanding of how LPMOs
operate (9-13), still, only few LPMOs have been biochemically characterized limiting
their industrial implementation.
Therefore, this thesis aims to provide further insights into the mode-of-action,
regioselectivity, substrate cleavage profiles and specificity of five (new) LPMOs from
the fungus Myceliophthora thermophila C1 (MtLPMOs). Seven (other) MtLPMOs were
already characterized in our laboratory (14). In addition, AA9 LPMOs from the fungus
Neurospora crassa (NcLPMOs) were studied to strengthen the LPMO characterization
portfolio.

2. Plant cell wall
2.1. Composition and architecture of plant cell wall
Plant cell walls provide plant tissues with strength and rigidity (15, 16), and are built
of three main layers: a middle lamella, a primary cell wall and a secondary cell wall
(Fig. 1) (17, 18). The most abundant cell wall components are polysaccharides
including cellulose, hemicelluloses and pectin, the aromatic polymer lignin and
structural proteins (15, 18, 19). The middle lamella is the outer layer and mainly
composed of pectin (20, 21). The primary cell wall is typically a (relatively) thin,
extensible and highly hydrated layer, which generally consists of 15‒40% (w/w)
cellulose, 30‒50% (w/w) pectin and 20‒30% (w/w) hemicellulosic xyloglucan and
arabinoxylan (22, 23). In non-food lignocellulosic plant biomass and forestry sidestreams, the largest part of the dry matter consists of secondary cell wall material and,
thus, is the most relevant for biorefinery. Secondary cell walls are rich in cellulose,
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hemicelluloses and lignin, which are intertwined in a complex network (Fig. 1) (24,
25). The exact composition of secondary cell walls depends on the botanical origin,
species, age, place or year of harvest and part of the plant (e.g., root or leaf) (26).
For example, secondary cell walls of grasses are generally composed of around 35‒
45% (w/w) cellulose, 20‒30% (w/w) hemicellulosic xylan and 15‒30% (w/w) lignin
(24, 25).

Fig. 1. Schematic representation of lignocellulosic plant biomass, the architecture of plant cell
walls, and the structure and network of most relevant lignocellulose polymers (e.g., lignin,
hemicellulosic xylan and cellulose). Adapted from Brethauer et al. (27).

2.2. Cellulose
Cellulose is referred to as the most abundant renewable macromolecule on Earth (28).
In addition to be part of cell walls in vascular plant, cellulose is synthesized in most
groups of algae and by a number of bacterial species (29). Overall, cellulose is a
homogenous linear polysaccharide built of β-(1→4)-linked glucosyl residues (Fig. 2).
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The length of these glucan chains varies per plant source, origin and location in the
cell wall (22, 29-32). For instance, in the plant cell wall, it has been observed that each
cellulose glucan chain contains approximately 8000–14000 glucosyl residues (22, 30).
In secondary cell walls, approximately 30 to 36 glucan chains of cellulose are
assembled and twisted to microfibrils via van der Waals forces and hydrogen bonds
(30, 33, 34). Especially the extensively present hydrogen bonds amongst oxygen
atoms (O2, O3, O5 and O6) within and between glucan chains give the microfibrils
their ordered and crystalline structure (33-37).

Fig. 2. Chemical structure glucan chains intertwined in fibrils. Dotted lines indicate hydrogen
bonds between glucosyl units.

Moreover, these cellulose microfibrils are formed by parallelly stacked and side-byside packed glucan chains, which have been defined as cellulose I (29, 38). Cellulose
I is further divided into two sub-allomorphs, namely Iα and Iβ, differing in the
alternation of glucosyl units, the way of hydrogen bonds formed, and the direction of
glucan chains arranged (29, 38). Iβ has been predominately found in plant cell walls
(34, 36, 39). Apart from the crystalline microfibrils, cellulose also comprises
amorphous regions, due to less ordered and inconsistently packed glucan chains (32).
For different applications, native cellulose has been modified to obtain optimal
functional properties (31). For example, different alkaline or liquid ammonia extraction
conditions change the Iβ structure of native cellulose to different allomorphs of type II,
III and IV (31, 39-41), which is more susceptible for enzyme degradation. In addition,
partial acid hydrolysis of native cellulose generates so-called microcrystalline cellulose,
which is widely used as cellulose model for studying, for example, activity and catalytic
performance of cellulases (42-46). The microcrystalline cellulose differs to native
cellulose, for instance, having a shorter chain length (degree of polymerization (DP)
100–300) and a smaller particle size (30–50 µm) (43, 46-53). Microcrystalline cellulose
can be further modified to prepare other types of cellulose, such as phosphoric acid
swollen cellulose and regenerated amorphous cellulose (42, 54-56).

2.3. Hemicellulose
Hemicellulose is traditionally referred to as a group of heterogeneous matrix
polysaccharides being associated with cellulose in plant cell walls (57). Hemicelluloses
comprise polysaccharides varying in types of building block and having various sidechains, which differ amongst botanical types and tissues (57, 58). For instance,
grasses, cereals and hardwoods comprise mainly xylans (up to 50% (w/w)), while
softwood hemicelluloses largely consist of glucomannans (57, 59).
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2.3.1. Xylan

1

Xylans have a backbone of β-(1→4)-linked xylosyl residues. Hardwoods mainly consist
of glucuronoxylan, which has a xylan backbone with O-2 substituted 4-O-methylglucuronosyl units (57). In cereals and grasses, xylan backbones are substituted by
arabinosyl residues at either the O-2, O-3, or both positions, and, to a lesser extent,
by glucuronosyl or 4-O-methyl-glucuronosyl residues at the O-2 positions (59-62).
These xylans are often referred to as glucuronoarabinoxylans (Fig. 3). In addition,
glucuronoarabinoxylans can further contain acetyl groups at the O-2, O-3 or both
positions of the xylosyl backbone (57, 62). Softwoods contain similar types of xylan as
in grasses, though the amount and pattern of substitution are different (57).
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Fig. 3. Representation of a typical glucuronoarabinoxylan structure. Ac = acetyl group; R =
continuation of the xylan structure.

2.3.2. Xyloglucan
Xyloglucan is a major hemicellulosic component in primary cell walls (57, 63, 64).
Xyloglucan has a cellulose-like β-(1→4)-linked glucosyl backbone, which is substituted
by xylosyl residues via α-(1→4)-linkages (65). Further substitution is also observed,
such as by β-(1→2)-linked galactosyl units and, rarely, by α-(1→3)-linked arabinosyl
residues (66). In addition, the galactosyl units can be further substituted by fucosyl
residues via α-(1→2) linkages (67). The exact type and amount of substitution varies
for different plant species and tissues (65). These complicated trivial names of
xyloglucan substitution have been simplified by an unambiguous “one-letter code”
nomenclature developed by Fry et al. (66). As shown in Fig. 4, the glucosyl, glucosylxylosyl, glucosyl-xylosyl-galactosyl, and glucosyl-xylosyl-galactosyl-fucosyl residues
are referred to as G, X, L and F, respectively. Other, less frequently found types of
substitution with their corresponding codes are not described here, but are reviewed
by Park et al. (68).
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Fig. 4. Representation of a typical xyloglucan structure (e.g., from black currant berries), and the
corresponding “one-letter” code of each structural unit according to Fry et al. (66). R =
continuation of the xyloglucan structure.

In addition, xyloglucan can vary in the type of building blocks. Most xyloglucan
structures have been defined as “XXXG”- (e.g., tamarind seed) and “XXGG”-type (e.g.,
potato) (69, 70). To be more specific, “XXXG”-types also includes partial galactosyl
substitution, such as in tamarind xyloglucan (XXLG, XLXG and XXLG) (70). Other types
of building blocks, such as “XXG”- (e.g., sycamore (71)), “XGGG”- (e.g., tobacco (72)),
“XXGGG”- (e.g., barely (73)) and “XXXX”- (e.g., Helipterum eximium (74)) have been
proposed, but studied to a much lesser extent.

2.3.3. Other hemicelluloses
The simplest mannan structure is composed of a β-(1→4)-linked mannosyl backbone.
Glucomannan consists of a linear backbone of β-(1→4)-linked mannosyl and glucosyl
residues (75-77). Glucomannan can be substituted by galactosyl units at the O-6
position, subsequently named galactoglucomannan (78). In addition, O-acetylation
has been found on glucomannan and galactoglucomannan in some plant species (79,
80). Other hemicelluloses, such as mixed β-(1→3, 1→4)-linked glucan,
(arabino-)galactan, arabinan and laminarin, are not described further in this section.
Their composition, structure, building units and property can be found elsewhere (12,
57-59, 61, 81-83).

2.3.4. Hemicellulose interaction with other cell wall components
In plant cell walls, hemicelluloses, especially the unbranched region, have been
reported to cross-link to each other and to be associated with cellulose via noncovalent interactions (e.g., hydrogen bonding) (58, 82-84). In grasses, xylans adsorb
to cellulose to form a xylan-cellulose network (61, 62, 85) (Fig. 1). Similarly, mannan,
glucomannan and galactomannan have been shown to adsorb to cellulose in the
secondary cell wall of softwoods (78, 86). Xyloglucan also has been described to bind
to cellulose (microfibrils) in the primary cell wall (68, 87). Notably, several studies
suggested that xyloglucan may interact with cell wall components via covalent bonds,
in addition to hydrogen bonding, though it is not known if this also applies to its
interaction with cellulose (64, 65, 88, 89).
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Apart from their association with cellulose, some hemicelluloses are known to
covalently interact with the aromatic heterogeneous polymer lignin (Fig. 1). Lignin is
an aromatic polymer built up from oxidative coupling of 4-hydroxyphenylpropanoids
(90). In softwoods (e.g., Japanese red pine), some mannosyl residues have been
elucidated to link to lignin via an ether bond (91). In grasses, glucuronoarabinoxylan
links to lignin indirectly via ferulate and diferulate “bridges” (92-94). The above
described hemicellulose-lignin structures are referred to as lignin-carbohydrate
complexes (LCC) (95), which will not be further discussed in this thesis. Hemicellulose
and lignin are cross-linked and intertwisted via these non-covalent and covalent
interactions, which further entwines on the crystalline cellulose fibrils to build up a
three-dimensional network (Fig. 1).

3. Enzymatic degradation of plant cell wall polysaccharides
3.1. Classification of carbohydrate-active enzymes
As described above, the lignocellulosic plant biomass has a complex and rigid structure.
Therefore, the conversion of plant polysaccharides to their corresponding monomeric
sugar units requires a wide range of different enzymes. With the increasing number of
identified carbohydrate degrading enzymes at gene level, classification of these
enzymes became essential, which has led to the establishment of the CarbohydrateActive enZymes (CAZy) database (http://www.cazy.org) (96). CAZy recognizes
glycoside hydrolase (GH) families, which includes (hemi-)cellulases, in addition to
polysaccharide lyases (PL), carbohydrate esterases (CE), glycosyltransferases (GT),
auxiliary activities (AA) and carbohydrate binding module (CBM) families. Although
this CAZy classification system is based on amino acid sequence identity, and not on
function similarity, it still provides some prediction of general carbohydrate substrate
specificities (96). Initially, lignin- and other non-carbohydrate-active enzymes that
potentially assist carbohydrate degradation were classified into AA families (96). Later,
other carbohydrate-active redox enzymes, such as LPMOs and cellobiose
dehydrogenases (CDHs), were added to these AA families (97).
In the following text only fungal enzymes are discussed, as fungal LPMOs were studied
in this thesis.

3.2. Cellulose degrading enzymes
The classical model for cellulose degradation defines the catalytic action of three
different groups of hydrolases: endoglucanases (endo-β-1,4-glucanases, EGs),
cellobiohydrolases (CBHs) and β-1,4-glucosidases (BGs) (Fig. 5) (5, 98, 99). EGs
cleave the internal β-(1→4)-linked glycosidic bonds in cellulose, and fungal members
are found in GH5, GH7, GH12 and GH45. CBHs release cellobiose from β-(1→4)-linked
glucan chain from either the reducing (CBH I) or non-reducing (CBH II) ends (100).
Fungal CBH I and CBH II genes are classified in GH7 and GH6, respectively (100). BGs
hydrolyze soluble cello-oligosaccharides into glucose from the non-reducing end.
Fungal BGs are mostly found in GH1 and GH3 (100). Notably, this classification of
cellulose degrading enzymes into three groups is oversimplified. It has been shown
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that EGs can be further distinguished to cleave cellulose in a random or processive
mode, and CBHs also differ in their cleavage towards cellulose from strictly exo- to a
highly processive action (5, 98-107). This might explain that usually multiple EGs,
CBHs and BGs are present in fungal genomes, which can be produced to work
synergistically in degrading cellulose (5, 108).

Fig. 5. Current schematic model of fungal enzymatic cellulose degradation adapted from Horn et
al. (6). The mode-of-action of EG (endoglucanase), CBH (cellobiohydrolase) and BG (β-1,4glucosidase) are described in the main text. Fungal LPMOs can cleave cellulose and release cellooligosaccharides with either oxidized reducing end (R) or non-reducing end (NR) (orange
hexagons). Full line hexagons: insoluble glucosyl units; Dotted line hexagons: soluble glucosyl
units.

More recent, other (non-hydrolytic) enzymes or proteins involved in cellulose
degradation, such as expansins, swollenins and LPMOs, have been categorized as NonHydrolytic Cellulose Active Proteins (NHCAPs) (109). In particular, LPMOs abundantly
present in (hemi-)cellulose degrading Ascomycetes and Basidiomycetes (110, 111)
have been shown to boost the cellulose degradation. This LPMO-boosting effect is
suggested to relate to the formation of more chain ends and disrupting crystalline
cellulose regions, which increases the substate availability and accessibility for EGs
and CBHs (6, 13, 111). Therefore, LPMOs cannot be ignored in our current
understanding of cellulose degradation (Fig. 5), and the mode-of-action of these
unique enzymes are further explained in Section 4.1 and 4.2.

3.3. Hemicellulose degrading enzymes
Hemicelluloses highly differ in their types of backbone and substitution, and thus, their
degradation requires various enzymes having different substrate specificities. In this
section, xylan and xyloglucan degrading enzymes are described. Other hemicellulose
degrading enzymes can be found elsewhere (112).
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3.3.1. Xylan degrading enzymes
The xylan backbone can be cleaved by endo-β-1,4-xylanases (e.g., GH10, GH11 and
GH30), and the resulting xylo-oligosaccharides are further hydrolyzed by β-xylosidases
(e.g. GH3, GH43 or GH54) to xylose (113-115). Certain endo-β-1,4-xylanases are
more tolerant to degrade a substituted xylan backbone (e.g., GH10; see Fig. 3), while
others are less tolerant for substitutions (e.g., GH11) (116, 117). In addition, fungi
also produce a variety of xylan-debranching enzymes, such as α-arabinofuranosidases
(e.g., GH43, GH51, GH54, etc.), α-glucuronidases (e.g., GH67 and GH115), and
acetylxylan esterases (Carbohydrate Esterase (CE1)) (108, 118-120). Their detailed
mode-of-action and the resulting product profiles can be found elsewhere (112).
So far only one fungal LPMO (LsAA9A from Lentinus similis) has been shown to cleave
the xylan backbone when only xylan is present (121). Some fungal LPMOs were
reported to cleave the xylan backbone only when associated with cellulose (122-124).
The LPMO activity towards xylan is further discussed in Chapter 9 of this thesis.

3.3.2. Xyloglucan degrading enzymes
The β-(1→4)-linked-xyloglucan backbone can be cleaved by endoglucanases, of which
fungal candidates are found in GH5, GH12, GH16 and GH74 (125). Notably,
endoglucanases from GH12 and GH74 have been characterized as xyloglucan specific
enzymes, which did not show activity towards other substrates such as cellulose or βglucan (126, 127). These xyloglucan specific endoglucanases have been specified as
xyloglucanases (XEGs) (127-132). XEGs from GH12 display an endo-active cleavage
of the xyloglucan backbone, hydrolyzing the glycosidic linkages at the “reducing end”
site of unsubstituted glucosyl units, releasing “XXXG-type” oligosaccharides (133,
134). XEGs from GH74 have a similar endo-type of action as the GH12 XEGs, but follow
a processive-behavior (128, 131, 135, 136). In addition, some GH74 XEGs are able to
cleave within the xyloglucan building blocks XXXG and XXLG to generate XX, XG and
LG units. However, GH74 XEGs do not cleave at the “reducing end” site of L units in
XLXG and XLLG (131, 135-138). Furthermore, β-glucosidases (e.g., GH1 and GH3) can
cleave terminal unsubstituted glucosyl units from xylogluco-oligosaccharides. These βglucosidases are often more active after treatment with xyloglucan-debranching
enzymes such as α-xylosidases (GH31), α-galactosidases (GH27 and GH36) and αfucosidases (GH95) (108).
Several fungal AA9 LPMOs have been reported to cleave within xyloglucan backbones
(12), which is further discussed in Section 4.5.

4. Lytic polysaccharide monooxygenases (LPMOs)
Lytic polysaccharide monooxygenases (LPMOs) are introduced here based on studies
published until the early 2018, the time when this project started. Recently published
literature (2018-2021) is discussed in Chapter 9, together with the major findings
from this project.
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4.1. Discovery and current classification of LPMOs
Already back in 1950, Reese and coworkers have suggested that some unknown nonhydrolytic proteins may play a role in cellulose degradation in addition to hydrolytic
enzymes (139). In 2005, it was reported that a protein (CBP21) produced by a
bacterium could enhance the hydrolytic degradation of chitin, which is a cellulose-like
crystalline polysaccharide built of β-(1→4)-linked N-acetylglucosamine residues (140).
Later, this protein class was added into the CAZy database as CBM33 family (141).
Putative CBM33 candidates are widely distributed in genomes of bacteria and viruses,
but absent in fungi. Instead, fungi produce an another type of proteins, which was
classified into the GH61 family, having a similar structure as CBM33 proteins (142,
143). At that time, it was shown that supplementation of GH61 members to cellulolytic
enzyme cocktails increased cellulose degradation, although activity of sole GH61
proteins towards cellulosic substrates was not detected (6, 142, 143). Until 2010, the
catalytic role and function of CBM33 and GH61 proteins was still unknown, even after
the first structure of GH61 protein (Cel61A from Trichoderma reesei) was published
(142). Finally, in 2010, Vaaje-Kolstad and coworkers demonstrated for the first time
that a CBM33 protein cleaves the glycosidic bonds in chitin via oxidative mechanisms
using molecular oxygen (O2) and external electron donors (8). Subsequently, both
CBM33 and GH61 proteins were demonstrated to oxidatively cleave cellulose (7, 144,
145), and renamed as polysaccharide monooxygenases (PMOs) or lytic polysaccharide
monooxygenases (LPMOs). In 2013, the GH61 and CBM33 were reclassified as AA9
and AA10, respectively (96, 146).
Subsequently, new LPMO families were identified (e.g., AA11 and AA13). AA11 LPMOs
are found in fungi (except one putative protein from bacteria), and characterized to be
only active towards chitin (147). AA13 members are only found in fungi, and
characterized to be starch-active LPMOs (148). In the beginning of 2018, AA14 LPMOs
were identified in fungi, showing the activity towards xylan, but only when associated
with cellulose (149). One month later, AA15 LPMOs were discovered from the genomes
of marine and terrestrial invertebrates, fungi, algae and oomycetes (150). AA15 LPMOs
were shown to be active towards both cellulose and chitin (150). The newest AA16 has
also been described as LPMO family, of which one protein was reported to cleave
cellulose (151). In the rest of section, the information focuses on the so far largest
AA9 LPMOs. Other classes of LPMOs will also be included due to the similarity in
structural features and catalytic mechanisms.

4.2. Structure of LPMO catalytic domains
The first structures of an AA9 (PDB ID: 2VTC) and an AA10 LPMO (PDB ID: 2BEM)
have been elucidated in 2008 and 2005, respectively (142, 152). Subsequently, more
structures of AA9 and AA10, as well as of AA11, AA13, AA14 and AA15 LPMOs, have
been elucidated as extensively reviewed previously (13, 146, 149, 150, 153, 154).
Overall, though generally LPMOs exhibit a low amino acid sequence similarity, both in
between and within families, they display a common fibronectin-/immunoglobulin-like
β-sandwich core structure (Fig. 6) (153, 154). Different from GH enzymes, which has
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a surface cleft or groove, the LPMO active site is located at a relatively flat, solvent
(and substrate) exposed, surface (Fig. 6) (146, 149, 150, 155-157).

4.2.1. Conserved mono-copper active site and unique “histidine-brace”
motif
LPMOs have a single copper atom in the active site, which is coordinated by a Nterminal histidine (His1), a second histidine and a third aromatic amino acid (Fig. 6).
In AA9, AA11, AA13 and AA14 LPMOs, the third amino acid is a tyrosine, while a
phenylalanine is found in AA10 (90% conserved) and chitin-specific AA15 LPMOs (149,
150, 154). This structural coordination is recognized as a histidine-brace motif, which
is conserved in all LPMOs to date (145, 154, 158, 159). The histidine-brace motif has
been shown to be key for the LPMO catalytic reaction. It has been reported that
mutation of either His1 or the second His led to a complete loss of catalytic action in a
AA9 LPMO (GH61E from Thielavia terrestris) (143). Although mutation of the tyrosine
in the “histidine-brace” motif of GH61E did not result in complete inactivation, its
activity decreased sharply (143). In addition, the N-terminal His1 has been shown to
be methylated when LPMOs are homologously produced in fungal hosts (145, 157).
However, this unusual post-translational modification was not observed when LPMOs
are produced in bacteria or heterologous hosts such as the methylotrophic yeast Pichia
pastoris (160-162). Nevertheless, LPMOs with or without the N-terminal methylation
show similar activity (161, 162), and the function of this modification remains unclear.

Fig. 6. (a) Example of an AA9 LPMO three-dimensional structure (TaGH61A, PDB ID: 2YET)(145)
and a close look of the active site. (b) Examples of three-dimensional structures and active sites
from LPMOs of AA10 (PDB ID: 5OPF), AA11 (PDB ID: 4MAI), AA13 (PDB ID: 4OPB), AA14 (PDB
ID: 5NO7) and AA15 (PDB ID: 5MSZ). Adapted from Eijsink et al. (11) and Tandrup et al. (158).
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4.2.2. Diverse configuration of substrate binding sites
Structural elements around the active site have been shown to be diverse. These
structural elements consist of α-helices and loops connected the core β-sandwich
structure, and are suggested to drive the substrate binding (142, 143, 153, 157). For
early published AA9 LPMO structures, Li et al. (157) noticed that a loop named L2 is
the most diverse region comprising different numbers and types of amino acid, and
different secondary structures (Fig. 7a). In the same study, PMO-3 from N. crassa
(NcLPMO9M) was found to have an extended L2 loop (Fig. 7b), while PMO-2
(NcLPMO9C) was shown to obtain a shorter L2 loop (Fig. 7b) (157). In addition,
HjCel61B (142) and TaGH61A (145) were characterized to have a similar L2
configuration as for NcLPMO9M, and TtGH61E (143) was shown to lack the L2 loop as
for NcLPMO9C.

Fig. 7. (a) Schematic illustration of AA9 LPMO loop configuration. Note: no AA9 LPMO has been
found to include all four loops so far. (b) Overlapped three dimensional structures of HjLPMO9B
(PDB ID: 2VTC), TaLPMO9A (PDB ID: 2YET) and NcLPMO9M (PDB ID: 4EIS). (c) Overlapped three
dimensional structures of NcLPMO9C (PDB ID: 4D7U), NcLPMO9D (PDB ID: 4EIR) and LsLPMO9A
(PDB ID: 5ACF). (d) Overlapped three dimensional structures of TtLPMO9E (PDB ID: 3EII),
NcLPMO9F (PDB ID: 4QI8) and PcLPMO9D (PDB ID: 4B5Q). The active site is indicated by a red
oval. The core β-sandwich and the L2 loop is separated by the dashed line. Adapted from VaajeKolstad et al. (153).

The L2 loop has been found to contain several surface located aromatic amino acids
(e.g., tyrosine), which can influence the binding to the polysaccharide substrate (153).
In a later study by Wu et al. (155), for PchGH61D two other loop regions have been
defined: a long C-terminal (LC) and a short (LS) loop (Fig. 7a). LC and LS loops are
exclusively found for AA9 LPMOs, though only a little difference has been found within
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AA9 LPMOs (153). Finally, an L3 loop has been identified by Borisova and coworkers
(161), in NcLPMO9C (Fig. 7a, 7c), which is a short insertion between β-strands 3 and
4. In contrast, NcLPMO9M, HjCel61B and TaGH61A lack this L3 loop (161).
Interestingly, Tan and coworkers (163) found that NcLPMO9F obtain similar LS and LC
loops, but lacks both the L2 and the L3 loop (Fig. 7d). Likewise, TtLPMO9E and
PcLPMO9D lacked these L2 and L3 loops, which was concluded based on sequence
alignment analysis and structural simulation (153, 161).
The configuration of loops have been suggested to steer the substrate binding, and
further influence the regioselectivity and substrate specificity, which is explained in
detail in Section 4.5.

4.3. Carbohydrate-binding modules (CBMs)
As explained above, surface binding sites of LPMOs vary. A further diversification of
LPMOs is the presence or absence of auxiliary modules, for example of CBMs (6, 143).
CBMs are often found to attach to glycoside hydrolases to help the catalytic sites bind
to their substrate. A CBM is defined as a contiguous amino acid sequence, having
carbohydrate-binding activity, but without catalytic activity (96, 110). CBMs were
originally named cellulose-binding domains (CBDs), based on the finding that initially
discovered modules bound particularly to cellulose (96, 164). Later, other modules
showed affinity for other substrates, such as chitin or starch, justifying the current
terminology (e.g., CBM) (96). Currently, the CAZy database recognizes 88 CBM
families (96). To AA9 LPMOs, based on sequence analysis, mainly cellulose-specific
binding modules (e.g., CBM1 and CBM2) are linked (153). Further, it has been reported
that roughly one fifth of AA9 LPMOs are appended to a C-terminal CBM1 through a
flexible region named linker (110, 143, 165).
In particular studied for GHs, CBMs have been reported to be involved in substrate
interaction and recognition, and thereby, they can influence the enzyme stability,
activity and catalytic performance (107, 141, 166-168). Similar to LPMOs, CBMs have
aromatic amino acids (e.g., tyrosine) in the substrate binding surface that are critical
for the recognition of substrates like cellulose (165, 169). In context of LPMO activity,
various studies have suggested that appended CBMs increase the LPMO substrate
binding affinity, resulting more stable LPMO activity (165, 170-173). Although results
were not conclusive, it has been suggested that the presence of a CBM altered the
substrate preference of the LPMO, for instance from crystalline to amorphous
structure, although no change in actual substrate specificity was observed. Further,
CBMs might slightly alter the regioselectivity of the LPMO, reflected by a changed ratio
of C1- and C4-oxidized products (Section 4.5 for more details) (161, 162, 168, 170174).

4.4. LPMO catalytic pathways: O2 vs H2O2
The first LPMO activity has been reported for CBP21 from the bacterium Serratia
marcescens (later recoded as SmLPMO10A) by Vaaje-Kolstad and coworkers in 2010,
as mentioned in the above text (8). Using isotopically labeled dioxygen (18O2) and
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mass spectrometry, Vaaje-Kolstad and coworkers demonstrated that the LPMOinduced oxygen atom in the oxidized ends of chito-oligosaccharides originated from
dioxygen, confirming an overall monooxygenase reaction (8). In addition, it was also
shown that oxidative cleavage of chitin by SmLPMO10A requires small-molecule
reducing agent (ascorbic acid here) and a metal cofactor (sodium was incorrectly
assigned at that time) (8, 152). Later, Quinlan and coworkers reported that a AA9
LPMO TaGH61A is a mono copper-dependent monooxygenase, which can release
oxidized cello-oligosaccharides from cellulose in the presence of O2 and reductant
(gallate was used in this case) (145). Other studies further confirmed these results,
and also showed that extracellular redox enzyme-based electron donating system
(e.g., cellobiose dehydrogenases (CDHs)) can also activate the AA9 LPMOs in addition
to small molecular reductants (175-178)
Subsequent work and studies focused on insights into the mechanism of the LPMOcatalyzed reaction, and several routes were proposed (6, 13, 145, 146, 179-181). It
is well accepted that the LPMO catalytic cycle starts with a priming one-electron
reduction, meaning that a Cu(II) is reduced to Cu(I) by external electron donors (Fig.
8, route a). Subsequently, O2 binds to the Cu(I) to form a Cu(II)-superoxo species
(Cu(II)-OO−) (181, 182). The following steps are still under debate. Overall, it was
proposed that Cu(II)-OO− obtains in total two hydrogen atoms and a second electron
to eventually convert to Cu(II)-O• (not shown in route a). The different intermediates
formed during this conversion are still under debate and not further discussed here.
The proposed Cu(II)-O•− subsequently catalyzes hydroxylation on the C1- and/or C4carbon position of a carbohydrate substrate to form a Cu(II) (or Cu(I) as suggested
by others) for a next catalytic cycle (Fig. 8, route a). The glycosidic bond next to the
hydroxylated carbon atom in the carbohydrate substrate is destabilized due to the
inserted oxygen atom (144, 181, 182). This destabilization results in a subsequent
elimination reaction, further leading to glycosidic bond cleavage. Consequently, both
oxidized and non-oxidized carbohydrates are generated (144, 181, 182) (Fig. 8).
C1-oxidation results in δ-lactones which further convert to aldonic acids, while C4oxidation generates 4-ketoaldoses that are present in equilibrium with their geminal
diols (pH dependent) in aqueous solution (144, 183, 184) (Fig. 8). The selective
oxidation of the C1- and/or C4-carbon positions determines LPMO regioselectivity,
which is further discussed in Section 4.5.
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Fig. 8. Simplified schemes of LPMO reaction mechanisms. (a) O2-dependent and (b) H2O2dependent pathways both result in the hydroxylation of glycosidic bonds and, subsequently, bond
cleavage. AA9 LPMOs have been shown to oxidatively cleave C1-, C4-, or C1-/C4-carbon positions
of carbohydrate substrate (see more detail in Section 4.5). The schemes are based on Bissaro et
al. (9) and Kabel et al. (112).

For a long time, the monooxygenase route (Fig. 8, route a) was well accepted based
on the observation that LPMO catalysis relies on O2. However, this was challenged by
Bissaro and coworkers who proposed that H2O2 is the catalytically relevant cosubstrate for LPMO-driven carbohydrate oxidation (185). In the H2O2-dependent route
(Fig. 8, route b), after the priming reduction, H2O2 binds to Cu(I) to form a
Cu(I)···H2O2 intermediate. Subsequently, Cu(I)···H2O2 converts to Cu(II)-O•−, and the
rest of the reaction is the same as for the O2-dependent route. Bissaro and coworkers
showed that addition of 200 µM of H2O2 to a ScLPMO10C-cellulose incubation yielded
26-fold more soluble oxidized cello-oligosaccharides after the first 2 min of incubation,
compared to the incubation without the addition of H2O2 (185). Although H2O2 has
been shown to enhance the LPMO catalytic reaction, over dosed H2O2 results in
oxidative damage of the LPMO active site and further leads to the self-inactivation of
LPMOs (185).
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4.5. AA9 LPMO regioselectivity and substrate specificity
In the first published LPMO activity paper, Vaaje-Kolstad and coworkers demonstrated
that CBP21 oxidizes the C1-carbon position of chitin (8). Regarding AA9 LPMOs,
Quinlan and coworkers were the first to determine that TaGH61A oxidatively cleaved
cellulose at both C1- and C4-carbon position (145). Afterwards, more and more AA9
LPMOs have been characterized for their regioselectivity, which was extensively
reviewed by Frommhagen and coworkers (12). Oxidation at the C6-carbon position
was suggested to occur for PaGH61B from Podospora anserina (186), however, the
C6-oxidation was not confirmed by other studies (13, 144). Interestingly, many fungal
species, such as P. anserina, N. crassa or M. thermophila produce a variety of LPMOs
differing in C1- or C4- or both C1- and C4-oxidizing abilities (12). The reason why
(AA9) LPMOs exhibit regioselectivities has not been elucidated yet. It is proposed that
the regioselectivity reflects how the LPMOs interact with the substrates (e.g., exposed
cellulose-fiber surface) (12). Borisova and coworkers suggested that differences in the
accessibility of the solvent-facing axial position around the active site may explain the
regioselectivity of LPMOs (161). In brief, C1-oxidizing AA9 LPMOs possess a tyrosine
in this axial position, the mixed C1-/C4-oxidizing ones have a proline, and the C4oxidizing ones have an alanine or an aspartate residue (161). In addition to look at
differences in single amino acid residues, Vu and coworkers performed amino acid
sequence analysis of 497 (putative) AA9 LPMOs with their published regioselectivity,
and four groups (PMO1, PMO2, PMO3 and PMO3*) were classified (187). It was shown
that the group of PMO1 and PMO2 are C1- and C4-oxidizing LPMOs, respectively, and
the major difference is that PMO2s have an extra L3 loop (described in Section 4.2.2)
compared to PMO1s. LPMOs from the groups of PMO3 and PMO3* do not have a L3,
but a L2 loop. However, PMO3s are both C1- and C4-oxidizers, while PMO3*s are C1oxidizers (187). This regioselectivity difference was further explained by the different
amino acids present in these LPMOs. The study by Vu and coworkers promotes the
understanding of correlation between LPMO (amino acid sequence based) structure
and its regioselectivity. However, with more and more published AA9 LPMO data
regarding regioselectivity and amino acid sequences, an increased number of
exceptions was shown in each PMO group, indicating an still inadequate understanding
of LPMO structure-regioselectivity correlation.
In context of substrate-specificity, initially, AA9 LPMOs were shown to only oxidize
cellulose. In 2014, Isaksen and coworkers showed that NcLPMO9C is able to oxidatively
cleave soluble cello-oligosaccharides (183). Later, Borisova and coworkers found that
NcLPMO9C is also active towards xyloglucan and mixed β-(1→3, 1→4)-linked glucan
(161). From this time onwards, oxidative cleavage of xyloglucan has been observed
for various AA9 LPMOs (121, 162, 188-195). In addition, Frommhagen and coworkers
reported that MtLPMO9A is able to oxidatively cleave xylan, but only when associated
with cellulose (124). A detailed overview of AA9 LPMOs and their substrate specificity
can be found in the review paper of Frommhagen and coworkers (12). The discovery
that certain LPMOs showed activity towards soluble carbohydrate substrates, offers
possibilities to study the LPMO-substrate interaction. Using NMR spectroscopy and Xray crystallography, several studies revealed that various amino acid residues (e.g.,
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asparagine and tyrosine) in the substrate binding surface are indeed involved in the
interaction with substrates (121, 196, 197).

5. AA9 LPMOs from
Neurospora crassa

Myceliophthora

thermophila

and

As described previously, the degradation of (hemi-)cellulose requires the preferably
synergistic collaboration of various enzymes. So far, widely used industrial (hemi-)
cellulase cocktails are produced by several filamentous fungi such as Trichoderma
reesei and Aspergilus niger (198). Another potential (hemi-)cellulase producer is M.
thermophila C1, which shows more than 50 putative GHs and 26 putative LPMOs, of
which 22 from AA9 (e.g., MtLPMOs), in its genome (199, 200). To understand why this
fungus has 22 distinct AA9 LPMOs in its genome, and to learn whether these LPMOs
differed in e.g., regioselectivity and substrate specificity, our Laboratory of Food
Chemistry aimed to characterize all MtLPMOs. Till the end of 2017, 9 out of 22 LPMOs
were (partially) characterized, summarized in Table 1.
Table 1. (Partially) characterized LPMOs from M. thermophila.
Enzyme name

Production host

Presence
of CBM

Regioselectivity

Substrate specificity

MtLPMO9A1

M. thermophila C1

No

C1/C4

Cellulose (RAC), xylan
associated to cellulose,
xyloglucan10, mixed β(1→3, 1→4)-linked glucan10

MtLPMO9B2

M. thermophila C1

CBM1

C1

Cellulose (RAC)

MtLPMO9C3

M. thermophila C1

No

C4

Cellulose (RAC),
xyloglucan10, mixed β(1→3, 1→4)-linked glucan10

MtLPMO9D4

M. thermophila C1

No

C1

Cellulose (RAC)

P. pastoris

No

C1

Cellulose (PASC)

MtLPMO9E5

M. thermophila C1

No

C4

Cellulose (RAC),
xyloglucan10, cellooligosaccharides (DP≥5)

MtLPMO9F6

M. thermophila C1

CBM1

C4

Cellulose (RAC)11

MtLPMO9G7

M. thermophila C1

No

C4

Cellulose (RAC)11

MtLPMO98

P. pastoris

CBM1

C1/C4

Cellulose (RAC)11

MYCTH_1120899

P. pastoris

No

C1

Cellulose (PASC)11

1MYCTH_85556,

UniProt ID: G2QNT0 (124, 190); 2MYCTH_80312, UniProt ID: G2QCJ3 (190);
UniProt ID: G2QA92 (201); 4MYCTH_92668, UniProt ID: G2QAB5 (202) (187);
5MYCTH_79765, UniProt ID: G2Q7A5 (14); 6MYCTH_111088, UniProt ID: G2Q9F7 (14);
7MYCTH_55803,
UniProt ID: n.d. (14); 8MYCTH_46583, UniProt ID: G2Q9T3 (203);
9MYCTH_112089, UniProt ID: G2QI82 (187)
10Minor activity
11Only tested on cellulose
3MYCTH_100518,
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In addition, and in context of this research, LPMOs from the filamentous fungus N.
crassa were also of interest, in particular to broaden the AA9 LPMO toolbox. This fungus
has 14 AA9 LPMOs annotated in its genome (96), and is a well-known model eukaryotic
organism for study of genetics, bioinformatics, molecular biology and biochemistry
(204-207). A summary of (partially) characterized AA9 NcLPMOs is shown in Table 2.
Table 2. (Partially) characterized LPMOs from N. crassa.
Enzyme
name

Production host

Presence
of CBM

Regioselectivity

Substrate specificity

NcLPMO9A1

P. pastoris

CBM1

C4

Cellulose (RAC)10

CBM1

C4

Cellulose (RAC), xyloglucan,
cello-oligosaccharides
(DP≥4), glucomannan11,
mixed β-(1→3, 1→4)-linked
glucan11,
carboxymethlycellulose11

No

C4

Cellulose (RAC)10

CBM1

C1

Cellulose (RAC)

NcLPMO9C2

NcLPMO9D3
NcLPMO9E4

P. pastoris

P. pastoris/
N. crassa
P. pastoris/
N. crassa

NcLPMO9F5

P. pastoris

No

C1

Cellulose (PASC)10

NcLPMO9M6

P. pastoris/
N. crassa

No

C1/C4

Cellulose (PASC)10

NCU077607

P. pastoris

CBM1

C1/C4

Cellulose (PASC)10

NCU008368

P. pastoris

CBM1

C1

Cellulose (PASC)10

NCU018679

P. pastoris

CBM1

C1

Cellulose (PASC)10

1NCU2240,

UniProt ID: Q7S439 (184, 187); 2NCU02916, UniProt ID: Q7SHI8 (161, 177, 183, 187,
188, 196, 208); 3NCU01050, UniProt ID: Q1K8B6 (157, 182, 187); 4NCU08760, UniProt ID:
Q7RWN7 (157, 182, 187, 208); 5NCU03328, UniProt ID: Q1K4Q1 (177, 187, 208); 6NCU07898,
UniProt ID: Q7SA19 (157, 182, 187); 7UniProt ID: Q7S111 (187); 8UniProt ID: Q7SCJ5 (187);
9UniProt ID: Q7SHD9 (177, 208)
10Only tested on cellulose
11Minor activity

6. Analytical approaches and assays to monitor LPMO
activity
Mostly, a combination of HPAEC-PAD and MALDI-TOF-MS has been used to determine
oxidized products formed from cellulose or chitin by LPMOs (Table 3) (124, 145, 162,
182, 186, 188, 190, 209). In addition to MALDI-TOF-MS, direct infusion electrospraymass spectrometry (ESI-MS) was also applied for structural determination of LPMOgenerated oxidized oligosaccharides (162, 188). Although these methods are useful to
monitor product profiles, further method development is required for quantification of
products formed, and corresponding kinetic analysis. So far HPAEC-PAD is the most
widely used approach to perform quantification or kinetic analysis. However, oxidized
(mono-)oligo-saccharides are not commonly available as standards, which limits the
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structural elucidation and quantification of oxidized products. Other indirect
approaches not based on the direct detection of LPMO-generated products have been
developed, which are mainly used for fast screening of LPMO activity, as summarized
in Table 3. These indirect approaches (e.g., Amplex Red assay) do not provide
information of LPMO mode-of-action and substrate cleavage profiles, which is the main
aim in this thesis, and thus are not discussed in detail. Although development of new
assays for kinetic studies of LPMOs is of great interest, it is not involved in this thesis.
In this thesis, we aimed at further developing methods not only to monitor the product
profiles, but also unambiguously determine the structures of LPMO-generated oxidized
products of cellulose and xyloglucan.
As mentioned above, mass spectrometric analysis such as MALDI-TOF-MS and direct
infusion ESI-MS allow structural determination. However, currently, these approaches
cannot distinguish more complicated isomers, for example, the oxidized xyloglucooligosaccharides (162, 192, 193). Furthermore, depending on the pH and buffer
conditions, C1-oxidized oligosaccharides can be present in δ-lactone and/or aldonic
acid forms, while C4-oxidized ones can be present in 4-ketoaldose or geminal diol
forms. The same DP of δ-lactone and 4-ketoaldose has the same molecular weight,
and same DP of aldonic acid and geminal diols shares the same molecular weight as
well. Occurrence of these same masses, together with the presence of non-oxidized
oligosaccharides complicates and challenges the unambiguous identification of
oxidized products.
In order to overcome the above mentioned mass spectrometric analysis limitations,
other techniques have been developed, including reversed phase ultra-high
performance liquid chromatography-ultraviolet detection-electrospray ionization-mass
spectrometry
(RP-UHPLC-UV-ESI-MS),
porous
graphitic
carbon-liquid
chromatography-charged aerosol detection/mass spectrometry (PGC-LC-CAD/MS) and
hydrophilic interaction liquid chromatography-mass spectrometry (HILIC-MS) (184,
201). These techniques have the major advantage that separation of (isomeric)
oligomers precedes mass identification, which can help identify their structures.
However, so far, full separation of complex oxidized oligosaccharide mixtures have
only been achieved to a certain extent (Table 3). Furthermore, systematic studies to
understand how mass fragmentation spectra can unambiguously be translated in
structural characteristics of different (oxidized) oligosaccharides have not been
published at the end of 2017 or before.
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Table 3. Analytical approaches and assays for the determination of LPMO activity till
the end of 2017.
No.a
1
2

Analytical
techniqueb
Direct infusion
ESI-MS
MALDI-TOFMS

Type of
analysis

Separation

Major advantage

Qualitative

No

Direct detection

Qualitative

No

3

NMR
spectroscopy

Qualitative

No

4

Glycan
microarray

Qualitative /
Semiquantitative

No

5

HPAEC-PAD

Qualitative /
Quantitative

Yes

6

HPAEC-PAD &
Post column

Qualitative /
Quantitative

Yes

7

HPLC-RI-UV

Qualitative /
Quantitative

Yes

8

PGC-LCCAD/MS

Qualitative/
Quantitativec

Yes

9

RP-UHPLCUV-ESI-MS

Qualitative/
Quantitativec

Yes

10

HILIC-MS

Qualitative/
Quantitativec

Yes

11

PACE

Qualitative/
Semiquantitative

Yes

12

Amplex Red
Assay

Qualitative/
Quantitative

No

13

XPS

Qualitative

No

14

Fluorescence
spectroscopy

Qualitative/
Quantitativec

No

15

EPR

Qualitative/
Semiquantitativec

No

High-throughput
direct detection
Accurate
structural
determination
Fast screening of
substrate
specificity
Good separation
of (oxidized)
oligosaccharides
Good separation
of (oxidized)
monosaccharides
Good separation
of (oxidized)
monosaccharides
Moderate
separation and
structural
determination
Good separation
and structural
determination
Moderate
separation and
structural
determination
Fast screening of
substrate
specificity
Fast screening of
substrate
specificity; highthroughput
Suitable for
insoluble
substrates
Fast screening of
substrate
specificity; highthroughput
Suitable for
insoluble
substrate

Major limitation
Cannot distinguish
isomers
Cannot distinguish
isomers
Low-throughput
Standards for
target compounds
are required
No structural
determination
No structural
determination
No structural
determination
Only applied for
DP<4
Signal intensity
relatively low
Co-elution of C4and non-oxidized
oligosaccharides;
broad elution time
No structural
determination; no
separation of the
same DP of
oxidized and nonoxidized products
No detection of
oxidized products
No detection of
oxidized products;
low-throughput
No detection of
oxidized products;
Side reaction
occurs
No detection of
oxidized products;
low-throughput

aReferences: 1 (162, 183); 2 (8, 124); 3 (183); 4, (188); 5 (124); 6 (210); 7 (210); 8 (184); 9
(201); 10 (184); 11 (121); 12 (208); 13 (211); 14 (212); 15 (213)
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b
Abbreviations: ESI-MS, Electrospray ionization-mass spectrometry; MALDI-TOF-MS, Matrixassisted laser desorption/ionization-time of flight-mass spectrometry; NMR, Nuclear magnetic
resonance;
HPAEC-PAD,
High
performance
anion-exchange
chromatography-pulsed
amperometric detection; HPLC-RI-UV, High performance liquid chromatography-refractive indexultraviolet detection; RP-UHPLC-UV-ESI-MS, Reversed phase ultra-high performance liquid
chromatography-ultraviolet detection-electrospray ionization-mass spectrometry; PGC-LCCAD/MS, Porous graphitic carbon-liquid chromatography-charged aerosol detection/mass
spectrometry; HILIC-MS, Hydrophilic interaction liquid chromatography-mass spectrometry;
PACE, Polysaccharide analysis by carbohydrate gel electrophoresis; XPS, X-ray photoelectron
spectroscopy; EPR, Electron paramagnetic resonance
cMethodology

for quantitative analysis needs to be developed and the corresponding standards
need to be produced

7. Project aim
This project aims to study (new) AA9 MtLPMOs and NcLPMOs to provide further insights
into the mode-of-action, substrate cleavage profile and structure-substrate
specificity/regioselectivity correlation. Overall, it is hypothesized that AA9 LPMO
substrate specificity and cleavage profiles correlate to their structural configuration.

8. Thesis outline
In Chapter 1, the background and aim of this project is described. The plant cell wall
architecture and the cell wall polysaccharide degrading enzymes are thoroughly
introduced. The existing studies and knowledge of LPMOs at the time of the beginning
of this thesis (early 2018) are introduced.
In Chapter 2, cellulose specificity and the resulting product profiles are studied for
four AA9 LPMOs. We find that four AA9 LPMOs generate mainly oxidized cellobiose
from bacterial cellulose, while more evenly distributed mixtures of oxidized cellooligosaccharides (DP2‒8) are observed with microcrystalline cellulose and regenerated
amorphous cellulose.
In Chapter 3, mass spectrometric fragmentation behaviors and patterns of (NaBD4reduced) non-, C4- and C1-oxidized cello-oligosaccharides are studied by using
hydrophilic interaction coupled to (negative ion mode) mass spectrometry.
In Chapter 4, we discover a series of novel LPMO products: double, C4 and C6,
oxidized cello-oligosaccharides, aided by NaBD4 reduction, and hydrophilic interaction
chromatography coupled to mass spectrometric analysis.
In Chapter 5, segments around the LPMO active site involved in substrate recognition
are defined. This study also investigates the changes in activity induced by shortening
the second active site segment or removing the CBM1 from Neurospora crassa
LPMO9C.
In Chapter 6, We elucidate multiple structures of oxidized xyloglucan degradation
products released by LPMOs and reveal a correlation between the configuration of
active site segments and xyloglucan specificity of LPMOs. In particular, oxidative
xyloglucan-active LPMOs, which are tolerant and intolerant to xyloglucan substitutions
are structurally and phylogenetically distinguished from xyloglucan-inactive LPMOs.
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In Chapter 7, two new AA9 LPMOs from M. thermophila C1 are characterized. Their
xyloglucan specificity and substitution (in)tolerance are as predicted according to the
active site segment structure-based phylogenetic grouping of AA9 LPMOs described in
Chapter 6. In addition, novel double, C4 and C6, oxidized xylogluco-oligosaccharides
are identified.
In Chapter 8, new AA16 enzymes are found to not have typical LPMO-like catalytic
action towards carbohydrates. However, AA16 enzymes are shown to boost cellulose
active AA9 LPMOs from M. thermophila C1.
In the final Chapter 9, the relevance of this research for future study and application
of LPMOs in the enzymatic degradation of lignocellulosic biomass is discussed.
Furthermore, we discuss new findings in the LPMO field (2018-2021) together with
results obtained in this thesis.
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Abstract
Lytic polysaccharide monooxygenases (LPMOs) are essential for enzymatic conversion
of lignocellulose-rich biomass in the context of biofuels and platform chemicals
production. Considerable insight into the mode of action of LPMOs has been obtained,
but research on cellulose specificity of these enzymes is still limited. Hence, we studied
product profiles of four fungal Auxiliary Activity family 9 (AA9) LPMOs during their
oxidative cleavage of three types of cellulose: bacterial cellulose (BC), Avicel® PH-101
(AVI), and regenerated amorphous cellulose (RAC). We observed that attachment of
a carbohydrate binding module 1 (CBM1) did not change the substrate specificity of
LPMO9B from Myceliophthora thermophila C1 (MtLPMO9B), but stimulated the
degradation of all three types of cellulose. A detailed quantification of oxidized ends in
both soluble and insoluble fractions, and characterization of oxidized cellooligosaccharide patterns, suggested that MtLPMO9B generates mainly oxidized
cellobiose from BC, while producing oxidized cello-oligosaccharides from AVI and RAC
ranged more randomly from DP2‒8. Comparable product profiles, resulting from BC,
AVI and RAC oxidation, were found for three other AA9 LPMOs. These distinct cleavage
profiles highlight cellulose-specificity rather than an LPMO dependent mechanism, and
may further reflect that the product profiles of AA9 LPMOs are modulated by different
cellulose types.

Keywords
Biomass; Biorefinery; Cellulose; Auxiliary Activity (AA); Lytic Polysaccharide
Monooxygenase (LPMO); Carbohydrate Binding Module (CBM); Oxidized cellooligosaccharide; Product profile
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1. Introduction
Lignocellulose-rich biomass has been recognized as a sustainable source to produce
fuels, chemicals and materials, which will, eventually, contribute to replacement of
non-renewable fossil based products (1). A key step in this biorefinery concept is the
degradation of abundantly present cell wall polysaccharides (e.g., cellulose and
hemicellulose) into fermentable monomeric sugars (2). This widely studied process is
optimal when using an enzymatic cocktail of (hemi-)cellulases and lytic polysaccharide
monooxygenases (LPMOs) (3). LPMOs are copper-dependent enzymes and currently
classified into sequence-based “Auxiliary Activity” families AA9‒11 and AA13‒16 in the
Carbohydrate-Active enZymes (CAZy) database (http://www.cazy.org) (4). In this
study we focus on LPMOs from the largest AA family (e.g., AA9). So far AA9 LPMOs
are all fungal enzymes and active on cellulose (5). Although in the last decade much
research has been conducted to disclose the catalytic mechanisms and structural
features of AA9 LPMOs (6), insight into cellulose specificity (e.g., towards different
cellulose types) and corresponding product profiles is still limited. Assigning such
properties to individual LPMOs, and highlighting their specific product profiles, is a
prerequisite to find the most appropriate candidates for envisaged applications.
AA9 LPMOs catalyze the hydroxylation of either C1- , C4- , or both C1- and C4-carbon
positions (i.e. defining their regioselectivity) in cellulose using O2 and/or H2O2 as cosubstrate and an external electron donor (e.g., ascorbic acid) (6). Several studies have
proposed that the regioselectivity for C1- or C4-oxidation depends on how LPMOs bind
to their substrate (7). In addition, LPMOs can be connected to a carbohydrate binding
module (CBM), and, as suggested in several studies, this might influence the
regioselectivity of oxidation (5). It has been reported that roughly one fifth of AA9
LPMOs are fused to a C-terminal cellulose specific CBM1 via a flexible linker (8).
Apart from regioselectivity, AA9 LPMOs exhibit substrate specificity. Some AA9 LPMOs
were reported to cleave xyloglucan, glucomannan, mixed β-(1→3, 1→4)-linked glucan,
(cellulose-associated) xylan and even soluble cello-oligosaccharides, all in addition to
cellulose (5). To understand if substrate specificity correlates with AA9 LPMO structural
elements surrounding the active sites, a structure-based multiple sequence alignment
and phylogenetic analysis have been performed for some AA9 LPMOs (9). Five
segments surrounding the active site were linked to substrate recognition (9).
Moreover, through this structure-function analysis, oxidative xyloglucan-active LPMOs,
being tolerant or intolerant to xyloglucan substitutions, could be distinguished from
cellulose-specific LPMOs (10). So far, details about the specificity of AA9 LPMOs
towards various types of cellulose have remained elusive.
Cellulose is a homopolymer consisting of β-(1→4)-linked linear glucan chains (11). In
plant cell walls, the linear glucan chains of cellulose are assembled via hydrogen bonds
and van der Waals forces to form crystalline microfibrils (11). The chain length of
cellulose can be expressed by the degree of polymerization (DP) (11). Depending on
the source, the treatment and the assays used, DP values of cellulose vary from 300
to 15000 (12). Commercial cellulose is usually extracted and purified from
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lignocellulose-rich biomass and the most widely applied type is microcrystalline
cellulose (e.g., Avicel® PH-101 (AVI)) (13). Microcrystalline cellulose can be used to
prepare other cellulosic substrates with different properties (e.g., low crystallinity)
such as phosphoric acid swollen cellulose (PASC) and regenerated amorphous cellulose
(RAC) (14, 15). In addition, bacteria are known to synthesize a type of cellulose (e.g.,
bacterial cellulose (BC)), which differs from plant cell wall-derived cellulose in degree
of polymerization, crystallinity and morphology, as described elsewhere (15, 16).
As mentioned above, AA9 LPMO cleavage profiles, or product profiles, of different types
of cellulose have not been studied in detail. One of the main reasons is that most
analytical techniques are only suitable to analyze soluble compounds and cannot be
used to analyze insoluble cellulose directly. For that reason, the LPMO catalytic action
towards cellulose has mainly been monitored with imaging techniques, for example,
atomic force microscopy (17). Although this technique unravels interesting physical
changes of the substrate, it does not provide data at the molecular level needed to
study cleavage profiles.
In this study, we used three AA9 LPMOs from Myceliophthora thermophila C1
(MtLPMOs) and one AA9 LPMO from Neurospora crassa (NcLPMO9M), which differ in
the presence or absence of CBM1, regioselectivity and substrate specificity (Table S1).
We analyzed their cellulose degradation profiles and detailed specificity towards AVI,
RAC, and BC by quantifying formed oxidized ends over time (in supernatant and
residual cellulose) and profiling the soluble oxidized cello-oligosaccharides. We found
that four AA9 LPMOs generated mainly oxidized cellobiose from BC, while more evenly
distributed mixtures of oxidized cello-oligosaccharide (e.g., DP2‒8) were observed for
AVI and RAC. The cellulose specificity and product profiles of four AA9 LPMOs were
modulated by the type of cellulose rather than being LPMO type dependent.

2. Materials and methods
2.1. Carbohydrate standards, cellulose type and other chemicals
D-Glucose, D-gluconic

acid (GlcOx#_1) and β-glucosidase from almond (9.3 U/mg,
lyophilized powder) were purchased from Sigma-Aldrich (St. Louis, Missouri, USA).
Ascorbic acid (Asc) was purchased from VWR International (Radnor, Pennsylvania,
USA). D-Cellobionic acid (GlcOx#_2) ammonium salt was purchased from Toronto
Research Chemicals (Toronto, Ontario, Canada). Water used in all experiments was
produced via a Milli-Q system (Millipore, Molsheim, France). Bacterial cellulose (BC)
was produced by Komagataeibacter xylinus and prepared as described by Valenzuela
et al. (15). Regenerated amorphous cellulose (RAC) was prepared from AVI (Avicel®
PH-101, Sigma-Aldrich) as described previously (18, 19). Other carbohydrates were
purchased from either Sigma-Aldrich or Megazyme (Bray, Ireland). Cellulase cocktails
of Celluclast® 1.5 L and Accellerase® BG were obtained from Novozymes (Bagsværd,
Denmark) and Genencor (Palo Alto, California, USA), respectively.
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2.2. Enzyme production and purification
The genes encoding MtLPMO9B (Mt9B+, MYCTH_80312; UniProt ID, G2QCJ3) and the
one with the truncated linker and CBM1 domain (Mt9B-), were homologously expressed
in a low protease/(hemi-) cellulose producing Myceliophthora thermophila C1 strain
(IFF Nutrition & Biosciences, Leiden, The Netherlands), as described elsewhere (20,
21). Mt9B+ and Mt9B- were purified in three subsequent chromatographic steps (see
Supplementary Information for more detail). The production and purification of
MtLPMO9I, MtLPMO9H and NcLPMO9M are also described in the Supplementary
Information.

2.3. Incubation of different cellulose types with AA9 LPMOs
2.3.1. HPSEC analysis for molecular weight distribution of (degraded)
TXG
Three cellulose types (BC, AVI and RAC) were suspended in 50 mM ammonium acetate
buffer (pH 5.0) in the absence or presence of 1 mM ascorbic acid (Asc, final
concentration). Subsequently, Mt9B+ and Mt9B- were added to the corresponding
mixtures at a final concentration of 0.75 µM. The time-course incubations (1, 2, 4, 6,
16 and 24 h) with BC and AVI were prepared in separate 2 mL Eppendorf tubes
(Hamburg, Germany) with final volumes of 1 mL, while the time-course incubations
with RAC were prepared in 15 mL Greiner tubes (Lake Forest, Illinois, USA) with final
volumes of 3 mL. BC and AVI samples were incubated in the Eppendorf Thermomixer®
Comfort at 800 rpm, placed in an almost vertical direction, and RAC samples were
incubated in a head-over-tail disk rotator under 25 rpm at 30 or 50 °C. Incubations
performed in either a thermomixer or in a head-over-tail disk rotator resulted in
comparable outcomes (not shown). Control samples containing either cellulose and
enzymes without Asc, or with 1 mM Asc were incubated accordingly in the same way.
At each time point, a 0.5 mL RAC sample was taken out from the tube and BC/AVI
samples were removed from the incubators. The incubation was stopped by separation
of supernatant (SUP) from the residue (RES) directly after centrifugation at 22000 ×
g for 10 minutes at 4 °C. SUP and RES of all time points were stored at -20 °C for
further analysis. Another batch of BC and RAC end-point (24 h) incubations with
MtLPMO9I, MtLPMO9H and NcLPMO9M was performed in the same way (only at 30 °C)
as described above. All incubations were performed in duplicate and SUP was diluted
five times prior to high performance anion exchange chromatography (HPAEC) analysis
for oligosaccharide profiling.

2.4. Quantification of gluconic acid and cellobionic acid in the
sample supernatant
To investigate the amounts of C1-oxidized ends in the supernatant of the samples,
(C1-oxidized) cello-oligosaccharides were hydrolyzed by β-glucosidase to GlcOx#_1
and GlcOx#_2 which were quantified by using HPAEC. β-Glucosidase hydrolysis was
performed by following a previously described method with the following modifications
(22). β-Glucosidase was firstly dissolved in 62.5 mM ammonium acetate (pH 5.0)
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buffer to give a 2.5 U/mL stock solution. Subsequently, 400 µL β-glucosidase stock
solution was mixed with 100 µL SUP from each sample of time-course incubation of
BC, AVI and RAC with Mt9B+ or Mt9B-, and control samples to a concentration of 1
U/mL. The reaction was incubated in an Eppendorf Thermomixer® Comfort at 800 rpm
at 37 °C for 24 h. The amount of released GlcOx#_1 and GlcOx#_2 in SUP were
quantified by using HPAEC with calibration curves of known concentrations (0‒50
µg/mL each) of GlcOx#_1 and GlcOx#_2. β-glucosidase hydrolyzed samples were
diluted five times for HPAEC analysis.

2.5. Quantification
cellulose

of

gluconic

acid

released

from

residual

To investigate the amounts of C1-oxidized ends in the residual cellulose, RES was
hydrolyzed by a commercial cellulase cocktail to GlcOx#_1, which was quantified by
using HPAEC. Cellulase cocktail hydrolysis of residual cellulose was carried out based
on a previously described method (22). Celluclast® 1.5 L and Accellerase® BG were
fractionated by size-exclusion chromatography (SEC) to discard fractions with
impurities which disturb the HPAEC quantification of gluconic acid. The fractionation of
Celluclast® 1.5 L and Accellerase® BG is described in the Supplementary Information.
Cellulase cocktail stock solution was firstly prepared by mixing purified Celluclast® 1.5
L (final concentration of 2.5 mg/mL; 1.25 mg protein/mg residue) and Accellerase®
BG (final concentration of 1 mg/mL; 0.5 mg protein/mg residue) with 50 ammonium
acetate (pH 5.0) buffer. Subsequently, 500 µL cellulase cocktail stock solution was
mixed with RES from each sample of time-course incubation of BC, AVI and RAC with
Mt9B+ or Mt9B-, and control samples. Due to the removal of SUP after centrifugation
and addition of 500 µL Asc-free cellulase cocktail stock solution, only trace amounts of
Asc remained in RES, which is too low to drive the Mt9B+ and Mt9B- reactions to
confound the results of RES hydrolysis. The hydrolysis was incubated in an Eppendorf
Thermomixer® Comfort at 800 rpm at 50 °C for 48 h. The amount of released GlcOx#_1
in RES was quantified by using HPAEC with calibration curves of known concentrations
(0‒50 µg/mL) of GlcOx#_1 standard. Samples hydrolyzed by the cellulase cocktail were
diluted ten times prior to HPAEC analysis.

2.6. HPAEC analysis for gluconic acid and cellobionic
quantification and for oligosaccharide profiling

acid

GlcOx#_1, GlcOx#_2 and (oxidized) cello-oligosaccharides were analyzed by HPAEC.
The analysis was performed on an ICS-5000 system (Dionex, Sunnyvale, California,
USA) equipped with a CarboPac PA-1 column (2 mm ID ×250 mm; Dionex) in
combination with a CarboPac PA guard column (2 mm ID ×50 mm; Dionex). The
system was equipped with pulsed amperometric detection (PAD). Mobile phases were
(A) 0.1 M NaOH and (B) 1 M NaOAc in 0.1 M NaOH. The column temperature was set
to 20 °C and two elution programs were used. For the quantification of GlcOx#_1 (and
GlcOx#_2), a 35 min elution program was used as described previously (22).
For profiling the (oxidized) cello-oligosaccharides, a 65 min elution profile was applied,
as also described previously (18, 23). After HPAEC-PAD profiling, the peak area of each
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DP of C1-oxidized cello-oligosaccharide present in SUP from all time-point incubations
was manually integrated and recorded. Total peak area (calculated by the sum of all
DPs) in each 24 h incubation sample was set as 100% and the percentage of each DP
of C1-oxidized cello-oligosaccharide in other time-course incubated samples was
expressed accordingly.

3. Results and discussion
3.1. Substrate specificity screening of Mt9B+ and Mt9BThe substrate specificity of the purified Mt9B+ and Mt9B- (Fig. S1) was screened with
a wide range of carbohydrates (the experimental set-up is described in the Supporting
information), and results are shown in Table 1. Mt9B+ and Mt9B- were free of cellulase
side-activity as shown in Fig. S2. In the presence of Asc, Mt9B+ and Mt9B- produced a
range of detectable C1-oxidized cello-oligosaccharides from all four types of cellulose
(limited activity towards carboxymethyl cellulose. Data not shown). Since both Mt9B+
and Mt9B- released C1-oxidized cello-oligosaccharides, it was concluded that the CBM1
had no effect on the regioselectivity of oxidation of MtLPMO9B. No activity of Mt9B+ or
Table 1. Carbohydrate activity screening of Mt9B+ and Mt9B-, in the presence of Asc.
Oxidized oligosaccharides observed (+) or not (-) (in the presence of 1 mM Asc)
Substrate
GlcOx_na

Mt9B+
HemiOx_nb

GlcOx_na

Mt9BHemiOx_nb

Cellulose
BC
AVI

+
+

-

+
+

-

RAC

+

-

+

-

+

-

+

-

Xyloglucan (tamarind)
β-glucan (barley)

-

-

-

-

β-glucan (oat spelt)
Xylan (oat spelt)

-

-

-

-

Xylan (birchwood)

-

-

-

-

Arabinoxylan (wheat)
Mannan (acacia)

-

-

-

-

Galactan (potato)
Glucomannan (konjac)

-

-

-

-

Carboxymethyl cellulose
Hemicellulose

Arabinan (sugar beet)
Laminarin (Laminaria digitata)
RAC/Hemicellulose combination
RAC + Xyloglucan (tamarind)
RAC + Xylan (birchwood)

-

-

-

-

-

-

-

-

+
+

-

+
+

-

Oligosaccharides
Cello-oligosaccharides (DP2‒6)
Xylo-oligosaccharides (DP2‒6)
aGlcOx_n: oxidized cello-oligosaccharides
bHemiOx_n: oxidized hemicello-oligosaccharides from the corresponding hemicellulose

-
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Mt9B- was detected for any of the hemicellulosic substrates tested, not even in
mixtures with RAC. Given the lack of activity on soluble cello-oligosaccharides, both
Mt9B+ and Mt9B- were concluded to be specifically active towards polymeric cellulosic
structures. Similar results for Mt9B+ were described by Frommhagen et al. (23),
although in the current study a more extensive substrate screening was performed.
The influence of a CBM1 on the regioselectivity of oxidation has previously been
investigated for several AA9 LPMOs (17, 24-26). Danneels et al. and Laurent and Sun
et al. reported that removal of a CBM1 from HjLPMO9A and NcLPMO9C did not alter
their regioselectivity towards cellulose (9, 25). In another study, although the
regioselectivity was not changed, the ratio between C1- and C4-oxidized cellooligosaccharides released by PaLPMO9H with and without a CBM1 was different (17).
Little is known about the influence of the presence of a CBM on the substrate specificity
of AA9 LPMOs. Only for NcLPMO9C it was reported that the substrate specificity did
not change after truncation of its CBM1 (24). Thus, more detailed characterization is
required for a better understanding of the catalytic performance of AA9 LPMOs with
different cellulose substrates.

3.2. CBM1 promotes the MtLPMO9B cellulose degradation
As Mt9B+ or Mt9B- showed only oxidative cleavage of different cellulose types, we
further investigated their binding affinity (the experimental set-up is descried in the
Supplementary Information) and oxidative cleavage towards BC, AVI and RAC. As
shown in Table S2, the amount of cellulose-bound Mt9B+ was higher compared to
Mt9B- in all BC, AVI and RAC samples at both 30 °C and 50 °C. This is in line with
other LPMO studies where the presence of CBM1 resulted in more protein binding per
gram of substrate (9, 27-30).
To quantify the oxidative cleavage of Mt9B+ or Mt9B- over time, soluble (C1-oxidized)
cello-oligosaccharides in SUP, and the insoluble (oxidized) cellulose in RES, were
hydrolyzed by β-glucosidase and a cellulase cocktail, respectively. Subsequently,
GlcOx#_1 and GlcOx#_2, were quantified to indicate the level of oxidation. A previous
study from our laboratory showed that both GlcOx#_1 and GlcOx#_2 were released
from cello-oligosaccharides by β-glucosidase and that only GlcOx#_1 was released by
the cellulase cocktail (22). In addition, full hydrolysis of RES from BC and RAC was
achieved. Although only ~67% of AVI were hydrolyzed under the same conditions (Fig.
S3), it is still able to compare the results of AVI hydrolysis to results obtained from BC
and RAC hydrolysis.
The quantification of the time-dependent oxidative cleavage of the different cellulose
types by Mt9B+ or Mt9B- is shown in Fig. 1 and Fig. S4 for incubations at 30 °C and
50 °C, respectively. At 30 °C (Fig. 1 and Table S3), Mt9B+ produced a much higher
amount of GlcOx#_1 & 2 from BC (up to ~89 µg/mL) and AVI (up to ~19 µg/mL)
compared to the amount released by Mt9B- (~21 µg/mL from BC and ~3 µg/mL from
AVI) in 24 h. For the RAC-digests, Mt9B- released higher amounts of oxidized products
than Mt9B+ in early time points (till 6 h) at 30 °C. After 6 h, Mt9B- did not release
more GlcOx#_1 & 2 while Mt9B+ continued generating GlcOx#_1 & 2. At 50 °C (Fig. S4
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and Table S4), Mt9B- almost stopped releasing more GlcOx#_1 & 2 from all BC, AVI
and RAC after 4 h, while Mt9B+ still generated GlcOx#_1 & 2 (except AVI). Nevertheless,
at 50 °C, the total amount of GlcOx#_1 & 2 in Mt9B+ samples (~86 µg/mL from BC,
~6 µg/mL from AVI and ~56 µg/mL from RAC) was much higher compared to the total
amount in Mt9B- samples (~18 µg/mL from BC, ~1 µg/mL from AVI and ~8 µg/mL
from RAC), and after 24 h the difference was even larger than at 30 °C.
In summary, the oxidative cleavage by MtLPMO9B towards cellulose was modulated
and influenced by the type of cellulose, CBM1 as well as temperature. Overall, the
amount of GlcOx#_1 & 2 differed between the three types of cellulose, hinting at a
different cellulose specific behavior. This result will be discussed further below. At an
elevated temperature (50 °C), the cellulose specificity was still observed, however,
based on the observation that oxidative cleavage stopped, the inactivation of
MtLPMO9B was more pronounced compared to incubations at 30 °C. This was
particularly striking for Mt9B- lacking CBM1. In addition, a larger difference in the
amount of oxidized products obtained by Mt9B+ and Mt9B- was observed after
summation of the amounts in SUP and RES at 50 °C, compared to that at 30 °C. This
further suggests that the CBM1 might stabilize or “help” the MtLPMO9B to act more
pronounced and reduce the inactivation at an elevated temperature. A similar
suggestion was reported for BcLPMO10A, a bacterial LPMO, for which it has been shown
that removal of its CBM5 leads to fast enzyme inactivation, and, thus, decrease of
oxidative cleavage (31). In addition to stabilization, it has been reported that CBMdriven substrate binding concentrates the LPMO on the substrate, which might further
explain the observed higher amount of degradation products for Mt9B+ compared to
Mt9B- (26-30, 32).

Fig. 1. Amount of gluconic acid (GlcOx#_1) and cellobionic acid (GlcOx#_2) generated from BC,
AVI and RAC by Mt9B+ and Mt9B- after subsequent hydrolysis, in supernatant (SUP, blue), residue
(RES, green) and the sum of both (TOT, red) over time at 30 °C. Error bars (grey) indicate the
standard deviations (± std) of duplicate incubations. Amount of GlcOx#_1 and GlcOx#_2 generated
from BC, AVI and RAC by Mt9B+ and Mt9B- after subsequent hydrolysis over time at 50 °C is
shown in Figure S4.
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Next, based on the results shown in Fig. 1, to further investigate the influence of
cellulose types on the oxidized products released by LPMOs, the amounts of GlcOx#_1
& 2 present in SUP were calculated as percentages (%-Ox) of the total amount (TOT).
This was done in order to mimic the parameter “percentage of soluble reducing sugar
(%-Sugar)” used to describe the catalytic performance of cellulases in a filter paper
assay (33-39). For both, Mt9B+ and Mt9B-, the %-Ox was higher than 95% in the BC
digests, at 30 °C and 50 °C. However, the %-Ox decreased to approximately 85% and
62% in Mt9B+-AVI and -RAC digests (30 °C; 24 h), respectively, while at 50 °C it
changed to approximately 75% and 80%, respectively. Likewise, in Mt9B--AVI and RAC digests, the %-Ox decreased to approximately 65% and 82% (30 °C; 24 h),
respectively, while at 50°C Mt9B--AVI and RAC digests were not representative due to
the early inactivated Mt9B-. The difference of %-Ox in Mt9B+- and Mt9B--AVI and RAC
digests might relate to a more pronounced binding of CBM1 to crystalline cellulose
than to RAC (40, 41). Courtade et al. observed a higher fraction of %-Ox in a full
length ScLPMO10C-AVI digest compared to a CBM-truncated ScAA10-AVI digest (at
comparable substrate concentration), which has been explained by the immobilizing
effect of the CBM (28). This effect, as suggested by the authors, could keep the LPMO
catalytic domain in a certain cellulose area, and, hereby, increases the chance for two
(or more) cuts in the same cellulose chain (28). Indeed, the higher %-Ox from Mt9B+AVI digest than Mt9B--AVI digest might result from such immobilizing effect of CBM1.
However, in contrast, product profiles obtained were similar for Mt9B+and Mt9B-, and
are further discussed in the later sections.
For cellulases, exo-cleavage and a processive catalytic action is considered if the
parameter %-Sugar is higher than 90%, while 50%‒70% reflects a more endocleavage and random-like action (35-37, 42). Due to the distinct structure and catalytic
mechanisms compared to cellulases, LPMOs are not expected to act in a processive
manner. However, the different %-Ox from BC, AVI and RAC still indicate that the
catalytic performance of MtLPMO9B (both Mt9B+ and Mt9B-) is modulated by the type
of cellulose. To gain more insight into the mode of cleavage of the three types of
cellulose, corresponding product profiles were studied in detail.

3.3. Distinct product profiles of oxidized cello-oligosaccharide
released from different cellulose types
Soluble oxidized cello-oligosaccharides formed at 24 h in BC, AVI and RAC (30 °C and
50 °C) were analyzed by HPAEC-PAD and the corresponding chromatograms are shown
in Fig. 2 and Fig. S5. Overall, non- and C1-oxidized cello-oligosaccharides (GlcOx#_n)
were detected in the incubations of all three cellulose types with Mt9B+ and Mt9B-.
However, the product profiles of C1-oxidized cello-oligosaccharides were different
among BC, AVI and RAC samples. In both Mt9B+- and Mt9B--BC samples, GlcOx#_2
was most pronounced followed by GlcOx#_3 and GlcOx#_4, at both 30°C and 50 °C
(Fig. 2 and Fig. S5). Only very low amounts of GlcOx#_5 to GlcOx#_8 were detected,
indicating that both Mt9B+ and Mt9B- formed mainly short oligosaccharides from BC.
For the Mt9B+-AVI samples (Fig. 2 and Fig. S5), again mainly GlcOx#_2‒GlcOx#_4
were formed, but the ratio between GlcOx#_5‒GlcOx#_8 and GlcOx#_2‒GlcOx#_4
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increased. At 30 °C and 50 °C, the amount of oxidized cello-oligosaccharides in Mt9B-AVI sample was too low to see clear patterns. In comparison to the BC and AVI
samples, a more even distribution pattern of GlcOx#_2‒GlcOx#_8 products was
observed in Mt9B+- and Mt9B--RAC samples.
Fig. 2. HPAEC elution patterns of
supernatants (SUP) from BC, AVI and RAC
digests (24 h incubation) of Mt9B+ and
Mt9B- in the presence of Asc at 30 °C.
HPAEC elution patterns of supernatants
generated at 50 °C are shown in Fig. S5.
HPAEC chromatogram from one of the
duplicate samples is shown here, as they
are identical. Annotation of non- (Glc_2 to
Glc_6)
and
C1-oxidized
cellooligosaccharides (GlcOx#_2 to GlcOx#_8)
is based on the previous study (18, 23).
In
this
study,
C1-oxidized
cellooligosaccharides are the most relevant
and their elution range is located in a
brown frame. Due to the presence of
carboxylic acid end in the C1-oxidized
cello-oligosaccharides, they bind stronger
to the HPAEC column and thus are eluted
later in HPAEC compared to non-oxidized
cello-oligosaccharides.
A
standard
containing a mixture of Glc_1 to Glc_6
(from left to right in chromatogram) is
shown in black. SUP of control incubations
is shown in Fig. S2.

To further investigate the product profiles of BC, AVI and RAC digests, we quantified
each DP of oxidized cello-oligosaccharides formed over time. Due to the lack of
GlcOx#_3‒GlcOx#_8 standards, quantification was based on the peak area of each DP
and expressed as the percentage of total peak area of oxidized cello-oligosaccharides
from the corresponding 24 h sample (Fig. 3 and Fig. S6). In line with the previously
described patterns, both Mt9B+ and Mt9B- predominantly released GlcOx#_2 (>60%)
followed by GlcOx#_4 (~20%) and GlcOx#_3 (~10‒15%) from BC over time at 30 °C
(Fig. 3).
In the AVI samples, GlcOx#_2 and GlcOx#_4 reflected the main products, however,
the proportion of larger GlcOx# products was higher than in the BC samples (Fig. 3).
In the RAC samples, the percentages of GlcOx#_2 and GlcOx#_4 were the lowest at
all-time points (Fig. 3). Additionally, compared to the BC and AVI samples, the
proportion of higher DP oxidized cello-oligosaccharides (DP5‒8) increased in the RAC
samples, while the AVI-based product profiles represent an intermediate situation. As
described in the previous section, the immobilizing effect of a CBM is also expected to
result in smaller oxidized products, as shown by higher percentage of GlcOx#_2‒
GlcOx#_4 in the full-length ScLPMO-AVI digest compared to the CBM-truncated
ScAA10-AVI digest (28). In that study the authors suggest that, when a CBM is
present, the chance of multiple cleavages in the same cellulose chain is higher, and
thus, shorter oxidized cello-oligosaccharides can be expected (28). However, our data
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do not show such difference in product profiles for the full length and CBM-truncated
LPMO used, and, hence, we cannot conclude that product profiles are CBM dependent.
These distinct profiles from BC, AVI and RAC samples at 30 °C were found to be similar
in the BC, AVI and RAC digests with Mt9B+ and Mt9B- at 50 °C (Fig. S6), though the
amounts of each DP were different compared to the samples at 30 °C.

Fig. 3. Relative quantification of peak area of each DP of oxidized cello-oligosaccharides (GlcOx#_2
to GlcOx#_8) generated by Mt9B+ and Mt9B- from the time-course incubation with BC, AVI and
RAC at 30 °C. Total peak area of each 24 h sample was set to 100%. Relative quantification of
peak area of released oxidized cello-oligosaccharides at 50 °C is shown in Fig. S6. Error bars for
each DP of oxidized cello-oligosaccharides indicate the standard deviations (± std) of duplicate
incubations.

To further substantiate that the mode of cleavage may relate to the type of cellulose,
rather than to the type of LPMO, cellulose-digests of three other AA9 LPMOs were
compared to those from MtLPMO9B. These three others (Table S1) were the previously
characterized C1-oxidizing MtLPMO9I (no CBM) (18), C1-/C4-oxidizing MtLPMO9H
(having a CBM1) (43), and C1-/C4-oxidizing NcLPMO9M (no CBM) (44), BC and RAC
digests with these three LPMOs (24 h and 30 °C) were analyzed by HPAEC (Fig. 4).
Similar to the product profiles in MtLPMO9B-BC digests, MtLPMO9I generated mainly
short oxidized cello-oligosaccharides (DP2‒4) from BC, while all DPs of oxidized cellooligosaccharides were present in a more evenly distributed pattern in the RAC sample
(Fig. 4). In MtLPMO9H- and NcLPMO9M-BC digests, short (C4-oxidized) cellooligosaccharides (GlcOx*_n‒GlcOx*_n+2) were predominant. Again, more even
distribution profiles (of C4-oxidized cello-oligosaccharides) were seen in their RACdigests. The concentration of C1-oxidized products released by MtLPMO9H and
NcLPMO9M were too low to observe a clear cleavage pattern. These results indicate
that not only MtLPMO9B (with and without a CBM1), but also other AA9 LPMOs
generate distinct cellulose degradation product profiles ranging from mainly oxidized
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cellobiose towards BC, to a more even distribution towards RAC. In addition, estimated
from their peak areas, MtLPMO9I and NcLPMO9M released the highest quantities of
oxidized products from RAC, whereas CBM1-containing MtLPMO9H released most
oxidized products from BC.
Fig. 4. HPAEC elution patterns of
supernatants (SUP) from the incubation
of BC (red) and RAC (blue) with
MtLPMO9I (a and b), MtLPMO9H (c and
d) and NcLPMO9M (e and f). SUP of
control incubations (BC+Asc (g) and
RAC+Asc (h)) and cello-oligosaccharide
standard (i) are shown in gray solid
lines and dashed line, respectively.

3.4. Proposed scenario of MtLPMO9B in degrading different
cellulose types
As described above, the AA9 LPMO cellulose degradation profiles were mainly
dependent on the type of cellulose used. BC, AVI and RAC have been reported to vary
in surface area, crystallinity, DP and three-dimensional structure (13, 16, 45-53). In
general, BC and AVI have a similarly high crystallinity (15, 16, 45); the crystallinity
index (CrI (%)) of BC and AVI was determined as 95.7 ± 0.5 and 92.7 ± 1.1,
respectively (15). RAC has been shown to be completely amorphous due to the high
concentration of phosphoric acid (86.2% wt/v) used to produce RAC (14). In a previous
study, CrI (%) of RAC was determined in a dried state (67.4 ± 1.6) explaining the
rather high value obtained (i.e., due to recrystallization during the drying process)
(15). Compared to AVI, BC has a larger surface area and, therefore, has a higher
accessibility (16, 45, 54, 55). Further, BC consists of long ribbon-like microfibers with
DPs ranging from 2000 to 6000, while AVI microfibers are shorter and thicker with a
much lower DP (100‒300) (13, 16, 49-53). In addition, BC resembles a more wellarranged network compared to AVI (15, 16, 45). Gromovykh et al. suggested that the
BC network forms three-dimensional layers of hollow cylinders, and each layer turns a
small angle (56). For RAC, no typical DP lengths have been reported, but it can be
expected that the DP of RAC-chains are shorter and more exposed compared to AVI
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seen the process conditions (e.g., use of phosphoric acid) to produce RAC from AVI
(14, 57).

Fig. 5. Schematic representation of the proposed scenario of MtLPMO9B oxidative cleavage
towards BC (A), AVI (B) and RAC (C). “n” indicates the number of repeating units. It should be
noted that Fig. 5 presents a generic and schematic representation in two-dimensions, and might
oversimplify how LPMOs cleave within cellulose chains.

Based on the distinct characteristics of BC, AVI and RAC, together with our results, we
propose different scenarios of how MtLPMO9B oxidatively cleaves various cellulose
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types, as schematically depicted in Fig. 5. Based on the model suggested by
Gromovykh et al (56). we propose that MtLPMO9B mainly cleaves the “connecting”
region between layers. In between layers more chain ends can be expected, compared
to the “layer” region, which might explain the pronounced formation of (oxidized)
cellobiose (Fig. 5a). This scenario corresponds to the product profiles found in the BC
digests, mainly reflecting formation of oxidized DP2‒4 cello-oligosaccharides (oxidized
cellobiose >60%) (Fig. 2‒4) and an %-Ox of over 95% (Fig. 1). Next, we propose a
scenario of the MtLPMO9B towards AVI (Fig. 5b). Due to the lower homogeneity and
shorter chain lengths, compared to BC, the MtLPMO9B has less chance to stay active
on AVI, resulting in formation of larger DPs of oxidized cello-oligosaccharides (Fig. 2‒
4), and an %-Ox of 60% to 80% (Fig. 1). Still, oxidized DP2‒4 cello-oligosaccharides
were most pronounced in these AVI-digests (Fig. 2‒4). For the amorphous and
homogenous RAC with more exposed glucan chains, we suggest that the LPMO has
more chance to cleave in the middle of RAC-chains compared to the packed fibrous
structure of BC and AVI (Fig. 5c). Due to the lower DP of RAC compared to the DP of
AVI, the polymeric cellulose chain more easily becomes soluble. This would explain
why a more evenly distributed oxidized cello-oligosaccharide profile (Fig. 2‒4) is
observed from the RAC digests compared to the BC and AVI digests.
The proposed scenario is mainly based on quantification data of oxidized ends, oxidized
cello-oligosaccharide profiles, and morphological properties of the used cellulose types.
Other factors, for example, how long LPMOs (i.e., with or without CBM) stay on the
substrate are also important to consider, but not included in our model.

4. Conclusions
In this study, we compared several AA9 LPMOs for their reactivity with different types
of cellulose and found that the substrate specificity and regioselectivity of the cleavage
site were not altered by the presence of a CBM1. We also found that the CBM1
increased the release of oxidized cello-oligosaccharides by MtLPMO9B, especially at
the elevated temperature. This increased release corresponds an increased binding
affinity towards the substrates due to the presence of a CBM1. Intriguingly, the length
of the released cello-oligosaccharide was dependent on the characteristics of the
cellulose type. From BC mainly oxidized cellobiose was released, regardless the
presence of CBM1, while from RAC and AVI a more evenly distributed mixture of
oxidized cello-oligosaccharides (DP2‒8) was obtained. Our study highlights the
importance of considering biopolymeric substrate characteristics when cleavage
profiles and kinetics of AA9 LPMOs are studied.
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6. Supplementary information
6.1. Supplementary materials and methods
6.1.1. Purification of Mt9B+ and Mt9BMt9B+ and Mt9B- were purified in three subsequent chromatographic steps. The initial
anion exchange chromatography (AEC) and cation exchange chromatography (CEC)
steps were the same as described previously (1). The final CEC was performed with
the following modifications. Mt9B+ and Mt9B- obtained after the first CEC step were
diluted two times with water before subjecting them to a Resource S column (30 × 16
mm internal diameter, GE Healthcare, Uppsala, Sweden) using an ÄKTA-Micro
chromatography system (GE Healthcare). The column was pre-equilibrated with 10
mM sodium acetate buffer (pH 5.0). By using a flow rate of 1 mL/min, the unbound
fraction was washed (three column volumes) and elution was performed by using a
linear gradient from 0 to 0.5 M NaCl in 10 mM sodium acetate buffer pH 5.0 over one
column volume. All unbound and eluted fractions (size 1 mL) were collected and
immediately stored on ice. Peak fractions (based on UV 280 nm) were adjusted to a
concentration of 2 mg/mL (determined by using Pierce™ BCA Protein Assay Kit (SigmaAldrich) and analyzed by sodium dodecyl sulfate-polyacrylamide gel electrophoresis
(SDS-PAGE) as described previously (2). The fractions containing either pure Mt9B+ or
pure Mt9B- were used for enzyme incubations.

6.1.2. Production
NcLPMO9M

and

purification

of

MtLPMO9I,

MtLPMO9H

and

The genes encoding MtLPMO9I (MTCTH_2299721, UniProt ID: G2Q774) and
MtLPMO9H (MYCTH_46583, UniProt ID: G2Q9T3) were homologously expressed in a
low protease/low (hemi-) cellulose producing Myceliophthora thermophila C1 strain
(IFF Nutrition & Biosciences, Leiden, The Netherlands), as described elsewhere (3, 4).
The purification of MtLPMO9I has been described previously (5).
MtLPMO9H was purified by three subsequent chromatographic steps. Crude
MtLPMO9H-rich fermentation broth was filtrated and dialyzed against 10 mM potassium
phosphate buffer pH 7.6 before chromatographic purification. The dialyzed MtLPMO9H
was purified by AEC followed by size exclusion chromatography (SEC). Purification
settings and elution program of AEC and SEC have been described previously (5). The
SEC-purified MtLPMO9H-containing fractions were further purified by CEC on an ÄKTAMicro preparative chromatography system (GE Healthcare). MtLPMO9H-containing
fractions were loaded on a Resource Q column (30 × 16 mm internal diameter, GE
Healthcare) pre-equilibrated with 10 mM sodium acetate buffer pH 4.5 (eluent A). The
unbound fraction was firstly washed (one column volume). Eluent B was 10 mM sodium
acetate buffer (pH 4.5) containing 500 mM NaCl (eluent B). Elution (flow rate of 1
mL/min) was performed as follows: from 0% to 25% B in two column volumes; 25%
B for one column volume; next 25% to 100% B over two column volumes and finally
100% B for four column volumes. All fractions were collected and immediately stored
on ice. Peak fractions (based on UV 280 nm) were adjusted to an approximate
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concentration of 2 mg/mL determined by BCA assay and analyzed by SDS-PAGE, as
described previously (2) to determine the MtLPMO9H fractions. CEC-purified
MtLPMO9H-containing fractions were combined and used as final enzyme stock
solution. Production and purification of NcLPMO9M have been described elsewhere (6,
7).

6.1.3. Fractionation of Celluclast® 1.5 L and Accellerase® BG
Commercial enzyme cocktails of Celluclast® 1.5 L and Accellerase® BG were
fractionated by using SEC in an ÄKTA-Micro chromatography system (GE Healthcare).
Prior to the fractionation, Celluclast® 1.5 L and Accellerase® BG were washed three
times with a 20 mM potassium phosphate buffer (pH 7.0) containing 150 mM NaCl
using Amicon® ultra centrifugal filters (3 kDa cut-off, Sigma-Aldrich). Enzyme samples
were loaded on a SuperdexTM 75 Increase 10/300 GL column (100 × 3 mm diameter,
GE Healthcare) and eluted (1 mL/min) with a 20 mM potassium phosphate buffer (pH
7.0) containing 150 mM NaCl. Peak fractions (based on UV 280 nm) of each enzyme
cocktail were collected, combined and concentrated via ultrafiltration. The fractionated
Celluclast® 1.5 L and Accellerase® BG were dialyzed with 50 mM sodium acetate buffer
(pH 5.0) and subsequently stored at 4 °C.

6.1.4. Screening of substrate specificities of Mt9B+ and Mt9BAll carbohydrate substrates and their tested combinations are listed in Table 1.
Substrates (final concentration of 2 mg/mL each) were dissolved or suspended in 50
mM ammonium acetate buffer (pH 5.0) in the absence or presence of 1 mM ascorbic
acid (Asc, final concentration). Subsequently, Mt9B+ and Mt9B- were added to the
corresponding mixtures (0.5 mL total volume) at a final concentration of 0.75 µM.
Control samples either contained substrates and enzymes without Asc, or the different
cellulose types with 1 mM Asc. The reaction was incubated in an Eppendorf
Thermomixer® Comfort at 30 °C under shaking at 800 rpm, placed in an almost vertical
direction, for 24 h. The incubation was stopped by separation of supernatant (SUP)
from the residue (RES) directly after centrifugation at 22000 × g for 10 min at 4 °C.
SUP was collected and stored at -20 °C. SUP was diluted five times prior to high
performance anion exchange chromatography (HPAEC) analysis.

6.1.5. Binding of Mt9B+ and Mt9B- to different cellulose types
Binding experiments were performed according to Petrović et al. (8) and Courtade et
al. (9). 5 µM Mt9B+ or Mt9B- were added to 2 mg/mL BC, AVI or RAC in 50 mM
ammonium acetate buffer pH 5.0. The protein-cellulose mixture was incubated at 30
or 50 °C in an Eppendorf ThermoMixer® Comfort (Eppendorf, Hamburg, Germany) at
800 rpm (in an almost vertical orientation) for 240 min. Subsequently, supernatant
with free protein was separated and collected from residual cellulose with bound
protein through centrifugation 22,000 ×g, 2 min at 4 °C in a table centrifuge. The
amount of bound protein was calculated based on the following equation (eq.1):
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Eq. 1

𝐵𝐵𝐵𝐵𝐵𝐵𝐵𝐵𝐵𝐵 𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝 (µ𝑀𝑀) = 𝑇𝑇𝑇𝑇𝑇𝑇𝑇𝑇𝑇𝑇 𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝 (µ𝑀𝑀) − 𝑇𝑇𝑇𝑇𝑇𝑇𝑇𝑇𝑇𝑇 𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝 (µ𝑀𝑀) ×

𝐴𝐴𝐴𝐴𝐴𝐴 𝑓𝑓𝑓𝑓𝑓𝑓𝑓𝑓 (𝐴𝐴𝐴𝐴 280)

𝐴𝐴𝐴𝐴𝐴𝐴 𝑡𝑡𝑡𝑡𝑡𝑡𝑡𝑡𝑡𝑡 (𝐴𝐴𝐴𝐴 280)

where Total protein = 5 μM; Abs free = absorbance of free protein in the supernatant at 280 nm;
Abs total = absorbance of total protein solution without substrate at 280 nm.

The absorbance of free protein and total protein was measured spectrophotometrically
(SpectraMax M2e/iD3, Molecular Devices, USA) at 280 nm in a 96-well plate. Both the
incubations and the measurements were performed in duplicate.

6.2. Supplementary data

Fig. S1. SDS-PAGE analysis of crude Mt9B+ and Mt9B--containing fraction (lane b) and purified
Mt9B+ (lane c) and Mt9B- (lane d). The molecular masses (kDa) of marker proteins (a) are
indicated.
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Fig. S2. HPAEC elution patterns of control samples. In the absence of Asc, the supernatants from
the incubation (24 h and 30 °C) of Mt9B+ and Mt9B- with BC (SUP_BC+Mt9B+ (no Asc) and
SUP_BC+Mt9B- (no Asc)), AVI (SUP_AVI+Mt9B+ (no Asc) and SUP_AVI+Mt9B- (no Asc)) and BC
(SUP_RAC+Mt9B+ (no Asc) and SUP_RAC+Mt9B- (no Asc)) were analyzed. The supernatants from
the incubation of BC, AVI and RAC without enzymes but with Asc (SUP_BC+Asc (no LPMO),
SUP_AVI+Asc (no LPMO) and (SUP_BC+Asc (no LPMO)) were also analyzed. A standard containing
a mixture of cellobiose, cellotriose, cellotetraose, cellopentaose and cellohexaose (from left to
right in chromatogram) is shown in gray. HPAEC elution patterns of control samples incubated at
30 °C and 50 °C were identical.

Fig. S3. Percentage of hydrolysis of BC, AVI
and RAC by using the fractionated cellulase
cocktail of Celluclast® 1.5 L and Accellerase®
BG. The percentage of hydrolysis was
calculated based on the amount of glucose
released (corrected by the weight difference
between glucose and its anhydrous form)
divided by the initial substrate weight. The
hydrolysis of each substrate was performed
in triplicate.
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Fig. S4. Amount of gluconic acid (GlcOx#_1) and cellobionic acid (GlcOx#_2) generated from BC,
AVI and RAC by Mt9B+ and Mt9B- after subsequent hydrolysis, in supernatant (SUP, blue), residue
(RES, green) and the sum of both (TOT, red) over time at 50 °C. Error bars (grey) indicate the
standard deviations (± std) of duplicate measurements. Amount of GlcOx#_1 and GlcOx#_2
generated from BC, AVI and RAC by Mt9B+ and Mt9B- after subsequent hydrolysis, in SUP, RES
and TOT over time at 30 °C is shown in Fig. 1.

Fig. S5. HPAEC elution patterns of
supernatants (SUP) from BC, AVI and RAC
digests (24 h incubation) of Mt9B+ and
Mt9B- in the presence of Asc at 50 °C.
HPAEC elution patterns of supernatants
generated at 30 °C are shown in Fig. 2.
Annotation
of
C1-oxidized
cellooligosaccharides (GlcOx#_2 to GlcOx#_8)
is based on the previous study.(1, 5) A
standard containing a mixture of glucose,
cellobiose,
cellotriose,
cellotetraose,
cellopentaose and cellohexaose (from left
to right in chromatogram) is shown in
black. SUP of control incubations is shown
in Fig. S2.
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Fig. S6. Relative quantification of peak area of each DP of oxidized cello-oligosaccharides
(GlcOx#_2 to GlcOx#_8) generated by Mt9B+ and Mt9B- from the time-course incubation with BC,
AVI and RAC at 50 °C. Total peak area of each 24 h sample was set to 100%. Relative
quantification of the peak area of released oxidized cello-oligosaccharides at 30 °C is shown in
Fig. 3.

Table S1. The presence of a CBM, regioselectivity and substrate specificity of four AA9 LPMOs used
in this study. n.r. = not relevant.
Name

CBM

Regioselectivity

Substrate specificity

Reference

MtLPMO9B
(Mt9B+)

CBM1

C1

Cellulose

Frommhagen et al. (1)
Grieco et al. (10)

Mt9B-

No

Unknown

Unknown

n.r.

MtLPMO9I

No

C1

Cellulose

Sun et al. (5)
Grieco et al. (10)

MtLPMO9H

CBM1

C1 and C4

Cellulose (only substrate
tested)

NcLPMO9M

No

C1 and C4

Cellulose, xyloglucan

Phillips et al. (11)
Sun et al. (12)

Table S2. Amount of bound Mt9B+ and Mt9B- on BC, AVI and RAC (total protein amount of 5 μM
each).
Bound (μM)
Substrate
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30 °C

50 °C

Mt9B+

Mt9B-

Mt9B+

Mt9B-

BC

1.08 ± 0.28

0.74 ± 0.19

1.42 ± 0.21

0.79 ± 0.07

AVI

1.34 ± 0.17

0.62 ± 0.21

1.08 ± 0.18

0.86 ± 0.22

RAC

2.85 ± 0.32

1.04 ± 0.11

2.90 ± 0.18

0.88 ± 0.21
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Table S3. Amount of gluconic acid and cellobionic acid (GlcOx#_1 & 2, µg/mL) generated from BC,
AVI and RAC by Mt9B+ and Mt9B- after subsequent hydrolysis, in supernatant (SUP), residue (RES)
and the sum of both (TOT) over time at 30 °C. Error indicate the standard deviations (± std) of
duplicate measurements.

2

BC+Mt9B+

TOT

0h

1h

2h

4h

6h

16 h

24 h

0±0

9.6 ± 0.5

20.6 ± 1.5

32.4 ± 2.2

43.4 ± 3.0

70.8 ± 3.4

89.4 ± 7.9

SUP

0±0

8.5 ± 0.4

19.6 ± 1.4

31.5 ± 2.2

41.8 ± 2.9

68.6 ± 3.4

87.5 ± 7.9

RES

0±0

1.1 ± 0.3

1.0 ± 0.3

1.3 ± 0.3

1.6 ± 0.2

2.2 ± 0.4

2.1 ± 0.7

BC+Mt9B0h

1h

2h

4h

6h

16 h

24 h

TOT

0±0

12.7 ± 0.6

12.3 ± 1.3

13.7 ± 1.7

14.1 ± 1.3

16.2 ± 1.1

21.3 ± 0.0

SUP

0±0

11.9 ± 0.5

12.0 ± 1.3

13.6 ± 1.7

13.5 ± 1.3

15.4 ± 1.1

20.7 ± 0.0

RES

0±0

0.8 ± 0.2

0.3 ± 0.1

0.2 ± 0.1

0.7 ± 0.1

0.8 ± 0.1

0.6 ± 0.0

AVI+Mt9B

+

0h

1h

2h

4h

6h

16 h

24 h

TOT

0±0

2.7 ± 0.2

4.4 ± 0.5

7.5 ± 0.3

9.7 ± 0.3

16.5 ± 0.0

19.5 ± 0.7

SUP

0±0

1.7 ± 0.1

2.9 ± 0.1

5.9 ± 0.2

8.1 ± 0.2

14.7 ± 0.0

16.9 ± 0.0

RES

0±0

1.0 ± 0.1

1.5 ± 0.5

1.6 ± 0.2

1.6 ± 0.3

1.8 ± 0.0

2.6 ± 0.7

AVI+Mt9B

-

0h

1h

2h

4h

6h

16 h

24 h

TOT

0±0

1.6 ± 0.1

2.2 ± 0.2

2.9 ± 0.2

3.4 ± 0.2

3.4 ± 0.3

3.3 ± 0.3

SUP

0±0

0.9 ± 0.1

1.5 ± 0.0

1.9 ± 0.1

2.0 ± 0.1

1.9 ± 0.1

2.1 ± 0.0

RES

0±0

0.7 ± 0.0

0.7 ± 0.1

1.0 ± 0.1

1.4 ± 0.2

1.4 ± 0.2

1.2 ± 0.3

RAC+Mt9B+
0h

1h

2h

4h

6h

16 h

24 h

TOT

0±0

3.6 ± 0.3

4.1 ± 0.2

5.7 ± 0.4

6.0 ± 0.2

9.6 ± 0.5

14.3 ± 0.6

SUP

0±0

1.7 ± 0.2

1.5 ± 0.2

2.3 ± 0.1

2.4 ± 0.1

5.2 ± 0.1

8.9 ± 0.5

RES

0±0

1.9 ± 0.3

2.6 ± 0.1

3.4 ± 0.4

3.6 ± 0.2

4.4 ± 0.4

5.4 ± 0.3

RAC+Mt9B0h

1h

2h

4h

6h

16 h

24 h

TOT

0±0

5.3 ± 0.1

8.7 ± 0.4

13.9 ± 0.6

15.3 ± 0.4

13.9 ± 0.8

15.4 ± 0.4

SUP

0±0

4.5 ± 0.1

7.4 ± 0.1

11.9 ± 0.1

13.2 ± 0.3

11.5 ± 0.8

13.0 ± 0.3

RES

0±0

0.8 ± 0.0

1.3 ± 0.3

2.0 ± 0.6

2.2 ± 0.3

2.4 ± 0.2

2.4 ±0.2
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Table S4. Amount of gluconic acid and cellobionic acid (GlcOx#_1 & 2, µg/mL) generated from BC,
AVI and RAC by Mt9B+ and Mt9B- after subsequent hydrolysis, in supernatant (SUP), residue (RES)
and the sum of both (TOT) over time at 50 °C. Error indicate the standard deviations (± std) of
duplicate measurements.
BC+Mt9B+
0h

1h

2h

4h

6h

16 h

24 h

0±0

17.4 ± 0.2

36.6 ± 0.6

49.6 ± 1.6

65.6 ± 0.8

94.6 ± 7.2

86.4 ± 9.2

SUP

0±0

16.3 ± 0.2

35.0 ± 0.5

47.5 ± 1.4

63.0 ± 0.8

91.7 ± 7.2

83.5 ± 9.2

RES

0±0

1.1 ± 0.0

1.6 ± 0.3

2.1 ± 0.9

2.6 ± 0.0

2.9 ± 0.1

2.8 ± 0.1

TOT

BC+Mt9B0h

1h

2h

4h

6h

16 h

24 h

TOT

0±0

11.0 ± 0.3

12.2 ± 0.9

11.3 ± 1.0

13.6 ± 0.9

14.5 ± 2.1

18.3 ± 1.9

SUP

0±0

9.9 ± 0.2

11.1 ± 0.9

9.9 ± 0.9

12.1 ± 0.5

13.5 ± 2.1

16.9 ± 1.9

RES

0±0

1.1 ± 0.2

1.1 ± 0.0

1.5 ± 0.6

1.5 ± 0.7

1.1 ± 0.4

1.4 ± 0.5

AVI+Mt9B

+

0h

1h

2h

4h

6h

16 h

24 h

TOT

0±0

3.2 ± 0.3

3.4 ± 0.1

3.8 ± 0.2

6.5 ± 0.1

6.6 ± 0.1

6.1 ± 0.5

SUP

0±0

2.5 ± 0.0

2.7 ± 0.0

2.9 ± 0.1

4.6 ± 0.1

4.8 ± 0.0

4.5 ± 0.0

RES

0±0

0.7 ± 0.3

0.8 ± 0.1

0.9 ± 0.1

1.9 ± 0.1

1.8 ± 0.1

1.6 ± 0.5

AVI+Mt9B

-

0h

1h

2h

4h

6h

16 h

24 h

TOT

0±0

1.4 ± 0.1

2.0 ± 0.6

2.1 ± 0.1

2.1 ± 0.1

2.2 ± 0.4

1.3 ± 0.1

SUP

0±0

0.4 ± 0.0

0.4 ± 0.1

0.8 ± 0.0

0.7 ± 0.0

0.5 ± 0.0

0.4 ± 0.1

RES

0±0

1.0 ± 0.1

1.6 ± 0.6

1.3 ± 0.1

1.3 ± 0.0

1.6 ± 0.4

0.9 ± 0.0

RAC+Mt9B+
0h

1h

2h

4h

6h

16 h

24 h

TOT

0±0

5.5 ± 1.1

9.2 ± 0.8

15.9 ± 0.5

21.1 ± 0.7

34.2 ± 1.9

55.8 ± 2.3

SUP

0±0

1.7 ± 1.1

4.4 ± 0.1

10.5 ± 0.3

15.6 ± 0.5

27.8 ± 1.7

47.7 ± 2.3

RES

0±0

3.9 ± 0.4

4.8 ± 0.7

5.3 ± 0.4

5.4 ± 0.5

6.3 ± 1.0

8.1 ± 0.0

RAC+Mt9B-
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0h

1h

2h

4h

6h

16 h

24 h

TOT

0±0

7.7 ± 0.2

8.3 ± 0.2

8.1 ± 0.2

8.7 ± 0.1

8.9 ± 0.5

7.9 ± 0.5

SUP

0±0

6.2 ± 0.1

6.3 ± 0.2

6.0 ± 0.1

6.4 ± 0.1

6.4 ± 0.1

5.4 ± 0.2

RES

0±0

1.5 ± 0.2

2.0 ± 0.1

2.1 ± 0.1

2.3 ± 0.1

2.5 ± 0.4

2.5 ± 0.5

Oxidized product profiles of AA9 LPMOs depend on the type of cellulose
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Abstract
Lytic polysaccharide monooxygenases (LPMOs) are powerful enzymes that degrade
recalcitrant polysaccharides, such as cellulose. However, the identification of LPMOgenerated C1- and/or C4-oxidized oligosaccharides is far from straightforward. In
particular, their fragmentation patterns have not been well established when using
mass spectrometry. Hence, we studied the fragmentation behaviors of non-, C1- and
C4-oxidized cello-oligosaccharides, including their sodium borodeuteride-reduced
forms, by using hydrophilic interaction chromatography and negative ion mode
collision induced dissociation - mass spectrometry. Non-oxidized cello-oligosaccharides
showed predominantly C- and A-type cleavages. In comparison, C4-oxidized ones
underwent B-/Y- and X-cleavage close to the oxidized non-reducing end, while closer
to the reducing end C-/Z- and A-fragmentation predominated. C1-oxidized cellooligosaccharides showed extensively A-cleavage. Reduced oligosaccharides showed
predominant glycosidic bond cleavage, both B-/Y- and C-/Z-, close to the non-reducing
end. Our findings provide signature mass spectrometric fragmentation patterns to
unambiguously elucidate the catalytic behavior and classification of LPMOs.

Keywords
Lignocellulose; Biomass conversion; LPMOs; Cello-oligosaccharides; HILIC-ESI-CIDMS/MS2; Mass spectrometric fragmentation; Oxidation; Reduction
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1. Introduction
An important step in the valorization of lignocellulose is the enzymatic degradation of
the (hemi-)cellulosic fraction into fermentable monosaccharides (1). Hereto, hydrolytic
polysaccharide degrading enzymes were considered unique for a long time. Therefore,
they are abundantly present in commercial enzyme cocktails. Nevertheless, lytic
polysaccharide monooxygenases (LPMOs) have been shown to boost hydrolases via
oxidative cleavage of β-(1→4)-linkages in recalcitrant polysaccharides, such as
cellulose, in the last decade (2-5). This boosting effect has been explained by the fact
that LPMOs generate new chain ends for hydrolases to act on and it has been suggested
that LPMOs improve the substrate’s accessibility for hydrolases as well (3, 6-8).
LPMOs have been shown to vary in their regioselectivity, which means that they are
either specifically oxidizing the C1- or the C4-carbon position in polysaccharides. In
addition, less regioselective LPMOs have been described able to oxidize both C1- and
C4-carbon positions (9). Due to the oxidation of either the C1- or the C4-position, the
corresponding glycosidic linkage becomes unstable leading to its cleavage, and, thus,
eventually LPMO catalysis leads to formation of both oxidized and non-oxidized
oligosaccharides (10-12). The action of C1-directed LPMOs results in release of
unstable δ-lactones, which further undergo a ring cleavage in aqueous solution leading
to the formation of aldonic acids. The action of C4-directed LPMOs generate 4ketoaldoses, which might hydrate to their corresponding geminal diols in the presence
of water (13, 14), but the latter is not always observed (15).
The identification of these C1- and C4-oxidized carbohydrate structures is far from
straightforward, albeit various analytical approaches have been developed as
thoroughly reviewed previously (16, 17). Among those analytical approaches, high
performance anion exchange chromatography with pulsed amperometric detection
(HPAEC-PAD) and matrix assisted laser desorption/ionization–time of flight–mass
spectrometry (MALDI-TOF-MS) are mostly used. Although HPAEC allows identification
of LPMO-oxidized compounds based on their elution time, hereto, not commonly
available standards of oxidized oligosaccharides products are required. The more
complex the oxidized oligosaccharide are, which have been generated, for example
LPMO-oxidized branched xyloglucan oligosaccharides (18-21), the more challenging
the identification of C1- or C4- (or both) oxidation is based on their elution time.
MALDI-TOF-MS can be used to detect oxidized oligosaccharides based on m/z values,
but the determination of C1- and C4-oxidized oligosaccharides is far from easy. MALDITOF-MS cannot distinguish isomers and specifically cannot distinguish i.e., the geminal
diol form of C4-oxidized from the same oligosaccharide but C1-oxidized having the
same m/z (15, 22, 23). Therefore, mixed C4-, C1- or both C1-/C4-oxidized
oligosaccharides cannot be distinguished by this method. To overcome these
challenges, other methods, which combine chromatography directly with mass
spectrometry have been studied. Thus obtained mass spectrometric fragmentation
patterns are seen as distinct signatures, and differ for each oligosaccharide structure
(24-28). Various attempts to separate and identify LPMO-generated oxidized products
have been reported, for example by using reversed phase–ultra high performance
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liquid chromatography (RP-UHPLC), porous graphitic carbon chromatography (PGC)
and hydrophilic interaction chromatography (HILIC) techniques connected to
electrospray ionization–collision induced dissociation–mass spectrometry (ESI-CIDMS/MS2) (13, 14, 29, 30). However, most intriguingly, a systematic study to generate
MS2 fragmentation patterns of the different chromatographically separated C1- and
C4-oxidized oligosaccharides has not been performed yet.
In a few studies, CID-MS2 of oxidized cello-oligosaccharides has been performed, albeit
mainly in the positive ion mode. The positive ion mode is known to provide multiple
MS2 fragments with high intensity, but the presence of multiple sodium (and
ammonium) adducts complicates the spectra obtained (31-34). Alternatively, CID-MS2
of oligosaccharides can be performed in negative ion mode. This technique has been
shown for non-oxidized oligosaccharides to give lower background noise, thus clearer
spectra, and the fragmentation behaviors are suggested to be more specific and
predictable (28, 35-38).
Furthermore, reduction of oligosaccharides has been shown to assist in their
unambiguous separation and identification. Well known is the sodium borohydride
(NaBH4) initiated reduction of oligosaccharides to avoid α/β-anomers in various
chromatographic approaches and co-occurring loss of the signal (11, 39-45). At the
same time, sodium borodeuteride (NaBD4) has been shown to label the reducing end
of carbohydrates, which is helpful for the structural determination of many different
oligosaccharides (46-48).
In this study, we investigated the CID-MS2 fragmentation patterns of non-oxidized,
LPMO-generated C1- and C4-oxidized cello-oligosaccharides in negative ion mode.
Moreover, these cello-oligosaccharides were reduced by using NaBD4 and
fragmentation behaviors of the resulting oligosaccharides were studied. It is
hypothesized that oxidized cello-oligosaccharides show distinct signature
fragmentation patterns compared to their non-oxidized and reduced forms.
Unambiguous signature fragmentation patterns of C1- and C4-oxidized cellooligosaccharides will allow further understanding of LPMO mechanisms and their
oxidized products.

2. Materials and methods
2.1. Carbohydrates, cellulose substrate and other chemicals
Galactose, NaBD4 and ammonium acetate were purchased from Sigma-Aldrich (St.
Louis, MO, USA). Cellobiose, cellotriose, cellotetraose, cellopentaose and cellohexaose
were purchased from Megazyme (Bray, Ireland). Regenerated amorphous cellulose
(RAC) was prepared from Avicel® PH-101 (Sigma-Aldrich) as described previously
(23). Ascorbic acid (Asc) and sorbitol were purchased from VWR International (Radnor,
PA, USA). All water used was produced by a Milli-Q system (Millipore, Molsheim,
France), unless mentioned otherwise.
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2.2. Generation
of
non-,
C4and
C1-oxidized
cellooligosaccharides by MtLPMO9E and MtLPMO9I from RAC
RAC was suspended in 50 mM ammonium acetate buffer (pH 5.0) to a concentration
of 2 mg/mL. Subsequently, each LPMO from Myceliophthora thermophila C1
(MtLPMO9E (MTCTH_79765, UniProt ID: G2Q7A5) and MtLPMO9I (MTCTH_2299721,
UniProt ID: G2Q774)) was added to the corresponding RAC suspension (in the
presence of 1 mM Asc (final concentration)) at a concentration of 2 µM. The expression,
production and purification of MtLPMO9E and MtLPMO9I together with determination
of their protein content and purity are described in Supplementary Information and
Fig. S1. Control reactions were performed without the addition of Asc. MtLPMO9E
incubations were carried out at 50 °C and those with MtLPMO9I at 30 °C by using an
Eppendorf Thermomixer comfort, placed in a vertical direction, at 800 rpm (24 h
reaction; 500 µL total volume). All incubations were performed in duplicate. The
reactions were stopped by immediately separating supernatants and pellets through
centrifugation (22000 x g, 15 min, 4 °C) in a table centrifuge. The resulting
supernatants were collected and cleaned up directly or after reduction with solid phase
extraction (SPE) as described in Section 2.3 prior to analysis.

2.3. Reduction of non- and oxidized-cello-oligosaccharides with
NaBD4 and clean-up with SPE
Reduction was performed by adding 200 µL freshly prepared 0.5 M NaBD4 to 200 µL
of the standard mixture (containing cellobiose, cellotriose, cellotetraose, cellopentaose
and cellohexaose, 50 µg/mL each) and of supernatants obtained from the MtLPMO9Eand MtLPMO9I-RAC incubations at room temperature (20 °C) for 20 h. A clean-up
procedure for reduced and non-reduced samples was carried out by using SPE with
Supelclean™ ENVI-Carb™ columns (3 mL, Sigma-Aldrich). The SPE column was
activated with 1.5 mL 80% (v/v) acetonitrile in water with 0.1% (v/v) trifluoroacetic
acid (TFA), followed by adding three times 1.5 mL water. Samples were loaded on the
column and washed four times with 1.5 mL water to remove unbound compounds.
Bond oligosaccharides were eluted with two times 1.5 mL 60% (v/v) acetonitrile in
water with 0.05% (v/v) TFA and the obtained samples were dried under a stream of
nitrogen at room temperature (20 °C). The dried samples were dissolved in 50 µL
water prior to analysis.

2.4. Analytic methods
2.4.1. HPAEC-PAD analysis for profiling oligosaccharides
All samples, NaBD4-reduced and non-reduced forms of (SPE cleaned) cellooligosaccharides having a degree of polymerization (DP) of 2 to 6 and NaBD4 reduced
and non-reduced forms of (SPE cleaned) supernatants of RAC incubated with
MtLPMO9E or MtLPMO9I, were analyzed by using HPAEC with an ICS-5000 system
(Dionex, Sunnyvale, CA, USA) equipped with a CarboPac PA-1 column (2 mm ID ×
250 mm; Dionex) in combination with a CarboPac PA guard column (2 mm ID × 50
mm; Dionex). The system was further equipped with PAD. Two mobile phases were
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(A) 0.1 M NaOH and (B) 1 M NaOAc in 0.1 M NaOH were kept under helium flushing
and the column temperature was 20 °C. The elution profile applied has previously been
described (15). Samples were diluted five times before analysis.

2.4.2. HILIC-ESI-CID-MS/MS2 for elucidating fragmentation patterns
Oligosaccharides in non-reduced and NaBD4-reduced forms of SPE-cleaned cellooligosaccharides (DP2–6) and NaBD4-reduced and non-reduced forms of SPE-cleaned
supernatants of MtLPMO9E- or MtLPMO9I-incubated RAC samples were separated and
analyzed by using HILIC-ESI-CID-MS/MS2. A Vanquish UHPLC system (Thermo Fisher
Scientific, Waltham, MA, USA) equipped with an Acquity UPLC BEH Amide column
(Waters, Millford, MA, USA; 1.7 μm, 2.1 mm ID × 150 mm) and a VanGuard precolumn (Waters; 1.7 μm, 2.1 mm ID × 150 mm) was used. The column temperature
was set at 35 °C and the flow rate was 0.45 mL/min; injection volume was 2 μL. Water
(A) and acetonitrile (B), both containing 0.1% (v/v) formic acid (FA) (all were UHPLCgrade; Biosolve, Valkenswaard, The Netherlands) were used as mobile phases. The
separation was performed by using the following elution profile: 0–2 min at 82% B
(isocratic), 2–42 min from 82% to 60% B (linear gradient), 42–42.5 min from 60% to
42% B (linear gradient), 42.5–49 min at 42% B (isocratic), 49–50 min from 42% to
82% B (linear gradient) and 50–60 min at 82% B (isocratic). The mass (m/z) of
separated oligosaccharides was on-line detected by an LTQ Velos Pro mass
spectrometer (Thermo Fisher Scientific) equipped with a heated ESI probe. MS data
were obtained in negative ion mode with the following settings: source heater
temperature 400°C, capillary temperature 250 °C, sheath gas flow 50 units, source
voltage 2.5 kV and m/z range 300–1500. As MS2 settings, CID with a normalized
collision energy was set at 35%, with a minimum signal threshold of 5000 counts at
an activation Q of 0.2 and activation time of 10 ms. Mass spectrometric data were
processed by using Xcalibur 2.2 software (Thermo Fisher Scientific).

3. Results and discussion
3.1. Negative ion mode CID-MS2 fragmentation of non-, C1- and
C4-oxidized cello-oligosaccharides separated by HILIC
The aim of this research was to define specific signature fragmentation pathways for
non-, C1- and C4-oxidized cello-oligosaccharides by using HILIC-ESI-CID-MS/MS2 in
negative ion mode. The specific signature fragmentation patterns of the NaBD4reduced forms of the non-, C1- and C4-oxidized oligosaccharides are discussed in
Section 3.2.

3.1.1. Negative ion mode CID-MS2 fragmentation of non-, C1- and C4oxidized cello-oligosaccharides separated by HILIC
A mixture of commercially available non-oxidized cello-oligosaccharides with a DP of
2–6 (Glc_2–6) was used as the standard (Fig. S2 and S3). C4-oxidized cellooligosaccharides (Glc_n*) were generated by incubating MtLPMO9E with RAC only
when Asc was present (Fig. S2 and S3). We confirmed its C4-specific oxidative
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cleavage with previously reported data of other C4-specific LPMOs, in particular by
comparison of HPAEC elution behaviors (Fig. S2) and MALDI-TOF mass spectra (15,
29, 50). In addition to Glc_n* in the MtLPMO9E-RAC-digest, Glc_2–4 were also
generated (Fig. S2f and Fig. S3b), which were confirmed by their elution time identical
to the standards (Glc_2–4) by HPAEC (Fig. S2 and S3) and by their m/z values in
HILIC-ESI-MS (Fig. S4). C1-oxidized cello-oligosaccharides (Glc_n#) were generated
by incubating RAC with MtLPMO9I in the presence of Asc. Notably, we discovered a
new C1-specific LPMO (Fig. S2 and S3) and confirmed its regioselectivity based on the
comparison with previously reported data of RAC incubated with C1-specific MtLPMO9B
and MtLPMO9D (15, 51). Apart from Glc_n#, Glc_2–6 were present in the MtLPMO9IRAC-digest (Fig. S2d and Fig. S3c) and their identities were similarly defined as just
described for the Glc_2–4 present in the MtLPMO9E-RAC-digest. It should be noted
that minor peaks next to each DP of Glc_n were also observed of which the identities
remain so far unknown. Although these minor peaks might be of utmost importance
to understand LPMO’s mode-of-action in more detail, their exact nature and
significance are out of the scope of this research and not further studied here.
Mass spectra of Glc_n and Glc_n* analyzed in full-scan mode with HILIC-ESI-MS
indicated that these oligosaccharides were present mainly as their single charged
deprotonated ([M–H]-) and formate adducted ([M+FA–H]-) products, while Glc_n#
were present only in their [M–H]- form (Fig. S4). In addition, the analyzed m/z of
Glc_n* (m/z -2 compared to the m/z of Glc_n of the same DP) indicated that the C4oxidized cello-oligosaccharides were in their 4-ketoaldose form. Previously reported
geminal diol forms of Glc_n* (m/z +16 compared to the m/z of Glc_n of the same DP
(13, 14)) were not observed under the analytical conditions used. The Glc_n# were
observed as aldonic acids based on their m/z values (m/z +16 compared to the m/z
of Glc_n of the same DP; Fig. S4). The separation of DP3, 4 and 5 within Glc_n, Glc_n*
and Glc_n# (Fig. 1), with well distinguishable m/z values, allowed generation of their
MS2 fragmentation patterns. Hereto, the [M–H]- products were preferred, because
fragmentation of [M+FA–H]- products was either not obtained or resulted in complex
spectra with various formate adducted fragments.
Mass spectra of Glc_n and Glc_n* analyzed in full-scan mode with HILIC-ESI-MS
indicated that these oligosaccharides were present mainly as their single charged
deprotonated ([M–H]-) and formate adducted ([M+FA–H]-) products, while Glc_n#
were present only in their [M–H]- form (Fig. S4). In addition, the analyzed m/z of
Glc_n* (m/z -2 compared to the m/z of Glc_n of the same DP) indicated that the C4oxidized cello-oligosaccharides were in their 4-ketoaldose form. Previously reported
geminal diol forms of Glc_n* (m/z +16 compared to the m/z of Glc_n of the same DP
(13, 14)) were not observed under the analytical conditions used. The Glc_n# were
observed as aldonic acids based on their m/z values (m/z +16 compared to the m/z
of Glc_n of the same DP; Fig. S4). The separation of DP3, 4 and 5 within Glc_n, Glc_n*
and Glc_n# (Fig. 1), with well distinguishable m/z values, allowed generation of their
MS2 fragmentation patterns. Hereto, the [M–H]- products were preferred, because
fragmentation of [M+FA–H]- products was either not obtained or resulted in complex
spectra with various formate adducted fragments.
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Fig. 1. HILIC extracted ion chromatograms of non-, C4- and C1-oxidized cello-oligosaccharides.
(a) Non-oxidized cello-oligosaccharides: Glc_3, m/z 503.2; Glc_4, m/z 665.3; Glc_5, m/z 827.3;
(b) Both non- and C4-oxidized cello-oligosaccharides: Glc_3-5 m/z see explanation panel A;
Glc_3*, m/z 501.2; Glc_4*, m/z 663.3; Glc_5*, m/z 825.3; (c) Both non- and C1-oxidized cellooligosaccharides: Glc_3–5, m/z see explanation panel A; Glc_3#, m/z 519.2; Glc_4#, m/z 681.3;
Glc_5#, m/z 843.3. C4- and C1-oxidized cello-oligosaccharides were obtained from the incubation
of RAC with either MtLPMO9E or MtLPMO9I in the presence of Asc (Fig. S2).

The MS2 spectra of DP3, 4 and 5 of non-oxidized cello-oligosaccharides (Glc_3–5) are
shown in Fig. S5 and annotated according to the nomenclature developed by Domon
and Costello (52). The MS2 spectrum of Glc_3 (Fig. S5) showed two most abundant
fragments Z1 (m/z 161) and C2 (m/z 341). The C1 fragment (m/z 179) was also found
but in lower abundance. Cross-ring fragments were seen from the ions 0,2A2 (m/z 281)
and 0,2A3 (m/z 443), and with consecutive water loss from the ions 0,2A2 (0,2A2–H2O,
m/z 263) and 0,2A3 (0,2A3–H2O, m/z 425). This further loss of a water molecule of 0,2An
fragments into 0,2An–H2O ions (or annotated as 2,5An ions in some studies) has
previously been shown to occur (53-55). With increasing DP of non-oxidized cellooligosaccharides (Glc_4 and Glc_5), C-type fragmentation was still predominant as
shown by the pronounced relative intensity of C2 (m/z 341), C3 (m/z 503) and C4 (m/z
665). In addition, the most abundant cross-ring fragments 0,2An and 0,2An–H2O resulted
from cleavages of the B ring (reducing end) and the B-neighboring ring. Similar CIDMS2 results of neutral β-(1→4) linked gluco-oligosaccharides ([M–H]-) with
predominant C-type glycosidic cleavage and 0,2An cross-ring fragmentation have been
described (36, 56-58). Although the MS2 fragmentation patterns of Glc_n in negative
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ion mode can be found in literature, we still provided our MS2 spectra of Glc_n here as
the reference to better compare to the spectra of other types of cello-oligosaccharides.
The MS2 fragmentation spectra of DP3 and DP4 of C4-oxidized cello-oligosaccharides
(Glc_3* and Glc_4*) are shown in Fig. 2. The MS intensity of Glc_5* was too weak to
obtain decent MS2 spectra, mainly due to the very low amount of Glc_5* present in
the MtLPMO9E-RAC-digest. Various attempts, for example increasing the dose of
MtLPMO9E, were performed to increase the yield of Glc_5*. However, the yield of
Glc_5* was not significantly improved (data not shown). It is thought that MtLPMO9E
is able to cleave soluble cello-oligosaccharides having DP larger than 5, which has been
reported previously (50). Nevertheless, to our opinion, the clear signature
fragmentation behaviors and diagnostic fragments of DP3 and DP4 are representative
for C4-oxidized cello-oligosaccharides in general. The MS2 spectrum of Glc_3* indicated
B1 (m/z 159) and C1 (m/z 177) ions, which were m/z -2 compared to Z1 (m/z 161) and
Y1 (m/z 179), indicating, as expected, that an oxidized glucosyl unit was present at
the non-reducing end (A ring). MS2 ring-fragments of Glc_3*, 0,2A2 (m/z 279) and 0,2A3
(m/z 441; 0,2A3–H2O, m/z 423) were also found, in decreasing abundance towards the
A ring. Surprisingly, the fragment 2,4X2 (m/z 281) was detected, which has barely been
shown to occur in negative ion mode CID-MS2 of oligosaccharides so far.
Fragmentation of the C4-oxidized cellotriose apparently resulted in loss of the oxidized
end via ring cleavage leading to a 2,4X2 (m/z 281) fragment. In the MS2 spectrum of
Glc_4*, the three most abundant fragments were B1 (m/z 159), Y2 (m/z 341) and Y3
(m/z 503). Hence, B- and Y-type fragmentation preferably took place at the glycosidic
linkage at the right side of the A and A neighboring ring, most likely influenced by the
C4-oxidized group. In contrast, pronounced ions of Z1 (m/z 161), C3 (m/z 501) and C2
(m/z 339) suggested C- and Z-type fragmentation at the glycosidic linkage at the left
side of the B ring, similar to the fragmentation of non-oxidized cello-oligosaccharides.
This preference was further apparent from the very low intensity of C1 (m/z 177), Y1
(m/z 179), B3 (m/z 483) and Z3 (m/z 485) fragments. Likewise, for Glc_3*, A- and Xtype of cross-ring fragmentation of Glc_4* was observed as 2,4X3 (m/z 443) and 2,4X3–
H2O (m/z 425). Hence, these 2,4Xn fragments can be seen as diagnostic ions specifically
for C4-oxidized cello-oligosaccharides. The intensity of the 2,4Xn fragments decreased
closer to the B ring, observed from the much lower relative intensity of 2,4X2 (m/z 281)
and 2,4X2–H2O (m/z 263). For the B ring and B neighboring rings 0,2An (–H2O) fragments
were predominant and decreased in intensity when situated closer to the A ring.
A summary of the MS2 fragmentation patterns of the (C4-oxidized)
oligosaccharides, including signature fragments, is given in Table 1.

cello-

The MS2 fragmentation of C1-oxidized cello-oligosaccharides (aldonic acids, Glc_n#,
Fig. 3 and Fig. S6) was very distinct from the fragmentation obtained for Glc_n and
Glc_n*. In the Glc_3# MS2 spectrum (Fig. 3), abundant B1 (m/z 161) and C1 (m/z 179)
ions were observed, which represented the cleavage of the non-reducing end glucosyl
unit (A ring). Apparently, glycosidic linkage cleavage next to, or in the neighborhood
of the aldonic acid residue was less favored. In addition, A-type cross-ring fragments
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Fig. 2. Negative ion mode CID-MS2 spectra of C4-oxidized cello-oligosaccharides DP3 and DP4
(Glc_3*, m/z 501.2 and Glc_4*, m/z 663.3); average spectra across chromatographic peaks. The
fragments are annotated according to Domon and Costello (52). Blue solid arrows indicate
abundant fragments, while dashed arrows indicate fragments with a lower relative intensity. C4ketone groups are indicated in red. A and B ring represent the non-reducing and reducing end,
respectively. C4-oxidized cello-oligosaccharides were generated by RAC incubated with MtLPMO9E
in the presence of Asc (Fig. S2).

were detected, especially from cross-ring cleavage of the carboxyl end (B ring; 2,4A3
(m/z 383)). Likewise for Glc_3#, MS2 of Glc_4# (Fig. 3) showed predominant crossring cleavage on the oxidized B ring and B neighboring ring (2,4A4 (m/z 545) and 2,4A3
(m/z 383), respectively; Table 1). Again 0,2An (–H2O) fragments were formed.
Similarly, the MS2 pattern of Glc_5# (Fig. S6) showed a series of 2.4An and 0,2An (–H2O)
fragments, which were predominant for the B ring and the B neighboring ring (e.g.
2,4
A4, m/z 545 and 2,4A5, m/z 707). Glycosidic bond cleavage still occurred but was
relatively less abundant (Table 1). Although similar data for the MS2 spectrum of
Glc_3# has been reported previously by Boulos and Nystrom (53), the systematic
fragmentation behaviors of a series of C1-oxidized cello-oligosaccharides is here
presented for the first time.
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Fig. 3. Negative ion mode CID-MS2 spectra of C1-oxidized cello-oligosaccharides DP3 (Glc_3#,
m/z 519.2) and DP4 (Glc_4#, m/z 681.3). See Fig. S6 for DP5 (Glc_5#, m/z 843.3); average
spectra across chromatographic peaks. The fragments are annotated according to Domon and
Costello (52). Blue solid arrows indicate most abundant fragments, while dashed arrows indicate
fragments with relatively lower intensity. Carboxyl groups are indicated in red. A and B ring
represent the non-reducing and gluconic acid end, respectively. C1-oxidized cello-oligosaccharides
were generated by RAC incubated with MtLPMO9I in the presence of Asc (Fig. S2).

3.2. Negative ion mode CID-MS2 fragmentation of reduced nonand C4-oxidized cello-oligosaccharides separated by HILIC
Non- and C4-oxidized cello-oligosaccharides were successfully reduced by NaBD4 to
their alditol forms (RD-Glc_n and RD-Glc_n*) and analyzed by HPAEC (Fig. S7), while
the obtained gluconic acid forms of the C1-oxidized cello-oligosaccharides cannot be
reduced and remained in their aldonic acid form (Fig. S7). Through NaBD4 reduction,
the B ring of Glc_n was converted to the alditol form with one deuterium ion inserted,
which led to m/z of 3 higher compared to the non-reduced Glc_n with the same DP
(Fig. S8). Similarly to Glc_n, Glc_n* were reduced at their reducing end, however, the
C4-oxidized A ring was also reduced with addition of one deuterium ion, which was
evident from the m/z observed. RD-Glc_n* resulted in a m/z of 4 higher compared to
the non-reduced Glc_n with the same DP (Fig. S8). Constituent monosaccharide
analysis after TFA hydrolysis showed that reduction of the A ring led the formation of
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glucosyl as well as galactosyl units (Fig. S9). HPAEC monosaccharide chromatograms
clearly showed that galactose was generated in RD-Glc_n*, but not in RD-Glc_n after
TFA hydrolysis. The generation of galactose after reduction of C4-oxdized cellooligosaccharides and TFA hydrolysis was also described by Beeson et al. (11). It can
be hypothesized that the reduction of the C4-oxidized glucosyl residue leads to the
formation of a hydroxyl group at the C4-carbon atom, whose conformational
orientation is in equilibrium between the equatorial or axial position. The formation of
the two types of RD-Glc_n* was also seen from the HPAEC chromatogram (Fig. S7).

Fig. 4. HILIC extracted ion chromatograms of NaBD4-reduced non-, C4- and C1-oxidized cellooligosaccharides. (a) Reduced non-oxidized cello-oligosaccharides: RD-Glc_3, m/z 506.3; RDGlc_4, m/z 668.3; RD-Glc_5, m/z 830.3; (b) Both reduced non- and C4-oxidized cellooligosaccharides: RD-Glc_3–5 m/z see explanation panel A; RD-Glc_3*, m/z 507.2; RD-Glc_4*,
m/z 669.3; RD-Glc_5*, m/z 831.3; (c) Reduced non- and C1-oxidized cello-oligosaccharides: RDGlc_3–5, m/z see explanation panel A; Glc_3#, m/z 519.2; Glc_4#, m/z 681.3; Glc_5#, m/z 843.3.

As RD-Glc_n* with glucosyl or galactosyl units have the same m/z values in HILICESI-MS, we used RD-Glc_n* to indicate both (Fig. S8). RD-Glc_3–5 and RD-Glc_3–5*
([M–H]-) were well separated by HILIC (Fig. 4), allowing accurate characterization of
their MS2 fragmentation behaviors. An overview of fragmentation behaviors of the
reduced cello-oligosaccharides is shown in Table 1.
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Fig. 5. Negative ion mode CID-MS2 spectra of reduced non-oxidized cello-oligosaccharides DP3
(RD-Glc_3, m/z 506.3) and DP4 (RD-Glc_4, m/z 668.3). See Fig. S10 for DP5 (RD-Glc_5, m/z
830.3); average spectra across chromatographic peaks. The fragments are annotated according
to Domon and Costello (52). Blue solid arrows indicate the most abundant fragments, while dashed
arrows indicate fragments with relatively lower intensity. The deuterium ion is indicated in red. A
and B ring represent the non-reducing and deuterated alditol end, respectively.

The MS2 fragments of RD-Glc_n (Fig. 5 and Fig. S10) showed again distinct cleavage
patterns. In the MS2 spectrum of RD-Glc_3 (Fig. 5), B1 (m/z 161) and C1 (m/z 179)
were abundant ions and mainly generated from the A ring. Closer to the B ring,
glycosidic bond fragmentation was less pronounced indicated by the low relative
intensity of B2 (m/z 323) and C2 (m/z 341). The same fragmentation was observed
from the high relative intensity of Y2 (m/z 344) and Z2 (m/z 326) and low abundance
of Y1 (m/z 182). Cross-ring fragmentation occurred, mainly seen from 2,4A2 (m/z 221)
and more abundant 0,2A2–H2O (m/z 263). RD-Glc_4 exhibited a similar trend of
fragmentation as determined for RD-Glc_3 (Fig. 5). Again, glycosidic bond cleavage
preferably occurred at the right side of the A ring and decreased closer to the B ring:
Z3 (m/z 488) and Y3 (m/z 506) were the most abundant ions followed by Y2 (m/z 344),
B1 (m/z 161) and C1 (m/z 179). Cross-ring fragmentation (0,2An and 2,4An) was
indicated, like for RD-Glc_3, but to a lesser extent. The MS2 fragmentation patterns as
described above were also obtained for RD-Glc_5 (Fig. S10), demonstrated by the
abundant ions of Y4 (m/z 668), Z4 (m/z 650) and Y3 (m/z 506) and relative low
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intensities of B4 (m/z 647), B3 (m/z 485), C3 (m/z 503), B2 (m/z 323) and Z2 (m/z
326).

Fig. 6. Negative ion mode CID-MS2 spectra of reduced C4-oxidized cello-oligosaccharides DP3
(RD-Glc_3*, m/z 507.2) and DP4 (RD-Glc_4*, m/z 669.3). See Fig. S11 for DP5 (RD-Glc_5*, m/z
831.3); average spectra across chromatographic peaks. The fragments are annotated according
to Domon and Costello (52). Blue solid arrows indicate the most abundant fragments, while dashed
arrows indicate fragments with relatively lower intensity. The formation of hydroxyl groups from
the C4-ketone groups and deuterium ions are indicated in red. A and B ring represent the nonreducing and deuterated alditol end, respectively. Note that the A-ring can represent a glucosyl
and galactosyl unit.

The MS2 spectra of RD-Glc_n* (Fig. 6 and Fig. S11) displayed overall the same
patterns and fragmentation behavior as obtained for RD-Glc_n, which can be expected
given their almost identical structures after reduction. The only difference is the
deuterium ion at the C4-position of the glucosyl A ring of RD-Glc_n* compared to the
hydrogen ion for the RD-Glc_n oligosaccharides, resulting in A ring fragments of m/z
+1. This mass difference in the ions containing the A ring still allowed to distinguish
RD-Glc_n from RD-Glc_n*. As indicated above, reduction also formed A ring galactosyl
units, which could have potentially influenced the MS2 fragmentation patterns of RDGlc_n*. Yet, due to co-elution these effects cannot be further specified and the absence
of cross-A-ring fragments furthermore does not allow to distinguish both structures.
Ions of m/z 162, 180, 324 and 342 in RD-Glc_3* (Fig. 6) were annotated as B1, C1,
B2 and C2, respectively, as they obtained m/z +1 compared to the ions generated from

72

MS2 patterns of C1- and (reduced) C4-oxidized cello-oligosaccharides
RD-Glc_3. Similarly, fragments of m/z 222, 264 and 282 were determined to be 2,4A2,
0,2
A2–H2O and 0,2A2, respectively. The similar MS2 fragments having m/z +1 were also
found in RD-Glc_4* (Fig. 6) and RD-Glc_5* (Fig. S11) compared to the corresponding
annotate ions in RD-Glc_4 and RD-Glc_5, respectively. In the MS2 spectra of RD-Glc_3*
and RD-Glc_4*, m/z 161 was unexpectedly more abundant than the B1 ions (m/z 162).
It is hypothesized that m/z 161 came from the internal glucosyl ions resulting from a
double cleavage on RD-Glc_n*. Such double cleavage generating internal glucosyl ions
(m/z 161) can also occur for RD-Glc_n, but cannot be distinguished from its B1 ion
(m/z 161). This double cleavage has been previously shown on other types of glucooligosaccharides in negative ion mode, such as carbohydrate chains of glycoproteins
having 3-linked N-acetylglucosamine units and endoglucanase-digested xyloglucan
oligosaccharides (28, 55).
In summary, the five types of cello-oligosaccharides analyzed showed distinct
fragmentation patterns in HILIC-separated negative ion mode CID-MS2 (Table 1). In
general, both glycosidic bond cleavage and cross-ring fragmentation occurred, though
they were found to be rather different for each type of cello-oligosaccharide.
Predominant C- and 0,2An (–H2O)-fragments were found for non-oxidized cellooligosaccharides, as also widely described in literature. C4-oxidized cellooligosaccharides obtained predominant B-/Y-type fragmentation on the oxidized A ring
while C-/Z-fragments were pronounced on the reducing end B ring. Notably, diagnostic
2,4
Xn (–H2O)-ions were annotated for the first time, which distinguish C4-oxidized cellooligosaccharides from other ones. Extensive A-type cross-ring fragmentation over
glycosidic bond cleavage was found in C1-oxidized cello-oligosaccharides, which is a
unique feature of these particular cello-oligosaccharides. Though reduced non- and
C4-oxidized cello-oligosaccharides showed identical fragmentation patterns, their
structures can be distinguished by the different masses of ions containing the A ring.
Compared to their non-reduced forms, reduced non- and C4-oxidized cellooligosaccharides showed preferred glycosidic bond cleavage closer to the A ring.
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Table 1. Summary of fragmentation patterns of five types of cello-oligosaccharides observed in
HILIC-ESI-CID-MS2.
Structure
(β-(1→4)-glucosyl
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C4-oxidized
(Glc_n*)

OH

OH

OH
OH
O

O

OH

n-2

O
OH

HO

OH

HO

OH

OH

OH

OH
O

O
HO

OH
O

O
OH

HO

O

OH

O
O

O
OH

n-2
HO

OH

OH
OH

OH

D

D

n-2
HO

OH
OH

HO

HO

O

O
HO

HO

OH

n-2
OH

OH

HO

Reduced-C4oxidized
(RD-Glc_n*)

O
O

HO

OH

HO

C-ions are predominant

OH

OH

O

HO

Reducednon-oxidized
(RD-Glc_n)
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C1-oxidized
(Glc_n#)
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O

n-2
HO

Cross-ring cleavage
0,2A - and 2,4A -fragments;
n
n
0,2
An-fragments
are

O

O
HO

Glycosidic bond cleavage

OH
O

HO

Fragmentation patterns

D
OH

OH

Both B-/Y- and C-/Zfragments; B-/Y-cleavage
is predominant directly
next to A ring, but
decreases closer to B ring;
C-/Z-cleavage
is
predominant directly next
to B ring but decreases
closer to A ring
Both B-/Y- and C-/Zfragments; glycosidic bond
cleavage
is
less
pronounced compared to
ring cleavage
Both B-/Y- and C-/Zfragments; glycosidic bond
cleavage is predominant
closer to A ring, but
decreases closer to B ring
Both B-/Y- and C-/Zfragments; glycosidic bond
cleavage is predominant
closer to A ring, but
decreases closer to B ring

predominant on B ring, but
decreases closer to A ring;
2,4
An-fragments on B ring
and B neighboring ring
2,4X - and 0,2A -fragments;
n
n
2,4X -framents
are
n

predominant on A ring, but
decreases closer to B ring;
0,2A -fragments
are
n
predominant on B ring, but
decreases closer to A ring
0,2A -, 2,4A n
n

and little (0),1Anfragments; 2,4An-fragments
are predominant (even over
glycosidic bond cleavage) on
the ring closed to B ring, but
decreases closer to A ring
0,2A n

and 2,4An-fragments;
not on A and B rings, but on
the neighboring rings of A
and B
0,2A n

and 2,4An-fragments;
not on A and B rings, but on
the neighboring rings of A
and B

4. Conclusions
In this study, fragmentation patterns of non-, C1- and C4-oxidized cellooligosaccharides released by LPMOs and the reduced forms of non- and C4-oxidized
cello-oligosaccharides were analyzed by using HILIC-ESI-CID-MS/MS2 in negative ion
mode. All type of cello-oligosaccharides showed both glycosidic bond and cross-ring
cleavage fragments, but the fragmentation pattern of each type is distinct. Based on
the outcomes of this research, also other structures of different oligosaccharides
containing a β-(1→4)-glucosyl (cellulose-like) backbone, for example branched
oxidized xyloglucan oligosaccharides, can be elucidated by their diagnostic ions and
the specific fragmentation patterns. The structural elucidation of these complex
(oxidized) oligosaccharides will further help understanding the mode-of-action of
LPMOs regarding their ability to oxidatively degrade a range of plant cell wall
polysaccharides, including cellulose and xyloglucan. Moreover, it can be envisaged that
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beyond the LPMO-field, our study contributes to the characterization of (chemically)
oxidized oligosaccharides in general.
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6. Supplementary information
6.1. Supplementary materials and methods
6.1.1. Enzyme expression, production and purification
The genes encoding MtLPMO9I (MYCTH_2299721, UniProt ID: G2Q774) and MtLPMO9E
(MYCTH_79765, UniProt ID: G2Q7A5, previously reported as MtLPMO9J (1)), were
homologously expressed in a low protease/low (hemi-) cellulose producing
Myceliophthora thermophila C1 strain, essentially as described elsewhere (2, 3).
The crude MtLPMO9I-rich fermentation broth was filtrated and dialyzed against 10 mM
potassium phosphate buffer pH 7.6 before chromatographic purification. First, anion
exchange chromatography (AEC) was performed by using an ÄKTA-Explorer
preparative chromatography system (GE Healthcare, Uppsala, Sweden). A Source 15Q
column with a 100 × 70 mm internal diameter (GE Healthcare) was used and preequilibrated with two column volumes by 20 mM potassium phosphate buffer pH 7.6
(eluent A). Eluent B was 20 mM potassium phosphate buffer pH 7.6 containing 1 M
NaCl. MtLPMO9I-containing samples were loaded onto the column and the unbound
fraction was washed out with three column volumes of Eluent A. Elution was performed
as follows: from 0% to 40% B in 15 column volumes; next from 40% to 100% over
one column volume and finally two column volumes of 100% B. The flow rate was 20
mL/min and the elution was monitored by UV absorption at 220 and 280 nm. All
fractions were collected (40 mL size) and immediately stored on ice. Peak fractions
were adjusted to an approximate concentration of 2 mg/mL and analyzed by sodium
dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE; see Section 6.1.3) to
determine the MtLPMO9I-containing fractions. For a second purification step, size
exclusion chromatography (SEC) was used. Hereto, combined MtLPMO9I-containing
fractions were loaded on a self-packed SuperdexTM 75 PG column (100 × 3 cm internal
diameter, GE Healthcare) and eluted (5 mL/min) with a 10 mM potassium phosphate
buffer (pH 7.0) containing 150 mM NaCl. Peak fractions (based on UV 280 nm) were
collected (10 mL) and immediately stored on ice. These fractions again were adjusted
to an approximate concentration of 2 mg/mL and analyzed by SDS-PAGE. SEC-purified
MtLPMO9I-containing fractions were used directly for enzyme incubations.
For MtLPMO9E, three subsequent chromatographic purification steps were performed.
Crude MtLPMO9E-rich fermentation broth was filtrated and dialyzed against 10 mM
potassium phosphate buffer pH 7.0. First, the MtLPMO9E-containing enzyme
preparation was loaded on a Source 15Q column (GE Healthcare) pre-equilibrated with
20 mM potassium phosphate buffer pH 7.0. After washing the unbound fraction (two
column volumes), elution (flowrate 20 mL/min) was performed by using a linear
gradient from 0 to 1 M NaCl in 20 mM potassium phosphate buffer pH 7.0 over one
column volume. All fractions were collected and immediately stored on ice. Peak
fractions (based on UV 280 nm) were adjusted to an approximate concentration of 2
mg/mL and analyzed by SDS-PAGE to determine the MtLPMO9E-containing fractions.
Subsequently, SEC purification was performed similarly as described for purification of
MtLPMO9I. Combined SEC-purified MtLPMO9E-containing fractions were further
78

MS2 patterns of C1- and (reduced) C4-oxidized cello-oligosaccharides
purified by using cation exchange chromatography (CEC) on an ÄKTA-Micro
preparative chromatography system (GE Healthcare). MtLPMO9E-containing fractions
were loaded on a Resource Q column (30 × 16 mm internal diameter, GE Healthcare)
pre-equilibrated with 10 mM sodium acetate buffer (pH 5.0). By using a flow rate of 1
mL/min, the unbound fraction was washed (two column volumes) and elution was
performed by using a linear gradient from 0 to 0.5 M NaCl in 10 mM sodium acetate
buffer pH 5.0 over one column volume. All fractions were collected and immediately
stored on ice. Peak fractions (based on UV 280 nm) were adjusted to an approximate
concentration of 2 mg/mL and analyzed by SDS-PAGE to determine the MtLPMO9E
fractions. CEC-purified MtLPMO9E-containing fractions were used directly for enzyme
incubations.

6.1.2. Protein content
The protein content of purified MtLPMO9I and MtLPMO9E was analyzed using the BCA
Protein Assay Kit (Thermo Fisher Scientific, Waltham, MA, USA). Bovine serum albumin
was used as calibration standard in a range of 20-2000 μg/mL.

6.1.3. Electrophoresis of enzyme samples to evaluate purity and
molecular mass
SDS-PAGE was used to analyze the apparent molecular mass of MtLPMO9I and
MtLPMO9E corresponding fractions and to determine their purity. Hereto, protein
samples were reduced with dithiothreitol, heated for 15 min and loaded on 12%
polyacrylamide gels (Mini-PROTEAN TGX Gels, Bio-Rad Laboratories, Hempel
Hempstead, UK). In addition, a protein marker (Precision Plus ProteinTM Standards,
Bio-Rad Laboratories) was loaded to calibrate the subunit mass. After the
electrophoresis, gels were stained with InstantBlueTM (Expedeon, Heidelberg,
Germany).

6.1.4. TFA
hydrolysis
monosaccharides

of

reduced

cello-oligosaccharides

to

Freeze-dried reduced cello-oligosaccharides were hydrolyzed with 1 mL of 2 M TFA at
121 °C for 1 h with closed caps. Subsequently, hydrolyzed samples were dried at 40
°C under a steam of nitrogen. To the dried samples 1 mL of water was added and dried
again at 40 °C under a steam of nitrogen to remove the remaining TFA. The dried
hydrolyzed samples were dissolved in 100 uL MilliQ-pure water prior to HPAEC analysis.

6.1.5. HPAEC analysis of monosaccharides after TFA hydrolysis
Monosaccharides were analyzed using the same HPAEC system (Thermo Fisher
Scientific) with additional post-column (Thermo Fisher Scientific; addition of 0.1 M
NaOH). The analysis was performed as published elsewhere (4). TFA hydrolyzed
samples were diluted ten times prior to HPAEC post-column analysis. Glucose (25
µg/mL), galactose and sorbitol (10 µg/mL each) were used as standards.
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6.2. Supplementary data

Fig. S1. SDS-PAGE analysis of MtLPMO9E- and MtLPMO9I-containing fractions before and after
purification. MtLPMO9E (lane c) and MtLPMO9I (lane f) were step-wise purified from the crude
fermentation broth rich of MtLPMO9E (lane b) and MtLPMO9I (lane e), respectively. In lanes a and
d, the known molecular masses (kDa) of marker proteins are indicated.

Fig. S2. HPAEC chromatograms of generated oligosaccharides from RAC incubations with
MtLPMO9E and MtLPMO9I without SPE clean-up. Incubation of RAC with MtLPMO9E resulted in the
release of C4-oxidized oligosaccharides (Glc_n*; f), while MtLPMO9I resulted in the generation of
C1-oxidized oligosaccharides (Glc_n#, d), in the presence of ascorbic acid (Asc). Control reactions
were (a) only RAC, (b) RAC with Asc, (c) MtLPMO9I incubated with RAC in the absence of Asc and
(e) MtLPMO9E incubated with RAC in the absence of Asc. Cello-oligosaccharides DP2‒6 were used
as standards (g).
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Fig. S3. Structures and HPAEC chromatograms (after SPE clean-up) of non-, C4- and C1-oxidized
cello-oligosaccharides, indicated as Glc_n, Glc_n* and Glc_n#, respectively. (a) Non-oxidized
cello-oligosaccharides of DP2‒6 (Glc_2‒6). (b) C4-oxidized cello-oligosaccharides (Glc_n*) having
the C4-ketone group (indicated in red) on the A ring as present in the MtLPMO9E-RAC sample. In
addition, non-oxidized cello-oligosaccharides are present as a result of the MtLPMO9E catalytic
reaction towards RAC. (c) C1-oxidized cello-oligosaccharides (Glc_2–7#) having the carboxyl
group on the B ring (gluconic acid group) as present in the MtLPMO9I-RAC sample. In addition,
non-oxidized cello-oligosaccharides are present as a result of the MtLPMO9I catalytic reaction
towards RAC. C4- and C1-oxidized cello-oligosaccharides were obtained from the incubation of
RAC with either MtLPMO9E or MtLPMO9I in the presence of Asc (Fig. S2).

Fig. S4. HILIC-ESI full-scan mass spectra (elution time 4–40 minutes) of (a) standard cellooligosaccharides DP2–6, (b) MtLPMO9E-RAC sample and (c) MtLPMO9I-RAC sample, all after SPE
clean-up. (a) Non-oxidized cello-oligosaccharides (Glc_n) were present both in [Glc_n–H]- and
[Glc_n+FA–H]-. (b) C4-oxidized cello-oligosaccharides (Glc_n*) were present as 4-ketoaldoses
indicated by their m/z of -2 compared to the Glc_n of the same DP. Glc_n* were present as
[Glc_n*–H]- and [Glc_n*+FA–H]-. (c) C1-oxidized cello-oligosaccharides (Glc_n#) were present as
aldonic acids indicated by their m/z of +16 compared to the Glc_n of the same DP. Glc_n# were
only present as [Glc_n#–H]- ions. FA= formic acid. C4- and C1-oxidized cello-oligosaccharides
were obtained from the incubation of RAC with either MtLPMO9E or MtLPMO9I in the presence of
Asc (Fig. S2).

81

Chapter 3

Fig. S5. Negative ion mode CID-MS2 spectra of non-oxidized cello-oligosaccharides DP3‒5 (Glc_3,
m/z 503.2; Glc_4, m/z 665.3 and Glc_5, m/z 827.3); average spectra across chromatographic
peaks. The fragments are annotated according to Domon and Costello (5). Blue solid arrows
indicate the most abundant fragments, while dashed arrows represent fragments with relatively
low intensity. A and B ring represent the non-reducing and reducing end, respectively.
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Fig. S6. Negative ion mode CID-MS2 spectrum of the C1-oxidized cello-oligosaccharide DP5
(Glc_5#, m/z 843.3). See Fig. 3 for DP3 (Glc_3#, m/z 519.2) and DP4 (Glc_4#, m/z 681.3);
average spectra across chromatographic peaks. The fragments are annotated according to Domon
and Costello (5). Blue solid arrows indicate most abundant fragments, while dashed arrows
indicate fragments with relatively lower intensity. Carboxyl groups are indicated in red. A and B
ring represent the non-reducing and gluconic acid end, respectively. C1-oxidized cellooligosaccharides were generated by RAC incubated with MtLPMO9I in the presence of Asc (Fig.
S2).

Fig. S7. Structures and HPAEC chromatograms (after SPE clean-up) of NaBD4-reduced non-, C4and C1-oxidized cello-oligosaccharides, indicated as RD-Glc_n, RD-Glc_n* and Glc_n#,
respectively. (a) Reduced non-oxidized cello-oligosaccharides DP2-6 (RD-Glc_2-6). (b) Reduced
C4-oxidized cello-oligosaccharides with resulting deuterium ions (indicated in red) on both the A
and B ring. Reduction of the oxidized C4-group resulted both in glucosyl and galactosyl units,
hence two series of oligosaccharides eluted in HPAEC (RD-Glc_n* and RD-Glc_n(*)). (c) C1oxidized cello-oligosaccharides (Glc_n#) were non-reducible and remained in their aldonic acid
form. C4- and C1-oxidized cello-oligosaccharides were obtained from the incubation of RAC with
either MtLPMO9E or MtLPMO9I in the presence of Asc (Fig. S2).
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Fig. S8. HILIC-ESI full-scan mass spectra (elution time 4–40 minutes) of NaBD4-reduced (a)
standard cello-oligosaccharides DP2–6, (b) MtLPMO9E-RAC sample and (c) MtLPMO9I-RAC
sample, all after SPE clean-up. (A) Reduced non-oxidized cello-oligosaccharides (RD-Glc_n) were
present both in [RD-Glc_n–H]- and [RD-Glc_n+FA–H]-. (B) Reduced C4-oxidized cellooligosaccharides (RD-Glc_n*) shown m/z +1 compared to the RD-Glc_n of the same DP were also
present as [RD-Glc_n*–H]- and [RD-Glc_n*+FA–H]-. (C) C1-oxidized cello-oligosaccharides
(Glc_n#) were non-reducible and remained in their deprotonated aldonic acid form [Glc_n#–H]-.

Fig. S9. HPAEC monosaccharide chromatograms of (a) monosaccharide standard (sorbitol,
galactose and glucose; black line), (b) TFA hydrolyzed reduced native cello-oligosaccharides
(TFA_RD-Glc_n, blue line) and (c) TFA hydrolyzed reduced C4-oxidized cello-oligosaccharides
(TFA_RD-Glc_n*, red line). Galactose was present in TFA_RD-Glc_2–5* indicating that the
galactosyl unit was formed during reduction of C4-oxidized cello-oligosaccharides.
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Fig. S10. Negative ion mode CID-MS2 spectrum of the reduced non-oxidized cello-oligosaccharide
DP5 (RD-Glc_5, m/z 830.3). See Fig. 5 for DP3 (RD-Glc_3, m/z 506.3) and DP4 (RD-Glc_4, m/z
668.3); average spectra across chromatographic peaks. The fragments are annotated according
to Domon and Costello (5). Blue solid arrows indicate the most abundant fragments, while dashed
arrows indicate fragments with relatively lower intensity. The deuterium ion is indicated in red. A
and B ring represent the non-reducing and deuterated alditol end, respectively.

Fig. S11. Negative ion mode CID-MS2 spectrum of the reduced C4-oxidized cello-oligosaccharide
DP5 (RD-Glc_5*, m/z 831.3). See Fig. 6 for DP3 (RD-Glc_3*, m/z 507.2) and DP4 (RD-Glc_4*,
m/z 669.3); average spectra across chromatographic peaks. The fragments are annotated
according to Domon and Costello (5). Blue solid arrows indicate the most abundant fragments,
while dashed arrows indicate fragments with relatively lower intensity. The formation of hydroxyl
groups from the 4-keto groups and deuterium ions are indicated in red. A and B ring represent
the non-reducing and deuterated alditol end, respectively. Note that the A-ring can represent a
glucosyl and galactosyl unit.
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Abstract
Lytic polysaccharide monooxygenases (LPMOs) play a key role in enzymatic
degradation of hard-to-convert polysaccharides, such as chitin and cellulose. It is
widely accepted that LPMOs catalyze a single regioselective oxidation of the C1 or C4
carbon of a glycosidic linkage, after which the destabilized linkage breaks. We
discovered a series of novel C4/C6 double oxidized cello-oligosaccharides. Products
were characterized, aided by sodium borodeuteride reduction, and hydrophilic
interaction chromatography coupled to mass spectrometric analysis. The C4/C6 double
oxidized products were generated by C4 and C1/C4 oxidizing LPMOs, but not by C1
oxidizing ones. By performing incubation and reduction in H218O, we confirmed that
the C6 gem-diol structure resulted from oxygenation, though oxidation to a C6
aldehyde, followed by hydration to the C6 gem-diol, could not be excluded. Our
findings can be extended to how the reactive LPMO-cosubstrate complex is positioned
towards the substrate.

Keywords
Isotopic labeling; Lytic polysaccharide
Oligosaccharides; Regioselectivity
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1. Introduction
In context of fungal physiology, biocatalysis and biorefinery processes, lytic
polysaccharide monooxygenases (LPMOs) are beneficial to the enzymatic degradation
of hard-to-convert polysaccharides, such as cellulose and chitin, and, simultaneously,
introduce oxidized functional groups (1-6).
LPMOs are classified as Auxiliary Activities (AA) families in the Carbohydrate-Active
enZyme (CAZy) database (7, 8). Based on amino acid sequence similarity, LPMOs are
currently categorized in AA9−AA11 and AA13−AA17 (9, 10). So far, AA9 is the largest
LPMO family, in which all candidates are from fungal origin, and all characterized
LPMOs are oxidatively cleaving cellulose (11, 12).
LPMOs exploit a mono-copper dependent active site, where the copper is coordinated
by a unique histidine brace (4, 13-15). Although part of the LPMO’s
mono(per)oxygenase mechanisms remain under debate, it is generally accepted that
an external reductant and a cosubstrate (O2 or H2O2) is required for catalysis (11, 12,
16, 17). LMPOs catalyze a regioselective single oxidation reaction, of either the C1 or
the C4 position in the glycosidic linkage, which results in cleavage of this destabilized
linkage (11). In addition to non-oxidized products, C1 oxidation generates δ-lactones,
while after C4 oxidation 4-ketoaldoses are formed. In aqueous solutions, however, δlactones convert to aldonic acids, while the 4-ketoaldoses are in pH-dependent
equilibrium with the corresponding gem-diols (11, 12). The LPMO regioselectivity
attracts a lot of scientific attention, as it reflects how LPMOs interact with their
substrate, and how the copper-bound oxygen (or peroxide) species and the glycosidic
linkage are positioned during the catalytic reaction (18-21).
So far, singly C1 and/or C4 oxidized cello-oligosaccharides, resulting from oxidative
cleavage of cellulose, have been identified via a combination of chemically oxidized
standards, high performance anion exchange chromatographic with pulsed
amperometric detection analysis (HPAEC-PAD) and mass spectrometric (m/z) data
(21-24). Following the same strategy, however, without including the corresponding
standards, double, C1 and C4, oxidized cello-oligosaccharides have also been
suggested as LPMO products (21-24). It can however be questioned whether the
observed double oxidized products are indeed C1/C4 oxidized, or C1/C6 oxidized as
suggested elsewhere (25), since both have the same m/z values. In this work, we
analyzed different LPMO cellulose digests aided by sodium borodeuteride (NaBD4)
reduction and hydrophilic interaction chromatography–electrospray ionization–
negative ion mode collision induced dissociation–mass spectrometry (HILIC-ESI-CIDMS/MS2). We found that C4 and C1/C4 oxidizing LPMOs generated C4/C6 double
oxidized cello-oligosaccharides having a gem-diol structure at C6 carbon. Our findings
provide new insights into the LPMO-mediated regioselective oxidation of cellulose,
which is of high relevance for biorefinery applications.
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2. Materials and methods
2.1. Enzymatic incubation of AA9 LPMOs with RAC
Materials, production and purification of AA9 LPMOs used in this study are described
in Supplementary information. LPMO-RAC incubation was based on Sun et al. (26). 2
mg/mL of RAC was mixed with 50 mM (final concentration) ammonium acetate buffer
(pH 5.0). Subsequently, 1 µM of LPMO was added to RAC mixture with and without 1
mM Asc (final concentration). Control reactions were performed in the absence of LPMO
with and without Asc. All reactions (500 µL total volume) were incubated at 30 °C by
using an Eppendorf Thermomixer® comfort (Hamburg, Germany), placed in an almost
vertical direction, at 800 rpm in duplicate. At 6 h and 16 h, another 1 µM of MtLPMO9H
or MtLPMO9E was added to their corresponding incubation tubes (in total 3 µM), while
the same volume of water was added to other LPMO-RAC incubation tubes. The
reactions continued till 24 h and were stopped by immediately separating supernatants
after centrifugation at 22000 × g for 10 mins at 4 °C in a benchtop centrifuge (Z 233
MK-2, HERMLE Labortechnik GmbH, Wehingen, Germany). The resulting supernatants
were collected and part of supernatants were reduced by NaBD4 followed by solid phase
extraction (SPE) as described below (27). The non-reduced digests were diluted five
times before HPAEC-PAD analysis. A mixture of cellobiose, cellotriose, cellotetraose,
cellopentaose and cellohexaose (1 µg/mL each) were analyzed as standards.

2.2. Reduction of generated (oxidized) cello-oligosaccharides
with NaBD4 and clean-up with SPE
Reduction with NaBD4 was performed according to Sun et al. (26). A clean-up
procedure for reduced digests was carried out by using SPE with Supelclean™ ENVICarb™ columns (3 mL, Sigma-Aldrich) as described previously (26). The dried reduced
samples were dissolved in 60% (v/v) acetonitrile in water. The reduced RAC digests
were directly used for HILIC-ESI-CID-MS/MS2 analysis or diluted twenty times for
HPAEC-PAD analysis.

2.3. Enzymatic incubation and reduction in H218O
Prior to enzymatic incubation, RAC, buffer and enzyme stock solution were prepared
in H218O. 0.7 mL of RAC suspension was thoroughly mixed with 0.7 mL of H218O
followed by centrifugation 22000 × g for 10 min at 4 °C in a table centrifuge.
Subsequently, the supernatant was discarded and H218O was added to bring back to
the same volume. These steps were repeated another four times to achieve that H218O
in RAC was >99.9%. 50 mM (final concentration in the incubation) ammonium acetate
buffer (pH 5.0) containing 1 mM Asc (final concentration in the incubation) was freshly
prepared in H218O prior to incubation. Stock solutions of MtLPMO9E, MtLPMO9H,
NcLPMO9C and NcLPMO9M were concentrated ten times by using Amicon® Ultra-0.5
centrifugal filter units (Merck Millipore, U.S.A.) with a 3 kDa cutoff. Afterwards, 50 mM
ammonium acetate buffer (pH 5.0) in H218O was added to bring back to the same
volume. These cycles were repeated another four times to achieve that H218O in
enzyme stock solution was >99.9%. The enzymatic incubation with RAC was
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performed as described above. The reduction was carried out by using NaBD4 in H218O.
The SPE procedures were performed as described above. The dried reduced samples
were dissolved in 60% (v/v) acetonitrile in H218O just prior to analysis.

2.4. HPAEC-PAD analysis for profiling oligosaccharides
Samples and standards were analyzed by a HPAEC-PAD with an ICS-5000 system
(Dionex, Sunnyvale, California, U.S.A.) equipped with a CarboPac PA-1 column (2 mm
ID × 250 mm; Dionex) in combination with a CarboPac PA guard column (2 mm ID ×
50 mm; Dionex). Two mobile phases were (A) 0.1 M NaOH and (B) 1 M NaOAc in 0.1
M NaOH and other setting have been described previously (26, 28). Non-reduced
samples and standards were analyzed with a 92.5 min elution program: 0–45 min,
linear gradient 0–25% B; 45–67.5 min, linear gradient 25–50% B; 67.5–77.5 min
isocratic gradient 100% B and 77.5–92.5 isocratic gradient 0% B. The elution program
for analysis of reduced samples and standards has been described previously (26, 28).
Chromatographic data were processed by using Chromeleon 7.2.10 software (Thermo
Fisher Scientific, Waltham, Massachusetts, U.S.A.).

2.5. HILIC-ESI-CID-MS/MS2 for structural elucidation of reduced
cello-oligosaccharides
The reduced RAC digests were analyzed by HILIC-ESI-CID-MS/MS2 on a Vanquish
UHPLC system (Thermo Fisher Scientific) coupled to an LTQ Velos Pro mass
spectrometer (Thermo Fisher Scientific). The UHPLC and MS (negative ion mode)
settings, column and mobile phases have been described previously (26). The elution
program was also described previously (29). MS2 was performed under dependent scan
mode as described previously with the only modification of Activation Q set to 0.25
(26). Mass spectrometric data were processed by using Xcalibur 2.2 software (Thermo
Fisher Scientific). All chemical structures used were created by using ChemDraw
18.0.0.231 (PerkinElmer, Waltham, Massachusetts, U.S.A.).

3. Results and discussion
We first analyzed, by using HPAEC-PAD (Fig. S1), regenerated amorphous cellulose
(RAC) digested with published C1/C4 oxidizing LPMOs from two different fungi:
LPMO9H from Myceliophthora thermophila C1 (MtLPMO9H) (23) and LPMO9M from
Neurospora crassa (NcLPMO9M) (11). The oligosaccharides eluting after 45 min
correspond to the previously suggested double, C1 and C4, oxidized cellooligosaccharides (23). The same double oxidized oligomers, eluting after 45 min, were
detected in the RAC digests of the distinct C4 oxidizing MtLPMO9E (26) and NcLPMO9C
(19, 30, 31), though in (relatively) lower amounts, and not in C1 oxidizing MtLPMO9B
(28, 32)- and NcLPMO9F (19, 31)-RAC digests (Fig. S1).
Next, to further understand the position of the oxidations in the double oxidized
oligomers, these digests were reduced by NaBD4 and subsequently analyzed by
HPAEC-PAD (Fig. S2) and HILIC-ESI-CID-MS/MS2 (Fig. 1 and Fig. S3) (26, 29).
Reduction with NaBD4 reduces the reducing end of the oligosaccharides under addition
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of a deuterium atom (D) (see structures in Fig. 1), which distincts this reduced end in
MS2 fragmentation spectra from the non-reducing end otherwise having the same m/z
values. In addition, the C4 oxidized end becomes reduced leading to a “regular” nonreduced end glycosyl unit, but with addition of D (m/z +1 compared to hydrogen atom
(H)). Both HPAEC-PAD and HILIC-MS showed that, besides reduced non-oxidized (RDG2−6) and reduced C4 oxidized cello-oligosaccharides (RD-GALC4oxG2−7 and RDGLC
C4oxG2−7 due to the formation of galactosyl or glucosyl ends after reduction) (26),
an additional series of reduced oligomers was observed (Fig. S3). Reduced oligomers
of this additional series were collected after HILIC analysis, and a re-analysis by
HPAEC-PAD confirmed that these products corresponded to the additional series
defined by HPAEC-PAD, of not yet defined, possibly double, (reduced) oxidized
products (Fig. S4).
Further, based on m/z values obtained from the base peak chromatogram (Fig. S3),
and the extracted ion chromatogram (Fig. 1a) of the HILIC-MS/MS2 analysis, the
additional series indicated to be a series of reduced C4/C6 double oxidized cellooligosaccharides (DP2‒7; RD-C4C6oxG2−7). To explain in brief, for example, for RDC4C6oxG4 (Fig. 1b, others in Fig. S5), m/z 685.5 ([M‒H]‒) was detected. In our
previous study, we showed that i) NaBD4 reduction of non-oxidized cellooligosaccharides (e.g., RD-G4, m/z 668.5) increases their m/z values (m/z +3) due to
the reduction and insertion of one D to the reduced alditol end; ii) NaBD4 reduction of
C4-oxidized cello-oligosaccharides (e.g., RD-C4oxG4, m/z 669.5) leads to an m/z
increase of +6 compared to the non-reduced ones (e.g., C4oxG4, m/z 663.5), since
the C4 ketone end is reduced to ‒OH with one D inserted at the C4 carbon (m/z +3),
and reduction and insertion of one D to the reduced alditol end (m/z +3); iii) (C4
oxidized) gem-diol forms and C1 oxidized cello-oligosaccharides (aldonic acid form)
cannot be reduced by NaBD4 (26). Based on these findings, the in literature proposed
double C1/C4 oxidized cello-oligosaccharides (e.g., C1C4oxG4, m/z 679.5 (C4
ketone)/m/z 697.5 (C4 gem-diol); Fig. S6) should, after NaBD4 reduction lead to an
m/z increase of +3 in case of a C4 ketone end, or remain the same m/z after NaBD4
reduction (Fig. S6). The detected m/z 685.5 ([M‒H]‒, Fig. 1b, others in Fig. S5) did
not match with the m/z of RD-C1C4oxG4, however, matched with a reduced form of a
C4 ketone end having a C6 gem-diol group (Fig. 1). Corresponding m/z values of
reduced double, C1/C4, oxidized cello-oligosaccharides were not detected. Further, a
detailed MS2 analysis of m/z 685.5 confirmed this product as a reduced form of a C4
oxidized cellotetraose having an additional (oxidized) C6 gem-diol group (Fig. 1 and
Fig. S7). In particular, m/z values of fragments Y3 and S4 showed the presence of an
additional gem-diol group on the (NaBD4 reduced) C4 ketone end of the
oligosaccharides.
The combined results of the NaBD4 reduction and the HILIC-MS/MS2 analysis of the
double oxidized series in the LPMO-RAC digests, can be translated into the structure
of these products prior to reduction: a C4 ketone and a C6 gem-diol group in the same
product (Scheme 1).
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Fig. 1. LPMO-generated C4/C6-double oxidized cello-oligosaccharides after NaBD4 reduction in
H2O. (a) HILIC-ESI-MS (negative mode; [M‒H]-) extracted ion chromatogram of the reduced
C4/C6-double oxidized cello-oligosaccharides from DP2 to DP7 (RD-C4C6-oxG2−7) from the
NcLPMO9M-RAC digest; similar data were obtained for MtLPMO9H-, NcLPMO9C- and MtLPMO9E-
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RAC digests. (b) Representative example of an MS spectrum of the reduced double oxidized
cellotetraose (RD-C4C6-oxG4, m/z 685.5 ([M‒H]-)). (c) Representative example of MS2 spectrum
of RD-C4C6-oxG4. The oxygen atom from molecular oxygen is indicated in red and the deuterium
atom is indicated in green. MS2 spectra of RD-C4C6-OxG2−3 and RD-C4C6-OxG5−6 are shown in
Fig. S7. Annotation of fragments is according to the nomenclature developed by Domon and
Costello (33).

LPMOs have been shown to incorporate molecular oxygen at the C4 position, resulting
in a C4 ketone, when oxygen is used as cosubstrate. The LPMO route to a C6 gem-diol
formation has yet to be defined. We hypothesize two routes (Scheme 1): I the
addition of a second hydroxyl group at the C6 carbon is catalyzed by the LPMO, via
molecular oxygen, similar as suggested for C4 oxidation; II the LPMO oxidizes the C6–
OH into a C6 aldehyde, which hydrates further into the C6 gem-diol (34). The major
difference is that in route I the second oxygen atom in the C6 gem-diol group stems
also from LPMO, while in route II one oxygen atom is from water.
To test the origin of the inserted oxygen atoms in the C4 ketone and C6 gem-diol
group, we performed the LPMO-RAC incubations, and the NaBD4 reduction, in H218O.
In these digests, reduced single C4 oxidized cello-oligosaccharides showed a m/z of
+2 compared to the m/z of corresponding RD-C4ox generated in H2O (Fig. S8).
Corresponding MS2 spectra suggest the presence of an 18O atom (from H218O) at the
C4 carbon of the non-reducing end. To confirm that 18O exchange occurred during
reduction, H2O and H218O digests without reduction were subjected to HILIC-MS/MS2.
Although the HILIC separation was poor, and the MS signal intensity of non-reduced
samples was less pronounced compared to the reduced products, we could still collect
proper MS and MS2 spectra. From these spectra, it can be concluded that both the H2O
and H218O digests comprised m/z values consistent with 16O incorporation at the nonreducing end of the C4 oxidized products. For example, for C4oxG4 m/z 663.5 ([M‒
H]‒) was found in both H2O and H218O (Fig. S9 and S10).
Prior to reduction, in H218O the m/z +2 values were also abundant, for example m/z
665.5 ([M‒H]‒). This m/z 665.5 can represent non-oxidized G4 or C4oxG4 having 18O
at the C4 of the non-reducing end (18OC4oxG4), which coelutes in HILIC. They obtain
the same m/z values that cannot be distinguished by MS and MS2. Nevertheless, since
the m/z +2 values (e.g., 665.5; Fig. S9 and S10) were more abundant in H218O than
in H2O, we suggest that the 16O-C4 ketone is hydrated in H218O to a C4 gem-diol (e.g.,
with both −16OH and −18OH), which subsequently converts back to the 16O- and 18OC4 ketones (35). After the reduction in H218O, mostly 18O-C4 ketones end-products are
observed due to the favored side of the C4 ketone over the gem-diol in this equilibrium
(Fig. S11).
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Fig. 2. LPMO-generated C4/C6-double oxidized cello-oligosaccharides after NaBD4 reduction in
H218O. a Representative example of an MS spectrum indicating the m/z of reduced double oxidized
cellotetraose (digest and reduction in H218O; RD-18OC4C6-oxG4, m/z 687.5 [M‒H]- and RD18OC418OC6-oxG4, m/z 689.5 [M‒H]-). MS2 spectra of
(b) RD-18OC4C6-oxG4 and (c) RD18OC418OC6-oxG4. The oxygen atom from molecular oxygen or from H 18O is indicated in red and
2
blue, respectively. The deuterium atom is indicated in green. Annotation of fragments is according
to the nomenclature developed by Domon and Costello (33).
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With respect to the reduced double oxidized products in the H218O digests (Fig. 2a),
compared to those in H2O (Fig. 1b), the MS spectra showed a series of m/z +2 and of
+4 values (e.g., m/z 687.5 [M‒H]‒; RD-18OC4C6oxG4, and m/z 689.5 [M‒H]‒; RD18O
C418OC6oxG4). The corresponding MS2 fragmentation patterns showed that the one
double oxidized series (e.g., m/z +2) contained 18O at the non-reducing end only (Fig.
2b). Notably, the m/z loss resulting in the MS2 S4 fragment (e.g., loss of C6 gem-diol
from the parental molecule) was the same in RD-C4OxG4 and RD-18OC4OxG4 (both
47), again indicating that 16O was found in the C6 gem-diol group, even in H218O (Fig.
1c and 2b). This diagnostic observation confirmed route I: a second hydroxyl group
in the C6 gem-diol is formed via LPMO (per)oxygenation (Scheme 1 and Fig. S12).
The other double oxidized series (e.g., m/z +4) was identified, via corresponding MS2
spectra, to have 18O both at the non-reducing end and at the C6 carbon (Fig. 2c; RD18O
C418OC6oxG4), confirmed by the mass loss of 49 of the S4 fragment (Fig. 2c). Again,
as described above for 18O exchange at the C4 position (e.g., via gem-diol formation),
formation of RD-18OC418OC6oxG4 possibly results from RD-18OC4C6oxG4, by exchange
of 16O to 18O in H218O (Fig. S12). However, route II (Scheme 1) cannot be fully
excluded as RD-18OC418OC6oxG4 may also form from hydration of the C6 aldehyde in
H218O (Fig. S12). Prior to reduction, m/z values of C6 aldehyde structures were
recognized (only DP3 and 4 were seemingly present; Fig. S13).
However, due to poor separation of non-reduced samples and too low MS intensities
of these products, the data were not conclusive, and route II was not confirmed nor
disapproved. Oxidation to C6 aldehydes followed by hydration to C6 gem-diols has
been described as products from galactose oxidases and raffinose oxidases (36-38).
These enzymes oxidize the C6 carbon of a galactosyl residue to a galactoaldehyde,
followed by hydration to the C6 gem-diol, hemiacetal formation and other minor
modifications (36-38). C6 aldehyde and the two latter products were not observed to
be significantly present in the LPMO-RAC digests, and products with C6 gem-diol
structure were predominant. These results suggested that most likely C6 gem-diol is
formed directly via oxygenation catalyzed by LPMOs, as demonstrated in route I.
We described two routes how C4/C6 double oxidized cello-oligosaccharides formed,
however, it remains to be answered whether C4/C6 double oxidized cellooligosaccharides were generated simultaneously with C4 oxidized ones, or that C6
oxidation was generated after C4 oxidation took place. However, the chance that C6
oxidation occurred at (early on) formed oxidized C4 ends, and vice versa is considered
to be very low. More likely would be that in the same LPMO-substrate complex both
C4 and C6 oxidation took place. The latter is strengthened by our observation of (only)
formation of C4/C6 double oxidized cello-oligosaccharide, and C4 oxidized cellooligosaccharides in the LPMO reactions studied, also at earlier incubation time points
(data not shown). We attempted to pick up if single C6 oxidized products were formed.
Since without further cleavage of the glycosidic linkages, only C6 oxidized cellulose will
not become soluble, we have investigated cellulases hydrolyzed residues of RAC and
of an LPMO-RAC digest with proton nuclear magnetic resonance (1H NMR) spectroscopy
(Fig. S14). For comparison, the soluble fraction of the LPMO-RAC digest was also
analyzed by NMR.
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Scheme 1. Routes for the LPMO catalyzed generation of C4/C6-double oxidized cellooligosaccharides. In route I, LPMO catalyzes the insertion of oxygen atoms at both C4- and C6carbon atoms in the cellulose. The reaction at the C4-carbon will destabilize the glycosidic bond,
leading to the bond cleavage and formation of a C4-ketone in water. After NaBD4 reduction, the
C4-ketone is reduced to glucosyl and galactosyl residues (only one structure is used to illustrate
the scheme), and the C6-gem-diol remains unaltered. Route I is confirmed by performing the
reaction and reduction in H218O. In route II, the LPMO catalyzes the insertion of one oxygen atom
at the C4-carbon, but oxidizes the C6-carbon into a C6-aldehyde group. In water, a C4-ketone is
formed, and the C6-aldehyde prefers to convert to a C6-gem-diol. The subsequent reduced
product is the same as in route I. Route II could not be confirmed nor disproved. The routes for
generation of C4/C6-double oxidized cello-oligosaccharides in H218O are presented in Fig. S11.
The scheme does not distinguish whether the C4- and C6- oxidation occurs simultaneously or that
C4-oxidation occurs prior to C6-oxidation.

Based on these NMR results, we observed basically no differences in the expected
gem-diol region (based on chemical shift predictions) in both RAC residues, while in
the same region signals were observed for the soluble part of the LPMO digest (Fig.
S14). Thus, we concluded that there is no evidence that single C6 oxidation occurred.
Nevertheless, further research is recommended to study the order of events of C4 and
C6 double oxidation, which will shed more light on how the cosubstrate, the
carbohydrate and the enzyme are oriented.

4. Conclusion
In this research, we characterized, for the first time, a series of novel LPMO-catalyzed
C4/C6 double oxidized cello-oligosaccharides by NaBD4 reduction and HILIC-ESI-CID97
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MS/MS2. We found that C4/C6 double oxidized cello-oligosaccharides were generated
by C4 and C1/C4 oxidizing LPMOs, but not by C1 oxidizing ones. By performing LPMORAC incubation and NaBD4 reduction in H218O, we confirmed that the C6 gem-diol
structure resulted from oxygenation, though oxidation to a C6 aldehyde, followed by
hydration to the C6 gem-diol, could not be excluded.

5. References
1.
2.
3.
4.
5.
6.
7.
8.
9.
10.
11.
12.
13.
14.
15.
16.
17.
18.
19.
20.

98

Corrêa TL, dos Santos LV, Pereira GA. AA9 and AA10: from enigmatic to essential enzymes.
Appl Microbiol Biotechnol. 2016;100:9-16.
Hemsworth GR, Johnston EM, Davies GJ, Walton PH. Lytic polysaccharide monooxygenases
in biomass conversion. Trends Biotechnol. 2015;33:747-61.
Horn SJ, Vaaje-Kolstad G, Westereng B, Eijsink VGH. Novel enzymes for the degradation of
cellulose. Biotechnol Biofuels. 2012;5:45.
Vaaje-Kolstad G, Westereng B, Horn SJ, Liu Z, Zhai H, Sørlie M, et al. An oxidative enzyme
boosting the enzymatic conversion of recalcitrant polysaccharides. Science. 2010;330:21922.
Forsberg Z, Vaaje-Kolstad G, Westereng B, Bunaes AC, Stenstrom Y, MacKenzie A, et al.
Cleavage of cellulose by a CBM33 protein. Protein Sci. 2011;20:1479-83.
Harris PV, Welner D, McFarland KC, Re E, Navarro Poulsen JC, Brown K, et al. Stimulation of
lignocellulosic biomass hydrolysis by proteins of glycoside hydrolase family 61: structure and
function of a large, enigmatic family. Biochemistry. 2010;49:3305-16.
Levasseur A, Drula E, Lombard V, Coutinho PM, Henrissat B. Expansion of the enzymatic
repertoire of the CAZy database to integrate auxiliary redox enzymes. Biotechnol Biofuels.
2013;6:41.
Lombard V, Ramulu HG, Drula E, Coutinho PM, Henrissat B. The carbohydrate-active
enzymes database (CAZy) in 2013. Nucleic Acids Res. 2014;42:D490-D5.
Ipsen JO, Hallas-Moller M, Brander S, Lo Leggio L, Johansen KS. Lytic polysaccharide
monooxygenases and other histidine-brace copper proteins: structure, oxygen activation
and biotechnological applications. Biochem Soc Trans. 2021;49:531-40.
Sabbadin F, Urresti S, Henrissat B, Avrova AO, Welsh LRJ, Lindley PJ, et al. Secreted pectin
monooxygenases drive plant infection by pathogenic oomycetes. Science. 2021;373:774.
Phillips CM, Beeson WT, Cate JH, Marletta MA. Cellobiose dehydrogenase and a copperdependent polysaccharide monooxygenase potentiate cellulose degradation by Neurospora
crassa. ACS Chem Biol. 2011;6:1399-406.
Beeson WT, Phillips CM, Cate JH, Marletta MA. Oxidative cleavage of cellulose by fungal
copper-dependent polysaccharide monooxygenases. J Am Chem Soc. 2012;134:890-2.
Quinlan RJ, Sweeney MD, Leggio LL, Otten H, Poulsen J-CN, Johansen KS, et al. Insights into
the oxidative degradation of cellulose by a copper metalloenzyme that exploits biomass
components. Proc Natl Acad Sci U S A. 2011;108:15079-84.
Tandrup T, Frandsen KEH, Johansen KS, Berrin J-G, Lo Leggio L. Recent insights into lytic
polysaccharide monooxygenases (LPMOs). Biochem Soc Trans. 2018;46:1431.
Karkehabadi S, Hansson H, Kim S, Piens K, Mitchinson C, Sandgren M. The first structure of
a glycoside hydrolase family 61 member, Cel61B from Hypocrea jecorina, at 1.6 Å resolution.
J Mol Biol. 2008;383:144-54.
Bissaro B, Rohr AK, Muller G, Chylenski P, Skaugen M, Forsberg Z, et al. Oxidative cleavage
of polysaccharides by monocopper enzymes depends on H2O2. Nat Chem Biol.
2017;13:1123-8.
Wang BJ, Wang ZF, Davies GJ, Walton PH, Rovira C. Activation of O2 and H2O2 by lytic
polysaccharide monooxygenases. ACS Catal. 2020;10:12760-9.
Kim S, Stahlberg J, Sandgren M, Paton RS, Beckham GT. Quantum mechanical calculations
suggest that lytic polysaccharide monooxygenases use a copper-oxyl, oxygen-rebound
mechanism. Proc Natl Acad Sci U S A. 2014;111:149-54.
Laurent CVFP, Sun P, Scheiblbrandner S, Csarman F, Cannazza P, Frommhagen M, et al.
Influence of lytic polysaccharide monooxygenase active site segments on activity and
affinity. Int J Mol Sci. 2019;20:6219.
Danneels B, Tanghe M, Desmet T. Structural features on the substrate-binding surface of
fungal Lytic polysaccharide monooxygenases determine their oxidative regioselectivity.
Biotechnol J. 2019;14:1800211.

C4/C6-double oxidized cello-oligosaccharides
21.
22.
23.
24.

25.
26.

27.
28.
29.
30.
31.
32.
33.
34.
35.
36.
37.
38.

Forsberg Z, Mackenzie AK, Sorlie M, Rohr AK, Helland R, Arvai AS, et al. Structural and
functional characterization of a conserved pair of bacterial cellulose-oxidizing lytic
polysaccharide monooxygenases. Proc Natl Acad Sci U S A. 2014;111:8446-51.
Fanuel M, Garajova S, Ropartz D, McGregor N, Brumer H, Rogniaux H, et al. The Podospora
anserina lytic polysaccharide monooxygenase PaLPMO9H catalyzes oxidative cleavage of
diverse plant cell wall matrix glycans. Biotechnol Biofuels. 2017;10:63.
Grieco MAB, Haon M, Grisel S, de Oliveira-Carvalho AL, Magalhaes AV, Zingali RB, et al.
Evaluation of the enzymatic arsenal secreted by Myceliophthora thermophila during growth
on sugarcane bagasse with a focus on LPMOs. Front Bioeng Biotechnol. 2020;8:1028.
Huttner S, Varnai A, Petrovic DM, Bach CX, Anh DTK, Thanh VN, et al. Specific xylan activity
revealed for AA9 lytic polysaccharide monooxygenases of the thermophilic fungus
Malbranchea cinnamomea by functional characterization. Appl Environ Microbiol.
2019;85:e01408-19.
Bey M, Zhou S, Poidevin L, Henrissat B, Coutinho PM, Berrin JG, et al. Cello-oligosaccharide
oxidation reveals differences between two lytic polysaccharide monooxygenases (family
GH61) from Podospora anserina. Appl Environ Microbiol. 2013;79:488-96.
Sun P, Frommhagen M, Kleine Haar M, van Erven G, Bakx EJ, van Berkel WJH, et al. Mass
spectrometric fragmentation patterns discriminate C1- and C4-oxidised cellooligosaccharides from their non-oxidised and reduced forms. Carbohydr Polym.
2020;234:115917.
Irwin DC, Spezio M, Walker LP, Wilson DB. Activity studies of eight purified cellulases:
specificity, synergism, and binding domain effects. Biotechnol Bioeng. 1993;42:1002-13.
Frommhagen M, Koetsier MJ, Westphal AH, Visser J, Hinz SWA, Vincken J-P, et al. Lytic
polysaccharide monooxygenases from Myceliophthora thermophila C1 differ in substrate
preference and reducing agent specificity. Biotechnol Biofuels. 2016;9:186.
Sun P, Laurent CVFP, Scheiblbrandner S, Frommhagen M, Kouzounis D, Sanders MG, et al.
Configuration of active site segments in lytic polysaccharide monooxygenases steers
oxidative xyloglucan degradation. Biotechnol Biofuels. 2020;13:95.
Borisova AS, Isaksen T, Dimarogona M, Kognole AA, Mathiesen G, Varnai A, et al. Structural
and functional characterization of a lytic polysaccharide monooxygenase with broad
substrate specificity. J Biol Chem. 2015;290:22955-69.
Kittl R, Kracher D, Burgstaller D, Haltrich D, Ludwig R. Production of four Neurospora crassa
lytic polysaccharide monooxygenases in Pichia pastoris monitored by a fluorimetric assay.
Biotechnol Biofuels. 2012;5:79.
Sun P, Valenzuela SV, Chunkrua P, Pastor FIJ, Laurent CVFP, Ludwig R, et al. Oxidized
product profiles of AA9 LPMOs depend on the type of cellulose. ACS Sustain Chem Eng.
2021;9:14124-33.
Domon B, Costello CE. A systematic nomenclature for carbohydrate fragmentations in FABMS/MS spectra of glycoconjugates. Glycoconjugate J. 1988;5:397-409.
García-Alles LF, Zahn A, Erni B. Sugar recognition by the glucose and mannose permeases
of Escherichia coli. Steady-state kinetics and inhibition studies. Biochemistry.
2002;41:10077-86.
Reusch W. Virtual Textbook of Organic Chemistry. Michigan: Michigan State University;
1999.
Parikka K, Master E, Tenkanen M. Oxidation with galactose oxidase: multifunctional
enzymatic catalysis. J Mol Catal B: Enzym. 2015;120:47-59.
Parikka K, Tenkanen M. Oxidation of methyl α-d-galactopyranoside by galactose oxidase:
products formed and optimization of reaction conditions for production of aldehyde.
Carbohydr Res. 2009;344:14-20.
Andberg M, Mollerup F, Parikka K, Koutaniemi S, Boer H, Juvonen M, et al. A novel
Colletotrichum graminicola raffinose oxidase in the AA5 family. Appl Environ Microbiol.
2017;83:e01383-17.

99

4

Chapter 4

6. Supplementary information
6.1. Materials and methods
6.1.1. Materials
Cellobiose, Cellobiose, cellotriose, cellotetraose, cellopentaose and cellohexaose were
purchased from Megazyme (Bray, Ireland). Regenerated amorphous cellulose (RAC)
was prepared from AVI (Avicel® PH-101, Sigma-Aldrich, St. Louis, Missouri, USA) as
described previously (1). Ascorbic acid (Asc) was purchased from VWR International
(Radnor, Pennsylvania, USA) and sodium borodeuteride (NaBD4) was purchased from
Sigma-Aldrich. Water (H216O) used was produced via a Milli-Q system (Millipore,
Molsheim, France). H218O (GMP grade, 18O >97%) was purchased from ABX advanced
biochemical compounds-Biomedizinische Forschungsreagenzien GmbH (Radeberg,
Germany). Deuterated water (D2O, D >99%) was purchased from Eurisotop
(SaintAubin, France). Celluclast® 1.5L was purchased from Novozymes (Bagsværd,
Denmark) and fractionated before use as described previously (2). Other chemicals
were purchased from either Sigma-Aldrich or VWR International.

6.1.2. Production and purification of AA9 LPMOs
The genes encoding MtLPMO9B (MYCTH_80312; UniProt ID, G2QCJ3), MtLPMO9E
(MTCTH_79765, UniProt ID: G2Q7A5) and MtLPMO9H (MYCTH_46583, UniProt ID:
G2Q9T3) were homologously expressed in a low protease/low (hemi-) cellulose
producing Myceliophthora thermophila C1 strain (IFF Nutrition & Biosciences, Leiden,
The Netherlands), as described elsewhere (2, 3). Purification of the resulting MtLPMO
enzymes has been reported previously (4, 5). Production and purification of
NcLPMO9C, NcLPMO9F and NcLPMO9M have been described elsewhere (6, 7).

6.1.3. Proton nuclear magnetic resonance spectroscopy analysis of
LPMO-RAC residue and supernatant of AA9 LPMOs
Prior to proton

nuclear magnetic resonance (1H NMR) spectroscopy analysis, the

insoluble residue from the MtLPMO9H-RAC digest was treated with the cellulase
cocktail Celluclast® 1.5L (48.58 mg protein/mL) in order to solubilize the residue.
Hereto, 5 μL of ten times diluted (with D2O) Celluclast® 1.5L was added to repeatedly
D2O washed untreated RAC and to MtLPMO9H-digested RAC residue suspension (400
μL; ~1 mg dry matter content; washed five times with 1 mL D2O). A control sample
was prepared with only the 5 μL of ten times diluted (with D2O) cellulase cocktail
Celluclast® 1.5L in 400 μL D2O. These three samples were incubated at 50 °C in an
Eppendorf Thermomixer® comfort (Hamburg, Germany) rotating at 800 rpm. After
every hour of incubation, another 5 µL of ten times diluted Celluclast® 1.5L was added
to the corresponding samples, with 7 additions in total. Afterwards, samples were
immediately transferred to 5 mm NMR tubes and stored at 4 °C before NMR analysis.
After the extensive cellulase treatment, still some insoluble material was observed for
both RAC samples. For comparison, supernatants from the MtLPMO9H-RAC digest and
from the incubation of RAC with only Asc were prepared for NMR analysis. These
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supernatants (1 mL each) were dried under nitrogen flow, redissolved in 450 μL D2O,
and transferred to 5 mm NMR tubes. 1 mg of the standard cellopentaose was dissolved
in 450 μL D2O. For NMR measurement, the D2O contained a trace amount of methanol
which was used as internal reference (δH 3.34 ppm). Spectra were recorded on a
Bruker Avance HD 700 MHz NMR spectrometer (Bruker BioSpin, Switzerland) equipped
with a 5 mm BBI-probe. The internal temperature of the probe was set to 298 K. In
total 8192 scans were collected using an FID size of 64k, a spectral width of 20 ppm,
and offset of 4.7 ppm (δH 14.7 to -5.3 ppm). The number of scans was set this high to
be able to detect minor signals as well. The relaxation time was set to 2 s, the
acquisition time to 2.3 s, the 90° pulse length was automatically determined (~8 μs),
and the receiver gain was maximized. Water suppression was achieved using the
standard Bruker pulse program “noesygppr1d”, where the water signal is presaturated during the relaxation delay, mixing time, and spoil gradient. The same
acquisition parameters as above were used for the standard cellopentaose, except for
the number of scans which was reduced to 128. The data was processed in MestReNova
v14.1 (Mestrelab Research, S.L., Santiago de Compostela, Spain). For the Fourier
transform, an exponential window function was applied using a line broadening factor
of 0.3 Hz.

6.2. Supplementary data

Fig. S1. HPAEC chromatograms of LPMO-RAC digests and control samples. MtLPMO9H and
NcLPMO9M were previously characterized as C1/C4 oxidizing LPMOs (8, 9). MtLPMO9E and
NcLPMO9C were previously characterized as C4 oxidizing LPMOs (5, 10). MtLPMO9B and
NcLPMO9F were previously characterized as C1 oxidizing LPMOs (6, 11). Elution time regions of
non-, C1, C4 and C1/C4 double oxidized cello-oligosaccharides are indicated as non-ox, C1ox,
C4ox and C1C4ox, respectively. A standard mixture of cellobiose, cellotriose, cellotetraose,
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cellopentaose and cellohexaose (standards) is also shown. The assignment of C1C4ox has been
suggested previously (8, 12). Ascorbic acid (Asc) was the reducing agent for the LPMO reactions.

Fig. S2. HPAEC chromatograms of reduced MtLPMO9H-, NcLPMO9M-, MtLPMO9E- and NcLPMO9CRAC digests. After reduction, non-oxidized cello-oligosaccharides are converted to their alditol
forms (RD-Gn), C4 oxidized ones are converted to their alditol forms with either glucosyl or
galactosyl residues at the non-reducing end (RD-GLCC4oxGn and RD-GALC4oxGn) (5), and C4C6
double oxidized ones are converted to their corresponding alditol forms, which are described in
the main text (RD-C4C6oxGn). RD-GLCC4oxGn and RD-GALC4oxGn were annotated based on NaBD4
reduction of i) cello-oligosaccharide standard mixture (cellobiose, cellotriose, cellotetraose,
cellopentaose and cellohexaose) (RD-G2‒RD-G6, in grey) and ii) β-glucosidase hydrolyzed C4
oxidizing LPMO-RAC digest, as described previously (5). MtLPMO9B-RAC digest is also included for
the annotation of C1 oxidized cello-oligosaccharides (C1oxGn). A standard mixture of cellobiose,
cellotriose, cellotetraose, cellopentaose and cellohexaose after reduction (standards) is also
shown. All digests shown were prepared with ascorbic acid as the reducing agent for the LPMO
reactions.
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Fig. S3. HILIC-ESI-MS base peak chromatograms of reduced MtLPMO9H-, NcLPMO9M-,
MtLPMO9E- and NcLPMO9C-RAC digests (RD-MtLPMO9H, RD-NcLPMO9M, RD-MtLPMO9E and RDNcLPMO9C). All digests shown were prepared with ascorbic acid as the reducing agent for the
LPMO reactions. After reduction, C4/C6 double oxidized cello-oligosaccharides DP2–7 (RDC4C6oxG2 to RD-C4C6oxG7) were identified in addition to non- (RD-G2 to RD-G7) and C4 oxidized
ones (RD-GLCC6oxG2 to RD-GLCC4oxG7; RD-GALC6oxG2 to RD-GALC4oxG7).
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Fig. S4. HPAEC chromatograms of RD-C4C6-oxG2 to RD-C4C6-oxG6 collected from HILIC
separation prior to MS analysis. Green arrows indicate the C1oxG2 to C1oxG6.

Fig. S5. HILIC-ESI-MS (negative mode; [M‒H]-) of RD-C4C6-oxG2 (m/z 361.3), RD-C4C6-oxG3
(m/z 524.3), RD-C4C6-oxG5 (m/z 847.6), RD-C4C6-oxG6 (m/z 1009.6) and RD-C4C6-oxG7 (m/z
1171.7). HILIC-ESI-MS of RD-C4C6-oxG4 is shown in Fig. 1.
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Fig. S6. Previously suggested two forms of C1/C4-double oxidized cello-oligosaccharides (e.g.,
DP4, C1C4oxG4). M/z values here are calculated and based on negative ion mode ([M‒H]-). The
C4 ketone form of C1C4ox has a m/z difference of 3 before and after NaBD4 reduction (e.g.,
C1C4oxG4, m/z 679.5 and RD-C1C4oxG4, m/z 682.5). If the C1C4ox is in the C4-gem-diol form,
the m/z remains the same after reduction, because the C1-aldonic acid and C4-gem-diol structure
cannot be reduced. The oxygen atom from molecular oxygen is shown in red.

Fig. S7. Negative ion mode CID-MS2 fragmentation patterns of reduced C4/C6-double oxidized
cello-oligosaccharides (a) DP2 (RD-C4C6-oxG2, m/z 361.3), (b) DP3 (RD-C4C6-oxG3, m/z 523.4),
(c) DP5 (RD-C4C6-oxG5, m/z 847.6) and (d) DP6 (RD-C4C6-oxG6, m/z 1009.6) in the MtLPMO9HRAC digest. Comparable MS2 fragmentation patterns were also found in NcLPMO9M-, MtLPMO9E-
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and NcLPMO9C-RAC digests. The oxygen atom from molecular oxygen is shown in red and the
deuterium atom is shown in green. Annotation of fragments is according to the nomenclature
developed by Domon and Costello (13).

Fig. S8. HILIC-ESI-MS of RD-C4oxG4 (m/z 669.5, a) and RD-18OC4oxG4 (m/z 671.5, b). RDC4oxG4 and RD-18OC4oxG4 are examples of reduced C4 oxidized cello-oligosaccharides generated
in H2O and H218O, respectively. Negative ion mode CID-MS2 fragmentation patterns of RD-C4oxG4
(m/z 669.5, c) and RD-18OC4oxG4 (m/z 671.5, d). The oxygen atom from molecular oxygen or
from H218O is indicated in red and blue, respectively. The oxygen atom comes from molecular
oxygen (red) and there is slow exchange to 18O (blue) in H218O. The deuterium atom is indicated
in green. Annotation of fragments is according to the nomenclature developed by Domon and
Costello (13).
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Fig S9. HILIC-ESI-MS of C4oxG4 (m/z 663.5) and G4 (m/z 665.5) (a) generated in H2O before
reduction. Negative ion mode CID-MS2 fragmentation patterns of C4oxG4 (m/z 663.5, b) and G4
(m/z 665.5, c). These patterns were comparable as published previously (5). The oxygen atom
from molecular oxygen is indicated in red. Annotation of fragments is according to the
nomenclature developed by Domon and Costello (13).
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Fig. S10. HILIC-ESI-MS of C4oxG4 (m/z 663.5) and G4 (m/z 665.5) (a) generated in H218O before
reduction. 18OC4OxG4 could also be present due to the increased relative intensity of m/z 665.5
that is the same as G4. Negative ion mode CID-MS2 fragmentation patterns of C4oxG4 (m/z 663.5,
b) and G4 (m/z 665.5, c). These patterns were comparable as published previously (5). The
oxygen atom from molecular oxygen or from H218O is indicated in red and blue, respectively.
Annotation of fragments is according to the nomenclature developed by Domon and Costello (13).
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Fig. S11. Proposed route of formation of RD-18OC4ox. LPMO catalyzes the hydroxylation at the C4
carbon position, which destabilizes the glycosidic bond, leading to the bond cleavage and
generation of C4 oxidized cello-oligosaccharides in water (C4 ketone). Here, the oxygen atom (in
red) is from dioxygen (O2) even the reaction is in H218O. Due to the equilibrium between C4
ketones and C4 gem-diols, C4 ketones with 16O (red) convert to C4 gem-diol with one 16O and
one 18O (blue) in H218O. This C4 gem-diol further converts back to C4 ketone but with only 18O at
the C4 carbon position. The NaBD4 reduction in H218O initially consumes 16O-C4 ketones and 18OC4 ketones. However, only 18O-C4 ketones are generated, leading to the presence of predominant
of RD-18OC4ox. Note that RD-18OC4ox has either glucosyl or galactosyl ends. To simplify the
scheme, only one structure is used here.
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Fig. S12. Proposed routes of formation of RD-18OC4C6ox and RD-18OC418OC6ox. LPMO catalyzes
the hydroxylation at the C4 carbon position, which destabilizes the glycosidic bond, leading to the
bond cleavage and generation of C4 oxidized cello-oligosaccharides in water (C4 ketone). Here,
the oxygen atom (in red) is from dioxygen (O2) even the reaction is in H218O. In route I, C6 gemdiol is formed by LPMO reaction with one oxygen atom originating from dioxygen (O2). The
conversion of C4-ketone after NaBD4 reduction in H218O is described in Fig. S11 caption. C6 gemdiol remains after reduction as it cannot be reduced by NaBD4 (RD-18OC4C6ox). In route II, the
formation of C4 ketone is the same as in route (a). The C6 carbon is oxidized by LPMO reaction to
C6 aldehyde, which is subsequently hydrated to C6 gem-diol. After reduction, RD-18OC418OC6ox is
formed as described in route I. As RD-18OC418OC6ox can be derived from RD-18OC4C6ox in H218O,
the two-step formation of C6 gem-diol (route II) needs to be further validated.
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Fig. S13. HILIC-ESI-MS (negative mode; [M‒H]‒) of possible C4C6oxG3 (m/z 499.3) and
C4C6oxG4 (m/z 661.4) having C6 aldehyde structure. No detectable MS signals for m/z values of
C4C6oxG2, C4C6oxG5–6 were found. Overall, MS intensity representing C4C6ox having C6
aldehyde structure was too low to confirm or disapprove route II in Scheme 1.
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Fig. S14. 1H NMR spectra (700 MHz, D2O, water suppressed; for experimental setup see Section
6.1.3.) of LPMO-digested RAC supernatant and residue after cellulase (Celluclast® 1.5L) hydrolysis
with (a) 3.0‒6.0 ppm region and (b) 4.9‒6.0 ppm region of a cellopentaose standard, residue of
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untreated RAC hydrolyzed by cellulases, residue of LPMO-RAC digest hydrolyzed by cellulases,
LPMO-RAC digest supernatant. Both the control samples for cellulase hydrolysis (cellulase sample
only) and for the LPMO-RAC digest supernatant (RAC incubated with ascorbic acid (Asc)) showed
no interfering peaks in the regions of interest. The spectra in panel (a) were scaled to get an
overall comparable intensity among the spectra, the scaling factor is indicated on the right. In
panel (b) no scaling factor was applied.
Annotated chemical shifts are in line with literature (14). The presence of a C6 gem-diol has
previously been shown to result in a clear downfield shift of the H6 proton as compared to nonoxidized glycosyl units, with H6 chemical shifts reported at 5.27 ppm for the gem-diols of methylα-D-mannopyranoside and methyl-α-D-glucopyranoside (15), and 5.11 ppm for the gem-diol of
methyl-α-D-galactopyranoside (16). Given the vast amount of different cello-oligosaccharide
structures that can include the C6 gem-diol functional groups in our samples, i.e. gem-diols can
be present in combination with either C4 ketones or C4 gem-diols, both at various DP’s, we expect
a range of chemical shifts rather than a single chemical shift. Evidently, several peaks in the
expected gem-diol spectral window (panel b) were present in the LPMO-RAC supernatant, which
appeared absent in the reaction control samples and absent in both residues after cellulase
hydrolysis. We therefore consider it unlikely that specific C6 oxidation occurs but rather seems
coupled to LPMO-cleavage of the β-(1→4)-glucosidic bond.
A signal at 9.36 ppm was detected in the supernatant of the LPMO-RAC digest (not shown), which
might correspond to a C6 aldehyde (16, 17), suggesting that C4C6ox having a C6 aldehyde
structure might be generated via route II in Scheme 1. However, similar as described in Fig. S13,
more evidence would be required to prove (or disprove) route II in Scheme 1.
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Abstract
In past years, new lytic polysaccharide monooxygenases (LPMOs) have been
discovered as distinct in their substrate specificity. Their unconventional, surfaceexposed catalytic sites determine their enzymatic activities, while binding sites govern
substrate recognition and regioselectivity. An additional factor influencing activity is
the presence or absence of a family 1 carbohydrate binding module (CBM1) connected
via a linker to the C-terminus of the LPMO. This study investigates the changes in
activity induced by shortening the second active site segment (Seg2) or removing the
CBM1 from Neurospora crassa LPMO9C. NcLPMO9C and generated variants have been
tested on regenerated amorphous cellulose (RAC), carboxymethyl cellulose (CMC) and
xyloglucan (XG) using activity assays, conversion experiments and surface plasmon
resonance spectroscopy. The absence of CBM1 reduced the binding affinity and activity
of NcLPMO9C, but did not affect its regioselectivity. The linker was found important for
the thermal stability of NcLPMO9C and the CBM1 is necessary for efficient binding to
RAC. Wild-type NcLPMO9C exhibited the highest activity and strongest substrate
binding. Shortening of Seg2 greatly reduced the activity on RAC and CMC and
completely abolished the activity on XG. This demonstrates that Seg2 is indispensable
for substrate recognition and the formation of productive enzyme-substrate
complexes.

Keywords
Enzyme engineering; Lytic polysaccharide monooxygenase; Phylogenetic analysis;
Regioselectivity; Substrate binding; Substrate specificity
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1. Introduction
Lignocellulose is the most abundant renewable resource, but because of the many
difficulties to process plant biomass, its huge potential cannot be fully utilized yet. The
great number of hydrolytic enzymes found in the secretomes of lignocellulolytic
microorganisms indicate the difficulties in efficiently degrading the interwoven
biopolymers lignin, cellulose and hemicellulose. In recent years it has been found that
specialized oxidoreductases support the action of hydrolases on biopolymers. By
performing oxidative cleavage of a polysaccharide chain in the presence of an electron
donor and an oxygen species, extracellular fungal lytic polysaccharide
monooxygenases (LPMOs) increase the substrate accessibility for, and potentiate the
action of, other carbohydrate active enzymes (1-8). Since the discovery that LPMOs
have an oxidative activity on cellulose, there have been constant additions to the
various LPMO families. Until now, the number of organisms from different kingdoms
reported to produce LPMOs has multiplied and the number of classes or families into
which LPMOs are sorted has increased considerably (1). The classification criteria are
either based on the substrate specificity for polysaccharide biopolymers (Enzyme
Commission, EC) or on the amino acid sequence, structural features and substrate
specificity [Carbohydrate-Active enZyme database (CAZy; www.cazy.org)] (9). The
first two LPMO families created in the CAZy database were classified as auxiliary
activities (AA) in families AA9 and AA10. AA9 comprises LPMOs which cleave cellulose
chains by oxidation of carbons at C1 (EC 1.14.99.54, lytic cellulose monooxygenase
(C1-hydroxylating)) or at C4 carbon atom (EC 1.14.99.56, lytic cellulose
monooxygenase (C4-dehydrogenating)). The AA10 family comprises LPMOs that act
on chitin (EC 1.14.99.53, lytic chitin monooxygenase) and cellulose (both EC
1.14.99.54 and EC 1.14.99.56) (10). Within the past years, new LPMO families have
been added: AA11 acting on chitin (11), AA13 acting on starch (EC 1.14.99.55 lytic
starch monooxygenase) (12), AA14 acting on xylan and cellulose (13), AA15 acting on
cellulose and chitin (14) and AA16 acting on cellulose oxidizing the C1 carbon position
(EC 1.14.99.54) (15). The Enzyme Commission has also established a preliminary EC
number for lytic xyloglucan monooxygenase (EC 1.14.99.B10).
The catalytic activity of LPMO relies on a mono copper-dependent active site. The
copper ion is coordinated by three nitrogen atoms that are part of a histidine-brace
composed of two conserved histidine residues (6). The N-terminal His contributes two
copper-binding nitrogen atoms, whereas the third copper-binding nitrogen is part of
the second His found in a HXGP motif. This conserved structural motif is found in all
LPMOs and is located at the base of the immunoglobin-like β-sandwich fold. In order
to initiate the oxidative cleavage of its substrate, the copper center of LPMO needs to
undergo a so-called “priming reduction” by either a small molecular reductant or an
enzyme like cellobiose dehydrogenase (8). Subsequently, the breakage of the
polysaccharide chains by LPMO is accomplished through an H2O2 (16) driven
mechanism. Despite the ongoing debate of the nature of the co-substrate (O2 or H2O2)
(1, 5, 6), it is agreed that LPMOs oxidize glycosidic bonds through a reactive Cu2+−O•−
species (17). Fast oxidative damage of LPMO has been reported when the enzyme is
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not in contact with its substrate (5, 6), which supports the presence of a reactive
oxygen species. The disruption of the polysaccharide chain results in an increase of
the substrate accessibility and hence potentiates the activity of other carbohydrate
active enzymes (1, 3, 6, 8).
LPMOs do not feature a substrate binding pocket, but rather have a flat, slightly
grooved binding surface around the exposed active site copper atom (2, 8). However,
the exact amino acid residues in this binding surface responsible for substrate
recognition and regioselectivity of LPMOs are still unknown. Regioselectivity defines
whether LPMOs oxidize glucosyl residues in cellulose at the C1- or C4-position, or both
(19). Studies to link sequences and structural features to the regioselectivity of LPMO
have been attempted (19-30). So far, although similarities have occurred, such
phylogenetic analysis could not unambiguously predict the three LPMO
regioselectivities. Therefore, other studies focused on the deletion of amino acids to
study regioselectivity. Two independent studies targeted the so-called L2 loop (20) of
two different C1/C4-oxidizing LPMOs to render regioselectivity. Whereas in one case a
change in the regioselectivity was reported (19), another study resulted in an inactive
enzyme variant (27). The latter indicates that mutational studies of the LPMO active
site are complicated and difficult to compare. Most likely, sequence and structural
differences between LPMOs, i.e., from different organisms, are too large to allow good
comparison.
In addition to a catalytic module, around one fifth of fungal LPMOs feature a C-terminal
CBM1 connected via a flexible linker of variable length and amino acid composition (2,
31). CBM1 is an important module empowering cellulose binding of many hydrolytic
cellulose-degrading enzymes (32). A similar binding role of this CBM1 for LPMOs was
demonstrated by isothermal calorimetry (ITC), which measured a forty times lower
dissociation constant (Kd) for the complex between the CBM1 of NcLPMO9C and
regenerated amorphous cellulose (RAC) than for the complex between the catalytic
domain of NcLPMO9C and RAC (24). Interestingly, removal of the CBM1 from the
C1/C4-oxidizing Podospora anserina LPMO9H, not only negatively affected binding and
activity, but also resulted in a shift in regioselectivity towards predominantly C1
oxidation (32). Similarly, other studies reported that truncation of the linker and CBM1
of LPMOs affect both the substrate binding and the formed products (24, 26).
In the current research, the correlation between AA9 LPMO sequences and activity,
substrate binding and regioselectivity is studied. Sequence alignments and
phylogenetic analyses were used to define structural elements likely to influence
substrate binding. Based on this work, NcLPMO9C was subjected to enzyme
engineering to remove a segment of the active site or to remove the CBM1. The
performance of the generated NcLPMO9C variants was studied by spectrophotometric
activity assays, surface plasmon resonance measurements and an HPLC-based product
pattern analysis. The results were compared to the corresponding properties of native
NcLPMO9C, native NcLPMO9F and native NcLPMO9M, the latter two enzymes having
different segments.
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2. Materials and methods
2.1. Multiple sequence alignment, phylogenetic analysis and
homology modelling
The multiple sequence alignment of fungal AA9 LPMO sequences was calculated with
the structure-based MAFFT-DASH algorithm. The alignment and subsequent
phylogenetic analysis were based on mature protein sequences selected from the CAZy
database with a focus on fungi having multiple LPMOs. Phylogenetic analysis was
performed with RaxML-NG (33). ModelTest-NG (32) was used to find the best-fit
substitution model. The evolutionary history was inferred by using the Maximum
Likelihood method using the Wheelan & Goldman model (35) with frequencies,
invariant sites, and the number of gamma distributed sites set to 4. Bootstraps analysis
for tree inference was carried out until convergence (cut-off: 0.03; reached after 720
bootstraps) (36). A second tree was established using only the putative surface
substrate binding regions of the LPMOs using the same settings and the BLOSUM62
model with frequencies, invariant sites, and the number of gamma distributed sites
set to 4. In both cases, the best-scoring most-likelihood tree is shown. The analyzed
sequences grouped into three clusters and LPMOs originating from the same fungus
were distributed in all three clusters. The phylogenetic trees of fungal LPMOs were
linked to already-described substrate types. Homology model of TtLPMO9B (GeneBank
ID: AON76800.1) was generated using SWISS-MODEL (35-41) (template: PDB entry
5TKF, sequence identity: 41.86%, QMEAN: -2.03).

2.2. Chemicals and substrates
All chemicals and the substrates carboxymethyl cellulose (CMC) and 2,6dimethoxyphenol (2,6-DMP) were purchased form Sigma-Aldrich (St. Louis, MO, USA)
unless indicated otherwise. Regenerated amorphous cellulose (RAC) was prepared as
previously described by Zhang and coworkers (42). Tamarind seed xyloglucan was
purchased at Megazyme (Wicklow, Ireland).

2.3. Plasmid design
The cDNA of NcLPMO9M with the native signal peptide (NCU07898, XP_328604.1,
EAA33178.1) and the modified NcLPMO9C∆Seg2 with the NcLPMO9C signal peptide were
synthesized by BioCat GmbH (Heidelberg, Germany) and inserted into the pPICZ A
vector by means of restriction enzymes BstBI and NotI. To generate the NcLPMO9C∆Seg2
variant, nucleotides coding for residues 79–98 were replaced by the ones coding for
residues 84–88 of NcLPMO9F (amino acid numbering including signal peptide). To
generate the expression plasmids coding for the NcLPMOs 9C∆CBM and 9C∆Seg2, ∆CBM,
variants with the truncated linker and CBM1, prolines 228 and 213 respectively were
mutated into an ochre stop codon using the PCR primers P228X_F and P228X_R (Table.
S7). Successful mutations were confirmed by Sanger sequencing at Microsynth Austria
GmbH (Vienna, Austria) using the inhouse sequencing primers 5-AOX1 and 3-AOX1.
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2.4. Enzyme production and purification
NcLPMO9C and NcLPMO9F were produced by Kittl et al. (43). NcLPMO9M,
NcLPMO9C∆seg2, NcLPMO9C∆CBM and NcLPMO9C∆Seg2, ∆CBM were recombinantly expressed
in Pichia pastoris X-33 as previously described (43). The enzyme production was
carried out in a 5 L fermenter [Eppendorf (Hamburg, Germany) BioFlo 120 system]
with the addition of 5 µM CuSO4 and the enzyme was subsequently purified by column
chromatography as published (43). In brief, ammonium sulfate salt was added to the
clear supernatant until a concentration of 30% was reached. Subsequently, the
supernatant was loaded onto a 600 mL Phenyl-Sepharose Fast Flow column which was
equilibrated with 50 mM sodium acetate, pH 5.0 containing 30% ammonium sulfate.
The conductivity was matched to the supernatant by adding sodium chloride. A linear
gradient from 30–0% ammonium sulfate over 3 column volumes was used to elute the
proteins. Fractions containing LPMO activity were pooled and diafiltered with a Vivaflow
crossflow module [MWCO 10000, Millipore (Burlington, MA, USA)]. A 60 mL Q15Source column was equilibrated with 20 mM Tris/HCl buffer, pH 8.0 and the pooled
fractions were loaded. As previously described, the LPMOs eluted in the flow-through.
To reduce the volume the flow-through was diafiltrated with the same Vivaflow
crossflow module as described above. NcLPMO9C and NcLPMO9C∆CBM were further
purified with a 500 mL SuperdexTM 75 column equilibrated with 20 mM potassium
phosphate buffer, pH 6.0. Finally, the activity of the purified LPMOs was confirmed by
the recently published LPMO activity assay (44). Table S2 summarizes the purification
steps and yields. The enzyme purity was verified by SDS-PAGE and peptide mapping
as described below (Fig. S7, S9 and Table S8). The SDS-PAGE was prepared as follows.
Lanes and molecular weights of the marker proteins (Precision Plus Protein Unstained
Standards, Bio-Rad, Hercules, CA, USA) are indicated. The precast gel (4%–20% MiniPROTEAN® TGX Stain-Free™ Precast Gel, Bio-Rad, , Hercules, CA, USA) was stained
with colloidal Coomassie blue [Bio-Safe™ Coomassie G.250 Stain, BioRad (Hercules,
CA, USA)] for 1 h and destained overnight.

2.5. Protein identification: peptide mapping analysis
The sample was digested in solution. The protein mixture was reduced with
dithiothreitol, S-alkylated with iodoacetamide and digested with Sequencing Grade
Modified Trypsin [Promega (Madison, WI, United States)]. The digested samples were
loaded on a BioBasic (Markham, ON, Canda) C18 column [BioBasic-18, 150 × 0.32
mm, 5 µm, Thermo Scientific (Waltham, MA, USA)] using 80 mM ammonium formate
buffer as the aqueous solvent. A gradient from 96.5% solvent A and 3.5% solvent B
(solvent A: 80 mM ammonium formate buffer at pH 3.0, B: 80% acetonitrile and 20%
A) to 40% B in 45 min was applied, followed by a 15-min gradient from 40% B to 95%
B, at a flow rate of 6 μL min−1. Detection was performed with a QTOF MS (Bruker
maXis 4G) equipped with the standard ESI source in positive ion, DDA mode (=
switching to MSMS mode for eluting peaks). MS-scans were recorded (range: 150–
2200 m/z) and the 6 highest peaks were selected for fragmentation. Instrument
calibration was performed using ESI calibration mixture (Agilent, Santa Clara, CA,
USA). The analysis files were converted (using Data Analysis, Bruker, Billerica, MA,
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USA) to mgf files, which are suitable for performing a MS/MS ion search with Global
Proteome Machine [GPM (Rockville, MD, USA); X! Tandem embedded]. The files were
searched against a homemade database containing the target sequences.

2.6. LPMO activity assay
The activity and catalytic properties of the LPMOs were determined with the 2,6-DMP
activity assay for LPMO (44). The activity of the LPMOs was measured at pH 6.0 in a
100 mM sodium acetate buffer, pH 6.0 in the presence of 2 mM 2,6-DMP. To determine
the Michaelis Menten kinetics, H2O2 was added to the reactions in the following final
concentrations: 1.562, 3.125, 6.25, 12.5, 25, 50, 100 and 500 µM. The reactions were
incubated in triplicates at 30 °C for 10 min before adding LPMO to the reactions. The
absorbance at 469 nm was recorded in 1 mL cuvettes for 300 s using a PerkinElmer
(Waltham, MA, USA) LAMBDA 35 Spectrophotometer.

2.7. Enzyme incubations
Substrates (RAC, CMC, and XG) were suspended in 50 mM ammonium acetate buffer,
pH 5.0 to a concentration of 2 g L−1. Subsequently, enzymes were added to a final
concentration of 1.25 µM. In order to reduce the LPMO copper center, 1 mM ascorbic
acid was added to the incubations. Control reactions were performed without the
addition of ascorbic acid. All reactions were incubated at 30 °C in a head-over-tail
rotator at 20 rpm (time curves; 5 mL total volume) or in an Eppendorf (Hamburg,
Germany) Thermomixer comfort at 800 rpm (single 24 h reactions, 200 µL total
volume). An incubation in an Eppendorf (Hamburg, Germany) ThermoMixer® C at 97
°C for 10 min was performed to stop the enzyme reactions. Subsequently, the
supernatant was recovered after centrifugation in a Hermle (HERMLE Labortechnik
GmbH, Wehingen, Germany) Z 233 MK-2 centrifuge at 22,000× g (rotor: 220.87
VO5/6) and stored at −20 °C until further usage.

2.8. Differential scanning calorimetry
Differential scanning calorimetry (DSC) was performed on a MicroCal PEAQ-DSC
Automated (Malvern Panalytical, Malvern, Worcestershire, UK) equipped with a 96well plate autosampler holding at 4 °C. To prevent the solutions from boiling, the
experiments were performed under increased pressure (~4.2 bar). At least four buffer
runs (i.e. buffer in sample as well as reference cell) were performed at the beginning
of an experiment to establish the thermal history of the cells. NcLPMOs (15 µM in 50
mM potassium phosphate buffer, pH 6.0) were heated from 20 to 90 °C with a
temperature ramp of 1 K min-1 in high feedback mode. Since the rescans (identical
settings) showed some unfolding events, the baseline correction was performed with
the buffer. The data analysis was performed using the MicroCal PEAQ-DSC Software
version 1.4 (Malvern Panalytical, Malvern, Worcestershire, UK). Correction for sample
baseline was done using the spline function. A non-two-state thermal unfolding model
was fitted to the data points after subtraction of the buffer baselines and normalization
for the protein concentration.
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2.9. Electronic circular dichroism (ECD) spectroscopy
A Chirascan circular dichroism spectrometer (Applied Photophysics, Leatherhead,
Surrey, UK) was used to collect ECD spectra. The instrument was flushed with a
nitrogen flow of 5 L min−1 throughout all experiments. The samples were analyzed at
30 °C using a 0.1 mm path length quartz cell. Spectra were recorded at a wavelength
range of 190–280 nm with scan speed set to 5 s nm−1 at a bandwidth of 1 nm. Thermal
denaturation experiments were performed from 40–90°C with a constant heating rate
of 1 °C min-1 at a wavelength range of 200–250 nm and a scan speed of 2 s nm−1 at
a bandwidth of 1 nm. All measurements were performed in 50 mM phosphate buffer,
pH 6.0 with a LPMO concentration of 3 mg mL−1. Data were analyzed with the PRODATA SX software version 2.2.17 (Applied Photophysics, Leatherhead, Surrey, UK).
Transition midpoint temperatures were calculated from double sigmoidal non-linear
curve fits at a wavelength of 229 nm, corresponding to the highest delta ellipticity of
the thermal denaturation experiment. Secondary structure was predicted using the
BeStSel web server (http://bestsel.elte.hu, accessed 25.11.2019) from the far UV
wavelength range of 200–250 nm and a scale factor of 1 (45).

2.10. HPAEC analysis for profiling oligosaccharides
Degraded xyloglucan oligosaccharides were analyzed by high performance anion
exchange chromatography (HPAEC) with pulsed amperometric detection (PAD) on a
ICS5000 (Thermo Scientific, Waltham, MA, USA) system equipped with a CarboPac
PA-1 column (2 mm ID × 250 mm) in combination with a CarboPac PA guard column
(2 mm ID × 50 mm). The mobile phases used were (A) 0.1 M NaOH, (B) 1 M NaOAc
in 0.1 M NaOH and the column temperature was 20 °C. The elution program applied
has previously been described (46). Samples were diluted 5-fold prior to analysis.
Standard cello-oligosaccharides [DP2‒6; Sigma-Aldrich (St. Louis, MO, USA)] were
mixed, each in a concentration of 2.5 µg mL−1 and used for calibration.

2.11. HPSEC analysis for
(degraded) xyloglucan

molecular

weight

distribution

of

Xyloglucan and corresponding digests were analyzed by high performance size
exclusion chromatography (HPSEC) for their molecular weight distribution. The
analysis was performed on an Ultimate 3000 system (Thermo Scientific, Waltham, MA,
USA) coupled to a Shodex RI-101 detector (Showa Denko K.K., Tokyo, Japan). Three
TSK-Gel columns (SuperAW4000, SuperAW3000, SuperAW2500; 6 mm × 150 mm per
column) in series combined with a TSK Gel super AW guard column (6 mm ID × 40
mm) (Tosoh Bioscience, Tokyo, Japan) were used with the column temperature of 55
°C. Supernatant (10 μL) of LPMO-xyloglucan digests was injected and eluted with 0.2
M NaNO3 at a flow rate of 0.6 mL min-1. Pullulans (Associated Polymer Labs Inc., New
York, USA) in the range of 0.4–708 kDa were used as calibrants.
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2.12. Binding studies on cellulose
Microcrystalline cellulose (MCC) for column chromatography (Merck, Darmstadt,
Germany) was dissolved in N,N-dimethylacetamide/LiCl to prepare cellulose films for
SPR measurements. LiCl was dried at 200 °C for 24 h and afterwards stored in the
desiccator over silica prior to use. Anhydrous N,N-dimethylacetamide (DMAc) was
purchased
from
Sigma-Aldrich
(St.
Louis,
MO,
USA).
Poly(diallyldimethylammoniumchloride) solution (PDADMAC) with an average
molecular weight of 400,000 to 500,000 g mol-1 and a concentration of 20 wt.%
dissolved in water was obtained from Sigma-Aldrich (St. Louis, MO, USA). Activation
and dissolution of cellulose was performed by the procedure adapted from the
procedure described by Raj et al. (47). In brief, 2 g of MCC were swollen in 100 mL
HQ-water constantly stirred at 22 °C for 18 h. The swollen cellulose fibers were further
incubated in 25 mL methanol for 45 min at 40 °C twice before they were swollen in 25
mL DMAc at 22 °C for 45 min for four times. Between the washing and swelling steps,
the fibers were recovered using a paper filter. The same filter was used throughout
the different steps to minimize losses. Activated cellulose was dried under vacuum at
60 °C for 24 h and stored over silica prior to further use. Water free LiCl was dissolved
to a final concentration of 7 wt.% in anhydrous DMAc at 40 °C. This solvent system
was used to dissolve activated cellulose by stirring at 22 °C for 18 h to obtain a clear
cellulose solution.
SPR sensors were prepared using the SIA Kit Au (GE Healthcare, Chicago, IL, USA).
The method for the preparation of cellulose films on gold surfaces was modified from
the procedure described by Sczech and Riegler (48). Gold-coated targets were cleaned
using alkaline Piranha solution containing NH4OH/H2O2/H2O in a 1:1:3 ratio at 75 °C
for 15 min and rinsed with HQ-water and dried at 80 °C. PDADMAC was used as
adhesion promoter. The cleaned targets were covered with a solution of 100 mg L−1
PDADMAC and 0.01 M NaCl for 30 min and rinsed with HQ-water. Afterwards, the
targets were dried at 80 °C and stored over silica prior to their modification with
cellulose. The cellulose film was deposited on the gold surface by spin-coating. For
that, 80 µL of 0.5 wt.% cellulose in DMAc/LiCl were deposited at 3000 rpm for 3 min
and the solvent was removed by drying at 160 °C. The cellulose film was extensively
washed in HQ-water to remove LiCl and the target was dried at 160 °C. Finally, the
sensor chip was assembled according the instructions of the manufacturer.
Surface plasmon resonance spectroscopy was performed with a Biacore T200 system
(GE Healthcare, Chicago, IL, USA). All experiments were performed at 30 °C at a flow
rate of 10 µL min-1 in Dulbecco's phosphate buffered saline supplemented with 0.05
wt.% Tween 20. Binding kinetics were determined using single-cycle-kinetic
measurements with five sequential injections of the analyte (LPMO) with an association
time of 60 s and a final dissociation of 180 s without regeneration between the
injections of one cycle. Between the cycles, the surface was regenerated using 4 M
MgCl2 for 60 s and 10 mM glycine/HCl (pH 2.5) for 30 s at the same flow rate. For the
initial equilibration of the surface three cycles of blank injections with running buffer
and the same regeneration procedure were applied. Each measurement was performed
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in three independent runs on independent flow channels. Data were evaluated using
the BiaEvaluation Software version 3.1 (GE Healthcare, Chicago, IL, USA) and
SigmaPlot version 12.0 (Systat Software Inc., San Jose, CA, USA). To study the binding
behavior of LPMO in its reduced state to the cellulosic substrate the running buffer,
solutions used for regeneration of the surface and sample solutions were degassed
applying vacuum, purged with nitrogen and finally with argon immediately before the
measurement to remove oxygen. The running buffer and the sample solutions were
supplemented with 10 mM gallic acid to reduce the active site copper.

3. Results
3.1. Clustering of AA9 LPMOs is based on extended catalytic site
segments
A multiple sequence alignment of 101 putative fungal AA9 LPMO amino acid sequences
was compiled with the structure-based MAFFT-DASH algorithm (Fig. S1). Subsequent
phylogenetic analysis was performed with RaxML-NG using the maximum likelihood
algorithm (Fig. S2). The phylogenetic analysis was based on mature protein sequences
selected from the CAZy database with a focus on fungi having putative multiple LPMOs.
The analyzed sequences grouped into three clusters and LPMOs originating from the
same fungus distributed over all three clusters. For example, NcLPMO9F is found in
Cluster 1, NcLPMO9C in Cluster 2, and NcLPMO9M in Cluster 3. The main difference
between the three clusters was the length of the two different regions located within
the first third of the sequence alignment. Similar observations have been made
previously and based on structural data these regions, together with two additional
ones, were assigned to loops (L2, L3, LS and LC) close to LPMO’s catalytic site (19, 20,
24, 27). However, since these regions sometimes include secondary structure
elements such as α-helices or β-strands, we prefer the term segment instead of loop.
Five sequence segments (Seg1–Seg5) were defined based on the alignment and are
indicated in various LPMO structures selected from the three clusters (Fig. 1, Fig. S3
and Table S1). Although the exact designation differs, because our definition is
sequence-based, Seg1–3 and Seg5 are comparable to the previously defined L2, L3,
LS and LC regions, respectively. Seg4 is short and has not been mentioned in previous
literature. LPMOs found in Cluster 1 have a short Seg1 and Seg2 exemplified by
NcLPMO9F (Fig. 2a). LPMOs in Cluster 2 have an extended Seg2 (NcLPMO9C, Fig.
2c), whereas LPMOs in Cluster 3 have an extended Seg1 (NcLPMO9M, Fig. 2b). More
examples of segments of LPMOs with a resolved structure are shown in Fig. S4.

3.2. Analysis of active site segments hints toward regioselectivity
By analyzing the sequence alignment and the resulting phylogenetic tree we observed
that the LPMO clustering roughly reflects the length and composition of the segments.
To remove the influence of other positions, a sequence alignment of only the sequences
defined as segments was generated (Fig. S5) and a phylogenetic tree inferred. A
comparison of the phylogenetic trees obtained from the alignment of full-length
sequences and the "segments only" alignment highlights small differences between

124

Influence of active site segments on LPMO activity and affinity
these two approaches (Fig. S2). One difference is the regrouping of a small branch of
LPMO sequences containing an elongated Seg2 and a cysteine in Seg1 and Seg3 from
Custer 1 to Cluster 2.

Fig. 1. Phylogenetic tree
showing the clustering of AA9
lytic
polysaccharide
monooxygenases
(LPMOs)
(Cluster 1, black; Cluster 2,
blue; Cluster 3, red) and
sequence logos of distinct
clades within these clusters
for the segment sequences.
The colored boxes beside the
clades
indicate
the
regioselectivity
of
characterized
LPMOs
according to Frommhagen et
al. (49): C1, yellow; C4,
blue; C1/C4, green. The
colored boxes above the
sequence logos indicate the
extent of each segment:
Seg1, red; Seg2, blue; Seg3,
orange; Seg4, green; Seg5,
purple, and correlate with the
color code used in Fig. 2.
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This shows that the sequences in the segments affect the clustering in the phylogenetic
analysis the most although covering only 33–41% of the total sequence (not including
linker or CBM when present), whereas the rest of the positions found in the core and
substrate averted surfaces contributes little to the final result. An overview of the
amino acids involved in the five segments is given in Fig. S5. The clusters are relatively
well-supported by high bootstrap values, but the phylogenetic distance between the
three clusters is relatively small in comparison to the distances between the clades in
a cluster. This points to an early acquisition of the differentiating positions (mostly the
segments) and an extended evolution of LPMOs within the clusters without changing
the segment length. However, the amino acid composition within the segments varies
considerably as is obvious from the relatively few conserved positions in the sequence
logos in Fig. 1. Additionally, most of the conserved positions are at the start and end
of the segments and few are found in the middle. The inspection of twelve fungal
genomes (Arthrbotrys oligospora, Fusarium fujikuroi, F. graminearum, F. venenatum,
Leptosphaeria maculans, Neurospora crassa, Podospora comata, P. anserina,
Pyricularia
oryzae,
Serendipita
indica,
Thermothelomyces
thermophilus,
Thermothielavioides terrestris) containing 10 or more lpmo genes showed that every
fungus in this group encodes LPMOs from all three clusters. This supports the important
role of the segments as a basis for the evolution of LPMOs.
When adding the published regioselectivities of the used LPMOs (49) no
straightforward correlation of the preferred cleavage position and the clustering was
obtained, although certain trends can be found for these three clusters. In Cluster 3,
featuring an elongated Seg1, C1/C4-oxidizing LPMOs are predominant (9) together
with a small subset of C1-oxidizing LPMOs (4). In Cluster 1, with neither Seg1 or Seg2
elongated, both C1- (7) and C1/C4-oxidizing (2) LPMOs are present, however, here
the number of C1-oxidizing LPMOs is higher. In Cluster 2, featuring an elongated Seg2,
C4-oxidizing LPMOs are dominant (7) with a small number of C1/C4-oxidizing LPMOs
(3). Certainly, the small number of sequences with reported data on the
regioselectivity and substrate specificity reduce the predictive power of such an
analysis, but the distorted distribution supports the hypothesis that the evolution of
sequences within the clusters went a long way after the elongation of the segments
and led to a wide diversification of the regioselectivity. The even more interesting
question of how the segments and their evolution influences the substrate specificity
can, unfortunately, not be answered at present, due to a lack of published substrate
specificities for characterized LPMOs.
An interesting observation in regard to Cluster 2 is that in some sequences a cysteine
is present in Seg2. LPMOs with this cysteine residue have a predominantly C1-oxidizing
regioselectivity and would in this regard better fit to Cluster 1 than to Cluster 2.
Homology models suggest that this cysteine can form a disulfide bond with another
cysteine in Seg3 (Fig. S6). When this bond is present it pulls the elongated Seg2 away
from the catalytic site and mimics a short Seg2 that is found in Cluster 1, which
contains predominantly C1-oxidizing LPMOs. This can be viewed as an example of
evolutionary adaption within a cluster.
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To test the cluster-function relationship (e.g., a potential relationship between Seg2
and a C4 regioselectivity) and the role of the CBM1, we generated a variant of
NcLPMO9C found in Cluster 2 and replaced the sequence of Seg2 with that of Seg2
from NcLPMO9F. With that, the LPMO∆Seg2 variant was created which is more related
to LPMOs from Cluster 1. In addition, we also removed the C-terminal linker and CBM1
from the wild-type NcLPMO9C and from the NcLPMO∆Seg2 variant resulting in
NcLPMO9C∆CBM and NcLPMO9C∆Seg2, ∆CBM, respectively. In detail, NcLPMO9C∆Seg2 was
generated by replacing the residues 63–82 of NcLPMO9C with residues 67–71 of
NcLPMO9F. Rather than deleting the indicated residues from NcLPMO9C we opted for
a replacement to avoid a structural strain on the histidine brace forming the active
site. Furthermore, Seg2 of NcLPMO9C contains a short β-strand which is not present

5

Fig. 2. Cartoon representation of (a) NcLPMO9F (PDB ID: 4QI8), (b) NcLPMO9M (PDB ID:4EIS),
(c) NcLPMO9C (PDB ID: 4D7U) and (d) NcLPMO9C∆Seg2. The copper atom in the active site is
shown as a brown sphere and its coordinating residues are shown in stick representation.
Segments are colored: Seg1, red; Seg2, blue; Seg3, orange; Seg4, green; Seg5, purple. The
residues within these segments are listed in Table S1. The 3D models have been structurally
aligned onto each other and the secondary structure elements were determined using the “Define
Secondary Structure of Proteins” (DSSP) algorithm (50) as implemented in GROMOS++ (51). The
model is shown from two directions, the arrow indicates the LPMO model that has been rotated
by 90° to show the active site region from the front.
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in NcLPMO9F (Fig. S3). A secondary structure analysis revealed that this short β-strand
should not be present in NcLPMO9C∆Seg2. Additionally, we truncated the linker including
the CBM1 from both NcLPMO9C and NcLPMO9C∆Seg2 by inserting a stop codon at
positions P228 and P213, respectively, which resulted in variants NcLPMO9C∆CBM and
NcLPMO9C∆Seg2, ∆CBM. Additionally, NcLPMO9C, NcLPMO9F and NcLPMO9M were
produced for reference experiments.
The activity of the recombinantly expressed and chromatographically purified NcLPMOs
and NcLPMO9C variants (Fig. S7 and Table S2) was tested with a spectrophotometric
assay measuring LPMO activity with 2,6-dimethoxyphenol (2,6-DMP) and H2O2 (44).
Steady-state kinetic constants of LPMOs and LPMO variants for H2O2 were determined
at pH 6.0 in a sodium acetate buffer (Table 1 and Fig. S8). Based on this assay, all
enzymes and variants were active, which indicates that the catalytic site is functional
in all produced LPMOs. The measured specific activities of NcLPMO9C and its variants
diverge by a factor of three indicating minor effects of the introduced mutations on the
catalytic site. The shortened Seg2 in NcLPMO9C∆Seg2 and NcLPMO9C∆Seg2, ∆CBM lowers
the catalytic efficiency by a factor of two. Removal of the CBM in NcLPMO9C ∆CBM and
NcLPMO9C∆Seg2, ∆CBM leads to only small deviations in the catalytic efficiency from the
corresponding wild-type and variant enzymes. NcLPMO9M also showed activity with
kinetic constants for H2O2 similar to NcLPMO9C. NcLPMO9F was previously shown to
have a specific activity of 2.2 ± 0.2 U g−1 in a 100 mM sodium succinate/phosphate
buffer at pH 7.5 (44). The amino acid sequence of all produced LPMOs and LPMO
variants was confirmed by liquid chromatography-electrospray ionization mass
spectrometry (LC-ESI-MS, Fig. S9).
Table 1. Kinetic constants with standard error of the mean of NcLPMOs and variants for H2O2
using 2 mM 2,6-DMP as substrate and reductant in 100 mM sodium acetate buffer, pH 6.0. (n =
3).
Spec. act. with 100
µM H2O2
[U g−1]

kcat
[s−1]

kcat / KM
[µM−1 s−1]

2.8 ± 0.1

28.8 ± 0.2

0.57 ± 0.03

0.20 ± 0.02

1.4 ± 0.1

13.0 ± 0.1

0.39 ± 0.01

0.28 ± 0.03

NcLPMO9C∆Seg2

5.4 ± 0.1

42.4 ± 0.2

0.55 ± 0.01

0.10 ± 0.01

NcLPMO9C

4.0 ± 0.1

41.1 ± 0.3

0.37 ± 0.01

0.09 ± 0.01

NcLPMO9M

7.0 ± 0.3

39.1 ± 0.3

0.40 ± 0.01

0.06 ± 0.01

Enzyme

KM [µM]

NcLPMO9C
NcLPMO9C∆CBM
∆Seg2, ∆CBM

3.3. Thermal stability of purified LPMOs
The thermal stability of NcLPMOs and variants was measured to ensure their proper
functioning during further assays. Differential scanning calorimetry (DSC) was used to
observe endothermic transitions. NcLPMO9C and NcLPMO9M showed sharp transitions
and a similar transition midpoint temperature (Tm) of 62.3 and 63.1 °C, respectively
(Fig. 3, Fig. S10 and S11). In contrast, the thermogram of NcLPMO9F revealed a much
broader transition with a shoulder at 57.9 °C (Tm1) and a maximum at 65.8 °C (Tm2)
(Fig. S12). The Tm of NcLPMO9C and Tm2 of NcLPMO9F were close to previously
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reported values (43). The highest Tm was found for NcLPMO9M which has an additional
third disulfide bridge (Fig. S3).
Fig. 3. DSC thermograms of NcLPMO
and variants. The NcLPMO9C variants
lacking linker and a family 1
carbohydrate binding module (CBM1)
are designated by ∆CBM and variants
with a shortened Seg2 and indicated
by ∆Seg2. Solid black lines show the
fitted curves to the raw data (grey
scatter plots). The transition midpoint
temperature (Tm) is indicated by a
dotted line.
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As a result of shortening Seg2 in NcLPMO9C∆Seg2, a decreased Tm was observed and a
broader transition compared to the wild-type, indicating a destabilization of the protein
fold (Fig. 3 and Fig. S13). The removal of the linker and CBM1 in NcLPMO9C∆CBM and
NcLPMO9C∆Seg2, ∆CBM resulted in two partially separated, broadened endothermic
transitions (Fig. S14 and S15). Most of the unfolding occurred in the Tm1 region,
representing 75% and 82% of the total enthalpy, respectively. Whereas the Tm2 of
both truncated variants was close to the Tm of the wild-type, destabilization of the
protein fold by the shortening of Seg2 and removal of the CBM1 was evident. The Tm
or Tm1 of NcLPMO9C∆Seg2, NcLPMO9C∆CBM, and NcLPMO9C∆Seg2, ∆CBM decreased in relation
to the wild-type by 8.3, 10, and 12.3 °C, respectively.
An explanation for the strong destabilizing effect of the removal of the linker and CBM1
on the thermal stability of the resulting variants is that the termination site of the
linker is directly after a cysteine. Subsequent linker residues might be involved in the
correct folding of the protein and the formation of the C-terminal disulfide bridge in
NcLPMO9C (Fig. S3). The truncation directly after this cysteine could hinder the
formation of this disulfide bridge. Support for this hypothesis comes from the presence
of Tm2 in NcLPMO9C∆CBM and NcLPMO9C∆Seg2, ∆CBM, which likely represents the smaller
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fraction of LPMO with a disulfide bridge. To proof this hypothesis, we incubated LPMOs
with 5 mM tris(2-carboxyethyl)phosphine (TCEP) before a DSC scan. Unfortunately,
the addition of TCEP reduced all disulfide bonds in the LPMOs, which resulted in
thermograms that barely differed from the buffer signal, but demonstrate the
important role of disulfide bonds to maintain the native protein conformation. Circular
dichroism spectroscopy was used to verify DSC experiments and obtain insights into
the changes of secondary structure elements during unfolding (Fig. 4). The change in
ellipticity at 229 nm indicates also one Tm at 65.6 °C for NcLPMO9C and two Tm values
for NcLPMO9C∆CBM and thereby support the DSC experiments. The temperatureinduced change in ellipticity between 40–90 °C (Fig. S16) shows that the unfolding of
secondary structure elements begins approximately 5 °C below the Tm for both
NcLPMO9C and NcLPMO9C∆CBM. Antiparallel β-sheets are the main secondary structure
element found in LPMO. The extent of unfolding of the antiparallel β-sheets is similar
for both enzymes indicating the same secondary structure composition, but starts
already at a lower temperature for NcLPMO9C∆CBM (~50 °C) than for NcLPMO9C (~60
°C). A possible explanation is again the lower stability of the NcLPMO9C∆CBM fraction
that has no intact, second disulfide bond in the catalytic domain. Highly interesting is
the partial refolding of LPMO, which we observed in DSC rescans (Fig. S10–S15). The
rescan
scan
over ΔHcal
was very low for NcLPMO9M (0.07), but moderate for
ratio of ΔHcal
NcLPMO9F (0.38) indicating that the unfolding process was not fully reversible (Fig.
S17). However, NcLPMO9C had a ratio of 0.78 which is close to the threshold
classifying reversible unfolding (52). The removal of Seg2 and the CBM1 decreased
this ratio (again additively), indicating their stabilizing role for the protein fold.

Fig. 4. Thermal unfolding followed by circular dichroism spectroscopy. A double sigmoidal curve
was fitted to the changes of ellipticity at 229 nm to calculate the transition midpoint temperatures
of 3 mg mL−1 NcLPMO9C (left panel) and 3 mg mL−1 NcLPMO9CΔCBM (right panel). (Mean residue
ellipticity, MRE).

3.4. LPMO activity on cellulosic substrates
To test the enzymatic activity of the produced LPMOs and their variants on cellulosic
substrates, all were incubated with RAC for 24 h at 30 °C in a constantly rotating
orbital shaker. In agreement with their classifications, the use of high-performance
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anion exchange chromatography (HPAEC) showed that NcLPMO9C released C4oxidized products and NcLPMO9F released C1-oxidized products, next to non-oxidized
products (Fig. S18 and S19). RAC incubated with NcLPMO9M led to the release of the
previously described C1- and C4-oxidized and non-oxidized products. Oxidized
oligosaccharides were identified based on elution time of previously developed
methods (53-55). The same regioselectivity was observed when the soluble substrate
carboxymethyl cellulose was incubated with the LPMOs (CMC, Fig. S20 and S21). CMC
incubations with NcLPMO9C, NcLPMO9F, and NcLPMO9M resulted in lower amounts of
oxidized products, more specifically cello-oligosaccharides (degree of polymerization
(DP) ranging from 2 to 6) compared to corresponding RAC incubations. (Fig. 5, Fig.
S22, Table S4 and S5). Notably, NcLPMO9M and NcLPMO9F released considerably less
amounts of non-oxidized and oxidized products from CMC compared to NcLPMO9C.
Fig.
5.
Quantification
of
released
soluble
cellooligosaccharides
from
the
incubation of 2 mg mL-1 RAC or
carboxymethyl cellulose (CMC)
with 1.25 µM NcLPMOs and
variants in the presence of 1
mM ascorbic acid after 24 h.
The quantification of soluble
cello-oligosaccharides and the
calculation is defined in Table
S3. To exclude the impact of
hydrolytic background activity,
soluble cello-oligosaccharides
that were released from the
incubation of RAC or CMC with
NcLPMOs in the absence of
ascorbic acid were subtracted
from
the
above-mentioned
quantified values (Fig. S22).
Buffer was added to the control
reactions instead of LPMO. DP:
degree of polymerization.

The removal of the CBM1 in NcLPMO9C∆CBM resulted in a decreased activity towards
RAC compared to the wild-type (Fig. 5). The total release of soluble non-oxidized
products by NcLPMO9C∆CBM was 23% for RAC and 60% for CMC compared to NcLPMO9C
(set as 100%). This decrease in the release of non-oxidized (Fig. 5) and oxidized (Fig.
S18 and S20) oligosaccharides shows that the CBM1 contributes to the substrate
recognition and binding as prerequisite of catalysis. This is especially true for RAC.
Interestingly, the preferential conversion of RAC over CMC by NcLPMO9C was not found
for NcLPMO9C∆CBM. Based on the amounts of the released products one could argue
that the removal of the CBM1 no longer allows the enzyme to distinguish between RAC
131

5

Chapter 5
and CMC. Unfortunately, influence of the modified Seg2 on the LPMO substrate
specificity and regioselectivity could not be evaluated due to the low activity of
NcLPMO9C∆Seg2 and NcLPMO9C∆Seg2, ∆CBM. Nevertheless, the low activity of
NcLPMO9C∆Seg2 and NcLPMO9C∆Seg2, ∆CBM indicates that Seg2 is a crucial component for
substrate recognition in this Cluster 2 LPMO.

3.5. LPMO activity on xyloglucan
Since NcLPMO9C is active on tamarind seed xyloglucan (XG) (56), we were interested
in how the NcLPMO9C variants performed on this soluble hemicellulose under quasihomogeneous conditions. A release of non-oxidized and oxidized XG oligosaccharides
from XG in presence of reduced NcLPMO9C was observed (Fig. S23 and S24). Similar
to the results with RAC and CMC, the amount of non-oxidized and oxidized XGoligomers released by NcLPMO9C∆CBM was reduced compared to its wild-type. A
qualitative difference of oxidized XG-oligomers was observed for peaks with an elution
time between 25–45 min between NcLPMO9C∆CBM and NcLPMO9C. No substantial
differences of released XG-oligomers of the control and NcLPMO9C∆Seg2 or
NcLPMO9C∆Seg2, ∆CBM were found, showing that the Seg2 variants lost the capacity of
oxidatively degrading XG. The molecular weight distribution (hydrodynamic volume)
of XG incubated with the LPMOs was analyzed over time by using high-performance
size exclusion chromatography using a refractive index detector (HPSEC-RI). In the
absence or presence of ascorbic acid, XG incubated without LPMOs had a molecular
weight distribution in the range between 20 kDa to above 700 kDa (Fig. S25 and S26).
With the incubation of XG with NcLPMO9C or NcLPMO9C∆CBM in the presence of ascorbic
acid, the hydrodynamic volume of XG decreased dramatically over time leading to the
formation of XG-oligomers with a molecular weight distribution between 20 kDa to 0.4
kDa (Fig. S27‒S30).
For a better overview of the product size distribution over time, three elution windows
were defined for integration (elution times defined in Table S6). Window 1 at the
beginning of the elution covers the biggest XG molecules with a molecular weight
between 21.2 and >1000 kDa. Window 2 includes middle-sized XG molecules with a
molecular mass range of 7–21.2 kDa and Window 3 represents small-sized reaction
products with a molecular mass from 0.35–7 kDa (Fig. S26, S28 and S30).
Remarkably, the presence of ascorbic acid had an immediate, molecular-mass
decreasing effect in Window 1 (Fig. S25), which was not observed in the absence of
ascorbic acid (Fig. S25, S27 and S29).
Fig. 6 (reference experiments in Fig. S31) shows the normalized, integrated intensities
of the above-described windows. In general, NcLPMO9C and NcLPMO9C∆CBM quickly
reduced the amount of large-size XG molecules found in Window 1 and accumulated
mid-sized XG molecules in Window 2, which were then further converted to the even
smaller, final XG products found in Window 3. NcLPMO9C consumed the mid-sized XG
molecules fully after 4 h, whereas NcLPMO9C∆CBM stopped after 4 h to convert midsized XG molecules into small-sized final products indicating a stop of the conversion
process. Fitting areas of Window 3 to an exponential function (Fig. S32), one observes
after only 4 h a plateau for NcLPMO9C∆CBM whereas NcLPMO9C continues to increase
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until 8 h. According to the linear slope between 0–4 h, the production rate of smallsized XG molecules is similar for NcLPMO9C and NcLPMO9C∆CBM and shows the CBM1
is not essential for the activity on XG. However, the CBM1 might increase the binding
affinity to XG to avoid self-inactivation of LPMO catalytic site, leading to a longer
reaction time. Furthermore, the lack of activity of NcLPMO9C∆Seg2 and NcLPMO9C∆Seg2,
∆CBM
on XG indicates that Seg2 is also important for the substrate recognition of XG.

Fig. 6. Normalized integrated
intensity of high performance
size
exclusion
chromatography coupled to a
refractive
index
detector
(HPSEC-RI) chromatograms
over
time.
Integration
windows 1, 2 and 3 were
defined as ranging from 7.4–
11.0, 11.0–12.0, and 12.00–
14.75 min (Table S6). The
upper boundaries of the
windows were excluded from
the integration. Data for two
replicates are shown and
have been normalized to the
sum of the average data
points per time point. The
opaque bars and the bars
with a reduced transparency
are indicating the minimum
values and maximum values
from
two
independent
measurements.

3.6. LPMO binding to cellulose
Conversion experiments clearly showed the correlation between the ability of LPMO to
bind to its substrate and the exerted activity. To investigate the effect of the introduced
changes on the substrate binding affinity of NcLPMO9C and its variants, Kd values were
determined by SPR measurements (Fig. 7). Microcrystalline cellulose was dissolved in
N,N-dimethylacetamide and LiCl and spin-coated onto the SPR gold probes to produce
a thin layer of cellulose. By measuring the amount of adsorbed LPMO using singlecycle-kinetic measurements with five sequential LPMO injections, Kd values were
calculated for NcLPMO9C and its variants (Fig. 7). Kinetic titration experiments were
chosen over multicycle experiments to avoid the modification of the deposited cellulose
film by surfactants or high ion concentrations. The Kd determined for the complex
between NcLPMO9C and the deposited cellulose was 0.94 ± 0.27 µM, an about 10times higher affinity than estimated with NcLPMO9C∆Seg2 (Kd = 11.7 ± 2.76 µM). This
showed clearly that the binding site of NcLPMO9C∆Seg2 has a greatly decreased
substrate affinity and it also showed the synergistic effect of the substrate binding site
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and the CBM1. The two other studied wild-type NcLPMOs have no CBM1, which allowed
us to study the affinity of a single LPMO binding site (although with different active site
segments). By applying the SPR methodology described above we determined for the
Cluster 1 NcLPMO9F a Kd of 25.6 ± 6.87 µM and for Cluster 3 NcLPMO9M a Kd of 53.3
± 7.87 µM for the complex with the cellulose substrate (Fig. 7). Keeping in mind that
the cellulose on the SPR probe is only an approximation of its naturally available form,
it still demonstrated that the presence of a CBM1 directs the LPMO to its substrate and
decreases the fraction of unbound, diffusible LPMO.

Fig. 7. Sensograms of surface plasmon resonance measurements interaction studies of LPMO on
gold-modified cellulose surfaces measured by single-cycle kinetics. Five injections with increasing
concentrations of the analyte were performed. (a) NcLPMO9C (measured concentration: 0.1, 0.2,
0.4, 0.8 and 1.6 µM), (b) NcLPMO9C∆CBM, (c) NcLPMO9C∆Seg2, (d) NcLPMO9C∆Seg2, ∆CBM (all with
concentrations of: 0.4, 0.8, 1.6, 3.2 and 6.4 µM). All runs were performed in triplicates. Insets in
(a) and (c) show LPMO concentration vs. response units and were fitted with SigmaPlot 12.

To quantify how much the removal of the CBM1 and the shortening of Seg2 decreased
the affinity we tried to determine the Kd values for NcLPMO9C∆CBM and NcLPMO9C∆Seg2,
∆CBM
, but did observe only very weak binding (Fig. 7b and 7d). Unfortunately, this did
not allow us to perform reliable calculations. This demonstrates that the binding site
of NcLPMO9C, neither intact nor with the shortened Seg2, has a high affinity towards
the employed cellulosic substrate. We can therefore only indirectly deduce that the
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loss of activity observed for NcLPMO9C∆Seg2 (Fig. 5) comes from a reduced affinity of
the binding site, because NcLPMO9C∆CBM is active on RAC, CMC, and XG.
Investigating the binding behavior of LPMO in its reduced state to its cellulosic
substrate by SPR measurements, using 10 mM gallic acid as a reducing agent, showed
no significant difference of the binding affinity for NcLPMO9C compared to the oxidized
form (Fig. S33). For NcLPMO9C∆CBM, a higher response could be observed in its reduced
state. Unfortunately, the determination of the Kd values in the reduced state was not
possible. This would require an oxygen-free environment, which unfortunately is a
major hurdle in SPR measurements. Moreover, less efficient regeneration of the
cellulosic surface in the presence of gallic acid did also hinder reliable experiments.

4. Discussion
Previous studies to infer the regioselectivity of LPMOs from phylogenetic trees (19, 21,
22, 24, 29, 30) resulted in the currently described four types of LPMOs (types 1, 2, 3,
and 3*). The amino acid segments around the LPMO catalytic site are flexible which
gives them the necessary mobility to adapt to different substrates (Fig. S34).
Intriguingly, this is not changing the site-specific oxidation of the substrate. Type 1
and type 2 LPMOs both hold a short Seg1 and are supposed to have a C1 or C4
regioselectivity, respectively. The elongated Seg2 in type 2 LPMOs has been suggested
to be responsible for the preference in C4 regioselectivity (19). Type 3 LPMOs were
found to have an elongated Seg1 and to produce both 4-ketoaldoses and aldonic acids.
However, type 3* LPMOs are defined as a subgroup of type 3, solely producing C1oxidized products (19). This was attributed to the lack of conserved residues within
Seg1. Based on our sequence alignment we found that not all C1-oxidizing LPMOs in
Cluster 3 were lacking the conserved residues described by Vu and coworkers (i.e.,
CAP71839.1 T. anserina S mat+ LPMO9F, CAP66744.1 T. anserina S mat+ LPMO9D)
(19). Therefore, we suggest that the classification of LPMO regioselectivity solely based
on phylogenetic clusters is not reliable enough. One example are LPMOs within Cluster
2 that are featuring a cysteine in Seg2 (i.e., AON76800.1 T. thermophilus LPMO9B). A
potential disulfide bond to a cysteine in Seg3 could result in a simulated short Seg2
(Fig. S6). Furthermore, according to Bey and coworkers (57), T. anserina S mat+
LPMO9B (CAP68375.1) is switching between the generation of C1/C4- and C1oxidation products when reduced by ascorbic acid or cellobiose dehydrogenase (CDH),
respectively. Since CDH is a natural reductant we suggest that the latter LPMO should
belong to type 1 LPMOs rather than type 2. This is highlighting the complexity of the
regioselectivity in LPMOs and hinting that the heterogenous distribution might be due
to non-optimal experimental conditions. The large phylogenetic distances between
LPMO sequences within a cluster shows that the evolutionary adaption process was
done after the division into clusters. This leads to highly diverse substrate specificities
and regioselectivities. In contrast, the phylogenetic distances between the three
clusters are relatively short. Nevertheless, more reliable data from characterized
LPMOs are necessary to provide a final proof of the correlation between LPMO
phylogeny and regioselectivity.
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A previous study showed that it is possible to alter the LPMO regioselectivity by altering
Seg1 of the active site (19). A second study did not reproduce this result for a different
LPMO (HjLPMO9A) (27) but resulted in an inactive enzyme. Presumably the loss of
activity in the second study was linked to a high strain on the catalytic site after the
deletion of Seg1. For this reason, we did not simply shorten Seg2 from NcLPMO9C but
replaced it with Seg2 from NcLPMO9F. Despite this strategy, the expressed variant
NcLPMO9C∆Seg2 showed no activity or affinity towards any of the tested polysaccharide
substrates. Since Seg2 is close to the catalytic site, its shortening could influence the
integrity of the catalytic site as reported by Danneels and coworkers (27). However,
shortening Seg2 in NcLPMO9C did not result in the complete inactivation of the
catalytic activity as demonstrated by the ability to determine the kinetic constants of
LPMO variants for H2O2. The obtained KM- and kcat-values of NcLPMO9C and the variant
LPMOs were similar to previously published values (44). In contrast to the recently
published work by Chalak and coworkers (32), we were able to successfully produce
an active LPMO variant with a truncated linker and CBM1 right after the catalytic
domain. However, this modification resulted in a partial reduction of the
thermostability. It seems that a truncation right after the cysteine 227 of NcLPMO9C
is leading to an unequal folding of the protein. This is supported by the appearance of
two distinct Tm values in DSC experiments. Most likely the LPMO linker is contributing
to the correct folding of the LPMO and formation of the C-terminal disulfide bond back
to the catalytic domain of NcLPMO9C. Tanghe and coworkers have shown that disulfide
bridges increase the thermal stability of a bacterial LPMO (44). The observed partial
refolding of LPMOs has been previously reported (59, 60). It was suggested that this
effect is connected to the disulfide bonds (59). Moreover, a similar signal collapse near
205 nm in the NcLPMO9C CD spectrum was observed by Frommhagen and coworkers
for two Myceliophthora thermophila LPMOs (61). In their study the changes in ellipticity
were suggested to show that the LPMOs adopted a fibrillar-like state during heat
treatment. It is known that a significantly negative spectrum around 200 nm is pointing
towards a poly (L-proline) type II helix (62). The observed more negative ellipticity
above 70 °C in the ECD spectra (Fig. 4) therefore suggests that there is no complete
unfolding, but possibly a formation of fibrils.
When looking at the regioselectivity on cellulosic substrates, NcLPMOs 9F, 9C and 9M
share the same product pattern as previously published (19). In contrast to Chalak
and coworkers (32) no change in the regioselectivity of the enzyme was observed
when removing the CBM1. However, recent efforts to elucidate the role of a family 2
CBM linked to LPMO10C from Streptomyces coelicolor revealed no change in
regioselectivity upon truncation of the CBM2 from the enzyme (26). Furthermore, the
same study also showed that the quantity of formed products was decreased. This
finding is further supported by our conversion experiments with NcLPMO9C∆CBM. Since
NcLPMO9C∆CBM is lacking the CBM1 it is conceivable that the latter domain helps the
enzyme to stay close to the substrate and therefore promotes the formation of even
smaller products. This effect has been described by Courtade et al. (26). For the
conversion of XG, the presence of the CBM1 is not necessary since similar conversion
rates of NcLPMO9C and NcLPMO9C∆CBM were observed. However, the conversion of XG
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stopped earlier when employing NcLPMO9C∆CBM, maybe due to a faster deactivation.
The lack of activity of NcLPMO9C∆Seg2 and NcLPMO9C∆Seg2, ∆CBM on XG indicates that
Seg2 is important for the substrate recognition of XG.
The role of the CBM1 of NcLPMO9C on substrate binding was already investigated by
performing isothermal titration calorimetry (ITC) experiments with both RAC and XG
(24). The authors of the study demonstrated that the loss of the CBM1 resulted in a
significantly higher Kd values for both substrates. The SPR experiments performed
during this study were confirming this result. Nevertheless, we were not able to detect
an interpretable signal in the absence of the CBM1. However, when turning to the
NcLPMOs 9F and 9M we were able to calculate dissociation constants despite the lack
of a carbohydrate binding module. This is pointing towards an optimization of the
catalytic site for binding without a CBM1 and might explain the difference in binding
affinity between NcLPMO9C and NcLPMO9C∆Seg2. A recent study provided evidence that
the reduction of the catalytic site copper is improving the binding affinity of NcLPMO9C
with a more than two times lower Kd (9.5 and 4.4 µM for the oxidized and the reduced
LPMO, respectively) (60). In preliminary SPR experiments with reduced enzymes we
were able to confirm that the binding to a cellulosic substrate was greatly improved.

5. Conclusions
In conclusion, we could show that the shortening of Seg2 of NcLPMO9C reduced
thermal stability and the affinity to polysaccharide substrates. Moreover, our results
confirm that the C-terminal linker between the NcLPMO9C and its CBM1 plays a role in
the thermal stability. Possibly, the linker is promoting the formation of a disulfide
bridge which is stabilizing the protein fold. Furthermore, we could demonstrate that
the CBM1 strongly contributes to substrate binding and does not influence the
regioselectivity of the reaction.
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7. Supplementary information
Fig. S1 is available
0067/20/24/6219

online

(open

access).

https://www.mdpi.com/1422-

Fig. S1. Full length multiple sequence alignment without linker region and CBM and associated
phylogenetic tree of AA9 LPMOs. All available AA9 LPMO sequences of Neurospora crassa,
Podospora anserina S mat+ (syn. Triangularia anserina S mat+), Thermothelomyces
thermophilum (syn. Myceliophthora thermophila), Crassicarpon hotsonii (syn Myriococcum
thermophilum) as well as all AA9 LPMOs listed under the headers “characterized” and “structure”
in the CAZy database were aligned using the MAFFT-DASH algorithm based on the protein
secondary structure. Prior to phylogenetic analysis the C-terminal linker region and the CBM1
were deleted from the alignment. Phylogeny was inferred by using the RaxML-NG algorithm
applying the Wheelan & Goldman model with frequencies and gamma distribution. The color code
of the tree corresponds to the top line of the alignment and indicates the respective segments:
Seg1, red; Seg2, blue; Seg3, orange; Seg4, green; Seg5, magenta. Gray squares next to the
sequence name column indicate the presence of a CBM1. Thecolor code used to color sequence
names indicates the regioselectivity of AA9 LPMOsas previously published (1): C1, yellow; C4,
blue; C1/C4, green. Amino acids considered relevant for catalysis or substrate interaction are
colored in the multiple sequence alignment: His, light blue; Arg and Lys, blue; Asp and Glu, red;
Asn and Gln, green; Tyr and Phe, yellow.
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Fig. S2. Comparison of the phylogenetic trees inferred from full length (left) and "segments only"
(right) multiple sequence alignments. The three main clusters are color coded (Cluster 1, black;
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Cluster 2, blue; Cluster 3) and a subgroup of sequences changing from Cluster 1 to Cluster 2 when
phylogenetic inference is not based on thefull dataset, but the sequence information is highlighted
in pale blue. Taxa color code: yellow, C1-oxidizing; blue, C4-oxidizing; green, C1/C4-oxidizing.
Gray boxes besidesthe taxa names indicate the presence of a CBM.

5

Fig. S3. Schematic representation of the secondary structure elements of the catalytic domains.

(a) NcLPMO9C, (b) NcLPMO9C∆Seg2, (c) NcLPMO9F and (d) NcLPMO9M. α-Helices and β-strands
are shown in blue and red, respectively. Disulfide bonds are depicted as dotted lines. Transparent
regions are indicating gapsin the multiple sequence alignment and dotted regions are highlighting
the Seg1–5 aredefined as given in Table S1. the secondary structure elements were determined
using the DSSP algorithm (2) as implemented in GROMOS++ (3).
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Fig. S4. Front and top view of crystal structures of selected AA9 LPMOs. The crystal structures and
homology models of eight LPMOs is shown in “front view”, at which the copper atom and the
putative, planar-like substrate surface binding regionis facing the bottom, and “top view”), at
which the previous visualization is rotated by 90°. Each structure represents one of eight distinct
clades of the phylogenetic tree. (A) NcLPMO9F (GeneBank: CAD70347.1; PDB: 4QI8), (B)
PcLPMO9D (GeneBank: BAL43430.1; PDB: 4B5Q), (C) TtLPMO9B (GeneBank: AON76800.1;
SwissModel template: 5TKF with 41.68 % sequence identity), (D) NcLPMO9D (GeneBank:
CAD21296.1; PDB: 4EIR), (E) NcLPMO9C (GeneBank: EAA36362.1; PDB 4D7U), (F) CvAA9A
(GeneBank: AST24379.1; PDB: 5NLT), (G) HiLPMO9B (GeneBank: ETW87087.1; PDB: 5NNS),
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and (H) TrLPMO9A (GeneBank: CAA71999.1; PDB: 5O2W). Segments 1 to 5 are colored
according to the previously introduced color code (S1: red; S2: blue; S3: orange; S4: green; S5:
purple). The catalytic copper atom is shownas orange sphere.

Fig. S5 is available
0067/20/24/6219

online

(open

access).

https://www.mdpi.com/1422-

Fig. S5. “Segments-only” multiple sequence alignment. All available AA9 LPMO sequences of
Neurospora crassa, Podospora anserina S mat+ (syn. Triangularia anserina S mat+),
Thermothelomyces thermophilum (syn. Myceliophthora thermophila), Crassicarpon hotsonii (syn
Myriococcum thermophilum) as well as all AA9 LPMOs listed under the headers “characterized”
and “structure” in the CAZy database were aligned using theMAFFT-DASH algorithm based on the
protein secondary structure. The multiple sequence alignment was then assembled in a way that
left only the indicated segments (Seg1–5) in the alignment. The phylogeny was inferred by the
RaxML-NG algorithm applying the Wheelan & Goldman model with frequencies and gamma
distribution. The color code of the tree corresponds to the top line of the alignment and indicatesthe
position/possession of the respective segments: Seg1, red; Seg2, blue; Seg3, orange;Seg4, green;
Seg5, magenta. Gray squares next to the sequence name column indicatethe presence of a CBM1.
The color code used to color sequence names indicates the regioselectivity of AA9 LPMOs as
previously published (1): C1, yellow; C4, blue; C1/C4, green. Amino acids considered relevant for
catalysis or substrate interaction are colored in the multiple sequence alignment: His, light blue;
Arg and Lys, blue; Aspand Glu, red; Asn and Gln, green; Tyr and Phe, yellow.

Fig. S6. Cartoon representation of the homology model of
AON76800.1 Thermothelomyces thermophilus LPMO9B. The
segments are colored red (Seg1), blue (Seg2), orange
(Seg3), green (Seg4) and magenta (Seg5). The disulfide
bonds are highlighted by stick representation. The numbers
1–3 indicate the disulfide bonds between the residues 18–
49, 38–173 and 70–133, respectively. The second disulfide
bond is binding and shortening Seg2 and thereby mimicking
a short Seg2. The homology model was generated using
SWISS-MODEL (4‒8) (template: PDB entry 5TKF, sequence
identity: 41.86%, QMEAN: -2.03).

Fig. S7. SDS-PAGE of purified LPMOs and
LPMO variants. NcLPMO9C (Lane 1),
NcLPMO9C∆CBM

NcLPMO9C∆Seg2

(Lane

2),

(Lane

3),

∆CBM
NcLPMO9C∆Seg2,
(Lane
4),
NcLPMO9F (Lane 5) and NcLPMO9M (Lane
6). Lanes and molecular weights of the
marker proteins (Precision Plus Protein
Unstained Standards, Bio-Rad) are
indicated. The precast gel (4–20% Mini-

PROTEAN® TGX Stain-Free™ Precast Gel,
BioRad) was stained with colloidal Coomassie blue (Bio-Safe™ Coomassie G250 Stain, BioRad) for
1 h and destained overnight.
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Fig. S8. Determination of
kinetic
constants
of
NcLPMO9M, NcLPMO9C and
NcLPMO9C variants for H2O2.
As substrate 2 mM 2,6-DMP in
100 mM sodium acetatebuffer,
pH 6.0 was used. The LPMO
activity assay was performed
as previously published (9).
The calculated KM and kcat
values are given in Table 1.
Error bars show the standard
deviation of three replicates.

Fig. S9. Analysis of NcLPMO
variants
by
liquid
chromatography-electrospray
ionization mass spectrometry
(LC-ESI-MS) confirmed their
mutations.
Section
a,
NcLPMO9C;
Section
b,
NcLPMO9C∆CBM; Section c,
NcLPMO9C∆Seg2; Section d,
NcLPMO9C∆Seg2, ∆CBM, Section
e NcLPMO9F and Section f,
NcLPMO9M.
Sequence
sections colored in red were
identified by the software
Global Proteome Machine
(GPM) by performing MS/MS
ion
searches
against
a
homemade
database
containing the host cell
proteome and all target
sequences.
Amino
acids
marked in green are marked
as "unlikely to find" due to too
short or too long peptides (or
glycosylation).
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Fig. S10. Differential scanning
calorimetry (DSC) thermograms of
the scan and rescan of NcLPMO9C.
Baseline subtracted raw data are
shown as a grey scatter plot and the
fitted curve is shown in black. The
fitted curves are shown as a purple
line and the transition midpoint
temperature (Tm) is indicated by a
vertical dotted line. Starting the
scan at 20 °C, a temperature ramp
of 1 K min-1 was applied until
reaching 90 °C. For the rescan, the
sample was cooled down with a
temperature ramp of 1 K min-1
immediately after reaching 90°C
and when reaching 20°C the rescan
was started without delay. A 15 µM
NcLPMO9C concentration in 50 mM
potassium phosphate buffer, pH 6.0
was applied to the instruments
measurement cell.

Fig. S11. DSC thermograms of the
scan and rescan of NcLPMO9M.
Baseline subtracted raw data are
shown as a grey scatter plot and the
fitted curve is shown in black. The
fitted Tm curves are shown as a
purple line and the transition
midpoint
temperatures
are
indicated by a vertical dotted line.
Starting the scan at 20 °C, a
temperature ramp of 1 K min-1 was
applied until reaching 90 °C. For the
rescan, the sample was cooled
down with a temperature ramp of 1
K min-1 immediately after reaching
90°C and when reaching 20°C the
rescan was started without delay. A
15 µM NcLPMO9C concentration in
50 mM potassium phosphate buffer,
pH 6.0 was applied to the
instruments measurement cell.
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Fig. S12. DSC thermograms of the
scan and rescan of NcLPMO9F.
Baseline subtracted raw data are
shown as a grey scatter plot and
the fitted curve is shown in black.
The fitted Tm curves are shown as
a purple line and the transition
midpoint
temperatures
are
indicated by a vertical dotted line.
Starting the scan at 20 °C, a
temperature ramp of 1 K min-1
was applied until reaching 90 °C.
For the rescan, the sample was
cooled down with a temperature
ramp of 1 K min-1 immediately
after reaching 90°C and when
reaching 20°C the rescan was
started without delay. A 15 µM
NcLPMO9C concentration in 50
mM potassium phosphate buffer,
pH 6.0 was applied to the
instruments measurement cell.

Fig. S13. DSC thermograms of the
scan and rescan of NcLPMO9∆Seg2.
Baseline subtracted raw data are
shown as a grey scatter plot and
the fitted curve is shown in black.
The fitted Tm curves are shown as
a purple line and the transition
midpoint
temperatures
are
indicated by a vertical dotted line.
Starting the scan at 20 °C, a
temperature ramp of 1 K min-1 was
applied until reaching 90 °C. For
the rescan, the sample was cooled
down with a temperature ramp of
1 K min-1 immediately after
reaching 90°C and when reaching
20°C the rescan was started
without delay. A 15 µM NcLPMO9C
concentration in 50 mM potassium
phosphate buffer, pH 6.0 was
applied
to
the
instruments
measurement cell.
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Fig. S14. DSC thermograms of the
scan and rescan of NcLPMO9C∆CBM.
Baseline subtracted raw data are
shown as a grey scatter plot and
the fitted curve is shown in black.
The fitted Tm curves are shown as
a purple line and the transition
midpoint
temperatures
are
indicated by a vertical dotted line.
Starting the scan at 20 °C, a
temperature ramp of 1 K min-1 was
applied until reaching 90 °C. For
the rescan, the sample was cooled
down with a temperature ramp of 1
K min-1 immediately after reaching
90°C and when reaching 20°C the
rescan was started without delay. A
15 µM NcLPMO9C concentration in
50 mM potassium phosphate
buffer, pH 6.0 was applied to the
instruments measurement cell.

Fig. S15. DSC thermograms of the
scan and rescan of NcLPMO9C∆Seg2,
∆CBM. Baseline subtracted raw data
are shown as a grey scatter plot and
the fitted curve is shown in black.
The fitted Tm curves are shown as
a purple line and the transition
midpoint
temperatures
are
indicated by a vertical dotted line.
Starting the scan at 20 °C, a
temperature ramp of 1 K min-1 was
applied until reaching 90 °C. For the
rescan, the sample was cooled
down with a temperature ramp of 1
K min-1 immediately after reaching
90°C and when reaching 20°C the
rescan was started without delay. A
15 µM NcLPMO9C concentration in
50 mM potassium phosphate buffer,
pH 6.0 was applied to the
instruments measurement cell.
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Fig. S16. Monitoring of thermal denaturation by circular dichroism (CD). ECD spectra of 3 mg mLNcLPMO9C (left panels) and NcLPMO9CΔCBM (right panels) at different temperatures (top
panels) for a wavelength range between 200–250 nm. Using the BestSel web server
(http://bestsel.elte.hu) the secondary structure was predicted for all different temperatures (lower
panels) (11).

1

Fig. S17. Bar plot showing the ratio of
ΔHcal of the DSC rescan and ΔHcal of
the first scan. This ratio is used to
asses possible refolding of the protein
(10). The horizontal line indicates the
threshold for reversible unfolding.
Data were calculated from the
thermograms shown in Fig. S10‒S15.
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Fig. S18.
HPAEC
chromatogram
of
products released from the
reaction of 2 g L-1 RAC with
1.25 µM of the indicated
LPMOs in the presence of 1 mM
ascorbic acid after 24 h of
incubation at 30 °C in 50 mM
ammonium acetate buffer, pH
5.5. The data are baseline
corrected using a baseline
detection algorithm with a
polynomial of the 3rd degree
and a tolerance of 10-14 (12).

5

Fig. S19.
HPAEC
chromatogram
of
products released from the
reaction of 2 g L-1 RAC with
1.25 µM of the indicated
LPMOs in the absence of
ascorbic acid after 24 h of
incubation at 30 °C in 50 mM
ammonium acetate buffer, pH
5.5. The data are baseline
corrected using a baseline
detection algorithm with a
polynomial of the 3rd degree
and a tolerance of 10-14 (12).
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Fig. S20.
HPAEC
chromatogram
of
products released from the
reaction of 2 g L-1 CMC with
1.25 µM of the indicated LPMOs
in the presence of 1 mM
ascorbic acid after 24 h of
incubation at 30 °C in 50 mM
ammonium acetate buffer, pH
5.5. The data are baseline
corrected using a baseline
detection algorithm with a
polynomial of the 3rd degree
and a tolerance of 10-14 (12).

Fig. S21.
HPAEC
chromatogram
of
products released from the
reaction of 2 g L-1 CMC with
1.25 µM of the indicated
LPMOs in the absence of
ascorbic acid after 24 h of
incubation at 30 °C in 50 mM
ammonium acetate buffer, pH
5.5. The data are baseline
corrected using a baseline
detection algorithm with a
polynomial of the 3rd degree
and a tolerance of 10-14 (12).
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Fig. S22. Quantification of
cello-oligosaccharides in the
supernatant released in a
batch conversion by 1.25 µM
of LPMO and LPMO variants
after a 24 h incubation at 30
°C in 50 mM ammonium
acetate buffer, pH 5.5 on 2 g
L-1 RAC or CMC in the absence
of
ascorbic
acid.
The
integration
windows
for
product quantitation were
defined as described in Table
S3.

5

Fig. S23.
HPAEC
chromatogram
of
xyloglucan
oligosaccharides
released from the reaction of 2
g L-1 XG with 1.25 µM of the
indicated
LPMOs
in
the
presence of 1 mM ascorbic acid
after 24 h of incubation at 30
°C in 50 mM ammonium
acetate buffer, pH 5.5. The
data are baseline corrected
using a baseline detection
algorithm with a polynomial of
the 3rd degree and a tolerance
of 10-14 (12).
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Fig. S24.
HPAEC
chromatogram
of
xyloglucan
oligosaccharides
released from the reaction of 2
g L-1 XG with 1.25 µM of the
indicated
LPMOs
in
the
absence of ascorbic acid after
24 h of incubation at 30 °C in
50 mM ammonium acetate
buffer, pH 5.5. The data are
baseline corrected using a
baseline detection algorithm
with a polynomial of the 3rd
degree and a tolerance of 1014 (12).

Fig. S25.
HPSEC
chromatogram
of
products released from the
reaction of 2 g L-1 XG without
LPMO in the absence ascorbic
acid after 24 h of incubation at
30 °C in 50 mM ammonium
acetate buffer, pH 5.5. The
data are baseline corrected
using a baseline detection
algorithm with a polynomial of
the 2nd degree and a tolerance
of 10-14 (12).
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Fig. S26.
HPSEC
chromatogram
of
products released from the
reaction of 2 g L-1 XG without
LPMO in the presence of 1 mM
ascorbic acid after 24 h of
incubation at 30 °C in 50 mM
ammonium acetate buffer, pH
5.5. The data are baseline
corrected using a baseline
detection algorithm with a
polynomial of the 2nd degree
and a tolerance of 10-14 (12).

5

Fig. S27. HPSEC chromatogram
of products released from the
reaction of 2 g L-1 XG with 1.25
µM NcLPMO9C in the absence
ascorbic acid after 24 h of
incubation at 30 °C in 50 mM
ammonium acetate buffer, pH
5.5. The data are baseline
corrected using a baseline
detection algorithm with a
polynomial of the 2nd degree
and a tolerance of 10-14 (12).

155

Chapter 5
Fig. S28.
HPSEC
chromatogram
of
products released from the
reaction of 2 g L-1 XG with 1.25
µM NcLPMO9C in the presence
of 1 mM ascorbic acid after 24
h of incubation at 30 °C in 50
mM
ammonium
acetate
buffer, pH 5.5. The data are
baseline corrected using a
baseline detection algorithm
with a polynomial of the 2nd
degree and a tolerance of 1014 (12).

156

Influence of active site segments on LPMO activity and affinity

Fig. S29.
HPSEC
chromatogram
of
products released from the
reaction of 2 g L-1 XG with 1.25
µM NcLPMO9C∆CBM in the
absence ascorbic acid after 24
h of incubation at 30 °C in 50
mM
ammonium
acetate
buffer, pH 5.5. The data are
baseline corrected using a
baseline detection algorithm
with a polynomial of the 2nd
degree and a tolerance of 1014 (12).

5

Fig. S30.
HPSEC
chromatogram
of
products released from the
reaction of 2 g L-1 XG with
1.25 µM NcLPMO9C∆CBM in the
presence of 1 mM ascorbic
acid after 24 h of incubation at
30 °C in 50 mM ammonium
acetate buffer, pH 5.5. The
data are baseline corrected
using a baseline detection
algorithm with a polynomial of
the 2nd degree and a tolerance
of 10-14 (12).
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Fig. S31.
Normalized
integrated
intensity of negative controls
without ascorbic acid. The
area under the curves from
Fig.
S27‒S29
were
integrated. The integrated
peaks within the elution
windows as described in Table
S4 are showing no hydrolytic
background of the LPMO
preparations.

Fig. S32.
Normalized, integrated Elution
window 3 over the conversion
time. Curves are normalized to
the
maximum
of
the
NcLPMO9C curve. The curves
are fitted to the data points
using the following function: y
= ae-bx + c.
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Fig. S33. Sensograms of LPMO binding to cellulose surface in its oxidized and reduced state. The
binding behavior of NcLPMO9C (a) and NcLPMO9C∆CBM (b) injected in two different concentrations
(400 nM and 1600 nM) to the cellulosic substrate was recorded in the presence of oxygen (black
line) and in the absence of oxygen supplemented with 10 mM gallic acid as reductant (dotted line).
Sensograms were adjusted to the same response at the begin of the first injection.
Fig. S34. Representation of the
mobility of the amino acid
segment around the LPMO
catalytic
sites.
Crystal
structures of (a) TtLPMO9E
(GeneBank: CP_003657366.1;
PDB: 3EII), (b) NcLPMO9F
(Genebank: CAD70347.1; PDB:
4QI8),
(c)PcLPMO9D
(Genebank: BAL43430.1; PDB:
4B5Q),
(d)
NcLPMO9A
(GeneBank: EAA30263.1; PDB:
5FOH),
(e)
NcLPMO9D
(GeneBank: CAD21296.1; PDB:
4EIR),
(f)
NcLPMO9C
(GeneBank: EAA36362.1; PDB:
4D7U), (g) CvAA9A (GeneBank:
AST24379.1; PDB: 5NLT), (h)
LsAA9A
(GeneBank:
ALN96977.1; PDB: 5ACF), (i)
HiLPMO9B
(GeneBank:
ETW87087.1; PDB: 5NNS), (j)
NcLPMO9M
(GeneBank:
EAA33178.2: PDB: 4EIS), (k)
TrLPMO9A
(GeneBank:
CAA71999.1; PDB: 5O2W), (l)
TaLPMO9A
(GeneBank:
ACS05720.1; PDB: 2YET). Top
row: ribbon in gray and
segments 1‒5 in red, blue,
orange, green, and magenta,
respectively.
Bottom
row:
flexibility indicated via “b-factor
putty”, that is, from blue via
green to red and from narrow to
wide tubes corresponds to low
to high flexibility of the
respective regions.

159

5

Chapter 5
Table S1. Definitions of segments around the catalytic site of NcLPMOs. The segment definitions
for NcLPMO9C∆CBM and NcLPMO9C∆Seg2, ∆CBM are identical to NcLPMO9C and NcLPMO9∆Seg2,
respectively.
Segments

Enzymes
NcLPMO9F

Seg1

Seg2

Seg3

Seg4

Seg5

A15-G30

I62-P75

P107-F123

H146-Y157

I192-Y204

NcLPMO9C

G15-N27

V58-P86

L115-S132

H155-Y166

I199-Y217

NcLPMO9M

Q12-G40

V71-P85

R118-N136

S161-Y171

V205-Y215

NcLPMO9∆Seg2

G15-N27

V58-P71

L100-S117

H140-Y151

I184-Y202

Table S2. Purification scheme of recombinantly produced LPMOs. Culture supernatants of P.
pastoris fermentations have been purified by hydrophobic interaction chromatography (HIC),
anion exchange chromatography (AEC), and size exclusion chromatography (SEC). The total
protein concentration was determined with the Bradford method except for the pools indicated
with an “*”, which were measured with the bicinchoninic acid (BCA) assay. To the previously
published purification protocol of NcLPMO9C (13) a SEC step was added. NcLPMO9F was produced
by Kittl et al. (13).
Purification step

Total protein [g]

Yield [%]

Culture supernatant
HIC

6.02
0.84

100
14

NcLPMO9∆Seg2

AEC

0.80

13

NcLPMO9M
Culture supernatant

4.48

100

HIC
AEC

0.49
0.32

11
7

Culture supernatant
HIC

6.72
3.70

100
55

AEC
SEC*

1.04
0.28

15
4

Culture supernatant
HIC

3.84
0.11

100
2.9

NcLPMO9C∆CBM

NcLPMO9C∆Seg2, ∆CBM
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AEC

0.10

2.5

NcLPMO9C
Stock*

0.13

100

SEC*

0.01

8

NcLPMO9F
Stock*

0.005
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Table S3. Elution windows defined to integrate detected products in HPAECchromatograms used
for RAC and CMC conversion experiments. Values are in minutes. DP = Degree of polymerization
(e.g. cellobiose id DP2).
DP2

DP3

DP4

DP5

DP6

Total

[10.40, 11.00] [13.60, 14.25] [16.00, 17.00] [18.50, 19.40] [20.50, 21.36] [4.90, 45.00]

Table S4. Quantification of cello-oligosaccharides in the supernatant released by 1.25 µM enzymes
after a 24 h incubation on 2 mg mL-1 RAC or CMC in the presence of 1 mM ascorbic acid. The
integration times of product elution windows are defined asdescribed in Table S3.
Enzyme

DP2

DP3

DP4

DP5

DP6

Total

RAC + ascorbic acid
Control

6.6

0.0

0.0

0.0

0.0

6.6

NcLPMO9F

26.2

10.7

10.3

17.2

12.8

77.2

NcLPMO9C

88.2

77.9

26.4

4.2

5.2

201.9

NcLPMO9C∆CBM

20.4

8.6

9.0

5.1

3.6

46.7

NcLPMO9∆Seg2

12.8

0.0

0.0

1.5

0.0

14.4

NcLPMO9C∆Seg2,

15.8

0.0

0.0

1.0

0.0

16.8

NcLPMO9M

40.3

50.9

34.8

25.4

19.4

170.8

∆CBM

CMC + ascorbic acid
Control

14.8

0.0

0.0

1.0

0.0

15.8

NcLPMO9F

13.0

2.8

2.3

2.7

5.6

26.5

NcLPMO9C

61.9

25.2

0.0

0.0

0.0

87.1

NcLPMO9C∆CBM

24.8

12.0

7.4

5.2

3.5

52.8

NcLPMO9∆Seg2

16.0

0.0

0.0

2.1

0.0

18.1

NcLPMO9C∆Seg2,

15.7

0.0

0.0

2.1

0.0

17.8

NcLPMO9M

17.8

2.1

3.2

3.2

2.0

28.4

∆CBM
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Table S5. Quantification of cello-oligosaccharides in the supernatant released by 1.25 µM enzymes
after a 24 h incubation on 2 mg mL-1 RAC or CMC in the absence of 1 mM ascorbic acid. The
integration times of product elution windows are defined asdescribed in Table S3.
Enzyme

DP2

DP3

DP4

DP5

DP6

Total

0.0

0.0

0.0

0.0

0.0

0.0

RAC, no ascorbic acid
Control
NcLPMO9F

1.5

0.7

0.9

0.4

0.1

3.6

NcLPMO9C

6.7

5.2

6.3

1.7

0.2

20.1

NcLPMO9C∆CBM

0.0

0.0

0.0

0.0

0.0

0.0

∆Seg2

0.0

0.0

0.0

0.0

0.0

0.0

NcLPMO9C∆Seg2,

0.0

0.0

0.0

0.0

0.0

0.0

NcLPMO9M

0.0

0.0

0.0

0.0

0.0

0.0

Control

0.0

0.0

0.0

0.0

0.0

0.0

NcLPMO9

∆CBM

CMC, no ascorbic acid
NcLPMO9F

11.6

4.1

7.5

3.6

1.5

28.3

NcLPMO9C

22.9

10.9

14.8

5.0

0.7

54.3

NcLPMO9C∆CBM

0.0

0.0

0.0

0.0

0.0

0.0

NcLPMO9∆Seg2

0.0

0.0

0.0

0.0

0.0

0.0

NcLPMO9C∆Seg2,

0.0

0.0

0.0

0.0

0.0

0.0

NcLPMO9M

0.0

0.0

0.0

0.0

0.0

0.0

∆CBM

Table S6. Elution windows used to integrate XG conversion products in HPSEC chromatograms.
Values shown are in min. The upper boundaries were excluded fromthe integrations as indicated by
the bracket “[]”.
Elution window 1

Elution window 2

Elution window 3

[7.40, 11.00]

[11.00, 12.00]

[12.00, 14.75]

Table S7. Nucleotide sequences of primer pair used to generate NcLPMO9C∆CBM and
NcLPMO9C∆Seg2, ∆CBM.
Primer name

Sequence (5’→3’)

P213X_F

GTCCAGCTTTGTTCACTTGTTAAGCTGGTGGTTC

P213X_R

CAAAGCTGGACCTGGAATTTGGTATGGCTTAC
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Table S8. Statistics of the peptide mapping with liquid chromatography-electrospray ionization
mass spectrometry (LC-ESI-MS). Results with 1 uniquepeptide have been removed from the table.
Two human proteins have been removed.Rows that were showing the used protease were also
deleted from the table. The likelihood that a peptide is a random match is indicated the log(e) score.
E.g., the log(e)of the first row corresponds a 1 in 10419.3 chance that this result is a false positive.
Thecoverage indicates sequence coverage.
Coverage
(%)

Log (e)
score

Unique
peptides

UniProt ID

NcLPMO9C

53

-419.3

34

NcLPMO9C

NcLPMO9C∆CBM

88

-622.4

50

NcLPMO9C∆CBM

72

-668.6

53

NcLPMO9C∆Seg2

45

-63.6

6

C4R8X7 (P. pastoris)

62

-570.3

47

NcLPMO9C∆Seg2, ∆CBM

60

-149.4

13

C4R8X7 (P. pastoris)

48

-72.4

7

C4R300 (P. pastoris)

NcLPMO9C∆Seg2

NcLPMO9C∆Seg2,
∆CBM

NcLPMO9F

NcLPMO9M

36

-72.3

8

A0A1B2JFA7 (P. pastoris)

33

-214.1

19

C4R9F6 (P. pastoris)

25

-93.5

10

C4QW09 (P. pastoris)

23

-68.6

8

C4R862 (P. pastoris)

22

-70.9

7

A0A1B2J744 (P. pastoris)

21

-65.4

7

C4QY07 (P. pastoris)

21

-63.3

7

C4R7U0 (P. pastoris)

71

-244.7

27

NcLPMO9F

71

-62

7

A0A1B2J759 (P. pastoris)

68

-359.3

33

A0A1B2JHZ1 (P. pastoris)

39

-163.5

18

A0A1B2JGG7 (P.
pastoris)

39

-41.4

6

A0A1B2JCS3 (P. pastoris)

38

-67.5

11

A0A1B2JEK0 (P. pastoris)

28

-44.2

6

A0A1B2JGF8 (P. pastoris)

17

-40.2

6

A0A1B2JIZ2 (P. pastoris)

17

-38.8

6

A0A1B2J5L5 (P. pastoris)

10

-54.8

6

A0A1B2J5W9 (P.
pastoris)

8.8

-35.8

5

A0A1B2J841 (P. pastoris)

84

-369

32

NcLPMO9M
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Abstract
Lytic polysaccharide monooxygenases (LPMOs) are powerful enzymes that oxidatively
cleave plant cell wall polysaccharides. LPMOs classified as fungal Auxiliary Activities
family 9 (AA9) have been mainly studied for their activity towards cellulose, however,
various members of this AA9 family have been also shown to oxidatively cleave
hemicelluloses, in particularly xyloglucan (XG). So far, it has not been studied in detail
how various AA9 LPMOs act in XG degradation, and in particular, how the mode-ofaction relates to the structural configuration of these LPMOs. Two Neurospora crassa
(Nc) LPMOs were found to represent different mode-of-action towards XG.
Interestingly, the configuration of active site segments of these LPMOs differed as well,
with a shorter Segment 1 (-Seg1) and a longer Segment 2 (+Seg2) present in
NcLPMO9C and the opposite for NcLPMO9M (+Seg1-Seg2). We confirmed that
NcLPMO9C cleaved the non-reducing end of unbranched glucosyl residues within XG
via the oxidation of the C4-carbon. In contrast, we found that the oxidative cleavage
of the XG backbone by NcLPMO9M occurred next to both unbranched and substituted
glucosyl residues. The latter are decorated with xylosyl, xylosyl-galactosyl and xylosylgalactosyl-fucosyl units. The relationship between active site segments and the modeof-action of these NcLPMOs was rationalized by a structure-based phylogenetic
analysis of fungal AA9 LPMOs. LPMOs with a -Seg1+Seg2 configuration clustered
together and appear to have a similar XG substitution-intolerant cleavage pattern.
LPMOs with the +Seg1-Seg2 configuration also clustered together and are reported to
display a XG substitution-tolerant cleavage pattern. A third cluster contained LPMOs
with a -Seg1-Seg2 configuration and no oxidative XG activity. The detailed
characterization of XG degradation products released by LPMOs reveal a correlation
between the configuration of active site segments and mode-of-action of LPMOs. In
particular, oxidative XG-active LPMOs, which are tolerant and intolerant to XG
substitutions are structurally and phylogenetically distinguished from XG-inactive
LPMOs. This study contributes to a better understanding of the structure-function
relationship of AA9 LPMOs.

Keywords
Plant cell wall; Lignocellulose; Biomass; Biorefinery; Hemicellulose; Xyloglucan; AA9
LPMO; Neurospora crassa; Active site segments; Phylogenetic tree
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1. Introduction
For establishing sustainable processes and a circular economy, plant biomass is an
essential source for the production of fuels and chemicals, in particular, to replace
fossil-based resources (1). Plant biomass dry matter is mainly composed of plant cell
wall polymers, which are present in the middle lamella, primary and secondary cell
wall layers (2). The primary cell wall is mainly built of pectin, cellulose and
hemicellulosic xyloglucan (XG), while the secondary cell wall is mostly composed of
cellulose, hemicellulosic xylan or mannan and the aromatic polymer lignin (3-6). While
in general dicotyledonous plant biomass dry matter is majorly composed of primary
cell wall components, other species such as grasses and wood plant biomass dry
matter are majorly composed of secondary cell wall components (3-6). An important
step in biomass-based processes is the release of fermentable carbohydrates. In the
last decade, monocopper-dependent lytic polysaccharide monooxygenases (LPMOs)
have been shown to assist glycosyl hydrolases as green and effective tools for biomass
polysaccharide degradation (7-10). In this research, we aimed to understand how
LPMOs oxidatively cleave XG, and hypothesized that the mode-of-action of LPMOs
towards XG correlates with their active site configuration.
Cellulose is a linear macromolecule composed of β-(1→4) linked D-Glcp units (4). Due
to the absence of side chains, cellulose forms crystalline (ordered) microfibrils via van
der Waals force and hydrogen bonds (2, 5). Like cellulose, XG has a backbone of β(1→4) linked D-Glcp residues, which is further substituted via the C6 position by α(1→6) linked D-Xylp residues (2, 11). The xylosyl units can be further substituted with
β-(1→2) linked D-Galp and, rarely, α-(1→3) linked L-Araf residues. In addition, an LFucp unit via an α-(1→2) linkage to D-Galp also occurs (11-14). The type and amount
of XG substituents highly vary and, for example, depends on the plant species or tissue
(13). To simplify the complicated trivial names of individual XG oligosaccharides, Fry
and coworkers developed an unambiguous nomenclature using one-letter codes to
represent the XG structure (Table 1) (15). Most XG structures have been defined as
block-wise “XXXG”- and “XXGG”-types (16). For example, XG from tamarind seed
(TXG) and black currant (BCXG) have been shown to consist of “XXXG” repeating units,
with partially β-D-Galp substituted blocks (XXLG, XLXG and XLLG) (15, 17).
Furthermore, additional substitutions with fucosyl units were defined for BCXG (XXFG
and XLFG) (17). Fucosylated XG has been found in many plant sources from
campanulids (i.e., carrot), while XG from grass species is not composed of fucosylated
residues (11). Other modifications have been found as well, for instance acetylation
on galactosyl residues (13, 18), but are not further discussed in this study.
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Table 1. One-letter codes according to Fry et al. (15) and symbols used in this study for
representing XG oligosaccharide structures
Structure represented

Symbolsa

One-letter code

-β-D-Glcp-

G

-β-D-Glcpα-D-Xylp-(1→6) ┘

X

-β-D-Glcpβ-D-Galp-(1→2)-α-D-Xylp-(1→6) ┘

L

-β-D-Glcpα-L-Fucp-(1→2)-β-D-Galp-(1→2)-α-D-Xylp-(1→6) ┘

F

a
blue circle: glucosyl unit; star: xylosyl unit; yellow circle: galactosyl unit; red triangle: fucosyl
unit

LPMOs classified in the Carbohydrate-Active enZymes database (CAZy; www.cazy.org
(19)) Auxiliary Activities family 9 (AA9) originate from fungi and have been shown to
oxidatively cleave cellulose. Although less studied, for some AA9 members additional
oxidative XG cleavage has been reported (20-32). So far, oxidative XG cleavage of
AA9 LPMOs has been mainly determined by the detection of formed oligosaccharides
by using high performance anion exchange chromatography with pulsed amperometric
detection (HPAEC-PAD) and matrix assisted laser desorption/ionization‒time of flight‒
mass spectrometry (MALDI-TOF-MS). Although these analytical techniques indicate an
oxidative cleavage of XG, exact structures of released XG degradation products by AA9
LPMOs were not identified (20-32). Nevertheless, from both studies it could be
concluded that among the XG-active AA9 LPMOs generally two HPAEC-PAD patterns of
TXG oligosaccharides have been shown: i) generation of (block-wise) “XXXG”-type
(oxidized) TXG oligosaccharides, e.g., MtLPMO9J and NcLPMO9C (22, 32); ii)
generation of many different, non-“XXXG”-type (oxidized) TXG oligosaccharides, e.g.,
FgLPMO9A and GtLPMO9A-2 (27, 28). To better understand these two suggested
routes a detailed product characterization is essential.
Whether these different XG-cleavage pathways result from distinct XG binding sites
neighboring the catalytic site of the LPMOs has yet to be defined. Active site structures
of LPMOs interacting with cellulosic substrates have already been reported (24, 33168

AA9 LPMO active site segment configuration steers xyloglucan degradation
37), but information about relevant binding sites of XG is still scarcely available in the
literature. Courtade and coworkers have shown through NMR analysis that a so-called
L3 loop around the active site of a XG-active NcLPMO9C strongly interacted with XG
(38). This L3 loop also has been shown to be present in other XG-active LPMOs like
PaLPMO9H (31) and MtLPMO9J (22). However, in another XG-active GtLPMO9A-2, the
L3 loop is absent. Instead, GtLPMO9A-2 has an extended L2 loop (28). This difference
might indicate that the configuration of segments around the AA9 LPMO active site
influences their catalytic behavior on XG. The definition of the loops (L2, L3, LS and
LC) around the active site has previously been suggested (37, 39, 40), and further
redefined as segments in our previous study due to the presence of secondary
structure elements (41). Briefly, five segments (Seg1–Seg5) were defined, of which
Seg1, Seg2, Seg3 and Seg5 are comparable, but slightly different, to the previously
defined L2, L3, LS and LC regions, respectively (see also Fig. 1). Seg4 was newly
defined and has not been described before.
In this work, two distinct product profiles of two different XG-active LPMOs from
Neurospora crassa (NcLPMO9C and NcLPMO9M) were characterized by identification of
the formed non-oxidized and oxidized XG oligosaccharides. In addition to various other
chromatographic techniques, hydrophilic interaction chromatography coupled with
electrospray ionization‒collision induced dissociation‒mass spectrometry (HILIC-ESICID-MS/MS2) was used. To test our hypothesis that the mode-of-action of LPMOs
towards XG is a result of their specific structural configuration around the active site,
a structure-based sequence analysis of AA9 LPMOs was performed. The resulting
phylogenetic tree shows three distinct groups, which not only differ in structural active
site segments, but also seemingly correlate to the oxidative XG cleavage being either
tolerant or intolerant to substitutions, and to XG-inactive LPMOs.

2. Materials and methods
2.1. XG substrates, carbohydrate standards and other chemicals
XG from tamarind (Tamarindus indica, TXG) seed, TXG oligosaccharide standards
(xyloglucan hepta + octa + nona saccharides) and XEG (GH5) from Paenibacillus sp.
were purchased from Megazyme (Bray, Ireland). XG from black currants (Ribes nigrum
L., BCXG) was available in our laboratory (fraction CASS) extracted by Hilz and
coworkers (17). Glucose was purchased from Sigma-Aldrich (St. Louis, Missouri, USA)
and Asc was purchased from VWR International (Radnor, PA, USA). Cellobiose,
cellotriose, cellotetraose, cellopentaose and cellohexaose were used as standards and
purchased from Megazyme. Water used in all experiments was generated by a Milli-Q
system (Millipore, Molsheim, France), unless mentioned otherwise.

2.2. Catalytic performance of XEG, NcLPMO9C and NcLPMO9M on
XG
Expression, production and purification of NcLPMO9C and NcLPMO9M were described
previously (41). XG substrates (TXG or BCXG, 2 mg/mL) were dissolved in 50 mM
ammonium acetate buffer (pH 5.0) with the addition of Asc (1 mM final concentration).
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Subsequently, XEG, NcLPMO9C and NcLPMO9M were added to a concentration of 1.25
µM. Control reactions were performed without the addition of Asc. Single 200 µL
reactions were incubated in an Eppendorf ThermoMixer® comfort at 800 rpm (in an
almost vertical orientation) and reactions used to produce the time curves were
incubated in a head-over-tail rotator at 20 rpm (5 mL total volume). NcLPMO9C and
NcLPMO9M reactions were incubated at 30°C while XEG reaction was at 50°C. All
reactions were performed in duplicate. To create a time curve for NcLPMO9C and
NcLPMO9M, a larger reaction volume of 500 µL was sampled at 0, 1, 2, 4, 8 and 24 h
after enzyme addition. The reactions were stopped while incubating for 10 min at 97
°C in an Eppendorf ThermoMixer® C. Subsequently, the supernatant was recovered
after centrifugation in a Hermile Z 233 MK-2 centrifuge at 22000 × g (Rotor: 220.87
VO5/6) for 20 min and stored at -20 °C until further usage. Parts of XEG- and
NcLPMO9C-TXG-digests were further treated with β-galactosidase (GH35 from
Aspergillus niger, Megazyme), which is further described in Supplementary
information.

2.3. Analytical methods
2.3.1. HPSEC analysis for molecular weight distribution of (degraded)
TXG
TXG and corresponding digests were analyzed by high performance size exclusion
chromatography coupled to a refractive index detector (HPSEC-RI) for their molecular
weight distribution. Instrument settings, column and elution program were the same
as described previously (41). Pullulans (Associated Polymer Labs Inc., New York, USA)
in the MW range of 0.4–708 kDa were used for calibration.

2.3.2. HPAEC analysis for profiling oligosaccharides
TXG and corresponding digests were analyzed by HPAEC-PAD on an ICS5000 (Dionex)
system equipped with a CarboPac PA-1 column (2 mm ID × 250 mm) in combination
with a CarboPac PA guard column (2 mm ID × 50 mm). Mobile phases were (A) 0.1 M
NaOH and (B) 1 M NaOAc in 0.1 M NaOH. The column temperature was 20 °C. The
elution program applied has been described previously (30). Samples were diluted five
times before analysis. Commercial TXG oligosaccharide mixture (50 µg/mL), glucose
(2.5 µg/mL) and cello-oligosaccharides (DP2‒6, 2.5 µg/mL) were used as standards.

2.3.3. MALDI-TOF-MS analysis of oligosaccharides
To analyze the mass of formed XG oligosaccharides, MALDI-TOF-MS (Bruker Daltonics,
Billerica, Massachusetts, USA) was used as previously described (42). The mass
spectrometer was calibrated using maltodextrins (Avebe, Veendam, The Netherlands)
in a mass range (m/z) of 500–3000 and a total of 300 spectra were collected for each
measurement. Prior to analysis, samples were desalted using Dowex AG 50W-X8 Resin
(Bio-Rad Laboratories, Hempel Hempstead, UK). The desalted supernatants were dried
under nitrogen and re-dissolved in water containing 20 mM LiCl to obtain lithium (Li)adducts. 1 µL of each lithium-rich sample was mixed with 1 µL matrix solution (50%
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(v/v) acetonitrile in H2O containing 12 mg/mL 2,5-dihydroxy-benzoic acid (Bruker
Daltonics)) and dried under nitrogen.

2.3.4. HILIC-ESI-CID-MS/MS2 for structural elucidation of (degraded)
XG
The LPMO-TXG- and -BCXG-digests were separated and analyzed using HILIC coupled
to ESI-MS. To separate the TXG oligosaccharides, a Vanquish UHPLC system (Thermo
Fisher Scientific, San Jose, CA, USA) equipped with an Acquity UPLC BEH Amide column
(1.7 μm, 2.1 mm ID × 150 mm) and a VanGuard pre-column (1.7 μm, 2.1 mm ID ×
5 mm) was used. Supernatants from LPMO-TXG- and LPMO-BCXG-digests were
concentrated five times and then subjected (2 μL) to the column. The column
temperature was set at 35°C using the still air mode and the flow rate was 0.45 mL/min.
Water (A) and acetonitrile (B) both containing 0.1% formic acid (all were UHPLC-grade;
Biosolve, Valkenswaard, The Netherlands) were used as mobile phases. The elution
profile was: 0–2 min at 82% B (isocratic), 2–62 min from 82% to 60% B (linear
gradient), 62–62.5 min from 60% to 42% B (linear gradient), 62.5–69 min at 42% B
(isocratic), 69–70 min from 42% to 82% B (linear gradient) and 70–80 min at 82% B
(isocratic). The MS settings have been described previously (43). The full MS (m/z)
range was set to 300–2000. To improve the fragmentation, MS2 was performed using
dependent scan followed by a parent mass list. The mass list used is displayed in Table
S1. For MS2, the CID with a normalized collision energy was set at 35%, the minimum
signal threshold was 20000 counts, activation Q was 0.15 and activation time was 10
ms. Mass spectrometric data were processed using Xcalibur 2.2 (Thermo Fisher
Scientific).

2.3.5. Crystal structures and homology models
Structural data of LPMOs were derived from the RCSB protein data bank
(https://www.rcsb.org). Homology models of LPMOs without published threedimensional
structures
were
generated
using
SWISS-MODEL
(https://swissmodel.expasy.org) (44-48). Template search with BLAST (49) and
HHBlites (50) were performed against the SWISS-MODEL template library (SMTL). The
target sequences were searched with BLAST against the primary amino acid sequence
contained in the SMTL. The PyMOL Molecular Graphics System (Version 1.7.2.1
Schrödinger, LLC) was used for visualization and structural alignments.

2.3.6. Sequence mining, structure-based multiple sequence alignment
and phylogenetic analysis
In order to obtain an unbiased set of amino acid sequences, which covers the whole
range of the large variety within AA9 LPMOs, sequences were selected randomly from
the 498 available eukaryotic AA9 LPMO sequences in the CAZy database. This set was
completed by addition of all AA9 LPMO sequences labeled as “characterized” in the
CAZy database, all AA9 LPMO sequences with a resolved structure, and those with
known XG (in)activity, if not already present in the set. The amino acid sequences
were aligned (full-length; FL) using the MUSCLE algorithm (51) in MEGA7 (52) and
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fine-tuned by cutting out the signal peptide, the linker- and the CBM-region, as well
as sequences not fitting to the alignment. The amino acid sequences were then
realigned using the structure-based MAFFT-DASH algorithm (53). The resulting
structure-based alignment was then cut down to the regions of interest termed
“Segments 1 to 5” (Seg1–Seg5) (segment-only; SO).
Phylogenetic analysis of both the FL and SO structure-based multiple sequence
alignment was done using RAxML-NG (54). Firstly, the alignments were tested for the
most applicable substitution model using ModelTest-NG (55). The tree was inferred
using the BLOSUM62 model (56) (number of discrete gamma categories:4; with
frequencies and invariant sites) for the FL alignment, and the Probability Matrix from
Blocks (PMB) (57) model (number of discrete gamma categories:4; with frequencies
and invariant sites) for the SO alignment and 20 starting trees were calculated.
Bootstrap analysis was then carried out until convergence criteria (cut-off: 0.03) based
on the bootstopping test (58) were reached (800 and 1120 bootstraps for the FL and
SO alignment, respectively). The resulting phylogenetic trees were prepared for
publication using MEGA7.

3. Results
3.1. NcLPMO9C and NcLPMO9M and their oxidative XG cleavage
patterns
Two LPMOs from N. crassa with different active site segment configuration (NcLPMO9C
and NcLPMO9M; Fig. 1) were tested for their mode-of-action towards XG. As presented
in Fig. 1, NcLPMO9C holds a short (-) Seg1 and a long (+) Seg2, whereas NcLPMO9M
has a +Seg1-Seg2 configuration (41).
We first monitored the mode-of-action of two NcLPMOs on TXG by profiling the
molecular weight (MW) distribution of NcLPMO9M- and NcLPMO9C-TXG-digests during
incubation using HPSEC-RI (Fig. 2 and Fig. S1). The MW distribution of both NcLPMOTXG-digests after 24 h incubation showed only little change in the absence of ascorbic
acid (Asc) (Fig. S1), which showed that these enzyme preparations were almost free
of hydrolytic side activities. However, upon addition of Asc an autooxidation of the TXG
could be observed, resulting in a visible decrease in the MW distribution after 24 h (Fig.
S1). Therefore, the MW distributions of the NcLPMO digests (with Asc) were compared
to the ones of TXG without enzyme but with Asc (24 h; Fig. 2).
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Fig. 1. (a) Amino acid sequence alignments of NcLPMO9C (PDB entry: 4D7U) and NcLPMO9M
(PDB entry: 4EIS) and (b and c) their respective crystal structures. The active site segments are
indicated as Seg1 (red), Seg2 (blue), Seg3 (yellow), Seg4 (green) and Seg5 (purple).

Already after 2 h, the products formed by NcLPMO9M had a lower MW-range compared
to NcLPMO9C indicating that both LPMOs show distinct mode-of-action on TXG (Fig.
2). To be more precise, NcLPMO9M formed two rather broad populations (Fig. 2a),
one ranging from 30–200 kDa and another ranging from 1–30 kDa, while NcLPMO9C
formed two larger MW populations (80–700 kDa and 1–80 kDa, Fig. 2b). Notably,
oxidative XG cleavage of NcLPMO9M has not been reported previously and neither have
the MW distributions of XG digests of these NcLPMOs. Further, seen from the MW
profiles (Fig. 2a), after 8 h the NcLPMO9M TXG degradation was complete, no high
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MW population (30–200 kDa) of XG remained, and final products ranged from 0.4 to
3 kDa (Fig. 2a). In contrast, for the NcLPMO9C-TXG-digest the high MW XG population
(80–700 kDa) remained and a decrease in MW of the products was observed even
between 8 h and 24 h of incubation (Fig. 2b). The final digest was composed of
products ranging from 0.4 to 3 kDa and showed a different MW distribution profile as
the 24 h NcLPMO9M-TXG-digest (Fig. 2b).

Fig. 2. Molecular weight (MW) distribution of tamarind seed xyloglucan (TXG) digests in presence
of ascorbic acid (Asc) from (a) 1.25 µM NcLPMO9M and (b) 1.25 µM NcLPMO9C, analyzed by
HPSEC-RI. Dotted lines are control reactions containing only TXG with Asc. MW distributions of
additional control digests are shown in Fig. S1. MWs are indicated based on calibration with a
series of pullulan standards (0.4–708 kDa).

To learn more about the exact cleavage sites in the TXG for both NcLPMOs, the formed
TXG oligosaccharides were characterized in detail. First, the digests were analyzed by
HPAEC-PAD and the corresponding chromatograms are shown in Fig. 3. For
comparison, the commercial xyloglucanase (XEG)-TXG-digest (Fig. 3g) and
commercial non-oxidized TXG oligosaccharide (XXXG, XLXG, XXLG and XLLG)
standards (Fig. 3h) were analyzed, of which the annotation of HPAEC-peaks has been
well defined in literature (59-61). The control reactions (Fig. 3b and 3d) did not show
the formation of (detectable) oligosaccharides, which confirms the absence of
hydrolytic xyloglucanase (side-)activities. In the presence of Asc, both NcLPMOs
released noticeably different types of TXG oligosaccharides (Fig. 3a and 3c),
underlining the differences in the above-described MW distributions (Fig. 2). The TXGdigest of NcLPMO9C has been described previously and our HPAEC profile corresponds
with the published one (32). However, the annotation, of in particular the non-oxidized
products, seems to be different compared to the previous research. Based on our
results, the common non-oxidized “XXXG”-type products were not present in
NcLPMO9C-TXG-digest (Fig. 3a). Our annotation was based on i) comparison with the
XEG-TXG-digest and standards of a mixture of XXXG, XLXG, XXLG and XLLG (Fig. 3g
and 3h), and ii) β-galactosidase treatment of the NcLPMO9C- and XEG-TXG-digest to
confirm that L units were degraded to X units (Fig. S2). Indeed, β-galactosidase
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treatment of the XEG-TXG-digest (Fig. S2b) resulted in removal of XLXG, XXLG and
XLLG, and only XXXG remained.

6
Fig. 3. HPAEC elution patterns of oligosaccharide products after the incubation of tamarind seed
xyloglucan (TXG) with NcLPMO9C (1.25 μM; a, b) and NcLPMO9M (1.25 μM; c, d) in the presence
(1 mM; a, c) and absence (b, d) of ascorbic acid (Asc). TXG oligosaccharides released by
xyloglucanase (XEG, 1.25 μM) in the presence of Asc (g) was added as the reference. In addition,
TXG only (e), TXG with 1 mM Asc (f), TXG oligosaccharide standards (xyloglucan hepta + octa +
nona saccharides; h) and a standard (i) containing a mixture of cellobiose, cellotriose,
cellotetraose, cellopentaose and cellohexaose (from left to right in chromatogram) are shown.

In addition, XXG was formed, confirmed by MALDI-TOF-MS (Fig. S3a; m/z 775.3
(lithium (Li)-adduct, [M+Li]+)), due to the presence of isoprimeverase in the
commercial β-galactosidase (62, 63), which was further substantiated by the formation
of isoprimeverose (X unit) (Fig. S2b). In contrast, β-galactosidase treated NcLPMO9CTXG-digest, majorly resulted in XXX (Fig. S2d), which was confirmed by MALDI-TOFMS (Fig. S3b; m/z 907.3 ([M+Li]+)), and no other main non-oxidized compounds
remained. Again minor isoprimeverase side-activity was seen, resulting in formation
of X and XX. The peak representing XXX was also present in the NcLPMO9C-TXG-digest,
without β-galactosidase treatment, in addition to three peaks now defined as XLX, XXL
and XLL. These last three peaks were removed by the β-galactosidase treatment,
which confirmed the presence of L unit. It should be noted that in previous research
studying LPMO activity towards TXG, the non-oxidized oligosaccharides now annotated
as XXX, XLX, XXL and XLL, were incorrectly suggested to be XXXG, in addition to XLXG,
XXLG and XLLG (22, 24, 29, 31, 32).
The HPAEC pattern of the NcLPMO9M-TXG-digest showed considerably more
oligosaccharides peaks compared to the TXG-digest of NcLPMO9C. As with HPAEC the
type of oligosaccharides (especially the oxidized ones) formed cannot be identified
without standards, further characterization of degraded TXG oligosaccharides was
carried out by MALDI-TOF-MS and HILIC-ESI-CID-MS/MS2.
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Fig. 4. MALDI-TOF mass spectra of tamarind seed xyloglucan (TXG), after incubation with (a)
1.25 µM NcLPMO9C and (b) 1.25 µM NcLPMO9M, both in the presence of 1 mM of ascorbic acid
(Asc). TXG oligosaccharide clusters included non-oxidized oligosaccharides (HnPm) and C4-oxidized
oligosaccharides (Ox-HnPm). The clusters of H4P3 and H5P3 are enlarged in the inserts.
Abbreviations: H, hexaose (glucose or galactose, 162 Da); P, pentaose (xylose, 132 Da); n,
number of hexaoses; m, number of pentaoses; Ox, oxidized. M/z shown correspond to lithium
(Li)-adducts.

The MALDI-TOF mass spectrum of the NcLPMO9C-TXG-digest (Fig. 4a) clearly
indicated masses ([M+Li]+) corresponding to blocks of TXG, which has also been shown
in the previous research (32, 63). These blocks were present as non-oxidized (i.e.,
H4P3, H5P3 and H10P6) and C4-oxidized oligosaccharides (i.e., Ox-H4P3 and Ox-H5P3),
where “H” and “P” represented as hexaose and pentaose, respectively. Taking the
above described HPAEC results into account, it could be concluded that, for instance,
H4P3 represents XXL/XLX, and H5P3 represents XLL. The annotation of C4-oxidized XG
oligosaccharides (i.e., Ox-H4P3 (m/z 1067.4)) was based on the ‒2 m/z difference
compared to the m/z-value of the corresponding non-oxidized block (i.e., H4P3 (m/z
1069.4; Fig. 4a) and is comparable to previous annotations of C4-oxidized LPMO
products (23, 30, 42). The C4-oxidized TXG oligosaccharides were determined to be
of “XXXG”-type, as in the β-galactosidase treated NcLPMO9C-TXG-digest analyzed by
MALDI-TOF-MS, a major peak with m/z 1067.4 ([M+Li]+), representing C4-oxidized
XXXG, remained (Fig. S2b). The C4-selectivity of NcLPMO9C towards TXG previously
has been reported by Agger and coworkers (32).
The NcLPMO9M-TXG-digest showed m/z-values ([M+Li]+) corresponding to many
different types of TXG oligosaccharides (i.e., H7P5; Fig. 4b). The NcLPMO9M-TXGdigest was again composed of both non-oxidized (i.e., H5P3 (m/z 1231.4) and oxidized
oligosaccharides (i.e., Ox-H5P3; m/z 1229.4 and 1247.4; Fig. 4b). The m/z difference
of +16 suggested the occurrence of C1-oxidation and can be explained by the
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spontaneous hydrolysis of the unstable δ-lactone form (‒2 Da) into the aldonic acid
form (+16 Da) (23, 30, 42). Although some studies have shown that m/z of +16 could
also attribute to the gem-diol form of the C4-oxidized products, other studies, i.e., in
our laboratory, by using the same MALDI-TOF-MS settings as in the current work, did
not observe m/z of +16 for C4-oxidized products (30, 42). Therefore, we suggest that
TXG, most likely, was oxidatively cleaved by NcLPMO9M at C1 position. Still,
occurrence of C4-oxidation could not be excluded, because of the presence of oxidized
oligosaccharides with the m/z difference of ‒2. These masses (M‒2) not only represent
the unstable δ-lactone form, but also the keto-form of C4-oxidized oligosaccharides
(30, 32, 64).

3.2. Unambiguous structural characterization of XG degradation
products generated by NcLPMO9C and NcLPMO9M
To further identify the exact TXG cleavage sites of the two NcLPMOs, digests were
subjected to negative ion mode HILIC-ESI-CID-MS/MS2. Similar to the data discussed
above (Fig. 2–4), the HILIC-ESI-MS patterns of the two LPMO-TXG-digests were
different (Fig. 5). Firstly, the masses in the base peak chromatograms of both digests
showed that non-oxidized TXG oligosaccharides were present as single charged
deprotonated ([M‒H]‒) and double charged deprotonated ([M‒2H]2‒) products (data
not shown, M indicates the m/z of non-oxidized oligosaccharides). The same was
observed for oxidized oligosaccharides represented by the m/z ‒2 products ([M‒2‒H]‒,
[M‒2‒2H]2‒) and the m/z +16 products ([M+16‒H]‒, [M+16‒2H]2‒) compared to the
same degree of polymerization (DP) of non-oxidized oligosaccharides. Secondly,
masses that could be either C1-oxidized products or, based on their mass, formic acid
adducts of non-oxidized products were observed (Fig. 5). For instance, m/z 1107 could
represent the C1-oxidized H5P2, but also the formic acid adduct of non-oxidized H4P3
(Table S1). Nevertheless, corresponding MS2 data easily distinguished formic acid
adducts as these products showed a clear fragment of m/z ‒46 (formic acid; data not
shown).
Due to the complexity of multiple charges and formic acid adducts, the intensity of the
MS2 spectra was too poor for structural elucidation. The spectral quality improved
considerably after having established MS and MS2 analysis via a defined mass list
(Table S1; [M‒H]‒, [M‒2‒H]‒, [M+16‒H]‒). The chromatograms and spectra obtained
via the mass list allowed structural characterization of the non-oxidized and oxidized
TXG oligosaccharides released by NcLPMO9C and NcLPMO9M (Fig. 5–7 and Table 2–
3).
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Fig. 5. HILIC-ESI-MS base-peak and extracted ion chromatograms of tamarind seed xyloglucan
(TXG) digests from (a) NcLPMO9C and (b) NcLPMO9M. Extracted ion chromatograms are made
for non-, C4- and C1-oxidized products (non-Ox, C4-Ox and C1-Ox) released by NcLPMO9C and
NcLPMO9M (in the presence of 1 mM ascorbic acid). Determination of C4- and C1-oxidized TXG
oligosaccharides is based on the m/z difference of ‒2 and +16, respectively, compared to m/zvalues of corresponding non-oxidized oligosaccharides. The identification (numbered peaks) of
C4-oxidized TXG oligosaccharides in NcLPMO9C- and NcLPMO9M-TXG-digest, based on the MS2
fragmentation patterns, is shown in Table 2 and 3, respectively. Asterisks indicate formic acid
adducts of non-oxidized TXG oligosaccharides having the same m/z as C1-oxidized products.

3.2.1. Characterization of non-oxidized TXG oligosaccharide products
Multiple non-oxidized TXG oligosaccharides released by the two NcLPMOs were
identified (see Fig. S4 and S5 for examples). A summary of all MS2 fragments and
structural annotations can be found in Table S2 (for NcLPMO9C) and Table S3 (for
NcLPMO9M). MS2 fragments of non-oxidized products were annotated following the
principle of predominance of C-/Z-type and A-type fragments of neutral
oligosaccharides in negative MS-mode (65, 66). In addition, a double C-/Z-type
cleavage on three linked sugar residues was observed and annotated as D-type (Fig.
S4 and S5), which has previously been reported for TXG oligosaccharides (66). Overall,
non-oxidized XXX (m/z 899.3, Fig. S4a), XXL (m/z 1061.4), XLX (m/z 1061.4), XLL
(m/z 1223.5, Fig. S4b) and GXLL (m/z 1385.7) were formed in the NcLPMO9C-TXGdigest (Table S2). These non-oxidized “XXX”-type TXG oligosaccharides reflected
cleavage at the non-reducing end of an unbranched glucosyl unit in TXG (see below).
In summary, nineteen different non-oxidized TXG oligosaccharides released by
NcLPMO9M were identified (Fig. S5 and Table S3).
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3.2.2. Characterization of C4-oxidized TXG oligosaccharide products
Based on our previous study on CID-MS2 fragmentation patterns of C4-oxidized cellooligosaccharides (43), we identified multiple structures of C4-oxidized TXG
oligosaccharides, which are shown in Table 2 and 3, for NcLPMO9C and NcLPMO9M,
respectively. In the NcLPMO9C-TXG-digest, we found several “XXXG”-type C4-oxidized
products such as O=GGXXX (m/z 1059.4, O=G indicates the C4-oxidized glucosyl unit),
O=GGXLX (m/z 1221.5), O=GGXXL (m/z 1221.5), O=GGLXX (m/z 1221.5) and O=GG(H5P3)
(m/z 1383.7) (Table 2). To explain the identification of these compounds, for instance
through annotation of MS2 fragments of O=GGXXX (m/z 1059.4, Fig. 6a) and O=GGXLX
(m/z 1221.5, Fig. 6b), a fragment (Y4) was observed having the terminal oxidized
unbranched glucosyl residue removed via B-/Y-cleavage (m/z difference of 160
compared to the parent m/z). In addition, the diagnostic cross-ring fragment 2,4X4
confirmed the single C4-oxidation on an unbranched glucosyl unit. This diagnostic
cleavage fragment has been shown for C4-oxidized cello-oligosaccharides as well (43).
Additionally, to a much lesser extent, oligosaccharides with a C4-oxidized terminal X
unit were determined, such as in O=GXXXG (m/z 1059.4) and O=GX(H4P2) (m/z 1221.5).
Again, fragments resulting from B-/Y-cleavage of the glycosidic linkage between the
glucosyl units next to the C4-oxidized glucosyl unit were observed in the MS2 spectra.
Fragments of (m/z) 767 and 929 showed a 292 m/z difference compared to the parent
m/z of 1059 and 1221, respectively. The 292 m/z difference indicated the loss of the
oxidized glucosyl unit (m/z 160) substituted with a xylosyl residue (m/z 132).
Table 2. List of C4-oxidized XG oligosaccharides identified based on fragmentation patterns in
CID-MS2 present in the NcLPMO9C-TXG-digest. Chromatograms, including peak numbers, are
shown in Fig. 5. Nomenclature (annotation) according to Fry et al. (15).
9C_C4-Ox
Peak Nr.

Elution time
(min)

m/z
([M‒H]‒)

1

30.7–32.7

1059.4

2

36.4–37.5

1221.5

MS2 fragments (m/z)a
293 (4), 453 (1), 527 (3), 605 (13), 765 (1), 821
(16), 839 (7), 899 (100), 999 (2), 1041 (14)

O=G

GXXX

455 (1), 473 (1), 767 (4), 999 (2), 1041 (14)

O=G

XXXG

311 (2), 767 (4), 1001 (5), 1061 (100), 1161 (2),
1203 (34)

/O=GGXXL

311 (2), 605 (3), 1001 (5), 1061 (100), 1161 (2),
1203 (34)

O=G

GLXX

O=G

1383.7

311 (3), 1141 (1), 1163 (5), 1223 (100), 1365 (7)

4

43.0–45.0

1515.5

n.d.

intensities of
are indicated in bold

GXLX

O=G

39.7–41.4

MS2

O=G

455 (8), 929 (12), 1161 (2), 1203 (39)
3

aRelative

Annotation

fragments are shown between brackets and informative

X(H4P2)

G(H5P3)

O=G

MS2

H 6P 4

fragments
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Fig. 6. Negative ion mode CIDMS2 fragmentation patterns of
C4-oxidized tamarind seed
xyloglucan
(TXG)
oligosaccharides present in the
NcLPMO9C-TXG-digest
annotated as O=GGXXX (m/z
1059.4, a) and O=GGXLX (m/z
1221.5, b). O=G indicates that
the oxidation is on the glucosyl
unit in keto-form. Oxidation of
the C4-carbon position is
indicated in red. The fragments
are annotated according to the
nomenclature proposed by
Domon & Costello (65). The
m/z-values shown in grey in b
are from the other co-eluted
isomers.

C4-oxidized TXG oligosaccharides released by NcLPMO9M were different from the ones
formed by NcLPMO9C, which is summarized in Table 3. First, two small motifs, O=GGX
and O=GXG (both m/z 471.2), were identified. The single C4-oxidation on these G and
X units was confirmed by MS/MS fragments of m/z 159 and 291, respectively. In
addition, C4-oxidized oligosaccharides not having “XXXG”-type structure were
detected mainly including O=GXXG (m/z 765.4), O=GXGX (m/z 765.4), O=GXGL (m/z
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927.3), O=GGLX (m/z 927.3), O=GLGX (m/z 927.3). Other structures such as O=GLLG
(m/z 1089.1) and O=GLGL (m/z 1089.1) were also identified (Table 3). Among these
structures, the single C4-oxidiation of G and X units was elucidated by MS2 fragments
Table 3. List of C4-oxidized XG-oligosaccharides identified based on fragmentation patterns in
CID-MS2 present in the NcLPMO9M-TXG-digest. Chromatograms, including peak numbers, are
shown in Fig. 5. Nomenclature (annotation) according to Fry et al. (15).
9M_C4-Ox
Peak Nr.

Elution time
(min)

m/z
([M‒H]‒)

MS2 fragments (m/z)a

1

10.7–11.7

471.2

159 (59), 293 (15), 311 (15), 353 (6), 395 (14), 453
(20)

O=G

GX

179 (20), 291 (2), 351 (3), 221 (3), 395 (14), 453
(20)

O=G

XG

2

3

4

5

17.5–18.7

24.1–27.9

7

927.3

291 (100), 473 (3), 543 (1), 603 (1), 747 (9)

O=G

XXG

291 (100), 293 (1), 353 (1), 453 (1), 455 (1), 471
(1), 473 (3), 747 (9)

O=G

XGX

291 (1), 353 (1), 411 (1), 453 (100), 455 (1), 473
(18), 635 (4),
747 (1), 765 (1), 867 (2), 909 (3)

O=G

XGL

293 (8), 353 (1), 707 (1), 767 (1), 867 (2), 909 (3)

O=G

GLX

O=G

LGX

27.9–32.0

927.3

293 (20), 311 (1), 413 (2), 453 (100), 473 (42), 615
(3), 747 (2),
849 (1), 867 (3), 909 (13)

30.5–31.5

1059.4

291 (37), 293 (3), 353 (4), 455 (33), 473 (2), 707
(18), 765 (4), 767 (66), 999 (1), 1041 (100)

O=G

XXGX

291 (37), 293 (3), 353 (4), 605 (7), 526 (3), 765 (4),
767 (66), 999 (1),
1041 (100)

O=G

XGXX

32.5–34.1

33.9–34.9

6

765.4

Annotation

38.1–38.9

1089.1

1221.5

1221.5

38.6–39.6

1383.7

41.7–44.4

1383.7
1515.5

453 (100), 557 (3), 635 (28), 867 (5), 927 (7), 1029
(6), 1071 (33)

O=G

LLG

453 (100), 473 (12), 557 (5), 635 (28), 1029 (6),
1071 (33)

O=G

LGL

453 (100), 455 (4), 689 (2), 767 (32), 869 (4), 929
(15), 1161 (5), 1203 (5)

O=G

XGXL

293 (3), 689 (2), 767 (32), 869 (4), 929 (15), 1161
(5), 1203 (5)

O=G

XGLX

293 (3), 453 (100), 473 (8), 689 (2), 767 (32), 1161
(5), 1203 (5)

O=G

LXGX

353 (3), 453 (100), 455 (18), 689 (7), 707 (13), 767
(56), 929 (52), 1161 (2), 1203 (92)

O=G

XGXL

453 (100), 473 (7), 689 (7), 707 (13), 767 (56), 1161
(2), 1203 (92)

O=G

LXGX

411 (2), 453 (96), 515 (2), 851 (2), 867 (2), 869 (2),
929 (100), 1013 (11), 1031 (8), 1091 (71), 1221
(10), 1305 (6), 1323 (8), 1365 (9)
453 (13), 455 (4), 635 (3), 767 (1), 851 (3), 869 (3),
929 (100),
1091 (2), 1223 (2), 1365 (17)
n.d.

O=G

XGLL

O=G

H 6P 3

O=G

H 6P 4

aRelative

intensities of MS2 fragments are shown between brackets and informative MS2 fragments
are indicated in bold
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having m/z differences of 160 and 292 from their parent m/z, respectively, as
described previously. An example for the identification of O=GL units in MS2 is shown in
Fig. 7a, where the B3 (m/z 453) indicated the oxidation on the H2P1 structure (O=GH2P1).
However, O=GH2P1 has three isomeric structures: O=GL, O=GXG and O=GGX. These three
structures were further distinguished by the ion B4 (O=GH3P1, m/z 615) and the crossring fragment 2,4X3 (an X unit and a cross-ring cleaved G unit, m/z 413). Altogether,
including the m/z of the parent oligosaccharide (O=GH4P2, m/z 927.3), it is concluded
that O=GLGX represented m/z 927.3.
All above-mentioned motifs were generated by the oxidative XG cleavage of
NcLPMO9M at the non-reducing end of substituted glucosyl units from “XXXG”-type
building block of TXG. Furthermore, the C4-oxidized oligosaccharides having an m/zvalue of 1059.5 (O=GH4P3) in NcLPMO9M-TXG-digest were composed of mainly O=GXXGX
and O=GXGXX instead of compounds having terminal G units (for example O=GGXXX and
O=GXXXG in the NcLPMO9C-TXG-digest). Similarly, an m/z-value of 1221.5 was also
annotated as mainly O=GXGXL, O=GXGLX and O=GLXGX and an m/z-value of 1383.7 was
O=GXGLL (only one was identified, Fig. 7b) in the NcLPMO9M-TXG-digest.

3.2.3. Characterization of C1-oxidized TXG oligosaccharide products
C1-oxidized products were only detected in the NcLPMO9M-TXG-digest. However, due
to the poor signal intensity and heavy co-elution of all C1-oxidized products in HILICESI-MS, these products could not be structurally identified. Nevertheless, the presence
of the parent masses of C1-oxidized products confirmed that NcLPMO9M resulted in
both C1- and C4-oxidized XG oligosaccharides.

3.2.4. Characterization of (oxidized) BCXG oligosaccharide products
We further analyzed the cleavage patterns of NcLPMO9C- and NcLPMO9M-digests
towards BCXG which is a XG having additional F units (glucosyl-xylosyl-galactosylfucosyl residue; Table 1), again by using HILIC-ESI-CID-MS/MS2 (Fig. S6). The HILICESI-MS base-peak chromatograms of two NcLPMO-BCXG-digests showed once more
the striking difference between the patterns (Fig. S6a and S6b). Due to the high
complexity, not all (oxidized) released BCXG degradation products by LPMOs were fully
elucidated. Nevertheless, in the NcLPMO9C-BCXG-digest, we were able to identify
BCXG oligosaccharides with a C4-oxidized terminal G unit (e.g. O=GGXXF, m/z 1367.7,
Fig. S6c), which is absent in the NcLPMO9M-BCXG-digest. Interestingly, a diagnostic
C4-oxidized F unit (O=GF(H3P2), m/z 1367.7, Fig. S6d) was identified in the NcLPMO9MBCXG-digest, which was absent in the NcLPMO9C-BCXG-digest. The identified C4oxidized F unit indicated that oxidative cleavage of BCXG by NcLPMO9M also occurred
next to the extensively substituted glucosyl units.
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Fig. 7. Negative ion mode
CID-MS2
fragmentation
patterns
of
C4-oxidized
tamarind
seed
xyloglucan
(TXG)
oligosaccharides
present in the NcLPMO9MTXG-digest
annotated
as
O=GLGX (m/z 927.3, a) and
O=GXGLL (m/z 1383.7, b). O=G
indicates that the oxidation is
on the glucosyl unit in ketoform. Oxidation of the C4carbon position is indicated in
red.
The
fragments
are
annotated according to the
nomenclature proposed by
Domon & Costello (65).
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3.2.5. Distinct mode-of-action of NcLPMO9C and NcLPMO9M towards XG
In this study, the structures of oxidized TXG oligosaccharides generated by two
NcLPMO9C (Table 2) and NcLPMO9M (Table 3) from XG were unambiguously
elucidated. In the NcLPMO9C-TXG-digest, TXG oligosaccharides were found mostly to
be typical “XXXG”-type block units, but with C4-oxidized unbranched G units (e.g.
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O=GGXXX, O=GGXLX, O=GGXXL, O=GGLXX

and O=GG(H5P3)). Another C4-oxidized “XXXG”type product (O=GGXXF) was identified in the NcLPMO9C-BCXG-digest. In contrast,
non-“XXXG”-type of C4-oxidized TXG oligosaccharides were identified in the
NcLPMO9M-TXG-digest. The C4-oxidation of TXG oligosaccharides by NcLPMO9M on X
and L units confirmed that NcLPMO9M can oxidize substituted glucosyl units at the C4carbon. In addition, the oxidation predominately found on X and L units in HILIC-ESICID-MS/MS2 characterized TXG oligosaccharides, instead of on unbranched G units,
may reflect that NcLPMO9M has the preference in cleaving the substituted glucosyl
backbone. The identified C4-oxidized F unit from NcLPMO9M-BCXG-digest further
indicated that the oxidative cleavage of XG by NcLPMO9M is independent of the type
and length of the branches. Based on these determined XG cleavage sites, it was
defined that NcLPMO9C oxidatively cleaves XG predominantly at the non-reducing end
of single unbranched glucosyl units (32), further referred to as a substitution-intolerant
mode-of-action towards XG (in brief “Substitution-intolerant”) (Fig. 8). In contrast,
the oxidative cleavage of XG by NcLPMO9M was shown to be more tolerant to
substitutions with even a preference next to substituted glucosyl units and referred to
as “Substitution-tolerant” (Fig. 8).

Fig. 8. (a) Illustration of structural units in xyloglucan (XG) and (b) schematic representation of
XG cleavage patterns by NcLPMO9C (blue arrows) and NcLPMO9M (red arrows), respectively. G
unit, glucosyl residues only (blue circle); X unit, glucosyl-xylosyl residues (xylose, star); L unit,
glucosyl-xylosyl-galactosyl residues (galactose, yellow circle) and F unit, glucosyl-xylosylgalactosyl-fucosyl residues (fucose, red triangle). Positions of galactosyl units may vary and
fucosyl units are present in black currant XG, but not in tamarind seed XG. NcLPMO9C showed
substitution-intolerant mode-of-action meaning that its oxidative cleavage towards XG was
(predominately) at the non-reducing end of unbranched G units, while NcLPMO9M oxidatively
cleaved XG regardless of substitution (substitution-tolerant) with seemingly preference on
substituted glucosyl units. Whether NcLPMO9M can cleave between two L units remains to be
studied and is shown as red question mark. The size of the arrows is indicative for more
pronounced cleavage sites, which was based on (the number of) structures found of identifiable
(oxidized) oligosaccharides by using HILIC-ESI-MS.

3.3. Phylogenetic and structural analysis of LPMOs with XG
activity
To test our hypothesis whether the mode-of-action of AA9 LPMOs towards XG is
dependent on the type of active site segments, as showcased by NcLPMO9C and
NcLPMO9M (Fig. 8), amino acid sequence alignment and phylogenetic analysis were
conducted. Here, all characterized fungal AA9 LPMOs (cellulose-active and XG-(plus

184

AA9 LPMO active site segment configuration steers xyloglucan degradation
cellulose)active LPMOs) and a number of randomly selected uncharacterized AA9
LPMOs from the CAZy database were compared. We first aligned the mature amino
acid sequences (Supplementary information), which revealed three main clusters, and
generated an unrooted FL phylogenetic tree (Fig. S7). The clustering of AA9 LPMOs
into three groups has already been described in literature (35, 40, 41, 67-69), however,
never been used for comparisons of active site segments and XG catalytic behavior.
Next, only the amino acids of the five active site segments (Seg1–Seg5, based on the
definition described in our previous study (41)) were aligned (Supplementary
information) and subjected to a phylogenetic analysis. The resulting structure-based
SO phylogenetic tree (Fig. S8 and Fig. 9) shows three main clusters: one with the
structural features +Seg1-Seg2 (red area), the second defined as -Seg1+Seg2 (light
blue area) and the third defined as -Seg1-Seg2 (yellow area). A sub-cluster with a Seg1+Seg2 feature was found (dark blue area in Fig. 9), but mostly with an extended
Seg3 (-Seg1+Seg2+Seg3).

4. Discussion
4.1. Homology of active site segments of XG-active and XGinactive LPMOs
As previously described, NcLPMO9C and NcLPMO9M have a different catalytic site
configuration in terms of neighboring segments, in particular for Seg1 and Seg2 (Fig.
1). In this research, we characterized NcLPMO9C as “Substitution-intolerant” and
NcLPMO9M as “Substitution-tolerant”. From this, we hypothesized that the long/short
Seg1 and Seg2 is a generic feature amongst AA9 LPMOs altering their interaction with
XG, which further steers their mode-of-action in degrading XG. Indeed, the
characterized NcLPMOs belong to different clusters of the structure-based SO
phylogenetic tree of AA9 LPMOs (Fig. 9). Whether other characterized AA9 LPMOs,
shown in the three clusters, have been reported to represent “Substitution-intolerant”
or “Substitution-tolerant” oxidative cleavage activities is discussed here. Note that all
discussed AA9 LPMOs are able to oxidatively cleave cellulose. For ease of structural
comparison, published three-dimensional structures or homology models of selected
characterized AA9 LPMOs from each of the three main phylogenetic clusters are shown
in Fig. S9.
Based on published HPAEC and MS data, multiple LPMOs clustering in the -Seg1+Seg2
area (light blue area in Fig. 9) were reported to show “Substitution-intolerant”
oxidative cleavage activities, like NcLPMO9C [(blue dots, No. 43 in Fig. 9; Fig. S9a),
e.g., MtLPMO9J (No. 41 in Fig. 9) (22), NcLPMO9D (No.51 in Fig. 9; Fig. S9b) (20),
CvAA9A (No. 54 in Fig. 9; Fig. S9c) and LsAA9A (No. 56 in Fig. 9; Fig. S9d) (24)].
Again, mainly based on published HPAEC and MS data, LPMOs clustering in the
+
Seg1-Seg2 area (red area in Fig. 9) were reported to show seemingly “Substitutionintolerant” behavior (red dots), as observed for GtLPMO9A-2 (No. 7 in Fig. 9; Fig. S9f)
(28), FgLPMO9A (No. 15 in Fig. 9; Fig. S9g) (27), TaLPMO9A (No. 31 in Fig. 9; Fig.
S9h) (21), GcLPMO9B (No. 38 in Fig. 9) and GcLPMO9A (No. 39 in Fig. 9) (25). The
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latter enzymes all have an active site segment configuration comparable to NcLPMO9M
(Fig. S9e).
It should be stressed that several other LPMOs have been reported to be active on XG
(26, 29-31), however, the corresponding published product profiles were not
conclusive due to poor chromatographic or mass spectrometric representations (Fig.
9, green dots). In addition, several AA9 LPMOs have been shown to be inactive on XG
alone (in brief “Inactive”; see references (20, 70) and Fig. S10). Generally, we found
that the -Seg1-Seg2 configuration (Fig. 9, yellow area) promotes “Inactive” (e.g.
NcLPMO9F, No. 78 in Fig. 9; Figs. S9i, S10).
Interestingly, we found that LPMOs having the structural feature of -Seg1+Seg2+Seg3
(dark blue area in Fig. 9) also showed no activity on XG alone, e.g. MtLPMO9B (No.
63 in Fig. 9; Fig. S9j) (30) and MtLPMO9I (No. 66 in Fig. 9; Fig. S11). In the Seg1+Seg2+Seg3 cluster, although sharing the similar structural -Seg1+Seg2 feature,
the Seg3 segment is more extended (Supplementary information) compared to other
LPMOs in the -Seg1+Seg2 cluster [e.g. NcLPMO9C (No.43 in Fig. 9; Fig. S9a),
NcLPMO9D (No.51 in Fig. 9; Fig. S9b), CvAA9A (No. 54 in Fig. 9; Fig. S9c) and LsAA9A
(No. 56 in Fig. 9; Fig. S9d)]. In addition, our previous study demonstrated that LPMOs
in the dark blue sub-cluster possess a cysteine in Seg2, which forms a disulfide bridge
to a second cysteine in Seg3 (41). This disulfide bridge may pull the Seg2 away from
the active site, which could mimic the effect of a short Seg2 (41). This “shortening”
effect might also affect the catalytic performance towards XG as Seg2 cannot properly
align to the XG alone. This could result in the described XG inactivity of LPMOs in this
sub-cluster.
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Fig. 9. Unrooted topology tree based on active site segments only of AA9 LPMOs with numbering
on the terminal nodes. Corresponding organism name, Genbank accession number, LPMO name
(if characterized) and PDB entry (if applicable) of each number in the terminal node is listed in
Supplementary information, Table S4. Background colors in the topology tree show the long/short
(+/-) of Seg1 and Seg2 segments (red, +Seg1-Seg2; light blue, -Seg1+Seg2; dark blue, Seg1+Seg2 but extended Seg3 (+Seg3); yellow, -Seg1-Seg2). Reported characterized LPMOs are
indicated by colored dots; XG product patterns alike that of NcLPMO9C (blue, Substitutionintolerant), alike that of NcLPMO9M (red, Substitution-tolerant) or not XG-active (yellow, Inactive).
Grey dots indicate that the LPMOs were reported for 1) their activity on cellulose only and not
tested on XG (e.g. No. 10, HiLPMO9B) or 2) their cellulolytic enhancing activity and not tested on
XG (e.g. No. 35, AfAA9_B) or 3) tested with XG but the data were not conclusive (e.g. No. 20,
PaLPMO9D). Green dots indicate that oxidative XG cleavage has been shown, but reported data
are inconclusive to be determined as substitution-intolerant or -tolerant. LPMOs with red dots: 5.
NcLPMO9M; 7. GtLPMO9A-2; 15. FgLPMO9A; 31. TaLPMO9A; 38. GcLPMO9B; 39. GcLPMO9A.
LPMOs with blue dots: 41. MtLPMO9J; 43. NcLPMO9C; 51. NcLPMO9D; 54. CvAA9A; 56. LsAA9A.
LPMOs with yellow dots: 47. NcLPMO9A; 63. MtLPMO9B; 66. MtLPMO9I; 76. TtLPMO9E; 78.
NcLPMO9F.
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*17. PaLPMO9D: XG catalytic performance was determined based on a colorimetric H2O2production assay (31). *45. PaLPMO9H: XG product profiles were shown to be either NcLPMO9Clike (“Substitution-intolerant”) via HPAEC (31) and NcLPMO9M-like (“Substitution-tolerant”) via
direct infusion ESI-MS/MS (26), hence inconclusive. *47. NcLPMO9A: “Inactive” on XG alone but
“Substitution-intolerant” in combination with cellulose (20). *62. PaLPMO9B: XG catalytic
performance was determined based on a colorimetric H2O2-production assay (31). *73. AN3046:
Only one XG product profile was shown (MALDI-TOF mass spectrum), hence inconclusive (29).
*76. TtLPMO9E: Inactive towards XG using ascorbic acid, but XG-active when using photosynthetic
pigments with light (33). *84. PaLPMO9E: XG catalytic performance was determined based on a
colorimetric H2O2-production assay (31).

4.2. Challenges in linking the mode-of-action of AA9 LPMOs to
their active site segments
The AA9 structure-based phylogenetic tree (Fig. 9) showed three main clusters: i)
LPMOs with a -Seg1+Seg2 configuration and following a “Substitution-intolerant”
mode-of-action; ii) LPMOs with a +Seg1-Seg2 configuration and following a
“Substitution-tolerant” one and iii) LPMOs with a -Seg1+Seg2 and a -Seg1+Seg2+Seg3
configuration and showing only activity towards cellulose and no activity towards XG
alone (Fig. 9). These correlations between protein structure and XG activity further
reflect that AA9 LPMOs may require at least one long Seg1 or Seg2 to enable oxidative
XG cleavage. Still, in each (sub-)cluster (Fig. 9) of the SO phylogenetic tree, beyond
the challenge that a large number of reported LPMOs have not yet been tested for XG
activity (Fig. 9, grey dots; (33, 36, 40, 67, 71-78)), irregularities seem to occur.
In the +Seg1-Seg2 cluster (red area in Fig. 9), a “Substitution-tolerant” mode-ofaction was found for all characterized LPMOs, except for PaLPMO9D (No.17 in Fig. 9),
which was determined to be “Inactive”, although only based on a colorimetric H2O2production assay (31). A similar conclusion of “Inactive” for PaLPMO9B (No. 62 in Fig.
9) and PaLPMO9E (No. 84 in Fig. 9) was drawn also based on the H2O2-production
assay (31). As only a repression of the H2O2 production of the LPMOs is measured with
this peroxidase assay, it cannot be concluded whether these LPMO show really no
oxidative cleavage of XG. Hence, to confirm their (non-) XG activity, a more detailed
chromatography- and mass spectrometry-based analysis is required.
In the cluster of -Seg1+Seg2 (light blue area in Fig. 9), NcLPMO9A (No. 47 in Fig. 9),
having a high structural similarity to NcLPMO9C (No. 43 in Fig. 9) and NcLPMO9D (No.
51 in Fig. 9), displayed no activity on XG alone (20). NcLPMO9A showed the
“Substitution-intolerant” degradation only when cellulose was present (20) and
apparently is, an exception in this cluster. From the same cluster, PaLPMO9H (No. 45
in Fig. 9) was reported as “Substitution-tolerant” LPMO by using direct infusion mass
spectrometry (26). But, in another research, the HPAEC chromatogram of a
PaLPMO9H-TXG-digest showed a more “Substitution-intolerant” behavior (31). Again,
a more detailed chromatography- and mass spectrometry-based analysis is required
to unambiguously define the mode-of-action of PaLPMO9H towards XG. Nevertheless,
taking a closer look at the PaLPMO9H structure, it appeared that this enzyme has a
higher content of hydrophobic amino acid residues (F, W, Y) in Seg1, less charged
residues but a higher negative net charge in Seg3, and one additional positively
charged residue in Seg4 (Supplementary information), compared to NcLPMO9C.
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Also, in the -Seg1+Seg2 cluster (yellow area in Fig. 9) some exceptions were annotated.
For example, AN3046 (No. 73 in Fig. 9) was reported to be active towards XG based
on MALDI-TOF-MS data (29). However, these data remain to be verified with other
analytical techniques, as the reported MALDI-TOF mass spectra only showed aldonic
acid forms, while m/z-values of δ-lactone forms were absent. Detection of aldonic acids
without δ-lactones in MALDI-TOF-MS analysis of LPMO-digests has not been observed
in other studies. In addition, only XXLGox and XLLGox were detected in the LPMO-TXG
digest, while the more common XXXGox block was not found (29). Another still difficult
to classify candidate in the -Seg1-Seg2 cluster (yellow area in Fig. 9) is TtLPMO9E,
which has been reported as “Inactive” when using Asc as electron donor, but as active
when reduced by photosynthetic pigments with light (70). The above special cases,
together with LPMOs not yet tested on XG, further exemplify the difficulties and pitfalls
in understanding LPMO mode-of-action towards XG based on their active site segment
configuration. The latter can only be properly understood if not only experimental
conditions and assays used are carefully considered, but also detailed characterization
of LPMO-XG degradation products is performed, which further reflects the importance
of our research. Hence, careful characterization of more LPMO mode-of-actions
towards XG is highly recommended to further understand how active site segments
steer the XG degradation by AA9 LPMOs.

5. Conclusions
In this study, we described two distinct XG degradation patterns generated by two AA9
NcLPMOs representing different configuration of active site segments. The oxidative
cleavage of XG by NcLPMO9C predominantly occurred at the non-reducing end of single
unbranched glucosyl units (“Substitution-intolerant”), while NcLPMO9M displayed a
more substitution-tolerant cleavage behavior (“Substitution-tolerant”). Based on
active site segment phylogeny of AA9 LPMOs, “Substitution-intolerant” was found to
correlate to the configuration -Seg1+Seg2, while “Substitution-tolerant” correlated to
+
Seg1-Seg2. These findings support the hypothesis that the mode-of-action of AA9
LPMOs towards XG is based on the distinct structural features of their active site
segments.
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7. Supplementary information
7.1. Supplementary materials and methods
7.1.1. Materials
Isoprimeverose (X unit) and β-galactosidase (GH35) from Aspergillus niger were
purchased from Megazyme (Bray, Ireland). Other carbohydrate substrates, standards
and chemicals were described in the section 2.

7.1.2. Removal of galactosyl residues in TXG oligosaccharides by βgalactosidase
Stock β-galactosidase (4000 U/mL) was diluted with 100 mM sodium acetate buffer
(pH 4.0) to 4 U/mL. Afterwards, 60 µL of diluted β-galactosidase solution was added
to 180 µL of XEG- and NcLPMO9C-TXG-digests (prepared as described in the section
5.2), respectively. The reactions were incubated at 30 °C for 24 h under shaking at
800 rpm in an Eppendorf ThermoMixer® C. After 24 h incubation, the reactions were
stopped at 97 °C for 10 min in an Eppendorf ThermoMixer® C. Subsequently, the
supernatant was recovered after centrifugation in a Hermile Z 233 MK-2 centrifuge at
22000 × g (Rotor: 220.87 VO5/6) for 10 min. The β-galactosidase treated XEG- and
NcLPMO9C-TXG-digests were analyzed by HPAEC-PAD and MALDI-TOF-MS with the
same settings described in the section 2. TXG oligosaccharide standards (100 µg/mL)
and isoprimeverose (X unit, 50 µg/mL) were included in the analysis as standards.

7.2. Supplementary data

Fig. S1. Elution patterns that show the molecular weight (MW) distributions of tamarind seed
xyloglucan (TXG) digests from (a) NcLPMO9M (1.25 μM, TXG + NcLPMO9M) and (b) NcLPMO9C
(1.25 μM, TXG + NcLPMO9C) in the absence of ascorbic acid (Asc), analyzed by HPSEC-RI. For
comparison, TXG without enzyme-addition, but with Asc (24 h; TXG + Asc) is also shown.
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Fig. S2. HPAEC elution patterns of products after β-galactosidase treatment of xyloglucanase
(XEG; c) and NcLPMO9C (d) digested tamarind seed xyloglucan (TXG) in the presence of ascorbic
acid (Asc). XEG- (b) and NcLPMO9C-TXG-digests (d) before β-galactosidase treatment are
included for comparison. Likewise, TXG oligosaccharide standards (a) and isoprimeverose (X unit;
f) are also shown.

Fig. S3. MALDI-TOF mass spectra of β-galactosidase-treated xyloglucanase (XEG; a) and
NcLPMO9C (b) digested tamarind seed xyloglucan (TXG) in the presence of ascorbic acid (Asc).
The TXG oligosaccharide standards (c) are shown for comparison. Ox, oxidized. M/z-value
corresponded to lithium (Li)-adducts.
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Fig. S4. Negative ion mode CID-MS2 fragmentation patterns of non-oxidized tamarind seed XG
oligosaccharides present in the NcLPMO9C-TXG-digest annotated as XXX (m/z 899.3, a) and XLL
(m/z 1223.5, b). The fragments are annotated according to the nomenclature proposed by Domon
& Costello (1).
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Fig. S5. Negative ion mode CID-MS2 fragmentation patterns of non-oxidized tamarind seed XG
oligosaccharides present in the NcLPMO9M-TXG-digest annotated as XGX (m/z 767.4, a) and LXG
(m/z 929.3, b). The fragments are annotated according to the nomenclature proposed by Domon
& Costello (1).

197

Chapter 6

Fig. S6. HILIC-ESI-MS base-peak chromatograms of black currant xyloglucan (BCXG) digested
by (a) NcLPMO9C and (b) NcLPMO9M. Negative ion mode CID-MS/MS fragmentation patterns of
C4-oxidized BCXG oligosaccharides present in NcLPMO9C-BCXG-digest annotated as O=GGXXF
(m/z 1367.7, c) and in NcLPMO9M-BCXG-digest annotated as O=GF(H3P2) (m/z 1367.7, d). O=G
indicates that the oxidation is on the glucosyl unit in keto-form. Oxidation of the C4-carbon
position is indicated in red. Products formed indicated that C4-oxidative cleavage occurred next
to the F unit by NcLPMO9M, but not by NcLPMO9C. The fragments are annotated according to the
nomenclature proposed by Domon & Costello (1).
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AA9 LPMO active site segment configuration steers xyloglucan degradation

Fig. S7. Phylogenetic tree (RaxML, 800 bootstraps) in circle style of "full length" (FL) (without
signal peptide) AA9 LPMOs specified by their GenBank accession number. The Protein Data Bank
(PDB) accession code as well as the possession of a carbohydrate binding module (+CBM) are
indicated where it applies. Bootstrap values and evolutionary distance scale are indicated. All
amino acid “full sequence” used for alignment of AA9 LPMOs can be found in the online file
(https://doi.org/10.1186/s13068-020-01731-x).
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Fig. S8. Phylogenetic tree (RaxML, 1120 bootstraps) in circle style of "segments only" (SO) AA9
LPMOs specified by their GenBank accession number. The Protein Data Bank (PDB) accession code
as well as the possession of a carbohydrate binding module (+CBM) are indicated where it applies.
Bootstrap values and evolutionary distance scale are indicated. All amino acid “segments only”
used for alignment of AA9 LPMOs can be found in the online file (https://doi.org/10.1186/s13068020-01731-x).
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Fig. S9. Crystal structures and homology models of LPMOs tested on xyloglucan. Seg1 to Seg5
are indicated in red, blue, yellow, green and purple, respectively. (a) NcLPMO9C (EAA36362.1,
"Substitution-intolerant", PDB entry: 4D7U), (b) NcLPMO9D (CAD21296.1, "Substitutionintolerant", PDB entry: 4EIR), (c) CvAA9A (AST24379.1, "Substitution-intolerant", PDB entry:
5NLT), (d) LsAA9A (ALN96977.1, "Substitution-intolerant", PDB entry: 5ACF), (e) NcLPMO9M
(EAA33178.1, "Substitution-tolerant", PDB entry: 4EIS), (f) GtLPMO9A-2 (BAV57612.1,
"Substitution-tolerant", SwissModel SegID 59.09% with NcLPMO9M), (g) FgLPMO9A (CEF74660.1,
"Substitution-tolerant", SwissModel SegID 48.89% with TrLPMO9A, CAA71999.1, PDB entry:
5O2W), (h) TaLPMO9A (ACS5720.1, "Substitution-tolerant", PDB entry: 2YET), (i) NcLPMO9F
(CAD70347.1, "Inactive", PDB entry: 4QI8). (j) MtLPMO9B (AON76800.1, "Inactive", SegID
41.86% with NcLPMO9D, EAA32426.1, PDB entry: 5TKF).

Fig. S10. HPAEC elution patterns of tamarind seed xyloglucan (TXG), and of TXG digested with
NcLPMO9F (1.25 μM) with addition of 1 mM ascorbic acid (Asc). Control reactions are TXG with
NcLPMO9F in the absence of Asc and TXG with only Asc. The chromatograms show no release of
oxidized products by NcLPMO9F. The expression, production and purification of NcLPMO9F were
described by Kittl et al. (2).
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Fig. S11. HPAEC elution patterns of tamarind seed xyloglucan (TXG), and of TXG digested with
MtLPMO9I (1.25 μM) with addition of 1 mM ascorbic acid (Asc). Control reactions are TXG with
MtLPMO9I in the absence of Asc and TXG with only Asc. The chromatograms show no release of
oxidized products by MtLPMO9I. The expression, production and purification of MtLPMO9I were
described by Sun et al. (3).

Table S1. Selected mass (m/z) list for non-oxidized (non-Ox), C4-oxidized (C4-Ox) and C1oxidized (C1-Ox) TXG oligosaccharides (CID-MS2 fragmentation). FA: formic acid. *Same m/z
values for non-Ox-TXG oligosaccharides ([M+FA‒H]‒) and C1-Ox-TXG oligosaccharides ([M‒H]‒).
Hex = hexaose, Pen = pentaose.

Non-Ox-TXG
[M‒H]‒

[M+FA‒H]‒

C4-Ox-TXG
[M‒2‒H]‒

C1-Ox-TXG

[M‒2+FA‒H]‒

[M+16‒H]‒

Hex

Pen

m/z

311.1

357.1

309.1

355.1

327.1

1

1

m/z

473.2

519.2

471.2

517.2

489.2

2

1

m/z

605.2

*651.2

603.2

649.2

621.2

2

2

m/z

635.3

681.3

633.3

679.3

*651.2

3

1

m/z

767.4

813.4

765.4

811.4

783.4

3

2

m/z

899.3

*945.4

897.3

943.4

915.3

3

3

m/z

929.3

975.3

927.3

973.3

*945.4

4

2

m/z

1061.4

*1107.3

1059.4

1105.3

1077.4

4

3

m/z

1091.3

1137.3

1089.1

1135.3

*1107.3

5

2

m/z

1223.5

1269.4

1221.5

1267.4

1239.5

5

3

m/z

1355.6

*1401.6

1353.6

1399.6

1371.6

5

4

m/z

1385.7

1431.6

1383.7

1429.6

*1401.6

6

3

m/z

1517.6

1563.6

1515.5

1561.4

1531.5

6

4

m/z

1679.6

1725.6

1677.6

1723.6

1695.6

7

4

m/z

1843.6

1889.6

1841.6

1887.6

1859.6

8

4
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Table S2. List of non-oxidized XG oligosaccharides identified based on fragmentation patterns in
CID-MS2 present in the NcLPMO9C-TXG-digest. Chromatograms, including peak numbers, are
shown in Fig. 5. Nomenclature (annotation) according to Fry et al. (4).

9C_non-Ox
Peak Nr.

Elution time
(min)

m/z
([M‒H]‒)

1

20.1–20.7

767.4

2

3

4

5

6

aRelative

23.4–24.5

28.8–30.5

33.9–35.2

36.9–37.7

39.6–41.0

899.3

1061.4

1223.5

1385.7

1385.7

MS2 fragments (m/z)a

Annotation

161 (1), 293 (37), 311 (6), 353 (1), 413 (1), 527 (30),
545 (9), 605 (100), 689 (15), 707 (3), 749 (11)

XXG

293 (51), 311 (8), 527 (34), 545 (8), 605 (100), 821
(44), 839 (13)

XXX

311 (6), 455 (100), 527 (20), 545 (3), 605 (40), 899
(1), 983 (24), 1001 (21), 1043 (5)

XXL

293 (25), 353 (23), 689 (2), 707 (2), 767 (17), 983
(24), 1001 (21), 1043 (5)

XLX

293 (4), 311 (2), 353 (25), 455 (100), 689 (14), 707
(8), 767 (60), 1061 (2), 1145 (18), 1163 (58), 1205
(6)

XLL

455 (9), 707 (2), 767 (12), 1145 (6), 1163 (8), 1223
(100), 1307 (12), 1325 (50), 1367 (10)

(H5P3)G

293 (2), 353 (9), 455 (46), 473 (2), 851 (10), 869 (12),
929 (100), 1163 (2), 1223 (16), 1307 (20), 1325 (73),
1367 (3)

GXLL

intensities of MS2 fragments are shown between brackets
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Table S3. List of non-oxidized XG oligosaccharides identified based on fragmentation patterns in
CID-MS2 present in the NcLPMO9M-TXG-digest. Chromatograms, including peak numbers, are
shown in Fig. 5. Nomenclature (annotation) according to Fry et al.
9M_non-Ox
Peak Nr.

Elution time
(min)

m/z
([M‒H]‒)

1

8.3–8.7

473.2

Annotation

149 (7), 161 (9), 221 (3), 311 (100), 395 (9), 413
(1), 455 (25)

XG

149 (7), 179 (1), 293 (10), 353 (10), 395 (9), 413
(1), 455 (25)

GX

2

12.8–13.1

605.2

149 (6), 293 (100), 311 (14), 353 (1), 527 (20),
545 (7), 587 (5)

XX

3

15.3–16.2

635.3

161 (1), 179 (3), 221 (1), 311 (41), 353 (8), 413
(5), 455 (11), 557 (5), 575 (6), 617 (1)

LG

161 (1), 179 (3), 293 (9), 311 (41), 353 (8), 473
(100), 515 (2), 557 (5), 575 (6), 617 (1)

GL

4

18.1–19.3

767.4

5

20.3–21.2

767.4

6

24.2–25.1

929.3

7

25.6–26.7

929.3

8

27.5–29.0

929.3

9

30.0–31.1

1061.4

149 (1), 161 (1), 293 (30), 311 (7), 413 (1), 455
(1), 527 (26), 545 (9), 605 (100), 689 (13), 707
(3), 749 (3)
131 (1), 149 (3), 293 (73), 311 (45), 353 (9), 395
(5), 413 (7), 455 (48), 473 (100), 513 (1), 689
(18), 707 (22), 749 (8)
179 (1), 293 (1), 353 (6), 455 (84), 635 (3), 575
(1), 851 (20), 869 (13), 911 (2)

XXG

161 (1), 221 (2), 353 (6), 455 (84), 689 (6), 707
(8), 767 (100), 851 (20), 869 (13), 911 (2)

XLG

179 (1), 293 (4), 311 (3), 353 (1), 455 (10), 473
(11), 515 (1), 689 (3), 707 (4), 767 (100), 851
(27), 869 (6), 911 (2)
179 (3), 293 (8), 311 (15), 353 (12), 455 (46), 473
(40), 515 (2), 557 (4), 575 (5), 635 (100), 851
(22), 869 (25), 911 (2)
311 (3), 455 (6), 527 (7), 545 (2), 605 (47), 899
(1), 983 (19), 1001 (6), 1043 (5)

LXG

XGX
GLX

LGX
XXXG

293 (13), 353 (1), 689 (25), 707 (6), 767 (100),
983 (19), 1001 (6), 1043 (5)

GXXX
LLG

10

31.2–32.2

1091.3

353 (2), 413 (1), 455 (13), 473 (2), 851 (1), 869
(5), 929 (100), 1013 (12), 1031 (12), 1073 (1)

11

34.9–35.7

1223.5

12

36.6–37.2

1223.5

13

37.5–38.2

1385.7

14

40.8–41.2

1385.7

15

41.9–42.3

1385.7

16

43.2–44.7

1517.6

293 (1), 311 (1), 353 (2), 455 (21), 689 (3), 707
(3), 767 (20), 851 (25), 869 (12), 929 (100), 1061
(15), 1091 (8), 1145 (22), 1163 (17), 1205 (3)
293 (3), 311 (3), 353 (2), 455 (3), 473 (6), 689
(3), 707 (1), 767 (19), 851 (20), 869 (8), 929
(100), 1061 (1), 1091 (1), 1145 (29), 1163 (30),
1205 (1)
353 (2), 455 (9), 689 (1), 707 (1), 767 (8), 1145
(5), 1163 (13), 1223 (100), 1307 (20), 1325 (79),
1367 (3)
353 (1), 455 (4), 473 (1), 851 (2), 869 (1), 929
(26), 1013 (13), 1031 (11), 1091 (100), 1307 (17),
1325 (14), 1367 (1)
293 (3), 311 (5), 353 (4), 455 (2), 515 (1), 557 (2),
575 (2), 635 (24), 851 (42), 869 (10), 929 (81),
1091 (8), 1223 (3), 1307 (25), 1325 (100), 1367
(1)
n.d.

17

> 46.0

n.d.

aRelative
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MS2 fragments (m/z)a

n.d.

intensities of MS2 fragments are shown between brackets

XLGX
LXGX

XLLG
LLGX
LGXL

H 6P 4
DP > 10

AA9 LPMO active site segment configuration steers xyloglucan degradation
Table S4. Characterized LPMOs; organism, GenBank accession number, LPMO name (if
applicable), Protein Data Bank (PDB) entry (if applicable) and reference (if applicable). Numbers
correspond to the numbers shown in the SO phylogenetic tree in Fig. 9. “#” Sequence contains a
carbohydrate binding module (CBM).
Number
1
2
3

Organism
Arthrobotrys
oligospora
Leptosphaeria
maculans
Colletotrichum
graminicola

GenBank
accession number

5

Neurospora crassa

EAA33178.1

8
9
10
11
12
13
14
15
16
17
18
19
20
21

Thielavia terrestris
Heterobasidion
irregulare
Heterobasidion
parviporum
Fusarium
venenatum
Zymoseptoria
tritici
Fusarium
venenatum
Fusarium
graminearum
Fusarium fujikuroi
Podospora
anserina
Lasiodiplodia
theobromae
Neurospora crassa
Podospora
anserina
Trichoderma
reesei (Hypocrea
jecorina)

NcLPMO9M

4EIS

(5, 6)

CAQ16208.1
ATZ55262.1

7

Reference

CBY01974.1

Botrytis cinerea

6

PDB entry

EGX44929.1#

4

Gloeophyllum
trabeum
Gloeophyllum
trabeum
Thermothelomyces
thermophilus
(Myceliophthora
thermophila)

LPMO name

AEJ35168.1
BAV57612.1

GtLPMO9A-2

(7)

ASE05899.1

MtLPMO9D

5UFV

(8, 9)

HiLPMO9B

5NNS

(10)

AEO65580.1
ETW87087.1
AFO72234.1#
CEI62259.1
SMY21959.1
CEI66075.1
CEF74460.1

FgLPMO9A

(11)

PaLPMO9D

(12)

EAA29018.1#

NCU07760

(6)

CAP73254.1#

PaLPMO9A

(12)

CAA71999.1#

TrCel61A
(HjLPMO9A)

CCT72465.1
CAP66744.1
CAJ81217.1

22

Aspergillus oryzae

BAE60320.1

23

Penicillium rubens
Wisconsin

CAP80988.1#

24

Aspergillus niger

CAK46515.1#

5O2W

(13-15)
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25

Botrytis cinerea

CCD50139.1

26

Fusarium fujikuroi

CCT72942.1

27
28
29
30
31
32
33
34
35
36
37
38
39
40
41

Aspergillus
fumigatus
Talaromyces
piceae
Penicillium
oxalicum

ATQ35955.1

Aspergillus niger

CAK38942.1

Thermoascus
aurantiacus
Trichoderma
reesei (Hypocrea
jecorina)
Pestalotiopsis sp.

CAF31975.1

AIO06742.1

ACS05720.1

TaLPMO9A

2YET

(16)

AAP57753.1

TrCel61B

2VTC

(17)

AfAA9_B

6HAQ

(18)

ANB32143.1

Sclerotinia
sclerotiorum
Aspergillus
fumigatus
Penicillium rubens
Wisconsin

XP_752040.1

Aspergillus oryzae

BAE56764.1

Geotrichum
candidum
Geotrichum
candidum
Podospora
anserina
Thermothelomyces
thermophilus
(Myceliophthora
thermophila)

APA12066.1

CAP92380.1

CDO57961.1

GcLPMO9B

(19)

CDO58049.1

GcLPMO9A

(19)

MtLPMO9J

(20)

CDP30131.1
AEO56016.1

42

Thielavia terrestris

AEO62422.1

43

Neurospora crassa

EAA36362.1#

44

Humicola insolens

CAG27577.1#

45

Podospora
anserina

CAP61476.1

46

Serendipita indica

CCA67659.1#

47

Neurospora crassa

EAA30263.1

NcLPMO9A

48

Pestalotiopsis sp

ANB32140.1

PsLPMO9B

(25)

AEO56642.1

MtLPMO9C

(26)

CAD21296.1

NcLPMO9D

49
50
51

206

Sclerotinia
sclerotiorum
Thermothelomyces
thermophilus
(Myceliophthora
thermophila)
Neurospora crassa

NcLPMO9C

4D7U

PaLPMO9H

(5, 6, 21)

(12, 22)

5FOH

(6, 23,
24)

APA15869.1#

4EIR

(6, 23,
27)
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52
53
54
55
56

Pyricularia oryzae
Podospora
anserine
Collariella
virescens
Aspergillus
nidulans
Lentinus similis

QBZ61923.1
CAP65111.1
AST24379.1

CvAA9A

5NLT

(28)

LsAA9A

5ACF

(28)

EAA64722.1#
ALN96977.1

Rhizophlyctis
rosea
Rhizophlyctis
rosea
Scytalidium
lignicola

AWM99279.1#

60

Thielavia terrestris

AEO67395.1#

61

Neurospora crassa

CAE81966.1#

NcLPMO9J

(2)

CAP68375.1#

PaLPMO9B

(12)

AON76800.1#

MtLPMO9B

(26)

NcLPMO9E

(6)

MtLPMO9I

(3)

AN3046

(29)

57
58
59

62
63

Podospora
anserina
Thermothelomyces
thermophilus
(Myceliophthora
thermophila)

AWM99283.1

AYO97682.1#

64

Neurospora crassa

EAA26873.2#

65

Botrytis cinerea

ATZ48364.1

66
67
68
69

Thermothelomyces
thermophilus
(Myceliophthora
thermophila)
Podospora
anserina
Zymoseptoria
tritici
Podospora
anserina

AEO55652.1
CAP61048.1
SMR44834.1
CAP67466.1

70

Podospora comata

VBB71335.1#

71

Podospora comata

VBB79368.1#

72

Pyricularia oryzae

XP 003717521.1

73
74
75

Aspergillus
nidulans
Fusarium
graminearum
Phanerochaete
chrysosporium

EAA63617.1
CEF78876.1
BAL43430.1

PcLPMO9D

4B5Q

(30)

TtLPMO9E

3EII

(31)

76

Thielavia terrestris

XP_003657366.1

77

Thermothelomyces
thermophilus
(Myceliophthora
thermophila)

AEO61304.1
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78

Neurospora crassa

CAD70347.1

NcLPMO9F

4QI8

(5)

Coprinopsis
cinerea
Malbranchea
cinnamomea
Thermothelomyces
thermophilus

QCQ84225.1
AEO60271.1

MYCTH_112089

(6)

82

Pestalotiopsis sp

ANB32141.1

PsLPMO9A

(25)

83

Neurospora crassa

EAA34466.1#

NCU00836

(6)

84

Podospora
anserina

CAP67740.1#

PaLPMO9E

(12)

85

Podospora comata

VBB79669.1

79
80
81

CAG27578.1
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Abstract
Lytic polysaccharide monooxygenases (LPMOs) play a key role in enzymatic conversion
of plant cell wall polysaccharides. Continuous discovery and functional characterization
of LPMOs highly contribute to the tailor-made design and improvement of hydrolyticactivity based enzyme cocktails. In this context, a new MtLPMO9F was characterized
for its substrate (xyloglucan) specificity, and MtLPMO9H was further delineated. Aided
by sodium borodeuteride reduction and hydrophilic interaction chromatography
coupled to mass spectrometric analysis, we found that both MtLPMOs released
predominately C4-oxidized, and C4/C6-double oxidized xylogluco-oligosaccharides.
Further characterization showed that MtLPMO9F, having a short active site segment 1
and a long active site segment 2 (–Seg1+Seg2), followed a “substitution-intolerant”
xyloglucan cleavage profile, while for MtLPMO9H (+Seg1–Seg2) a “substitutiontolerant” profile was found. The here characterized xyloglucan specificity and
substitution (in)tolerance of MtLPMO9F and MtLPMO9H were as predicted according to
our previously published phylogenetic grouping of AA9 LPMOs based on structural
active site segment configurations.

Keywords
Biomass; Lignocellulose; LPMO; Active site segments; Cellulose; Xyloglucan; HILICESI-CID-MS/MS2; Mass spectrometric fragmentation; Reduction
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1. Introduction
Lignocellulose-based biorefineries have lately attracted interest to replace fossil based
refineries (1, 2). An important process step in these biorefineries is the enzymatic
release of (fermentable) monosaccharides from lignocellulosic (hemi-)celluloses (3-5).
Traditionally, only hydrolytic enzymes were considered relevant for (hemi-)cellulose
degradation activity, and are, therefore, the basis of commercial enzyme cocktails (6,
7). In the last decade, the composition of these cocktails benefit from the discovery of
lytic polysaccharide monooxygenases (LPMOs), which have been shown to greatly
enhance hydrolytic conversion of (hemi-)celluloses (8-10). Continuous discovery and
functional characterization of novel LPMOs is expected to highly contribute to future
application-tailored hydrolytic-activity based enzyme cocktails. In this context, in our
research, we aim to understand the role of all LPMOs discovered in the genome of the
thermophilic fungus Myceliophthora thermophila C1 (Mt) (11, 12).
LPMOs are mono-copper dependent redox enzymes and currently classified into
sequence-based “Auxiliary Activity” families (AA) 9‒11 and 13‒17 in the
Carbohydrate-Active enZymes (CAZy) database (http://www.cazy.org) (13, 14). The
fungal AA9 family constitutes the largest LPMO family (11). AA9 members catalyze the
regioselective (C1- and/or C4-) oxidative cleavage of cellulose using molecular oxygen
(O2) and/or hydrogen peroxide (H2O2) and an external electron donor as co-substrates
(15, 16). C1-oxidative cleavage results in δ-lactones, which convert to aldonic acids in
aqueous solutions, C4-oxidative cleavage forms 4-ketoaldoses. These C4-ketones are
in equilibrium with their geminal diol form in aqueous solutions, although the
equilibrium will majorly be on the ketone side (17, 18). Recently, we showed that C4
cellulose oxidation can be accompanied by C6-oxidation, based on identified double,
C4 and C6, oxidized cello-oligosaccharides (19). Although the regioselectivity of LPMOs
is not fully understood, it has been proposed that it may reflect how LPMOs bind to
their substrates (20-23). The latter might also reflect their substrate specificity, as was
concluded from structure-based (e.g., active site segment based) multiple sequence
alignment of AA9 LPMOs (24, 25). This analysis indicated three (main) groups: i)
cellulose specific LPMOs (–Seg1–Seg2 and –Seg1+Seg2+Seg3), ii) cellulose and
xyloglucan (substitution-intolerant) active LPMOs (–Seg1+Seg2), iii) cellulose and
xyloglucan (substitution-tolerant) active LPMOs (+Seg1–Seg2). Although in that work,
a number of candidates were shown to have the named specificities, only one MtLPMO
has been studied for its xyloglucan specificity (Table 1) (25). For the other eight
(partially) characterized AA9 MtLPMOs, out of twenty-two present in the genome, and
for yet uncharacterized MtLPMOs, xyloglucan specificity needs to be unraveled.
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Table 1. (Partially) characterized AA9 LPMO from M. thermophilaa.
LPMO name

UniProt
ID

Active site segment
configuration

Substrate specificity

Xyloglucan
specificity

–Seg1–Seg2b

Cellulose (RAC), xylan
associated to RAC,
xyloglucanc, mixed β(1→3, 1→4)-linked
glucan

Activec

MtLPMO9A

G2QNT0

MtLPMO9L

Unknown

–

Seg1–Seg2b

Cellulose (PASC, Avicel)

Inactive

MYCTH_112089

G2Q9F7

–

Seg1 Seg2

Cellulose (PASC)

n.d.
Inactive
Inactive

–

b

d

MtLPMO9B

G2QCJ3

–

Seg1+Seg2+Seg3

Cellulose (RAC, Avicel,
BC)

MtLPMO9I

G2Q774

–Seg1+Seg2+Seg3

Cellulose (RAC, Avicel)
Cellulose (RAC),
xyloglucane, mixed β(1→3, 1→4)-linked
glucan
Cellulose (RAC, Avicel),
xyloglucan, cellooligosaccharides (DP≥5)

MtLPMO9C

G2QA92

–Seg1+Seg2

MtLPMO9E
(MtLPMO9J)

G2Q7A5

–

MtLPMO9D

G2QAB5

+Seg1–Seg2

Cellulose (RAC)d

MtLPMO9H

G2Q9T3

n.d.

Cellulose (RAC, Avicel)

Seg1+Seg2

n.d.

Substitutionintolerant
n.d.

d

n.d.

aAbbreviations:

RAC, regenerated amorphous cellulose; PASC, phosphoric acid swollen cellulose;
BC, bacterial cellulose; n.d., not determined
bBased on the reported short L3 loop and L2 loop
cTrace of activity towards xyloglucan, too low to determine the xyloglucan specificity
dOnly cellulose was tested
eData was not conclusive to determine xyloglucan specificity
Reference: MtLPMO9A (26, 27); MtLPMO9L (28); MYCTH_112089 (29); MtLPMO9B (26, 30);
MtLPMO9I (31); MtLPMO9C (32); MtLPMO9E (31, 33); MtLPMO9D (34); MtLPMO9H (19, 30, 35,
36)

Xyloglucan is a heteropolysaccharide composed of a cellulose-like β-(1→4) linked-Dglucosyl backbone. The glucosyl residues can be substituted by a D-xylosyl residue via
α-(1→6) linkages (37-39). The unsubstituted and D-xylosyl substituted glucosyl units
are coded as “G” and “X” based on the one-letter nomenclature developed by Fry et al
(40). The D-xylosyl residues can be even further substituted with β-(1→2) linked Dgalactosyl residues (coded “L”). Other substitutions are less common and described
elsewhere (40). The most common xyloglucan structure is built by so-called “XXXG-”
and “XXGG-type” block-wise units (41). For instance, tamarind xyloglucan (TXG) is
constructed by the repeated “XXXG-type” units with partially substituted galactosyl
residues (XLXG, XXLG and XLLG) (40).
In this work, a new MtLPMO9F and a partially characterized MtLPMO9H were studied
for their active site configuration, and produced for characterization of their
regioselectivity and substrate specificity with a focus on oxidative cleavage patterns of
xyloglucan.
MtLPMO9Fand
MtLPMO9H-generated
C4-oxidized
xyloglucooligosaccharides, and double oxidized ones (C4/C6), were identified in detail by using
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sodium borodeuteride (NaBD4) reduction and hydrophilic interaction chromatography–
mass spectrometry (HILIC-ESI-CID-MS/MS2).

2. Materials and methods
2.1. Carbohydrate and chemicals
NaBD4 and ammonium acetate were purchased from Sigma-Aldrich (St. Louis,
Missouri, USA). Xyloglucan from tamarind (Tamarindus indica, TXG), TXG
oligosaccharide standard (xyloglucan hepta-, octa- and nona-saccharides), cellobiose,
cellotriose, cellotetraose, cellopentaose and cellohexaose were purchased from
Megazyme (Bray, Ireland). Regenerated amorphous cellulose (RAC) was prepared
from Avicel® PH-101 (Sigma-Aldrich) as described previously (27). Ascorbic acid (Asc)
was purchased from VWR International (Radnor, Pennsylvania, USA). Water used in
all experiments was produced by a Milli-Q system (Millipore, Molsheim, France). Other
carbohydrates used for substrate screening were purchased from either Sigma-Aldrich
or Megazyme.

2.2. Structure-based multiple sequence alignment
Amino acid sequences of MtLPMO9F (MYCTH_111088, UniProt ID: G2Q9F7) and
MtLPMO9H (MYCTH_46583, UniProt ID: G2Q9T3), together with previously studied
NcLPMO9C (24, 25), MtLPMO9E (31), NcLPMO9M (25) and FgLPMO9A (42) were finetuned by removing the signal peptide, the linker- and the CBM-domain as described
previously (25). Subsequently, a structure-based multiple sequence alignment (25)
was performed with these six AA9 LPMOs. The resulting structure-based alignment
was further divided into regions “Segments 1 to 5” (Seg1‒Seg5) as described
previously (25), which was used to determine the short and/or long segments.

2.3. Expression, production and purification of MtLPMO9F and
MtLPMO9H
The gene encoding MtLPMO9F was homologously expressed in a low protease/low
(hemi-) cellulose producing Myceliophthora thermophila C1 strain by IFF Nutrition &
Biosciences (Leiden, The Netherlands), essentially as described elsewhere (43, 44).
The expression, production and purification of MtLPMO9H and MtAA16A have been
described previously (30, 45).
MtLPMO9F was purified by four subsequent chromatographic steps. Crude MtLPMO9Frich fermentation broth was filtrated and dialyzed against 10 mM potassium phosphate
buffer pH 7.6 before chromatographic purification. The dialyzed MtLPMO9F was purified
by step-wise anion exchange chromatography (AEC), size exclusion chromatography
(SEC) and cation exchange chromatography (CEC). Columns used, purification settings
and elution program of AEC, SEC and CEC have been described previously (30). The
purest (based on sodium dodecyl sulfate–polyacrylamide gel electrophoresis (SDSPAGE)) third step CEC-purified MtLPMO9F-containing fractions were further purified by
the fourth-step CEC on an ÄKTA-Micro preparative chromatography system (GE
Healthcare). Settings and elution program used in this last CEC purification step of
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MtLPMO9F was the same as described for the last CEC purification step of MtAA16A
(45). All fractions were collected and immediately stored on ice. Peak fractions (based
on UV 280 nm) were adjusted to an approximate concentration of 2 mg/mL determined
by BCA assay and analyzed by SDS-PAGE, as described previously (31) to determine
their purity. MtLPMO9F fractions with the highest purity based on SDS-PAGE were
frozen in liquid nitrogen and stored at –80 °C.

2.4. Generation
MtLPMO9H

of

carbohydrate

digests

by

MtLPMO9F

and

Carbohydrates (listed in Table 2) were mixed with 50 mM ammonium acetate buffer
(pH 5.0) to a concentration of 2 mg/mL (for RAC and hemicellulose combination, each
type was 2 mg/mL). Subsequently, 2 µM (corrected by impurities based on SDS-PAGE
results in Fig. S1) of MtLPMO9F or MtLPMO9H was added to the corresponding
carbohydrate mixture containing 1 mM Asc (final concentration). For RAC and TXG
incubations, in order to increase the yield of oxidative products, 2 µM of MtAA16A
(previously reported as an AA9 MtLPMO boosting enzyme) was added. Control
reactions were performed in the absence of Asc (with and without MtAA16A for RAC
and TXG incubation). All reactions (500 µL total volume) were incubated at 30 °C by
using an Eppendorf Thermomixer® comfort, placed in an almost vertical direction, at
800 rpm for 24 h in duplicate. The reactions were stopped by immediately separating
supernatants after centrifugation at 22000 × g for 10 mins at 4 °C in a table centrifuge.
The resulting supernatants were collected and diluted five times for high performance
anion exchange chromatography with pulsed amperometric detection (HPAEC-PAD)
analysis.
Part of supernatants from RAC and TXG digests were reduced by NaBD4 followed by
solid phase extraction (SPE) as described in section 2.5. A cello-oligosaccharide
standard mixture (containing cellobiose, cellotriose, cellotetraose, cellopentaose and
cellohexaose, 1 µg/mL each) and a TXG oligosaccharide standard (20 µg/mL) were
also analyzed by HPAEC-PAD.

2.5. Reduction of generated (oxidized) cello- and xyloglucooligosaccharides with NaBD4 and clean-up with SPE
Reduction was performed by adding 200 µL freshly prepared 0.5 M NaBD4 to 200 µL
of i) the cello-oligosaccharide standard mixture (50 µg/mL of each degree of
polymerization (DP)), ii) 100 µg/mL of TXG oligosaccharide standard and iii)
supernatants obtained from the MtLPMO9F- and MtLPMO9H-RAC or TXG digests (with
and without MtAA16A) at 20 °C for 20 h. A clean-up procedure for reduced digests was
carried out by using SPE with Supelclean™ ENVI-Carb™ columns (3 mL, Sigma-Aldrich)
as described previously (31). The dried reduced RAC and TXG digests were dissolved
in 60% (v/v) acetonitrile in water. The reduced RAC and TXG digests were directly
used for HILIC-ESI-CID-MS/MS2 analysis or diluted twenty times for HPAEC-PAD
analysis.
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2.6. Analytic methods
2.6.1. HPAEC-PAD analysis for profiling oligosaccharides
All samples, including the non-reduced and reduced cello-oligosaccharide standard
mixture, the TXG oligosaccharide standard, RAC and TXG digests of MtLPMO9F or
MtLPMO9H, were analyzed by HPAEC-PAD with an ICS-5000 system (Dionex,
Sunnyvale, California, USA) equipped with a CarboPac PA-1 column (2 mm ID × 250
mm; Dionex) in combination with a CarboPac PA guard column (2 mm ID × 50 mm;
Dionex). The two mobile phases were (A) 0.1 M NaOH and (B) 1 M NaOAc in 0.1 M
NaOH and the elution profile used has been described previously (26, 31). HPAEC data
was processed by using Chromeleon 7.2.10 software (Thermo Fisher Scientific,
Waltham, Massachusetts, USA).

2.6.2. HILIC-ESI-CID-MS/MS2 for elucidating the reduced
oligosaccharide structures
Reduced forms of the cello-oligosaccharide standard mixture, the TXG oligosaccharide
standard and digests of RAC and TXG were analyzed by using HILIC-ESI-CID-MS/MS2.
A Vanquish UHPLC system (Thermo Fisher Scientific) equipped with an Acquity UPLC
BEH Amide column (Waters, Millford, Massachusetts, USA; 1.7 μm, 2.1 mm ID × 150
mm) and a VanGuard pre-column (Waters; 1.7 μm, 2.1 mm ID × 150 mm) was used.
The UHPLC settings, mobile phases and elution program have been described
previously (25). The MS and MS2 (negative ion mode) settings have been described
previously (31), with the minor changes of MS2: minimum signal threshold of 10000
counts at an activation Q of 0.25. Mass spectrometric data were processed by using
Xcalibur 4.3.73.11 software (Thermo Fisher Scientific).

3. Results and discussion
3.1. MtLPMO9H and MtLPMO9F: active site segment configuration,
substrate screening and cellulose regioselectivity
To visualize the configuration of active site segments (Seg1 to Seg5) of MtLPM9H and
MtLPMO9F, their amino acid sequences were (structurally-based) aligned with four AA9
LPMOs with known configuration of active site segments described in the previously
published phylogeny (24, 25). Based on the alignment shown in Fig. S2, it was
concluded that MtLPMO9H has a long Seg1 and a short Seg2 (+Seg1–Seg2), similar to
the configuration of NcLPMO9M and FgLPMO9A. In contrast, MtLPMO9F holds a short
Seg1 and a long Seg2 (–Seg1+Seg2), which is comparable to NcLPMO9C and MtLPMO9E.
In our previous work, as outlined in the introduction, AA9 LPMOs having “+Seg1–Seg2”
structural elements have been shown to oxidatively cleave cellulose in addition to
xyloglucan via a “substitution-tolerant” cleavage behavior. AA9 LPMOs having “–
Seg1+Seg2” structural elements have been shown to oxidatively cleave cellulose in
addition to xyloglucan via a “substitution-intolerant” cleavage behavior. To test these,
structure based, predicted xyloglucan cleavage behaviors of MtLPMO9F and MtLPMO9H,
first, an extensive substrate screening was performed (Table 2), with the two,
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homologously produced, and purified, MtLPMOs (Fig. S2). In an attempt to increase
the yield of oxidized products, a previously reported MtLPMO-boosting enzyme
MtAA16A (45) (Chapter 8) was added to the corresponding cellulose and xyloglucan
incubation. Although MtLPMO9H and MtLPMO9F still contained a trace of cellulase
impurity (Fig. S3), while this was absent for the MtAA16 used (Fig. S3), LPMOgenerated oxidized cello-oligosaccharides dominated (Fig. S3).
Overall, in the presence of Asc, MtLPMO9H and MtLPMO9F showed detectable oxidative
cleavage of all four celluloses (Table 2). The oxidative cleavage of cellulose by two
MtLPMOs was indeed boosted by MtAA16A (Fig. S3). Based on the previously published,
well-characterized LPMO-RAC profiles (19, 26, 31), MtLPMO9F released predominantly
C4-oxidized cello-oligosaccharides in addition to (lesser) C1-oxidized ones from RAC
(Fig. S3). Note that after NaBD4 reduction and HILIC-ESI-CID-MS/MS2 analysis, it was
confirmed that MtLPMO9F also generated a series of (reduced) C4/C6-double oxidized
cello-oligosaccharides (RD-C4C6ox) (Fig. S4) as has been shown for other AA9 LPMOs
(Chapter 4). These MS2 fragmentation patterns (DP4 as example) are shown in Fig.
S5. C1oxGn were barely detected in the (MtAA16A-)MtLPMO9F-RAC digest.
In addition to cellulosic substrates, MtLPMO9F also showed oxidative cleavage towards
xyloglucan, mixed β-(1→3, 1→4)-linked β-glucan, glucomannan, cellopentaose and
cellohexaose. Interestingly, the substrate specificity of MtLPMO9F is comparable to
that of NcLPMO9C (18, 46) and MtLPMO9E (25, 33), all having a similar active site
configuration (–Seg1+Seg2). MtLPMO9H, on the other hand, only showed cleavage
towards xyloglucan next to oxidative cleavage of cellulosic substrates.
Next, we studied the xyloglucan cleavage by MtLPMO9H and MtLPMO9F in detail. As
predicted, oxidative cleavage of xyloglucan, and distinct product profiles were
observed (Fig. S6). Both enzymes were free of xyloglucanase impurity (Fig. S6).
Remarkably, in contrast to the boosting effect mentioned above for cellulose, MtAA16A
did not boost oxidative cleavage of xyloglucan by MtLPMO9H and MtLPMO9F (Fig. S6).
The non-boosting effect might be explained by early LPMO inactivation when
xyloglucan was used as the substrate, which is reflected by the incomplete conversion
of TXG by these two LPMOs. Interestingly, early inactivation towards xyloglucan has
not been observed for NcLPMO9C and NcLPMO9M, both having comparable active site
segment configurations as MtLPMO9H and MtLPMO9F (25).
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Table 2. Carbohydrate substrate specificity screening of MtLPMO9F and MtLPMO9H.
Occurrence of oxidative cleavage (+) or not (-) (in the presence of 1 mM Asc)
Substrate

MtLPMO9F

MtLPMO9H

+
+

+
+

Cellulose
RAC
BC
AVI

+

+

+

+

Xyloglucan (tamarind)
Mixed β-(1→3, 1→4)-linked glucan (barley)

+
+

+
-

Mixed β-(1→3, 1→4)-linked glucan (oat spelt)
Xylan (oat spelt)

+
-

-

Xylan (birchwood)

-

-

Arabinoxylan (wheat)
Mannan (acacia)

-

-

Galactan (potato)
Glucomannan (konjac)

+

-

Arabinan (sugar beet)

-

-

-

-

+a
+b

+a
+b

CMC
Hemicellulose

Laminarin (Laminaria digitata)
RAC/Hemicellulose combination
RAC + Xyloglucan (tamarind)
RAC + Xylan (birchwood)
Oligosaccharides
Cellopentaose

+

-

Cellohexaose

+

-

Xylo-oligosaccharides (DP2‒6)

-

-

-

-

7

Others
Chitin (shrimp shells)
Starch (maize)
aOxidative cleavage towards both RAC and xyloglucan
bOxidative cleavage only towards RAC

3.2. Xyloglucan cleavage profiles of MtLPMO9H and MtLPMO9F
correlate to their active site segment configuration
To further map detailed xyloglucan product profiles generated by MtLPMO9H and
MtLPMO9F, the corresponding digests were reduced by using NaBD4 and subjected to
HPAEC (Fig. 1) and HILIC-ESI-CID-MS/MS2 (Fig. 2). In HPAEC chromatograms of the
reduced TXG digests, again different TXG oligosaccharide profiles were observed for
MtLPMO9H (Fig. 1b), and MtLPMO9F (Fig. 1c), respectively.
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Fig. 1. HPAEC chromatograms of MtLPMO9H- and MtLPMO9F-TXG digests after NaBD4-reduction.
(a) Reduced TXG oligosaccharide standard mixture (RD-XXXG, RD-XLXG, RD-XXLG and RD-XLLG);
(b) MtLPMO9H-TXG digest in the presence of Asc and (c) MtLPMO9F-TXG digest in the presence
of Asc.

Similar to the HPAEC data, the HILIC-ESI-MS base-peak chromatograms of the two
digests were different (Fig. 2). The reduction significantly improved the separation,
especially of C4-oxidized TXG oligosaccharides in HILIC, compared to the previously
reported non-reduced ones (25). Nevertheless, a drawback of reduction of C4-oxidized
oligosaccharides (RD-C4ox) is that both glucosyl and galactosyl non-reducing ends are
formed (31), depending whether the hydroxyl group adds in axial or equatorial position
to the C4 of the non-reducing end. Unfortunately, these reduced “corresponding”
couples (e.g., reduced C4-oxidized TXG-products) were not well separated in HILIC,
and comprise the same m/z. Therefore, in the further characterization, glucosyl or
galactosyl non-reducing ends were not further distinguished. On the basis of m/z
values and corresponding MS2 fragmentation patterns, multiple (reduced) C4-oxidized
TXG oligosaccharides were identified. In particular, for the MtLPMO9H-TXG digest,
originally C4-oxidized TXG oligomers having the C4-oxidation at their (non-reducing)
X unit (e.g., RD-C4ox-XG (m/z 477.3), RD-C4ox-XX (m/z 609.3), RD-C4ox-XXL (m/z
1065.5; Fig. 3a)), and at their (non-reducing) L unit (e.g., RD-C4ox-LGX (m/z 933.4;
Fig. 3b)) were identified. All these products are evident for TXG “substitution-tolerant”
cleavage, and these products were absent in the (reduced) MtLPMO9F-TXG digest.
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Fig. 2. HILIC-ESI-MS base-peak chromatograms. (a) Reduced TXG oligosaccharide standard
mixture, (b) MtLPMO9H-TXG digest in the presence of Asc and (c) MtLPMO9F-TXG digest in the
presence of Asc.

To briefly explain the structural identification shown in Fig. 3a, for RD-C4ox-XXL (m/z
1065, [M–H]–), predominantly Y- and Z-type fragments were found, including Y2 (m/z
770), Z2 (m/z 752), Y1 (m/z 476) and Z1 (m/z 458). These fragments, especially Y2
and Z2, indicated a loss of a reduced C4-oxidized X unit. The m/z difference of 294,
from Y2 to Y1 and Z2 to Z1, indicated an internal X unit, situated directly next to the
(reduced) C4-oxidized X unit. The reduced C4-oxidized X unit was further confirmed
by the fragments from cross-ring cleavage including 2,4A3 (m/z 354), 0,2A3 (–H2O) (m/z
546 and 528) and 2,4A4 (m/z 648). The m/z difference of 162 and 294 compared Y1α
(m/z 903) and Y2α (m/z 771) to the parent m/z (1065.5), respectively, and confirmed
the final structure of RD-C4ox-XXL, but not the isomeric RD-C4ox-XXXG. In addition,
Y1α (m/z 903) and Y2α (m/z 771) ions were diagnostic fragments represented the loss
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of non-deuterium-added hexaosyl (H1P0) and hexaosyl+pentaosyl (H1P1) units,
respectively, which cannot be generated from the RD-C4ox-XXXG structure, and thus
again confirmed the RD-C4ox-XXL structure.

Fig. 3. Negative ion mode
CID-MS2
fragmentation
patterns of reduced C4oxidized TXG oligosaccharide.
(a) RD-C4ox-XXL (m/z 1065.6)
and (b) RD-C4ox-LGX (m/z
933.4). Only the structures
with glucosyl non-reducing
end were used to demonstrate
their structural elucidation.
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For RD-C4ox-LGX (m/z 933.4, [M–H]–), having a reduced C4-oxidized L unit,
identification was similar as described above (Fig. 3b). Fragmentation of RD-C4oxLGX MS2 showed as main fragments Y2 (m/z 476), Z2 (m/z 458), 0,2A3 (−H2O) (m/z
414 and 396) and 2,4A4 (m/z 516). However, these four fragments can also represent
the (reduced) C4-oxidized “GX” or “XG” in addition to the “L” unit (all three are H2P1).
The L unit was determined to be at the non-reducing end side based on: i) Y4 (m/z
771), Z4 (m/z 753) and 0,4A3 (m/z 353) ions represented the loss of non-deuteriumadded hexaosyl units (H1P0, m/z loss of 162 or 180). This m/z loss confirms the
presence of a galactosyl unit but not a glucosyl unit, as terminal glucosyl units either
have one deuterium in the non-reducing end (m/z loss of 163 or 181) or in the reducing
end of an alditol form (m/z loss of 165 or 183). ii) Y1 (m/z 314) and Z1 (m/z 296)
fragments suggested that an X unit was present in the alditol form of a reducing end
side, and thus the galactosyl unit can only be present in the middle or non-reducing
end. iii) Taken into account the parental m/z value (representing the H4P2 structure)
and the TXG structure (“XXXG-type” building blocks), the L unit can only be present in
the non-reducing end.
Other non-“XXXG-type” TXG oligosaccharides (DP>9; m/z>1389.7) eluted after 45
min (Fig. 3) in the MtLPMO9H-TXG digest again indicate a “substitution-tolerant”
cleavage, which were absent in the MtLPMO9F-TXG digest. Due to the complexity, their
exact structures will not be elucidated further.
In the reduced MtLPMO9F-TXG digest, several originally C4-oxidized “GXXX-type”
building blocks were identified, for example RD-C4ox-GXXX and RD-C4ox-GXXL (Fig.
2). In the MS2 spectrum of RD-C4ox-GXXX (m/z 1065.5, [M–H]–, Fig. 4a), Y3 (m/z
902) and Z3 (m/z 884) fragments indicated the loss of the reduced C4-oxidized G unit
from the non-reducing end. The absence of an ion with m/z of 903 (difference of 162
compared to the parent m/z) suggested the absence of a galactosyl unit, as described
above. In addition, other fragments from either β-(1→4)-glycosydic bond cleavage (Y1,
m/z 314; B2, m/z 456; C2, m/z 474; Z2, m/z 590 and Y2, m/z 608) or cross-ring
cleavage (2,4A3, m/z 516; 0,3A3, m/z 678 and 0,2A3−H2O, m/z 690) further confirmed
the structure of RD-C4ox-GXXX. RD-C4ox-GXXL (m/z 1227.6, [M–H]–, Fig. 4b) was
identified in a similar way as described for RD-C4ox-GXXX. The diagnostic fragments
Y1α (m/z 1065) and Y3 (m/z 1064) represented the loss of a reduced C4-oxidized G
unit from the non-reducing end and a galactosyl unit, respectively. Other fragments
from either β-(1→4)-glycosydic bond cleavage (B2, m/z 456; Z1, m/z 458; Y1, m/z 476;
Z2, m/z 752 and Y2, m/z 770) or cross-ring cleavage (2,4A3, m/z 516 and 0,2A3−H2O,
m/z 690) further reflected the structure of RD-C4ox-GXXL. These identified “GXXXtype” C4-oxidized TXG oligosaccharides, together with the absence of non-“XXXG-type”
ones, suggested a “substitution-intolerant” cleavage of TXG by MtLPMO9F. Notably,
the GXXX-type” C4-oxidized TXG oligosaccharides were also present in the MtLPMO9HTXG digest (Fig. 2), which may indicate that MtLPMO9H preferably cleaved at the
“non-reducing end” site of G unit, though cleavage next to a substituted glucosyl unit
was also identified to occur. This preference of MtLPMO9H differs from the previously
characterized NcLPMO9M, which has been shown to preferentially cleave next to
substituted glucosyl units (25). It is speculated that this preference difference is
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caused by the presence of a carbohydrate binding module 1 (CBM1) in MtLPMO9H, but
not in NcLPMO9M. CBM1 could influence the binding of the LPMO catalytic domain to
the xyloglucan polymer, and thus (partially) alter the cleavage preference of
MtLPMO9H.
Fig. 4. Negative ion mode CIDMS2 fragmentation patterns of
reduced
C4-oxidized
TXG
oligosaccharide. (a) RD-C4oxGXXX (m/z 1065.5) and (b) RDC4ox-GXXL (m/z 1227.6). Only
the structures with glucosyl
non-reducing end were used to
demonstrate their structural
elucidation.
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3.3. MtLPMO9H and MtLPMO9F generates C4/C6-double oxidized
xylogluco-oligosaccharides

7

Fig. 5. (Negative ion mode) HILIC-ESI-MS and CID-MS2 spectra of multiple (reduced) C4/C6double oxidized TXG oligosaccharides. (a) MS spectra of m/z 1081.5 (elution time 30.41‒30.64
min), m/z 1243.5 (elution time 36.33‒36.64 min) and m/z 1405.6 (elution time 40.19‒40.50 min),
from top to bottom. (b) Negative ion mode CID-MS2 fragmentation patterns of reduced C4/C6double oxidized TXG oligosaccharide RD-C4C6ox-GXXX (m/z 1081.5). Fragments in grey color are
tentatively proposed to be from other isomeric structures. (c) MS spectrum of m/z 787.3 (elution
time 20.78‒21.07 min). (d) Negative ion mode CID-MS2 fragmentation patterns of reduced C4/C6double oxidized TXG oligosaccharide RD-C4C6ox-XGX (m/z 787.3).
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In addition to (reduced) C4-oxidized TXG oligosaccharides, (reduced) C4/C6-double
oxidized TXG oligosaccharides were identified. Fig. 5a shows the full MS spectra of
RD-C4C6ox-GXXX (m/z 1081.5, [M–H]–), RD-C4C6ox-GX(XL) (m/z 1243.5, [M–H]–)
and RD-C4C6ox-GXLL (m/z 1405.6, [M–H]–) detected in the MtLPMO9F-TXG digest
(also present in the MtLPMO9H-TXG digest, but to a lesser extent (not shown)). The
RD-C4C6ox-GXXX MS2 spectrum (m/z 1081.5, [M–H]–, Fig. 5b) is used as an example
to demonstrate our structural elucidation. First, the reduced C4/C6-double oxidized
unsubstituted glucosyl unit at the non-reducing end was identified by the m/z
difference of 179 and 197, from Y3 (m/z 902) and Z3 (m/z 884) compared to the parent
m/z (1081.5), respectively. The novel S-type ion (S4, m/z 1033), that indicates the
loss of a C6-gem-diol structure in reduced C4/C6 double oxidized cellooligosaccharides (19), was also found here. Other fragments, including Y1 (m/z 314),
1,5
A2 (m/z 433), 2,4X2‒H2O (m/z 527), Z2 (m/z 590) and Y2 (m/z 608), indicated the
loss of a reduced unsubstituted glucosyl unit originally having a C4-ketone and C6gem-diol structures at the non-reducing end, further confirmed the structure of RDC4C6ox-GXXX. Our previous study demonstrated that the C6-gem-diol structure, in
the C4/C6-double oxidized cello-oligosaccharides, is formed via the oxygenation
reaction (route I) of LPMOs, though the oxidation to C6-aldehyde followed by hydration
to C6-gem-diol could not be excluded (route II) (19). Notably, in the RD-C4C6ox-GXXX
MS2 spectrum, several less abundant fragments (m/z 353, 458 and 752) were detected,
which were, possibly, from the isomeric structure RD-C4C6ox-X(H3P2) (m/z 1081.5,
[M–H]–). As in these structures the C6-carbon atom is substituted with a xylosyl unit
(at the non-reducing end G), C6-oxidation can here only occur via the oxygenation
reaction (route I), and direct oxidation to a C6-aldehyde would not be possible (route
II). In line with its substitution-tolerant cleavage behavior, MtLPMO9H generated a
different C4/C6-double oxidized XGX unit (RD-C4C6ox-XGX, m/z 787.3, [M–H]–, Fig.
5c), which provides further evidence for route I. Based on the MS and MS2 spectra
(Fig. 5d), insertion of a hydroxyl group on the substituted C6 atom was found in RDC4C6ox-XGX. Therefore, we conclude that C6-oxidation of xyloglucan by AA9 LPMOs
follows route I (oxygenation), and does not occur via route II (direct oxidation).

4. Conclusions
In this study, we characterized two AA9 MtLPMOs, having different active site
segments, for their regioselectivity and xyloglucan cleavage profiles. We found that
MtLPMO9F and MtLPMO9H both oxidatively cleaved cellulose and xyloglucan, while
MtLPMO9F even displayed a broader substrate specificity. Using NaBD4-reduction
followed by HILIC-ESI-CID-MS/MS2 analysis, we showed that MtLPMO9F released
majorly C4-oxidized cello-oligosaccharides and C4/C6-double oxidized ones. In
addition, C4/C6-double oxidized xylogluco-oligosaccharides were detected and formed
via an oxygenation reaction. We further revealed that MtLPMO9H (+Seg1–Seg2)
displayed xyloglucan “substitution-tolerant” cleavages, while MtLPMO9F (–Seg1+Seg2)
displayed xyloglucan “substitution-intolerant” cleavages. These findings support the
hypothesis that the configuration of active site segments in AA9 LPMOs correlate to
their xyloglucan cleavage profiles.
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6. Supplementary information
6.1. Supplementary data

Fig. S1. SDS-PAGE analysis of (b) MtLPMO9H- and (c) MtLPMO9F-containing fractions after
purification. The bands of MtLPMO9H and MtLPMO9F are indicated by arrows. In lanes a, the known
molecular masses (kDa) of marker proteins are shown.
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Fig. S2. Structure-based amino acid sequence alignment of catalytic domains of NcLPMO9M,
FgLPMO9A, MtLPMO9H, NcLPMO9C, MtLPMO9E and MtLPMO9F.
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Fig. S3. HPAEC chromatograms of generated oligosaccharides from RAC incubations with
MtLPMO9H and MtLPMO9F with and without MtAA16A. In the presence of Asc, incubation of RAC
with MtLPMO9H with and without MtAA16A (d and e) resulted in the release of both C1- (C1oxGn)
and C4-oxidized oligosaccharides (C4oxGn), while MtLPMO9F with and without MtAA16A (a and b)
resulted in the generation of mainly C4oxGn. Cello-oligosaccharides standard mixture (k) is also
shown. Control reactions were only RAC (j), RAC with Asc (i), RAC with MtAA16A in the presence
(g) and absence (h) of Asc, MtLPMO9H incubated with RAC in the absence of Asc (f) and MtLPMO9F
incubated with RAC in the absence of Asc (c). MtAA16A has been shown to boost AA9 MtLPMOs
(Chapter 8), which is also observed for MtLPMO9F and MtLPMO9H here.
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Fig. S4. HILIC-ESI-MS base-peak chromatograms of reduced (a) cello-oligosaccharide standard
mixture (RD-G2‒6), (b) MtAA16A-MtLPMO9H-RAC digest in the presence of Asc and (c) MtAA16AMtLPMO9F-RAC digest in the presence of Asc. RD-Gn: reduced non-oxidized cello-oligosaccharides;
RD-GLCC4oxGn: reduced C4-oxidized cello-oligosaccharides including the glucosyl end; RDGALC4oxGn: reduced C4-oxidized cello-oligosaccharides including the galactosyl end; RDC4C6oxGn: reduced C4/C6-double oxidized cello-oligosaccharides.
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Fig. S5. Negative ion mode CID-MS2 fragmentation patterns of DP4 of (a) reduced non oxidized
cello-oligosaccharide (RD-G4, m/z 668.3), (b) reduced C4-oxidized cello-oligosaccharide with
glucosyl residue (with one additional deuterium ion) at the non-reducing end side (RD-GLCC4oxG4,
m/z 669.3), (c) reduced C4-oxidized cello-oligosaccharide with galactosyl residue (with one
additional deuterium ion) at the non-reducing end side (RD-GALC4oxG4, m/z 669.3) and (d)
reduced C4/C6-double-oxidized cello-oligosaccharide (RD-C4C6oxG4, m/z 685.3) in the MtAA16AMtLPMO9F-RAC digest.
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Fig. S6. HPAEC chromatograms of generated oligosaccharides from TXG incubations with
MtLPMO9H and MtLPMO9F with and without MtAA16A. In the presence of Asc, incubation of TXG
with MtLPMO9H (with and without MtAA16A (d and e)) and MtLPMO9F (with and without MtAA16A
(a and b) resulted in the release of series of (oxidized) TXG oligosaccharides. TXG oligosaccharide
standard (k) is also shown (1=XXXG, 2=XLXG, 3=XXLG and 4=XLLG). Control reactions were only
TXG (j), TXG with Asc (i), TXG with MtAA16A in the presence (g) and absence (h) of Asc,
MtLPMO9H incubated with TXG in the absence of Asc (f) and MtLPMO9F incubated with TXG in the
absence of Asc (c).
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Abstract
Copper-dependent oxidoreductases, classified into Auxiliary Activities (AA) families in
the Carbohydrate-Active enZymes (CAZy) database, have been shown to play
important roles in the enzymatic conversion of lignocellulosic plant biomass. The AA16
family was discovered in 2019 and the only member characterized so far is reported
to be an C1-oxidizing lytic polysaccharide monooxygenase (LPMO) active on cellulose.
In this work, we found that another AA16 member from Myceliophthora thermophila
C1 (MtAA16A) did not display any oxidative cleavage of carbohydrate substrates.
Interestingly, MtAA16A largely boosted the degradation of cellulose by four AA9
MtLPMOs. The same boosting effect was observed for AA16A from Aspergillus nidulans
(AnAA16A). On the contrary, cellulose degradation by three AA9 LPMOs from
Neurospora crassa (NcLPMOs) was not boosted by MtAA16A and AnAA16A. The
boosting effect was found to relate to the production of H2O2 by AA16. It is proposed
that H2O2 delivery to the AA9 MtLPMOs is facilitated by protein-protein interaction and
that this interaction is absent between AA16s and AA9 NcLPMOs. Our findings provide
new insights into the biological functions of copper-dependent enzymes and contribute
to a further understanding of synergism within fungal enzymatic systems in degrading
lignocellulose.

Keywords
Biomass; Lignocellulose; Biorefinery; Cellulose; Copper-dependent oxidoreductase;
AA16; AA9 LPMO; Hydrogen peroxide
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1. Introduction
Transition from a fossil-based society to a more sustainable one drives full valorization
of lignocellulose-rich agricultural and forestry side-streams for the production of
biofuels, biomaterials and biochemicals (1-3). Hereto, enzymatic driven degradation
of lignocellulose (e.g., cellulose and hemicellulose) to their fermentable
monosaccharides is an essential step (4-8). Enzymatic (hemi-)cellulose degradation
includes the synergistic action of a wide range of (hemi-)cellulases and essential lytic
polysaccharide monooxygenases (LPMOs) (9-11). LPMOs are currently classified as
"Auxiliary Activities" (AA) families 9–11 and 13‒17 in the Carbohydrate-Active
enZymes (CAZy) database (http://www.cazy.org. (12)) (13, 14). The fungal AA9
family is currently the largest LPMO family. AA9 LPMOs have been characterized to
oxidatively cleave cellulose, and to a certain extent hemicelluloses (15, 16). The AA16
family is a more recently proposed LPMO family with one characterized member from
Aspergillus aculeatus (AaAA16) (17). AaAA16 has been indicated as C1-cellulose active
LPMO (17), though its activity is much lower than that of C1-cellulose active LPMOs,
such as MtLPMO9B (18) and NcLPMO9F (19). Hence, this study aims to get insight in
the catalytic properties of other AA16 members.
AA16 members share common features with other LPMOs, for instance a copperdependent active site coordinated by two histidines and a tyrosine (sometimes a
phenylalanine in AA10) residue (16, 20, 21). This coordination is recognized as a
"histidine brace", which is conserved in all LPMOs (21-24). Although the catalytic
mechanism of LPMOs is not completely elucidated, it is well accepted that the catalytic
cycle starts with a so-called "priming reduction" of Cu(II) to Cu(I) by external electron
donors (15, 25). The external electron donor can be a chemical reductant, such as
ascorbic acid (Asc) or pyrogallol (Pyg), or an enzyme, for example cellobiose
dehydrogenase (CDH) (26-28). After this priming reduction, the catalytic reaction can
follow two routes depending on the co-substrate, O2 or H2O2 (25). The mechanistic
details of these routes are still under debate as extensively reviewed elsewhere (15,
16, 20, 21, 23, 25, 29-31). In brief, in the O2-dependent route, molecular oxygen
binds to Cu(I) to form a series of copper-superoxide and hydroperoxide intermediates
after receiving two electrons and two protons (30, 32). The highly reactive
hydroperoxide intermediate hydroxylates the C1- and/or C4-carbon position of a
carbohydrate substrate and generates Cu(I) for the next catalytic cycle (Fig. 1, route
1). Other studies suggested that two protons and only one electron are required and
that Cu(II) is formed after one catalytic cycle (13, 21, 33-35). In the absence of a
carbohydrate substrate, superoxide (or hydroperoxide) is released, resulting in the
production of H2O2 and regeneration of the Cu(II) state (Fig. 1, route 2) (25, 32).
The H2O2-dependent route (Fig. 1, route 3) proposed by recent studies suggests a
peroxygenase reaction rather than a monooxygenase reaction (25). After the priming
reduction, H2O2 binds to Cu(I) to form a Cu(I)···H2O2 intermediate, which serves as
hydroxyl donor to hydroxylate the carbohydrate substrate, similarly as suggested for
route 1 (Fig. 1) (25). The glycosidic bond next to the hydroxylated C-atom in the
carbohydrate substrate is destabilized due to the additional oxygen atom, resulting in
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a subsequent elimination reaction and, eventually, bond cleavage. (16, 26, 34). The
products are oxidized and non-oxidized carbohydrates. In both O2 and H2O2 dependent
routes, the formation of the Cu(I)···H2O2 intermediate is key, suggesting that H2O2
plays a critical role in the LPMO reaction. Even, H2O2 has been suggested to be the
preferred co-substrate over O2, as turnover numbers obtained with H2O2 are in certain
cases more than one order of magnitude higher compared to these obtained with O2
(25, 35, 36). On the other hand, H2O2 induces oxidative damage of the copper-active
site resulting in self-inactivation. Hence, the role of H2O2 is a balance between
activation and deactivation, and at a delicate equilibrium, in such LPMO reactions (25,
31, 35-37).

Fig. 1. Proposed catalytic mechanisms for LPMO reactions using O2 ((1) and (2)) or H2O2 (3). In
both O2 and H2O2 dependent routes, C1- and/or C4-carbon position of carbohydrate (R-H)
substrate is hydroxylated (R-OH) and a Cu(I) is generated for the next catalytic circle. Adapted
from Wang et al. (30).

In this study, we investigated the catalytic behavior of an AA16 protein, homologously
expressed and produced from Myceliophthora thermophila C1 (MtAA16A). MtAA16A
did not oxidatively cleave any carbohydrate substrates, but largely boosted AA9
MtLPMOs in degrading cellulose. The same boosting effect was observed for a similar
AA16 enzyme from Aspergillus nidulans (AnAA16A). We suggest that AA16 proteins
are not true LPMOs, but oxidoreductases assisting LPMOs in degrading lignocellulose.
We have investigated the underlying mechanisms for our observations, which relate
to H2O2 production and further H2O2 delivery via protein-protein interaction is
hypothesized.

2. Materials and methods
2.1. Materials
Syringol, pyrogallol and ammonium acetate were purchased from Sigma-Aldrich (St.
Louis, MO, USA). Cellobiose, cellotriose, cellotetraose, cellopentaose and cellohexaose
were purchased from Megazyme (Bray, Ireland). Regenerated amorphous cellulose
(RAC) was prepared from Avicel® PH-101 (Sigma-Aldrich) as described previously
(38). Ascorbic acid (Asc) and sorbitol were purchased from VWR International (Radnor,
PA, USA). Other aromatic compounds used were purchased from Sigma-Aldrich or VWR
International. Other carbohydrate substrates used were purchased from Sigma-Aldrich
or Megazymes. All water used was produced by a Milli-Q system (Millipore, Molsheim,
France), unless mentioned otherwise.
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2.2. Expression, production and purification of MtAA16A
The gene encoding MtAA16A (MYCTH_2306267, UniProt ID: G2QH80) was
homologously expressed in a low protease/low (hemi-) cellulose producing
Myceliophthora thermophila C1 strain as described elsewhere (39, 40).
MtAA16A was purified by three subsequent chromatographic steps. Crude MtAA16Arich fermentation broth was filtrated and dialyzed against 10 mM potassium phosphate
buffer pH 7.6 before chromatographic purification. The dialyzed MtAA16A was purified
by anion exchange chromatography (AEC) followed by size exclusion chromatography
(SEC). Purification settings and elution programs of AEC and SEC have been described
previously (41). The SEC-purified MtAA16A-containing fractions were further purified
by cation exchange chromatography (42) on an ÄKTA-Micro preparative
chromatography system (GE Healthcare). MtAA16A-containing fractions were loaded
on a Resource Q column (30 × 16 mm internal diameter, GE Healthcare) preequilibrated with 10 mM sodium acetate buffer pH 3.8 (eluent A). The unbound fraction
was firstly removed (one column volume). Eluent B was 10 mM sodium acetate buffer
(pH 3.8) containing 500 mM NaCl (eluent B). Elution (flow rate of 1 mL/min) was
performed as follows: from 0% to 30% B in two column volumes; 30% B for one
column volume; next 30% to 100% B over two column volumes and finally 100% B
for four column volumes. All fractions were collected and immediately stored on ice.
Peak fractions (based on UV 280 nm) were adjusted to an approximate concentration
of 2 mg/mL determined by BCA assay and analyzed by SDS-PAGE, as described
previously (41), to determine the MtAA16A fractions. CEC-purified MtAA16Acontaining fractions were combined and used as final enzyme stock solution. All CECpurified MtAA16A fractions were aliquoted into 500 µL size and stored at -80 °C.

2.3. Cu(II) saturation of MtAA16A
Cu(II) saturation of MtAA16A was performed according to Loose et al. (43) with
modifications. A pure MtAA16A stock solution (1 mg/mL, 500 µL) was incubated with
a three-fold molar excess of Cu(II)SO4 in 50 mM ammonium acetate pH 5.0 for 30 min
at 25 °C under shaking at 600 rpm (Eppendorf ThermoMixer® C, Eppendorf, Hamburg,
Germany). Excess Cu(II) was removed by a five-cycle washing-out procedure. For
each washing step, 500 µL Cu(II)-saturated MtAA16A was concentrated below 50 µL
using Amicon® Ultra-0.5 centrifugal filters (Sigma-Aldrich, St. Louis, Missouri, USA),
and subsequently brought back to 500 µL by adding 50 mM ammonium acetate pH
5.0. The final concentration of excess Cu(II) was calculated lower than 0.7 pM. In this
study, MtAA16A represents the Cu(II) saturated form, unless mentioned otherwise.

2.4. Incubation of AA9 LPMOs with AA16 enzymes on RAC
General incubation settings were 50 mM ammonium acetate (pH 5.0) buffer, 2 mg/mL
RAC and 1 µM AA9 LPMO and/or 1 µM AA16 enzyme (MtAA16A and AnAA16A;
expression, production and purification of AnAA16A is described in Supplementary
information). The incubation has been performed in four ways:
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i) Incubations (reaction volume of 300 µL each) containing 1 µM MtLPMO9B with and
without 1 µM MtAA16A or AnAA16A were done in the presence of 1 mM Pyg at 30 °C
for 16 h;
ii) To monitor the generation of H2O2 and the oxidized cello-oligosaccharides over time,
incubations (reaction volume of 1200 µL each) containing 1 µM MtLPMO9B with and
without 1 µM MtAA16A or AnAA16A were performed in the presence of 1 mM Pyg and
300 µL of sample was taken out at 2, 4 and 6 h;
iii) Incubations (reaction volume of 600 µL each) were initiated by adding 12 µL
aliquots of different H2O2 stock solutions (0, 500, 1250, 2500, 5000 and 10000 µM) to
reach H2O2 concentrations of 0, 10, 25, 50, 100 and 200 µM, in the presence of 1 mM
Asc and 1 µM MtLPMO9B or NcLPMO9M. Every 1 h, 12 µL of the different H2O2 stock
solutions were added to the incubations (6 additions in total in the first 5 h). Two more
samples containing 1 µM MtLPMO9B and 1 µM MtAA16A or AnAA16A were included in
the presence of 1 mM Asc. The final reaction volume in these two incubations was
adjusted (by adding water) to give the same enzyme concentrations as in incubations
with H2O2 addition. At 6 h, 300 µL of sample was taken out from each incubation and
the rest of incubation was till 16 h.
iv) Incubations (reaction volume of 300 µL each) were performed with 1 µM MtLPMO9E,
MtLPMO9I, MtLPMO9H, NcLPMO9C, NcLPMO9M or NcLPMO9F with and without 1 µM
MtAA16A or AnAA16A in the presence of 1 mM or 50 µM Asc at 30 °C for 16 h.
All supernatants from the above incubations were collected and stored at -20 °C for
further analysis. All incubations were performed in duplicate.

2.5. Determination of H2O2 by the ferric-xylenol orange assay
H2O2 level in the supernatants after 2, 4 and 6 h incubation of MtLPMO9B with/without
MtAA16A and AnAA16A on RAC in the presences of Pyg was freshly determined by
using the purchased Peroxide Assay Kit (Catalog Number: MAK311, Sigma-Aldrich).
The assay was performed by following the protocol provided by the manufacture.
Firstly, H2O2 standards (0, 3, 6, 9, 12, 18, 24 and 30 µM) and detection reagent (mixing
1 volume of Reagent A with 100 volumes of Reagent B) were freshly prepared.
Afterwards, 40 µL of undiluted supernatants from the incubations and H2O2 standards
was added into separate wells of a 96-well plate. Subsequently, 200 µL of detection
reagent was added into wells and the reaction was incubated for 30 min at room
temperature. The absorbance of each sample at 585 nm was determined in a
spectrophotometer. The H2O2 levels in samples were calculated based on a calibration
curve generated by H2O2 standards. All measurements were performed in duplicates.

2.6. HPAEC-PAD analysis for oligosaccharide profiling
All supernatants from the incubations of AA9 LPMO (in the presence and absence of
AA16s) with RAC were analyzed by high performance anion exchange chromatography
(HPAEC). The analysis was performed on an ICS-5000 system (Dionex, Sunnyvale,
CA, USA) equipped with a CarboPac PA-1 column (2 mm ID × 250 mm; Dionex) in
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combination with a CarboPac PA guard column (2 mm ID × 50 mm; Dionex). The
system was further equipped with pulsed amperometric detection (PAD). Two mobile
phases were (A) 0.1 M NaOH and (B) 1 M NaOAc in 0.1 M NaOH. The column
temperature was set at 20 °C. The elution profile applied has previously been described
(41, 44). Samples were diluted five times before analysis.

3. Results and discussion
3.1. MtAA16A: molecular mass, N-glycosylation and methylation
of N-terminal histidine
MtAA16A was homologously produced by M. thermophila C1 and purified from the
culture broth supernatant by three chromatographic techniques. The final MtAA16A
preparation showed a major band (>90%, based on the band intensity) at 27 kDa in
sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE, Fig. S1). Since
the predicted molecular mass of MtAA16A based on the amino acid sequence without
signal peptide (Fig. S2) is 18.4 kDa, glycosylation of MtAA16A was expected, as
observed with other homologously produced MtLPMOs (44). Indeed, after treatment
of MtAA16A with (N-acetyl-ß-glucosaminyl)asparagine amidase (PNGase F), a major
band at 19 kDa (Fig. S1) remained, indicating that MtAA16A was N-glycosylated.
Typical for homologously expressed fungal LPMOs is the methylated N-terminal
histidine, of which the methylation is suggested to play a role in protection against
auto-oxidation of the copper histidine braced active site (22, 45, 46). Reversed phase
chromatography coupled to mass spectrometry (MS/MSn) of a tryptic digest revealed
that the N-terminal histidine of MtAA16A indeed was methylated (Met-H; Fig. S3).
Further identification of peptides in the MtAA16A tryptic digest confirmed that the
amino acid sequence of the MtAA16A protein was in accordance with the prediction
based on gene annotation.

3.2. MtAA16A does not oxidatively cleave carbohydrates, but
oxidizes syringol-like compounds
Since the AA16 family has been suggested to comprise catalytic LPMO-like enzymes,
though this suggestion was based on a rather low C1-oxidative cleavage of cellulose
observed for only one AA16 candidate (AaAA16; (17)), the catalytic LPMO-like
behavior of MtAA16A was tested (Table S1). MtAA16A did not oxidatively cleave
cellulose and none of the other carbohydrates tested, including cellopentaose,
cellohexaose, chitin, pectin, hemicelluloses and their combinations, could be
(oxidatively) degraded (Table S1). Oxidative cleavage was neither observed by
renewing Cu(II) saturation of MtAA16A, nor by varying the type of reducing agent or
adding H2O2, and also not by increasing substrate or enzyme concentrations (Table
S1). Therefore, we concluded that MtAA16A has no typical LPMO-like catalytic action
towards cellulose and other (oligo-)polysaccharides tested.
At the same time, we asked ourselves whether MtAA16A actually is an enzyme or just
a non-catalytic copper containing protein (47, 48). In 2018, Breslmayr and coworkers
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developed the so-called 2,6-DMP assay based on the LPMO-driven conversion of 2,6dimethoxyphenol (syringol) in the presence of H2O2 (49). To get further insight in its
possible catalytic behavior, MtAA16A was screened by using the 2,6-DMP assay. AA9
LPMOs of the same fungus such as MtLPMO9B (44), MtLPMO9E (41, 50), MtLPMO9I
(41) and MtLPMO9H (18, 51) served as reference and results are shown in Fig. S4.
The 2,6-DMP-assay activity of all non-Cu(II)-saturated MtLPMO9s and non-Cu(II)saturated MtAA16A ranged between 0.27‒0.56 U/g. However, Cu(II)-saturated
MtAA16A showed a much higher activity of 4.14 U/g, while Cu(II)-saturation of the
MtLPMO9s did not increase their activity in the 2,6-DMP assay (data not shown). These
results indicated that MtAA16A is a copper-dependent enzyme able to oxidize syringol
(Syr) in the presence of H2O2.
In addition to Syr, a number of aromatic compounds were tested as substrate for
(Cu(II)-saturated) MtAA16A (Table S2). As analyzed by UHPLC-MS, 10 out of 28
compounds (marked in green in Table S2) were found to act as substrate for (Cu(II)saturated) MtAA16A.

3.3. AA16 enzymes boost the MtLPMO9B oxidative cleavage of
cellulose
We noticed that amongst the MtAA16A active aromatic compounds, several of them,
such as pyrogallol (Pyg), catechol and sinapic acid, were also reported to act as
electron donors for MtLPMO9B in oxidatively cleaving cellulose (44, 52). Out of
curiosity, we mixed MtAA16A (Cu(II)-saturated) with MtLPMO9B, and with regenerated
amorphous cellulose (RAC) and Pyg. MtLPMO9B-RAC(-Pyg) digests, with and without
MtAA16A, were analyzed by HPAEC-PAD (Fig. 2). Firstly, in the controls no (oxidized)
cellulose degradation products were detected: i) the incubation of MtLPMO9B with RAC
in the absence of Pyg; ii) the MtAA16A-RAC digests, in absence or presence of Pyg
(Fig. 2a and Fig. S5). Thus, it was concluded that both Mt-enzymes were free of
hydrolytic side-activity and that, as mentioned in the text above, MtAA16A was not
active towards RAC. Surprisingly, in the MtAA16A and Pyg containing MtLPMO9B-RAC
digest (Fig. 2a), much more non-oxidized (Glc) and oxidized cello-oligosaccharides
(GlcOx) were released, than in the same digest without MtAA16A. A comparable
boosting effect was found by using another AA16 family member from Aspergillus
nidulans (AnAA16A; expression, production and purification described in
Supplementary information) (Fig. 2a and Fig. S5).
In an attempt to find out the underlying mechanism of the observed boosting effect,
we hypothesized that, in the presence of reducing agent, AA16 enzymes produce H2O2,
which efficiently acts as co-substrate for the MtLPMO9B to oxidatively degrade RAC
(Fig. 1; route 3). This hypothesis was based on two earlier findings. The first one is
that AaAA16 is reported to produce H2O2 in the presence of the reducing agent, which
is a comparable reaction to other copper-dependent LPMOs (Fig. 1, route 2) (17, 25,
32). Production of H2O2 after Cu(II) reduction can even occur in presence of cellulose,
which is not a substrate for the AA16 enzymes as was shown in this work. Secondly,
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exogenous addition of H2O2 (1‒200 μM; Fig. 1; route 3) has been shown to increase
the oxidative degradation of cellulose by AA9 LPMOs (53-55).

Fig. 2. (a) Oligosaccharide elution patterns determined by HPAEC, (b) H2O2 concentration over
time determined by ferric-xylenol orange assay and (c) total peak area of oxidized
oligosaccharides (GlcOx) over time determined by HPAEC are shown. RAC samples incubated with
only MtLPMO9B (red line), only MtAA16A (blue dotted line), only AnAA16A (green dotted line),
MtAA16A + MtLPMO9B (blue line) and AnAA16A + MtLPMO9B (green line) in the presence of Pyg.
Standards of cello-oligosaccharides (DP2‒6 (G2‒G6), 1 µg/mL each) are show in grey. Annotation
of non-oxidized (G2‒6) and C1-oxidized cello-oligosaccharides (C1oxG2‒9) is based on the
previous study (41, 44). HPAEC chromatograms of control samples are shown in Fig. S5.

We measured the concentration of H2O2 in MtLPMO9B-RAC-Pyg digests, in absence and
presence of MtAA16A or AnAA16A and/or MtLPMO9B. As shown in Fig. 2b, the amount
of H2O2 increased in the MtAA16A- and AnAA16A-containing samples, in absence of
MtLPMO9B. But in presence of MtLPMO9B, the H2O2 concentration remained low for
both AA16-containing digests (Fig. 2b), while the amount of oxidized oligosaccharides
substantially increased (Fig. 2c). These observations are in line with our hypothesis
that AA16 enzymes produce H2O2 to boost MtLPMO9B activity.

3.4. H2O2 supply is less effective than AA16 enzyme supply in
boosting catalytic action of MtLPMO9B
Next, it was studied whether exogenous H2O2 is as effective as AA16 enzyme supply
in boosting the oxidative cellulose degradation by MtLPMO9B. Hereto, H2O2 was added
in 6 equal aliquots at 6 successive time points during the incubation of MtLPMO9B with
RAC. Continuous supply of H2O2 to increase AA9 LPMO catalytic action to oxidatively
cleave cellulose has been shown effective in other studies (53-55). Furthermore,
ascorbic acid (Asc) was used as reducing agent, known to be the most optimal for AA9
LPMOs including MtLPMO9B (16, 26, 30, 34, 44). In the presence of Asc, MtLPMO9B
released oxidized products from RAC (6 h; Fig. 3a), and these products were increased
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at 16 h (Fig. 3b). H2O2 supply (0, 10, 25, 50, 100 and 200 µM) boosted the MtLPMO9B
action, seen from the increased amounts of oxidized products formed (6 h; Fig. 3a
and Fig. S6). For H2O2 supply of 50 µM and higher, after 6 h of incubation, no additional
oxidized products were formed (Fig. S6), which can be the result of a damaged active
site of the MtLPMO9B (25, 36, 37). Notably, addition of AA16 enzymes resulted in the
largest amounts of oxidized products formed from RAC by the MtLPMO9B (control
reactions are shown in Fig. S7), which was approximately 2 times higher compared to
the most optimal H2O2 concentration (50 µM, Fig. 3) supplied to the MtLPMO9B-RAC
digest.

Fig. 3. HPAEC elution patterns of RAC samples incubated with only MtLPMO9B (red line),
MtLPMO9B with the addition of 50 µM H2O2 (in total 6 times) (black line), MtLPMO9B + AnAA16A
(green line) and MtLPMO9B + MtAA16A (blue line) in the presence of Asc at 6 h (A) and 16 h (B).
HPAEC chromatograms of control samples are shown in Fig. S5 and S6. Compared to all
concentration of H2O2, highest activity was found when adding 50 µM H2O2 to MtLPMO9B-RAC
digest at both 6 and 16 h. HPAEC chromatograms of MtLPMO9B with the addition of 0, 10, 25,
100 and 200 µM H2O2 (in total 6 times) in the presence of Asc are shown in Fig. S6.

3.5. AA16 enzymes boost other MtLPMO9s, but not AA9 LPMOs
from Neurospora crassa (NcLPMO9s)
Next, we asked the question if simply the production of H2O2 is responsible for the
increased MtLPMO9B activity towards cellulose in the presence of MtAA16A. In that
case, MtAA16A should also boost other AA9 LPMOs. Hence, MtAA16A or AnAA16A was
added to three other MtLPMOs and to three NcLPMOs, and the oxidative products
formed from RAC, in the presence of Asc, were analyzed by HPAEC-PAD. As shown in
Fig. 4, MtAA16A and AnAA16A boosted RAC degradation by MtLPMO9E (a), MtLPMO9I
(b) and MtLPMO9H (c) (their expression, production and purification is described in
Supplementary Information). However, addition of MtAA16A and AnAA16A did hardly
boost the cellulose degradation by NcLPMO9C (d), NcLPMO9B (e) and NcLPMO9F (f)
(their expression, production and purification is described in Supplementary
Information). The latter observations are not in line with the above hypothesis that
AA16 enzymes produce H2O2 to boost LPMO activity. To test if exogenously added H2O2
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can boost NcLPMO activity, H2O2 (0, 10, 25, 50, 100 and 200 µM) was added in
NcLPMO9M digestions under the same experimental setting and conditions as
described in the previous section. The oxidative cleavage of RAC by NcLPMO9M was
indeed boosted by H2O2, with a maximum of up to 100 µM per addition (600 µM in
total) (Fig. S8 and S9). Furthermore, NcLPMO9C has previously been shown to benefit
from exogenous supply of H2O2 to oxidatively cleave RAC (55). It should be noted that,
in that study, exogenous supply of H2O2 to NcLPMO9C was conducted under much
lower Asc concentration (12 µM) (55) compared to the Asc used in this study (1 mM).
It might be that NcLPMO9C activity (in the presence of 1 mM Asc) cannot be boosted
by AA16 anymore as it reached its maximum. Therefore, we tested all six AA9 LPMOs
towards RAC with and without MtAA16A or AnAA16A in the presence of lower amount
of Asc (50 µM). Similar to the results using 1 mM Asc, the boosting effect was seen in
all three MtLPMO-AA16-RAC samples, but not convincingly in NcLPMO-AA16-RAC
samples (Fig. S10). Apparently, merely H2O2 production by the AA16s cannot explain
the boosting effect of MtLPMOs. Thus, we propose the challenging idea that MtAA16A
and AnAA16A interact with MtLPMO9s, but not with NcLPMO9s, and that this interaction
facilitates the transmission of H2O2 to the catalytic sites of the MtLPMO9s, instead of
diffusing into the bulk solution.

8

Fig. 4. HPAEC chromatograms of RAC samples incubated with various AA9 LPMOs ((a) MtLPMO9E;
(b) MtLPMO9I; (c) MtLPMO9H; (d) NcLPMO9C; (e) NcLPMO9M and (f) NcLPMO9F) in the presence
of 1 mM Asc after 16 h. RAC samples incubated with only LPMO, LPMO + AnAA16A and LPMO +
MtAA16A are shown in red, green and blue lines, respectively.

3.6. Hypothetical AA9 LPMO-AA16 protein interaction facilitates
the H2O2-driven boosting effect
As mentioned above, we propose that the AA16 enzymes boosting effect on AA9 LPMO
cellulose degradation is not only due to the fueling of H2O2, but also facilitated by a
hypothetical LPMO-AA16 protein interaction (Fig 5a). In the presence of O2 and
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reducing agent, AA16-Cu(II) can be reduced and, subsequently, H2O2 is produced.
Similar reduction occurs on AA9 LPMOs, however, these LPMOs will not produce
significant amounts of H2O2 when they bind to the carbohydrate substrate. Due to the
hypothesized LPMO-AA16 protein interaction, LPMO and AA16 enzyme may stay close
enough to ensure that AA16 enzyme-produced H2O2 is directly consumed by the LPMO.
In this way, the LPMO reaction follows the H2O2-dependent route as described in Fig.
5d and Fig. 1, route 3. Although O2 is present, H2O2 has been shown to be the
preferred co-substrate for LPMO (25, 35, 36). If LPMO-AA16 protein interaction is weak
or even absent, AA16 enzyme produced H2O2 has a much lower chance to reach the
LPMOs' active site, and will diffuse more easily into the bulk solution (Fig. 5b). In that
case, the LPMO follows the O2-dependent route (Fig. 5c and Fig. 1, route 1), and no
AA16 enzyme boosting effect will be observed. The AA16s studied here are supposed
to interact with MtLPMO9s, but not with NcLPMOs, and thus they can boost the cellulose
degradation by MtLPMO9s, but not by NcLPMOs.

Fig. 5. Proposed mechanism for the AA16 boosting effect on the oxidative cleavage of cellulose
by AA9 LPMOs. (a) When AA9 and AA16 protein interaction is present, AA16 produced H2O2 can
easily reach AA9 LPMO to boost the oxidative cleavage. (b) When there is no (or weak) protein
interaction between AA9 and AA16, AA16 produced H2O2 easily diffuses into bulk solution.
Therefore, no (or weak) boosting effect will be observed. Simplified (c) O2- and (d) H2O2dependent reaction mechanisms (also described in Fig. 1) of AA9 LPMOs.

In the CAZy database, three putative AA16 proteins have been identified in the genome
of M. thermophila, and zero candidates have been found in the genome of N. crassa
(12). This may hint at a natural, evolution-driven difference, and might relate to our
observation that the M. thermophila seems to need AA16, while N. crassa does not.
This idea is strengthened by results from a recent study, in which Grieco et al. reported
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that in the M. thermophila secretome one AA9 LPMO was detected together with one
AA16 member and one AA3 CDH, when grown on partially delignified sugarcane
bagasse (51). CDH is a well-known electron donating enzyme for AA9 LPMOs (19, 34,
56, 57), and AA16 may serve as a H2O2-producer in synergy with AA3 and AA9. In a
very recent study, AA7 cellooligosaccharide dehydrogenase (CelDH7) has been
described to transfer electrons for the AA9 LPMO catalytic reaction (58). In addition to
CelDHs, the AA7 family contains oligosaccharide oxidases that oxidize cello-, chito- or
xylo-oligosaccharides and produce H2O2 (59-61). Similar to AA3, AA7 family members
have also been found to be co-expressed with LPMOs during growth on different plant
biomass (62, 63). Co-expression with these classes of oxidoreductases again reflects
that AA16 enzymes are expected to play an important role in fungal lignocellulosic
biomass degradation.

4. Conclusions
In this work, we investigated a homologously produced MtAA16A from M. thermophila
C1. MtAA16A did not oxidatively cleave carbohydrate substrates directly, but
stimulated AA9 MtLPMOs in degrading cellulose through H2O2 production. A similar
boosting effect was observed for AnAA16A from A. nidulans. The addition of MtAA16A
or AnAA16A achieved a two times higher cellulose degradation yield compared to
optimally supplied (exogenous) H2O2. Our findings provide new insights in the
biological functions of copper-dependent enzymes and contribute to a further
understanding of synergism within fungal enzymatic systems in degrading
lignocellulose.
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6. Supplementary information
6.1. Supplementary materials and methods
6.1.1. Expression, production and purification of AnAA16A and AA9
LPMOs
The AnAA16A gene (AN0778.2) was amplified directly from the A. nidulans genome.
The
oligonucleotides
AnAA16fw
(5'-ACAACTAATTATTCGAAACGATGAAGCACGCTACCACCG-3')
and
AnAA16rv
(5'-CCCTGAAAATAAAGATTCTCGCCGTTACCACTTCCACCAA-3') were used to remove
the C-terminal extension region (residues 199-306) and maintain the native signal
peptide. The removal of C-terminal extension region prior to protein production has
been reported by Filiatrault‑Chastel et al. (1). The AnAA16 gene was cloned into a
modified pPICZα vector as previously described (2). This construction allows the
expression of a recombinant AnAA16A containing a cleavable C-terminal polyhistidinetag. The Pichia pastoris X-33 (Invitrogen) was transformed by electroporation using a
PmeI-linearized plasmid (pPICZT::AnAA16A) and selected on Yeast Extract–Peptone–
Dextrose-Sorbitol (YPDS)-zeocin plates. The recombinant colonies were randomly
picked, grown in BMMY medium and the gene expression confirmed by SDS-PAGE
analysis of the supernatant content. The transformant showing the highest expression
profile was grown in 40 mL of YPD medium overnight and inoculated in four Erlenmeyer
flasks containing 0.5 L buffered glycerol-complex medium (BMGY) medium at 30 °C
and 250 rpm until an OD600 of 2. The yeast cells from each flask were harvested and
transferred to 0.1 L buffered methanol-complex medium (BMMY) and incubated at 30
°C and 250 rpm for 72 hours. Two percent absolute methanol was added every 24
hours to maintain recombinant protein production. The culture supernatant was filtered
and the pH adjusted to 8.0 using the Tris-HCl buffer. The entire volume was loaded
onto a 5-mL HiTrap Chelating HP column (GE Healthcare, Uppsala, Sweden) connected
to an AKTA Start system (GE healthcare) equilibrated with 50 mM Tris-HCl pH 8.0 and
0.3 M NaCl (Buffer-A). AnAA16A was eluted using a linear gradient from 0 to 100 %
of 1 M imidazole within 10 CVs. The fractions containing the purified enzyme were
pooled and concentrated using Amicon Ultra 15 mL centrifugal filters (Merck Millipore,
USA) with a cutoff of 10 kDa cutoff. The C-terminal His-tag cleavage and removal with
Tobacco etch virus (TEV) protease was performed according to Kadowaki et al. (2).
The non-tagged AnAA16A was then saturated with copper by incubating the protein
solution with a 3-fold molar excess of Cu(II)SO4 for 10 min at room temperature
followed by a size exclusion chromatography on a pre-equilibrated HiLoad 16/60
Sephadex75 size exclusion column (GE Healthcare) in 50 mM Tris/HCl buffer pH 8.0
containing 150 mM NaCl. Protein purity was analyzed by SDS-PAGE using Coomassie
Brilliant Blue G-250 staining (Sigma, Deisenhofen, Germany) and the concentration
determined using the Bradford method using bovine serum albumin as standard.
The purification of MtLPMO9E (MYCTH_79765, UniProt ID: G2Q7A5) and MtLPMO9I
(MTCTH_2299721, UniProt ID: G2Q774) has been described previously (3). The
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production and purification of MtLPMO9H (MYCTH_46583, UniProt ID: G2Q9T3) have
been described elsewhere (64).
The expression, production and purification of NcLPMO9C (NCU02916, UniProt ID:
Q7SHI8), NcLPMO9M (NCU07898, UniProt ID: Q7SA19) and NcLPMO9F (NCU03328,
UniProt ID: Q873G1) have been described previously (5, 6).

6.1.2.

Deglycosylation of MtAA16A by PNGase F

Part of MtAA16A was incubated with PNGase F (N-Glycosidase F, Madison, Wisconsin,
United States) to remove N-glycosylation. The deglycosylation procedure was
performed using non-denaturing conditions based on the protocol provided by the
manufacture. 4 µL PNGase F was added to 36 µL 50 mM ammonium bicarbonate (pH
7.8) containing 40 µg of MtAA16A. The sample was incubated at 37 °C for 16 h under
shaking of 600 rpm (Eppendorf ThermoMixer®C, Eppendorf, Hamburg, Germany).

6.1.3. Incubation of MtAA16A with various oligo and polysaccharide
substrates
Carbohydrates (2 mg/mL each, types and sources were listed in Table S1) were
dissolved in 50 mM ammonium acetate buffer (pH 5.0) with the addition of reducing
agent (Table S1, 1 mM final concentration). Subsequently, MtAA16A was added to a
concentration of 20 or 40 mg/g substrate (Table S1). Control reactions were performed
without the addition of reducing agent. The incubation of 500 μL was performed at 30
or 50 °C (Table S1) for 24 h in an Eppendorf ThermoMixer® C at 900 rpm (in a vertical
orientation). In some reactions, 100 µM H2O2 was added in the beginning of incubation.
The incubations were stopped by immediately separating supernatants and pellets
through centrifugation 22,000 × g, 15 min at 4 °C in a table centrifuge. The
supernatants were used for further analysis or stored at -20 °C.

6.1.4. Determination of MtAA16A and MtLPMO9s activity by 2,6-DMP
assay
A spectrophotometric assay using 2,6-dimethoxyphenol as substrate (2,6-DMP assay)
was performed according to Breslmayr et al. (7). The assay was carried out in a 96-well
plate with total reaction volumes of 250 μL. Each reaction contained 100 mM potassium
phosphate buffer pH 6.0, 10 mM 2,6-DMP and 100 μM H2O2 (7). After pre-incubation
at 30 °C, MtLPMO9B, MtLPMO9E, MtLPMO9H, MtLPMO9I or MtAA16A were added to
give a final concentration of 0.405 mg/mL, 0.49 mg/mL, 0.401 mg/mL, 0.448 mg/mL
and 0.73 mg/mL, respectively. The control reaction was performed without enzymes.
After the addition of enzyme, the 96-well plate was placed in a spectrophotometer
(Infinite® F500, Tecan, Männedorf, Switzerland) and the absorbance was recorded at
480 nm for 600 s at 30 °C. The molar absorption coefficient of reaction product
coerulignone (53,200 M−1 cm−1) (and the path length of 0.7 cm) was used to calculate
the DMP assay activity.
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6.2. Supplementary data

Fig. S1. SDS-PAGE of purified MtAA16A (a) and
deglycosylated MtAA16A (b). MtAA16A bands are
marked with red arrow.

AaAA16
AnAA16A
MtAA16A
Cons

1
11
21
31
41
51
|
|
|
|
|
|
HGFVTSPQPRMPGSAMEKACGQQVYNNQEADNYGNIQGELQIASGQSDYDAEACDIWLCK
HGYISSPQPRMPGSAMAAACGQQVYNNQAADRAGNVQGELQVAASQSDYDADACHIWLCK
HAVVTVPTPRGAGPYYTQRCGETYAVYMEKDKAGPIENGVAKAG-----SELGCNPFLCR
*. :: * ** *
**:
*. * ::. : *.
. .*. :**:

AaAA16
AnAA16A
MtAA16A
Cons

61
71
81
91
101
111
|
|
|
|
|
|
GYKYADNTANVQSYKPGEVIDFTVDIRA-PHTGTANVSVVDTATNTMLSQPLIYWSVYAS
GYQFDDNTDNVQSYTAGETVDFVIDIVA-PHSGVANVSVVDTASNSVIGSALKSWDVYAS
GYQYEDNEA--VEYEPGQVIDFHVDLIAGHHPGYANVSIVDLEANKIIGDPLRSWDDYPN
**:: **
.* *:.:** :*: * * * ****:** :*.::.. * *. * .

AaAA16
AnAA16A
MtAA16A
Cons

121
131
141
151
161
171
|
|
|
|
|
|
TATGVTANETSFSVTMPTDLGDKCNEAGACVLQWWWDARSIDQTYESCVDFTLSG
TETGVTEDETNFSITIPDNLGSQCSEAGACVLQWYWYAESIDQTYESCVDFTVGG
ATATTPRSDIDFNVTIPNTLGTACSTGGKCAIQWYWYASGNKQSYESCVDFYVKA
: : . .: .*.:*:* ** *. .* *.:**:* * . .*:******* : .

Fig. S2. Multiple sequence alignment of AaAA16 (without C-terminal extension), AnAA16A (without
C-terminal extension) and MtAA16A using Clustal Omega from the EMBL-EBI (www.ebi.ac.uk).
Two histidine residues involved in copper ion coordination are marked in yellow.
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Fig. S3. LC-MS analysis of an N-terminal peptide from MtAA16A using positive mode. (a) Full MS
showed that the N-terminal peptide was double charged. (b) MS/MS2 fragmentation patterns
confirmed that N-terminal peptide from MtAA16A was methylated.
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Fig. S4. Activity of MtLPMO9s and MtAA16A
determined by using 2,6-DMP assay. For
MtAA16A, an MtAA16A fraction directly
after purification (MtAA16A_noCu (II)) and
a copper-saturated faction (MtAA16A_Cu
(II)) were used.

8

Fig. S5. HPAEC chromatograms of control reactions (in the presence of Pyg). The incubation of
MtAA16A (a), AnAA16A (b), MtLPMO9B (c), MtAA16A + MtLPMO9B (d) and AnAA16A + MtLPMO9B
(e) with RAC in the absence of Pyg did not show the generation of (detectable) cellooligosaccharides, indicating the absence of hydrolytic side-activity. (f) The incubation of MtLPMO9B
with RAC in the presence of Pyg showed the formation of both non-oxidized and oxidized cellooligosaccharieds. The incubation of only RAC in the presence of Pyg (g) did not cause the autodegradation of RAC (h).
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Fig. S6. HPAEC chromatograms of MtLPMO9B-RAC digests in the presence of Asc and addition of
different concentrations of exogenous H2O2 (0, 10, 25, 50, 100 and 200 µM per time, 6 times in
total) at 6 h (a) and 16 h (b).

Fig. S7. HPAEC chromatograms of control reactions in the presence of Asc. The incubation of
MtAA16A (a) and AnAA16 (b) with RAC in the presence of Asc did not show the generation of
(detectable) cello-oligosaccharides, indicating that these AA16s are not active towards RAC. The
incubation of only RAC in the presence of Asc (c) did not cause the auto-degradation of RAC (d).
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Fig. S8. HPAEC chromatograms of NcLPMO9M-RAC digests in the presence of Asc and addition of
different concentration of exogenous H2O2 (0, 10, 25, 50, 100 and 200 µM per time, 6 times in
total) at 6 h (a) and 16 h (b).

8

Fig. S9. HPAEC chromatograms of NcLPMO9M-RAC digests in the presence of Asc and addition of
10 µM H2O2 per time (6 times in total) or MtAA16A or AnAA16A at 16 h. Top three chromatograms
are also shown in Fig. 4 and the bottom two chromatograms are also shown in Fig. S8. Due to the
analysis was performed at different dates and systems, elution time of individual peaks is slightly
different.
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Fig. S10. HPAEC chromatograms of RAC samples incubated with various AA9 LPMOs ((a)
MtLPMO9E; (b) MtLPMO9I; (c) MtLPMO9H; (d) NcLPMO9C; (e) NcLPMO9M and (f) NcLPMO9F) in
the presence of 50 µM Asc after 16 h. RAC samples incubated with only LPMO, LPMO + AnAA16A
and LPMO + MtAA16A are shown in red, green and blue lines, respectively.
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Table S1. Carbohydrates tested for screening MtAA16A activity under different conditions.

2

MtAA16A
concentration
(µg/mg
substrate)
10

Asc

50

-

2
2

20
20

Asc
Asc

30
30

50 µM

2
2

20
20

Syr
Syr

30
30

50 µM

2

20

Gua

30

-

2

20

Gua

30

50 µM

2

20

Asc

30

-

2

20

Asc

30

50 µM

Planetary ball milled
Avicel PH-101

2
2

20
20

Asc
Asc

30
30

50 µM

β-chitin from shrimp
shell

2

10

Asc

50

-

2

20

Asc

30

50 µM

2

10

Asc

50

-

2

20

Asc

30

50 µM

Regenerated
amorphous β-chitin

5
5

30
30

Asc
Asc

30
30

50 µM

Planetary ball milled
β-chitin

5

30

Asc

30

-

5

30

Asc

30

50 µM

Substrate

RAC

Avicel PH-101

β-chitin nano fiber

Substrate
concentration
(mg/mL)

Reducing
agent

Temperature
(°C)

H2O2
addition

5

30

Asc

30

-

5

30

Asc

30

50 µM

Regenerated
amorphous βchitosan

5

30

Asc

30

-

5

30

Asc

30

50 µM

Planetary ball milled
β-chitosan

5
5

30
30

Asc
Asc

30
30

50 µM

2

10

Asc

50

-

2
2

20
20

Asc
Asc

30
30

50 µM

2
2

20
20

Syr
Syr

30
30

50 µM

β-chitosan

Xylan from birch
wood

Xyloglucan from
tamarind seed

Mannan from cassia
Galactan from
potato

2

20

Gua

30

-

2

20

Gua

30

50 µM

2

20

Asc

30

-

2
2

20
20

Asc
Syr

30
30

50 µM
-

2

20

Syr

30

50 µM

2
2

20
20

Gua
Gua

30
30

50 µM

2

30

Asc

30

-

2

30

Asc

30

50 µM

2

30

Asc

30

-

2
2

30
30

Asc
Asc

30
30

50 µM
-
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Substrate

Substrate
concentration
(mg/mL)

Reducing
agent

Temperature
(°C)

H2O2
addition

Laminarin from
Laminaria digitata

MtAA16A
concentration
(µg/mg
substrate)

2

30

Asc

30

50 µM

Glucomannan from
konjac

2

30

Asc

30

-

2

30

Asc

30

50 µM

Arabinan from sugar
beet

2
2

30
30

Asc
Asc

30
30

50 µM

Pectin (Degree of
methylation (DM)
30) from lemon

2
2

10
20

Asc
Asc

50
30

-

2

20

Asc

30

50 µM

2
2

10
20

Asc
Asc

50
30

-

Pectin (DM96) from
lemon

Peptidoglycan
from Bacillus subtilis

Peptidoglycan
from Saccharomyces
cerevisiae

2

20

Asc

30

50 µM

2
2

40
40

Asc
Asc

30
30

50 µM

2
2

40
40

Pyg
Pyg

30
30

50 µM

2

40

Asc

30

-

2
2

40
40

Asc
Pyg

30
30

50 µM
-

2

40

Pyg

30

50 µM

Soy soluble
polysaccharides

5
5

20
20

Asc
Asc

30
30

50 µM

Fungal cell wall
polysaccharides
from Pleurotus
ostreatus

5

20

Asc

30

-

5

20

Asc

30

50 µM

2 each

10

Asc

50

-

2 each
2 each

20
20

Asc
Asc

30
30

50 µM

2 each
2 each

20
20

Syr
Syr

30
30

50 µM

2 each

20

Gua

30

-

2 each

20

Gua

30

50 µM

2 each

10

Asc

50

-

2 each
2 each

20
20

Asc
Asc

30
30

50 µM

2 each

20

Syr

30

-

2 each
2 each

20
20

Syr
Gua

30
30

50 µM
-

2 each

20

Gua

30

50 µM

2 each
2 each

10
20

Asc
Asc

50
30

-

2 each

20

Asc

30

50 µM

2 each

10

Asc

50

-

2 each

20

Asc

30

-

RAC + Xylan

RAC + Xyloglucan

RAC + Pectin
(DM30)
RAC + Pectin
(DM96)
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Table S2. Molecular structure, common name and International Union of Pure and Applied
Chemistry (IUPAC) name of the 27 monomeric aromatic compounds and the dimeric aromatic
compound hydrocoerulignone screened in this study for activity with MtAA16A. Compounds that
can be oxidized by MtAA16A are indicated in green.
Common name

I. Benzene
II. Phenol
III. Anisole
IV. Catechol
V. Veratrole
VI. Guaiacol
VII. Pyrogallol
VIII. Pyrogallol
trimethyl ether
IX. Syringol

I. 4-Formylphenol
II. Vanillin
III.
Syringaldehyde

I. 4Hydroxybenzoate
II. Vanillic acid
III. Syringic acid

I. Piceol
II. Acetovanillone
III.
Acetosyringone

I. p-Coumaryl
alcohol
II. Coniferyl
alcohol
III. Sinapyl
alcohol

IUPAC name
I. Benzene
II. Hydroxybenzene
III. Methoxybenzene
IV. Benzene-1,2-diol
V. 1,2Dimethoxybenzene
VI. 2-Methoxyphenol
VII. Benzene-1,2,3triol
VIII. 1,2,3Trimethoxybenzene
IX. 2,6Dimethoxyphenol
I. 4Hydroxybenzaldehyde
II. 4-Hydroxy-3methoxybenzaldehyde
III. 4-Hydroxy-3,5methoxybenzaldehyde
I. 4-Hydroxybenzoic
acid
II. 4-Hydroxy-3methoxybenzoic acid
III. 4-Hydroxy-3,5dimethoxybenzoic
acid
I. 1-(4Hydroxyphenyl)ethan
one
II. 1-(4-Hydroxy-3methoxyphenyl)ethan
one
III. 1-(4-Hydroxy-3,5dimethoxyphenyl)etha
none
I. 4-[(E)-3Hydroxyprop-1enyl]phenol
II. 4-[(E)-3Hydroxyprop-1-enyl]2-methoxyphenol
III. 4-[(E)-3Hydroxyprop-1-enyl]2,6-dimethoxyphenol

R1

R2

R3

Oxidized
by
MtAA16A

H
H
H
H
H
H
OH
OCH3
OCH3

H
OH
OCH3
OH
OCH3
OH
OH
OCH3
OH

H
H
H
OH
OCH3
OCH3
OH
OCH3
OCH3

No
No
No
Yes
No
Yes
Yes
No
Yes

H
H
OCH3

OH
OH
OH

H
OCH3
OCH3

No
No
No

H
H
OCH3

OH
OH
OH

H
OCH3
OCH3

No
No
Yes

H
H
OCH3

OH
OH
OH

H
OCH3
OCH3

No
No
No

H
H
OCH3

OH
OH
OH

H
OCH3
OCH3

No
No
Yes
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I. p-Coumaryl
aldehyde
II. Coniferyl
aldehyde
III.
Sinapylaldehyde

I. p-Coumaric
acid
II. Ferulic acid
III. Sinapic acid

Hydrocoerulignone

I. (E)-3-(4Hydroxyphenyl)prop2-enal
II. (E)-3-(4-Hydroxy3methoxyphenyl)prop2-enal
III. (E)-3-(4-Hydroxy3,5dimethoxyphenyl)prop
-2-enal
I. (E)-3-(4Hydroxyphenyl)prop2-enoic acid
II. (E)-3-(4-Hydroxy3methoxyphenyl)prop2-enoic acid
III. (E)-3-(4-Hydroxy3,5dimethoxyphenyl)prop
-2-enoic acid

4-(4-Hydroxy-3,5dimethoxyphenyl)2,6-dimethoxyphenol

H
H
OCH3

OH
OH
OH

H
OCH3
OCH3

No
No
Yes

H
H
OCH3

OH
OH
OH

H
OCH3
OCH3

No
Yes
Yes

Yes
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1. General discussion outline
This thesis aimed to provide further insights into AA9 LPMOs from the fungus
Myceliophthora thermophila C1 (MtLPMOs). In particular, regioselectivity, substrate
cleavage profiles and specificity of MtLPMOs have been studied and further defined.
The results obtained by using these MtLPMOs were combined with those obtained by
using AA9 LPMOs from the fungus Neurospora crassa (NcLPMOs). This comparison
allowed us to expand our knowledge of LPMOs within the AA9 family. In addition, we
investigated AA16 oxidoreductases and highlighted their importance for lignocellulose
degradation when added to AA9 LPMOs. In this chapter, the outcomes from the
previous chapters are discussed in context of literature findings, and are divided into
five topics: i) diversity of AA9 LPMOs, ii) improved chromatographic approach for
analysis of oxidized oligosaccharides, iii) production and consumption of H2O2 by AA16
oxidoreductases and AA9 LPMOs, iv) lignin-derived electron donors for H2O2 mediated
AA16/AA9 activity, and v) role of LPMOs in lignocellulosic biomass degradation and
valorization.

2. Diversity of AA9 LPMOs
2.1. AA9 LPMOs differ in active site segment configuration and
substrate specificity
In this thesis, we studied AA9 LPMOs from two fungi: M. thermophila C1 (MtLPMOs)
and N. crassa (NcLPMOs). In the genome of M. thermophila C1, twenty-two putative
LPMO genes are annotated in the AA9 family (Chapter 1). Until now, eleven AA9
MtLPMOs have been (partially) characterized, of which five (MtLPMO9B (Mt9B+ and
Mt9B-), MtLPMO9E, MtLPMO9F, MtLPMO9H and MtLPMO9I) were investigated in this
thesis (Table 1). In addition, ten AA9 LPMOs from the fugus N. crassa (NcLPMOs) have
been characterized, of which three (NcLPMO9C (and NcLPMO9CΔCBM), NcLPMO9M and
NcLPMO9F) have been studied in this thesis (Table 2).
Table 1. Characterized LPMOs from M. thermophila (September 2021)1. Active site segment
numbers are explained in Chapter 5, Fig. 1.
Enzyme name

Active site
segment

MtLPMO9D2

+

C1

MtLPMO9
(MtLPMO9H)3

+Seg1–Seg2

C1, C4,
C4/C616

MtLPMO9C4

–Seg1+Seg2

C4

MtLPMO9E5

–Seg1+Seg2

C4,
C4/C616

264

Seg1–Seg2

Regioselectivity

Substrate specificity
Cellulose (RAC and
PASC)17
Cellulose (RAC, AVI,
BC and CMC),
xyloglucan
Cellulose (RAC),
xyloglucan18, mixed
β-(1→3, 1→4)-linked
glucan18
Cellulose (RAC),
xyloglucan, cellooligosaccharides
(DP≥5),
glucomannan18,

Xyloglucan
cleavage
profile
n.d.
Substitutiontolerant
n.d.

Substitutionintolerant

General discussion
mixed β-(1→3, 1→4)linked glucan18

Seg1+Seg2

C4,
C4/C616

Cellulose (RAC, AVI,
BC and CMC),
xyloglucan, cellooligosaccharides
(DP≥5),
glucomannan18,
mixed β-(1→3, 1→4)linked glucan17

Substitutionintolerant

C4

Cellulose (RAC)17

n.d.

MtLPMO9F6

–

MtLPMO9G7

–Seg1+Seg215

MtLPMO9B
(Mt9B+)8

–

Seg1+Seg2+Seg3

C1

Cellulose (RAC, AVI,
BC and CMC)

Inactive

Mt9B-9

–Seg1+Seg2+Seg3

C1

Cellulose (RAC, AVI,
BC and CMC)

Inactive

MtLPMO9I10

–

Seg1+Seg2+Seg3

C1

MtLPMO9A11

–Seg1–Seg214

MtLPMO9L12

–

Seg1–Seg214

C1

MYCTH_11208913

–

Seg1–Seg214

C1

C1, C4

Cellulose (RAC, AVI
and BC)
Cellulose (RAC), xylan
associated to
cellulose,
xyloglucan18, mixed
β-(1→3, 1→4)-linked
glucan18
Cellulose (PASC and
AVI)
Cellulose (PASC)17

Inactive

Active18

Inactive
n.d.

1Abbreviations:

RAC, regenerated amorphous cellulose; AVI, Avicel; PASC, phosphoric acid
swollen cellulose; BC, bacterial cellulose; CMC, carboxymethyl cellulose; n.d., not determined
2MYCTH_92668, UniProt ID: G2QAB5, production host M. thermophila C1, no CBM (1);
3
MYCTH_46583, UniProt ID: G2Q9T3, with CBM1, production host P. pastoris (2, 3); production
host M. thermophila C1 (4-7); 4MYCTH_100518, UniProt ID: G2QA92, production host M.
thermophila C1, no CBM (8); production host P. pastoris (9); 5MYCTH_79765, UniProt ID: G2Q7A5,
production host M. thermophila C1, no CBM (5, 10, 11); 6MYCTH_111088, UniProt ID: G2Q9F7,
production host M. thermophila C1, with CBM1 (6, 10); 7MYCTH_55803, UniProt ID: n.d.,
production host M. thermophila C1, no CBM (10); 8MYCTH_80312, UniProt ID: G2QCJ3, production
host M. thermophila C1, with CBM1 (4, 12); 9MYCTH_80312, UniProt ID: G2QCJ3, production host
M. thermophila C1, no CBM (4); 10MTCTH_2299721, UniProt ID: G2Q774, production host M.
thermophila C1, no CBM (11); 10MYCTH_85556, UniProt ID: G2QNT0, production host M.
thermophila C1, no CBM (12, 13); 12MTCTH_103537, UniProt ID: n.d., production host P. pastoris,
no CBM (14); 13MYCTH_112089, UniProt ID: G2QI82 (9)
14
Based on the reported short L3 loop and L2 loop
15Unpublished
16Defined in this thesis (see Chapter 4)
17Only tested on cellulose
18Minor activity
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Table 2. Characterized LPMOs from N. crassa (September 2021)1. Active site segment numbers
are explained in Chapter 5, Fig. 1.
Enzyme
name

Active site
segment

Regioselectivity

Substrate specificity

Xyloglucan cleavage
profile

NcLPMO9B2

+Seg1–Seg212

C1, C4

Cellulose (PASC)14

n.d.

NcLPMO9M3

+Seg1–Seg2

C1, C4,
C4/C613

NcLPMO9A4

–

Cellulose (RAC, AVI, BC
and CMC), xyloglucan
Cellulose (RAC and
PASC), xyloglucan,
glucomannan

Seg1+Seg2

C4

Substitution-tolerant
Substitutionintolerant

NcLPMO9C5

–

Seg1+Seg2

C4,
C4/C613

Cellulose (RAC, AVI and
CMC), xyloglucan,
cello-oligosaccharides
(DP≥4),
glucomannan15, mixed
β-(1→3, 1→4)-linked
glucan15

NcLPMO9C
ΔCBM6

–Seg1+Seg2

C4,
C4/C613

Cellulose (RAC, AVI and
CMC), xyloglucan16

Substitutionintolerant

NcLPMO9D7

–Seg1+Seg2

C4

Cellulose (RAC and
PASC), xyloglucan,
glucomannan

Substitutionintolerant

NcLPMO9E8

–Seg1–Seg212

C1

Cellulose (RAC)

n.d.

NcLPMO9F9

–

C1

Cellulose (PASC, AVI
and CMC)

Inactive

NcLPMO9G10

–Seg1–Seg212

C1

Cellulose (PASC)14

n.d.

NcLPMO9J11

–Seg1–Seg212

C1

Cellulose (PASC)14

n.d.

Seg1–Seg2

Substitutionintolerant

Abbreviations: RAC, regenerated amorphous cellulose; AVI, Avicel; PASC, phosphoric acid
swollen cellulose; BC, bacterial cellulose; CMC, carboxymethyl cellulose; n.d., not determined. All
NcLPMOs were produced in P. pastoris. NcLPMO9D, NcLPMO9E and NcLPMO9M were also produced
in N. crassa in addition to P. pastoris
2
NCU07760, UniProt ID: Q7S111, with CBM1, (9); 3NCU07898, UniProt ID: Q7SA19, no CBM (4,
5, 7, 9, 15, 16); 4NCU02240, UniProt ID: Q7S439, with CBM1 (9, 17, 18); 5NCU02916, UniProt
ID: Q7SHI8, with CBM1 (5, 7, 9, 18-26); 6NCU02916, UniProt ID: Q7SHI8, no CBM (26);
7NCU01050, UniProt ID: Q1K8B6, no CBM (9, 15, 16); 8NCU08760, UniProt ID: Q7RWN7, with
CBM1 (9, 15, 16, 18, 21); 9NCU03328, UniProt ID: Q1K4Q1, no CBM (7, 9, 21, 24-26);
10NCU00836, UniProt ID: Q7SCJ5, with CBM1 (9); 11NCU01867, UniProt ID: Q7SHD9, with CBM1
(21, 24);
12Based on the sequence alignment and determined L2, L3 and LS loops
13Defined in this thesis (see Chapter 4)
14Only tested on cellulose
15Minor activity
16Only tested on cellulose and xyloglucan
1

All reported AA9 MtLPMOs and NcLPMOs show oxidative cleavage of cellulose (Table
1 and 2). So far most studies only provided data on whether cellulose was (or was
not) a substrate for oxidative cleavage by LPMOs, regardless the type of cellulose used.
In this thesis, we demonstrated that AA9 LPMOs generated different oxidized product
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profiles when subjected to different types of cellulose (Chapter 2). Thus, in addition
to the more general cellulose-specificity of AA9 LPMOs, the exact type of cellulose used
will define how these LPMOs bind to their substrate, and hence, define the product
profile.
In addition to the distinct cellulose cleavage profiles, one of the most interesting
findings in this thesis was that the use of different AA9 LPMOs resulted in different
xyloglucan cleavage profiles: “inactive”, “substitution-intolerant” and “substitutiontolerant” (Chapter 6 and 7). These xyloglucan cleavage profiles were further
correlated to the active site segment configurations of the enzymes, which were
phylogenetically grouped into four clusters. Interestingly, MtLPMOs and NcLPMOs are
spread over all four clusters (Table 1 and 2), indicating that M. thermophila and N.
crassa can make use of different LPMOs with diverse functions and roles for cellulose
and xyloglucan degradation.
It was also found that some xyloglucan-active LPMOs, such as NcLPMO9C, NcLPMO9M

and MtLPMO9E, generated a much higher yield of oxidized oligosaccharides from
xyloglucan than from cellulose. Although this observation is based on a rough
estimation and comparison of signal intensities in HPAEC, it still points out that
xyloglucan is possibly the preferred substrate for some LPMOs. Of course the solubility
of cellulose is lower than of xyloglucan, which may give less accessibility of cellulose
that might explain the lower yield of degradation products. However, the xyloglucan
preference over cellulose is also strengthened by HPSEC results, which showed that a
more complete degradation of xyloglucan was observed for NcLPMO9C, NcLPMO9M
(Chapter 6, Fig. 2) and MtLPMO9E (Fig. 1). Nevertheless, the substrate preference
indicates that different active site segment configurations may result in different
binding affinity to cellulose, xyloglucan, and even cello-(xylogluco-)oligosaccharides
and xylan. The obtained knowledge about the substrate preference can be used to
target different LPMOs towards specific carbohydrate substrates to improve the
degradation efficiency.
Next to xyloglucan activity, AA9 LPMO activity towards xylan has been demonstrated.
LsLPMO9A (from Lentinus simili), McLPMO9H (from Malbranchea cinnamomea) and
MtLPMO9A were shown to cleave xylan, but the latter two enzymes only catalyze the
cleavage when xylan is associated with cellulose (13, 27, 28). In lignocellulose, xylan
is the most abundant type of hemicellulose and is known to intertwist with cellulose to
form a complex. Therefore, it is not surprising that fungi produce xylan-active LPMOs
to open up the xylan structure in order to reach the cellulose. Until now, catalytic
performance of LPMOs towards xylan, xylan degradation profiles and identification of
oxidized xylo-oligosaccharides are not well understood. It has been speculated that
xylan-active LPMOs also show xylan-specificity regarding the (in)tolerance of xylan
substitutions, similar to the aforementioned xyloglucan-specificity (29).
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Fig. 1. Molecular weight (MW) distribution of tamarind seed xyloglucan (TXG) digests (24 h) in
presence of ascorbic acid (Asc) from MtPMO9E, analyzed by HPSEC-RI. MW distributions of control
digests (only TXG, TXG+Asc, and MtLPMO9E+TXG; dotted lines) are also shown. MWs are
indicated based on calibration with a series of pullulan standards (0.4–708 kDa).

Other hemicelluloses such as glucomannan and mixed β-(1→3, 1→4)-linked glucan
can also be cleaved by some of the MtLPMOs and NcLPMOs. Other fungi, such as P.
anserina and M. cinnamomea, were also found to contain multiple LPMOs having
different substrate specificity, and overall covering degradation of various
hemicelluloses in addition to cellulose (27, 30). These fungi are known to degrade a
variety of complex plant cell wall polysaccharides, and thus they are expected to obtain
a powerful enzyme “toolbox”. In addition, it has been shown that varying the
composition of substrates and growth conditions results in expression of different
LPMOs (and other carbohydrate-active enzymes), again suggesting the diverse
function and roles in degrading target polysaccharides (3, 27, 30-33). Overall, AA9
LPMO hemicellulose activities reveal their importance in “opening” or “loosening”
complex lignocellulose structures. To fully map and understand their natural functions,
it would be helpful to produce all AA9 LPMOs annotated in one fungal genome and
characterize their catalytic repertoire.

2.2. N-terminal His1 methylation and glycosylation may influence
LPMO activity and stability
As summarized in Table 1 and 2, MtLPMOs and NcLPMOs showed comparable diversity
in structural configuration, regioselectivity and substrate specificity. However, we also
observed very different characteristics between MtLPMOs and NcLPMOs used in this
thesis. First, MtLPMOs were homologously produced in M. thermophila C1, while
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NcLPMOs were heterologously produced in the yeast P. pastoris. As a result, MtLPMOs
have a methylated N-terminal histidine (His1), while NcLPMOs do not have this
modification (13, 21, 26) (Chapter 5). Petrović and coworkers showed that
methylation of His1 in TaLPMO9A does not influence the substrate specificity, product
profiles, and LPMO thermal and operational stability (18). The only significant
difference suggested by Petrović and coworkers is that the methylation improves the
resistance of the catalytic site against oxidative damage (18). When adding up to 200
mM H2O2, the non-methylated form of TaLPMO9A showed a faster reaction rate in the
early time points (<10 min) compared to the methylated TaLPMO9A. However, after
30 min both types of TaLPMO9A became inactivated, but the inactivation was more
severe in the non-methylated TaLPMO9A.
Table 3. Summary of N-terminal His1 methylation, glycosylation and DMP assay activity of
MtLPMOs and NcLPMOs used in this thesis. In green: N-glycosylation occurs near the active site.
DMP
assay
activity
(U/g)

MW
difference
(kDa)1

Predicted Nglycosylation
site2

Predicted Oglycosylation
site3

Glycosylation
occurrence
based on MW
difference

Residues
coordinating
the copper

Yes, only
O-type

MetHis1,
His79,
Tyr170

No

MetHis1,
His83,
Tyr168

Yes, only
O-type

MetHis1,
His84, Tyr
167

Yes, only
O-type

MetHis1,
His87,
Tyr173

No

MetHis1,
His84,
Tyr158

MtLPMO9B4

0.4

3.4

No

Ser222,
Ser225,
Thr226,
Ser230, etc.

MtLPMO9E5

0.3

0.7

Asn175

No

MtLPMO9F6

n.d.

4.1

No

MtLPMO9H7

0.6

1.8

No

MtLPMO9I8

0.4

1.1

Asn28

Ser217,
Ser227,
Ser239,
Ser241, etc.
Ser212,
Thr217,
Ser229,
Ser230, etc.
Ser30, Thr33,
Ser34, Thr41

Thr99,
Yes, both
His1, His,
Ser183,
N- and O83, Tyr166
Thr226,
type
Ser232, etc.
Ser45,
Thr46,
His1, His72,
NcLPMO9F10
2.212
0.8
No
No
Ser52
Tyr156
Ser104,
Yes, (likely)
His1, His83,
NcLPMO9M11
39.1
7.8
Asn6
Thr128,
only N-type
Tyr171
Ser188
1Difference between theoretical molecular weight (MW) and apparent MW displayed by SDS-PAGE
2Determined on NetNGlyc 1.0 Server (34); 3Determined on NetOGlyc 4.0 Server (35)
4Theortical MW 30.6 kDa, apparent MW 34 kDa; 5Theortical MW 24.3 kDa, apparent MW 25 kDa;
6
Theortical MW 29.9 kDa, apparent MW 34 kDa; 7Theortical MW 33.2 kDa, apparent MW 35 kDa;
8
Theortical MW 23.9 kDa, apparent MW 25 kDa; 9Theortical MW 34.2 kDa, apparent MW 57 kDa;
10
Theortical MW 23.2 kDa, apparent MW 24 kDa; 11Theortical MW 24.2 kDa, apparent MW 32 kDa;
12Value is from Breslmayr et al., 2018 (36)
NcLPMO9C9

28.8

22.8

Asn173
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Apart from the methylation, MtLPMOs and NcLPMOs differ in type and degree of
glycosylation (Table 3). In general, enzymes produced in filamentous fungi such as
M. thermophila, T. reesei and A. nidulans usually have N-/O-linked glycosylation (3739). N-glycosylation occurs on a tripeptide sequon, Asn-Xaa-Ser/Thr (Xaa is not a Pro),
while O-glycosylation occurs on a Ser and/or a Thr residue (40, 41). MtLPMO9B,
MtLPMO9H and MtLPMO9F that all have a linker and a CBM1 only had O-glycosylation
(Table 3), which is often present in the linker (42-44). The difference between their
theoretical molecular weight (MW) and apparent MW displayed by SDS-PAGE
confirmed that the produced proteins were glycosylated. MtLPMO9E had only one
predicted N-glycosylation site (Asn175). However, the MW difference was only 0.7
kDa, indicating that N-glycosylation was not present. Regarding MtLPMO9I, although
the MW difference was 1.1 kDa and three O-glycosylation sites (no N-glycosylation
site) were predicted, it is not expected that this protein is glycosylated, as Oglycosylation has been reported to hardly occur in catalytic domains of CAZymes (39,
43).
In NcLPMO9C and NcLPMO9M, the differences between theoretical and SDS-PAGE
determined MWs were much larger (22.8 kDa and 7.8 kDa) compared to MtLPMOs
(Table 3). It has been shown that enzymes produced in yeast (e.g., P. pastoris) have
a higher degree of N-glycosylation or O-glycosylation if a linker is present (21, 30, 39,
42, 43, 45-48). Therefore, the MW differences observed with NcLPMO9C and
NcLPMO9M are explained by the high degree of N-/O-glycosylation and Nglycosylation, respectively. The MW difference in NcLPMO9F was only 0.8 kDa,
indicating that no O-glycosylation occurred, which was also observed from a previous
batch of NcLPMO9F (PMO-03328) (21).
Taken the above described diverse glycosylation into account, it is intriguing to note
that high DMP assay activity was observed for the two highly N-glycosylated NcLPMOs
(Table 3). A detailed investigation showed that the N-glycosylation sites in NcLPMO9C
(Asn173) and NcLPMO9M (Asn6) are close to key amino acid residues (Tyr166 in
NcLPMO9C and His1 in NcLPMO9M) coordinating the copper ion in the active site.
Although the predicted N-glycosylation site in MtLPMO9E (Asn175) is also close to the
key residue Tyr168, the produced MtLPMO9E is not N-glycosylated (Table 3). Hence,
possibly, N-glycosylation near the active site protects the enzyme against oxidative
damage by reactive oxygen species, and thus might increase the LPMO activity and
stability. The influence of (N-)glycosylation has been, so far, mainly studied for
glycosidic hydrolases, which is comprehensively reviewed elsewhere (43). Overall,
several studies showed that N-glycosylation increases the catalytic activity, thermal
stability and enzyme solubility of glycosidic hydrolases (37, 39, 42-45, 47-51).
Although the underlying mechanisms for explaining the effects of N-glycosylation on
glycosidic hydrolases (and other types of enzymes) are not really clear, some studies
suggest that N-glycosylation promotes the folding of protein and limits the
conformational mobility either around the active site or the whole protein structure,
and thus increases the stability of the enzyme (39, 48, 52, 53). These features could
also hold for LPMOs, though LPMOs have very distinct active site structures, catalytic
mechanisms and co-substrates than glycosidic hydrolases. Nevertheless, more
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research for understanding the effect of glycosylation on LPMOs is highly
recommended. Hereto, it would be of interest to compare the inactivation in RACdigests of the same LPMO having or lacking N-glycosylation near the active site.
Production of the latter LPMO could be achieved via replacing the target asparagine by
site-directed mutagenesis.

2.3. Functional subclassification of the AA9 family
The classification of CAZymes is based on the amino acid sequence similarity including
at least one biochemically characterized family member (54, 55). Although the overall
function of a family can be predicted based on the characterized members, the
apparent substrate specificity of each individual candidate can be very different. The
difficulties in predicting substrate specificity, and even functional roles, are especially
problematic for AA9 LPMOs. Based on amino acid sequence similarity, AA9 (formerly
GH61) family members all have a conserved N-terminal His residue, a second His
residue in a “His-Xaa-Gly-Pro” motif, and a catalytic site Tyr residue in the “Gln-XaaTyr-Xaa-Xaa-Cys” motif (Chapter 1) (9). However, AA9 LPMOs share low overall
sequence identity and high diversity of regioselectivity and substrate specificity
Chapter 5‒7, (9, 12, 20, 27, 30, 56-60). Therefore, establishment of subfamilies of
the AA9 family is recommended to better group and predict the function of individual
LPMO, which can be based on similarities in protein structures, and/or based on
function. Busk and coworkers developed an algorithm using a peptide pattern
recognition (PPR) approach based on a set of short conserved sequences (58). By using
this algorithm, AA9 is divided into sixteen subfamilies, which differ in the amino acid
regions 100‒114, 115‒119 and 160‒172 (58). However, this classification did not
receive much attention in later research, probably due to the complicated classification
principle and lack of correlation to the observed substrate specificity and
regioselectivity. Vu and coworkers classified AA9 LPMOs into four subgroups (PMO1,
C1 oxidation; PMO2, C4, oxidation; PMO3, C1 and C4 oxidation; and PMO3*, C1
oxidation) based on sequence similarity and regioselectivity (9). However, incongruous
regioselectivity has been reported in each subgroup. For example, PaLPMO9H classified
in subgroup PMO2 but it shows C1- and C4-oxidation (30). MtLPMO9D belongs to PMO3
subgroup shows only C1-oxidation (1). Furthermore, this subclassification does not
provide insight into substrate specificity, since hemicellulosic activities were not well
recognized at that time. In addition to the classification based on sequence similarity,
the Enzyme Commission number (EC number) classification (61) categorizes AA9
LPMOs based on regioselectivity and substrate specificity, including lytic cellulose
monooxygenase (C1-hydroxylating, EC 1.14.99.54), lytic cellulose monooxygenase
(C4-dehydrogenating, EC 1.14.99.56), and a preliminary lytic xyloglucan
monooxygenase (EC 1.14.99.B10) (61). This EC number classification system has so
far only provided very brief characteristics of AA9 LPMOs, from which it is difficult to
predict the function and catalytic performance of putative candidates.
In this thesis, based on the work of our collaborators from the Ludwig Lab in Vienna,
AA9 LPMOs were divided based on active site segment (Seg1 to Seg5) configuration
and phylogeny, which seemed useful to predict xyloglucan specificity (Chapter 5‒7)
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(62-64). Based on such structural features, we propose to classify AA9 LPMOs into four
subfamilies (Level 1): AA9_1: ‒Seg1‒Seg2, only active on cellulose; AA9_2: +Seg1‒
Seg2, active on cellulose and xyloglucan (substitution-tolerant); AA9_3: ‒Seg1+Seg2,
‒
active
on
cellulose
and
xyloglucan
(substitution-intolerant);
AA9_4:
Seg1+Seg2+Seg3, only active on cellulose. Moreover, it is of interest to look further
into xylan specificity, and whether this correlates to the suggested active site segment
classification. As described above, the xylan-active LPMOs could also gain xylanspecificity regarding the (in)tolerance of xylan substitutions, which may also be
modulated by the active site segment configuration. If other pronounced hemicellulose
specificities are recognized in the future, the corresponding subclasses can be added
later. For example, the hemicellulose specificity on glucomannan, though it was less
studied, could also be correlated to the active stie segment configuration.
The proposed subclassification highlights the importance of structure-based similarity
and substrate (binding) specificity, which are critical characteristics for studying and
applying enzymes. Subclassification based on substrate specificity has already been
applied in the AA3 glucose-methanol-choline (GMC) oxidoreductases family that is
divided into 4 subfamilies: AA3_1 (mostly cellobiose dehydrogenases), AA3_2
(including both aryl-alcohol oxidase and glucose 1-oxidase), AA3_3 (alcohol oxidase)
and AA3_4 (pyranose 2-oxidase) (55). As the subclassification of AA9 LPMOs requires
a more comprehensive characterization of substrate specificity, the development of
high-throughput enzyme expression, production, purification and substrate
characterization approaches is highly recommended. In future research, it would be
desirable to establish a “substrate-heatmap” which can be added in the CAZy database
not only for AA9 LPMOs but also for other CAZymes.

3. Improved chromatographic approach for analysis of
oxidized oligosaccharides
Until the beginning of this PhD project, analysis of LPMO-generated (oxidized)
oligosaccharides mostly relied on HPAEC-PAD and MALDI-TOF-MS or direct infusion
ESI-MS. HPAEC-PAD cannot be used for structural determination since oxidized
oligosaccharide standards are not always available, and MALDI-TOF-MS (or direct
infusion ESI-MS) cannot distinguish isomers (Chapter 1). Other techniques such as
PGC-MS, RP-UHPLC-MS and HILIC-MS were also used, but their application for
oligosaccharide separation and structural determination was far from optimal. In
Chapter 3, 4 and 6, we developed and applied a HILIC-ESI-CID-MS/MS2 method,
with and without prior NaBD4 reduction, to analyze LPMO-cellulose or xyloglucan
digests. By using this methodology, we are now able to separate complicated mixtures
of non-oxidized and oxidized oligosaccharides, from which the novel C4/C6-double
oxidized cello-oligosaccharides (Chapter 4) and the C4-oxidized glucosyl units
substituted with xylosyl (and galactosyl) residues (Chapter 6 and 7) have been
identified for the first time. Compared to the methods and assays summarized in
Chapter 1 Table 3, HILIC provides sufficient separation (without reduction) and much
better separation (with reduction) of especially C4-oxidized oligosaccharides (in
different isomeric forms). In addition, CID-MS/MS2 generates signature fragmentation
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patterns of different types of oligosaccharides for unambiguous structural elucidation.
Although the above achievement largely promotes the characterization of LPMO
degradation products, the following points are of interest to be further addressed and
developed in future research:
I) Without reduction, C4-oxidized (xylogluco-)oligosaccharides co-elute together (and
with α/β-anomers of non-oxidized ones), and elute as rather broad peaks (>3 min) in
HILIC, which complicates their identification. However, non-reduced oligosaccharides
display fragmentation mass spectra having less fragments and more predictable
patterns, compared to the reduced oligomers, which facilitates the identification.
Therefore, improving the separation of non-reduced C4-oxidized oligosaccharides is
still desired in HILIC. Although after reduction of the oligosaccharides a much better
separation is achieved, reduction of C4-oxidized oligosaccharides still results in two
types containing either galactosyl or glucosyl residues at the non-reducing end, which
again complicates their separation and analysis. One way to improve the separation of
the oligosaccharides with galactosyl or glucosyl ends is modifying the elution
conditions. In this thesis, we have tried different combinations of solvents (e.g.,
water/methanol), elution profiles, column temperature and flowrates. However, we
only tested amide HILIC column. Other resin types, such as polyethyleneimine (PIE)
and silica can be investigated in the future research. On the other hand, it is worth to
investigate whether the reduction reaction can be steered to either glucosyl or
galactosyl ends by using a different reducing agent (e.g., lithium aluminum hydride)
(65).
II) Quantification of LPMO-oxidized products is highly important for studying LPMOs,
for example, to compare the kinetics, catalytic activity and performance over time.
Quantification of C1-oxidized products released from cellulosic substrates has been
well developed based on the gluconic acid and cellobionic acid, as they are stable in
HPAEC condition and standards are commercially available (1) (Chapter 2). In
addition, C1-oxidized hemicellulosic oligosaccharides are not well defined and
determined so far, hence, the requirement of C1-oxidized hemicellulosic
oligosaccharide standards becomes a point of attention for the near future. However,
quantification of C4-oxidized oligosaccharides has been a major challenge for studying
C4-oxidizing LPMOs. C4-oxidized products are not stable in HPAEC conditions, and no
C4-oxidized (mono-)oligosaccharide standards (both oxidized cello- and hemicellooligosaccharides) are available. The HILIC-MS technique has the potential to semiquantify reduced C4-oxidized oligosaccharides, which can be done by quantification of
the MS peak areas of individual products. This quantification of MS peak areas in HILICMS is comparable to the of quantitation of peak areas of C1-oxidized cellooligosaccharides in HPAEC as described in Chapter 2. The advantage for quantification
of MS peak areas is that this can be applied for more complicated e.g., C4-oxidized
xylogluco-oligosaccharides, as their structures are known from MS/MS2 spectra. Once
the separation of non-reduced C4-oxidized oligosaccharides is much improved, it can
also be applied for the quantification of non-reduced products directly. Regarding the
quantification of C4-oxidized ends released from cellulose, the most widely used HPAEC
technique for (mono)oligosaccharide quantification cannot be used, since C4-oxidized
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ends are not stable in alkaline eluents (17, 23). Again, reduction provides an
opportunity as the quantification of C4-oxidized ends can be done by quantification of
galactose assuming that the equilibrium shifts to galactose completely.

4. Production and consumption of H2O2: the dual ability of
AA16 oxidoreductases and AA9 LPMOs
In Chapter 8, two copper-dependent oxidoreductases from the AA16 family (MtAA16A
and AnAA16A) were studied. They were found to not oxidatively cleave carbohydrates,
though they share similarities with (AA9) LPMOs (e.g., His-brace and copperdependent active site). We also found that in the presence of a proper reducing agent,
both AA9 LPMOs and AA16 oxidoreductases produce H2O2, and can oxidize a range of
aromatic compounds (Chapter 8). This dual ability of production and consumption of
H2O2 is also observed with LPMOs from other AA families.
Initially, LPMOs have been revealed to carry out a monooxygenase reaction with
polysaccharide substrates meaning that one oxygen atom from dioxygen (O2) is
inserted into reaction products (66, 67). In 2013, Kittl and coworkers found that LPMOs
generate H2O2 as a side-product once the Cu(II) is reduced and no proper carbohydrate
substrate is present (21). The mechanism of this LPMO side reaction has been
explained by the conversion of the Cu(I)···hydroperoxide intermediate to Cu(II) and
H2O2 when no substrate is available (68). Based on this side reaction, Kittl and
coworkers developed the so-called Amplex Red assay for LPMOs (21). This assay
measures the level of LPMO-produced H2O2 by using the horseradish peroxidase (HRP)
coupled conversion of Amplex Red to resurofin (21). Subsequently, this assay has been
widely used for screening the substrate specificity and kinetics of LPMOs (21, 30, 6980). In 2018, Breslmayr and coworkers found that AA9 LPMOs were able to oxidize
various aromatic compounds such as gallic acid, sinapic acid and syringol in the
presence of H2O2, similar to a peroxidase reaction (36). According to the authors, this
research was inspired by the finding that H2O2 can act as a co-substrate for the LPMOmediated oxidative cleavage of polysaccharides. However, the latter reaction was
proven to be a peroxygenase reaction (81). Therefore, it remains questionable if the
Amplex Red assay truly reflects the LPMO H2O2-producing ability. In principle, the
peroxidase-like ability of LPMOs (or AA16s in Chapter 8) means that they also convert
Amplex Red by using the self-produced H2O2, which will influence the outcome of the
assay. Because of that, we used a non-enzymatic Ferric-xylenol assay (Chapter 8),
which directly monitors H2O2 levels. However, H2O2 assay will never reflect the actual
LPMO activity due to the dual H2O2 producing and consuming ability. Therefore, direct
measurement of oxidized degradation products as emphasized in this thesis is highly
recommended.
In addition to the unclear peroxidase reaction mechanism, another intriguing question
is what the determinants are to steer the dual H2O2 producing and consuming ability
of LPMOs and AA16s. It can be speculated that the dual ability depends on the types
of reducing agents and the H2O2 level in the reaction bulk solution. Regarding the H2O2
level, it can be assumed that the peroxidase reaction is preferred at high H2O2
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concentrations, while H2O2 production is preferred at low H2O2 concentrations.
Furthermore, it remains to be answered how the LPMO and AA16 peroxidase reactions
correlate with or contribute to lignocellulose degradation. The further understanding
of this dual ability will provide more insights into the functions and roles of these
copper-dependent oxidoreductases.

5. Lignin-derived aromatic compound/H2O2-mediated AA16
oxidoreductase and AA9 LPMO reaction
As discussed in the previous section, AA16 oxidoreductases and AA9 LPMOs can
catalyze the peroxidase-mediated oxidation of syringol. As syringol is a lignin-derived
aromatic compound, we were curious if the peroxidase reaction is still carried out by
AA9 LPMOs in the presence of cellulose. Intriguingly, oxidative cleavage of RAC was
observed in the incubation of MtLPMO9B (1 µM) with RAC (2 mg/mL), syringol (Syr, 1
mM) and exogenous H2O2 (100 µM), while no oxidized products were detected in the
same incubation without exogenous H2O2 (Fig. 2). Similar results were found for
NcLPMO9C and NcLPMO9M. Based on these observations, it was firstly hypothesized
that RAC-unbound LPMO (in Chapter 2 we showed that around 40% of MtLPMO9B did
not bind to RAC) carries out a peroxidase reaction to generate syringol radicals that
oxidatively cleave RAC. However, replacement of MtLPMO9B with catalytic amounts of
HRP did not result in the oxidative cleavage of RAC. In addition, laccase is known to
oxidize syringol using O2 to generate syringol radicals (82, 83). Therefore, we also
replaced MtLPMO9B with catalytic amounts of the purified laccase from Trametes
versicolor (84, 85). Again, no oxidative cleavage of RAC was observed. These results
indicate that syringol radicals do not directly cause the oxidative cleavage of RAC, and
suggest that oxidative cleavage of RAC results from the LPMO reaction which is
initiated with the reduction of Cu(II) by syringol/H2O2, but not syringol alone.
Because MtAA16A and AnAA16A can boost MtLPMO9B activity towards RAC (Chapter
8), we performed the same incubations with syringol in the presence of 1 µM MtAA16A
or 1 µM AnAA16A. Without addition of H2O2, no oxidative cleavage of RAC was observed
in two MtLPMO9B-AA16-RAC incubations, supporting that syringol radicals do not
induce the cleavage of RAC as described above (Fig. 3). With addition of H2O2, the
boosting effect of both AA16s on MtLPMO9B-RAC cleavage was found again. However,
the underlying mechanism of the boosting effect seems to differ from that described
in Chapter 8, where we found that H2O2-production from the reduced Cu(II) in AA16s
activates the AA9 LPMOs, helped by a putative LPMO-AA16 protein interaction. Here,
the boosting effect was found in the presence of both H2O2 and syringol. It is hard to
believe that syringol with H2O2 reduces the Cu(II) in both AA16s and MtLPMO9B,
followed by subsequent production of H2O2 from the reduced AA16s to fuel MtLPMO9B,
which are two contradictory pathways. Therefore, the hypothesis that syringol/H2O2
reduces the AA9 LPMOs is still not proven. In addition, if the hypothesis is correct, how
syringol/H2O2 reduce the AA9 LPMOs (and AA16s) and whether it correlates to their
peroxidase activity remains to be elucidated. The latter correlation is partially
disapproved by the observation that no oxidative products were found in the
incubations where AA16s were replaced with HRP.
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Fig. 2. HPAEC chromatograms of RAC samples incubation with MtLPMO9B (1 µM) in the absence
or presence of 1 mM syringol (Syr) with the addition of 100 µM H2O2 (left) or no addition of H2O2
(right).

We further tested if other lignin-derived compounds/H2O2 in the incubation of
MtLPMO9B with or without MtAA16A or AnAA16A can stimulate the oxidative cleavage
of RAC. In Chapter 8, MtAA16A has been shown to oxidize other syringol-like
compounds in the presence of H2O2 including syringic acid, sinapyl alcohol,
sinapaldehyde and sinapic acid, which all have 4-hydroxy-3,5-dimethoxy moiety.
However, replacement of syringol with these compounds (and guaiacol and ferulic acid)
did not result in the oxidative cleavage of RAC with exogenous H2O2. These unexpected
results reflect the complex synergy between LPMOs and AA16s, which deserves more
study to understand their roles in lignocellulose degradation. A similar finding was
reported by Hegnar and coworkers, who showed that 2,3-dihydroxybenzoic acid (2,3DHBA) can drive GtLPMO9B reaction towards PASC only with the addition of H2O2 (86).
However, they demonstrated that 2,3-DHBA can directly reduce the GtLPMO9B at pH
8.0 and 9.0 (pH range of 6.0‒9.0 tested) evidenced by the detection of H2O2 formed.
As all experiments described in Chapter 8 were performed at pH 5.0, we do not know
if the above mentioned lignin-derived aromatic compounds will serve as reductants at
higher pH. Although mechanistic insights were not investigated and discussed by
Hegnar and coworkers, the pH dependency of the LPMO-(AA16)-reductant system
provides a direction for future study.
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Fig. 3. HPAEC chromatograms of RAC samples incubation with MtLPMO9B (1 µM), MtLPMO9B (1
µM)+MtAA16A (1 µM), and MtLPMO9B (1 µM)+AnAA16A (1 µM) in the absence or presence of 1
mM syringol (Syr) with the addition of 100 µM H2O2 (left) or no addition of H2O2 (right).

The above discussed syringol/H2O2-mediated LPMO and AA16 reactions emphasize the
importance of H2O2 in lignocellulose degradation. In Chapter 8, the correlation of AA9
LPMOs and AA16s with other AA enzymes was discussed. Here, H2O2 producing
enzymes in these AA families will be highlighted, based on the excellent review from
Bissaro and coworkers (87), together with some recently published work. Exocellular
H2O2 producing enzymes in lignocellulolytic systems reported so far include cellobiose
dehydrogenase (CDH; AA3_1) (15, 24, 88-90); glucose oxidase (GOX; AA3_2) (91,
92), aryl-alcohol oxidase (AAO; AA3_2) (93), pyranose 2-oxidase (P2O; AA3_4) (94)
and methanol oxidase (MOX;AA3_3) (95). These enzymes belong to the so called
glucose-methanol-choline (GMC) superfamily of flavoenzymes (Section 1.3) (55, 96).
In addition to AA3 GMC enzymes, for instance, glyoxal oxidase (GLOX; AA5_1) (97100) alcohol oxidase (AlcOx; AA5_2) (101), and oligosaccharide oxidases (AA7) (102104) have been described to produce H2O2 using various substrates. In a recent study,
AA7 cellooligosaccharide dehydrogenase was discovered and its interplay with LPMO
as an electron donor in cellulose degradation has been demonstrated, though it may
also produce H2O2 to fuel the LPMO reaction (103). In another study, Perna and
coauthors reported that laccase-catalyzed oxidation of lignin leads to the production
of up to 25 µM H2O2, which can sufficiently fuel LPMO in one-pot reactions (105).
H2O2 has also been described to be used by lignin-active peroxidases for lignin
degradation. These lignin-degrading enzymes include lignin peroxidases (LiPs),
manganese peroxidases (MnPs) and versatile peroxidases (VPs), and their structures,
functions and catalytic reactions are reviewed elsewhere (109). It can be imagined
that the H2O2 produced can be used for two routes: i) lignin-degradation and ii) LPMO
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(and AA16) oxidative degradation on recalcitrant polysaccharides using the degraded
lignin fragments (e.g., syringol-like structures).

6. LPMOs in lignocellulosic biomass degradation and
valorization: current status and future perspectives
6.1. Saccharification of lignocellulosic biomass for production of
biofuels and biochemicals
6.1.1. Various commercial cellulase cocktails already supplemented with
LPMOs
In lignocellulosic biomass, three major components cellulose, hemicellulose and lignin
are intertwined and cross-linked in a complex network. Therefore, lignocellulosic
biomass is usually subjected to a pretreatment to increase the accessibility for
enzymes in the subsequent saccharification process (110-113). Saccharification of
lignocellulosic biomass is widely performed by commercial enzyme cocktails, which are
produced by (genetically modified) filamentous fungi (28, 114-117). Already in 2007,
the addition of an AA9 LPMO (previously GH61B from T. terrestis) to a classical
cellulolytic enzyme cocktail Celluclast® 1.5 L was found to increase the yield of cellulose
degradation up to 1.4-fold (118). Afterwards, AA9 LPMOs were supplemented to
commercial cellulolytic enzyme cocktails such as Cellic® CTec2 and Cellic® CTec3 (119122). Soon thereafter, synergy of LPMOs with cellulolytic hydrolases including
endoglucanases (EG), cellobiohydrolases (CBH) and β-glucosidases (35) became a hot
topic of investigation (2, 14, 62, 122-131). Most of these studies have shown that the
addition of LPMOs increases the cellulose degradation with a reduced overall enzyme
dose, which is a major cost benefit in industrial applications (132, 133). Detailed
outcomes and comparison of these studies are comprehensively reviewed elsewhere
(87, 134-138).

6.1.2. Application-tailored (hemi-)cellulase cocktails supplemented with
specific LPMOs
It can be expected that future (LPMO-supplemented) enzyme cocktails for
saccharification in biorefinery aim for a “cost-effective” process, meaning to further
improve the polysaccharide degradation efficiency with decreased enzyme loadings.
This goal might be partially achieved, as suggested by the outcomes and findings in
this thesis, by selecting and incorporating LPMOs having the “appropriate”
regioselectivity and substrate specificity.
The LPMO-directed regioselective oxidation of cellulose can influence its synergy with
different glycosidic hydrolases. It has been reported that reducing end active GH7
CBHs display an impeded effect with a C1-(reducing end) oxidizing LPMO TtAA9 (139),
but a boosting effect with a C1/C4-oxidzing TaAA9A and a C4-oxidizing LsAA9A (130).
It has also been shown that C1-oxidizing LPMOs obtain strong synergy with nonreducing end active CBHs from the GH6 family (140). In addition, double C4/C6oxidation described in Chapter 4 may also influence the cellulose degradation, as C6-
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oxidation was reported to have a negative effect on cellulase activity (141-143). These
studies strongly indicate that the selection of “appropriate” regioselective LPMOs in
order to control the “correct” oxidation position should be taken into account, which is
essential for supplementation of LPMOs in enzyme cocktails.
Beyond the regioselectivity, the different cellulose cleavage product profiles of LPMOs
described in Chapter 2 could also influence the synergy with cellulases. There were
already studies indicating that the LPMO boosting or impeding effects on cellulases
depend on the types of cellulose, and it is supposed that these effects could be
moderated by the processivity of cellulases and by the mode-of-action of LPMOs (14,
126, 130, 144, 145). As shown in Chapter 2, oxidized degradation product profiles
from different cellulose types reflect the catalytic behavior of LPMOs, providing the
“reference” for designing, e.g., proper cellulase cocktails to degrade different cellulose
sources.
Design of application-tailored enzyme cocktails can benefit from the characterization
of hemicellulose specificity and further assignments of hemicellulosic mode-of-action.
It is known that cellulose is still associated with hemicelluloses such as xylan,
xyloglucan and glucomannan even after pretreatment (146-148), and that the
additional hemicellulosic side-activities from cellulases might contribute to the overall
cellulose degradation (149-151). Therefore, LPMOs with broad substrate specificity
especially active on (cellulose-associated) xylan, such as MtLPMO9A, LsLPMO9A and
McLPMO9H, or active on glucomannan such as MtLPMO9E and NcLPMO9C, are
interesting to study in relation to cellulose degradation from real lignocellulosic
biomass. In addition, supplementation of different xyloglucan-active LPMOs in
hemicellulose cocktails also has great potential for primary cell wall- or xyloglucan-rich
biomass degradation.

6.2. Production of (novel) functional materials and compounds
6.2.1. LPMO-assisted nanocellulose production
In addition to lignocellulose degradation, LPMOs have been used to assist the
production of functional materials and compounds. Several studies have investigated
the LPMO-assisted production of nanocellulose (152-161), which is a valuable material
used as emulsion stabilizer and gas barrier, also even in food industry (162-165).

6.2.2. LPMO-oxidized oligosaccharides as potential health promoters
In a recent study, Li and coauthors reported that LPMO produces oxidized Konjac
glucomannan oligosaccharides having prebiotic effects (166). They showed that
addition of oxidized Konjac glucomannan oligosaccharides largely increases growth of
faecal microbiota and production of short chain fatty acids in in vitro fermentation
(166). Similar to glucomannan oligosaccharides, xylogluco-oligosaccharides are also
potential prebiotics (167-169). It would be of interest to investigate the interaction of
LPMO produced oxidized xylogluco-oligosaccharides with gut microbiota, and elucidate
the structure-specific prebiotic effects based on the characterized oxidized xyloglucooligosaccharide structures described in Chapter 5 and 6. In the last month of this
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PhD project, AA17 LPMOs have been discovered to oxidatively cleave pectin
(homogalacturonan) (170). As pectin oligosaccharides have been shown to provide
health benefits by influencing gut microbiota composition and metabolism, it can be
expected that LPMO-oxidized pectin oligosaccharides have potential as novel prebiotics
as well. (171-175).

6.2.3. Supplementation of LPMOs in fiber-degrading enzyme cocktails as
feed additives
In animal nutrition, fiber-degrading enzyme cocktails enriched in xylanase and
glucanase have been used as feed additives. These enzymes are active towards nonstarch polysaccharides, which are suggested to decrease the overall digesta viscosity
to stimulate the diffusion of nutrients, and to improve the accessibility for starch
digestion (176-180). In addition, fiber-degrading enzymes release, e.g., arabinoxylanand β-glucan-oligosaccharides, which can be fermented by microbiota in
gastrointestinal tract, and hence, as described above, promote gut health of animals
(178-181). It can be expected that LPMOs have great potential to be supplemented
with current fiber-degrading enzymes, since (hemicellulose-active) LPMOs not only
promote opening-up of non-starch polysaccharide structures, but might also release
potential functional and health-promoting oligosaccharides.

6.2.4. Exploration
of
LPMO-oxidized
oligosaccharides
pharmaceutical and medical applications

in

food,

So far, LPMO-oxidized oligosaccharides have not been well investigated for food,
pharmaceutical and medical applications. One of the reasons is that the yield of
oxidized oligosaccharides is rather low. Once the yield can be significantly increased
by, for example, protein engineering of LPMOs, it can be expected that these LPMOoxidized oligosaccharide may serve as novel and functional ingredients. For example,
it is suggested that starch-derived oxidized oligosaccharides (aldonic acids) can be
applied for cosmetic and dermatological uses (182). Due to the similar structure,
oxidized cello- and chito-oligosaccharide aldonic acids might be used for comparable
applications. Production of these valuable compounds from (plant cell wall) biomass
instead of (edible) starch crops could be of great interest for future sustainable
industrial applications.
All in all, LPMOs have huge potential to be applied in industrial lignocellulosic biomass
degradation and valorization, and their further characterization presents a challenge
for future research.
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Summary
Lytic polysaccharide monooxygenases (LPMOs) have been shown to play an important
role in enzymatic conversion of plant cell wall polysaccharides during lignocellulosebased biorefinery, which is considered as a sustainable process for the production of
biofuels, biochemicals and biomaterials. In the last decade, advances have been
achieved in revealing the three-dimensional structure and catalytic mechanism of
LPMOs, however, (bio-)chemical characterization and understanding cleavage profiles
is still limited. Assigning such characteristics will contribute to the understanding of
biological functions and roles of LPMOs in nature, and to the further implementation of
LPMOs for industrial applications. Therefore, this thesis attempted to provide deeper
insights into the mode-of-action, regioselectivity, substrate cleavage profiles and
specificity of Auxiliary Activity (AA) family 9 LPMOs from the fungus Myceliophthora
thermophila C1 (MtLPMOs), and from the fungus Neurospora crassa (NcLPMOs).
In Chapter 1, the background and objectives of this PhD project are described. The
first part of the general introduction starts with the composition and architecture of
plant cell walls. Subsequently, structure and composition of the three major plant cell
wall components cellulose, hemicellulose and lignin are presented, together with their
interactions within the plant cell wall. In addition, plant cell wall polysaccharide
degrading enzymes classified in the Carbohydrate-Active enZymes (CAZy) database
are described, with focus on cellulases, xylanases and xyloglucanases. In the second
part of the general introduction, an overview of published LPMO research is provided
till early 2018 (e.g., till the start of this PhD research). This overview includes the
discovery of LPMOs, current classification of LPMOs, structural features of LPMO
catalytic domains and the often attached carbohydrate-binding modules. Furthermore,
the current understanding of O2- and H2O2-dependent catalytic pathways,
regioselectivity and substrate specificity is reviewed. We also set out (partially)
characterized MtLPMOs and NcLPMOs till the beginning of this PhD project. Lastly, an
overview of analytical approaches and assays to monitor LPMO activity and catalytic
performance is provided.
In Chapter 2, we investigated product profiles of four fungal AA9 LPMOs (MtLPMO9B,
MtLPMO9H, MtLPMO9I and NcLPMO9M) during their oxidative cleavage of three types
of cellulose: bacterial cellulose (BC), Avicel® PH-101 (AVI), and regenerated
amorphous cellulose (RAC). First, we showed that removal of a CBM1 did not alter the
substrate specificity of MtLPMO9B, but decreased the efficiency of degradation of all
three types of cellulose. Subsequently, we quantified the oxidized ends in both soluble
and insoluble fractions, and profiled the oxidized cello-oligosaccharide patterns
generated by MtLPMO9B (with and without a CBM1) from time-course incubations. It
was found that MtLPMO9B released mainly oxidized cellobiose from BC, while a more
evenly in degree of polymerization (DP) distributed mixture of oxidized cellooligosaccharide (DP2‒8) was found for AVI and RAC. Our findings suggest that
cellulose specificity and product profiles of AA9 LPMOs are modulated by the type of
cellulose rather than being LPMO type dependent.
In Chapter 3, mass spectrometric fragmentation behaviors and patterns of (NaBD4reduced) non-, C4- and C1-oxidized cello-oligosaccharides were studied by using
hydrophilic interaction chromatography and negative ion mode collision induced
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dissociation‒mass spectrometry (HILIC-ESI-CID-MS/MS2). We revealed that each type
of cello-oligosaccharide studied showed a distinct “signature mass spectrometric
fragmentation pattern”: i) non-oxidized showed predominantly C- and A-type
cleavages; ii) C4-oxidized underwent B-/Y and X-cleavage close to the oxidized nonreducing end, while C-/Z- and A-fragmentation were predominated closer to the
reducing end; iii) C1-oxidized showed extensively A-cleavage, and iv) reduced showed
predominant both B-/Y- and C-/Z-, close to the non-reducing end.
In Chapter 4, we reported for the first time, identification of a series of LPMO
products: C4/C6-double oxidized cello-oligosaccharides aided by NaBD4 reduction and
HILIC-ESI-CID-MS/MS2. We found that C4/C6-double oxidized cello-oligosaccharides
were generated by C4- and C1/C4-oxidizing LPMOs, but not by C1-oxidizing ones. By
using isotope labelled H218O, we confirmed that the C6-gem-diol structure resulted
from monooxygenation, though oxidation to a C6-aldehyde, followed by hydration to
the C6-gem-diol, could not be excluded.
In Chapter 5, five segments around the LPMO active site (Seg1‒Seg5) involved in
substrate recognition were defined based on a structure-based alignment. Next, we
investigated the changes in activity induced by shortening the Seg2 or removing the
CBM1 from NcLPMO9C. The absence of CBM1 reduced the binding affinity and activity
of NcLPMO9C, but did not alter its regioselectivity. The linker was found important for
the thermal stability of NcLPMO9C and the CBM1 improved binding to RAC. The wildtype NcLPMO9C exhibited the highest activity and strongest substrate binding.
Shortening of Seg2 greatly reduced the activity on RAC and completely abolished the
activity on xyloglucan.
In Chapter 6, we characterized xyloglucan degradation profiles and elucidated
structures of oxidized xylogluco-oligosaccharide formed by NcLPMO9C and NcLPMO9M.
Our detailed structural characterization showed that oxidative cleavage occurred next
to glucosyl units substituted with galactosyl and xylosyl substituted units. This chapter
further shows our structure-based phylogenetic analysis of AA9 LPMOs. By assigning
substrate cleavage specificities of NcLPMO9C, NcLPMO9M and other published
xyloglucan-(in)active LPMOs to this structure-based phylogeny, we indicated a
correlation between the configuration of active site segments and xyloglucan specificity
of AA9 LPMOs. In brief, LPMOs with +Seg1‒Seg2 were found to be tolerant to xyloglucan
substitution, while LPMOs with ‒Seg1+Seg2 were found to be intolerant to xyloglucan
substitution. LPMOs with ‒Seg1‒Seg2 or ‒Seg1+Seg2+Seg3 were not active towards
xyloglucan. All three types could oxidatively cleave cellulose.
In Chapter 7, a new MtLPMO9F and a partially characterized MtLPMO9H were studied
for their substrate specificity, especially for their xyloglucan specificity. Aided by NaBD4
reduction and HILIC-ESI-CID-MS/MS2 analysis, we found that both MtLPMOs released
predominately C4-oxidized, and C4/C6-double oxidized xylogluco-oligosaccharides.
Further characterization showed that MtLPMO9F, having –Seg1+Seg2, generated a
“substitution-intolerant” xyloglucan cleavage profile, while for MtLPMO9H (+Seg1–
Seg2) a “substitution-tolerant” profile was found. The here characterized xyloglucan
specificity and substitution (in)tolerance of MtLPMO9F and MtLPMO9H was as predicted
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according to our previously published phylogenetic grouping of AA9 LPMOs based on
structural active site segment configurations (in Chapter 6).
In Chapter 8, we studied a new AA16 member from M. thermophila C1 (MtAA16A),
which was suggested to act as LPMO. We found that MtAA16A did not show any
oxidative cleavage of carbohydrate substrates including cellulose, hemicellulose, chitin
and starch. However, MtAA16A largely boosted all three AA9 MtLPMOs in their
oxidative cellulose degradation. The same boosting effect was observed for another
AA16 enzyme from Aspergillus nidulans (AnAA16A). However, oxidative cellulose
degradation by three NcLPMOs was not boosted by the two AA16 oxidoreductases. The
boosting effect was found to relate to H2O2 production by the AA16s and suggested to
relate to a fine-tuned H2O2 delivery helped by specific protein-protein interaction.
In the final Chapter 9, outcomes and findings of the previous chapters are discussed
in context of recent literature (2018-2021). The diversity of AA9 LPMOs with focus on
MtLPMOs and NcLPMOs is presented in two overview tables and discussed with recent
published data. In addition, recommendations for further improvements of the
developed chromatographic approaches in this thesis are provided. The intriguing dual
ability of AA9 LPMOs and AA16 oxidoreductases to produce and/or consume H2O2
depending is further highlighted. Connected to this dual ability, in Chapter 9, the
accuracy and outcomes of an in literature widely used H2O2-based activity assay to
monitor LPMO activity are questioned. Furthermore, new results of a syringol-H2O2
driven LPMO reaction are presented, and the potential of using lignin derived
compounds to drive LPMOs in degrading lignocellulose is discussed. Lastly, we present
current applications and future perspectives of LPMOs in lignocellulosic biomass
degradation and valorization.
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