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Marvelling at the astonishing diversity of living forms 
today, we find ourselves asking the same question that 
Charles Darwin, D’Arcy Thompson and Alan Turing 

asked throughout the nineteenth and twentieth centuries1–3: how 
do reproducible body patterns and shapes emerge from interac-
tions between individual cells? Morphogenesis of any multicel-
lular organism relies on growth rate and direction. As plant cells 
are encapsulated in their cellulosic walls and unable to migrate, 
directional growth of plant tissues and organs is achieved through 
anisotropic cell expansion and division plane positioning. Both 
processes are preceded by the establishment of polarity at the cel-
lular and tissue levels in a number of developmental contexts4–6. 
Cellular polarity is manifested by the segregation of subcellular 
components, such as RNAs, proteins, organelles and hormones. 
The polarity of cells can be coordinated at the tissue level, also 
known as planar polarity. The establishment of cell polarity biases 
many key processes in plant growth and development and there-
fore has to be tightly regulated7.

In the past few decades, deep insight has been gained into the 
establishment of polarity in yeast and animal models, highlight-
ing the role of polar cortical protein domains in this process. The 
key elements of the polarity machinery in animals (for example, 
PAR polar proteins) and the crucial role of their interactions with 
the cytoskeleton have been revealed using Caenorhabditis elegans 
and Drosophila models8,9. A number of polar proteins associated 
with specific domains of the cellular cortex have also been identi-
fied in plants. Among these are BREAKING OF ASYMMETRY IN 
THE STOMATAL LINEAGE (BASL), POLAR LOCALISATION 
DURING ASYMMETRIC DIVISION AND REDISTRIBUTION 
(POLAR) and BREVIS RADIX (BRX) in stomatal development; 
PIN proteins enabling polar auxin transport; and SOSEKI fam-
ily members that can potentially constitute a coordinate system, 
integrating apical–basal and lateral polarities4,6,7,10. However, the 
machinery driving polarity establishment in plants remains poorly 
elucidated, and the primary cues that guide proteins towards their 
polar domains are not well understood.

Cell polarity and other aspects of plant development have long 
been proposed to be regulated by biochemical signals4,7. However, 
it is becoming evident that mechanical cues are also critical in 
instructing polarity establishment and other crucial processes in 
plant development, such as differentiation, expansion, cell division 
and cell-fate specification11–17. This implies that mechanical forces 
are intimately intertwined with biochemical pathways in orchestrat-
ing plant development and morphogenesis16,18–21, akin to insights 
gained from animal models22,23.

It is, however, not clear how mechanical signals are perceived 
and translated into such cellular responses. The cell wall probably 
plays a key role in the perception of mechanical signals. Anisotropy 
of its expansion determines cellular growth direction and is in 
fact regulated by subcellular structures, such as cortical microtu-
bules (CMTs) that are associated with the cellular cortex and guide 
the deposition of the key component of the cell wall, cellulose 
fibrils24. Polar protein domains, in turn, adjust the organization of 
CMTs12,25–28. This suggests an interesting connection and mutual 
regulation between the cell wall, polar cortical domains and subcel-
lular structures. In this Review, we focus on the workings of this 
continuum and address its role in the mechanical control of plant 
morphogenesis.

Mechanical forces in plant cells and tissues
Small mechanical stresses acting on a solid body, such as a cell wall, 
result in small elastic (reversible) deformations, whose magnitude 
is proportional to the ratio of the stress amplitude over the material 
stiffness. For larger stresses that exceed the elastic yield limit of the 
material, irreversible (plastic) deformations occur due to yielding 
of the solid walls. Directional deformations, such as those involved 
in polar cell growth (for example, elongation or tip growth), require 
either anisotropic stresses or anisotropic mechanical properties.

Internal mechanical forces in plant tissues are largely of osmotic 
origin (Fig. 1a) and are isotropic at the cell level. Turgor pres-
sure pushes the plasma membrane (PM) against the cell wall; the 
resulting elastic expansion generates tensile stresses in the wall, 
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which responds with an equal and oppositely signed force, pro-
viding a counterbalance to the osmotic stress29. This force bal-
ance of outward-directed turgor and inward-directed stress due 
to wall stretching, known as a tensegrity (tensional integrity) bal-
ance, provides walled cells with their rigidity, which is key for plant 
morphogenesis30–32. The balance between the two opposing forces 
sets the whole cell wall network of an organ to a state of pre-stress 
(pre-existing tension), making it susceptible to responding glob-
ally to local mechanical stimuli32. One can envision an analogy to 

the mechanical network of a spider web, where fibres are intercon-
nected in such a way that disturbing the force balance locally (for 
example, by pulling a single thread) sets in motion stress redistri-
bution across the whole network. This principle offers a picture of 
morphogenesis as a self-sustained mechanical system that regulates 
its mechanical state through local mechanical signals. Information 
in a mechanical network system can be relayed rapidly, since the 
propagation of mechanical signals in theory can occur at the speed 
of sound, much faster than the diffusion or active transport of  
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Fig. 1 | Mechanical forces in plant cells and tissues. a, The origin of mechanical forces in plant cells and tensegrity of plant tissues. In the central cell, turgor 
pressure (P, black arrows) pushes the PM (black) against the cell wall (pale green), generating tension. The cell wall responds to the tensile stress with an 
equal and oppositely signed force (red arrows). Anisotropy of cellular growth (blue arrows in lateral cells) is achieved by the activity of cell-wall-modifying 
enzymes, resulting in wall loosening (green pattern) or stiffening (orange pattern). b, Direction of maximal tension (red arrows) in the SAM (top) instructs 
the positioning of division planes (bottom, black lines). Cells where tissue tensile stress is isotropic (top, yellow area of the SAM) divide along the shortest 
path (bottom, yellow cells), while cells where tissue stress is anisotropic (top, orange area of the SAM) divide along a longer path (bottom, orange cells). 
The black arrows on the cells in the lower panel indicate turgor pressure. c, Tensile pattern resulting from cell ablation instructs cell division in the SAM. In 
the intact SAM (top), tensile stress is isotropic, and cells divide along the shortest path. Cell ablation (bottom, black zone) results in an anisotropic tensile 
pattern (circumferential) and reorientation of the division planes. d, The role of tensile stress in the organization of CMT arrays and polar protein domains. 
Anisotropic tensile stress resulting from cell ablation causes reorientation of CMTs and PIN1 polar domains in the SAM (bottom).
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chemical cues. Initially, the principle of tensegrity was applied to 
animal cells, where specific architectures are achieved through 
the interplay between cytoskeletal elements that act as both 
compression-bearing and tension-generating elements32,33.

The balance between turgor and cell wall tensile resistance deter-
mines plant growth rate and direction29. Turgor pressures and cell 
wall stiffness vary widely among different cell types, resulting in a 
broad range of stresses and deformation amplitudes within a single 
organ34,35. We note that turgor magnitude alone does not dictate 
the tensile stress in the walls, whose amplitude is determined also 
by the thickness and local geometry of the wall and its mechani-
cal response. Moreover, the mechanical pattern of an organ is influ-
enced by its shape, its rates of cell division, its structure and the 
topology of its tissues. At the cellular level, the combination of three 
factors (namely, turgor pressure, biochemical heterogeneity of the 
cell wall and cellular geometry) determines the cell-autonomous 
(subcellular) stress pattern. Since stresses are locally integrated, 
cell-autonomous mechanical stress can be overridden by tissue-wide 
stress (supracellular) of a greater magnitude14.

Because mechanical interactions are long-ranged in an elastic 
network structure such as the plant cell wall, the local force balance 
on the wall of a single cell is governed by a complex mechanical 
interplay spanning beyond its direct neighbours. As a result, dif-
ferent walls of the same cell can bear different stresses13,36,37. Tissue 
topology also contributes to the mechanical heterogeneity of plant 
cells. In many cases, the outer cell layers are under tension, while 
inner cells are under compression—for example, as demonstrated 
by the outward curling of peeled epidermal cell layers, where the 
outer wall is under higher tensile stress than the inner wall, leading 
to tensile deformations on the exterior and compressive deforma-
tions on the interior of the curl29,34. The mechanical state of walls 
in a tissue is thus highly heterogeneous in both space and time, 
caused by the complex network topology, difference in turgor pres-
sures between cells and local variations in wall stiffness and yield 
stress. Wall mechanics are also inhomogeneous in space and time 
due to biochemical remodelling of the cell wall through the dif-
ferential deposition of cell wall components and local activity of 
wall-modifying enzymes38 (Fig. 1a).

While cell growth is driven by osmotic pressure, the direction of 
growth is determined by a combination of elastic interactions with 
neighbours and an inhomogeneous yield resistance of the wall29. 
Local modifications to cell wall yield resistance are thus critical 
to polarized growth. Moreover, the force equilibrium at the tissue 
scale, through balancing the tensegrity of individual cells across the 
tissue, results in complex mechanical patterns that can instruct divi-
sion plane positioning, as evidenced in the shoot apical meristem 
(SAM)11. In the central SAM region, where stress on individual cells 
is isotropic, division follows the shortest path. By contrast, in the 
boundary region, where cells are under highly anisotropic stresses, 
cells instead divide along the axis of maximum tension, which is a 
longer path (Fig. 1b)11. In line with the notion that cell divisions are 
under mechanical control, in one study, cell ablation in the SAM led 
to the rearrangement of stress patterns and resulted in the reorien-
tation of cell divisions in the shoot apex (Fig. 1c)12. The mechani-
cal stimulus in this experiment also triggered the repolarization of 
auxin transporter PIN1 and the reorganization of CMTs12 (Fig. 1d). 
This peculiar behaviour of the subcellular structures instructed by 
mechanical patterns provides a different perspective on how plant 
polarity is established.

Polar protein domains and membrane heterogeneity
The development of different tissue-specific cellular morphologies 
is often preceded by the establishment of polar domains within cells, 
marked by the localization of unique (polarity) proteins4,5. Here we 
will distinguish three types of polarity establishment: (1) polarity 
formation during localized cellular growth, (2) transient polarity 

establishment during asymmetric divisions and (3) stable polarity 
of polyhedral cells, which are characterized by flat, angular faces 
with sharp edges and corners (axial polarity; this type of polarity 
will gain the main focus in this manuscript). The first polarity type 
is encountered in tip-growing cells, such as root hairs and pollen 
tubes, or during the formation of jigsaw-puzzle shapes of leaf epi-
dermal pavement cells, where it is marked by the formation of PM 
domains decorated by Rho of Plants (ROP) GTPases5,39. An example 
of transient polarity is found in stomatal development, where asym-
metric divisions require the formation of polar domains of BASL, 
POLAR and BRX4,6,7. An example of stable polarity is found in poly-
hedral root cells, where apical and basal (apical–basal polarity) or 
inner and outer lateral membrane domains (lateral polarity) are 
uniquely marked. The former is characteristic of transmembrane 
PIN-FORMED (PIN1-4 and PIN7) auxin transporters40, as well as 
of membrane-associated BRX and OCTOPUS (OPS) required for 
phloem development (Fig. 2a)41,42. The lateral polarity is manifested 
by transmembrane nutrient transporters, such as REQUIRES HIGH 
BORON1 (BOR1) and NOD26-LIKE INTRINSIC PROTEIN 
5;1 (NIP5;1) facilitating boron transport, as well as transmem-
brane kinase receptor INFLORESCENCE AND ROOT APICES 
RECEPTOR KINASE (IRK) (Fig. 2a)43–45. Interestingly, the prefer-
ence for specific cell faces of the proteins is often cell type depen-
dent. PIN2 thus localizes to the basal face of cortex cells but shows 
apical localization in the epidermal cell file, while IRK localizes to 
the outer and inner cell faces in the endodermis and cortex, respec-
tively (Fig. 2a)40,45. Importantly, face localization of the abovemen-
tioned polar proteins is maintained throughout a cell file and is thus 
an example of planar polarity that suggests the presence of polarity 
fields in plant bodies.

Apart from cell faces, protein domains can also be associated 
with cell edges. Examples include GAMMA TUBULIN COMPLEX 
PROTEINS2 and 3 (GCP2 and GCP3)27, CLIP-ASSOCIATED 
PROTEIN (CLASP)25,46 and Rab-A5c26 (Fig. 2b), which are enriched 
at cellular edges. The edges of root cells can also be decorated by 
members of the SOSEKI protein family, which demonstrate a prefer-
ence for specific edges and tissue types10. Unlike those of GCPs and 
CLASP, which are restricted to edges, the domains of SOSEKI also 
spread to cell faces (apical/basal and inner/outer lateral) that con-
verge on a specific edge (Fig. 2b). The edge preferences of SOSEKI 
proteins are conserved throughout specific cell files, suggesting yet 
another case of planar polarity. Surprisingly, the PM association of 
SOSEKI proteins can be easily perturbed by both osmotic shock and 
the digestion of the cell wall, pointing to the dependence of these 
polar protein domains on either properties of the cell wall or cellular 
geometry imposed by the intact cell wall. Integrity and the connec-
tion of the cell wall to the PM have also been shown to be crucial for 
the maintenance of PIN polar domains47.

Specific preferences of polar proteins for certain faces or edges 
within a given cell and their differential localization in different 
tissue types illustrate the complex nature of the cellular polarity 
machinery in plants and emphasize the contribution of PM hetero-
geneity to its establishment. Heterogeneity is an intrinsic property 
of eukaryotic plasmatic membranes, which are highly compartmen-
talized structures, composed of lipids and proteins that segregate 
into domains with specific properties (Fig. 2c)48,49. The domains of 
PMs vary strongly in composition and size. The smallest domains, 
called membrane rafts (2–20 nm in diameter), have been described 
as liquid-ordered protein–lipid aggregates enriched in sterols and 
sphingolipids50. The binding of proteins to these nanodomains 
through protein post-translational modifications, such as the addi-
tion of glycosylphosphatidylinositol and S-acyl (palmitoyl) moi-
eties51,52, or via electrostatic interactions53 might lead to the fusion of 
membrane rafts and their aggregation into higher-order structures, 
called membrane microdomains (from 40–300 nm to micrometres 
in diameter)54.
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Well-known examples of such domain-associated proteins 
include flotillins and remorins, which decorate distinct microdo-
mains at the cytosolic leaflet of the PM in animal cells and whose 
plant homologues also associate with PM microdomains55,56. 
Analysis of the distribution of these markers in Arabidopsis and 
tobacco cells suggests that different sides of a single cell might 
possess specific temporally stable microdomain signatures57. The 
advancement of microscopy techniques has allowed further study 
of the behaviour of PM microdomain arrays in vivo in plants and 
has demonstrated that the horizontal movement of these arrays 

within a single leaflet of the lipid bilayer (known as lateral diffu-
sion) is restricted, and they remain stable on timescales of several 
minutes47,57–62. It is still unclear how this lateral segregation of PM 
components is maintained. Studies analysing microdomains in ani-
mals and yeast have demonstrated their association with the cellular 
cortical cytoskeleton, which rendered the microdomains immobile 
for minutes to hours (Fig. 2c)48,63,64. A similar organizing role of the 
cytoskeleton has been reported in plants in the context of the leaf 
and root epidermis57,62,65,66. The role of CMTs in restricting lateral 
diffusion has also been demonstrated for a special case of polar 
growth in leaf trichomes, where cortical CMTs restrict the move-
ment of PM-associated SPK1, a member of the guanine nucleotide 
exchange factor family67.

Another prominent stabilizer of nano- and microdomain struc-
ture of the PM in plants is the cell wall. This was suggested a decade 
ago by a study reporting on the mobility of a set of PM proteins 
bearing a minimal PM anchoring domain and a fluorescent tag. The 
study demonstrated that the cell wall was important to temporally 
immobilize the tagged proteins68. This notion was corroborated by 
more recent reports showing cell-wall-dependent stabilization of 
PM domains associated with the polar auxin transporter PIN3, the 
pathogen receptor FLAGELLIN SENSING2 (FLS2), flotillin and 
hypersensitive induced reaction proteins. These studies also sug-
gested involvement of the CMT cytoskeleton in preventing lateral 
diffusion of these domains within the PM69,70.

Altogether, it emerges that the PMs of living cells are highly 
heterogeneous, and different PM sides of a single cell possess spe-
cific temporally stable signatures of nano- and microdomains. An 
important question is whether and how these nanodomain sig-
natures determine cellular polarity domains decorated by known 
polar proteins. Can polar proteins directly recognize the areas 
with specific nanodomain signatures? A recent study using the 
model of leaf epidermis pavement cells demonstrated that this is 
a plausible scenario by showing that membrane nanoclustering 
underlies cell polarity establishment71. The study demonstrated 
that auxin-mediated nanoclustering of cell surface transmembrane 
receptor-like kinase 1 (TMK1) initiated the establishment of ROP6 
polar domains during morphogenesis of pavement cells and high-
lighted the interdependence of this polar domain formation and 
cytoskeleton organization. As this context is an example of polar 
growth, it remains to be addressed whether such phenomena also 
guide the formation of polar domains in general and whether planar 
polarity markers (such as SOSEKI) follow PM microdomain signa-
tures. Another important point that lacks sufficient insight is the 
nature of the cues orchestrating the targeting of proteins to their 
polar PM domains. The emerging importance of mechanical cues in 
development and morphogenesis makes one wonder whether these 
cues can instruct the polar protein localization and what the mecha-
nistic basis of such regulation could be.

Mechanosensing and transduction
The cell wall–PM–cytoskeleton continuum has long been hypoth-
esized to represent the cornerstone of plant mechanical responses, 
although the mode of action and regulation of this continuum 
remains unclear, largely due to the complexity of responses. For 
example, plant cells have to be able to accurately perceive informa-
tion on the strength and direction of mechanical signals, if these 
are to be used as developmental cues. Furthermore, the signalling 
between the cell wall and the interior is expected to be bidirectional.

The remarkable biochemical and mechanical heterogeneity of 
plant tissues discussed above should be regarded as an important 
premise for mechanosignalling. While insight into how mechanical 
heterogeneity is established and maintained is rather advanced38,72, it 
is less clear how it is first translated into PM properties and to other 
subcellular responses. Stresses that are experienced by the cell wall 
are first relayed to the PM, which ‘gates’ mechanical information 
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and transduces it to the cellular interior. It has long been established 
that the PM ‘senses’ mechanical signals through mechanosensitive 
ion channels that control the passage of ions across the PM upon 
stimulation73. It is, however, not well elucidated whether and how 
mechanosensitive ion channels read the mechanical heterogeneity 
of the cell wall and whether they could play a role in maintaining it.

CMTs are well known to play an important role in controlling 
cellular mechanical anisotropy, through regulating the deposition of 
cellulose fibrils and thereby determining cellular shape and growth 
direction74,75. Mutants affected in CMT organization demonstrate 
morphological defects reflected in severe distortion of cell shapes 
and a switch to isotropic growth76. Cell geometry has an impor-
tant influence in organizing CMT arrays: in single cells, arrays are 
typically aligned along the longest cellular axis77,78. However, in the 
context of plant tissues, this rule is often disobeyed, suggesting that 
geometry-determined CMT organization can be regarded as the 
‘default’ that is adjusted by tissue-borne cues. But how do CMTs 
perceive wall and membrane mechanics? Knowledge on how micro-
tubules are anchored to the PM is rather limited. The only available 
reports suggest that phospholipase and CELLULOSE SYNTHASE 
INTERACTIVE PROTEIN 1 (CSI1) are involved in this process; 
however, no mechanism has been proposed, and mutant phenotypes  

suggest the involvement of additional factors79–81. The control of 
CMT stability and dynamics is understood in more detail. These 
two processes involve microtubule-associated proteins, which, as the 
name suggests, bind CMTs82. A prominent example is KATANIN, 
which severs CMTs and is therefore crucial for the reorganization 
of CMT arrays16,83. Another important microtubule-associated pro-
tein is CLASP, which specifically localizes at cell edges and stabilizes 
the polymerization of CMTs (Fig. 2b). In the cells of clasp mutants, 
CMTs are not stabilized at sharp edges and are therefore more likely 
to undergo a catastrophe and depolymerization25,46.

Apart from CLASP, the organization of CMTs at edges depends 
on edge-localized GCP2 and GCP3 (Fig. 2b)27. Interestingly, CLASP 
and GCP2/3 proteins do not decorate all cellular edges but have 
rather specific preferences that change as cells progress through 
developmental zones. Thus, in root tips, GCP2/3 is found at trans-
verse edges but is absent from longitudinal ones27. CLASP is mainly 
present at transverse edges of cells in the root apical meristem but is 
enriched at longitudinal edges of cells in the elongation zone25. This 
shows that CLASP and GCP2/3 polar protein domains determine 
the heterogeneity of the PM cortex and modulate CMT organiza-
tion and that cellular biochemistry allows the overriding of physi-
cal constraints dictated by the intrinsic properties of CMTs. How 
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far can we extrapolate this phenomenon? It is tempting to specu-
late that PM-associated polar proteins in general could contribute 
to the modulation of CMT behaviour. Indeed, proteins that asso-
ciate with the PM form an intricate patchwork on its surface and 
might thereby locally adjust its characteristics, such as electrostatics 
and shape. One can assume that such adjustment of PM properties 
might enable a fast and local cellular response to external stimuli 
that would allow the level of complexity required for a cell to ‘sense’ 
mechanical anisotropy within plant tissues.

The modulation of CMT organization is not restricted to edge 
PM domains, as CMT arrays have also been shown to be coupled 
with domains of PIN and ROP proteins at cell faces28,84. The role 
of polar domains in the CMT network has also been supported by 
computational studies25,85. However, does such regulation of CMT 
arrays by polar domains have an effect on morphology? Considering 
the crucial role of CMTs in the deposition of cellulose fibrils that 
determine cellular growth direction, one would expect this to take 

place. Indeed, the root and hypocotyl cells of clasp mutants mainly 
expand isotropically, and their leaf pavement cells exhibit simpler 
shapes86. Similarly, plants mutant for the edge-localized trafficking 
regulator Rab-A5c exhibit disturbance in CMT arrangement that 
leads to severe morphological defects26. Specifically, in the absence 
of Rab-A5c polar domains, the normal predominantly isotropic 
CMT organization is reverted to strongly anisotropic transverse 
(circumferential at the organ scale) in epidermal root tip cells of 
the mutants (Fig. 3a). While such transverse alignment could be 
a compensatory response to preserve mechanical anisotropy, it is 
also conceivable that, in the absence of Rab-A5c function at edges, 
the CMT array orients by default according to tissue tensile stress, 
which is presumably circumferential. Analysis of NPA-induced 
naked inflorescences of the pectin synthesis mutant quasimodo 
(qua1-1)87 allowed researchers to address this question. These 
mutants show cell-to-cell adhesion defects that appear as cracks in 
the epidermal cell layer, where tensile stress is the highest, although 
heterogeneity in the strength of the middle lamella may also con-
tribute to crack patterns. Mutant stems showed longitudinal cracks, 
suggesting a circumferential direction of the maximal tensile stress 
(Fig. 3b). Interestingly, the predicted stress pattern was accurately 
aligned with CMT arrays. This peculiar behaviour of CMTs pointed 
to their possible role as indicators of tensile stress patterns at the 
tissue level. The semblance of shape between the inflorescence and 
the root tip, as well as their similarly slow longitudinal growth that 
mainly occurs through cell division, allow us to draw a parallel and 
assume that the maximal tensile stress in the root tip might also be 
circumferential.

Interestingly, cellular force microscopy analysis of the onion 
epidermal layer has demonstrated that cellulosic walls at cell edges 
might be softer, which might make them less capable of preserv-
ing curvature88. It is therefore tempting to speculate that RAB-A5c 
might have a role in modulating mechanical properties at edges. 
This is consistent with the highly isotropic cellular expansion of 
Rab-A5c-deficient plants, where cells swell and obtain spherical 
rather than polyhedral shapes26. This observation raises a set of 
interesting questions. Does Rab-A5c locally modulate tension at cell 
edges? If so, does this allow the mechanical properties of the PM to 
be uncoupled from those of the cell wall and thereby allow CMT 
arrays to disobey organization according to the direction of maxi-
mal tension? Can Rab-A5c protein domains instruct the reverse 
mechanical signalling (from the PM to the cell wall)? Hopefully, 
these questions will soon be addressed by future studies.

Tension as an instructive cue in plants
The notion that cellular geometry is not the sole determinant of 
CMT behaviour has been corroborated by studies analysing CMT 
arrays in root and hypocotyl epidermal cells, showing that the orga-
nization of CMTs differs between outer and inner periclinal cell 
faces89,90. This discrepancy was attributed to the difference in tensile 
stresses between cell faces—the outer face is under tension, while 
the inner face is under compression34,36. Particularly, there was little 
or no CMT anisotropy observed at the outer face, while CMT arrays 
at the inner face were in perfectly transverse orientation. The differ-
ential CMT orientation was consistent with the observed arrange-
ment of cellulose fibrils in the hypocotyl89,90. CMT arrays sensitively 
responded to rearrangement of the tensile stress pattern in a study 
employing longitudinal compression of hypocotyls. Upon such 
compression, the direction of maximal tension changed from longi-
tudinal to transverse, and CMT arrays at the outer face conformed, 
shifting orientation from longitudinal to transverse91. Tension could 
thus be an instructive cue for CMT organization, as reviewed in 
detail elsewhere75.

CMTs are indeed very sensitive to mechanical stimuli in ablation 
experiments in the SAM or wounding of root tissues12,13,92. The rear-
rangement of CMTs in cells around an ablation site (Fig. 1d) was not 
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Fig. 4 | Sensitivity of CMTs to tensile stress and their role in growth 
anisotropy. a, CMT organization follows the cellular tensile pattern 
(examples of a leaf epidermal pavement cell and stomatal guard cells are 
shown). The orange lines represent the alignment of CMTs, and the black 
arrows indicate maximal tension. b, CMTs orient perpendicularly to the 
principal direction of strain, enabling anisotropic growth in root polygonal 
cells. c, The role of CMTs in cellulose synthesis (left, localization of CMTs 
at the PM and deposition of cellulose fibrils in the cell wall of a polygonal 
cell; right, CMTs are connected to the cellulose synthase (CESA) complex 
through CSI1, thereby directing the deposition of cellulose fibrils).
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accompanied by obvious alteration of the shapes of these cells, further 
corroborating the notion that CMT organization cannot rely solely on 
geometry cues13,84. In addition, CMTs have been shown to accurately 
follow the tissue mechanical pattern and have been proposed to be a 
proxy for tensile stress11,13,18,75. It is known that CMTs are involved in 
the reinforcement of the cell wall, enabling plant cells and tissues to 
resist the stress as they align along the maximal tensile stress, and in 
the direct deposition of cellulose fibrils (Fig. 4a,c)13,15,37,74,93,94. It has 
also been shown that CMT arrays can be perpendicular to maximal 
strain (and therefore support growth anisotropy; strain is a measure 
of deformation) (Fig. 4b) and are parallel to maximal tensile stress 
(and therefore allow cells to indirectly resist stress though coupling 
with cellulose synthesis; Fig. 4c)13,14,16,18,91,93,94. It should be noted that 
CMTs are not always perpendicular to maximal strain but rather 
align with it, as in the boundary region of the SAM11. This observa-
tion does not contradict the notion that CMT arrays are guided by 
tension, since strain and maximal tension co-align in this region.

It is important, however, to understand what sort of stresses 
CMTs can sense. On the one hand, in the model of the SAM, it has 
been demonstrated that CMT organization is instructed by tissue 
shape-derived tension13. On the other hand, a study using leaf pave-
ment cells suggested that CMT arrays are orchestrated by subcel-
lular mechanical stresses, which, however, can be overridden by 
tissue-wide mechanical stresses of a greater magnitude14. These 
insights suggest that one has to consider the interplay between 
the subcellular and supracellular stresses while studying CMT 
organization.

Responsiveness of CMTs to tensile stress was observed in several 
studies using artificial systems75, as well as in a recent report using 

Arabidopsis protoplasts95. Tension has also been reported to instruct 
the localization of PIN1, intriguingly, in a CMT-independent man-
ner. This allows one to assume that the localization of polar protein 
domains can be instructed by mechanical stimuli independently of 
CMTs. However, one has to be careful in ruling out the interaction 
between CMTs and polar protein domains in response to mechani-
cal stimulation. As we discussed above, these two elements exist in 
intimate connection and demonstrate mutual regulation. Another 
type of cytoskeletal element, actin, has emerged as a prominent 
tension-responsive as well as tension-regulating structure in animal 
cells96–99. While it is less clear whether a similar function can be car-
ried out by actin in plant cells, one might envision such a scenario tak-
ing into account the role of actin in membrane trafficking, which is 
crucial for membrane restructuring and polar protein localization100.

The responsiveness of subcellular structures such as cytoskeletal 
elements and polar protein domains to tension aligns with the per-
ception of the developing plant organs as pre-stressed networks of 
interconnected elements, where the progression of morphogenesis 
via cell division and expansion causes the redistribution of tensile 
stresses. This rearrangement has to be accurately sensed by indi-
vidual cells, and both the magnitude and direction of tensile stress 
have to be perceived. How this is executed at the subcellular level, 
however, remains a conundrum. To answer this question, one has to 
understand what actually determines the behaviour of polar protein 
domains and cytoskeletal elements. One might intuitively assume 
that the alteration of PM properties under tension might play a role. 
However, it remains an open question as to which PM properties 
are involved and how a purely physical phenomenon such as tensile 
stress would translate into cellular responses.
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Fig. 5 | Physical control over PM organization and behaviour. a, The role of the cytoskeleton in the propagation of tensile stresses in the PM of HeLa cells 
(top, an intact HeLa cell; bottom, a HeLa cell with a bleb, a region of the PM not attached to the cytoskeleton). On each cell, two tethers are pulled using 
micropipettes, and PM tension is read through detecting the fluorescence intensity of a PM-localized reporter (dark green indicates higher tension; light 
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a bleb, stronger pulling by one tether results in equal PM tension in both. b, Lipid phase separation in artificial vesicles triggered by an increase in surface 
tension caused by hypotonic shock. c, Lipid coating of cubic particles. The lipid bilayer undergoes phase separation into liquid-disordered and liquid-ordered 
phases, schematically represented by red and blue dotted patterns, respectively.
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Cellular structures under physical control
PM tension has a profound effect on cellular processes in animals. It 
has been demonstrated to affect cell migration101, vesicle fusion and 
recycling102,103, the progression of the cell cycle104, cell signalling101,105 
and mechanosensation106. If PM tension is to be an instructive cue, 
it should be localized in specific PM domains without dissipat-
ing throughout the cell on timescales relevant for its perception. 
It should inflict a local impact and also scale with the magnitude 
of mechanical stimulation at specific parts of the cell. Until very 
recently, the PM was viewed as a “fluid-mosaic”107, behaving as a 
fluid-like structure. It was, however, unclear at what speed and to 
what degree local changes in PM tension propagate in cells108. In 
line with the fluid-mosaic hypothesis, studies using artificial lipid 
bilayers demonstrated that changes in membrane tension propagate 
across a cell-sized region in milliseconds109,110. In recent years, it 
has been proposed that temporally stable tension gradients might 
be present in the PMs of living cells105,111–113, where additional com-
plexities exist that may change membrane behaviour relative to that 
in minimal synthetic systems.

One example came from a conceptually simple but technically 
challenging experiment of pulling two membrane tethers simulta-
neously with two micropipettes and monitoring the signal intensity 
of PM protein marker in these tethers in HeLa cells114 (Fig. 5a). This 
experiment convincingly demonstrated the existence of localized 
mechanosignalling within living cells and the possibility of strong 
mechanical heterogeneity within the PMs of living cells. This notion 
aligns with the finding that PM tension might not be equal at all 
sides of plant cells13,89,93,94. Several key questions emerge. How is ten-
sion perceived by subcellular structures, such as CMTs and polar 
protein domains? Can tension be translated into PM heterogeneity? 
Can it be a stress-magnitude-dependent response?

The principles of membrane organization are largely unexplored. 
For example, it remains unclear whether physical characteristics of 
a membrane, such as tension, actually determine and modulate its 
heterogeneity. Studies using artificial lipid vesicles have demon-
strated spontaneous segregation of multicomponent membranes 
into separate phases—namely, a liquid-ordered phase enriched in 
sphingolipids and cholesterol and a liquid-disordered phase48,115. 
These artificial membrane systems allowed researchers to study 
the behaviour of membrane domains and gain insight into physi-
cal control over their formation. The effect of lateral membrane 
tension was first observed in artificial membrane models, such as 
giant lipid vesicles, which represent closed semi-permeable com-
partments consisting of phase-separating lipid mixtures116. Placing 
such vesicles into hypotonic conditions that cause an influx of 
water and thereby result in an increase in membrane lateral tension 
induces the formation of lipid domains (Fig. 5b). More precedents 
of a similar phenomenon are known from earlier reports117–119 and 
seem to be consistent with observations in living cells119. In yeast, 
a decrease in tension triggers PtdIns(4,5)P2 phase separation into 
invaginated membrane domains, which cluster and deactivate the 
target of rapamycin complex 2 (TORC2), triggering a signalling cas-
cade120. The recent development of sensitive plant-cell-permeable 
mechanoprobes provides an excellent opportunity to visualize the 
stress patterns of inner tissues of plant organs at the subcellular 
scale121. Using these probes in live cells, one can envision address-
ing whether mechanical anisotropy of the cell wall is translated into 
mechanical properties of the PM (tension) that could underlie the 
formation of specific nanodomain signatures, which in turn might 
be recognized and targeted by PM-associated polar proteins. As the 
nanodomain signatures would feature specific assortments of both 
lipids and transmembrane proteins, this scenario would account 
for the targeting of a wide range of perimembrane proteins, such as 
those associating with the PM through interaction with lipids, via 
transmembrane protein partners or by anchoring the PM with their 
fatty-acid tails gained through post-translational modification.

Tensile strain is known to also affect PM composition by alter-
ing membrane trafficking in plant cells. Both exocytosis and endo-
cytosis have been shown to be influenced by PM tension122–126. 
Interestingly, the modulation of membrane trafficking by tensile 
strain affects the abundance of PIN1 in the tomato SAM17. The same 
study demonstrated that another PM-localized protein, H+-ATPase, 
responds to changes in PM tension in a similar manner, albeit with 
lower sensitivity. The basis of the differential sensitivity of these two 
PM-localized proteins to mechanical stimuli remains unknown.

Apart from tension, phase behaviour within lipid membranes can 
be instructed by curvature. This notion comes from experiments 
using artificial multicomponent lipid bilayers that were pulled into 
highly curved shapes, placed into shaped environments or assem-
bled on shaped substrates127–130. All these approaches of adding cur-
vatures to lipid bilayers resulted in lateral demixing of lipids in an 
interesting fashion: liquid-ordered and liquid-disordered domains 
occupied regions of low and high curvature, respectively (Fig. 5c). It 
is conceivable that these insights gained in artificial systems might 
be applicable to living systems as well. If true, the phenomenon of 
lateral phase separation in the PM might underlie the interplay 
between membrane geometry and its composition and represent a 
potential pathway for translating cellular geometry into biochemi-
cal response. The effect of PM geometry on symmetry breaking has 
been previously observed in living systems. The contact of a neutro-
phil with a surface or substrate has been demonstrated to result in 
a local increase in PM curvature that in turn serves as an instruct-
ing cue for binding SRGAP2 through its curvature-sensitive F-BAR 
domain. This binding activates PI4KA and results in PM PtdIns4P 
polarization, which triggers a cascade reinforcing neutrophil polarity 
and further increasing curvature, thereby reinforcing its attachment 
to endothelium131. Moreover, the binding of BAR proteins consoli-
dates PM microdomains through impeding their lateral diffusion.

This mechanism of self-reinforcing polarity in animals trig-
gered by a cue relies on basic physical principles. A recent study 
showed an interesting case of symmetry breaking in tobacco proto-
plasts that are initially spherical and possess a polar BASL domain 
that migrates around the PM before it becomes fixed. The fixation 
of the polar domain in one position at the PM is accompanied by 
growth anisotropy of the protoplasts132. It will be interesting to learn 
whether this intrinsic polarity is instructed by PM heterogeneity 
that was present before the cell wall lysis (PM memory). Likewise, it 
will be important to understand whether this polarization involves 
feedback of BASL on PM curvature, thereby triggering anisotropic 
growth and the reinforcement of polarity. Here we can draw a paral-
lel with artificial vesicle models and speculate how impactful the 
effect of curvature on PM organization can be in plant cells, which 
are encapsulated in the rigid cell wall, imposing specific cellular 
geometry. An important notion to be kept in mind while determin-
ing the effect of PM tension and geometry on polar protein localiza-
tion is the intimate connection and interdependence between these 
two processes. The recently developed molecular mechanoprobes 
hold great promise in understanding the individual effects of ten-
sion and geometry on the establishment of PM heterogeneity and 
the formation of polar protein domains121.

Polar domains in the cross-talk between the cell wall and 
cellular interior
Similarly to mammalian tissues, where mechanical stimuli are 
actively transduced by the extracellular matrix and then perceived 
at the PM, in plants, these instructing cues are first transmitted by 
the cell wall to the PM, where known mechanosensory molecules 
are located. It remains unknown whether the wall itself features 
active mechanoperception molecules in plants.

Along with the cytoskeleton, the cell wall has been demon-
strated to regulate both the dynamics and size of PM nanodomains 
in Arabidopsis60,69,70. This follows from the intimate connection 
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between the cell wall and the PM, with a wealth of transmem-
brane proteins that anchor the PM to the cell wall. Nanodomains 
containing such cell-wall-interacting transmembrane proteins 
would directly depend on and respond to minute changes in cell 
wall mechanics and expansion (Fig. 6). The distribution of nanodo-
mains can be instructive for the formation of higher-order protein 
domains, such as those decorating individual cell faces and edges 
(BASL, SOSEKI and so on). Cues coming from the cell wall in the 
form of altered tension or curvature can thus be translated into 
heterogeneity of the PM and eventually into the establishment of 
higher-order polar domains that would serve as a scaffold for sub-
cellular elements, including proteins and the cytoskeleton (Fig. 6). 
Some of the recruited elements of the subcellular interior would then 
play a role in sustaining the formed PM heterogeneity or further  

reinforcing it131,133. The established cellular polarity would further 
underlie growth anisotropy and morphology changes132 (Fig. 6).

In addition to a protoplast system, anisotropy of growth accom-
panied by the formation of PM polar protein domains has also been 
observed in a tissue context. Dong and colleagues observed bulging 
of hypocotyl epidermal cells upon overexpression of BASL protein 
in Arabidopsis6. The exclusive localization of BASL domains in the 
formed bulges hints at a cause-and-effect relationship and allows 
us to speculate that BASL domains trigger the alteration of cell wall 
properties, leading to the bulge formation. Polar protein domains 
that are in contact with both the PM (in turn directly connected 
to the cell wall) and the cellular interior might thus operate at the 
interface between mechanics and morphogenesis, enabling bidirec-
tional signalling.

Acting as a lateral diffusion barrier for PM components, polar 
domains can also enable tension build-up, thereby modulating 
membrane mechanical anisotropy. This phenomenon has been 
demonstrated in vitro using membrane nanotubules, where BAR 
protein scaffolds created a frictional barrier to lipid diffusion134. 
As discussed above, the cytoskeleton also plays an important role 
in constraining membrane lateral diffusion. Both polar protein 
domains and the cytoskeleton are known to be linked to morpho-
genesis. For example, mutants affected in microtubule dynamics 
exhibit pronounced morphological defects. Mutations in genes 
encoding the microtubule-associated proteins SPIRAL2 and 
KATANIN, which modulate CMT severing, resulted in the forma-
tion of narrow and blunt sepal tips, respectively18. Moreover, CMTs 
can direct the deposition of cellulose fibrils, thereby determining 
the direction of cell wall expansion. CMTs might also be part of a 
feedback mechanism leading to cellulose-mediated rigidification of 
the cell wall where local stresses arise135,136. Correct localization of 
the polar auxin transporter PIN1 is crucial for the establishment of 
auxin flow and organogenesis at the SAM through cell wall loosen-
ing137. The organization of cytoskeletal elements, in turn, is adjusted 
by polar protein domains25–27. This scenario suggests that all ele-
ments (namely, the cell wall, the PM, polar protein domains and the 
cytoskeleton) are intimately connected, linked in a mutual feedback, 
and act as a composite material rather than individual components. 
Polar proteins in this composite structure might act at the interface 
between the PM (which perceives mechanical stimuli from the cell 
wall) and subcellular structures (Fig. 6).

The mechanical regulation of morphogenesis allows cells to inte-
grate shape with function, something that could not be achieved by 
biochemical regulation alone. Its long-range signals convey infor-
mation rapidly and instruct on both magnitude and directional-
ity. However, the processing of the information and the feedback 
to mechanics are inconceivable without biochemical regulation 
that steps in to provide the complexity of responses to mechanical 
cues and ultimately creates the wealth of shapes and forms observed  
in nature.

Conclusion
It is becoming evident that mechanical forces act as instructive 
cues in plant development and morphogenesis. However, we still 
lack key insights into how mechanical signals are perceived, relayed 
and translated into cellular responses. The central role in this pro-
cess is conventionally attributed to the cell wall–PM–cytoskeleton 
continuum. However, growing knowledge of polar protein domain 
functions and their interactions with every element of the above 
continuum suggests that polar proteins might be an intrinsic part of 
the cell mechanical machinery. Considering the specificity of polar 
protein domains for certain tissue types and developmental stages 
and their responsiveness to mechanical stimuli, one can specu-
late that they could allow for a tailored adjustment of the cellular 
response to mechanical stimuli and underlie the complexity of this 
response. We emphasize that these intimately connected elements 
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Fig. 6 | The role of polar protein domains in the mechanical regulation 
of plant morphogenesis. Mechanical signals that originate from changes 
in the tissue tensile stress during morphogenesis (for example, during 
SAM organogenesis or lateral root development) alter the mechanical 
pattern of the cellulosic wall at the subcellular level (1, red arrows). The PM 
conforms and changes its tensile pattern (2). The alteration of the tensile 
pattern of the PM results in its reorganization through phase separation 
of its components or through membrane trafficking (3, white circles). The 
new membrane organization (the signatures of nanodomains are indicated 
by coloured areas in the PM) instructs the localization of polar proteins 
(4, yellow and green dotted patterns), which, through interactions with 
the cytoskeleton, further reinforces PM heterogeneity. This consolidates 
polarity, which is a prerequisite for numerous cellular responses (such as 
division plane positioning). PM heterogeneity also affects the composition 
of the cell wall by modulating the activity of cell-wall-modifying enzymes, 
thereby facilitating the establishment of its biochemical and mechanical 
heterogeneity at the subcellular level (5). Cellular responses to the 
mechanical cues, such as local alteration of cell wall properties or deviation 
of division plane orientation, will affect the mechanical pattern at the tissue 
level and ultimately influence the course of morphogenesis (6).
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should be regarded as a composite material rather than individual 
structures. We draw attention to the bidirectional feedback between 
plant morphology and biochemistry mediated by mechanical signal-
ling and ask how this feedback is regulated. The idea of mechanical 
forces serving as instructive cues in development and morphogen-
esis, processes that for decades have been approached exclusively 
from the biochemical standpoint, makes one wonder how far basic 
physical principles can be extrapolated to explain these processes in 
living systems. By analogy, it is becoming clear that another physical 
process, phase separation, can be highly relevant for many cellular 
and organismal processes.
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