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Introduction
Classically, biological systems have been primarily studied from a chemistrycentred perspective explaining the processes of life as complex chemical signalling networks. In recent years, it has become clear that also mechanical forces
play an important role in the regulation of biological processes. This realization
has opened the way to the emerging ﬁeld of mechanobiology, which aims at understanding how cells send out, interpret and internalize mechanical signals and
convert these into biochemical signals that interact with the genetic machinery
of the organism. Most of the eﬀorts in this ﬁeld at the interface of biology and
mechanics has been focused on the animal kingdom, while the study of mechanobiological processes in plants or other walled systems (e.g. fungi and oomycetes) has received much less attention. One of the key challenges to understand
how plant cells cope with mechanical stress is the detection and visualization
of mechanical patterns, in-vivo and with subcellular resolution. The goal of this
thesis is to develop new tools to visualize mechanical patterns in plant cells and
tissues. We do so by working at the interface between the mechanochemistry of
ﬂuorescent molecular rotors and plant mechanobiology.
This thesis presents a new toolbox of target-ﬁnding molecular rotors that
can be used in combination with Fluorescence Lifetime Imaging or Ratiometric
Intensity Imaging to spatially-resolve microviscosity variations in plant cells. We
explore how this toolbox can be used to better understand, from a mechanical
point of view, fundamental cellular processes occurring during the cell life cycle.
To do so we implemented the rotors both in well-deﬁned synthetic systems (giant vesicles) as well as complex biological systems (i.e. Arabidopsis thaliana roots
and leaves). Initially developed for plants, we show how the use of such tools
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can be extended to the study of other walled systems, with a particular focus
on oomycetes (i.e. Phytophthora infestans). In this introduction, we ﬁrst provide
a pertinent overview of existing experimental methods used to investigate the
mechanical properties of plant cells. We then review existing molecular rotors
used as mechanosensors and their implementations in synthetic or biological
systems.

1.1

Experimental approaches to plant mechanobiology

In recent years it has become apparent that many aspects of cell function can
be altered by mechanical stimuli; the mechanotransduction of forces into biochemical signals is of primary importance in biological systems. Cells can sense
mechanical forces in their environment and translate them into intracellular signals. Those signals, initiated at the cell wall, the most rigid part of the plant
cell anatomy, are transduced to the membrane and transmitted through cortical
and internal cytoskeleton networks to the interior of the cell, and most often
to the nucleus -thereby triggering the mechanoregulation of genetic expression
patterns-[1, 2, 3]. Mechanical cues regulate or modulate a wide diversity of essential biological processes, ranging from cell diﬀerentiation[4] and polarization[5,
6], to morphogenesis and patterning[6, 7, 8, 9].
Mechanoperception in plants occurs at diﬀerent length scales, going from
the subcellular to the organ scale. Plants can sense gravity, touch, osmotic pressure and resistance of the cell wall. These mechanical signals regulate various
developmental parameters[6, 7] such as the division orientation of cells (cells divide preferentially along the axis of maximal tension, i.e. the orientation that best
resists the maximum tensile stress[10]), cytoskeletal organization[11, 12], gene
expression (e.g. to allow for developmental response to touch. The most famous of these genes, whose expression is triggered a few minutes after touch, are
called the TCH genes[13].), cell polarity (e.g. by inducing preferential location of
the PIN1 protein at a speciﬁc site within the cell plasma membrane, depending
on membrane tension[14]).
To study the inﬂuence of mechanical stimuli in plants, the general approach
is to introduce a mechanical perturbation of the system (e.g. forced curvature[15],
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ablation[10], inversion of the gravitational ﬁeld[16]) and to observe, e.g. by timeresolved confocal microscopy, how this perturbation aﬀects the biological response. These approaches are often supported by computer simulations, e.g. to
predict stresses in a tissue after perturbation[15, 10]. However, quantitative approaches to measure mechanical properties and stress levels at subcellular scales
are still restricted. In the following, we review methods employed to assess mechanical quantities at the cellular level, within four major compartments constituting a plant cell, namely the cell wall, the membranes, the cytoplasm and the
vacuoles.

1.2

Investigating the mechanical modulation of cell walls

In plants, cells are interconnected through the network of their cell walls. These
stiﬀ structures, composed of a variety of carbohydrates and cell-wall binding
proteins[17, 1], must be rigid to provide mechanical support to the cell and counterbalance its internal turgor pressure, yet be able to yield to accomodate cell
growth and reshaping. Consequently, its mechanical properties vary signiﬁcantly
in space and time, and are tailored by its physico-chemical composition. From a
simpliﬁed composite point of view, the cell wall is composed of stiﬀ cellulose microﬁbrils embedded in a complex matrix of various compliant polymers. During
its primary phase, the cell wall is ﬂexible and plastically deformable. At this stage,
the matrix contains mainly hemicelluloses, pectin, structural proteins and aromatic substances, physically or covalently crosslinked, in proportions and crosslinking degrees that can remarkably diﬀer between species[18]. Later, as the cell
wall maturates, a secondary cell wall is deposited to provide mechanical stability, supported by a more rigid matrix of hemicelluloses and lignin. Once the cell
reaches its ﬁnal size and shape, the primary wall is also ligniﬁed. Along the whole
process, the interaction and bonding pattern between carbohydrates plays an important role in the wall mechanical properties, and is actively regulated, e.g., by
cell wall degrading or modifying enzymes[1, 18, 19, 17]. As a result, cell wall
composition, and therefore mechanical properties, vary depending on cell age
and function[1].
As the cell wall is the stiﬀest part of the plant cell structure, intracellular
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Figure 1.1: Illustration of the panorama of indentation methods applied to plant cells,
reprinted with permission from reference [20]

mechanical communication will invariably commence there. This explains why
many studies have focused on the mechanical modulation of cell walls within living tissues. To assess the mechanical properties of cell walls, numerous studies relied on indentation methods to probe the stiﬀness or apparent modulus in a spatially resolved fashion, while relating it to the local chemical composition. Figure 1.1 gives an illustration of the panorama of indentation methods applied to
plant cells. Atomic Force Microscopy-based studies of mechanical properties are
performed by collecting force-indentation curves at various cell-surface points.
Each curve comprises the approach and retraction of the AFM cantilever from
the surface, while recording its deﬂection as a function of travelled distance. The
cantilever has a calibrated stiﬀness constant so that the deﬂection can be converted into a force, and mechanical properties such as adhesion and elasticity can
be quantiﬁed. According to the indentation tip geometry, diﬀerent equations can
be used to ﬁt and translate a force displacement curve into an apparent elastic
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modulus. As an example, for a spherical indentation tip of radius R, the Hertzian
contact model is applied[21, 22].
3
4
E
F = R0.5
δ2
3
1 − ν2

(1.1)

where E is the apparent Young’s modulus, δ is the indentation depth, and ν is
the Poisson’s ratio, assumed to be 0.5.
Atomic Force Microscopy has been used for instance to map the apparent
elastic modulus of walls in the shoot apical meristem of Arabidopsis thaliana[23,
24, 21] (Fig. 1.2), to evaluate the ratio of hardness to reduced modulus of epidermal cells along Arabidopsis thaliana roots[25], or to recreate a stiﬀness distribution in the cell wall of Arabidopsis thaliana suspension cells in diﬀerent growth
phases[26].
An alternative to AFM is micro-indentation. This technique is similar to
AFM, the diﬀerence resides in the size of the probing tip that allows for vertical deformations an order of magnitude larger, and therefore extends the force
range accessible up to the mN range. Experiments are performed on a set-up that
allows for simultaneous optical imaging of the deformed region. This technique
is particularly suitable and has been employed in the study of rapidly growing
cells such as pollen tubes, where the position of the indentation tip relative to
the growing apex of the cell changes constantly. Geitmann et al.[27] used this
technique to quantify pollen tube resistance to lateral deformation forces and
analyze its visco-elasticity as a function of distance from the growing apex. They
could highlight a clear correlation between the degree of pectin methyl esteriﬁcation and the conﬁguration of the actin cytoskeleton with the distribution of
the physical properties on the longitudinal axis of the cell. With a ﬁnite-element
based simulation approach, Bolduc et al.[28] simulated the micro-indentation of
a pollen tube and manipulated geometric variables such as geometry of the cell,
cell radius, thickness of the cell wall and radius of the indenting stylus, to show
that these variables all play a role on the determined stiﬀness. Vogler et al.[29]
combined micro-indentation measurements with a ﬁnite-element-based modelling approach, which allowed them to extract the Young’s modulus of the cell
wall, as well as turgor pressure, using data on the apparent stiﬀness and shrinkage
of the pollen tube upon plasmolysis, respectively. By performing similar experi-
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ments on onion epidermal cells, Routier-Kierzkowska et al.[30] showed that local
stiﬀness measurements are tightly connected to the level of turgor pressure.
These indentation techniques allow for the invasive evaluation of the cell
wall elasticity and strength, but face a certain number of intrinsic limitations.
Mapping of the mechanical properties can be done at the surface of tissues only,
as deeper cell layers are simply not accessible for indentation. Since available
sensors are only capable of measuring forces parallel to the axis of the probe,
every contact angle between the sample and the sensor probe greater than 0° will
aﬀect the measured forces and, thus, the apparent stiﬀness[30, 31] (Fig. 1.3). In
addition, the inﬂuence of the size and geometry of the probe, and the inﬂuence of
the indentation depth have to be considered. Exceeding a certain depth threshold,
the turgor pressure might overcome the actual stiﬀness of the cell wall[28, 30, 20]
(Fig. 1.4).
To study the mechanical modulation of cell walls within living tissues, AFMbased imaging has been one of the leading techniques, used to provide maps of
apparent elastic modulus of cell walls within epidermal cell layers.
Other less common techniques involved e.g. the live cell imaging of cellulase synthase enzymes and microtubules, to study the evolution of the spatial
distribution of cellulose during development[32], or Brillouin imaging to measure spatial variations in extracellular matrix stiﬀness[33]. However non-invasive
techniques to measure local mechanical properties throughout the cell walls of
epidermal but also more internal cell layers within a plant tissue are still needed.
Techniques for direct observation without consequent prior data analysis would
allow following processes in time and further our understanding of cell wall
mechanobiology.

1.3

Lipid fluidity and microviscosity assessment at the cellular level

Just as the cell wall, the plasma membrane is a viscoelastic entity that plays a
major role in mechanotransduction. The membrane possess both viscous properties, related to the diﬀusion rate of macromolecules and organelles, and elastic
properties, which allow it to sense and respond to mechanical stresses via sensors
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of e.g. membrane unfolding, tension, or changes in curvature. A well-known example of such sensors consists in mechanosensitive ion channels, which allow
for the passage of ions across the membrane in response to mechanical stimuli,
thereby triggering adaptive response[6].
Within a cell, the plasma membrane is physically anchored to the cell wall
and cytoskeleton via the cellulose ﬁbrils and plasma membrane proteins that interact with cell wall components[34]. This anchoring is essential, among others,
for cell wall synthesis and remodelling[35, 36], and for signal transduction[37]. In
particular, several classes of transmembrane receptors (i.e. receptor-like kinases)
have been shown to participate indirectly in mechanoperception by detecting cell
wall damage. In order to maintain cell integrity and to adjust the wall properties
to accommodate the changing needs of the cell, the plasma membrane activates
cytoplasmic signalling schemes and ultimately cell wall remodelling[6, 38, 37].
Plant cell membranes are chemically- and mechanically-heterogeneous lipid
bilayers composed of phase separated lipid domains with embedded proteins
islands[39]. The existence of particular functional domains (or rafts) that exhibit a
speciﬁc molecular composition and play important roles in e.g. protein sorting or
signal transduction has been highlighted and vastly discussed along the past decade. These rafts are liquid ordered domains enriched in sterol and sphingolipids,
and depleted in unsaturated phospholipids[40]. This lateral variation in chemical
composition along the membrane leads to a complex and heterogeneous microviscosity distribution. This heterogeneity is further ampliﬁed by diﬀering tensions, actively transduced from the cell wall or applied by the cytoskeleton on the
membrane during cellular processes[41]. The cell wall as an external component
of cells is readily accessible for mechanical characterization, which is not the case
for the other cellular compartments such as the plasma membrane but also e.g.
the endomembranes, cytoplasm, and vacuoles. As a result, these compartments
are usually characterized in terms of their local microviscosity, using either molecular diﬀusion approaches or more invasive microparticle tracking microrheology techniques. The existing techniques to characterize the elastic properties
of these compartments (e.g. tensional forces) are however much more limited, as
discussed later in this section.
Microviscosity in these complex systems reﬂects the local hindrance in Brow-
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nian motion, experienced by e.g. a bead, a protein, or a ﬂuorescent molecular dye,
as inﬂuenced by hydrodynamic eﬀects but also other factors such as conﬁnement
and crowding. In this context, the notion of microviscosity relates to the rate of
diﬀusion of species, which in turn aﬀects a multitude of cellular and subcellular
processes.
To assess microviscosity in living cells, Fluorescence Recovery after Photobleaching (FRAP), Fluorescence anisotropy, or Fluorescence Correlation Spectroscopy (FCS) are commonly used molecular diﬀusion approaches.
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Figure 1.2: Mechanical measurements and cellular mapping of stiﬀness in walls from
an Arabidopsis shoot apical meristem (SAM). A, Typical force-tip position approach (blue)
and retraction (red) curves obtained on a SAM with a spherical probe tip. The retraction
curve (red) is ﬁtted using the Derjaguin-Muller-Toporov model (black dotted line) to
obtain the value of the apparent elastic modulus. B, Diagrammatic representation of the
AFM tip indenting an epidermal cell in the SAM, either on an outer (periclinal) wall or
on walls normal to the surface (anticlinal). When indentation depth is greater than wall
thickness, periclinal walls are expected to bend more and to appear softer than anticlinal
walls. C and D, Analysis of stiﬀness in the SAM of a plant expressing GFP-tagged-CLV3
proteins. Shown is the global map of the apparent elastic modulus of a region of the
SAM (C), delimited by the white outline in the surface projection of the confocal image
(D), with the white dots serving as reference landmarks. The plant was stained with the
FM4-64 dye to detect cell contours (in red), while GFP expression is shown in green.
E and F, Quantiﬁcation of stiﬀness maps. Maps of anticlinal (E) and periclinal (F) walls
were reconstituted after segmentation of one of the AFM stiﬀness maps from the global
map shown in C. Scale bars = 20 mm in C and D and 5 mm in E and F. Figure reprinted
with permission from reference [23]
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Figure 1.3: Eﬀect of slope on the apparent stiﬀness. A, Microscopic view of a turgid

onion epidermis during the measurements. The shadow of the indenter is visible in the
top part of the photograph. The black rectangle indicates the scanned area of the tissue.
Scale bar = 40 µm. B, Color map of the angle (°) formed between the cell surface and
the indenter probe. C, Color map of the apparent stiﬀness (N m−1 ) measured during
the scan. D, Color map of the corrected stiﬀness (N m−1 ) computed using the measured
stiﬀness, the surface slope, and the bending stiﬀness of the indenter probe. Figure reprinted with permission from reference [30]
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Figure 1.4: Puncture of the cell wall and eﬀect of the release of turgor pressure on

apparent stiﬀness. A, Light microscopy image and heat maps of the measured stiﬀness
for the scanned region before puncture. B, Light microscopy image and stiﬀness map of
the same region after puncturing the middle cell. The site of puncture is out of the image
frame. Bars = 40 µm. C, Force-displacement signal during cell wall perforation. The ﬁrst
noticeable rupture occurs at around 9 µm indentation depth. Locally releasing turgor
pressure by puncturing the top wall produced similar stiﬀness values as for plasmolysed
cells after correcting for geometry. The color scale indicates apparent stiﬀness in N m−1 .
Figure reprinted with permission from reference [30]
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10 s – 2 min for a single
or a few discrete spatial coordinates

A few seconds for an image
100 ms – a few seconds for an image

5 – tens of nm

Particle Tracking Microrheology (PTM)

10 s – 10 min
for a single spatial coordinate

200 nm – 1 µm
200 nm – 1 µm

30 nm (STED-FCS) – 500 nm

Fluorescence Correlation Spectroscopy (FCS)

Tens of seconds for a single spatial coordinate
300-450s for an image

180 - 450 s for an image

200 nm – 1 µm

Fluorescence anisotropy

1s – a few min for a single spatial coordinate

Time resolution (i.e. time of one measurement)
1 – 10 min

200 nm – 1 µm

3 – 10 µm

Fluorescence Recovery After Photobleaching (FRAP)

Fluorescence Lifetime Imaging Microscopy (FLIM)
with molecular rotors
Ratiometric imaging
Single-molecule methods

Lateral resolution
10 nm – 1 µm

Experimental approach
Indentation methods e.g. Atomic Force Microscopy (AFM)

Fluorescence anisotropy
Rotational correlation time
“Rotational” microviscosity
Translational diﬀusion coeﬃcient
“Translational” microviscosity
Convection velocity
Chemical reaction rate
Complex shear modulus
Translational diﬀusion coeﬃcient
"Translational" microviscosity
Fluorescence lifetime
“Rotational” microviscosity
“Rotational” microviscosity
Cell-substrate adhesion forces

Translational diﬀusion coeﬃcient
“Translational” microviscosity

Mechanical property
Elastic modulus

Plasma membrane[55]
Endomembranes[56]
Plasma membrane
n.a.[57, 58, 59, 60]

Cytoplasm[53, 54]

Plasma membrane[49, 50, 51]
Cytoplasm[52]

Plasma membrane[46, 47]
Cytoplasm[48]

Cellular compartment studied
Cell wall[24, 23, 21]
Plasma membrane[42]
Endomembranes[43]
Cytoplasm[44, 45]

Table 1.1: Comparative table of the diﬀerent main approaches used to investigate cellular and subcellular mechanical properties, both in animal and plant cells.
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Figure 1.5: FRAP analysis of the diﬀusion of GFP-tagged vesicular stomatitis virus G

(VSVG) protein within the endoplasmic reticulum membrane of COS cells. Cells were
incubated at 40°C or 32°C in the presence of brefeldin A for 24h. Images were obtained
before photobleaching and at the indicated time points after. The photobleached area
is outlined by a box. Scale bars = 10 µm. The VSVG protein is misfolded at 40°C and
correctly folded at 32°C. This data shows that both forms of protein are highly mobile in
endoplasmic reticulum membranes. a, Evolution of ﬂuorescence intensities (normalized
to prebleach values) from FRAP analyses, plotted against time for VSVG–GFP in the
endoplasmic reticulum, at 40°C or 32°C, in the presence of brefeldin A. b, Evolution of
ﬂuorescence intensities for VSVG–GFP in the endoplasmic reticulum, at 40°C, with or
without ATP depletion. Figure reprinted with permission from reference [43]

FRAP relies on the rapid and irreversible photobleaching of ﬂuorescently labelled molecules within a region of interest (ROI) using a laser pulse tuned to an
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appropriate wavelength. Following the light pulse, the recovery of ﬂuorescence
intensity, mediated by diﬀusion of unbleached molecules into the ROI, is monitored to assess the diﬀusion rate of ﬂuorescent species. By ﬁtting the recovery
curve with a mathematical model suitable in terms of system geometry and ROI
size and shape[61], the mobile fraction of ﬂuorophores and their diﬀusion coefﬁcient can be determined.
FRAP has been extensively used in biological systems to study the diﬀusion dynamics of proteins in membranes. Consistent examples are the study of
protein[62] and lipid[42] lateral diﬀusion in the plasma membrane of animal cells.
Klein et al.[42] emphasized that internalization of the ﬂuorescent probe, or nonspeciﬁc staining, can easily corrupt the computed diﬀusion coeﬃcient, as not
only intra-membrane diﬀusion, but also diﬀusion of dye present in the vicinity
of the membrane, will contribute to the overall ﬂuorescence recovery.
This technique has also been employed to study the diﬀusional mobility of
membrane components within endomembranes[43, 63] as well as to monitor
events inherent to cell division and signalling, such as nuclear membrane dynamics during mitosis[64, 65]. An example of FRAP analysis within the endoplasmic
reticulum membrane of COS cells is given in Figure 1.5. The determination of
diﬀusion coeﬃcients requires assumptions to be made so as to choose the appropriate mathematical model to ﬁt the ﬂuorescence recovery curve. In membranes,
a 1D[63] or 2D[42] diﬀusion model is commonly used. In the case of more complex, tortuous membranes, this can lead to an underestimation of the diﬀusion
coeﬃcient.
FRAP has provided insight into cytoplasmic diﬀusion dynamics within diverse types of animal cells[44, 66, 67], and more recently Kingsley et al.[45] used
FRAP to probe the cytoplasmic viscosity within tip-growing plant cells of Physcomitrella patens. By combining experimental and simulated FRAP, they highlighted the non-negligible sensitivity of FRAP curve ﬁtting analysis to cell geometry, comparing the cytoplasmic diﬀusion coeﬃcient in the same cell but at
two diﬀerent locations, namely the tip and shank of the cell.
Even though FRAP is a valuable technique for studying diﬀusion dynamics,
it requires care when translating recovery dynamics into diﬀusion coeﬃcients,
or microviscosities. Moreover, the high laser intensities used can alter cellular
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responses (e.g. by locally heating the cell). FRAP stays limited in its resolution,
as a reduction of the radius of the bleached spot increases the error associated
with the measurement. As a consequence, this technique cannot provide suﬃcient insight into the mechanical microdomains constituting the membrane, as
the measurement is an average over a ROI larger than the typical domain size.
In a ﬂuorescence anisotropy experiment, a ﬂuorophore is excited by a polarized laser beam. The ﬂuorescent emission thereby generated is recorded through
a polarizer which allows to collect both vertically and horizontally polarized
light separately. From those quantities, the anisotropy can be computed. In the
case of time-resolved ﬂuorescence anisotropy measurements, an anisotropy decay can be plotted. By ﬁtting the decay curve with an exponential function, a
rotational diﬀusion coeﬃcient is deducted[68, 69]. Best et al.[70] determined the
diﬀusion coeﬃcient of small ﬂuorophores in synthetic dimyristoylphosphatidylcholine bilayers. They concluded that to describe membrane ﬂuidity three viscosities need to be considered; one viscosity for motions connected with positional displacements of lipid molecules (e.g. translation and rotation of proteins and small molecules such as lipids), another viscosity for motions which are
coupled to orientational ﬂuctuations of lipid molecules (e.g. wobbling of small
molecules), and a third viscosity for motions which are not hindered by lipid
molecules (e.g. the rotation of small molecules).
Fluorescence anisotropy measurements have been performed in live cell membranes to measure membrane ﬂuidity[47] and lipid order[71], but also in other
cellular compartments, e.g. to measure the cytoplasmic viscosity of ﬁbroblasts[48]
the one of B cells[68], or the vacuolar viscosity of yeast cells[72]. These measurements provide insight into ﬂuorophore rotational mobility, but spatial variations of anisotropy in systems as complex as living cells are in general diﬃcult to interpret accurately without performing other types of experiments. To
circumvent this limitation, ﬂuorescence anisotropy measurements are usually
combined with other techniques to gather more information on diﬀusion processes. For example, Swaminathan et al.[44] used FRAP combined with ﬂuorescence anisotropy measurements with a GFP protein to measure cytoplasmic
diﬀusion in CHO cells. They showed that solute translational mobility in the
cytoplasm is determined primarily by the crowding density. In several studies,
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ﬂuorescence anisotropy rotational correlation time imaging has also been combined with Fluorescence Lifetime Imaging Microscopy (FLIM)[68, 46, 73], as it
can provide valuable complementary information on the viscosity of the probe
environment, or allow to distinguish viscosity variations from binding eﬀects.
Another technique to monitor cellular viscosity and translational diﬀusion is
FCS. FCS measures the spatio-temporal correlation of individual ﬂuorophores
with themselves in a femtoliter observation volume. It is therefore especially
useful for characterising small dynamic systems. By ﬁtting the correlation decay with a suitable model depending on the situation[74], one can compute the
average diﬀusion time, the convection velocity, or the chemical reaction rate constants of molecules through the studied volume. FCS has mainly been used in the
study of lipid ﬂuidity and membrane viscosity, to monitor the diﬀusion of membrane microdomain markers[49, 50], which provided evidence for the existence
of microdomains in the plasma membrane. Other applications of FCS include
the study of microdomain formation[75, 76, 77], membrane-associated proteins
diﬀusion and segregation[78, 79] or protein-molecule interactions[80, 81]. A few
studies used FCS to probe other cellular compartments. For instance, Berland
et al.[52] showed that two-photon FCS can be used to measure the cytoplasmic
microviscosity of mouse ﬁbroblast cells, and Wachsmuth et al.[82] investigated
the diﬀusion characteristics of GFP mutants in the nuclei of AT1 and COS7 cells.
While useful to probe translational diﬀusion at discrete locations in cells, FCS remains a complex technique that involves long measurements times. When probing slow membrane dynamics for instance, a loss of focus in time can lead to enlargement of the detection area, and membrane motions can lead to distortions
of the correlation curves. Moreover this technique requires low ﬂuorophore concentrations and is sensitive to photobleaching[83].
Finally, mechanical and more invasive techniques, such as particle-tracking
microrheology (PTM), have been used to characterize the cytoplasm of live animal cells in discrete locations of the cell[84, 85, 53, 86, 87]. An example is given
in Figure 1.6. The motion of 10−1 -100 µm exogenous particles, freely diﬀusing
or actively dragged under the action of an external magnetic ﬁeld, is monitored
optically and provides information on local densities and conﬁgurations of the
cytoplasm and cytoskeleton. The dynamics of particle motion are usually de-
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Figure 1.6: Multiple-particle microrheology mapping of a living cell. A diﬀerential interference contrast micrograph was superimposed to a ﬂuorescence micrograph of the
trajectories of microinjected microspheres. The trajectories, which were recorded for
20 s, were transformed into local compliances, which were normalized by the maximum
compliance and color coded between red (most compliant microenvironment within the
cell) to blue (least compliant microenvironment). For the measurement 0.1 µm-diameter
carboxylated microspheres. Scale bar, 30 µm. Figure reprinted with permission from reference [53]

scribed by the time-dependent mean-square-displacement, calculated from the
three-dimensional trajectories of the particles’ centroids. In the active approach,
or in the passive approach applied to systems assumed to be at equilibrium, the
mean-square-displacement provides a direct measurement of the diﬀusion coefﬁcient and complex shear modulus of the medium. However, results in cells from
studies using single-particle versions of the two approaches yield shear moduli
diﬀering by orders of magnitude and exhibiting qualitatively diﬀerent frequency
dependencies[88, 89, 90]. These results are further limited by ambiguities associated with tracer boundary conditions, medium heterogeneity, and the applicability of the Fluctuation Dissipation theorem[87].
A non-invasive particle tracking method, replacing exogenous beads with
endogenous subcellular markers (e.g. lipid-storage granules) has been used to investigate the viscoelastic properties in the cytoplasm of frog oocytes[91]. However, extra care has to be taken when translating mean square displacements into
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diﬀusion coeﬃcients; the particles must be spherical and rigid-like beads to satisfy Stokes’ law, and the surface chemistry as well as exact size of the particles
should be known. Even though this technique requires low collection times (e.g.
10-20 s to measure the frequency-dependent viscoelastic moduli over two decades in frequency), it does not allow to resolve a microviscosity pattern at the
pixel size resolution. All these techniques can provide insight into cellular processes but methods for direct local observations at high resolution are still needed.
In parallel to the diﬀusion-related viscous properties of the plasma membrane, investigating its elastic properties turns out to be challenging in plant cells.
Numerous studies conducted on animal cells investigated membrane tension using micropipette aspiration[92, 93]. This technique is however not applicable to
plant cells where the membrane is protected by a stiﬀ cell wall. In that context,
non-invasive ﬂuorescence imaging techniques, such as FLIM, appear as a logical
solution. For example, Colom et al.[94] developped a planarizable ﬂuorescent
probe, FliptR, to monitor changes in membrane tension. Upon increased tension,
FliptR planarizes and its ﬂuorescence lifetime increases, giving an easy readout
for spatio-temporal variations in membrane tension.
In the next section we focus on molecular rotors in combination with imaging techniques such as FLIM or ratiometric imaging. We show why this approach is a promising alternative to follow cellular processes in time, with high
spatial resolution.

1.4

Molecular rotors applied to cell mechanobiology

One of the great advances from the ﬁeld of mechanochemistry in the past decade, providing a basis for progress in mechanobiology, is the development of molecular probes in which mechanical stress elicits a detectable optical signal. Such
optical mechanoprobes can aid in the visualization of mechanical patterns with
molecular precision, without necessitating external perturbation of the organism or biological structure. Molecular mechanoprobes come in many diﬀerent
ﬂavors and operate on the basis of diﬀerent mechanisms, such as bond rupture
sensors (e.g. spiropyran[95, 96, 97], dioxetane[98, 99]), molecular elastic springs
(e.g. conjugated polymers[100], DNA-unzipping force sensors[57, 59]), or mo-
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lecular rotors, in which a molecular rotation couples to the mechanics of its surroundings. Molecular rotors constitute ‘passive’ probes, in the sense that they do
not require active stress generation, while the other examples are ‘active’ probes
that only function under the action of actively generated stresses. In the previous
sections we described existing techniques that have been employed to probe the
mechanical properties at the cellular level, as well as their drawbacks. In this section we introduce molecular rotors as choice candidates to map microviscosity
patterns at the cellular and subcellular levels. This constitute the starting point
of this thesis.
Molecular rotors are small ﬂuorophores whose ﬂuorescence emission intensity vary in response to changes in the microviscosity of their direct environment. This change in emission occurs through the competition between the
two main energy decay paths of the molecules; a radiative decay of the excited
state, and an intramolecular rotation that changes the nature of the electronically
excited state responsible for photoemission. The majority of molecular rotors
exhibit a Twisted Intramolecular Charge Transfer (TICT) mechanism[56, 101].
TICT is an electron transfer process that occurs upon photoexcitation in molecules that usually consist of a donor and acceptor part linked by a single bond.
For these molecules, TICT state formation takes place by photoinduced charge
transfer from the donor to the acceptor unit with subsequent intramolecular rotation. This new adopted conformation is lower in energy, and decay from this
charge transfer state to the ground state leads to a decreased emission intensity, and to a decreased ﬂuorescence lifetime. As the rate of rotation is dependent
on the local free volume available, those molecules can be used to probe microviscosity; the intramolecular rotation will become more hindered as the solvent
viscosity increases (i.e. as the molecular free volume decreases), which will result in an increased quantum yield and ﬂuorescence lifetime.
It is important
to highlight that the charge separation associated with TICT formation is accompanied by an increased dipole moment, which can lead to a more or less
pronounced polarity sensitivity of ﬂuorescence[101, 102]. A more polar solvent
stabilizes the TICT state further, and thus favours relaxation from that state, resulting in a lower quantum yield as well as a lower ﬂuorescence lifetime.
The quantum yield Φ and ﬂuorescence lifetime τ of ﬂuorescent molecular
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rotors are deﬁned by Equation (1.2)
Φ=

kr
= kr τ
kr + knr

(1.2)

where kr and knr are the radiative and non-radiative decay rate constants respectively. They can be expressed as a function of viscosity through the equations
ﬁrst derived by Förster and Hoﬀman[103];
Φ = zη α
zη α
kr
z
logτ = log + αlogη
kr
τ=

(1.3)
(1.4)
(1.5)

where z and α are constants, and η is the viscosity.
Equation (1.5) highlights a direct linear relation between the ﬂuorescence
lifetime and the decimal logarithm of the viscosity, which can be used to determine viscosity from experimentally determined lifetimes. However this equation
is valid in a limited range of intermediate viscosities. Indeed, at low viscosities the quantum yield becomes solvent-independent, and at high viscosities the
quantum yield plateaus as the radiative relaxation of the excited state predominates over non-radiative processes. The optimal range of viscosity sensitivity varies according to the nature of the molecular rotor and the mechanism responsible
for its viscosity-sensitive response. The advantage of using ﬂuorescence lifetime
over quantum yield to determine microviscosity (Equation (1.5)) resides in the
independence of the ﬂuorescence lifetime over variations in ﬂuorophore concentration. On the other hand, ﬂuorophore concentration has a major eﬀect on
ﬂuorescence intensity. Thus, when measuring ﬂuorescence intensity throughout
a heterogeneous sample, it becomes impossible to decouple changes in concentration to actual changes in quantum yield.
Time-correlated single-photon counting (TCSPC)-FLIM is commonly used
to achieve spatially resolved imaging of ﬂuorescence lifetimes in biological samples. In order to recreate a 2D map of ﬂuorescence lifetimes at pixel resolution,
a sample incubated with the molecular rotor is repeatedly scanned by a high-
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Figure 1.7: Principle of TCSPC-FLIM. CFD: constant fraction discriminator; TAC:
time-to-amplitude converter; ADC: analog-to-digital converter; Sync.: synchronization.
A photon distribution n(x, y, t) is obtained and converted into FLIM image with data
analysis, by ﬁtting the ﬂuorescence decay in each pixel with an exponential function.
Figure reprinted with permission from reference [104]

repetition rate pulsed laser beam, and a detector detects single photons of the
ﬂuorescence signal emitted by the sample. Figure 1.7 illustrates the principle of
a TCSPC-FLIM measurement to recreate a ﬂuorescence-lifetime-based image.
Each photon is characterized by its time in the laser pulse period and the coordinates of the laser spot in the scanning area in the moment of its detection.
The recording process builds up a photon distribution over these parameters.
The result is given by an array of pixels, each containing a ﬂuorescence decay
curve in a large number of time channels. Each curve can be ﬁtted with an exponential function so as to determine the characteristic intensity decay time, i.e.
the ﬂuorescence lifetime [104, 56].
The success of a FLIM measurement relies on the availability of suitable molecular rotors that exhibit high sensitivity to viscosity variations (large α, Equation (1.5)), as well as high quantum yields to allow for fast signal accumulation.
Figure 1.8 shows examples of molecular rotors. The photophysical properties of
molecular rotors based on the 1,4-dimethylaminobenzonitrile (DMABN) design
have been investigated extensively[107, 108, 109]. DMABN is characterized by an
excitation wavelength centred on 300 nm, and a dual ﬂuorescence emission ranging from 340 to 460 nm. The low wavelength range of these dyes signiﬁcantly
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Figure 1.8: Structures of commonly used TICT molecular rotors: p-

dimethylaminobenzonitrile (DMABN) (1), 9-(2,2-dicyanovinyl)julolidine (DCVJ) (2),
9-(2-carboxy-2-cyanovinyl)julolidine (CCVJ) (3), (farnesyl-(2-carboxy-2-cyanovinyl)julolidine (FCVJ) (4). Structures of more recent rotor designs: 4,4’-diﬂuoro-4-bora3a,4a-diaza-s-indacene (BODiPY) based rotors (5), FliptR[94] (6), a thiophene-based
rotor[105] (7) and ethyl-4-[3,6-bis(1-methyl-4-vinylpyridium iodine)-9H-carbazol-9yl)] butanoate (BMVC)[106] (8)

limit their application in biological medium. More importantly, their ﬂuorescence properties have been shown to vary signiﬁcantly depending on solvent
polarity, making it impossible to diﬀerentiate between viscosity and polarity
eﬀects[102, 108].
Other rotors have been developed to circumvent these limitations. In particular, julolidine-based dyes such as 9-(2,2-dicyanovinyl)julolidine (DCVJ), 9-(2-
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carboxy-2-cyanovinyl)julolidine (CCVJ), or (farnesyl-(2-carboxy-2-cyanovinyl)julolidine (FCVJ) have been employed to investigate the increase of membrane
ﬂuidity in endothelial cells upon ﬂuid shear stress[110, 111, 112]. These rotors are
less sensitive to polarity compared to the DMABN analogues, and their excitation
and emission wavelength range are compatible with imaging in cells[101, 102].
However their short excited state lifetime (i.e. 10-100 ps) does not fall in the accessible detection range of TCSPC-FLIM. Therefore the use of these probes is
restricted to intensity imaging, and local variations in probe concentration have
to be accounted for.
More recently, rotors based on the 4,4’-diﬂuoro-4-bora-3a,4a-diaza-s-indacene (BODIPY) unit have emerged as FLIM-compatible microviscosity probes
for biological systems; these probes can be excited with a standard 488 nm or
514 nm laser line, and usually emit in the green region with long ﬂuorescence
lifetimes (typically ranging from 500 ps to a few ns). The high sensitivity of their
quantum yield and ﬂuorescence lifetime upon viscosity variations highlights them
as potential candidates to probe microviscosity in cells[73]. Moreover, they are
intrinsically less sensitive to polarity than other molecular rotors as they do not
follow an ICT type of mechanism. Indeed, in the case of BODIPY-based rotors,
the non-radiative decay pathway is not activated by a charge transfer but by
a structural distorsion of the dipyrrin unit, accompanied by a rotation of the
phenyl unit into the plane of the dipyrrin core[113, 114]. As a result the change
of dipolar moment is signiﬁcantly smaller and the polarity sensitivity weaker.
BODIPY-based rotors have been used in combination with FLIM to measure
microviscosity in the plasma membrane[55], endomembranes[73], or mitochondrial membrane[115] of cultured cells, as well as in vivo, in the connecting tissues
of subcutaneous tumors in mice[116].
Other molecular rotor designs have been developed, essentially to probe membrane ﬂuidity and lipid order. Colom et al.[94] developed a planarizable ﬂuorescent probe made of two dithienothiophene units connected through a single
covalent bond, FliptR, to monitor changes in membrane tension by changing
its ﬂuorescent lifetime as a function of the twist angle between these two units.
Dent et al.[105] studied a thiophene-based molecular rotor to probe microviscosity in the plasma membrane of diverse live animal cells, supposed to parti-
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tion equally in ordered and disordered lipid domains and allow full membrane
mapping. Zou et al.[106] designed a molecular rotor composed of two positively
charged 1-methyl-4-vinylpyridium components to image microviscosity variation in mitochondria during mitophagic elimination. When a perturbed mitochondria fuses with a lysosome to form an autolysome during the mitophagy
process, the rotation of the rotor anchored to the mitochondrial membrane gets
hindered, resulting in an increased ﬂuorescence lifetime.
Even though FLIM oﬀers the possibility to image without correcting for the
spatial variations in dye concentration, TCSPC is a relatively slow acquisition
process. Enough photon counts need to be collected in each pixel in order to
obtain a well resolved ﬂuorescence intensity decay to ﬁt for lifetime determination. Those photons are collected at a rate far below the repetition rate of the
excitation laser, to prevent detector saturation and ﬂuorescence signal pile-up.
As a result, the acquisition of a complete Fluorescence Lifetime map takes one to
several minutes, which limits the processes that can be monitored in time.
In that context, ratiometric molecular rotors could allow for a much faster
measurement with a simple confocal microscope setup, while suppressing the
dye concentration dependency. A few examples can be found in literature; LubyPhelps et al.[120] used the indocyanine dyes Cy3 and Cy5, covalently attached to
separate carrier macromolecules, as a dye pair to probe cytoplasmic microviscosity in CV1 and PtK1 cells; Cy3 acts as a molecular rotor with viscosity-dependent
nonradiative deactivation channel, and the relatively rigid Cy5 acts as reference
ﬂuorophore. Kuimova et al.[119] developed a porphyrin-dimer-based molecular
rotor that play the dual role of microviscosity probe and photosentisizer, to image viscosity variations during photoinduced cell death in the endocytotic vesicles of CHO and HeLa cells (Fig. 1.9, (1)).
BODIPY-based ratiometric probes have been synthesized by covalently binding a BODIPY-based rotor to a reference dye (e.g. coumarin[117], ﬂuorene[118],
Fig. 1.9 (2)&(3)) whose quantum yield does not vary with microviscosity. In their
study, Xochitiotzi-Flores et al.[118] extended the conjugation length between the
rotor and the reference ﬂuorene unit to inhibit the ICT process and have little to
no polarity dependence. Indeed, ﬂuorene being an electron donor, and the BODIPY core an electron acceptor, connecting those units together directly through
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Figure 1.9: Examples of viscosity-sensitive ratiometric probes: (1)[117], (2)[118] and
(3)[119].

the phenyl ring (π-conjugated linker) could allow for charge transfer. Yang et
al.[117] obtained negligible to no dependence upon polarity when connecting a
BODIPY-based rotor to a coumarin unit via a single covalent bond.
All these investigations have mainly focused on the study of membrane ﬂuidity in animal cells, leaving other cellular compartment unexplored. Our interest
is to develop a toolbox of molecular rotors applied to plant cells, or more generally to walled cells, to map microviscosity not only within the membranes,
but throughout the whole cell, across compartments of very diﬀerent physicochemical compositions.
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1.5

Outline

The content of this thesis is divided as follows; in Chapter 2, we provide a technical overview of the recipes used throughout this thesis for the synthesis of
ﬂuorescent molecular probes. Concise recipes are provided, along with design
and synthesis considerations for BODIPY-based molecular rotors.
In Chapter 3 we introduce a set of molecular rotors designed to target the
four main compartments in plant cells (i.e. vacuole, cytoplasm, membrane and
cell wall). Our results show that we can easily implement those rotors in Arabidopsis root and leaf so as to map microviscosity patterns throughout the cells
with a good spatio-temporal resolution.
In Chapter 4 we challenge the notion of ‘microviscosity’ and we discuss the
potential factors controlling the rotation rate of BODIPY-based molecular rotors in plant cells. We conclude that ﬂuorescence lifetime mapping with those rotors gives information on the relative conﬁnements and crowding density within
cells, but that care should be taken when wanting to translate lifetime into absolute microviscosity values.
Chapter 5 illustrates the use of the cell-wall targeting molecular rotor in
combination with a plasma membrane chemical polarity probe, to study the
structural eﬀects of mechanical and chemical stress on a model plant pathogen,
Phytophthora infestans, during invasion.
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Chapter 2

Synthesis of the molecular
fluorescent probes
2.1

Introduction

Research on force assessment at the molecular level in synthetic materials has
yielded a large collection of mechanoprobes to study macroscopic deformation,
failure and healing phenomena[1]. Yet, the implementation of such tools to investigate cells and tissues mechanobiology is an open frontier, especially in organisms possessing walled cells (plants, oomycetes, fungi). In the context of walled
cell mechanobiology, being able to report mechanical patterns actively generated
in vivo is a challenge of primary importance. To achieve this goal, one needs to
design and synthesize molecular sensors that meet a number of criteria; i) the
sensor should be soluble in water, to allow for cell incubation. Water-solubility
becomes unnecessary in the case of plasma membrane staining, but the dye should
still be able to partition in water to some extent; ii) the sensor needs to stain the
designated sub-cellular target with high speciﬁcity; iii) it should be suitable for
live-cell imaging, and as such be non-cytotoxic, small enough to penetrate the
cell -without requiring permeabilization or ﬁxation chemicals-, and excitable at
wavelengths that do not trigger cell autoﬂuorescence; iv) the probe should have
a suitable dynamic range in its response, to enable clear analysis of small diﬀerences in properties.
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In this thesis we synthesized and implemented molecular ﬂuorescent probes
in plant and oomycete systems, so as to investigate mechano-chemical properties in the diﬀerent cellular compartments (i.e. cell wall, plasma membrane, cytoplasm, vacuole). To enable modiﬁcations of the molecular structures in order to
address diﬀerent cellular compartments and/or to tune the emission wavelength
of the probes, synthetic protocols need to be modiﬁed and optimized accordingly. For example, to target the cell wall, one could imagine a molecular sensor
containing positively charged moieties able to establish electrostatic interactions
with the negatively charged units of the wall carbohydrate network, but not too
amphiphilic and linear, to avoid intercalation between the plasma membrane
phospholipids. To target the plasma membrane, an amphiphilic dye containing
an aliphatic tail and a low positive net charge might be more suitable. To target
the cytoplasm, the probe should be able to penetrate the cell without sticking
to the charged wall and/or phospholipids, but bulky enough to diﬀuse only very
slowly inside the vacuoles. In contrast, a small negatively charged dye will readily
diﬀuse inside the vacuoles.
In this Chapter we will detail the synthesis protocols used to synthesize the
various ﬂuorescent probes used in this study. We ﬁrst developed a set of BODIPYbased mechanoprobes to map microviscosity patterns in cells, with an initial focus on plant cells, broadened later on to other non-animal cells (e.g. oomycetes).
As a follow-up, to increase the accessibility of this method in mapping mechanical gradients, we worked on the development of ratiometric analogs composed
of the same microviscosity-sensitive BODIPY-based molecular rotor, covalently
bound to a coumarin reference unit. Additionally, we synthesized a ratiometric probe developed by Kucherak et al.[2] (NR12S), initially designed to report
chemical polarity in the plasma membrane of mammalian cells. Using this probe
allowed us to highlight changes in membrane structure and composition during
the growth and invasion process of oomycete cells, along with imaging the cell
wall microviscosity using our initial cell wall targeting molecular rotor. Figure
2.1 gives an overview of all the probes synthesized.
In the following sections, we describe the synthesis and chemical characterization of these probes in more details.

SYNTHETIC PROCEDURES

Figure 2.1: Overview of the ﬂuorescent probes synthesized in this study to map microviscosity (black) and chemical polarity (red) patterns

2.2

Synthetic procedures

All chemicals were purchased from Sigma-Aldrich, TCI Chemicals or Fischer
Scientiﬁc and used as received unless indicated otherwise. 2-Methylpyrrole was
purchased from Oxchem Corporation. All oxygen-sensitive reactions were performed under nitrogen atmosphere (by sparging reaction mixtures with gaseous
nitrogen) and slightly negative pressure. Column chromatography was performed on silica gel of 40–63 µm particle size. Where the reaction solvent or eluent
consisted of mixture of solvents, the ratios are reported by volume. 1 H and 13 C
spectra were recorded on a Bruker Avance III 400MHz spectrometer. Mass spectra (MS) were recorded using ElectroSpray Ionization (ESI) on a Thermo Scientiﬁc Exactive mass spectrometer. All the NMR and MS spectra can be found
in the Appendix of this Chapter (Figures 2.11-2.66).

41

42

CHAPTER 2

2.2.1

Microviscosity probes

In a typical Boron-dipyrromethene (BODIPY) rotor synthesis from a pyrrole derivative and an aromatic aldehyde, the aldehyde is dissolved in dichloromethane in presence of an excess pyrrole, at room temperature, to form a dipyrromethane intermediate. This step is catalyzed by triﬂuoroacetic acid (TFA). The
intermediate is then oxidized with 2,3-dichloro-5,6-dicyano-1,4-benzoquinone
(DDQ) and consecutively complexed with boron to give the ﬁnal mechanophore.
When forming the BODIPY-rotor, one can use a benzaldehyde functionalized
with a reactive group in para position (commonly Br or I), to allow for postfunctionalization without hindering the rotation between the BODIPY core and
the benzaldehyde unit -as substitution in ortho does-; this is the approach we
used to synthesize e.g. our cytoplasm targeting rotor (PEG-BDP) or our cell-wall
binding rotor (CWP-BDP). Another possibility is to use pre-modiﬁed benzaldehyde derivatives, when more complex functional groups need to be inserted, to
avoid deterioration of the rotor under the required reaction conditions; this is
the approach we used to introduce the coumarin reference unit when synthesizing the BODIPY ratiometric analogs.
BODIPY-based molecular rotors for Fluorescence Lifetime Imaging Microscopy (FLIM)
10-(4-(Bromomethyl)phenyl)-5,5-diﬂuoro-3,7-dimethyl-5H-dipyrrolo [1,2c:2’,1’-f] [1,3,2] diazaborinin-4-ium-5-uide (1)
Freshly distilled 2-methylpyrrole (421 µL, 5 mmol) and 4-(bromomethyl)benzaldehyde (500 mg, 2.5 mmol) were added to anhydrous dichloromethane
(130 mL) and the mixture was degassed by sparging with nitrogen for 30 min before addition of TFA (100 µL, 1.3 mmol). The mixture was stirred for 2h at room
temperature. 2,3-dichloro-5,6-dicyano-1,4-benzoquinone (570 mg, 2.5 mmol)
was added and the mixture degassed by sparging with nitrogen for 10 min. The
mixture was stirred further for 20 min. Diisopropylethylamine (3.06 mL, 17.6
mmol) was added, followed by the addition of boron triﬂuoride diethyl etherate (3.1 mL, 25.1 mmol). The reaction was stirred at room temperature for 24h.
The solvent was evaporated at 40°C under reduced pressure to give a dark purple
residue that was puriﬁed by column chromatography on silica gel (dichlorometh-
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Figure 2.2: Synthesis pathway of sulfo-BDP and CWP-BDP

ane) to give 1 as an orange solid (130 mg, 13% yield). 1 H NMR (400 MHz, CDCl3 )
δ 7.48 (m, 4H), 6.71 (d, 2H), 6.28 (d, 2H), 4.56 (s, 2H), 2.65 (s, 6H). 13 C NMR (101
MHz, CDCl3 ) δ 157.85, 141.61, 139.67, 134.18, 130.80, 130.30, 128.86, 119.56,
32.48, 14.94. HRMS (ESI) calcd for C18 H16 BBrF2 N2 [M-H]- , 387.0527; found,
387.0486.
10-(4-(Azidomethyl)phenyl)-5,5-diﬂuoro-3,7-dimethyl-5H-dipyrrolo [1,2c:2’,1’-f] [1,3,2] diazaborinin-4-ium-5-uide (2)
Sodium azide (80 mg, 1.2 mmol) was dissolved in Milli Q water (200 µL) and
the solution was added dropwise to DMF (5 mL). 1 (100 mg, 0.26 mmol) was
added and the mixture was degassed by sparging with nitrogen for 15 min. The
reaction was stirred at room temperature overnight, and then diluted with di-
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chloromethane. The organic solution was washed ﬁve times with Milli Q water,
dried over magnesium sulfate, ﬁltered, and the solvent was removed at 40°C under reduced pressure. The residue was puriﬁed by column chromatography on
silica gel (petroleum ether:dichloromethane=1:1) to yield 2 as an orange solid (64
mg, 71% yield). 1 H NMR (400 MHz, CDCl3 ) δ 7.51 (m, 2H), 7.44 (m, 2H), 6.69 (d,
2H), 6.28 (d, 2H), 4.46 (s, 2H), 2.65 (s, 6H). 13 C NMR (101 MHz, CDCl3 ) δ 157.84,
141.71, 137.46, 134.44, 134.08, 130.82, 130.29, 127.83, 119.55, 99.98, 54.37, 14.93.
HRMS (ESI) calcd for C18 H16 BF2 N5 [M-H]- , 350.1427; found, 350.1395.
CWP-BDP (3)
To obtain a cell-wall binding molecular rotor, we functionalized the dye with
a peptide known to mimic the pectin binding domain of Extensin proteins[3].
The resulting molecule can then target and bind speciﬁcally to the pectin network of plant cell walls. The peptide (SVHHYKYK)[3] derivative was prepared
using standard Fmoc/tBu-based protocols on a Rink amid resin by means of
an automated peptide synthesizer. Speciﬁcally, the sequence was extended on
the N-terminus with four G residues and 4-pentynoic acid in order to separate the cell wall binding peptide from the BODIPY rotor. After acidic cleavage and side-chain deprotection of the resin-bound peptide, the crude alkynepeptide derivative was subjected to copper-catalyzed alkyne-azide cycloaddition
(CuAAC) conjugation to the azide-functionalized BODIPY rotor. For this, 2 (4.2
mg; 12 µmol) was mixed with a calculated excess of the expected amount of
peptide obtained from the resin (i.e. 24.6 mg, 18 µmol) in DMF:water=1:1 (2
mL). CuSO4 (20 mg, 90 µmol) and sodium ascorbate (35 mg, 180 µmol) were
added. The reaction was performed overnight at room temperature. The crude
mixture was subjected to preparative reversed phase-HPLC using a prep-LCMS system (Alltima, C18, 5µ, 250mm x 22mm; gradient: 0–5 min @A, in 5–25
min to B, 25–30 min @B, in 30–35 min to A, 35–40 min @A [buﬀer A: 95%
MilliQ, 5% MeCN, 0.1% TFA; buﬀer B: 95% MeCN, 5% MilliQ, 0.1% TFA], tR
= 15.46 min). The puriﬁed fraction was freeze-dried to get 3 (3.3mg, 16% yield).
HRMS (ESI) calcd for C81 H105 BF2 N24 O16 [M+3H]3+ , 573.9473; found, 573.9475
and [M+2H]2+ , 860.4174; found, 860.4167.
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Figure 2.3: Synthesis pathway of PEG-BDP

Sulfo-BDP (4)
2 (45 mg, 0.13 mmol) and sulfur trioxide pyridine complex (408 mg, 2.5
mmol) were dissolved in DMF (6 mL). The mixture was degassed by sparging
with nitrogen for 15 min. The mixture was stirred at 60°C for 24h. The solution
was diluted with Milli Q water, and the aqueous phase extracted twice with chloroform. The aqueous phase was ﬁltered with a 0.2 µm pore diameter ﬁlter, and
the water evaporated under reduced pressure. The residue was run over a silica
gel column (dichloromethane:methanol=9:1 to dichloromethane:methanol=8:2)
to get 4 as an orange solid (66 mg). At this stage the product still contains 3 equivalents of pyridine for one equivalent of sulfo-BDP. This can be explained by
a strong electrostatic interaction established between the sulfonate groups decorating the molecular rotor and the pyridinium ions introduced by the sulfur
trioxide pyridine complex (that seem to play the role of counterions). In addition, sulfo-BDP carrying two negative charges, it is not possible to run the
product over long silica gel columns to ensure full separation, as it would result in more silica contamination when ﬂushing the column with dichloromethane:methanol=8:2. 1 H NMR (400 MHz, D2 O) δ 7.38 (m, 4H), 6.97 (s, 2H), 4.38 (s,
2H), 2.72 (s, 1H), 2.62 (s, 6H). 13 C NMR (101 MHz, D2 O) δ 155.73, 146.34, 139.20,
134.77, 131.71, 131.42, 129.97, 128.41, 127.30, 53.59, 38.79, 13.00. HRMS (ESI)
calcd for C18 H14 BF2 N5 O6 S22 [M-H]+ , 510.0572; found, 510.0529.
5,5-Diﬂuoro-10-(4-iodophenyl)-3,7-dimethyl-5H-dipyrrolo [1,2-c:2’,1’-f]
[1,3,2] diazaborinin-4-ium-5-uide (5)
Freshly distilled 2-methylpyrrole (743 µL, 8.5 mmol) and 4-iodobenzalde-
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hyde (990 mg, 4.3 mmol) were added in anhydrous dichloromethane (180 mL)
and the mixture was degassed by sparging with nitrogen for 30 min before addition of TFA (180 µL, 2.3 mmol). The mixture was stirred for 2h. 2,3-dichloro5,6-dicyano-1,4-benzoquinone (969 mg, 4.3 mmol) was added and the mixture
degassed by sparging with nitrogen for 10 min. The mixture was stirred further
for 20 min. Diisopropylethylamine (5.19 mL, 30 mmol) was added, followed by
the addition of boron triﬂuoride diethyl etherate (5.26 mL, 43 mmol). The reaction was stirred at room temperature for 24h. The solvent was evaporated at
40°C under reduced pressure to give a dark purple residue that was puriﬁed by
column chromatography on silica gel (dichloromethane) to give 5 as an orange
solid (355 mg, 20% yield). 1 H NMR (400 MHz, CDCl3 ) δ 7.82 (m, 2H), 7.23 (m,
2H), 6.68 (d, 2H), 6.28 (d, 2H), 2.65 (s, 6H). 13 C NMR (101 MHz, CDCl3 ) δ 158.06,
141.02, 137.46, 134.17, 133.56, 131.89, 130.12, 119.70, 96.35, 14.95. HRMS (ESI)
calcd for C17 H14 BF2 IN2 [M-H]- , 421.0227; found, 421.0187.
Alkyne-PEG (6)
Alkyne-PEG was synthesized as reported previously[4] from poly(ethylene
glycol) methyl ether 550 g/mol. Sodium hydride (303 mg of 60wt% suspension
in mineral oil, 4.5 mmol) was dissolved in anhydrous THF (50 mL). The mixture
was degassed by sparging nitrogen for 10 min and equilibrated at 0°C in an ice
bath. PEG-OH 550 g/mol (2.5g, 4.5 mmol) was added and the reaction was stirred
at 0°C for 30 min. Propargyl bromide (759.4 µL of 80wt% solution in toluene, 7
mmol) was added, the mixture was warmed up to room temperature, degassed
by applying ﬁve successive vacuum/nitrogen cycles, and stirred overnight. The
solvent was removed at 40°C under reduced pressure and the residue dissolved
in dichloromethane. The solution was washed twice with brine and dried over
magnesium sulfate. The solvent was removed to get 6 as a viscous oil (2.5g, 92%
yield). 1 H NMR (400 MHz, CDCl3 ) δ 4.16 (d, 2H), 3.60 (m, 50H), 3.33 (s, 3H). 13 C
NMR (101 MHz, CDCl3 ) δ 79.62, 74.57, 71.89, 70.53, 70.37, 70.28, 69.06, 58.99,
58.35.
PEG-BDP (7)
6 (109 mg, 0.18 mmol) was dissolved in anhydrous THF (7 mL) and the mix-

SYNTHETIC PROCEDURES

Figure 2.4: Synthesis pathway of N+-BDP

ture was degassed by sparging with nitrogen for 15 min. I-BDP (60 mg, 0.14
mmol), copper iodide (2 mg, 0.01 mmol) and bis(triphenylphosphine)palladium
(II) dichloride (2.3 mg, 3.3 µ mol) were added, followed by the addition of diisopropylethylamine (4 mL, 23 mmol). The mixture was stirred at 70°C overnight.
The solvent was removed at 40°C under reduced pressure. The residue was dissolved in dichloromethane and the organic solution washed with 1M HCl, saturated NaHCO3 and brine. The organic phase was dried over magnesium sulfate,
ﬁltered and the solvent removed at 40°C under reduced pressure. The residue
was puriﬁed by running through a neutral alumina plug with dichloromethane
as an eluent to ﬂush the impurities, and 5 v% methanol in dichloromethane to
collect the product. The solvent was evaporated at 40°C under reduced pressure
and the residue dried for 4 days in a vacuum oven at 40°C to give 7 as a red oil
(108 mg, 86% yield). 1 H NMR (400 MHz, CDCl3 ) δ 7.53 (m, 2H), 7.45 (m, 2H),
6.69 (d, 2H), 6.26 (d, 2H), 4.46 (s, 2H), 3.64 (m, 52H), 3.37 (s, 3H), 2.64 (s, 6H). 13 C
NMR (101 MHz, CDCl3 ) δ 157.87, 141.48, 134.25, 134.07, 131.50, 130.31, 124.53,
119.59, 87.33, 85.44, 71.93, 70.66, 69.32, 59.03, 14.93.
Compounds 8-11 were synthesized as reported previously[5], replacing pyrrole by 2-methylpyrrole.
4-((6-Iodohexyl)oxy)benzaldehyde (8)
Hydroxybenzaldehyde (1g, 8.2 mmol) and potassium carbonate (3.45g, 25
mmol) were dissolved in anhydrous DMF (15 mL). Diiodohexane was added (5.8
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mL, 35 mmol) and the mixture was stirred at 70°C for 5h. The mixture was cooled
down, diluted with dichloromethane and washed thrice with Milli Q water. The
organic phase was dried over magnesium sulfate, ﬁltered, and the solvent was
removed at 40°C under reduced pressure. The residue was puriﬁed by column
chromatography on silica gel (petroleum ether:ethyl acetate =7:1) to give 8 as a
colorless oil (1.18g, 43% yield). 1 H NMR (400 MHz, CDCl3 ) δ 9.90 (s, 1H), 7.84
(m, 2H), 7.02 (m, 2H), 4.06 (t, 2H), 3.23 (t, 2H), 1.85 (m, 4H), 1.51 (m, 4H). 13 C
NMR (101 MHz, CDCl3 ) δ 190.79, 164.13, 131.99, 129.82, 114.74, 68.14, 33.30,
30.18, 28.87, 24.99, 6.89.
5,5’-((4-((6-Iodohexyl)oxy)phenyl)methylene)bis(2-methyl-1H-pyrrole) (9)
8 (1g, 3 mmol) and freshly distilled 4-methylpyrrole (13 mL, 150 mmol) were
mixed and degassed by sparging with nitrogen for 20 min. TFA (50 µL, 0.65
mmol) was added and the mixture was stirred at room temperature for 2h. The
mixture was diluted with dichloromethane and washed with Milli Q water, 0.5M
NaHCO3 and Milli Q water. The organic phase was dried over magnesium sulfate,
ﬁltered, and the solvent and excess 4-methylpyrrole were removed at 60°C under
reduced pressure. The residue was puriﬁed by column chromatography on silica
gel (dichloromethane:petroleum ether = 2:1) to give a green viscous oil (1.03 g,
65% yield). 1 H NMR (400 MHz, CDCl3 ) δ 7.61 (s, 2H), 7.14 (d, 2H), 6.85 (d, 2H),
5.80 (s, 2H), 5.76 (s, 2H), 3.95 (t, 2H), 3.21 (t, 2H), 2.21 (s, 6H), 1.87 (m, 4H), 1.50
(m, 4H). 13 C NMR (101 MHz, CDCl3 ) δ 157.90, 134.44, 131.64, 129.36, 127.07,
114.46, 107.06, 105.82, 67.75, 43.31, 33.41, 30.27, 29.12, 25.12, 13.09, 7.01.
5,5-Diﬂuoro-10-(4-((6-iodohexyl)oxy)phenyl)-3,7-dimethyl-5H-dipyrrolo
[1,2-c:2’,1’-f] [1,3,2] diazaborinin-4-ium-5-uide (10)
9 (0.926 g, 1.9 mmol) was dissolved in anhydrous dichloromethane (50 mL)
and 2,3-dichloro-5,6-dicyano-1,4-benzoquinone (441 mg, 1.9 mmol) was added.
The reaction was stirred at room temperature for 1h. Triethylamine (590 mg, 5.8
mmol) was added, followed by the addition of boron triﬂuoride diethyl etherate
(0.6 mL, 4.8 mmol). The reaction was performed at room temperature overnight.
The organic phase was washed with Milli Q water, 0.5M NH4 Cl and Milli Q water, dried over magnesium sulfate, ﬁltered and the solvent was removed at 40°C
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under reduced pressure. The residue was puriﬁed by column chromatography
on silica gel (dichloromethane) to get 10 (590 mg, 58% yield) as a red-orange
sticky solid. 1 H NMR (400 MHz, CDCl3 ) δ 7.33 (m, 2H), 6.90 (m, 2H), 6.65 (d,
2H), 6.18 (d, 2H), 3.94 (t, 2H), 3.13 (t, 2H), 2.55 (s, 6H), 1.77 (m, 4H), 1.43 (m, 4H).
13 C NMR (101 MHz, CDCl ) δ 160.78, 156.92, 142.67, 134.48, 132.03, 130.24,
3
126.42, 119.11, 114.19, 67.94, 33.36, 30.23, 29.00, 25.08, 14.87, 6.92. HRMS (ESI)
calcd for C23 H26 BF2 IN2 O [M-H]- , 521.1127; found, 521.1078.
N+-BDP (11)
10 (200 mg, 0.4 mmol) was dissolved in THF (20 mL) and tetramethylpropanediamine (7.5 mL) was added. The mixture was stirred at room temperature overnight. The solvent and excess diamine were evaporated at 50°C under
reduced pressure. The residue was washed thrice with diethyl ether, and dried
before the addition of DMF (5 mL) and iodomethane (2 mL, 31 mmol). The reaction was performed at room temperature overnight. The solvent and excess
iodomethane were removed at 50°C under reduced pressure and the residue was
puriﬁed by column chromatography on silica gel (methanol). The methanol was
evaporated at 40°C under reduced pressure and the residue run though a Dowex
(1X8, 100-200 mesh) ion exchange resin (chloride form) plug (Milli Q water).
The product was freeze-dried to get 11 as a red sticky solid (145 mg, 59% yield).
1 H NMR (400 MHz, MeOD) δ 7.35 (d, 2H), 6.98 (d, 2H), 6.68 (d, 2H), 6.25 (d,
2H), 4.00 (t, 2H), 3.35 (m, 6H), 3.14 (s, 9H), 3.09 (s, 6H), 2.48 (s, 6H), 2.27 (m, 2H),
1.79 (m, 4H), 1.55 (m, 2H), 1.42 (m, 2H). 13 C NMR (101 MHz, MeOD) δ 161.10,
156.68, 142.87, 134.20, 131.89, 130.04, 126.01, 118.89, 114.03, 67.63, 64.89, 62.47,
60.18, 52.64, 50.04, 28.68, 25.72, 25.39, 22.22, 17.31, 13.45. HRMS (ESI) calcd for
C31 H47 BF2 N4 O2+ [M]2+ , 270.19; found, 270.1898.
The syntheses of compounds 12, 13 and 14, schematized on Figures 2.5 and
2.6, were performed following reference [6]. These dyes were not used to measure free volumes, but to investigate the eﬀect of adding substituents directly on
the BODIPY core, either with direct π-conjugation to the aromatic structure, or
by substitution of the ﬂuor atoms.
5,5-diﬂuoro-2,8-diiodo-10-(4-iodophenyl)-3,7-dimethyl-5H-dipyrrolo[1,2-
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Figure 2.5: Synthesis pathway of 13

c:2’,1’-f][1,3,2]diazaborinin-4-ium-5-uide (12)
5 (89.5 mg, 0.2 mmol) was dissolved in dimethylformamide (DMF) (2.5 mL).
Iodine (145 mg, 1.1 mmol) was added. After complete dissolution, a solution of
iodic acid (74.6 mg, 0.4 mmol) dissolved in the minimum amount of MQ water was added dropwise. Upon adding the water, the BODIPY rotor precipitated
partially. Extra DMF (3 mL) was added to redissolve the BODIPY dye without
precipitating the iodic acid. The mixture was stirred at 70°C for 3h. The solvent
was evaporated at 70°C under reduced pressure. The residue was dissolved in dichloromethane to perform a two-phase extraction with water. The organic phase
was dried over magnesium sulfate, the solvent evaporated under reduced pressure, and the product further dried at 40°C in a vacuum oven for four days. The
product was puriﬁed by column chromatography on silica gel (dichloromethane) to yield 12 (27 mg, 19% yield). The resulting dye has a maximum ﬂuorescent
emission shifted from 535 nm to 575 nm. 1 H NMR (400 MHz, CDCl3) δ 7.886.93 (6H), 2.66-1.27 (6H). HRMS (ESI) calcd for C17 H12 BF2 I3 N2 [M-H]- , 672.81;
found, 672.8120.
3PEG-BDP via Sonogashira coupling (13)
12 (17mg, 25 µmol), Copper iodide (0.7 mg, 3.6 µmol) and PdCl2 (PPh3 )2 (0.9
mg, 1.3 µmol) were dissolved and suspended in anhydrous tetrahydrofuran (1
mL). A solution of 6 (56 mg, 93 µmol) in THF (1.5 mL) was added. The solution
was purged with nitrogen gas for 10 min. Nitrogen-purged diisopropylethylamine (660 µL, 3.8 mmol) was added to the reaction mixture, and the ﬂask was

SYNTHETIC PROCEDURES

Figure 2.6: Synthesis pathway of 14

further deoxygenated by performing ﬁve N2 /vacuum cycles, ending by a slight
vacuum. The reaction was performed at 70°C overnight. The solution turned
from pink red to violet in a few minutes. At the end of the reaction, the solvent
was removed and the crude product puriﬁed by column chromatography on alumina (dichloromethane:hexane:methanol=6:3:0.5) to yield 13 as a violet product
(35 mg). The NMR of this product shows extra PEG contamination, and peaks
from the protons of the BODIPY unit are in comparison very small and diﬃcult
to integrate. The resulting product has the same ﬂuorescence characteristics as
its precursor but goes from non water-soluble to extremely water-soluble, which
suggests a successful reaction.
3PEG-BDP via substitution of the ﬂuor atoms (14)
6 (33.8 mg, 55.8 µmol) was dissolved in anhydrous THF (0.5 mL), and deoxygenated by sparging with nitrogen. Ethylmagnesium bromide 1M solution in
THF (100 µL, 0.1 mmol) was added. The mixture was deoxygenated by performing four N2 /vacuum cycles, and stirred for 2h at 60°C. The solution became darker as the reaction progressed. The mixture was then transferred to
a nitrogen-purged ﬂask containing 7 (20 mg, 22.6 µmol), and was left to react
at 60°C overnight. The solvent was then evaporated, MQ water was added, and
then dichloromethane to perform a two-phase extraction. The organic phase was
dried over magnesium sulfate, and the solvent evaporated. The residue was dis-
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solved in MQ water and dialyzed against MQ for 3 days in a 0.1-0.5 kDa MWCO
Cellulose Ester dialysis bag, before being freeze-dried to yield 14 (13.3 mg). The
NMR of this product shows extra PEG contamination, and peaks from the protons of the BODIPY unit are in comparison very small. Even if neither the NMR
nor mass spectrometry allowed to conﬁrm the structure of the resulting product
(due to PEG contamination and the heavy mass of the molecule, that prevents its
ionization), the clear color change and the improved water solubility after reaction suggest that at least one substitution event occurred. This is enough for us
to study the impact of such a modiﬁcation on the rotor properties.
Coumarin-BODIPY probes for ratiometric imaging
The imaging of micromechanical patterns using the rotor toolbox relies on advanced FLIM imaging equipment, and has a relatively low temporal resolution,
making it diﬃcult to follow fast (i.e. occuring in less than 10 min) cellular processes. To make our toolbox more widely accessible and improve on its temporal
resolution, a ratiometric probe whose response signal can be recorded using simpler ﬂuorescence imaging tools would present an advantage. In this context, we
synthesized three ratiometric probes based on a mechanochromic BODIPY rotor unit covalently bound to a coumarin reference unit. Their structures and
synthesis pathways are illustrated in Figure 2.7. The protocols used for their synthesis were inspired by references [7, 8, 5].
3-(Decylamino)-phenol (15)
3-Aminophenol (10 g, 91.6 mmol), iododecane (21.5 mL, 100.7 mmol), and
potassium carbonate (13 g, 94.1 mmol) were dissolved in anhydrous dimethylformamide (50 mL). The mixture was reﬂuxed at 60°C for 3h. The solution was
ﬁltered to remove the excess of base, the solvent evaporated, and the resulting
residue dissolved in dichloromethane. This solution was washed three times with
MQ water and dried over magnesium sulfate The solvent was evaporated and the
crude product puriﬁed by column chromatography on silica gel (hexane:ethyl
acetate = 5:1), to yield 15 (11.8 g, 51.7% yield) as a white/brownish waxy solid.
1 H NMR (400 MHz, CDCl ) δ 7.03 (s, 1H), 6.21 (d, 1H), 6.18 (d, 1H), 6.14 (s, 1H),
3
3.08 (t, 2H), 1.62 (m, 2H), 1.27 (m, 14H), 0.91 (t, 3H). 13 C NMR (101 MHz, CDCl3 )
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Figure 2.7: Synthesis pathway of the coumarin-BODIPY ratiometric probes; coumBDP-1t, coum-BDP-+-1t, and coum-BDP-2t

δ 156.73, 150.13, 130.15, 105.97, 104.17, 99.55, 44.04, 31.91, 29.62, 29.58, 29.51,
29.46, 29.34.
7-(Decylamino)-4-methyl-2H-chromen-2-one (16)
15 (10.96 g, 10.96 mmol), ethyl acetoacetate (6.3 g, 48.4 mmol) and anhydrous
zinc chloride (3 g, 22.0 mmol) were dissolved in ethanol (50 mL). The mixture
was reﬂuxed at 85°C for 24h. The ﬂask was cooled to room temperature and
the solvent evaporated at 40°C under reduced pressure. A solution of MQ water
(320 mL) and 37% hydrochloric acid (3.6 mL) was added to the residue. The mixture was then extracted with dichloromethane. The organic phase was washed
successively with a solution of sodium hydroxide (0.2 M) and brine, before being
dried with magnesium sulfate. The solvent was evaporated and the crude product
washed three times with hexane:ethyl acetate = 5:1 (3x100 mL). A recrystallization in ethanol (100 mL) was performed to yield 16 (5.1 g, 36.8% yield) as a yellow
solid. The product precipitated out of ethanol upon cooling rather than crystallizing. 1 H NMR (400 MHz, CDCl3 ) δ 7.35 (d, 1H), 6.51 (d, 1H), 6.44 (s, 1H), 5.97
(s, 1H), 4.27 (m, 1H), 3.18 (m, 2H), 1.64 (m, 2H), 1.27 (m, 14H), 0.90 (t, 3H). 13 C

53

54

CHAPTER 2

NMR (101 MHz, CDCl3 ) δ 162.07, 156.04, 153.02, 151.70, 125.45, 110.33, 125.45,
110.26, 109.20, 97.88, 43.51, 31.88, 29.56, 29.54, 29.38, 29.30, 29.18, 27.06, 22.67,
18.51, 14.11.
3-Bromo-7-(decylamino)-4-methyl-2H-chromen-2-one (17)
16 (5.09 g, 16.1 mmol) was dissolved in anhydrous dimethylformamide (70
mL). N-bromosuccinimide (2.9 g, 16.3 mmol) was added slowly, within 1 min.
The mixture was stirred at room temperature overnight. It was then poured into
brine, resulting in the precipitation of a yellow solid. Ethyl acetate was added to
extract the aqueous phase (a relatively big volume of ethyl acetate was needed,
as the solubility of the product is low in this solvent), and the resulting organic
phase was washed with brine. The solvent was evaporated, and the residue dissolved in dichloromethane, and dried over magnesium sulfate. The solvent was
evaporated, and the crude product puriﬁed by column chromatography on silica
gel (dichloromethane:ethyl acetate = 20:1) to yield 17 (6 g, 94% yield) as a yellow
solid. 1 H NMR (400 MHz, CDCl3 ) δ 7.39 (d, 1H), 6.53 (d, 1H), 6.42 (s, 1H), 4.32
(m, 1H), 3.18 (m, 2H), 2.53 (s, 3H), 1.63 (m, 2H), 1.42-1.27 (m, 14H), 0.90 (t, 3H).
13 C NMR (101 MHz, CDCl ) δ 158.02, 154.44, 151.78, 151.61, 125.99, 110.91,
3
110.16, 106.32, 97.48, 43.49, 31.88, 29.56, 29.54, 29.37, 29.30, 29.13, 27.05, 22.68,
19.25, 14.12.
4-(7-(Decylamino)-4-methyl-2-oxo-2H-chromen-3-yl)benzaldehyde (18)
In a microwave vial, 17 (1 g, 2.5 mmol), formylphenylboronic acid (570 mg,
3.8 mmol) and Pd(PPh3 )4 (146.5 mg, 0.13 mmol) were added. The ﬂask was degassed under vacuum for 30min. In the meantime a solution of dimethoxymethane (30 mL), MQ water (4 mL) and potassium carbonate (1.05 g, 7.6 mmol) was
prepared and de-oxygenated by bubbling with nitrogen gas for 10 min. This solution was added to the sealed microwave vial containing the solids using a syringe,
and the mixture was de-oxygenated by bubbling nitrogen and performing nitrogen/vacuum cycles, ending by a slight vacuum. The mixture was left to react at
100°C overnight, progressively becoming orange. The solvent was evaporated,
and the crude product puriﬁed by column chromatography on silica gel (chloroform:ethyl acetate=20:1) to yield 18 (840 mg, 79% yield) as a yellow/orange solid.
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NMR (400 MHz, CDCl3 ) δ 10.05 (s, 1H), 7.96 (d, 2H), 7.50 (d, 2H), 7.44 (d,
1H), 6.55 (d, 1H), 6.48 (s, 1H), 4.31 (m, 1H), 3.20 (m, 2H), 2.24 (s, 3H), 1.64 (m, 2H),
1.42-1.27 (m, 14H), 0.90 (t, 3H). 13 C NMR (101 MHz, CDCl3 ) δ 191.94, 161.37,
155.29, 151.77, 149.05, 141.91, 135.52, 131.44, 129.62, 126.19, 120.25, 110.66,
110.43, 97.62, 43.53, 31.89, 29.57, 29.54, 29.39, 29.31, 29.17, 27.06, 22.68, 16.47,
14.12.
Coum-BDP-1t (19)
In a well dried 250 mL round-bottom ﬂask, distilled methylpyrrole (200 µL,
2.38 mmol) and 18 (500 mg, 1.2 mmol) were dissolved in anhydrous dichloromethane (150 mL). The mixture was de-oxygenated by bubbling nitrogen gas for
30min. Triﬂuoroacetic acid (100 uL) was added. The ﬂask was de-oxygenated by
performing nitrogen gas/vacuum cycles, and put under slight vacuum. The reaction was performed at room temperature for 3h. After that, 2,3-dichloro-5,6dicyano-1,4-benzoquinone (559 mg, 2.46 mmol) in anhydrous dichloromethane
(30 mL) was added. The reaction mixture was purged once more with nitrogen gas for 10min, and left to react for 1h in total. Triethylamine (8 mL, 57.0
mmol), pre-purged with nitrogen gas was added, and a minute later, pre-purged
boron triﬂuoride etherate (8 mL, 64.8 mmol). The ﬂask was de-oxygenated by
performing nitrogen gas/vacuum cycles, and put under slight vacuum. The reaction was performed at room temperature overnight. The solution was then
washed with MQ water, dried over magnesium sulfate, and the solvent was evaporated. The crude product was puriﬁed by column chromatography on silica
gel (hexane:ethyl acetate = 2:1) to yield coum-BDP-1t (75 mg, 10.3% yield) as
a bright orange/red solid. 1 H NMR (400 MHz, CDCl3 ) δ 7.58 (d, 2H), 7.47 (m,
3H), 6.83 (s, 2H), 6.57-6.29 (d,s,d, 4H), 4.29 (s, 1H), 3.21 (m, 2H), 2.67 (s, 6H), 2.30
(s, 3H), 1.69 (m, 2H), 1.43-1.29 (m, 14H), 0.90 (t, 3H). 13 C NMR (101 MHz, CDCl3 )
δ 161.69, 157.56, 155.22, 151.64, 148.95, 142.32, 137.27, 134.48, 133.37, 130.59,
130.54, 130.31, 126.18, 120.46, 119.41, 110.65, 97.63, 43.55. HRMS (ESI) calcd
for C37 H42 BF2 N3 O2 [2M+Na]+ , 1241.6492; found, 1241.6557.
Coum-BDP-2t (20)
Coumarin-BDP-1t (40 mg, 65.6 µmol) was dissolved in anhydrous dichloro-
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methane (26 mL). The solution was cooled in an ice bath, and triphosgene (39 mg,
0.13 mmol) was slowly added, at ice bath. The reaction was performed at room
temperature for 1h. The solvent was evaporated, the ﬂask put in an ice bath.
Anhydrous dichloromethane (34 mL), N,N-diisopropylethylamine (36 µL, 0.2
mmol), and dodecylamine (26 mg, 0.14 mmol) in dichloromethane (10 mL) were
added. The mixture was then stirred at room temperature overnight. The solvent
and excess of N,N-Diisopropylethylamine were evaporated, and the crude product was puriﬁed using column chromatography on silica gel (hexane:ethyl acetate = 4:1) to yield 12 mg of what the NMR showed to be an acyl chloride derivative, not yet substituted with a dodecyl tail. The product was dissolved in anhydrous tetrahydrofuran (300 mL). Potassium phosphate tribasic (5 mg, 23.5 µmol)
and dodecylamine (4 mg, 21.6 µmol) were added. The ﬂask was put under a nitrogen atmosphere, and the reaction was performed at room temperature overnight.
The solvent was evaporated and the crude product run over a short silica plug
(hexane:ethyl acetate = 4:1), and then over a longer silica column (hexane:ethyl
acetate = 1:1) to remove the excess of dodecylamine and yield coum-BDP-2t
(5.6 mg, 12.7% yield) still containing 0.9 equivalent of free dodecylamine. To improve this step, the ﬁrst step of the reaction (acyl chloride formation) should be
performed as described, without adding the dodecylamine yet. The latter should
have only been added during the second step. 1 H NMR (400 MHz, CDCl3 ) δ 7.76
(d, 1H), 7.63 (d, 2H), 7.46 (d, 2H), 6.82 (s, 2H), 6.31 (d, 2H), 4.38 (m, 1H), 3.77 (m,
2H), 3.23 (m, 2H), 2.68 (s, 6H), 2.41 (s, 3H), 1.54-1.25 (m, m, 29H), 0.90 (t, 6H).
13 C NMR (101 MHz, CDCl ) δ 160.32, 157.87, 156.25, 153.52, 147.53, 145.82,
3
135.95, 134.19, 130.46, 130.08, 126.46, 126.25, 123.66, 119.54, 118.76, 115.38,
49.47, 41.03, 40.72, 31.92, 31.89, 30.22, 30.15, 29.66, 29.64, 29.60, 29.57, 29.54,
29.37, 29.35, 29.29, 28.78, 26.92, 26.80, 22.68, 16.86, 14.95. HRMS (ESI) calcd for
C50 H67 BF2 N4 O3 [M+Na]+ , 843.5141; found, 843.1592.
Coum-BDP-+-1t (21)
In a microwave vial, coumarin-BDP-1t (20 mg, 32.8 µmol) was dissolved
in anhydrous dimethylformamide (0.5 mL). Methyl iodide (320 µL, 5 mmol) was
added in excess. The reaction was performed at 40°C for 48h. The mixture was diluted with dichloromethane, washed with MQ water, and dried over magnesium
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Figure 2.8: Synthesis pathway of NR12S

sulfate. The solvent was then evaporated and the crude product run over a short
silica plug (hexane:ethyl acetate = 4:1) to remove the uncharged product. The
quaternized product was ﬂushed out of the column with methanol. The product
was run through a Dowex plug with methanol, and the solvent evaporated to give
coum-BDP-+-1t (12 mg, which would correspond to 57% yield). The product
still contains a small amount of silica, visible as tiny spherical particles. Any protocol mentioning ﬂushing of a polar compound out of a silica column using 10%
methanol or more is most likely to obtain a product that contains residual silica.
HRMS (ESI) calcd for C39 H47 BF2 N3 O2 + [M]+ , 638.3700; found, 638.3708.

2.2.2

Chemical polarity probe - NR12S

The group of A. Klymchenko, in Strasbourg, has developed a set of solvatochromic probes to visualize variations in plasma membrane microenvironment.
A subsection of them, based on a Nile Red unit, is sensitive to changes in membrane hydration and surface charge, transmembrane potential, or lipid order.
NR12S is one of them; due to its high sensitivity to membrane hydration, it has
allowed visualization of lipid domains in model membranes, and monitoring of
the lipid order in mammalian cell membranes using ratiometric imaging. Its synthesis takes place in ﬁve steps, depicted in Figure 2.8, and described further in this
section. They follow the protocols described in reference [2].
5-(Diethylamino)-2-nitrosophenol (22)
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M-diethylaminophenol (6 g, 36 mmol) was grinded in a mortar and dissolved
in 37% HCl (40 mL). While stirring, the mixture was cooled to 0°C using an ice
bath. To the cold solution, a solution of sodium nitrite (2.5 g in 20 mL MQ water) was added dropwise over 40 min, while keeping the temperature between
0-5°C. Once the addition was complete, the reaction mixture was stirred at 05°C for 3h. The crude HCl salt was collected by ﬁltration and dried in a vacuum
oven overnight. The product was then dissolved in the minimum amount of ethanol, at 100°C, cooled down to 40°C, and diethyl ether was slowly added until
the apparition of a solid precipitate. The mixture was then cooled down to room
temperature and stored at -20°C overnight for recrystallization to take place. The
recrystallized solid was ﬁltered, and dried overnight at 40°C in a vacuum oven, to
yield 22 (1.46 g, 21% yield). The yield was much lower than in the reference paper
(reported to be 70%), due to an attempt to wash the recrystallized solid with MQ
water, which also dissolves the wanted product. 1 H NMR (400 MHz, MeOD) δ
7.73 (d, 1H), 7.22 (d, 1H), 6.41 (s, 1H), 3.99 (m, 4H), 1.48 (t, 6H). 13 C NMR (101
MHz, MeOD) δ 165.82, 162.64, 144.48, 123.41, 119.59, 13.24, 11.71.
9-(Diethylamino)-2-hydroxy-5H-benzo[a]phen oxazin-5-one (23)
22 (1 g, 5 mmol) and 1,6-dihydroxynaphtalene (0.85 g, 5 mmol) were reﬂuxed
(150°C) for 4h in anhydrous DMF (15 mL). This step should have been done under nitrogen atmosphere, which was not speciﬁed in the reference paper. The
solvent was evaporated under nitrogen ﬂow, and the crude product puriﬁed by
Silica column chromatography with ethyl acetate:2-propanol=5:2 as eluent to
yield 23 (166 mg, 9.6% yield) as a purple solid with green reﬂections. 1 H NMR
(400 MHz, DMSO-d6) δ 10.40 (s, 1H), 7.96 (d, 1H), 7.87 (s, 1H), 7.57 (d, 1H), 7.09
(d, 1H), 6.79 (d, 1H), 6.76 (s, 1H), 6.13 (s, 1H), 3.5 (m, 4H), 1.17 (t, 6H). 13 C NMR
(101 MHz, DMSO-d6) δ 182.83, 161.87, 152.86, 151.94, 147.67, 139.98, 135.02,
132.08, 128.73, 125.12, 119.62, 111.16, 109.38, 105.35, 97.30, 63.29, 45.69, 26.77,
13.77.
2-(3-Chloropropoxy)-9-(diethylamino)-5H-benzo[a]phenoxazin-5-one (24)
23 (110 mg, 0.3 mmol) was dissolved in anhydrous DMF (1.5 mL) and deoxygenated by bubbling nitrogen for 5 min. The mixture was cooled down to
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0-5°C using an ice bath. Potassium carbonate (239 mg, 1.7 mmol) and 1-bromo3-chloropropane (548 mg, 3 mmol) were added. The reaction ﬂask was sealed
and de-oxygenated under nitrogen. The reaction was performed for 4h30 at
70°C. The solvent was then evaporated under nitrogen ﬂow. The resulting crude
product was triturated with water, ﬁltered, rinsed once with water, triturated
with heptane, and rinsed once with heptane. The ﬁltered compound was dried
at 40°C in a vacuum oven overnight to yield 24 (120 mg, 89% yield) as a dark
violet solid. 1 H NMR (400 MHz, CDCl3 ) δ 8.26 (d, 1H), 8.09 (s, 1H), 7.63 (d, 1H),
7.20 (d, 1H), 6.69 (d, 1H), 6.66 (s, 1H), 6.31 (s, 1H), 4.37 (t, 2H), 3.83 (t, 2H), 3.51
(m, 4H), 2.37 (m, 2H), 1.31 (t, 6H). 13 C NMR (101 MHz, CDCl3 ) δ 183.24, 161.38,
152.11, 150.79, 146.91, 139.99, 134.11, 131.09, 127.83, 125.88, 124.72, 118.25,
109.54, 106.65, 105.34, 96.34, 64.67, 45.08, 41.44, 32.24, 12.62.
9-(Diethylamino)-2-[3-(dodecylmethylamino)propoxy]-5H-benzo[a]phenoxazin-5-one (25)
24 (100 mg, 0.2 mmol) and n-dodecylmethylamine (194 mg, 0.97 mmol) were
dissolved in 2-butanone (2 mL). The mixture was de-oxygenated by bubbling nitrogen for 5 min. Potassium carbonate (84 mg, 0.6 mmol) and potassium iodide (43 mg, 0.26 mmol) were added. The mixture was further de-oxygenated
by bubbling nitrogen and the ﬂask was sealed and put under nitrogen atmosphere. It might be needed to adjust the volume of 2-butanone, so as to dissolve
all the reactants and have a volume suitable for nitrogen bubbling, without drying
out the mixture and get a solid deposit along the ﬂask walls. The reaction was
performed under reﬂux at 85°C for 48h. The solvent was evaporated and the
crude product puriﬁed by silica column chromatography using dichloromethane:methanol=95:5 as eluent, to yield 25 (70 mg, 50%) as a dark violet solid. 1 H
NMR (400 MHz, CDCl3 ) δ 8.23 (d, 1H), 8.06 (s, 1H), 7.63 (d, 1H), 7.17 (d, 1H),
6.69 (d, 1H), 6.66 (s, 1H), 6.31 (s, 1H), 4.29 (t, 2H), 3.51 (m, 4H), 2.98 (m, 2H),
2.75 (m, 2H), 2.57 (s, 3H), 1.71 (m, 2H), 1.34 (m, 24H), 0.86 (t, 3H). 13 C NMR
(101 MHz, CDCl3 ) δ 131.13, 127.84, 118.20, 109.59, 106.53, 105.30, 96.32, 54.02,
45.09, 31.90, 29.61, 29.55, 29.51, 29.33, 27.17, 22.68, 14.11, 12.62.
N-[3-[[9-(Diethylamino)-5-oxo-5H-benzo[a]phenoxazin-2-yl]oxy]propyl]-
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N-methyl-N-(3-sulfopropyl)-1-dodecanaminium (NR12S)
In a well dried, degassed ﬂask, 25 (20 mg, 34.8 µmol) was dissolved in anhydrous acetonitrile (3 mL). The mixture was de-oxygenated by bubbling nitrogen for 5 min. 1,3-propanesultone (50 µL, 57.3 µmol) was added, and the ﬂask
was sealed and put under nitrogen atmosphere. The reaction was performed at
80°C for 48h. The solvent was then evaporated and the crude product puriﬁed
by silica column chromatography (short, 10 cm long, 5cm wide) using dichloromethane:methanol=85:15 as eluent, to yield NR12S (20 mg, 82% yield) as a dark
violet solid. The product still contains a small amount of impurity, probably unreacted sultone that was added in slight excess. 1 H NMR (400 MHz, CDCl3 ) δ
8.05 (d, 1H), 7.68 (s, 1H), 7.34 (d, 1H), 7.09 (d, 1H), 6.44 (d, 1H), 6.17 (s, 1H), 6.00
(s, 1H), 4.12 (s, 2H), 3.68-3.54 (m, 4H), 3.36-3.16 (m, 7H), 2.99-2.92 (m, 2H), 2.42
(m, 6H), 1.29-1.16 (m, 24H), 0.84 (m, 3H). HRMS (ESI) calcd for C39 H57 N3 O6 S
[M+H]+ : 696.40; found, 696.4039.

2.3
2.3.1

Discussion
Tips and tricks on synthesizing BODIPY-based molecular rotors

The yield of the BODIPY-rotor synthesis is very low (typically between 10 and
20%). To increase this yield, distillation of the pyrrole prior to the reaction is necessary, so as to use the reactants as clean and pure as possible. Indeed, even under recommended storage conditions (under inert gas, between 2-8°C), pyrrole
polymerizes in time, and undergoes oxidation in the presence of small amounts
of oxygen. The more substituents on the pyrrole, the more stable the pyrrole
becomes; the α position of the pyrrole ring being the most sensitive to electrophilic substitution, using 2-methylpyrrole instead of normal pyrrole already
helps to reduce side reactions of pyrrole substitution or pyrrole dimerization and
polymerization. During the synthesis, it is important to work under an oxygendeprived atmosphere. This is done by purging the reaction mixture with nitrogen gas. As the reaction is not heated, it becomes possible to do the reaction in
a sealed ﬂask, under nitrogen and a slightly reduced pressure -to do so, one can
apply a slight vacuum before leaving the reaction to perform over an extended
period of time-.

DISCUSSION

Purifying the dipyrromethane intermediate during the BODIPY-rotor synthesis seems to help increase the yield, as seen when comparing the synthesis of
(10) to the synthesis of e.g. (1) and (5). In the ﬁrst case, a puriﬁcation by column
chromatography on silica gel is done after reaction with triﬂuoroacetic acid and
before oxidation with DDQ and ring closure. This allows for a combined yield
(step (9) and (10)) of about 36%, i.e. about 10% higher than when the rotor is
formed in a one-pot-synthesis. This puriﬁcation might however not be possible
with less stable intermediates.
For the puriﬁcation of the newly synthesized rotor, it is best to avoid a twophase extraction step, as during mixing of the organic and aqueous phases, an
emulsion is formed and becomes highly stabilized by particles of the insoluble
side products. As a result, very little to no decantation happens within hours.
It is best to purify the crude product using column chromatography directly.
When doing silica column chromatography, a long column is needed to separate
all the subproducts. As an example, a column of 5 cm diameter minimum, and
about 50-60 cm length was needed with the silica gel used in this study (40-63µm
particle size, 60A pore diameter) to ensure full separation in one go. Indeed, apart
from having several side products formed, the ring closure step with boron triﬂuoride etherate generates a black solid, soluble in acetone but not in the needed
eluents (commonly dichloromethane or an ethylacetate:hexane mixture), that entraps the products, causing wide migration bands. Moreover, the solid itself tends
to saturate the top of the column and to migrate along. To shorten the column,
a possibility would have been to use a smaller particle size silica. For puriﬁcation of the rotor by column chromatography after functionalization with polar
groups (e.g. sulfonate, quaternary ammonium), a better option than using silica
gel could be to use alumina. In our puriﬁcation procedures, we could always get
the charged product to migrate out of the column by ﬂushing with an eluent
containing at least 15% methanol, but this ﬂushing step results into some extent
of silica contamination which is hard to quantify. Preventing too strong electrostatic interaction of aminated compounds with the stationary phase by adding
a small amount of base (e.g. triethylamine) or sodium iodide to the eluent could
also have facilitated migration of the product without requiring the use of methanol.
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2.3.2

BODIPY rotor functionalization

Functionalization is desirable to target diﬀerent subcellular compartments, to
increase water-solubility, or to tune the rotor emission to diﬀerent wavelengths
(in order to image microviscosity in diﬀerent cellular compartments simultaneously). Functionalization can be done on the phenyl ring or on the BODIPY core
of the dye, before or after rotor formation. Many reactions have been reported[9,
10], but only few of them are compatible with keeping the rotor properties and
microviscosity sensitivity.
To keep the rotor properties, substitution of the phenyl ring should be done
in para (or meta) position, but not in ortho position, as it sterically hinders the
rotation of the two units with respect to each other, and therefore suppresses the
sensitivity to microviscosity. When wanting to substitute the phenyl ring with
very bulky groups (e.g. a long poly(ethylene glycol) chain of a hundred repeat
units), substitution should be done after rotor formation. In fact, the presence of
very bulky groups prevents closure of the BODIPY ring; the resulting product
is blue-ﬂuorescent, has a very low quantum yield, and its ﬂuorescence response
to viscosity variations is not monotonic. Functionalization with bulky groups in
para of the phenyl ring after rotor synthesis does not hinder the rotation, and
these rotors have been used to functionalize e.g. long polymer chains and solid
substrates[11].
To add functional groups to the BODIPY core, it is possible to either use
pyrrole derivatives or to modify the BODIPY core after formation. The latter
approach is more risky as it modiﬁes directly the electronic structure of the emitting unit, which might quench the ﬂuorescence, and/or suppress the rotor eﬀect.
Again, the functionalization should not be made on the carbon the closest to the
phenyl unit (1,7) as it would sterically hinder the rotation. Functionalization can
then be done in 2,3,5 or 6 position, or on the Boron atoms. When substituting
the BODIPY core with two short poly(ethylene glycol) chains (11 repeat units),
in 2 and 6 via a Sonogashira coupling[6] (Figure 2.9), the BODIPY emission maximum gets shifted from 520 nm to 590 nm, and the rotor eﬀect is signiﬁcantly
reduced, with a ﬂuorescence lifetime that varies from 3.3 ns in water to 3.9 ns in
50% PEG10k solution. When performing the substitution on the Boron atoms via
Fluorine substitution using a Grignard reagent[6], the rotor eﬀect remains; the

OUTLOOK

Figure 2.9: BODIPY-based dyes substituted on their emissive core with poly(ethylene
glycol) chains (n=11).

probe lifetime varies from 2.7 ns in water to 4.5 ns in 50% PEG10k solution. In
the ﬁrst case the π-conjugation got extended by the presence of an alkyne group,
which could lower the energy of the local emitting excited state, and increase the
energy barrier that has to be overcome for rotation between the two subunits.
In addition, Vu et al.[12], who attached phenanthrene and naphtalene units on
carbon 3 and 5 of the BODIPY core to shift the rotor emission to the red by increasing the conjugation length, show that the molecules are no longer responsive to changes in microviscosity. Instead, they respond exclusively to variations
in temperature.
These observations suggest that functionalization of the BODIPY core should
be done without direct π-conjugation to the substituents, but that the bulkiness
of the substituents, in the case of polymer chains that remain relatively short,
is not necessarily an issue. This outcome has implications for the tuning of the
dyes’ emission wavelengths. In order to shift the ﬂuorescence emission to higher
wavelengths, one should rely on the mechanism of Förster Resonance Energy
Transfer (FRET) rather then on the extension of the conjugation length, and try
a substitution on the BODIPY core with a FRET acceptor, keeping the distance
between the two units ﬁxed but without direct π-conjugation.
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Figure 2.10: New designs for the cell wall-targeting BODIPY rotor. R can be either
a ﬂuor atom or a bigger hydrophilic moiety attached by e.g. reaction with a Grignard
reagent. R’ can be a methyl or an amide group. R” can be a proton or a sulfonate group.

2.4

Outlook

To go further into the optimization of this toolbox of mechanoprobes, we note
the beneﬁts of making a new version of the cell wall binding rotor. CWP-BDP
targets and reports free volume variations in the cell wall as expected, but its synthesis has a particularly low yield (1.5% combined yield), which makes it timeconsuming and expensive. The targeting peptide used to achieve wall binding is a
limiting factor, and developing a new probe with properties inspired from CWPBDP, but without requiring peptide synthesis and attachment would present an
advantage. The pectin-binding peptide used in this project has a net charge comprised between +2 (pH 7) and +4 (pH 5) in the range of pH commonly used
for plant and oomycete cell studies. From its amino-acid-based composition, it
contains numerous amide groups, and carbon atoms arranged in a non-linear
fashion. In parallel, we notice that propidium iodide, dye used to label demethoxylated pectins in Arabidopsis thaliana cell walls[13], has a chemical structure
composed of two positive net charges surrounded by either short but sterically
hindering alkyl groups, or by the aromatic rings themselves. The emitting core is
also decorated with two amine groups, thereby reducing the amphiphilic character of the molecule. Calcoﬂuor white, which is also a frequently used cell wall
stain, features both non-quaternized secondary amine groups and two sulfonate groups. From these examples of cell wall targeting dyes, we can imagine new
designs for the molecular rotor. Some design options are represented in Figure
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2.10 and are currently being explored in our lab.

2.5

Appendix - Chemical analysis

Figure 2.11: 1 H NMR spectrum of 1
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Figure 2.12: 13 C NMR spectrum of 1

Figure 2.13: HRMS (ESI) spectrum of 1
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Figure 2.14: 1 H NMR spectrum of 2

Figure 2.15: 13 C NMR spectrum of 2
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Figure 2.16: HRMS (ESI) spectrum of 2

Figure 2.17: HRMS (ESI) spectrum of CWP-BDP
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Figure 2.18: 1 H NMR spectrum of sulfo-BDP

Figure 2.19: 13 C NMR spectrum of sulfo-BDP
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Figure 2.20: HRMS (ESI) spectrum of sulfo-BDP

Figure 2.21: 1 H NMR spectrum of 5
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Figure 2.22: 13 C NMR spectrum of 5

Figure 2.23: HRMS (ESI) spectrum of 5
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Figure 2.24: 1 H NMR spectrum of 6

Figure 2.25: 13 C NMR spectrum of 6
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Figure 2.26: 1 H NMR spectrum of PEG-BDP

Figure 2.27: 13 C NMR spectrum of PEG-BDP
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Figure 2.28: 1 H NMR spectrum of 8

Figure 2.29: 13 C NMR spectrum of 8
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Figure 2.30: 1 H NMR spectrum of 9

Figure 2.31: 13 C NMR spectrum of 9
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Figure 2.32: 1 H NMR spectrum of 10

Figure 2.33: 13 C NMR spectrum of 10
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Figure 2.34: HRMS (ESI) spectrum of 10

Figure 2.35: 1 H NMR spectrum of N+-BDP
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Figure 2.36: 13 C NMR spectrum of N+-BDP

Figure 2.37: HRMS (ESI) spectrum of N+-BDP
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Figure 2.38: 1 H NMR spectrum of 12

Figure 2.39: HRMS (ESI) spectrum of 12
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Figure 2.40: 1 H NMR spectrum of 14

Figure 2.41: 1 H NMR spectrum of 15
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Figure 2.42: 13 C NMR spectrum of 15

Figure 2.43: 1 H NMR spectrum of 16
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Figure 2.44: 13 C NMR spectrum of 16

Figure 2.45: 1 H NMR spectrum of 17

APPENDIX - CHEMICAL ANALYSIS

Figure 2.46: 13 C NMR spectrum of 17

Figure 2.47: 1 H NMR spectrum of 18
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Figure 2.48: 13 C NMR spectrum of 18

Figure 2.49: 1 H NMR spectrum of coum-BDP-1t
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Figure 2.50: 13 C NMR spectrum of coum-BDP-1t

Figure 2.51: HRMS (ESI) spectrum of coum-BDP-1t
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Figure 2.52: 1 H NMR spectrum of coum-BDP-2t

Figure 2.53: 13 C NMR spectrum of coum-BDP-2t
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Figure 2.54: HRMS (ESI) spectrum of coum-BDP-2t

Figure 2.55: HRMS (ESI) spectrum of coum-BDP-+-1t
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Figure 2.56: 1 H NMR spectrum of 22

Figure 2.57: 13 C NMR spectrum of 22
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Figure 2.58: 1 H NMR spectrum of 23

Figure 2.59: 13 C NMR spectrum of 23

89

90

CHAPTER 2

Figure 2.60: 1 H NMR spectrum of 24

Figure 2.61: 13 C NMR spectrum of 24
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Figure 2.62: 1 H NMR spectrum of 25

Figure 2.63: 13 C NMR spectrum of 25
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Figure 2.64: 1 H NMR spectrum of NR12S

Figure 2.65: 13 C NMR spectrum of NR12S
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Figure 2.66: HRMS (ESI) spectrum of NR12S
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Chapter 3

Complete microviscosity maps of
living plant cells and tissues with
a toolbox of targeting
mechanoprobes
Mechanical patterns control a variety of biological processes in plants. The microviscosity of cellular structures eﬀects the diﬀusion rate of molecules and organelles, thereby aﬀecting processes
such as metabolism and signalling. Spatial variations in local viscosity are also generated during fundamental events in the cell life cycle. While crucial to a complete understanding of plant
mechanobiology, resolving subcellular microviscosity patterns in plants has remained an unsolved
challenge. We present an imaging microviscosimetry toolbox of molecular rotors that yield complete microviscosity maps of cells and tissues, speciﬁcally targeting the cytosol, vacuole, plasma
membrane, and wall of plant cells. These BODIPY-based molecular rotors are rigidochromic by
means of coupling the rate of an intramolecular rotation, which depends on the mechanics of their
direct surroundings, with their ﬂuorescence lifetime. This enables the optical mapping of ﬂuidity
and porosity patterns in targeted cellular compartments. We show how apparent viscosity relates
to cell function in the root, how the growth of cellular protrusions induces local tension, and how
the cell wall is adapted to perform actuation surrounding leaf pores. These results pave the way
to the non-invasive micromechanical mapping of complex tissues.

This chapter was published as:
Lucile Michels, Vera Gorelova, Yosapol Harnvanichvech, Jan Willem Borst, Bauke
Albada, Dolf Weijers and Joris Sprakel Complete microviscosity maps of living plant
cells and tissues with a toolbox of targeting mechanoprobes, Proc. Natl. Acad. Sci.,
117:18110-18118, (2020)
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3.1

Introduction

The function and development of organisms are generally described by gene expression and interactions between proteins and signalling molecules. Although
this chemistry-centred view on the processes of life has provided tremendous
insight in the inner workings of living systems, it is becoming clear that mechanical forces also play a profound role in biological systems. There are no generalized concepts yet that explain how molecular interactions intertwine with
mechanical forces across the kingdoms of life. Therefore, at present, mechanical and chemical inﬂuences on living systems are mostly disconnected. Singlemolecule methods have generated deep insights into the mechanical response of
individual molecules or molecular assemblies. Nevertheless, mapping mechanical patterns in vivo, from the subcellular scale up to that of multicellular tissues,
remains a daunting challenge. One mechanical property of particular importance
is the microviscosity of sub-cellular structures and spaces. Microviscosity determines the diﬀusion rates of all molecules and organelles within a cell, thereby
impacting cellular metabolism[1] and processes such as signalling and enzymatic
reactions[2, 3]. Spatial gradients in local viscosity can also be actively generated
by cells during important stages of the life cycle, such as polarization, division
or diﬀerentiation[4, 5, 6, 7, 8, 9]. In plants, cells are mechanically conﬁned by
and connected through a network of cell walls. Due to their high rigidity, cell
walls are central in plant mechanobiology. These walls must be rigid to provide
strength, yet yield readily to accommodate growth[10]. The mechanical modulation of cell walls within living tissues has been previously explored via live
cell imaging of cellulase synthase enzymes and microtubules, to assess evolution of the spatial distribution and amount of cellulose during development[11].
Additionally, atomic force microscopy (AFM)-based imaging has been used to
provide complete maps of apparent elastic modulus of cell walls[12], while Brillouin imaging was employed to measure spatial variations in extracellular matrix
stiﬀness[13]. However, methods for direct observations at high resolution are
still needed. Existing methods to probe viscosity in living cells, such as ﬂuorescence recovery after photobleaching[14, 15, 16] (FRAP) or particle-tracking
microrheology[17, 18], can provide valuable insight into these phenomena but
do not enable observations to be made with suﬃcient spatial and temporal res-
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olution to create viscosity maps of entire tissues with sub-cellular resolution.
Here we describe a set of four rigidochromic molecular rotors as microviscosity probes that target the cytosol, vacuole, plasma membrane and cell walls
in plant cells and tissues. Combined with ﬂuorescence lifetime imaging, these
sensors are used to create complete microviscosity maps of individual cells or
multicellular plant tissues. We employ this approach to show how apparent viscosity correlates to cell identity and function in growing roots. Moreover, we
use the probes to visualize changes in cell wall ﬂexibility during the formation
of root hairs, and during the actuation of stomata.

3.2

Results

Molecular rotors are ﬂuorescent probes that undergo an internal rotation upon
photoexcitation. Conversion to this twisted state enables intramolecular charge
transfer, and opens a pathway of non-radiative decay for the excited state. The
rate at which this rotation occurs is determined by the direct environment in
which the molecular rotor is situated; molecular rotors are rigidochromic, with a
ﬂuorescence lifetime and intensity that depends on the rotational constraints imposed by their surroundings. As a result, the ﬂuorescence lifetime provides with
a direct measurement of the probe rotation rate, and is completely independent
of the probe concentration. This rate is determined by several factors, such as
hydrodynamic drag (viscosity), probe conﬁnement, solvent polarity[19, 20] and
binding. The term microviscosity refers to the apparent viscosity a simple liquid should have to give the same rotation rate. Even though it is diﬃcult to
strictly disentangle the respective eﬀects of these factors in all cases, we can interpret the observed ﬂuorescence lifetime patterns by taking into account the
nature of the diﬀerent cell compartments. For instance, lifetime ﬂuctuations observed within the plasma membrane will not have the same implications as similar ﬂuctuations observed in the cell wall. In the plasma membrane, a change
in lifetime will reﬂect changes in free volume, which can be interpreted as alterations in the lipid spacing. By contrast, in the cell wall it will most likely
reﬂect changes in the network mesh size. In the cytoplasm, the rotation rate
of the probe will be mainly aﬀected by the local crowding density, but in the
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non-crowded and more homogeneous environment of the vacuole, the rotor
will act as a simple viscosity probe. Rigidochromic dyes have found use as microviscosity probes in polymeric materials[21], as pressure sensors in frictional
contacts[22, 23] and as ﬂow sensors in microﬂuidics[24]. Due to their hydrophobic structure, their use in biology has so far been limited to studies of plasma
membranes in mammalian cells[25, 26, 27]. To enable broad, universal use of
these sensors, we use phenyl-substituted boron-dipyrromethene (Ph-BODIPY)
molecular rotors of which the substitutions on the phenyl ring facilitate selective targeting of the diﬀerent parts of the plant cell. Addition of anionic sulfonate
groups (sulfo-BDP, Fig. 3.1a) should facilitate diﬀusion across the wall and plasma
membrane, and indeed results in localization into the aqueous vacuole. Functionalization of the Ph-BODIPY with a neutral poly(ethylene glycol) (PEG) chain
substituent (PEG-BDP, Fig. 3.1b) enables passage of wall and plasma membranes
but restricts entry to the vacuole, resulting in cytoplasm localization. To target
the plasma membrane, we modiﬁed the phenyl ring with an aliphatic tail that
carries two permanent cationic charges[26] (N+-BDP, Fig. 3.1c). Finally, binding
to the cell wall was achieved through modiﬁcation of the rotor with a peptide
that mimics the pectin-binding domain of Extensin proteins[28] (CWP-BDP, Fig.
3.1d). Each probe was used for plant cell staining at a concentration of 10 µM.
The localization in these diﬀerent compartments is exempliﬁed by staining
suspension-cultured cells of Arabidopsis thaliana, as shown in Fig. 3.1e-h and in
the Supporting Information section, Fig. 3.6. We conﬁrm the high selectivity of
localization in the walls and plasma membranes in root tissues of Arabidopsis by
means of colocalization analysis using established counterstains (See Supporting
Information section, Fig. 3.7-3.10). We show that the selectivity is retained for
N+-BDP when varying the probe concentration and incubation time (See Supporting Information section, Fig. 3.9-3.10). Using water-glycerol mixtures, we
studied the response of the rotors to changes in viscosity. We ﬁnd that the modiﬁed rotors exhibit a continuous increase in ﬂuorescence lifetime with decreasing
solution viscosity, and thus retain their rigidochromic properties (See Supporting Information section, Fig. 3.11). Importantly, we observed that the diﬀerent
targeting functionalities of the probes have limited eﬀect on the ﬂuorescence lifetime, except in the case of PEG-BDP, whose viscosity response deviates from the
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Figure 3.1: Chemical structures of the four rotors (a-d) that target (from left to right) the vacuole,

cytosol, plasma membrane, and cell wall, with (e-h) representative FLIM images of rotor-stained Arabidopsis suspension-cultured cells (scale bar = 20 µm. The color scale translates the ﬂuorescence lifetime
values expressed in ns.) and corresponding ﬂuorescence lifetime probability distributions (i-l); control
measurements of ﬂuorescence lifetime distributions are shown in grey.
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Figure 3.2: Fluorescence lifetime microviscosity maps of Arabidopsis roots showing the
vacuoles (sulfo-BDP, a-b), cytosol (PEG-BDP, c-d; note that the dye penetrates poorly in
the meristem region), plasma membranes (N+-BDP, e-f) and cell walls (CWP-BDP, g-h),
in all images scale bar = 100 µm.

one of the other probes. One possible explanation for this divergence relates to
the bigger volume occupied by the PEG tail compared to the other functional
groups. The PEG chain could modify the environment locally probed by the rotor.
The ﬂuorescence lifetime imaging microscopy (FLIM) microviscosity images
also provide with quantitative information, which we extract as lifetime probability distributions P(t). As a control, we determine the width of the lifetime
distribution in pure culture medium, which gives a measure for the statistical
uncertainty in our experiments. For example, the lifetime distribution in the vacuole (Fig. 3.1i), with sulfo-BDP, exhibits a monomodal distribution centred at
1.6 ± 0.1 ns. This is almost identical to that of the culture medium and reﬂects the
aqueous and non-crowded nature of the vacuolar environment, with a viscosity
almost identical to that of pure medium. By contrast, all other cell compartments
exhibit both a signiﬁcant increase in lifetime and width of the distribution, as
compared to medium alone (Fig. 3.1j-l). This reﬂects the much higher conﬁnement and spatial inhomogeneity within the diﬀerent cellular sub-structures.
Contrary to the non-crowded vacuoles, the cytoplasm consists of an aqueous
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Figure 3.3: Plasma membrane composition and tension imaging with N+-BDP. FLIM images of homogeneous DOPC Giant Unilamellar Vesicles (GUV) (a) and demixed DOPC/Sphingomyelin/cholesterol
GUVs (b) (scale bars = 10 µm) and corresponding lifetime distributions (c). FLIM images of Arabidopsis
suspension-cultured cells before (d) and after (e) osmotic shock (scale bar = 20 µm) and corresponding
distributions (N = 30) (f). Microviscosity maps of plasma membranes in the Arabidopsis root tip (g, scale
bar = 50 µm) and corresponding distributions (h) in the meristem (red dotted line) and in the root cap
(black dotted line). Microviscosity maps of the root tip cortical cells (i, scale bar = 20 µm, j, close-up view).
FLIM images of growing root hairs in the maturation zone (k and l, scale bar = 20 µm) and corresponding
distributions (m) in regular epidermal cells (N = 36) and in growing root hairs (N = 18). FLIM images of
cotyledon pavement cells in wild type (n) and qua2-1 mutant (o) (scale bars = 100 µm), and corresponding
distributions (p) obtained for wild type (N > 230) and qua2-1 mutant (N > 230) pavement cells. FLIM images of root epidermal cells after plasmolysis (q and r, scale bar = 50 µm) and corresponding distributions
(s) in sections of the plasma membrane that detached vs sections that are still attached to the wall (N = 23).
FLIM images of root hairs before plasmolysis (t-u, scale bar = 20 µm) and corresponding distributions (v)
in the tip vs the sides of the hairs (N = 5). FLIM images of root hairs after plasmolysis (w-x, scale bar = 20
µm) and corresponding distributions (y) in the tip vs the sides of the hairs (N = 9).
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Figure 3.4: Cell wall mesh size with CWP-BDP. FLIM image of Arabidopsis suspensioncultured cells (a, scale bar = 100 µm) and corresponding lifetime distributions (b) in
newly formed and mature walls for cells (N = 30). Confocal image in the Arabidopsis
root apex (c, scale bar = 100 µm). Microviscosity maps of epidermal cells in the elongation (d) and the maturation zone (e, scale bar = 100 µm, f, scale bar = 50 µm), which
exhibit transverse variations in wall mesh size and compliance. FLIM images in growing
root hairs (g) (scale bar = 20 µm) and corresponding lifetime distributions (h) in regular
epidermal cells and in growing root hairs for epidermal cells (N = 20) and root hairs (N
= 10). Temporal evolution of the lifetime distribution in a growing root hair (i).
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Figure 3.5: Cell wall mesh size with CWP-BDP. FLIM images of cotyledon pavement
cells in a wild type Arabidopsis seedling (a) versus a qua2-1 mutant seedling (b) (scale
bars = 100 µm) and corresponding lifetime distributions obtained within wild type (N >
230) and qua2-1 (N > 230) pavement cell walls (c). Zoomed in FLIM images of wild type
cotyledon epidermal layer with stomata (d and e, scale bar = 50 µm) and corresponding
lifetime distributions (f) for stomata (N = 11) in comparison with pavement cells (N = 15).
FLIM images of cotyledon guard cells before (g) and after abscisic acid (ABA) treatment
(h) (scale bar = 50 µm), and corresponding lifetime distributions (i) obtained for nontreated (N = 13) and ABA-treated cells (N = 18).
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solution crowded with a wide variety of bio(macro)molecules. Indeed, for suspension-cultured Arabidopsis cells the PEG-BDP probe reveals an average lifetime of 2.6 ± 0.2 ns in the cytoplasm (Fig. 3.1j). Interestingly, the distribution
is very wide; comparison to the control data shows that this broadening is well
above the noise level of the measurements, and thus reﬂects the spatial inhomogeneity of the crowded cytosolic solution. Apparently, the cytoplasm undergoes
large density ﬂuctuations. The plasma membrane and tonoplast (Fig. 3.1k) also
exhibit a broad distribution that reﬂects spatial inhomogeneities, as we will discuss in more detail below, with a characteristic average lifetime of 4.4 ± 0.6 ns.
Finally, the broad lifetime distribution obtained with the wall targeting rotor
(Fig. 3.1l) reveals a strongly inhomogeneous microenvironment for the walls in
cultured cells. Moreover, diﬀerent wall types exhibit striking diﬀerences in their
observed apparent viscosity. This will be discussed in more detail in the following.
After this calibration using suspension-cultured cells and cell clusters, we
applied our method to 4-day-old Arabidopsis roots (Fig. 3.2a-h, See Supporting
Information section, Fig. 3.12-3.13). Qualitatively, the localization was equal to
that in the suspension culture, we only needed to optimize the incubation times
based on permeation kinetics assays (See Supporting Information section, Fig.
3.14-3.17). For the N+-BDP plasma membrane probe, the incubation time does
not signiﬁcantly aﬀect the localization speciﬁcity in Arabidopsis roots, as can be
seen in the Supporting Information section, Fig. 3.10. The high quantum yield
of the rotors allows for the use of low laser intensities, i.e. less than 10 µW after
the objective, resulting in low autoﬂuorescence (See Supporting Information section, Fig. 3.18) and a high signal to noise ratio. Moreover, the staining is persistent
over at least 5h (See Supporting Information section, Fig. 3.19), indicating limited or no metabolic turn-over of the dye. To within resolution, the vacuoles (Fig.
3.2a-b) do not show any signiﬁcant spatial gradients in viscosity along the root,
consistent with homogeneous aqueous solutions. The other rotors, as for the suspension cells, reveal strong spatial inhomogeneities in the microviscosity of the
tissue (Fig. 3.2c-h). We note that internalization of the PEG-decorated cytosolic
probe is weak in the root tip (Fig. 3.2c-d), probably because it may adhere to the
protective cuticle. During cell division and diﬀerentiation, strong changes are
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expected to occur primarily to the apparent viscosity of the plasma membranes
and walls. For example, growth and changes in cell geometry induce localized
tension on the plasma membranes[29, 30, 31], and require loosening of the cell
walls to accommodate these processes[10, 32, 33]. We thus focused essentially on
the plasma membranes and cell walls.
The positively charged plasma membrane-targeting rotor N+-BDP is designed to insert between the negatively charged phospholipids. Changes in lipid
packing order and density change the volume available for the rotational motion of the probe and thus induce a change in their ﬂuorescence lifetime. As
our plasma membrane probe will sense both lipid phase transition as well as
changes in local membrane tension, it becomes diﬃcult to disentangle those
two eﬀects in a static FLIM experiment. We developed a model system to highlight the probe sensitivity to changes in lipid packing. Speciﬁcally, we introduced
our plasma membrane probe into giant unilamellar vesicles (GUVs) composed
of sphingomyelin (SM), 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), and
cholesterol (0.56:0.24:0.20) in order to study lipid phase transition. This lipid
composition leads to phase separation between a gel-like ordered (Lo) phase, rich
in SM and cholesterol, and a liquid-like phase (Ld) that is enriched in DOPC. This
phase separation shows similarities to the formation of lipid microdomains in
biological membranes by chemical incompatibility of diﬀerent lipids[34, 35, 36].
A homogeneous GUV of only DOPC shows a narrow monomodal lifetime distribution with lifetimes of 4.2 ± 0.1 ns (Fig. 3.3a,c). In the mixed GUV the formation
of distinct mechanical domains can be observed (Fig. 3.3b,c, See Supporting Information section, Fig. 3.20), with lifetimes of 4.2 ± 0.4 ns in the Ld phase, which
is almost identical to that measured in a pure DOPC membrane, and 5.0 ± 0.3 ns
in the Lo phase. Clearly, our probe senses the stronger mechanical restriction for
rotations in the tightly-packed and solid-like SM-rich Lo phase. Importantly, the
same rotor reveals mechanical stress on biological membranes that are exposed
to external stimuli. Speciﬁcally, exposing suspension cells in their growth medium to hyperosmotic shock results in compression of the plasma membrane and
concomitant reduction of the rotational motion (Fig. 3.3d-e). As a consequence,
lifetime distributions show a distinct shift to higher lifetimes (Fig. 3.3f).
When used in multicellular tissue, clear diﬀerences in microviscosity between
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the root cap and the meristem emerge, as seen both in the FLIM images and
corresponding lifetime distributions (Fig. 3.3g-h). The meristem is the tissue in
plants where division of undiﬀerentiated cells takes place. As result of this continuous division and initial growth of the cells in the meristem, the cell plasma
membranes are under constant tension. This tension, by contrast to compression that was discussed above, increases the spacing between the lipids[37], and
thus leads to a distinct reduction in the plasma membrane rotor lifetime: 4.4 ±
0.1 ns in the relaxed plasma membranes of the root cap cells and 4.2 ± 0.2 ns
in the proximal (youngest part of the) root meristem. A close-up of the plasma
membranes of young epidermal cells in the meristem (Fig. 3.3i-j) reveals distinct
lipid microdomains within a single bilayer. Since their size are in agreement with
previous ﬁndings[38], we assume that these islands where the rotor has a longer
lifetime are formed by lipid compositions with higher packing density. The fact
that we also observe these domains in the plasma membrane of the outermost
cell layer and in suspension-cultured cells (See Supporting Information section,
Fig. 3.21), strongly suggests that they are not plasmodesmata.
A striking example of how cellular processes control tension in the plasma
membrane is found in the growth of root hairs. These are cellular protrusions
that form in the diﬀerentiation zone of the root and that increase the root surface area to enhance nutrient uptake. Root hairs are commonly used as a model
to study cell growth at the single cell level as they grow as fast as 1 µm/min
or more, without losing their integrity. The distinct bulging of the trichoblast
cells at the initial stage of hair growth can be seen in Fig. 3.3k-l. As could be
expected, the lifetime is lower in the plasma membrane at the tip of the hair
as compared to that of a non-growing epidermal cell plasma membrane (Fig.
3.3m), shifting from 3.6 ± 0.8 ns in the hair tip to 4.3 ± 0.6 ns in non-hair epidermal cell (atrichoblast). This shift corresponds to the increased tension in the
hair tip where growth occurs and curvature of the plasma membrane is largest. A
plasmolysis experiment performed on root hairs (Fig. 3.3t-y, See Supporting Information section, Fig. 3.22) corroborated the probe responsiveness to changes
in membrane tension within Arabidopsis root tissues. Upon hyperosmotic shock,
the ﬂuorescence lifetime within hair tip plasma membranes increases noticeably,
and becomes higher than within the side plasma membranes (Fig. 3.3y). This
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change follows the drop in tension occurring upon plasmolysis, as the plasma
membrane retracts and detaches from the cell wall. The same trend is observed
in plasmolysed atrichoblast cells (Fig. 3.3q-s, See Supporting Information section, Fig. 3.23). After having shown the level of insight that our molecular rotors
provide in the dynamics of such a compact, dynamic, and ﬂuidic cell component
as the plasma membrane, we were keen to ﬁnd out which light the rotors could
shed on the developmental stages of the more rigid but still dynamic cell wall
that is less densely packed with molecules than the plasma membrane. For this,
we equipped the azide-functionalized Ph-BODIPY rotor with a pectin-binding
peptide using copper-catalysed alkyne-azide cycloadditon (CuAAC) reaction[39].
The cell wall-targeting molecular rotor binds to pectin polymers in the walls
through a recognition peptide, with an amino acid sequence derived from wall
binding Extensin proteins[28]. Initially, a young cell has a thin and ﬂexible primary wall that is rich in callose and contains highly methyl-esteriﬁed pectin polymers. As the cell grows, the wall is progressively consolidated by cellulose, and
callose is degraded. While entering the elongation phase, the cell wall is loosened
by specialized proteins, e.g. Expansins, resulting in increasing mesh size and ﬂexibility to enable growth driven by turgor pressure. The cell wall is then stiﬀened
by cross-linking of wall extensins. Meanwhile, the pectins are selectively deesteriﬁed, which allow them to form a gel-like matrix around the cellulose-xyloglucan network via Ca2+ linkages. Those dynamic changes stabilize the cell wall
and result in a rigid structure with larger meshes[10, 40, 41]. In mesostructured
materials, such as the polymeric network of the cell wall, molecular rotors probe
the local free volume rather than the viscosity of the solvent in the meshes[42].
The rotation of the molecule to its twisted state sets up a hydrodynamic ﬁeld of
the ﬂuid; the strength of the coupling of this ﬁeld to the surrounding network
determines the rotation rate. Thus, the rotor is expected to experience distinct
ﬂuorescence lifetime changes during cell wall remodelling, decreasing the lifetime as the cell wall increases its mesh size. This is exactly what we observe in
suspension-cultured cells (Fig. 3.4a-b). Newly formed cell-connecting walls exhibit substantially higher ﬂuorescence lifetimes, as compared to mature walls
which feature larger meshes in which the rotor can rotate more freely. Thus, this
rotor enables insights into the mechanical restructuring of cell walls, upon go-
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ing from ﬂexible and compliant walls (high lifetime) to more rigid and stiﬀ ones
(low lifetime). The cell wall-binding rotor shows weak internalization into the
root apex perhaps due to the poor interaction of the rotor with the highly esteriﬁed pectins[43](Fig. 3.4c). However, in the elongation (Fig. 3.4d) and diﬀerentiation zones (Fig. 3.4e-f, See Supporting Information section, Fig. 3.24) the rotor
is well internalized in the epidermal layer, and reveals a distinct reduction in the
ﬂuorescence lifetime in more mature tissue. This conﬁrms the process of loosening the wall to accommodate volumetric expansion during elongation. The root
epidermis in the diﬀerentiation zone (Fig. 3.4f) shows an increase in the ﬂuorescence lifetime along the transverse direction, going from the outside in. This
change in wall mesh structure could be related to changes in permeability, with
the outer epidermal cells being the most permeable to facilitate the uptake of water and nutrients[44]. To validate the use of the CWP-BDP probe in visualising
mechanical defects in biological setting, we compared its ﬂuorescence lifetime in
the walls of wild type cotyledon pavement cells to that of pectin-impaired qua2-1
(quasimodo) mutants (Fig. 3.5a-c, See Supporting Information section, Fig. 3.25).
Previous studies demonstrated that the cell walls of calli in qua mutants show
increased porosity, reﬂected by an increased release of cell wall material in the
growth medium[45] and an increased water proton mobility within wall pores,
as measured by nuclear magnetic resonance (NMR) spectroscopy[46]. With our
cell-wall-speciﬁc probe we observe the same trend for the walls of pavement
cells: the clear diminution in lifetime in mutants, that reﬂects an increased wall
mesh size (Fig. 3.5c). Interestingly, this decrease in ﬂuorescence lifetime within
cell walls is accompanied by a decrease in lifetime within plasma membranes reported by N+-BDP (Fig. 3.3n-p, See Supporting Information section, Fig. 3.26).
We thereby highlight a decreased plasma membrane tension coupled to the increased wall porosity. No such trend was evidenced when comparing walls of
wild type and qua2-1 mutant roots (See Supporting Information section, Fig.
3.27). This observation is to be expected, given that cell adhesion defects are most
pronounced in the shoots than in the roots of the mutant.
The mechanical maturation of walls is also seen in actively growing root
hairs (Fig. 3.4g-i). Lifetimes within the tip of root hairs are signiﬁcantly higher
as compared to epidermal walls that show no root hair growth (Fig. 3.4h). In the
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hair tip, building blocks are secreted by exocytosis to build a new wall[47, 48].
This new wall must remain compliant to accommodate further growth, and is
thus composed of a primary wall enriched in a dense network of ﬂexible pectin
chains[32, 49]. In addition, these root hairs must be suﬃciently strong to penetrate the surrounding soil and allow water and nutrient uptake. By monitoring a young hair growth over time (Fig. 3.4i), we observe a progressive decrease
in lifetime along the hair, which reﬂects the same wall maturation process observed in the root itself. Finally, we remark that spatial modulation of cell wall
mechanics is not only relevant during the growth of cells or cellular protrusions,
but is also key to enable the active actuation of structures in the plant. Microscopic and macroscopic motion requires the walls to be suﬃciently compliant.
An example of actuating organs are the stomata, pores found at the underside
of the leaf that can be actively opened and closed to toggle gas exchange with
the environment[50, 51, 52]. Imaging with our cell wall-targeting rotor reveals
a distinct zone of compliant wall tissue (Fig. 3.5d-f, See Supporting Information section, Fig. 3.28), with a high lifetime reﬂecting dense pectin-rich matter
(Fig. 3.5f), in the guard cells surrounding individual stoma[53]. This is corroborated by the fact the ﬂuorescence intensity is substantially higher in these areas,
which indicates a higher pectin content and/or a lower pectin methylation status.
Pectin de-esteriﬁcation has been previously correlated to wall softening in Arabidopsis meristem and hypocotyl[54, 55, 56]. Triggering stomatal closure using an
abscisic acid (ABA) treatment results in lower ﬂuorescence lifetimes (Fig. 3.5g-i,
See Supporting Information section, Fig. 3.29) likely due to the induced decrease
in turgor pressure. Clearly, cell wall compliance is actively regulated to match
the biological function at the site of interest; our toolbox enables a direct quantiﬁcation of these eﬀects even in complex living tissues during biological function.

3.3

Discussion

We show how a set of rigidochromic molecular rotors, featuring the same mechanoresponsive core, but chemically-modiﬁed to target diﬀerent parts of the
plant cell, can be harnessed to create complete mechanical maps of complex
plant tissues. Using our tailor-made probes we have shown how the mechanics

111

112

CHAPTER 3

of plasma membranes and cell walls are adaptively modulated to accommodate
growth or actuation. The ability to create complete time-dependent microviscosity maps of multicellular tissues, with sub-cellular resolution and targeting of the
key structures in the cell, opens up new ways to understand the role of mechanics
in the regulation of biological processes. Moreover, in combination with markers highlighting plant membrane microdomains (that remain to be identiﬁed), the
plasma membrane tension probe might prove useful to study how those domains
contribute to the adjustment of the plasma membrane mechanical properties.
Many challenges remain in the ﬁeld of plant mechanobiology, to which our approach could provide new and valuable insights, including the role of mechanical
stress in cell polarization and diﬀerentiation, and the adaptation of local mechanics during important stages in the life cycle of the cell such as oriented division
during morphogenesis. Moreover, our toolbox is not restricted to use in plants,
but can be readily adapted for microviscosity mapping in multicellular tissues of
other organisms, or used to probe mechanobiological phenomena in microorganisms. To bring a more quantitative assessment, more systematic studies are
needed to calibrate the rotors. For instance, work on model lipid membranes to
dissect the eﬀect of membrane tension, or on synthetic polymer networks to investigate the eﬀect of mesh conﬁnement would allow for quantitation of actual
tensions and free volumes.

3.4

Materials and Methods

A comprehensive overview of the synthetic protocols and chemical characterization, as well as all experimental details, including culture of the biological
specimens, imaging and analysis, and statistical details for all experiments, are
provided in Chapter 2 and the Supplementary Information respectively.
Molecular rotors: Molecular rotors were prepared by triﬂuoroacetic acid
(TFA)-mediated condensation of 2-methylpyrrole and appropriately functionalized benzaldehydes, followed by ring closure to form the BODIPY core using
boron triﬂuoride diethyl etherate. These basic building blocks were modiﬁed to
yield the desired chemical functionality, and subsequently puriﬁed by column
chromatography. Detailed procedures, yields, 1 H-NMR spectra, 13 C-NMR spec-
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tra and mass spectrometry data are reported in Chapter 2. The wall targeting
peptide, inspired by the pectin-binding domain of extensin proteins[28], was prepared by Fmoc-based solid-phase peptide synthesis and attached to an azidefunction rotor probe using a copper-catalyzed azide-alkyne cycloaddition[39].
The peptide-functional rotor was puriﬁed using preparative reversed-phase high
performance liquid chromatography (HPLC). The absorption and ﬂuorescence
emission spectra of the four rotors were recorded in Milli Q water (See Supporting Information section, Fig. 3.30-3.33), so as to determine the excitation and
emission wavelengths to use for imaging.
Lifetime calibration and imaging: Viscosity-lifetime calibration curves
were established by dissolving 10 µM of rotor dyes in water-glycerol mixtures
of known viscosity. Lifetimes were recorded by time-correlated single-photon
counting (TCSPC) experiments performed on an Edinburgh FS5 spectrometer,
equipped with a 100 ps pulsed laser at 475 nm. In all cases, a single-exponential
decay was observed in the time-resolved ﬂuorescence measurements, from which
the characteristic ﬂuorescence lifetime was obtained. FLIM imaging experiments
were performed on a Leica TCS SP8 inverted confocal microscope coupled to a
Becker & Hickl TCSPC lifetime module (SPC830). Samples were excited with a
488 or 514 nm pulsed laser source (pulse duration < 1 ps) and ﬂuorescence was
captured through a 63x water immersion objective (suspension cultured cells) or
a 20x water immersion objective (roots and cotyledons). Acquisition time was
ﬁxed at 120 s for each 256x256 pixel image. FLIM images were processed using the SPCImage 7.1 software to ﬁt the ﬂuorescence decay curves in each pixel
with a 2-component exponential decay. Images are reported in a false-colour
scale that represent the mean ﬂuorescence lifetime for each pixel, expressed in
nanoseconds.
Suspension cultured cells: Arabidopsis thaliana PSB-D cells were maintained in suspension culture in a Murashige & Skoog minimal organics (MSMO)
medium at 25 °C, in the dark under continuous agitation. Culture medium was
replaced once a week. For imaging experiments, cells were ﬁrst washed by centrifugation with fresh MSMO medium prior to incubation for 5h in MSMO medium containing 10 µM of the rotor dye. Cells were then washed again against
fresh MSMO medium and directly used for imaging. Osmotic shock experiments
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where performed by replacing the MSMO medium with MSMO medium containing 0.5M mannitol as the osmotic agent and the cells observed 5 min after
application of the hyperosmotic shock.
Multicellular tissues: Arabidopsis thaliana wild type or qua2-1 (quasimodo)
mutant Col-0 seeds were surface-sterilized in a bleach:ethanol solution for 8 min.
They were subsequently washed twice in 70% ethanol and once in 100% ethanol.
Sterilized seeds were plated on 0.5x Murashige & Skoog (MS) growth plates and
vernalized at 4 °C for 24h. They were grown vertically under long-day conditions (16h light, 8h dark) at 22 °C for 4 days. The 4-day old seedlings were then
transferred to 0.5x MS medium containing 10 µM of the rotor dye and incubated
in constant light at 22 °C for 120, 90, 15 and 20 minutes for sulfo-BDP, PEG-BDP,
N+-BDP and CWP-BDP, respectively. The seedlings where then washed for 30s
with fresh 0.5x MS medium and transferred onto a glass slide for FLIM imaging of the roots or cotyledons. Osmotic shock experiments where performed
by replacing the 0.5x MS medium with 0.5x MS medium containing 0.5M mannitol as the osmotic agent and the seedlings observed within 7 to 15 mins after
application of the hyperosmotic shock.
To compare the mechanical properties of the plasma membrane and the cell
wall within wild type versus qua2-1 mutant plants, 5-day-old Arabidopsis seedlings were incubated in 0.5x MS containing 10 µM N+-BDP or 10 µM CWP-BDP
for 15 min. FLIM imaging of roots epithelial and cotyledon pavement cells was
then performed as described above.
GUV preparation: All lipid compounds were purchased from Avanti Polar Lipids and used as is. Giant unilamellar vesicles were prepared using the
method of Moscho et al.[57]. In short: stock solutions of the lipids and cholesterol in chloroform were added to methanol placed in a roundbottom ﬂask. An
aqueous solution of 100 mM sucrose, containing N+-BDP in a molar ratio of 1:33
dye:lipids, was carefully added along the wall of the ﬂask. The organic solvents
were gently evaporated in a rotary evaporator at 40 °C and 40 rpm while gradually reducing the pressure. This resulted in the spontaneous formation of rotordye-labelled GUVs. The vesicles were then immobilized in a 0.5 w/v% agarose
gel for imaging[58].
Colocalization analysis: To conﬁrm the selective localization of plasma
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membrane and cell wall probes, Arabidopsis seedlings, grown as described above,
were incubated in medium containing both the rotor dyes at 10 µM and the
counterstains propidium iodide[63] (PI) (cell wall, 10 mg/L) or 1,1’-Dioctadecyl3,3,3’,3’-Tetramethylindotricarbocyanine Iodide[64] (DiI-C18) (plasma membrane,
5 mg/L) for 5 minutes. The seedlings were then washed three times in fresh 0.5x
MSMO medium and placed on a coverslip for imaging.
The plasma membrane staining speciﬁcity of N+-BDP was demonstrated via
a colocalization analysis with a Pleckstrin homology (PH) domain speciﬁc for
PI(4,5)P2, a type of plasma membrane lipid, using pUBQ10::mCherry-1xPH(PLC)
seedlings[59].
To further study the impact of N+-BDP concentration and incubation time
on the staining speciﬁcity, colocalization concentration series (1 µM, 5 µM, 10
µM and 20 µM) and time series at 10 µM were recorded. In those series, N(3-Triethylammoniumpropyl)-4-(6-(4-(Diethylamino) Phenyl) Hexatrienyl) Pyridinium Dibromide (FM4-64)[60] was used as counterstain to mark the plasma
membrane. Internalization of FM4-64 in endomembranes was avoided by pretreating the seedlings with Brefeldin A.

3.5
3.5.1

Supporting Information
Spectroscopic characterization

Steady-state spectroscopy
UV-Visible absorption spectra were recorded in 1 cm path quartz cuvettes on a
Shimadzu UV-2600 Spectrophotometer. Fluorescence emission and excitation
measurements were performed in 10 mm path quartz cuvettes on an Agilent
Technologies Cary Eclipse Fluorescence Spectrophotometer with a Xenon Lamp.
The dye concentrations were adjusted to keep a maximum absorbance below 0.1
to avoid reabsorption eﬀects.
Fluorescence Lifetime measurements – Rotor Calibration
We studied the molecular rotor response to viscosity variations by measuring
ﬂuorescence lifetimes in Milli Q water-glycerol mixtures of varied composition
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(0, 30, 50, 60, 75, 80, 85, 90, 91, 93, 96, 98 and 99% glycerol) at a ﬁxed temperature
of 20°C. The viscosity of those solutions was determined in a previous study[62].
The dye concentration was set to 10 µM to prevent reabsorption eﬀects. Fluorescence decays were recorded on an Edinburgh FS5 Spectroﬂuorometer with a
475 ± 10 nm pulsed diode laser. Measurements were performed in 10 mm path
quartz cuvettes and photons were collected at 535 ± 2 nm (PEG-BDP), 525 ± 2
nm (sulfo-BDP) and 520 ± 2 nm (N+-BDP). The acquisition time window was set
to 50 ns with 4096 collection channels and the photon collection was done until
reaching a total of 10,000 counts. In order to ﬁt the ﬂuorescence decays the instrument response function was determined by measuring the scattering intensity of diluted Ludox solution. The decays were ﬁtted with a single-component
exponential to create the calibration curves of ﬂuorescence lifetime vs viscosity
for each molecular rotor.

3.5.2

Imaging procedures

GUV preparation
Brain SM and DOPC stock solutions in chloroform were purchased from Avanti
Polar Lipids. Cholesterol was purchased from VWR All lipids were used without
further puriﬁcation. Giant Unilamellar Vesicles were formulated as described
previously[57]. In a 50 mL round-bottomed ﬂask Brain SM (1.12 mM, 81.9 µL of
10 g/L stock solution in chloroform), DOPC (0.48 mM, 15.1 µL of 25 g/L stock
solution in chloroform) and cholesterol (0.4 mM, 15.5 µL of 10 g/L stock solution in chloroform) were mixed in chloroform (888 µL). Methanol (150 µL) was
added. 100 mM sucrose solution in Milli Q water (7 mL) containing N+-BDP dye
at a 3:100 dye-to-lipid molar ratio was carefully added along the wall of the ﬂask.
The organic solvent was gently evaporated at 40°C, 40 rpm, slowly reducing the
pressure in order to observe two distinct boiling events. The pressure was decreased till reaching 150 mbar and the evaporation was further performed for 2
min to get about 6 mL of GUV suspension. The vesicles were immobilized in a
0.5w/v% agarose gel for imaging, as reported previously[58].
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Cell incubation and Fluorescence lifetime imaging
Arabidopsis PSB-D cell suspension culture was maintained in MSMO [4.4 g/L
Murashige and Skoog salts, 3% (wt/vol) sucrose, 0.5 mg/L NAA, 0.05 mg/L kinetin] medium at 25°C, in the dark, 130 rpm shaking. The culture was passaged
once a week. For imaging cells were washed with fresh MSMO medium and
incubated in MSMO medium supplemented with 10 µM of dye for 5 h. The
cells were subsequently washed once with fresh MSMO medium and observed
in imaging chambers as described below.
Arabidopsis thaliana Col-0 wild type or qua2-1 (quasimodo) mutant seeds were
surface-sterilized in a bleach:ethanol=20:75 solution for 8 min. They were subsequently washed twice in 70% ethanol and once in 100% ethanol. Dried sterilized seeds were plated on 0.5x MS [2.15 g/L Murashige and Skoog salts, 0.01%
(wt/vol) MES, 1% (wt/vol) sucrose, 0.8% (wt/vol) Daishin agar]. Seeds were vernalized at 4 °C for 24h and grown vertically in long-day conditions (16h light,
8h dark) at 22 °C for 4 to 5 days. Grown Arabidopsis seedlings were transferred
from 0.5 xMS agar plates to 0.5x MS containing 10 µM of dye, and incubated in
constant light at 22°C for 2h, 1h30, 15 min or 20 min (for sulfo-BDP, PEG-BDP,
N+-BDP and CWP-BDP respectively). The seedlings were washed for 30s with
fresh 0.5x MS and transferred onto a glass slide for root or cotyledon imaging.
FLIM images of 256×256 pixels were recorded using a Leica TCS SP8 inverted scanning confocal microscope coupled with a Becker-Hickl SPC830 timecorrelated single photon counting (TCSPC) module. The sample was excited at
either 488 or 514 nm by a pulsed white light laser with a repetition rate of 40
MHz. Imaging was performed with a 63× 1.2 NA water immersion objective on
cells from suspension and with a 20× 0.7 NA water immersion objective on root
tissues. A line scanning speed of 400 Hz was used and the emission was collected
using a spectral window of 20 nm bandwidth centered on 535 ± 10 nm (PEGBDP), 525 ± 10 nm (sulfo-BDP) and 520 ± 10 nm (N+-BDP, CWP-BDP) onto a
Leica HyD SMD hybrid photodetector. The acquisition time was set to 120 s for
each image. After image acquisition SPCImage 7.1 software (Becker & Hickl) was
used to ﬁt the ﬂuorescence decay curves in each pixel. A two-component exponential decay was used to obtain the best ﬁt (χ2 < 1.3) and determine the average
ﬂuorescence lifetimes. A false colour scale was used to report lifetime values and

117

118

CHAPTER 3

yield the ﬂuorescence lifetime maps.
Control images of autoﬂuorescence intensity and lifetime were taken on unstained specimens with the same imaging conditions and the highest laser intensity used, i.e. less than 10 µW after objective. The number of photons collected by
pixel in the root was too low to allow for lifetime determination.
Viability testing on Arabidopsis seedlings
The viability of Arabidopsis seedlings after staining with the rotors was assessed
by looking at root growth. After incubation with each rotor, N=10 roots were
transferred back to their 0.5x MS agar culture plates and cultured in the same
conditions as prior to incubation. 100% of the replicates continued to grow after
staining.
Colocalization analysis
For colocalization analysis seedlings were stained with the molecular rotors as
described in the previous section, and with 10 mg/L propidium iodide[63] (PI)
or 5 mg/L 1,1’-Dioctadecyl-3,3,3’,3’-Tetramethylindotricarbocyanine Iodide[64]
(DiI-C18) in 0.5x MS for 5 min to highlight the cell-wall and plasma membrane
respectively. The seedlings were washed thrice for 15s in fresh 0.5x MS before
imaging. A hyperosmotic treatment in fresh 0.5x MS supplemented with 0.5M
mannitol was performed to distinguish plasma membrane from wall staining.
Seedlings were imaged within 15 min after immersion in the mannitol-rich medium.
The plasma membrane-speciﬁcity of N+-BDP was studied by colocalization
with a Pleckstrin homology (PH) domain that is speciﬁc for PI(4,5)P2, a plasma
membrane lipid, using 4-day-old pUBQ10::mCherry-1xPH(PLC) seedlings[59].
To further conﬁrm the plasma membrane speciﬁcity of N+-BDP, a colocalization analysis was performed with N-(3-Triethylammoniumpropyl)-4-(6-(4(Diethylamino) Phenyl) Hexatrienyl) Pyridinium Dibromide (FM4-64)[60], a styryl plasma membrane-speciﬁc dye. Apart from binding to the plasma membrane,
FM4-64 also marks endosomes, which appear as a dotted pattern in the cytoplasm. To abolish membrane traﬃcking and to get FM4-64 signal only in the
plasma membrane, seedlings were pre-treated with 20 µM Brefeldin A (B6542,
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Sigma), an inhibitor of membrane traﬃcking, in liquid 0.5x MS for 30 min in
the dark at room temperature. After the pre-treatment with Brefeldin A, FM464 was added to the ﬁnal concentration of 20 µM and seedlings were incubated
for another 20 min in the same conditions. N+-BDP was then added to the ﬁnal concentration of 10 µM, seedlings were rinsed in 0.5x MS for 30 seconds
and mounted in fresh 0.5x MS. Fluorescence of N+-BDP and FM4-64 was detected using laser excitation at 514 nm and 561 nm and emission at 510-530 nm
and 700-750 nm, respectively. A hyperosmotic treatment in fresh 0.5x MS supplemented with 0.5M mannitol was performed to distinguish plasma membrane
from wall staining.
To test the eﬀect of diﬀerent concentrations of N+-BDP on its plasma membrane speciﬁcity, a co-localization analysis of N+-BDP and FM4-64 signals was
performed in 4-day-old seedlings treated with either 1 µM, 5 µM, 10 µM or 20
µM of N+-BDP using the procedure described above. To study the impact of N+BDP incubation time on the staining speciﬁcity, colocalization time series were
recorded at 10 µM dye concentration with FM4-64 as membrane counterstain.
Osmotic treatment of cell suspension cultures
The cell suspension was centrifuged and the MSMO medium replaced by fresh
MSMO supplemented with 0.5M mannitol. The cells were imaged after 5 min
equilibration.
Osmotic treatment of root hairs
To explore the N+-BDP response to changes in plasma membrane tension in
planta, 5-day-old Arabidopsis seedlings were stained with 10 µM N+-BDP for 15
min and mounted in fresh 0.5x MS supplemented with 0.5 M mannitol. Imaging
was performed within 7 min after mounting.
Fluorescence lifetime pattern comparison within wild type versus qua2-1
seedlings
To compare the mechanical properties of the plasma membrane and the cell wall
within wild type versus qua2-1 mutant plants, 5-day-old Arabidopsis seedlings
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Figure 3.6: Rotor dyes in Arabidopsis suspension-cultured cells. FLIM images of Arabidopsis suspension-cultured cells stained with sulfo-BDP (a-b, scale bar = 50 µm), PEGBDP (c-d, scale bar = 20 µm), N+-BDP (e, scale bar = 50 µm, f, scale bar = 20 µm), CWPBDP (g-h, scale bar = 50 µm). sulfo-BDP accumulates in the relatively homogeneous
vacuoles. PEG-BDP accumulates in the cytoplasm, highlighting a high crowding density. N+-BDP stains the plasma membrane, showing inter- and intracellular variations in
lipid composition and/or membrane tension. CWP-BDP stains the cell wall, highlighting clear diﬀerences in mesh size between newly formed walls (high lifetimes) and older
peripheral walls (lower lifetimes).

were incubated in 0.5x MS containing 10 µM N+-BDP or 10 µM CWP-BDP
for 15 min. FLIM imaging of roots epithelial and cotyledon pavement cells was
performed as described above.
Abscisic acid (ABA) treatment on cotyledons
To induce stomatal closure, 4-day-old seedlings were treated with 10 µM ABA
for 2h, in conditions reported previously[65]. As a control, seedlings were incubated in the same conditions but without ABA.
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Figure 3.7: Colocalization analysis of the four rotors in roots of 4-day-old Arabidopsis
seedlings. Superimposed confocal images of sulfo-BDP signal and Propidium Iodide (PI)
(cell wall stain)[63] (a), PEG-BDP and PI signals (c), N+-BDP signal and 1,1’-Dioctadecyl3,3,3’,3’-Tetramethylindotricarbocyanine Iodide (DiI-C18) (membrane stain)8 signal (e),
CWP-BDP and PI signals (g) in the maturation zone of Arabidopsis roots. Superimposed
confocal images of N+-BDP and DiI-C18 signals (i), CWP-BDP and PI signals (k) in
the maturation zone of Arabidopsis roots after hyperosmotic shock in 0.5M mannitolsupplemented 0.5x MS medium. (a,c,e,g: scale bar = 100 µm, i,k: scale bar = 50 µm). Corresponding intensity proﬁles (b,d,f,h,j,l; rotor in green, DiI or PI in red) plotted along the
drawn white line indicated by an arrow. The proﬁles obtained with N+-BDP and DiIC18 show a good superposition even after plasmolysis, suggesting that N+-BDP targets
the membranes with a high speciﬁcity. Similarly, the proﬁles obtained with CWP-BDP
show a good superposition with the ones obtained with PI after plasmolysis, suggesting
that CWP-BDP targets the cell wall with a high speciﬁcity. Sulfo-BDP shows a signal exclusion with PI. PEG-BDP exhibits a partial colocalization with PI, which highlights its
lack of speciﬁcity towards the cytoplasm.
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Table 3.1: Number of samples and observations
Experiments

Figures

Cell suspension imaging

Figure 3.1e-l
Figure 3.4a-b
Figure 3.6
Figure 3.21

Root imaging

Figure 3.2
Figure 3.3g-j
Figure 3.4c-f
Figures 3.12-3.13
Figure 3.24

Colocalization analysis in roots

Figure 3.7

Colocalization analysis of N+BDP in roots

Figures 3.8-3.10

GUV imaging

Figure 3.3 a-c
Figure 3.20

Osmotic treatment on
suspension cells

Figure 3.3d-f

Root hair imaging

Figure 3.3k-m,t-v
Figure 3.4g-h

Root hair maturation imaging

Figure 3.4i

Osmotic treatment on root
hairs

Figure 3.3w-y
Figure 3.22

Osmotic treatment on root
epidermal cells
Root imaging in wild type and
\textit{qua2-1} mutant seedlings
Pavement cells imaging in wild
type and \textit{qua2-1} mutant
seedlings

Figure 3.3q-s
Figure 3.23
Figure 3.27
Figure 3.3n-p
Figure 3.5a-c
Figures 3.25-3.26

Stomata imaging

Figure 3.5d-f
Figure 3.28

Stomatal closing and guard
cell imaging

Figure 3.5g-i
Figure 3.29

Dye uptake kinetics

Figures 3.14-3.17

Dye persistence

Figure 3.19

Autoﬂuorescence control

Figure 3.18

Sample numbers
Sulfo-BDP (n>110 cells from 3 cell
batches), PEG-BDP (n>220 cells from 4
cell batches), N+-BDP (n>200 cells from 4
cell batches), CWP-BDP (n>40 cells from
2 cell batches) were observed to conﬁrm
the patterns.
Sulfo-BDP (n=5 roots), PEG-BDP (n=8
roots), N+-BDP (n=18 roots), CWP-BDP
(n=10 roots) were observed to conﬁrm the
patterns.
Sulfo-BDP (n=2 roots), PEG-BDP (n=2
roots), N+-BDP (n=2 roots), CWP-BDP
(n=2 roots) were observed to conﬁrm the
patterns.
Colocalization in \textit{pUBQ10::mCherry1xPH(PLC)} seedlings (n= 5 seedlings) and
colocalization with FM4-64 (n= 5
seedlings) were observed to conﬁrm the
patterns.
N+-BDP: n=16 SM:DOPC:Chol GUV and
n=9 DOPC GUV were observed to conﬁrm
the patterns.
N+-BDP: n>50 cells and n>110 cells from
the same batch were observed for
statistics before and after hyperosmotic
treatment respectively.
n=18 hairs from 8 roots (N+-BDP) and
n=10 hairs from 4 roots (CWP-BDP) were
imaged for statistics in the hair tip
membrane and wall respectively. n>40 and
n>30 non-hair epidermal cells were
imaged for statistics in non-hair cells
membrane and wall respectively.
CWP-BDP: The growth and maturation of
n=9 hairs from 4 roots was followed over
1h40 to conﬁrm the observed ﬂuorescence
lifetime evolution trend.
N+-BDP : n=8 plasmolysed hairs from at
least 10 roots and n=5 control hairs from at
least 10 roots were imaged for statistics in
the hair membrane.
N+-BDP : n=23 plasmolysed cells were
imaged for statistics in the membrane.
CWP-BDP : n= 12 roots were imaged to
conﬁrm the patterns.
N+-BDP (n >230 cells from at least 10
seedlings), CWP-BDP (n >230 cells
from at least 10 seedlings)
CWP-BDP: n>30 stomata and n>40
mesophyll cells on the cotyledons of 2
seedlings were imaged for statistics in
stomatal cells wall and mesophyll cells
wall respectively.
CWP-BDP: n>20 closed stomata (after
ABA treatment) and n>15 open stomata
on the cotyledons of 2 seedlings each
were imaged for statistics in closed and
open guard cell walls respectively.
PEG-BDP (n=2 roots), N+-BDP (n=2
roots), CWP-BDP (n=2 roots) were
observed.
n=2 roots per time for each rotor
n>50 suspension cells, n>3 roots, n>10
guard cells were observed.
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Figure 3.8: Colocalization analysis of N+-BDP with PI(4,5)P2 reporter in the plasma

membrane. Confocal images of N+-BDP signal in the root maturation zone of 4-day-old
pUBQ10::mCherry1xPH(PLC)[59] Arabidopsis seedlings (a), signal of PI(4,5)P2 reporter (b)
and signal overlay (c). Scale bars = 50 µm. The signals obtained with N+-BDP and the
expressed marker show a good superposition, suggesting that N+-BDP is speciﬁc for the
plasma membrane.
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Figure 3.9: Inﬂuence of the N+-BDP concentration on its localization speciﬁcity. Confocal images of N+-BDP signal in the maturation zone of roots of 4-day-old Arabidopsis
seedlings incubated at four diﬀerent dye concentrations (a, d, g, j), corresponding N(3-Triethylammoniumpropyl)-4-(6-(4-(Diethylamino) Phenyl) Hexatrienyl) Pyridinium
Dibromide (FM4-64) membrane counterstain10 signal (b, e, h, k) and overlay (c, f, I, l).
Confocal images of N+-BDP signal (m), FM4-64 signal (n) and signal overlay (o) in the
maturation zone of Arabidopsis roots incubated at 10 µM N+-BDP, after hyperosmotic
shock in 0.5M mannitol-supplemented 0.5x MS medium. Scale bars = 50 µm. The signals
obtained with N+-BDP and FM4-64 show a good superposition at all used concentrations, even after plasmolysis, suggesting that the speciﬁcity of the N+-BDP probe is not
aﬀected by its concentration below 20 µM.
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Figure 3.10: Inﬂuence of the incubation time on the speciﬁcity of N+-BDP localization.
Confocal images of N+-BDP signal in the root maturation zone of 4-day-old Arabidopsis
seedlings incubated with 10 µM N+-BDP for diﬀerent durations (a, d, g, j, m, p, s), corresponding FM4-64 membrane counterstain signal[60] (b, e, h, k, n, q, t) and overlay (c, f,
i, l, o, r, u) (scale bars = 50 µm). The signals of N+-BDP and FM4-64 show a good superposition at all incubation times, suggesting that the speciﬁcity of the N+-BDP probe is
not aﬀected by the incubation time below 20 min incubation. However, N+-BDP staining becomes complete as from around 14 min incubation.
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Figure 3.11: Rotor dye calibration in simple glycerol/water mixtures. Fluorescence
lifetime evolution of sulfo-BDP, PEG-BDP, N+-BDP and CWP-BDP in glycerol/water
mixtures of varied viscosities, upon excitation with a 475 nm laser line. The error bars
representing the standard deviation over three measurements are smaller than the size
of the data points. The four rotors retain their rigidochromic properties after functionalization.
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Figure 3.12: Rotor dyes in 4-day-old Arabidopsis seedlings. Fluorescence lifetime maps

of roots 4-day-old Arabidopsis seedlings showing the vacuoles (sulfo-BDP, a-b, scale bar
= 100 µm) and cytosol (PEG-BDP, c-d, scale bar = 50 µm). The internalization of sulfoBDP and PEG-BDP into the root apex is limited as the dyes stick to the protective cuticle
layer.
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Figure 3.13: N+-BDP in 4-day-old Arabidopsis seedlings. Fluorescence lifetime ﬂuidity
maps of roots of 4-day-old Arabidopsis seedlings stained with N+-BDP (a-c,e, scale bar =
50 µm) (d, scale bar = 100 µm) (f, scale bar = 20 µm). Clear spatial variations in lifetime
are visible according to cell function and developmental stage.
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Figure 3.14: Staining kinetics in the root diﬀerentiation region with PEG-BDP. Confocal images of a root of 4-day-old Arabidopsis seedling taken at diﬀerent incubation
times in a solution of PEG-BDP in 0.5x MS medium (scale bar = 100 µm).
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Figure 3.15: Staining kinetics in the root apex with N+-BDP. Confocal images of a root
of 4-day-old Arabidopsis seedling apex taken at diﬀerent incubation times in a solution
of N+-BDP in 0.5x MS medium (scale bar = 50 µm).

Figure 3.16: Staining kinetics in the root diﬀerentiation region with N+-BDP. Confocal

images of a root of 4-day-old Arabidopsis seedling maturation region taken at diﬀerent
incubation times in a solution of N+-BDP in 0.5x MS medium (scale bar = 50 µm).
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Figure 3.17: Staining kinetics in the root diﬀerentiation region with CWP-BDP. Confocal images of a root of 4-day-old Arabidopsis seedling taken at diﬀerent incubation
times in a solution of CWP-BDP in 0.5x MS medium (scale bar = 50 µm)
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Figure 3.18: Autoﬂuorescence control in the systems studied. Control images of auto-

ﬂuorescence intensity and lifetime within Arabidopsis suspension-cultured cells (scale
bar = 100 µm) (a,b), a root of a 4-day-old Arabidopsis seedling (scale bar = 100 µm) (c,d),
and Arabidopsis stomata guard cells (scale bar = 50 µm) (e,f).
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Figure 3.19: Staining persistence in the root diﬀerentiation region. Confocal images of
roots of 4-day-old Arabidopsis seedlings immersed in 0.5x MS medium, taken at diﬀerent
times of incubation with sulfo-BDP (a), PEG-BDP (b), N+-BDP (c) and CWP-BDP (d)
(scale bar = 100 µm).
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3.20: Rotor dyes in synthetic Giant Unilamellar Vesicles.
FLIM
images
of
demixed
1,2-dioleoyl-sn-glycero-3-phosphocholine
(DOPC)/Sphingomyelin/cholesterol=0.24/0.56/0.20 (molar ratio) Giant Unilamellar Vesicles formed in 100 mM glucose, and stained with N+-BDP (scale bars = 10
µm). The liquid ordered (cholesterol/sphingomyelin-rich) and the liquid disordered
(DOPC-rich) phases can be clearly diﬀerentiated on a ﬂuorescence lifetime basis; the
average ﬂuorescence lifetime is higher in the liquid ordered phase where the probe
rotation is more hindered.

Figure

Figure 3.21: N+-BDP in Arabidopsis suspension-cultured cells. FLIM image of an Ar-

abidopsis suspension-cultured cell stained with N+-BDP (a, scale bar = 20 µm) which
exhibit distinct mechanical microdomains in the membrane (close-up view in b).

SUPPORTING INFORMATION

Figure 3.22: Plasmolysis of root hairs monitored by N+-BDP. Fluorescence lifetime

maps of hairs of roots of 4-day-old Arabidopsis seedlings stained with N+-BDP and plasmolysed in 0.5M mannitol-supplemented 0.5x MS medium (scale bars = 20 µm). The
ﬂuorescence lifetimes within the membrane increase when the internal tension drops as
the membrane detaches from the walls.

Figure 3.23: Plasmolysis of root epidermal cells monitored by N+-BDP. Fluorescence
lifetime maps of roots epidermal cells of 4-day-old Arabidopsis seedlings stained with
N+-BDP and plasmolysed in 0.5M mannitol-supplemented 0.5x MS medium (scale bars
= 50 µm). The ﬂuorescence lifetimes within the membrane increase when the internal
tension drops as the membrane detaches from the walls.
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Figure 3.24: CWP-BDP in 4-day-old Arabidopsis seedlings. Fluorescence lifetime maps

of a root of 4-day-old Arabidopsis seedling stained with CWP-BDP at diﬀerent depths
within the root, starting from the outside in (a to f) (scale bar = 100 µm). The probe
permeates well in the epidermal layer, but diﬀuses more slowly in the core of the root.

SUPPORTING INFORMATION

Figure 3.25: CWP-BDP in the cotyledon pavement cells of wild type and qua2-1 mutant
Arabidopsis seedlings. FLIM images of cotyledon pavement cells stained with CWP-BDP
in qua2-1 mutant Arabidopsis seedlings (a-c) versus wild type seedlings (d-f) (scale bars
= 100 µm). The ﬂuorescence lifetimes are lower in the cell walls of mutant seedlings
compared to wild type seedlings, suggesting a higher wall porosity.
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Figure 3.26: N+-BDP in the cotyledon pavement cells of wild type and qua2-1 mutant
Arabidopsis seedlings. FLIM images of cotyledon pavement cells stained with N+-BDP
in qua2-1 mutant Arabidopsis seedlings (a-c) versus wild type seedlings (d-f) (scale bars =
100 µm). The ﬂuorescence lifetimes are lower in the cell membranes of mutant seedlings
compared to wild type seedlings, suggesting a lower tension.

SUPPORTING INFORMATION

Figure 3.27: CWP-BDP in the root epidermal cells of wild type and qua2-1 mutant

Arabidopsis seedlings. Fluorescence lifetime maps of qua2-1 mutant (a-d) and wild type
(e-h) Arabidopsis epidermal root cells stained with CWP-BDP (scale bars = 100 µm). No
signiﬁcant diﬀerence can be highlighted when comparing the lifetime patterns within
wild type and mutant root as the variation between diﬀerent wild type epidermal root
cells is already high.

Figure 3.28: CWP-BDP in the cotyledon pavement and guard cells of Arabidopsis seedlings. FLIM images in the epidermal cell layer of a cotyledon, of a 4-day-old Arabidopsis
seedling, stained with CWP-BDP (scale bar = 50 µm). Both stomata and pavement cells
are visible, showing distinct lifetime patterns. The lifetimes are higher in the guard cells,
reﬂecting the presence of dense pectinrich matter.
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Figure 3.29: Closing of the cotyledon stomata of Arabidopsis seedlings monitored by
CWP-BDP. FLIM images in the epidermal cell layer of a cotyledon of a 4-day-old Arabidopsis seedling stained with CWP-BDP, before (a-b) and after (c-d) abscisic acid (ABA)
treatment (scale bar = 50 µm). The ABA treatment triggers the closure of stomatal
cells[65], and a consequent decrease of ﬂuorescence lifetime within the guard cells, likely
due to a decrease in turgor.

SUPPORTING INFORMATION

Figure 3.30: Absorption (blue) and ﬂuorescence (green) spectra of sulfo-BDP in MilliQ water, λexc =370nm

Figure 3.31: Absorption (blue) and ﬂuorescence (green) spectra of PEG-BDP in MilliQ water, λexc =370nm
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Figure 3.32: Absorption (blue) and ﬂuorescence (green) spectra of N+-BDP in Milli-Q
water, λexc =370nm

Figure 3.33: Absorption (blue) and ﬂuorescence (green) spectra of CWP-BDP in MilliQ water, λexc =370nm
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Chapter 4

On the accurate use of molecular
rotors in biological experiments
4.1

Introduction

Molecular rotors are small ﬂuorophores whose photophysical properties exhibit
sensitivity towards hydrodynamic drag, conﬁnement, polarity, and binding (e.g.
via hydrogen bonding or electrostatic interactions). They have proven to be useful in the study of e.g. i) polymer dynamics in solution upon varying temperature
[1] or pressure[2], ii) polymerization dynamics[3], iii) contact pressure between
two surfaces[4] viscosity and ﬂow of ﬂuids under shear stress[5].
Molecular rotors undergo conformational changes upon excitation from the
ground state to their excited state. BODIPY-based rotors are a category of molecular rotors which typically feature a boron dipyrromethene core, with a pendant phenyl ring that can rotate with respect to the base. In the ground state,
they adopt a twisted conformation with a given angle - 55° as determined by Kee
et al.[6], 57.7° as determined by Suhina et al.[7], 49° as determined by Alamiry et
al.[8] - between the BODIPY core and the phenyl unit. This twisted conformation
leaves the two parts of the molecule out-of-conjugation. Excited state decay in
this state occurs by ﬂuorescence emission from the BODIPY core. Upon photoexcitation, the BODIPY core has been shown to buckle slightly[7], and these two
subunits to undergo an internal rotation with respect to each other. The two
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units thereby reach a planar conﬁguration with a 0° twist angle, creating a new
extended π-conjugated system. In this conformation, decay of the excited state
to the ground state occurs non-radiatively, and is therefore called ‘dark state’. The
access to this state requires a molecular motion around a rotational axis. The rate
of this rotation depends on a variety of factors, which include, but is not limited
to, the local viscosity as the rotation sets up a hydrodynamic ﬂow in the surrounding medium. At high viscosities the rotation, which opens a non-radiative
decay pathway, occurs much slower than ﬂuorescence emission, hence the dark
state is not accessed frequently and ﬂuorescence emission is high. By contrast,
at low viscosities, the characteristic time for rotation is much shorter than the
ﬂuorescence lifetime of the twisted state. As a result, the main part of the incoming energy is dissipated and not converted into ﬂuorescence, hence the emission
intensity is low. The sensitivity of the rotors’ rotation rate to viscosity leads to
a ﬂuorescence emission intensity and ﬂuorescence lifetime that is dependent on
viscosity. As a result, these probes are referred to as ‘rigidochromic’ and ﬁnd
use as ﬂuorescence sensors for local viscosity. However, other environmental
parameters can inﬂuence the rotor rotation as well, such as temperature, probe
conﬁnement, polarity and binding (e.g. to biomolecules). This sensitivity makes
quantitative experiments challenging, in particular in biological systems which
are inhomogeneous and complex. In several previous studies the rotors were
calibrated in a simple molecular solvent mixture, to convert ﬂuorescence lifetime or intensity measurements in complex media to a ‘microviscosity’[9, 10, 11].
Without knowledge of the other factors that could alter the probe’s rotation rate
in the real experiments, this conversion on the basis of calibrations in much simpler media is often only qualitative. The eﬀective microviscosity that is measured
is the viscosity of a simple ﬂuid mixture in which the rotor would have the same
rotation rate, but this does not always imply that the variations in rotation rate
are hydrodynamic in origin. In the following sections we will discuss some of
these complications, provide data to exemplify their signiﬁcance, and elaborate
what impact they could have on measurements in biological systems, such as the
one presented in Chapter 3.

ENVIRONMENTAL FACTORS POTENTIALLY CONTROLLING THE ROTATION RATE

4.2

4.2.1

Environmental factors potentially controlling the rotation rate of the probe
Probe confinement

The BODIPY-based molecular rotors respond to changes in conﬁnement and
free volume available for rotation. The degree of conﬁnement can change upon
variations in crowding density, upon variations in crosslinking density when
considering a polymer network, or upon binding to other solutes such as proteins in biological media. The rotation of part of the molecule in a conﬁned space
sets up a ﬂow of the ﬂuid that surrounds the rotor. If the conﬁnement is strong,
it will hinder this ﬂuid ﬂow and lead to a reduction in the probe rotation rate.
This reduction in rotation rate is a direct result of the hydrodynamic coupling of
the ﬂuid to the boundaries of the conﬁning network or space, and is enhanced
with increased conﬁnement. In view of this sensitivity, one of the ﬁrst applications of molecular rotors as local mechanosensors was as free volume probes in
polymeric materials[12].
Conﬁnement in semidilute polymer solutions
In order to probe the eﬀect of conﬁnement, decoupled from changes in ﬂuid
viscosity, we studied the rotor function of PEG-BDP in semidilute polymer solutions. The ﬂuorescence lifetime of PEG-BDP was measured as a function of ethylene glycol (EG), poly(ethylene glycol) (PEG) or poly(acrylic acid) (PAA) concentration in aqueous solution, using polymers of diﬀerent chain lengths. By varying
the polymer chain length we could tune the mesh size of the semidilute solutions
and achieve systems with the same macroscopic viscosity but very diﬀerent local
free volumes for the rotor. The ﬂuorescence decay traces of the PEG-BDP probe
were recorded and ﬁtted as illustrated in Figure 4.1 so as to determine the average ﬂuorescence lifetime of the molecule in solution. Figure 4.2a illustrates the
eﬀect of these diﬀerent conﬁnements of the PEG-BDP probe in solution. The
curves of lifetime versus polymer concentration, obtained for the diﬀerent molecular weights of PEG and PAA superpose, showing that the rotor responds to
changes in concentration rather than changes in macroscopic viscosity (Fig.4.2b).
Indeed, two solutions obtained with two polymers of diﬀerent chain length can
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Figure 4.1: Fluorescence decay traces of PEG-BDP in PEG 1 kg mol-1 aqueous solu-

tions with various concentrations ranging from 0 (purple) to 6 g cm-3 (brown) (a). Fluorescence decay trace obtained in a 6 g cm-3 PEG 1 kg mol-1 aqueous solution (red squares)
with corresponding Instrument response function (blue squares) and bi-exponential ﬁt
curve (black line) used to determine the average ﬂuorescence lifetime of the probe (b)

have the same chemical nature as well as the same polymer concentration but
very diﬀerent macroscopic viscosities, while still leading to lifetimes of the same
magnitude. Even though ethylene glycol has a similar chemical composition as
PEG, the curve obtained in ethylene glycol aqueous solutions does not superpose
with the ones obtained in PEG solutions at concentrations above 0.1 g mL-1 . This
can be seen as the result of a diﬀerent nature of conﬁnement in a solution of
overlapping polymer chains compared to the one in a solution of low molecular
weight solute. These results clearly illustrates why the use of molecular rotors
as viscosity probes in ﬂuids with mesoscopic structure, such as macromolecular
solutions, must be performed with care.
Conﬁnement in a dense polymeric network
Another example of a polymeric network in which the rotor senses changes
in mesh size, rather than giving a quantitative measure for viscosity, are protein condensates. These have recently attracted attention due to their biological

ENVIRONMENTAL FACTORS POTENTIALLY CONTROLLING THE ROTATION RATE

Figure 4.2: Evolution of the ﬂuorescence lifetime of PEG-BDP in solutions of EG, PEG
and PAA with various chain length, as a function of EG or polymer concentration (a), and
as a function of viscosity as measured by DLS microrheology (b)

relevance[13, 14, 15]. To mimic biologically occurring protein condensates we
prepared coacervates of anionic RNA and cationic polypeptide polylysine (PLL)
[15, 16]. Upon addition to a phase separated system of RNA-PLL coacervate, in
coexistence with a dilute phase of mostly buﬀer, the sulfo-BDP probe spontaneously partitions into the coacervate phase. The sulfo-BDP probe can be used
to highlight variations in the network mesh size upon alteration of the salt concentration (Fig. 4.3). The mesh size of coacervates decreases with decreasing salt
concentration as the polymer content in the coacervate phase increases[17, 18].
A consistent increase in lifetime was observed as the mesh size of the coacervates
decreased, resulting in higher rotational constraint. Moreover, even inhomogeneities in the coacervate structure within a single droplet could be revealed using Fluorescence Lifetime Imaging, showing a looser network structure near the
droplet interface, possibly related to a large interfacial width (Fig.4.3a-b).
Finally, in a more complex polymeric network such as the one constituting
the plant cell wall, the CWP-BDP probe could highlight changes in network mesh
size induced during cell elongation. The increase in mesh size induced by specialized proteins to allow for cell growth upon increase in turgor pressure was
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Figure 4.3: Fluorescence lifetime map obtained with sulfo-BDP in PLL/total RNA co-

acervates suspended in 100 mmol L-1 phosphate buﬀer (a, scale bar = 50 µm; b, scale bar
= 15 µm) and corresponding lifetime distributions obtained for the same coacervates
equilibrated in either 100 mmol L-1 phosphate buﬀer (N = 50) or 10 mmol L-1 phosphate buﬀer (N = 50) (b)

reﬂected by a spatial decrease in the rotor’s ﬂuorescence lifetime when going up
the root (Chapter 3).

4.2.2

Solvent polarity

The BODIPY-based molecular rotors are sensitive to polarity; upon decreasing
the polarity of the ﬂuid, the ﬂuorescence lifetime of the molecule increases. This
increase in lifetime, in agreement with other studies mentioned previously[19, 9],
can be explained by the partial charge transfer that occurs between the BODIPY
core and the phenyl ring during the probe conformational change. This charge
transfer induces an increase in dipole moment when going from the emissive
locally excited ‘bright state’ to the non-emissive ‘dark state’. A polar solvent stabilizes the dark state - i.e. increases the amount of energy required for the reorientation of solvent molecules which align with the ﬂuorophore’s dipole - and
thus favours relaxation from that state, resulting in a lower ﬂuorescence lifetime.
This polarity-dependence is not reﬂected by a wavelength shift of the absorbance
and emission spectra as the energy level of the locally excited state is relatively
insensitive towards solvent polarity[20].
Graphically, the polarity dependence can be represented by an activation en-

ENVIRONMENTAL FACTORS POTENTIALLY CONTROLLING THE ROTATION RATE

Figure 4.4: The photophysical model for BODIPY-based molecular rotors, established
by Vyšniauskas et al.[9]. An energy barrier for conformational change rises as the solvent
polarity decreases.

Figure 4.5: Evolution of the ﬂuorescence lifetime of sulfo-BDP, PEG-BDP and N+BDP in 50 v% ethanol- or 50 v% acetone-water solutions compared to pure water (a);
Evolution of the ﬂuorescence lifetime of sulfo-BDP in ethanol-water mixtures at various
ethanol concentrations (b)

ergy barrier that the rotor needs to overcome to convert from the bright state to
the dark state (Fig. 4.4). The amplitude of this energy barrier increases as the
polarity decreases. The existence of such a barrier is supported by experiments
which show an Arrhenius-like temperature dependence that becomes more pronounced in more apolar solvents[9]. In a biological system, e.g. in cells, the polar-
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ity is likely to vary signiﬁcantly when going from one cellular compartment to
another. This makes it risky to compare, for instance, the ﬂuorescence lifetime
values obtained within the aqueous vacuolar compartment to the one obtained
within the hydrophobic membrane bilayer if one wants to assess quantitatively
variations in microviscosity. In addition, the BODIPY-based molecular rotors
sensitivity to polarity seems to strongly depend on the nature of the substituents
introduced on the phenyl ring. For example, an aliphatic tail in the para position
of the phenyl ring[21] seems not to lead to signiﬁcant polarity sensitivity at high
viscosities; the lifetimes of this rotor in apolar castor oil show an excellent overlap with more polar methanol/glycerol mixtures at viscosities above 80 cP. However, at lower viscosities, a polarity-dependence arises; the ﬂuorescence decay
traces of the probe obtained in various organic solvents of comparable viscosities (methanol, chloroform, THF, toluene, propanediol, butanediol, pentanediol)
deviate signiﬁcantly. It is therefore important to consider both the relevant viscosity range, and the intrinsic polarity sensitivity of the chemical design, before
neglecting polarity eﬀects. Suhina et al.[7] showed that an ester-functionalized
phenyl ring leads to little to no dependence on polarity. No signiﬁcant correlation was found between the logarithm of the non-radiative decay constant and
the solvent’s orientational polarization function, the latter being a function of
the relative permittivity of the solvent. They demonstrated the minor inﬂuence
of polarity by highlighting a low Pearson correlation coeﬃcient and a relatively
high probability p=0.3 of those two variables to be uncorrelated. However for
the same molecule this polarity dependence is debated. In another study carried out by Vyšniauskas et al.[9], they demonstrate that the same molecule has
a non-negligible polarity dependence over a broad viscosity range, as the calibration curves obtained with solutions of similar viscosities but very diﬀerent
polarities – i.e. methanol/glycerol vs toluene/castor oil – are not superposable.
Other functional groups, such as an aliphatic tail connected to the phenyl ring
via an oxygen atom, a bromine atom[9], a hydrogen atom or a nitro group[19]
have been shown to lead to polarity-dependence, with a dependence that attenuates at high viscosities. A few published studies employ BODIPY-rotor derivatives having diﬀerent functional groups as viscosity sensors while neglecting
the polarity dependence. They use methanol/glycerol calibration curves to give
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Figure 4.6: Evolution of the ﬂuorescence lifetime of sulfo-BDP, PEG-BDP and N+BDP in 0.5 M KCl solutions compared to pure water

an idea, or to directly translate measured ﬂuorescent lifetimes into viscosities,
even though the polarity as well as conﬁnement in methanol/glycerol mixtures
is often far from representative of the studied system[22, 23, 24]. The rotors we
used as microviscosity probes in Chapter 3 exhibit a non-negligible polarity dependence in organic solvent/water mixtures at low viscosities. Figure 4.5 shows
the evolution of the probes’ lifetimes in aqueous solutions of ethanol and acetone compared to pure water. Even though ethanol and acetone are slightly less
viscous than water, the lifetime of the sulfo-BDP and N+-BDP probes tends to
increase quite signiﬁcantly when their content increases.
Polarity is an important parameter to consider when using BODIPY-based
molecular rotors as free volume probes, even though the polarity dependence
tends to become less critical as high viscosities. Those rotors have a relatively
small change in dipole moment during conformational change compared to other
rotor dyes - including the numerous ones that use Twisted Intramolecular Charge
Transfer mechanism, where the charge transfer becomes signiﬁcant and charge
separation occurs over a much bigger distance -. This makes them globally less
sensitive to polarity than their competitors[25, 26, 10]
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4.2.3

Salt effect

In Chapter 3, the rotors were used in cellular compartments where the presence
of high concentrations of electrolytes could potentially aﬀect their ﬂuorescence
lifetime response. To conﬁrm that this is not the case, we have performed experiments in salt solutions. Figure 4.6 shows that the presence of simple monovalent
salts, in our case potassium chloride, does not seem to impact the non-radiative
decay rate of the rotors. The ﬂuorescence lifetimes of the rotors do not vary upon
addition of potassium chloride.

4.2.4

Probe binding

One of the most interesting application for those BODIPY-based molecular rotors is the study of biological systems, as large scientiﬁc questions remain on
the eﬀects of local mechanics on biological processes. Being able to measure free
volume in cells is a big step towards understanding fundamental biological processes. One aspect to consider is that these probes inherently have a hydrophobic
and conjugated backbone and that cellular systems are rich in proteins and biopolymers, which often feature hydrophobic pockets that can bind to the probes
and hinder the rotation. Binding events lead to variations in probe conﬁnement,
and variations in conﬁnement can aﬀect the hydrodynamic coupling between
the probe and its environment (as discussed above) or lead to steric hindrance.
Binding events can also lead to variations in polarity of the sensed environment;
this can be the case if binding brings the probe into closer contact with some
more or less polar components. These phenomena can alter the probe rotation
rate and lead to a change in ﬂuorescence lifetime even though the viscosity of
the solvating medium itself does not change.
Figure 4.7 shows the evolution of the PEG-BDP probe lifetime in BSA and the
evolution of the PEG-BDP and N+-BDP probes in lysozyme solutions of various
concentrations. Even at low protein concentrations the ﬂuorescence lifetime saturates in the BSA solutions, and does not show any dependence upon concentration. On the other hand, in the lysozyme solutions, both PEG-BDP and N+-BDP
retain their rigidochromic properties. BODIPY dyes have been shown to interact
non-speciﬁcally with BSA, resulting in a notable increase in their ﬂuorescence
intensity[27]. The rotor locates in the ﬂuid surrounding the BSA proteins and
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Figure 4.7: Evolution of the ﬂuorescence lifetime of PEG-BDP in solutions of BSA
(green squares) or Lysozyme (green triangles) as a function of protein concentration.
Evolution of the ﬂuorescence lifetime of N+-BDP in solutions of Lysozyme (black triangles) as a function of protein concentration

in one or several of their hydrophobic binding pockets. As the quantum yield
of ﬂuorescence increases when the lifetime increases, and probably because of
preferential partitioning of the rotor within those pockets, the ﬂuorescence component coming from the BSA binding pockets will dominate and result in a high
average lifetime. This is one of the limitations of using such rotors as we cannot
subtract one or the other contribution from the overall ﬂuorescence decay. As
a result, when interpreting FLIM images, a region of high lifetimes in cells can
reﬂect a globally high conﬁnement at the pixel size scale, or much more local
conﬁnement due to binding.
Figure 4.8 shows how binding to biopolymers such as RNA can aﬀect the rotor response. A shift towards higher lifetimes in the ﬂuorescence lifetime distribution of PR4-BDP, which features cationic amino acids having an electrostatic
aﬃnity to the anionic RNA, is observed in dilute RNA solution as compared to
pure buﬀer solution. When using sulfo-BDP (anionic) in a PLL (polycation) solution no signiﬁcant shift is observed as the probe does not bind strongly to the
positively charged PLL chains (Fig. 4.8b). As binding occurs, the environment
that is probed by the rotor changes.The diﬀerence between these two cases is
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Figure 4.8: Evolution of the ﬂuorescence lifetime distribution of PR4-BDP in total
RNA solution compared to control phosphate buﬀer (a); Evolution of the ﬂuorescence
lifetime distribution of sulfo-BDP in PLL solution compared to control phosphate buﬀer
(b)

probably due to the number of charges on the rotor; for the ﬁrst example, the
PR4-BDP carries four cationic charges, while the sulfo-BDP contains only two
anionic groups. The binding aﬃnity increases exponentially with the number of
charges between the two oppositely charged molecules and is probably responsible for binding in the former and no-binding in the latter case.
This result highlights how much the choice of chemical composition of the
rotor is critical as it will change the interaction with the environment and thus
where and what we measure. This is one additional reason why calibration in
methanol/glycerol mixtures is not appropriate to translate into viscosities the
ﬂuorescence lifetime data obtained in cellular membranes and in biological systems in general.

4.3

Implications for microviscosity mapping in biological
medium

In Chapter 3 we used BODIPY-based molecular rotors functionalized with different targeting functionalities to map microviscosity patterns in plant cells us-

IMPLICATIONS FOR MICROVISCOSITY MAPPING IN BIOLOGICAL MEDIUM

ing FLIM. To interpret these patterns in a fair and transparent way it is important
to consider what the rotor is actually sensing. The rotors respond to variations
in conﬁnement at a very local scale and therefore the term microviscosity might
refer to diﬀerent quantities depending on the probed length scale and the relative
size ratio between the rotor and the surrounding components. In addition, cells
are complex systems where polarity can vary a lot from one cellular compartment to another. A complete decoupling of the eﬀects of conﬁnement and polarity is impossible, therefore when interpreting the lifetime patterns one should
take into account the nature of the system and compare systems with similar
polarities. To achieve a quantitative measurement, calibration should be done in
a medium that is most representative both for polarity and length scale. For example, to determine the vacuolar and cytosolic microviscosity, we can consider a
calibration made in aqueous protein solutions at representative concentrations.
To determine the membrane microviscosity, we can perform a systematic study
of the rotor’s response in synthetic membranes, i.e. in vesicles, when varying
the tension applied on the membrane by varying the osmotic pressure mismatch
between vesicle interior and the surrounding medium or mechanically, e.g. by
micropipette aspiration. To have a reference in terms of cell wall microviscosity,
we can think of implementing the probe in a synthetic polysaccharide network
with controlled mesh sizes and polymer charge densities – to account for the spatial changes in pectin de-esteriﬁcation –. This latter is most challenging, as the
cell wall composition is highly complex and varies from cell-to-cell and from
species to species.
Spatio-temporal increases in lifetime can reﬂect either an increased conﬁnement, a decreased polarity, or an increased degree of binding. As a consequence
using other analysis techniques in parallel, such as FRAP, Fluorescence Correlation Spectroscopy, or ﬂuorescence anisotropy measurement, is needed to obtain
more information on the system[28, 29]. Fluorescence anisotropy measurements
can provide insight on probe binding. Using time-resolved ﬂuorescence anisotropy one can assess the orientation and mobility of the dyes, as well as the processes that aﬀect them. From the anisotropy decay of a dye’s ﬂuorescent emission,
one can derive its rotational correlation time, which is related to viscosity, temperature, and molecular volume. A binding event increases the apparent volume
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of the probe and as a result increases its rotational correlation time. Therefore at
constant viscosity and temperature, this characteristic time is directly related to
the degree of binding of the probe. The ﬂuorescence lifetime τ and the rotational
correlation time θ are related via the expression

τ = aθα

(4.1)

where a and α are constants that can be determined on the basis of a calibration curve, measuring τ and θ as a function of viscosity. By performing lifetime and anisotropy measurements simultaneously and comparing the ﬂuorescence lifetime and the rotational correlation time, we could in principle assess
whether there is binding -in which case expression 4.1 would not hold anymoreor whether the dye diﬀuses freely[29, 30]. The absolute values of a and α might
vary according to e.g. the degree of conﬁnement or the polarity, but if the rotational correlation time and the ﬂuorescence lifetime send back to the same
viscosity magnitudes, we can then conclude that there is no signiﬁcant binding.
Furthermore, the shape of the anisotropy decay can also provide information on
binding; if the anisotropy does not decay completely to zero after excitation, then
the probe does not rotate in random directions but mainly along the rotation axis
between the BODIPY core and the phenyl ring, which indicates some extent of
binding or a tight interaction[30, 31]. Additionally, the relation 4.1 should not
hold anymore if other environmental factors such as polarity aﬀect the rotor response, but the ﬂuorescence anisotropy should still be able to decay to zero.
To conclude, without a suitable calibration, FLIM maps are not quantitative.
Yet, this does not mean they are without value. Within a single compartment,
such as a membrane or a vacuole, these data provide insights into mechanical
heterogeneity on a qualitative scale, e.g. reﬂecting relative changes in conﬁnement or crowding densities, as well as providing information on the dynamics
of cellular processes at a high resolution that cannot currently be achieved by
other means.

MATERIALS AND METHODS

Figure 4.9: Chemical structure of the PR4-BDP probe (unprotonated version)

4.4

Materials and methods

Total RNA from yeast was purchased from Roche Diagnostics GmbH and PLL
(Mn 66 kg mol-1 ) was purchased from Alamanda Polymers. All other chemicals
were purchased from Sigma-Aldrich, Polymer Source or Fischer Scientiﬁc and
used as received unless indicated otherwise.

4.4.1

Synthesis of PR4-BDP

The peptide PRPRPRPR extended on the N-terminus with two G residues and 4pentynoic acid in order to separate the cell wall binding peptide from the BODIPY rotor was purchased from pepscan (98%+ purity). The alkyne-peptide derivative was subjected to copper-catalysed alkyne-azide cycloaddition (CuAAC)
conjugation to the azide-functionalized BODIPY rotor. For this, 2 (0.86 mg; 2.45
µmol) was mixed with the alkyne-peptide derivative (2 mg; 1.63 µmol) in DMF:
water = 75:25 (400 µL). CuSO4 (3.06 mg; 12.26 µmol) and sodium ascorbate (6.2
mg, 31.05 µmol) were added. The reaction was performed overnight at room
temperature. The crude mixture was subjected to preparative RP-HPLC using a
prep-LC-MS system (Alltima, C18, 5µ, 250mm x 22mm; gradient: 0–5 min @A,
in 5–25 min to B, 25–30 min @B, in 30–35 min to A, 35–40 min @A [buﬀer A:
95% MilliQ, 5% MeCN, 0.1% TFA; buﬀer B: 95% MeCN, 5% MilliQ, 0.1% TFA],
tR = 15.46 min). The puriﬁed fraction was freeze-dried to get PR4-BDP (0.42 mg,
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16% yield).

4.4.2

Impact of probe confinement in polymer or protein solutions –
solution preparation

Table 4.1: Speciﬁcations (Mn, PDI) of the diﬀerent PEG used in the conﬁnement
study

Polymer

Mn (g mol-1 )

PDI

PEG1k
PEG10k
PEG100k
PEG728k

1000
10,000
95,000
728,000

< 1.3[32]
< 1.3[32]
1.08
1.24

We studied the ﬂuorescence lifetime response of PEG-BDP in aqueous solutions of ethylene glycol, poly(ethylene glycol) of various chain lengths (reported
in Table 4.1), poly(acrylic acid) 5.1kg mol-1, Bovine Serum Albumin and Lysozyme from chicken egg white. The concentrations were varied between 0.01 g
cm-3 and 10 g cm-3 until reaching the solute solubility limit. The viscosity of
those solutions was determined by DLS microrheology.

4.4.3

DLS microrheology

PMMA-PEGMA particles with a hydrodynamic radius of 77 nm (PDI between
0.002 and 0.042) were synthesized by a standard emulsion polymerization. In a
250 mL round-bottom ﬂask, methyl methacrylate (8.9 g) and PEG methacrylate
(0.5 g) were mixed in MQ water (100 mL) containing a small amount of SDS
(20 mg). The mixture was degassed by purging with nitrogen for 10 min. The
ﬂask was put under slight vacuum. The biphasic mixture was stirred at 75°C for
15min, and the stirring speed adjusted so as to avoid emulsiﬁcation. A solution of
potassium persulfate (100 mg) in MQ water (5 mL) was injected, and the reaction
carried out for at least 24h. The obtained turbid suspension was ﬁltered through
glass wool and stored at 4°C in a plastic bottle.

MATERIALS AND METHODS

The dynamic light-scattering experiments were carried out on a Malvern
Nano-S, with a He-Ne laser (λ=632.8 nm), an avalanche photodetector at a detection angle of 173°. In all experiments the temperature was controlled at 20°C.
The DLS particles were suspended in the samples of interest by diluting the stock
1000 times. The scattered intensity autocorrelation function was measured 3
times, for 1000 s to 1 h depending on the characteristic decorrelation time of
each individual sample. The mean square displacement of the particles was determined from the scattered intensity autocorrelation functions, and the diﬀusion coeﬃcient computed by using the slope of the mean square displacement
vs time plot at time scales beyond the caging dynamics. The diﬀusion coeﬃcient
was directly translated into a viscosity using the Stokes-Einstein equation.

4.4.4

Fluorescence Lifetime measurements

The average ﬂuorescence lifetime measurements in solution were performed as
described in Chapter 3, using mono- or biexponential decay ﬁts.

4.4.5

Coacervate preparation and fluorescence lifetime imaging

100 mmol L-1 and 10 mmol L-1 phosphate buﬀer (pH 7) was prepared by dissolving potassium phosphate monobasic and potassium phosphate dibasic trihydrate
in MQ water. The pH was adjusted using a 1 M KOH solution. Stock solutions
of 50 g L-1 of total RNA in 100 mmol L-1 buﬀer and 20 g L-1 PLL in MQ water were prepared. Coacervate samples were prepared (25 µL) in 200 µL eppendorf tubes by mixing 100 mmol L-1 phosphate buﬀer with the required volumes
of RNA stock, sulfo-BDP stock and PLL stock to reach ﬁnal concentrations of
1 wt% RNA, 20 µmol L-1 of sulfo-BDP and a charge ratio RNA:PLL of 1. PLL
was added last. The solution was mixed by pipetting up and down 10 times. The
coacervates formed were immediately transferred to plastic counting chambers
(Bio Rad) for imaging.
A buﬀer exchange from 100 mmol L-1 to 10 mmol L-1 phosphate buﬀer was
performed in order to reduce the mesh size of the polymer network within the
coacervates. The coacervates were decanted and the supernatant exchanged with
10 mmol L-1 buﬀer. The samples were equilibrated for 10 min before imaging.
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FLIM images of 256×256 pixels were recorded using a Leica TCS SP8 inverted scanning confocal microscope in the same conditions as reported in Chapter
3 for sulfo-BDP. The imaging was performed with a 63× 1.2 NA water immersion
objective.

4.4.6

Impact of binding – solution preparation

The lifetime distributions of PR4-BDP and sulfo-BDP were recorded using FLIM
in a solution of 1 wt% total RNA or 1 wt% PLL in 100 mmol L-1 phosphate buffer. The dye concentration was set to 10 µM sulfo-BDP or 50 µM PR4-BDP (to
compensate for a lower quantum yield in solution).
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Chapter 5

Molecular sensors reveal the
mechano-chemical response of P.
infestans walls and membranes to
mechanical and chemical stress
Phytophthora infestans, causal agent of late blight in potato and tomato, remains challenging to
control. Unravelling its biomechanics of host invasion, and its response to mechanical and chemical stress, could provide new handles to combat this devastating pathogen. Here, we introduce
two ﬂuorescent molecular sensors that reveal the micromechanical response of the cell wallplasma membrane continuum in Phytophthora infestans during invasive growth and upon chemical
treatment. When visualized by live-cell imaging the two probes report changes in cell wall (CW)
porosity, and in chemical polarity and lipid order in the plasma membrane (PM). During invasive
growth, mechanical interactions between the pathogen and a surface reveal clear and localized
changes in the structure of both CW and PM. Moreover, the probes can reveal the speciﬁcity
of chemical treatment to either CW and/or PM, unravelling the mode-of-action of crop protection agents. This mechano-chemical imaging strategy resolves, non-invasively and with high spatiotemporal resolution, how the CW-PM continuum adapts and responds to abiotic stress, and
provides information on the dynamics and locus of cellular stress responses for which, to date, no
other methods are available.

This chapter was submitted as:
Lucile Michels, Jochem Bronkhorst, Michiel Kasteel, Djanick de Jong, Bauke Albada, Tijs Ketelaar, Francine Govers & Joris Sprakel Molecular sensors reveal the
mechano-chemical response of Phytophthora infestans walls and membranes to mechanical and chemical stress (2021)
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5.1

Introduction

Host infection by biotrophic ﬁlamentous plant pathogens invariably commences
with host entry, a complex process in which the pathogen utilizes mechanical
weaponry to breach the protective barrier posed by the plant surface, guided
and aided by biochemical interactions between pathogen and host. Understanding the nature and mechanisms of host invasion is an important route to ﬁnd
new solutions to control plant pathogens and mitigate yield losses resulting from
plant diseases. From this vantage point, obtaining a complete picture of the plantmicrobe interactions during host entry requires study of the invasion process
from the perspective of the host and that of the pathogen, and taking both mechanical and chemical interactions into account.
Among the most damaging plant pathogens, is the oomycete Phytophthora infestans, causal agent of late blight in potato and tomato, and responsible for large
crop yield losses and economic damage[1, 2]. Despite tremendous progress in
unravelling the biochemical host-pathogen interactions and continued eﬀorts to
breed resistant crops, P. infestans remains challenging to control, in part due to its
large and rapid genetic adaptability[3]. While studies into the invasion strategies
of this pathogen from a genetic, biochemical and cell biological perspective are
abundant, very little is known about the strategies it exploits to gain mechanical
entry into plants.
Various molecular-genetic and biochemical approaches as well as omics analyses are widely used to identify, on the one hand, Phytophthora genes encoding eﬀectors and other proteins required for pathogenicity[4, 3, 5, 6, 7] and, on
the other hand, plant genes implicated in immunity and susceptibility to late
blight[8, 9, 10]. Additionnally, the molecular mechanisms underlying the manipulation of plant immunity by eﬀectors are widely studied[11, 12, 13].
Studies on genetics, secreted eﬀectors and cytoskeletal regulation are vital
to elucidate essential components of the invasion machinery of P. infestans. Yet,
connecting how these components work in synchrony during infection, and how
they couple to the mechanical process necessary to breach the plant surface remains challenging.
In a recent study[14], we took a ﬁrst step to unravel the mechanics of host
entry by Phytophthora spp. By using a combination of surface deformation ima-
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ging, molecular fracture sensors and modelling, we uncovered a mechanism,
coined as ‘naifu’-mechanism, that Phytophthora spp. use to enter their hosts. The
discovery of this mechanism gives rise to a plethora of new questions on how
Phytophthora, perceives and processes mechanical signals at the pathogen-host
interface into intracellular mechano-biological responses.
Resolving this challenge requires new tools that provide access to local mechano-chemical properties at the surface of and inside the pathogens during
mechanical invasion, ideally in live-cell imaging and with high spatio-temporal
resolution. In a previous study[15], we introduced a toolbox of molecular mechanoprobes that can resolve complex micromechanical patterns in plant cells during
a range of cellular processes. Yet, these approaches remain to be utilized for the
study of pathogens during invasive growth.
In addition to the understanding of their invasion mechanics, the identiﬁcation of novel chemical control agents for Phytophthora pathogens is an important
strategy to combat late blight diseases more eﬀectively[16, 17]. Suitable control
agents typically act on speciﬁc parts of the pathogen anatomy. Usually, their effects are studied by monitoring alterations in colony propagation and cell morphology. However, this approach leaves the treatment’s site- and mode-of-action
unresolved. Moreover, screening the action of control agents quickly and at limited cost remains challenging and hinders deep screening of compounds. In that
regard, mapping spatio-temporal variations in CW and PM properties using our
molecular probes could reveal the outlines of the pathogen’s mechano-chemical
reaction to treatment relatively quickly and inexpensively, and provide a completely novel aspect to evaluate drug eﬃcacy.
In this paper, we introduce a set of two synthetic molecular reporters that are
capable of resolving the intracellular mechano-chemical response of the cell wall
(CW) – plasma membrane (PM) continuum in P. infestans pathogens during hyphal and invasive growth. These reporters also reveal the CW and PM response
to various chemical treatments known to inhibit invasion. The ﬁrst molecular reporter is a cell-wall binding molecular rotor[15] that reports on spatial and temporal changes in CW porosity and composition. The second is a solvatochromic
PM probe that reveals changes in membrane polarity and molecular order. Using a combination of both probes we show how invasive growth generates a loc-
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alized sub-cellular response at the pathogen-host contact point as a gateway for
mechanical signal internalization, and how chemical treatment elicits speciﬁc responses in the wall-PM continuum. These new tools can contribute to bridging
the gap between the genetic, biochemical, cell biological and mechanical aspects
of host entry by these devastating pathogens.

5.2

Materials and Methods

Synthesis of ﬂuorescent molecular reporters
The CW probe CWP-BDP dye was synthetized as reported in Michels et al.[15],
and the PM reporter, NR12S, was synthesized following the protocol reported
by Kucherak et al.[18]. A comprehensive overview of all experimental details,
including synthesis and chemical characterization of the probes are provided in
Chapter 2. Absorbance and emission spectra of the probes are given in Figure
5.6.
P. infestans growth and spore generation
P. infestans wild-type strain 88069 (P. infestans-wt), was maintained on rye sucrose agar (RSA) medium[19] supplemented with Vancomycin (20 µg mL-1 ), Ampicillin (100 µg mL-1 ), and Amphotericin A (10 µg mL-1 ). Cultures were grown for
10 days at 18°C in the dark, and maintained by regularly transferring a 5x5 mm
mycelial plug to new plates.
Zoosporogenesis was initiated by adding sterile tap water (4°C) (10 mL for
100-mm-diameter plates, 5 mL for 60-mm-diameter plates) to a 10 to 14-dayold culture, followed by incubation at 4°C for 3h. After cooling, the zoospore
suspension was collected and zoospores were encysted through manual physical
stimulation (i.e. shaking for 1 min). The cysts were diluted 5x with milli-Q water,
to reach a concentration of c. 1 105 spores mL-1 for experimental use.
For imaging optimization experiments with NR12S, P. infestans-wt mycelium
was exposed to a relatively low concentration of β-sitosterol. This was done by
placing two mycelium plugs (about 2 mm diameter) from a 7 day old P. infestans
culture grown on Plich medium[20] lacking sterols on opposite sites of a disk (1
cm diameter, 0.5 cm thickness) of synthetic agar medium supplemented with 0.2
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µg mL-1 β-sitosterol (from a stock of 2 g L-1 β-sitosterol in DMSO) and allowing hyphae to grow into the disk.The ﬁnal percentage DMSO in the medium was
0.1% (v/v). Disks were incubated at 18°C in the dark for three days before use in
microscopy experiments.
Imaging procedures
Artiﬁcial substrate preparation
All reactive PDMS polymers were purchased from Gelest Inc. and used as received. For observation of invasive growth, artiﬁcial substrates that mimic the
hydrophobicity and stiﬀness of plant leaves were used. Previous work has shown
that these substrates elicit a similar invasion response as real host surfaces[14].
Stiﬀ PDMS elastomer surfaces were prepared from a commercial 2-component
polydimethyl siloxane rubber (Sylgard 184, Dow Corning) in a 10:1 base: crosslinker ratio. The two components were mixed by vortexing for 3 to 4 min. Bubbles and dust were removed from the viscous mixture by centrifugation at 1000g
for 10 min. #1 18x18 mm glass coverslips were cleaned before spincoating with
the elastomer precursor mixture; coverslips were rinsed sequentially with isopropyl-alcohol (IPA), Milli-Q deionized water, and IPA, and subsequently dried
in a nitrogen stream, followed by heating to 60°C for 5 min. Coverslips were
pre-treated using an O2 /N2 plasma for 1 min and then spincoated with 130 µL
of mixture, at 500 rpm for 30s, followed by 2000 rpm for 2 min, to reach a 33
µm layer thickness (as determined by confocal microscopy). The Young’s modulus, representing the elastic constant for uniaxial tensile deformations, of these
substrates was measured on a home-built indentation set-up, as described previously[21], and determined to be 1.5 MPa. The samples were placed inside a
vacuum chamber for at least 30 min to remove air bubbles, beforecuring at 50°C
overnight.
For observations in non-invasive hyphae, solvent-free PDMS elastomer surfaces were prepared following the procedure reported by Cai et al.[22]. For preparation of the precursor, the following components were used; Backbone: vinylmethylsiloxane–dimethylsiloxane copolymer, trimethylsiloxy terminated, c. 300
vinyl groups per molecule, Mw ≃ 50 000 g mol-1 (VDT-5035). Side chain: monohydride-terminated poly(dimethylsiloxane), Mw ≃ 4750 g mol-1 (MCR-H21).
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Crosslinking chain: hydride-terminated polydimethysiloxane, Mw ≃ 17 200 g
mol-1 (DMS-H25). The PDMS linear polymers were mixed at a VDT-5035: MCRH21: DMS-H25 = 1:13.3:1.72 mass ratio to achieve a 1:140:5 backbone: side chains:
crosslinks number ratio, and a ﬁnal Young’s modulus of 15 kPa. The three components were mixed by vortexing for 3 min. Bubbles were removed by sonicating
the sample for 10s. The Karstedt’s catalyst was added to the precursor mixture at
a concentration of 5 µL g-1 from a 2% platinum solution in xylene. The solution
was again thoroughly mixed and sonicated for 10s. Plasma cleaned #1 coverslips
were then spincoated with 130 µL of mixture, at 500 rpm for 30s, followed by
2000 rpm for 2 min. The samples were eventually cured at 70°C for 48 h.
Cell incubation and ﬂuorescence imaging
For imaging experiments, a 80 µL droplet of a spore suspension (≃105 cysts per
mL) was deposited onto the elastomer surface, followed by placement inside bespoke 3D printed sample chambers (Fig. 5.7) to minimize water evaporation. For
staining, a portion of the aqueous phase of the droplet, 50 µL, was replaced three
times with a solution of either CWP-BDP or NR12S, dissolved at 10 µmol L-1
in water. The staining was performed for 15 min (CWP-BDP) or 7 min (NR12S),
after which any unbound dye was removed by replacing 50 µL of the droplet
three times with water.
To image PM polarity in P. infestans mycelium using NR12S, 80 µL of NR12S
staining solution at 10 µmol L-1 in water were deposited onto the mycelium
grown on a solid agar pad. Staining was performed for 7 min and the dye solution
was subsequently removed. The agar pad was placed upside down on a coverslip
for imaging.
Two-dimensional Fluorescence Lifetime Imaging (FLIM) experiments of samples stained with CWP-BDP were performed on a Leica TCS SP8 inverted confocal microscope coupled to a Becker&Hickl TCSPC lifetime module (SPC830).
Samples were excited with a 514-nm pulsed laser source (pulse duration <1 ps)
with a repetition rate of 40 MHz, and ﬂuorescence emission was captured through
a 63× water immersion objective (numerical aperture = 1.2). A line scanning
speed of 400 Hz was used and the emission was collected, using a spectral window extending from 518 nm to 600 nm, onto a Leica HyD SMD hybrid photode-
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tector. Acquisition time was ﬁxed at 120 s for each 256 × 256 pixel image. FLIM
images were processed using the SPCImage 7.1 software to ﬁt the ﬂuorescence
decay curves in each pixel with a two-component exponential decay.
Three-dimensional FLIM imaging, using FastFlim, for CWP-BDP, as well
as 2D- and 3D- ratiometric imaging with NR12S were performed on a Leica
TCS SP8 Two-photon inverted confocal microscope. Samples were excited with
a Chameleon Ti:Sapphire pulsed laser source (pulse duration = 140 fs), at either
810 nm (CWP-BDP) or 830 nm (NR12S), with a repetition rate of 80 MHz. Fluorescence was captured through a 40× water immersion objective (numerical aperture = 1.2). A line scanning speed of 400 Hz was used and the emission was collected in a Leica 4 Tune detection unit equipped with Leica HyD SMD hybrid
photodetectors. The emission of CWP-BDP was collected in a single photodetector, using a spectral window extending from 500 nm to 600 nm. The emission of NR12S was collected in two separate channels, using spectral windows
extending from 500 nm to 585 nm, and from 585 nm to 700 nm respectively.
The acquisition time was ﬁxed at 15 s for each 256 × 256 pixel image. For threedimensional image stacks, the z-step was set to 0.5 µm.
FLIM images obtained with CWP-BDP imaging were processed using the
SP8 Falcon software that determines lifetimes based on the average arrival time
of photons. Ratiometric images obtained with NR12S were constructed from
the recorded intensity images using a custom Matlab routine that divides the
photon count in each pixel of the 500-585 nm (so-called ‘blue’) channel image, by
the photon count in the corresponding pixel of the 585-700 nm (so-called ‘red’)
channel image. Resulting images are reported in a false-color scale that represents the mean CWP-BDP ﬂuorescence lifetime (in nanoseconds), or the NR12S
intensity ratio for each pixel.
Control images for the evaluation of autoﬂuorescence intensities and ﬂuorescence lifetimes were recorded on unstained specimens with the same imaging conditions and the highest laser intensity used, i.e. less than 10 µW (singlephoton microscope) or 5 mW (multiphoton microscope) at the sample level. The
autoﬂuorescence levels in the CW and PM were too low to perturb our results
(Fig. 5.8).
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Giant Unilamellar Vesicle (GUV) preparation
Stock solutions of sphingomyelin (SM) and 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) in chloroform were purchased from Avanti Polar Lipids and
used as is. Cholesterol was purchased from VWR. Giant Unilamellar Vesicles
(GUV) were formulated via agarose gel swelling using the method of Horger et
al.[23]. Two types of vesicles were formulated, with the following lipid molar
ratios; DOPC: SM = 1:1 and DOPC: SM: Chol = 1:1:0.7. To do so, two lipid solutions in chloroform were prepared; for the cholesterol-free solution, DOPC (1.2
mmol L-1 , 57 mg of 25 g L-1 stock solution in chloroform) and SM (1.2 mmol L-1 ,
137 mg of 10 g L-1 stock solution in chloroform) were mixed in chloroform (370
µl). For the cholesterol-supplied solution, DOPC (1.0 mmol L-1 , 48 mg of 25 g
L-1 stock solution in chloroform), SM (1.0 mmol L-1 , 117 mg of 10 g L-1 stock
solution in chloroform), and cholesterol (0.7 mmol L-1 , 42 mg of 10 g L-1 stock
solution in chloroform) were mixed in chloroform (361 µL).
In parallel, Type IX-A ultralow melting agarose (gel point, Tg ≤ 20 °C; melting point, Tm ≤ 62 °C; electroendosmosis, EEO ≤ 0.12) ﬁlms were formed on
glass slides. For that purpose, a 1% (w/w) solution of agarose in deionized water
was prepared, of which 400 µL were spread on the glass surface equilibrated at
40°C on a heating plate. The agarose coated slide was then left to dry at 40°C for
2h, until formation of a dry agarose ﬁlm.
To generate a lipid ﬁlm on and inside the ﬁlms of agarose, 30 µL of the lipid
solution of interest were spread on the agarose using the procedure described
in detail by Horger et al.[23]. The sample was dried for 20 min under vacuum to
remove residual chloroform, and subsequently immersed in a 0.1 mol L-1 glucose
aqueous solution to allow for agarose gel and simultaneous vesicle swelling. The
dish remained undisturbed at room temperature for 3h to yield the giant vesicles
suspension. The vesicles were then immobilized in a 0.5% (w/v) agarose gel for
imaging, as reported previously[24].
Hypo-osmotic treatment
We subjected cysts to osmotic shock by adding poly(ethylene glycol) (PEG) 2000
g L-1 as a calibrated osmolyte[25, 26, 14]. The osmolyte was added to cysts at
a 90 mmol L-1 concentration to achieve an osmotic pressure in the medium of
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0.6 MPa. The cyst-osmolyte mixtures were applied to PDMS substrates, left to
incubate for 3h upon which 50 µL of the droplet was exchanged three times with
water. Staining with CWP-BDP or NR12S was performed right before applying
the osmotic shock, as described above but using a 10 µmol L-1 dye solution in 90
mmol L-1 PEG2000. Analysis of the eﬀect of the osmotic shock was performed
by looking at the cyst exclusively.

Chemical treatments
Treatment with cell wall and plasma membrane-targeting control agents
To investigate the eﬀect of chemical stress on the CW and PM properties, cells
were treated with two diﬀerent compounds reported to act on the structural
properties of either the PM or the CW. Each treatment was started 1h after application of the encysted zoospores on the substrate, and performed during 1h
before staining and imaging. During imaging, cells were kept in the same treatment conditions to avoid additional stress.
To perturb the CW composition and structure, valifenalate solubilized in a
0.25 mmol L-1 stock solution in DMSO was added to the germlings to a ﬁnal
concentration of 125 nmol L-1 valifenalate (DMSO content<0.05% (v/v)). To induce variations in PM composition and lipid order, ﬂuopicolide solubilized in
a 0.26 mmol L-1 stock solution in DMSO was added to the germlings to a ﬁnal
concentration of 25 nmol L-1 ﬂuopicolide (DMSO content<0.05% (v/v)).
Treatment with cytoskeletal depolymerizing drugs
To perturb the organized actin cytoskeleton of the pathogens, LatB solubilized
in a 0.1 mmol L-1 stock solution in DMSO was added to the germlings to a ﬁnal
concentration of 1 µmol L-1 LatB and 1% (v/v) DMSO. To disrupt the microtubule network, oryzalin solubilized in a 0.1 mmol L-1 stock solution in DMSO
was added to the germlings to a ﬁnal concentration of 0.1 µmol L-1 oryzalin and
1% (v/v) DMSO.
As a control, cells were also treated with 1% (v/v) DMSO only. Analysis of
the eﬀects of the chemical treatments was performed by looking at the hyphal
tip exclusively.
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Growth and invasivity assays
We veriﬁed the invasion eﬃciency under each treatment, following the procedure adopted previously[14]. The invasion eﬃciency is deﬁned as the percentage
of germinated cysts, counting only those whose germ tube exceeds c. 10 µm in
length, that have successfully fractured the artiﬁcial surface 2h post application
(hpa).
Statistical analysis
All the described imaging experiments, were repeated at least two times on different cell batches and diﬀerent days (Table 5.1). For each repeat, at least ten
cells were imaged. Fluorescence lifetime and intensity ratio distributions were
extracted from the corresponding images, and summed over the diﬀerent repeats. All distributions are built from at least 4000 data points. To ascertain the
noise threshold for changes in lifetime or intensity ratio that can be detected with
statistical signiﬁcance, we perform measurements in homogeneous control media strictly deprived of spatial inhomogeneities (Fig. 5.9-5.10). We ﬁnd a noise
threshold, determined as the full-width at half-maximum (FWHM) of the observed distributions in homogeneous media to be 0.45 ns for the lifetime measurements on CWP-BDP and ratio = 0.02 for the ratiometric imaging of N12RS.
We only consider an observed response signiﬁcant if its change is either 1x larger
than 1x the noise ﬂoor, for CWP-BDP, and or 3x larger than the noise ﬂoor for
NR12S. The distribution widths we report in this paper on biological specimens
are always well above those reported in homogeneous media; these thus do not
represent measurement error but rather reﬂect real spatial inhomogeneities in
the CW or PM properties of the organism.

5.3

Results

Molecular rotor CWP-BDP maps cell wall mesh sizes in P. infestans
While the method from Bronkhorst et al.[14] allowed visualization of stresses
applied by the pathogen to the substrate, our method provides a way to visualize
the response to these stresses in the CW and PM of the pathogen. In order to
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investigate CW and PM structural modiﬁcations during non-invasive and invasive hyphal growth of P. infestans, we implemented the wall-targeting ﬂuorescent
molecular rotor CWP-BDP, and the PM chemical polarity probe NR12S in encysted zoospores, 1.5 hpa.
CWP-BDP is a phenyl-substituted borondipyrromethene (Ph-BODIPY) molecular rotor, substituted on the phenyl ring by a peptide mimicking the pectin
binding domain of extensins, a family of glycoproteins that are highly abundant
in plant CWs[27]. As such, it has been designed to target and bind speciﬁcally to
the wall of plant cells. The molecular rotor, whose mode-of-action is described
in detail elsewhere[15], oﬀers a mechano-optical coupling that allows qualitative measurements of local CW mesh sizes, using a ﬂuorescence lifetime read-out
(Fig. 5.1a-c). Although the CWs of Phytophthora spp. have a diﬀerent composition
than plant CWs and contain mainly polymers of D-glucose[28, 29], we observe
that also in P. infestans CWP-BDP binds to the CW, presumably through electrostatic interactions with other anionic carbohydrates (Fig. 5.1d,e).

Solvatochromic probe NR12S reveals membrane chemical polarity and
order P. infestans
NR12S is a solvatochromic Nile Red-based probe developed by Kucherak et
al.[18] (Fig. 5.2a). In its design, the Nile Red unit is decorated with a long alkyl
tail and a zwitterionic group, which allows for speciﬁc staining of the PM and
restricts ﬂip-ﬂopping of the dye from the outer to the inner leaﬂet, thereby reducing subsequent incorporation in intracellular membranes. This probe exhibits
a shift in the wavelength of maximum emission in response to changes in the
local chemical polarity of its surroundings. The read-out for this probe consists
of ratiometric imaging, in which the total emission of the dye is split into two
channels. Changes in membrane chemical composition and lipid phase both impact the chemical polarity of the probe microenvironment, triggering a change
in the intensity ratio between the blue and red channels (Fig. 5.2b,c). Kucherak
et al.[18] used these properties to image variations in PM lipid order and cholesterol content in mammalian cells. Here we extend the use of this probe to walled
cells.
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Figure 5.1: Mapping of spatial variations in the cell wall mesh size of Phytophthora infestans germlings using the molecular rotor CWP-BDP. (a) Chemical structure of CWPBDP. (b,c) Schematic illustrations showing the molecular mechanism by which CWPBDP reports mesh sizes. 3D ﬂuorescence lifetime mesh size map of Phytophthora infestans germlings (d) upon growth at the PDMS substrate surface and (e) upon invasion.
Scale bars = 5 µm. The colorscale translates the ﬂuorescence lifetime values expressed
in ns. The white dashed line is used to indicate substrate surface location (f) Fluorescence lifetime probability distributions obtained in diﬀerent regions of the germlings
(N = 30 cells). (g) Fluorescence lifetime probability distributions obtained in the tip of
germ tubes before and after invasion (N = 30 cells).
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Figure 5.2: Mapping of spatial variations in the plasma membrane chemical polarity of Phytophthora in-

festans germlings using the solvatochromic probe NR12S. (a) Chemical structure of NR12S. (b,c) Schematic illustrations showing the mechanism by which NR12S reports changes in chemical polarity and lipid
phase. (d) 3D intensity ratio chemical polarity map of Phytophthora infestans germlings upon growth at the
PDMS substrate surface. Scale bar = 5 µm. The colorscale translates the intensity ratio values. (e) Intensity
ratio probability distributions obtained in diﬀerent regions of the germlings (N = 30 cells) (f) Intensity ratio
chemical polarity map of Phytophthora infestans mycelium. Scale bars = 10 µm. (g) Fluorescence lifetime
probability distributions obtained in the young germ tubes tip (N = 30 cells) versus mycelial cells grown
on agar (3 mycelia, N = 30 images). (h) Intensity ratio chemical polarity map of DOPC:SM:Cholesterol =
1:1:0.7 (molar ratio) synthetic vesicles exhibiting phase separation between a cholesterol-rich ordered (Lo),
and a cholesterol-poor disordered (Ld) phases. Scale bar = 5 µm. (i) Intensity ratio probability distributions obtained in DOPC:SM = 1:1 (molar ratio) (N = 20 vesicles) versus DOPC:SM:Cholesterol = 1:1:0.7
(molar ratio) (N = 20 vesicles) synthetic vesicles.
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Mechano-chemical response of walls and membranes to mechanical stress
Using FLIM, we built three-dimensional reconstructions of the CW of P. infestans
cells during non-invasive and invasive growth on an artiﬁcial host-mimicking
substrate based on a PDMS elastomer[14] (Fig. 5.1d,e, Fig. 5.11-5.13). The FLIM
mesh size images provide quantitative information, which we extract as lifetime
probability distributions (Fig. 5.1f,g). For example, in non-invasive cells, variations in lifetime emerge when comparing the cyst to the germ tube neck and
tip. The lifetime diminishes locally to 2.0 ± 1.9 ns in the neck, while increasing
slightly in the tip of the germ tube to 3.2 ± 0.9 ns (Fig. 5.1d,f). These diﬀerences
reﬂect a relative increase in wall mesh size in the neck, and concomitant reduction in mesh size in the germ tube tip. By contrast, upon invasion, the ﬂuorescence lifetime recorded within the tip of the germ tube in contact with the
substrate rises strongly and abruptly to 3.7 ± 1.2 ns (Fig. 5.1e,g). The lifetime
distribution keeps a comparable width but exhibits a small shoulder centered
on the non-invasive case value of 3.2 ns. To test whether this increase of lifetime is caused by compression of the CW between the PDMS substrate and the
cytoplasm, we applied a hypo-osmotic shock to the cells; a similar increase in
lifetime was observed in the wall of cysts (Fig. 5.3a-c, Fig. 5.14). These images
reveal the compression of the CW upon substrate invasion, as the mechanical
stress at the pathogen-substrate contact squeezes water from the carbohydrate
network, increasing its density at the invasion site. This approach thus enables
direct visualization of the locus of mechanical interactions between pathogen
and substrate.
To unravel how growth and invasion aﬀect the properties of the PM that
lies underneath the CW, we compare the response of the probe NR12S between
non-invasive versus invasive cysts. We measure the emission intensity in two
channels in cells stained with the NR12S probe and represent the results as intensity ratio images from which we derive probability distributions (Fig. 5.2d,e).
In cells growing non-invasively, the intensity ratio remains constant throughout
the cell, around 0.4. This suggests that the PM composition and hydration level
are relatively constant along the germ tube at early stages of growth. The invasive part of cells could not be imaged with NR12S due to the low dye penetration
and emission intensity underneath the PDMS surface. Hypo-osmotic shock only
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Figure 5.3: Eﬀects of hypo-osmotic treatment on the cell wall and plasma membrane
mechano-chemical properties of Phytophthora infestans germlings. Fluorescence lifetime
cell wall mesh size map of germlings growing (a) in a 90 mmol L-1 PEG2000g mol-1
aqueous solution for 3h, (b) in a 90 mmol L-1 PEG2000g mol-1 aqueous solution for
3h followed by transfer to water. (c) Corresponding ﬂuorescence lifetime probability
distributions in (a-b) (N = 20 cells). Intensity ratio plasma membrane chemical polarity
map of germlings growing (d) in a 90 mmol L-1 PEG2000g mol-1 aqueous solution for
3h, (e) in a 90 mmol L-1 PEG2000g mol-1 aqueous solution for 3h followed by transfer to
water. (f) Corresponding intensity ratio probability distributions in (d-e) (N = 20 cells).
Scale bars = 10 µm.
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results in small changes in the ratiometric measurements of the PM (Fig. 5.3d, f).
This implies that the PM polarity and lipid order is only weakly sensitive to the
compressive forces that push the PM against the cell wall. This observation implies that upon invasive growth, as the hyphal tip is mechanically stressed by the
substrate, compressive forces would not substantially alter the properties of the
membranes.
In mature P. infestans mycelium, the intensity ratio is decreased to 0.22 ±
0.15 (Fig. 5.2f,g), in comparison to the ratio of 0.42 ± 0.21 measured in the tip
of young germ tubes. This observation suggests a signiﬁcant change in PM composition and lipid order as the cells grow and maturate, and conﬁrms the probe
responsiveness to changes in membrane chemical polarity. We validated this hypothesis by implementing NR12S in synthetic giant-unilamelar vesicles made
of DOPC, SM, and cholesterol (1:1:0.7 molar ratio). This lipid composition can
lead to phase separation between an ordered (Lo) phase rich in SM and cholesterol, and a liquid-like (Ld) phase, enriched in DOPC (Fig. 5.2h). GUVs made of
only DOPC and SM show a single phase, and a narrow intensity ratio distribution centered around 0.17 ± 0.11. In the cholesterol-supplemented GUVs, phase
separation and the global increase in lipid order is reﬂected by an upward shift
of the ratio distribution mean value and width to 0.26 ± 0.22 (Fig. 5.2i). These
results conﬁrm the responsiveness of NR12S to changes in lipid phase. The difference in PM properties in the mycelium as compared to the cyst life stage thus
hints at a reduced lipid order and packing density in mycelial membranes. We
speculate that these diﬀerences are due to changes in PM composition, e.g. lipid
composition and/or protein content, as both life stages utilize distinct metabolic
pathways in which lipids, and hence the PM, play diﬀerent roles[30, 31, 32, 33].
Revealing the mode-of-action of chemical control agents
Using the CWP-BDP CW and the NR12S PM probes, we investigated the effects of diﬀerent chemical stresses on P. infestans germinated cysts during substrate contamination and invasion process. In particular, we looked at the eﬀect
of adding active ingredients from fungicides (i.e. valifenalate, ﬂuopicolide) (Fig.
5.4).
We selected the PM targeting compound ﬂuopicolide and the cellulose syn-
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thase inhibitor valifenalate[34] to verify their speciﬁty of action to either membranes or walls. Fluopicolide dislocates spectrin-like proteins in Phytophthora
from the membrane to the cytoplasm [35, 36]. Upon treatment with 25 nmol
L-1 ﬂuopicolide, NR12S reports a signiﬁcant drop in the NR12S intensity ratio
within the PM, going from 0.42 ± 0.21 to 0.23 ± 0.09 (Fig. 5.4e,f,h, Fig. 5.15). This
change could reﬂect either a loss in PM tensegrity by spectrin-like protein expulsion and potential cytoskeletal de-adhesion from the membrane, or result from
the intercalation of the rather polar ﬂuopicolide molecule into the PM. To discriminate between these two hypotheses, we perform experiments in synthetic
vesicles which lack spectrins and other PM proteins, by submitting GUVs to the
same concentration of ﬂuopicolide (Fig. 5.4i-k, Fig. 5.16). No change in intensity ratio was reported in synthetic vesicles, which conﬁrms that the increase in
polarity within the PM is due to an alteration of the membrane structure and
not by ﬂuopicolide entry into the PM. By contrast, the same ﬂuopicolide treatment results in only minor changes in the CW, as conﬁrmed by CWP-BDP ﬂuorescence lifetime imaging (Fig. 5.4a,b,d, Fig. 5.15), likely due to the presence of
DMSO (Fig. 5.4d, Fig. 5.17). This suggests that there is no direct link between
the correct localization of spectrin-like proteins in the PM and wall mechanics
and biosynthesis. We note that while NR12S displays a signiﬁcant shift in intensity ratio upon treatment with this low ﬂuopicolide concentration, this dose
does not lead to a signiﬁcant inhibition of pathogen invasion. In the absence of
ﬂuopicolide the invasivity is 71.3% (N=138 cells), versus 63% (N=84 cells) with
ﬂuopicolide. Even though the treatment has a limited eﬀect on the invasivity of
cells that remain viable, we do note that this dose leads to a substantial fraction
of non viable cells, i.e. cells that do not germinate and become highly autoﬂuorescent upon laser exposure. At higher ﬂuopicolide doses, we observe a decrease
in the amount of germination, but no substantial reduction in invasivity of the
remaining germinated cells. This indicates that NR12S is sensitive enough to report changes in the physico-chemical properties of the viable cells well before
invasivity is hampered.
Valifenalate is used to target and weaken the CW of oomycetes[37, 38]. We
observe that valifenalate distinctly changes the pathogen wall properties; imaging with CWP-BDP reveals an increase in ﬂuorescence lifetime from 3.2 ± 0.9
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Figure 5.4: Eﬀects of treatments with control agents on the cell wall and plasma membrane mechano-

chemical properties of Phytophthora infestans germlings. Fluorescence lifetime cell wall mesh size map of
germlings growing in (a) water for 1h, (b) in water for 1h followed by treatment with 25 nmol L-1 ﬂuopicolide (ﬂuo) for 1h and (c) in water for 1h followed by treatment with 125 nmol L-1 valifenalate (vali) for 1h.
(d) Fluorescence lifetime probability distributions in (a-c) (N = 30 cells). Intensity ratio plasma membrane
chemical polarity map of germlings growing (e) in water for 1h (f) in water for 1h followed by treatment
with 25 nmol L-1 ﬂuopicolide (ﬂuo) for 1h and (g) in water for 1h followed by treatment with 125 nmol L-1
valifenalate (vali) for 1h. (h) Intensity ratio probability distributions in (e-g) (N = 30 cells). Intensity ratio
chemical polarity map of DOPC:SM:Cholesterol = 1:1:0.7 (molar ratio) synthetic vesicles in (i) absence and
(j) presence of 25 nmol L-1 ﬂuopicolide (ﬂuo). (k) Fluorescence lifetime probability distributions in (i-j) (N
= 30 cells). Scale bars = 10 µm.
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ns in non-treated germlings to 3.6 ± 0.8 ns in germlings treated with 125 nmol L-1
valifenalate, and the emergence of distinct spatial variations along the germ tube,
marking the transition between the wall portions synthesized before and during
treatment (Fig. 5.4a,c,d, Fig. 5.18). Staining of an unknown structure inside the
cells led to an intracellular ﬂuorescent signal that was excluded from the analysis. This structure could result from the accumulation of CW precursors in the
cytoplasm. After treatment, cellulose synthase inhibition results in a denser CW,
which not only changes the probe lifetime but also weakly reduces the staining
eﬃciency due to a lower permeability. We previously reported a similar trend
in the evolution of the wall mesh size during polarized growth of Arabidopsis
root hairs[15]. During root hair growth and maturation, the CW starts from a
dense network of ﬂexible carbohydrates, malleable enough to yield under turgor
to enable tip growth. At later stages, the wall is reinforced by a network of stiﬀ
cellulose ﬁbers which exhibit a much larger mesh size. In other words, a loss of
the cellulose network results in a decrease in porosity and an increase in ﬂuorescence lifetime of the probe. Even though the chemical composition of the CW
in oomycetes is less known than the Arabidopsis root hair CW, our observations
are consistent with this picture where valifenalate treatment inhibits cellulose
synthesis, resulting in less porous and more malleable CWs. By comparison, the
intensity ratio of NR12S is not aﬀected, showing no inﬂuence of valifenalate on
PM properties (Fig. 5.4e,g,h, Fig. 5.18). Also for this compound, the eﬀects on CW
and PM are decoupled and the chemical acts speciﬁcally on a singular target in
the CW-PM continuum. When investigating invasion eﬃciency under treatment
with 125 nmol L-1 valifenalate, we only notice a slight reduction in the invasivity
from 71.3% (N=138 cells) to 59.2% (N=103 cells), while leading to a large amount
of non-viable autoﬂuorescent cells. This conﬁrms the sensitivity of CWP-BDP to
changes in CW properties even before large eﬀects on invasivity can be detected.
Changes in wall and membranes in response to cytoskeletal disruption
The cell cytoskeleton is known to play a leading role in establishing and maintaining the polarity required for hyphal growth and thereby in the invasion ﬁtness of Phytophthora pathogens[39, 40, 41, 42, 43, 44, 14]. To examine how the
CW-PM continuum of P. infestans responds to perturbations in cytoskeletal or-
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ganization, we studied the consequences of treatment with the actin depolymerising drug LatB[44] and treatment with the microtubule inhibitor oryzalin[45,
41, 46]. Treatment with LatB at 1 µmol L-1 aﬀects the morphology of the cells,
which exhibit the tip swelling behavior characteristic for the loss of polarization. However, very minor ﬂuorescence lifetime changes are visible within the
CW (Fig. 5.5a,b,g, Fig. 5.19). A shift in intensity ratio from 0.42 ± 0.21 to 0.36 ±
0.17 is visible within the PM (Fig. 5.5d,e,i, Fig. 5.19). Large doses of LatB strongly
disrupt the actin cytoskeleton involved in the transport of CW precursors to the
growing tip[44, 47, 48]. Even though one could have expected that 1 µmol L-1
of LatB would aﬀect CW synthesis, our images reveal an intact CW for all cells
studied under this treatment. Hence we conclude that LatB treatment does not
substantially aﬀect the CW. The same treatment results in an increase in the PM
polarity, possibly reﬂecting a reduction of membrane stability due to the lack
of tension applied by the disrupted cytoskeleton. This LatB dose applied being
highly cytotoxic, we observe that the majority of cells treated for the invasivity
assay - right before application on the substrate - show lysis, and the few remaining viable cells are incapable of substrate penetration. Treatment with the
microtubule inhibitor oryzalin at 0.1 µmol L-1 , leads to a reduction of ﬂuorescence lifetime of CWP-BDP to 2.5 ± 0.9 ns in the hyphal tip (Fig. 5.5a,c,h, Fig.
5.20), while the intensity ratio of NR12S decreases to 0.34 ± 0.18 (Fig. 5.5d,f,j,
Fig. 5.20). While the exact function of microtubules in the lifestage of germinated cysts, both during invasive and non-invasive growth, is yet unresolved, our
results show that disruption of the microtubule network leads to changes in both
the CW porosity and PM tensegrity. This could point towards a role for microtubules in regulating the structure and tension in both organs. At this low dose of
oryzalin, the invasivity of the cells remains at 68.1% (N=201 cells). Also here, the
combination of our molecular probes enables connecting action on other cellular components to their eﬀects on the cell exterior formed by the CW and PM,
even when invasivity is not aﬀected.

RESULTS

Figure 5.5: Eﬀects of treatments with cytoskeletal depolymerizing drugs on the cell

wall and plasma membrane mechano-chemical properties of Phytophthora infestans
germlings. Fluorescence lifetime cell wall mesh size map of germlings growing (a) in
water for 1h, (b) in water for 1h followed by treatment with 1 µmol L-1 latrunculin B for
1h, (c) in water for 1h followed by treatment with 0.1 µmol L-1 oryzalin for 1h. Intensity
ratio plasma membrane chemical polarity map of germlings growing (d) in water for 1h,
(e) in water for 1h followed by treatment with 1 µmol L-1 latrunculin B for 1h, (f) in water for 1h followed by treatment with 0.1 µmol L-1 oryzalin for 1h. (g, h) Fluorescence
lifetime probability distributions in (a-c) (N = 30 cells). (i, j) Intensity ratio chemical polarity probability distributions in (d-f) (N = 30 cells). Scale bars = 10 µm.
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5.4

Discussion

The CW and PM of cells form a continuum that plays a major role in the mechanochemical response of cells. The CW being the stiﬀest part of the cell, and the
direct connection between the cell and its immediate surroundings, it is where
the perception and transduction of mechanical cues begins. While the molecular mediators of mechano-perception in Phytophthora are still unknown, other
walled microorganisms – yet, not showing invasive growth - such as yeasts exhibit various CW-localized mechano-receptors[49, 50, 51]. In the case of species that grow invasively, such as Phytophthora, mechano-perception becomes
central to the understanding of cell function. Physical perturbations of the CW
are internalized into the cells through the PM. In response to mechanical force,
the PM can deform and change composition, for example through recruitment
of proteins, or opening of mechanosensitive ion channels by increased lateral
tension[52, 53]. Structural modiﬁcations of these two entities reﬂect part of the
mechano-chemical response of cells to external stress.
The oomycete CW and PM undergo structural and chemical modiﬁcations
during development. After zoospore encystment, a CW is formed around the cyst
and the cell is able to generate turgor pressure. During germination of the cyst,
the CW progressively extends and thickens [54]. Subsequent germ tube growth
requires local modiﬁcation of the CW to reduce its yield limit at the tip, such
that turgor action leads to polarized tip growth[42, 55]. Meanwhile, very little
is known about modulations of the PM properties, to allow for e.g. recruitment
of stretch-activated ion channels involved in tip growth[56, 57], or active vesicle secretion of eﬀector proteins[58]. This dynamic adaptation of the cells can
be triggered by external stimuli, such as mechanical and chemical interactions
with the host plant. To date, the development of treatments to inhibit P. infestans
growth and combat the late blight has relied partly on chemicals able to prevent its structural adaptation, or that induce structural modiﬁcations as a side
eﬀect[43, 59].
Resolving these modiﬁcations with spatio-temporal resolution could help
understanding the mechanics of growth and invasion, as well as the mode of action of chemical control agents. In agriculture, chemical control is still crucial to
combat oomycete plant pathogens. In this study, we implemented the CW target-
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ing molecular rotor CWP-BDP and the PM ratiometric probe NR12S in P. infestans, but this method is readily applicable to other oomycetes. In parallel, we also
tried to implement other ﬂuorescent molecular rotors reported previously[15],
analog to CWP-BDP but used to target the PM, the cytoplasm and the vacuole
respectively; the PM probe could stain the plasma membrane successfully but
its dynamic response range to changes in membrane tension was not suitable to
clearly highlight variations in membrane structural properties. Meanwhile, the
cytoplasm and vacuole dyes did not penetrate the cells at all, highlighting the
lower permeability of oomycete cells in comparison to plant root cells.
With our combination of ﬂuorescent reporters, we are able to map variations
in CW mesh size and PM chemical polarity, respectively, during growth and invasion. Upon treatment with active compounds found in oomycide mixtures, or
with cytoskeletal depolymerizing drugs, clear changes in CW and PM structural
properties are visible and give a real-time indication on the eﬀect of the chemical stress. To achieve a quantitative measurement, systematic calibrations of the
two probes are needed. These are not trivial steps as they need to be conducted
in a medium that is simultaneously representative of the chemical composition
for the compartment of interest, regarding both polarity and length scales, and
quantitatively tuneable. For example, to have a reference in terms of CW mesh
size, we could imagine implementing CWP-BDP in a synthetic polysaccharide
network with controlled mesh sizes and polymer charge densities. In parallel,
to determine the PM chemical polarity and lipid phase, we envision systematic
studies of the NR12S response in vesicles reconstituted from cell extracts and
systematically introducing sterols in the preparation protocol as a way to tune
the lipid order. These calibrations can be challenging, as the CW and PM compositions are highly complex and vary from species to species, cell to cell and
location to location. Yet, even without calibration to enable quantitative data, the
probes already provide valuable qualitative insights into mechano-chemical heterogeneities, reﬂecting relative changes in probe conﬁnement and local chemical
polarity, respectively, as well as providing information on the dynamics of cellular processes at a high resolution that cannot currently be achieved by other
means. These probes could be valuable in combination with genetic modiﬁcation
techniques, such as CRISPR-CAS and silencing, as it could help to decipher the
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role of diﬀerent biochemical pathways and proteins in determining CW and PM
structural properties.
Unravelling the complex mechano-chemical interactions between pathogens
and host would ultimately require implementation of this method on real plant
hosts rather than on artiﬁcial surfaces, to take into account the complex mechanobiological responses of both parties. Chemical engineering of the probes to provide even more precise, and organism speciﬁc, targeting, and using designs with
two complementary emission wavelengths would allow simultaneous mapping
of both pathogen and plant properties, and help understand their mechanical
interactions. To do so, several promising strategies to achieve selective binding
arise; for instance, the use of metabollic labelling, previously employed to incorporate alkyne or azide groups in the pectin network of Arabidopsis seedling
roots CW, allowing for a subsequent click-reaction to ﬂuorescent dyes[60, 61, 62],
or the use of genetic labelling by means of SNAP-tags, previously implemented
in animal cells to label e.g. PM proteins[63, 64]. Such approaches could prove
valuable for a more systemic perspective on the complex mechanobiology and
mechanochemistry of host invasion.

5.5

Supporting Information

Figure 5.6: Spectroscopic characterization of CWP-BDP and NR12S. Absorbance
(blue) and ﬂuorescence emission (green) spectra of (a) CWP-BDP in chloroform, (b)
NR12S in chloroform, (c) NR12S in methanol.

SUPPORTING INFORMATION

Figure 5.7: Schematic of the 3D-printed observation chambers used for all cell imaging
experiments.

Figure 5.8: Autoﬂuorescence signal of the Phytophthora infestans germlings. (a) Auto-

ﬂuorescence obtained by single-photon excition on the TCS SP8, with a laser intensity
ten times higher than the maximum laser intensity used for CWP-BDP excitation. Only
noise was imaged. Scale bar = 50 µm. (b) Autoﬂuorescence obtained by two-photon excitation on the TCS SP8 multiphoton, with the maximum laser intensity used for CWPBDP and NR12S excitation. The autoﬂuorescence signal is low and only visible inside
the cell, not within the cell wall and plasma membrane. Scale bar = 10 µm.
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Table 5.1: Number of samples and observations
Experiments
Growth of germinated cysts

Figures
Figure 5.1d,e
Figure 5.2d
Figure 5.4a,e
Figure 5.5a,d
Figure 5.11-5.13

DMSO

Figure 5.17

Giant synthetic vesicles

Figure 5.2h
Figure 5.4i,j
Figure 5.16

Mycelium

Figure 5.2f

Hypo-osmotic shock
Fluopicolide
Valifenalate
Latrunculin B
Oryzalin
Autoﬂuorescence control

Figure 5.3a,b,d,e
Figure 5.14
Figure 5.4b,f
Figure 5.15
Figure 5.4c,g
Figure 5.18
Figure 5.5b,e
Figure 5.19
Figure 5.5c,f
Figure 5.20
Figure 5.8

Sample numbers
Non-invasive: N=30 cells from 3 cell batches
for each probe; invasive: N=30 cells from 3
cell batches for CWP-BDP
N=30 cells from 2 cell batches for each
probe
DOPC:SM=1:1 (molar ratio): N=20 vesicles
from 3 vesicle batches for NR12S;
DOPC:SM:cholesterol=1:1:0.7 (molar ratio):
N=20 vesicles from 3 vesicle batches for
NR12S; vesicles supplemented with
ﬂuopicolide: N=20 vesicles from 2 vesicle
batches for each vesicle type (cholesterolfree and cholesterol-rich), for NR12S
Supplemented with 0.2 µg ml-1 β-sitosterol:
N=3 mycelia for NR12S
N=20 cells from 2 cell batches for each
probe
N=30 cells from 3 cell batches
N=30 cells from 3 cell batches for each
probe
N=30 cells from 2 cell batches for each
probe
N=30 cells from 2 cell batches for each
probe
2 cell batches for both single-photon and
two-photon excitation set-ups

SUPPORTING INFORMATION

Figure 5.9: Fluorescence lifetime distribution of CWP-BDP in water. The ﬂuorescence
lifetime distribution obtained in a homogeneous aqueous solution is ﬁtted with a Gaussian to determine the noise threshold of the probe.
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Figure 5.10: Intensity ratio distribution of NR12S in chloroform. The intensity ratio
distribution obtained in a homogeneous solution in chloroform is ﬁtted with a Gaussian to determine the noise threshold of the probe. The same experiment performed in
methanol or dimethylsulfoxide does not allow to plot a ratio distribution given the very
low photon count obtained in the blue channel.

SUPPORTING INFORMATION

Figure 5.11: Mapping of spatial variations in the cell wall mesh size and plasma membrane chemical polarity of Phytophthora infestans germlings. (a, b) Fluorescence lifetime
mesh size map of control germlings growing in water 1h post application. (c, d) Intensity
ratio chemical polarity map of control germlings growing in water 1h post application.
Scale bars = 10 µm.

Figure 5.12: 3D-mapping of spatial variations in the cell wall mesh size of Phytophthora
infestans germlings. 3D ﬂuorescence lifetime mesh size map of Phytophthora infestans
germlings upon interaction with the host surface. Scale bar = 5 µm.
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Figure 5.13: 3D-mapping of spatial variations in the cell wall mesh size of Phytophthora
infestans germlings. Rotation views of the 3D ﬂuorescence lifetime mesh size maps of
Phytophthora infestans germlings represented in Fig. 5.1.

SUPPORTING INFORMATION

Figure 5.14: Hypo-osmotic treatment on Phytophthora infestans germlings, and eﬀect

on their cell wall and plasma membrane mechano-chemical properties. (a, b) Fluorescence lifetime mesh size map of germlings growing in a 90 mmol L-1 PEG2000g mol-1
aqueous solution. (c, d) Fluorescence lifetime mesh size map of germlings after transfer
from the 90 mmol L-1 PEG2000g mol-1 aqueous solution to water. (e, f) Intensity ratio
chemical polarity map of germlings growing in a 90 mmol L-1 PEG2000g mol-1 aqueous
solution. (g, h) Intensity ratio chemical polarity map of germlings after transfer from the
90 mmol L-1 PEG2000g mol-1 aqueous solution to water. Scale bars = 10 µm.
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Figure 5.15: Mapping of spatial variations induced by treatment with 25 nmol L-1

ﬂuopicolide in the cell wall mesh size and plasma membrane chemical polarity of
Phytophthora infestans germlings. (a, b) Fluorescence lifetime mesh size map of germlings
growing in water 1h post application, and treated with 25 nmol L-1 ﬂuopicolide for 1h.
(c, d) Intensity ratio chemical polarity map of germlings growing in water 1h post application, and treated with 25 nmol L-1 ﬂuopicolide for 1h. Scale bars = 10 µm.

Figure 5.16: Mapping of spatial variations in plasma membrane chemical polarity in
DOPC:SM synthetic vesicles. (a) Intensity ratio chemical polarity map of 1,2-dioleoylsn-glycero-3-phosphocholine (DOPC):sphingomyelin (SM) = 1:1 (molar ratio) synthetic
vesicles. (b) Intensity ratio chemical polarity map of the same vesicles incubated with 25
nmol L-1 ﬂuopicolide. (c) Corresponding intensity ratio probability distributions. Scale
bars = 10 µm.

SUPPORTING INFORMATION

Figure 5.17: Mapping of spatial variations induced by treatment with 1% (v/v) DMSO

in the cell wall mesh size and plasma membrane chemical polarity of Phytophthora infestans germlings. (a, b) Fluorescence lifetime mesh size map of germlings growing in
water 1h post application, and treated with 1% (v/v) DMSO for 1h. (c, d) Intensity ratio
chemical polarity map of germlings growing in water 1h post application, and treated
with 1% (v/v) DMSO for 1h. Scale bars = 10 µm.
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Figure 5.18: Mapping of spatial variations induced by treatment with 125 nmol

L-1 valifenalate in the cell wall mesh size and plasma membrane chemical polarity of
Phytophthora infestans germlings. (a, b) Fluorescence lifetime mesh size map of germlings
growing in water 1h post application, and treated with 125 nmol L-1 valifenalate for 1h.
(c, d) Intensity ratio chemical polarity map of germlings growing in water 1h post application, and treated with 125 nmol L-1 valifenalate for 1h. Scale bars = 10 µm.

SUPPORTING INFORMATION

Figure 5.19: Mapping of spatial variations induced by treatment with 1 µmol L-1
latrunculin B in the cell wall mesh size and plasma membrane chemical polarity of
Phytophthora infestans germlings. (a, b) Fluorescence lifetime mesh size map of germlings
growing in water 1h post application, and treated with 1 µmol L-1 latrunculin B for 1h.
(c, d) Intensity ratio chemical polarity map of germlings growing in water 1h post application, and treated with 1 µmol L-1 latrunculin B for 1h. Scale bars = 10 µm.
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Figure 5.20: Mapping of spatial variations induced by treatment with 0.1 µmol L-1

oryzalin in the cell wall mesh size and plasma membrane chemical polarity of Phytophthora infestans germlings. (a, b) Fluorescence lifetime mesh size map of germlings growing in water 1h post application, and treated with 0.1 µmol L-1 oryzalin for 1h. (c, d)
Intensity ratio chemical polarity map of germlings growing in water 1h post application, and treated with 0.1 µmol L-1 oryzalin for 1h. Scale bars = 10 µm.
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General Discussion
In this thesis, we have presented a toolbox of ﬂuorescent molecular reporters
that can be used to obtain spatial information about a property of interest (e.g.
microviscosity, wall porosity, chemical polarity) in living cells. In particular, the
mechano-sensitive probes, which report on the local microviscosity, give access
to features previously impossible to determine inside multicellular tissues and
with sub-cellular resolution. Since the notion of a microviscosity is not welldeﬁned in literature, we worked on establishing more accurately what these probes measure in diﬀerent cases, and on providing a more objective view on the
advantages and disadvantages of using them. While we primarily developed these
tools for plant cells, they has proven to be applicable to a wider range of cell types,
including plant pathogens, such as fungal cells (e.g. Magnaporthe), oomycetes (e.g.
Phytophtora), and yeasts (e.g. Schizosaccharomyces).
The molecular rotors were particularly useful to highlight spatio-temporal
ﬂuctuations in the mechanical and structural properties of the membrane and
wall of cells during fundamental cellular processes (such as elongation and aging
of Arabidopsis thaliana root hairs, host invasion by Phytophthora infestans or turgor
generation in Magnaporthe oryzae). Yet, without a proper calibration, the microviscosity assessment using Fluorescence Lifetime Imaging Microscopy (FLIM)
imaging has remained semi-quantitative. A calibration in a model system, representative of the system of interest in terms of chemical polarity and nature of
probe conﬁnement, is still needed. Such a calibration would allow for an absolute
quantiﬁcation of the imaging signal and thereby allow for accurate comparisons
between diﬀerent systems and cell types. In addition, the imaging of microviscosity patterns using the rotor toolbox relies on advanced imaging equipment, such
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as FLIM, and without access to a costly and not widely accessible fast-FLIM instrumentation, suﬀers from poor temporal resolution, making it challenging to
probe fast cellular processes. To make our toolbox more widely accessible and
improve on its temporal resolution, a ratiometric probe that can be detected using simple ﬂuorescence imaging tools would present an important step forward.
While the work on molecular reporters described in this thesis has allowed a
signiﬁcant step forward, many more steps are needed for these types of probes to
be used to their full potential. In that regard, the project described in this thesis
has opened a plethora of challenges for future research. In this last Chapter, we
discuss the outcomes of this project in the light of these unresolved challenges,
e.g. probe calibration, developing a ratiometric equivalent to the lifetime-based
probes, implementing the toolbox in other biological systems, and we suggest
approaches, on the basis of preliminary results, to resolve these challenges in
future research.

5.6

Calibration of the plasma membrane-targeting molecular rotor

When incorporated in the plasma membrane, molecular rotors sense local differences in the lipid packing. When the membrane packing density is high, the
free volume available for the rotation to occur is limited, and relaxation of the
molecule to the ground state by photon emission is energetically favored. On
the other hand, when the membrane dilates and the spacing between lipid tails
increases, rotation becomes less hindered, resulting in an increase in the proportion of excited state relaxation by rotation and a non-radiative decay. As a
result, membrane-bound rotors sense diﬀerences in membrane phase (e.g. gel vs
liquid), which are linked to changes in lipid composition (e.g. saturated vs unsaturated lipids, lipids closer or further from their phase transition), but also
changes in membrane tension. The membrane rotor thus oﬀers the possibility
to map variations in the lipid packing density, and for a given lipid composition,
spatio-temporal variations in tension during cellular processes. For this reason
the membrane rotor raised an appreciable interest in the biology community,
and along with it, the ambition to quantify tension and compression forces from
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the ﬂuorescence lifetime readout.
Since many of the cells we aimed to study, including plant, fungal and oomycete cells, are surrounded by a stiﬀ cell wall, it is not easy to perform a calibration
of the membrane probe in-situ. As a consequence, we have searched for a model
system in which we can apply and measure accurately a tension along the membrane, while simultaneously recording the lifetime response of the rotor. In this
context, synthetic lipid bilayers are often used as biological membrane mimicks.
In particular, giant and large unilamellar vesicles have been used as elementary
building blocks for artiﬁcial cells[1, 2, 3, 4, 5, 6]. Giant unilamellar vesicles (GUV)
have sizes comparable to cell dimensions and allow for microscopy observation.
Therefore, spatial variations in ﬂuorescence lifetime within the membrane can
be assessed. However, they do not allow to gather a lot of statistics, as each vesicle needs to be imaged individually. On the contrary, performing spectroscopy
on large unilamellar vesicles (LUV) in suspension can provide more statistics,
but the outcome of the measurement is averaged over an ensemble of vesicles,
without providing information about inter- and intravesicle heterogeneity. We
decided to try both approaches in parallel, as complementary methods to calibrate the N+-BDP probe.

5.6.1

Implementation in LUV

LUV made of 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) were formed
by lipid ﬁlm hydration in 1 Osm PBS buﬀer supplemented with sucrose, followed
by extrusion through a 100 nm pore ﬁlter. This method resulted in the formation of 273 ± 4 nm diameter vesicles, as measured by Dynamic Light Scattering
(DLS). To subject these vesicles to a well-deﬁned tension, we used osmotic shock,
by varying the osmolarity of the suspending medium[7]. The vesicles were suspended in buﬀer with an osmolarity varying between 1 Osm and 300 mOsm, by
changing the concentration of dissolved sucrose. For each osmotic diﬀerential
between vesicle interior (1 Osm) and medium (1 Osm-300 mOsm), ﬂuorescence
lifetime measurements were performed, and transient ﬂuorescence intensity decays ﬁtted to determine an average ﬂuorescence lifetime. Surprisingly, we ﬁnd
that for all osmotic pressure diﬀerences the curves superpose almost perfectly
(Figure 5.21). For all osmotic stresses, a lifetime of 5.4 ns (χ2 = 1.088) was meas-
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Figure 5.21: Fluorescence decays of N+-BDP in DOPC LUV upon application of an osmotic diﬀerential δosm between the inside and the outside of the vesicle (δosm = osmin osmout ). δosm varies from 0 (red) to 700 mOsm (blue).

ured. This indicates that any osmotically-induced change in lipid spacing was
too small to be detected by the probe, either due to a lack of sensitivity in the
probe itself, or due to either vesicle leaking or lipid exchange that lead to tension
relaxation.

5.6.2

Implementation in GUV

A wide diversity of techniques has been employed to form giant lipid vesicles.
Popular formation techniques include dehydration-rehydration methods[8, 9],
microﬂuidics-based methods[2, 10, 11], electroformation[12, 13, 14] or gel-assisted lipid swelling[15, 16]. These techniques all have distinct advantages and limitations. The lipid ﬁlm rehydration and the gel-assisted lipid swelling methods are
gentle and compatible with a wide range of lipids, but both lead to heterogeneous
vesicle populations, with a low degree of unilamellarity. On the contrary, electroformation enables modulation of the lipid hydration process to form relatively
monodisperse vesicles, with narrow lipid composition. Yet, charged lipids compromise vesicle formation, and vesicles are not unilamellar per se. Microﬂuidicsbased methods are the most suitable to keep inter-vesicle repeatability, as they
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provide an excellent control over the size, composition and (uni)lamellarity of the
vesicles. Nevertheless, this technique remains a lot more technically challenging
to set up[17, 18]. On the basis of these considerations we decided to formulate
giant vesicles using the electroformation technique[12, 13].
We prepared giant unilamellar vesicles of DOPC: 1,2-dioleoyl-sn-glycero-3phosphoethanolamine (DOPE): 1,2-dioleoyl-sn-glycero-3-phospho-L-serine (DOPS): Cholesterol: N+-BDP = 55:22:11:11:1 or DOPC: 1,2-dioleoyl-sn-glycero3-phospho-(1’-rac-glycerol) (DOPG): DOPE-cap-biotin: N+-BDP = 48,5:48,5:2:1.
The ﬁrst lipid composition is often used in literature as a mimic of the natural
inner leaﬂet composition of lipid headgroups in mammalian cells, and was employed to follow the protocol described in reference[19] to apply a tension on
GUV membrane. The second lipid composition was used in a view of future
work on membrane interactions with antimicrobial peptides[20, 21]. The vesicles were formed in a sucrose solution and diluted in a glucose-supplemented
buﬀer, before being immobilized on an avidin-coated glass slide through binding
of the biotin-capped lipids. The density diﬀerence between the sucrose and the
glucose solutions leads the vesicles to sink to the bottom of the imaging chamber,
and allows for vesicle immobilization and subsequent imaging. Once a vesicle
is immobilized, a tension can be applied and the probe response subsequently
measured using FLIM imaging. Two options to apply a tension exist, either by
using an osmotic shock[22], or by changing the adhesive interactions between
vesicle and substrate, which in turn induces a lateral dilatation[23]. From the
three-dimensional shape of the adhered vesicle on the substrate, the tensile force
can be calculated using purely geometrical considerations[23].
We ﬁrst tried to tune the degree of adhesion of the DOPC: DOPE: DOPS:
Cholesterol: N+-BDP GUV on the substrate by adding various concentrations of
a divalent cation (Mg2+ ) in the medium. As reported in the literature, magnesium
ions can act as bridges between the negatively charged phospholipids within the
GUV and the negatively charged surface of the passivated glass and promote
adhesion[19]. Figure 5.22 compares GUV proﬁles, and the corresponding ﬂuorescence lifetime images and distributions, for GUV having diﬀerent adhesion
areas. In the ﬁrst comparison set (Fig. 5.22a-c) the lifetime distribution for a bigger adhesion area is shifted towards a lower average lifetime, but in the second
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set (Fig. 5.22a,d,e) the distributions superpose almost perfectly. These data reveal
that the compositional heterogeneity, and number of lamella, between diﬀerent
GUVs is too large to make any valid conclusions about membrane tension and
the corresponding response of the probe.
Therefore we decided to work in parallel on a simpler lipid composition
(DOPC: DOPG: DOPE-cap-biotin: N+-BDP = 48,5:48,5:2:1). Since this composition lacks the cation-chelating DOPS lipids, we used a diﬀerent approach to
tune adhesion strength that is more suitable for the DOPC and DOPG phospholipids. We varied the avidin coating density of the glass surface; in one case
the substrate was coated with 1 µM avidin, and the remaining bare glass passivated with Bovine Serum Albumin (BSA), while in a second case, the glass was
only passivated with BSA. The proﬁle of the vesicles and the ﬂuorescence lifetime of the probe was simultaneously imaged in both cases. Figure 5.23 and 5.24
show the lifetime distribution histograms obtained for DOPC: DOPG: DOPE:
N+-BDP = 48,5:48,5:2:1 and for DOPC: DOPE: DOPS: Cholesterol: N+-BDP
= 55:22:11:11:1 respectively. This time, for the DOPC: DOPG composition, the
average lifetime in the membrane was very slightly lowered upon membrane
stretching (Fig. 5.23d,e). With such a small shift, and given the noticeable increase in adhesion area needed to trigger this shift, it appears that the probe either
lacks sensitivity to membrane tension in this geometry, or that tension is relaxed
by lipid exchanges with a reservoir in its surroundings. Moreover, since electroformation is known to lead to some degree of compositional heterogeneity,
it is challenging to unambiguously interpret the observed shift in ﬂuorescence
lifetime. For the DOPC: DOPE: DOPS: cholesterol composition, changing the
GUV adhesion area did not result in measurable changes in rotor response (Fig.
5.24c). For both compositions, no signiﬁcant spatial variations throughout the
vesicles were observed, even considering the diﬀerence between the lateral tension (membrane under tension) and the apical tension (membrane under compression) linked to the density diﬀerence between the intra- and extravesicular
medium.
In an attempt to increase the adhesion area to promote change in probe response in the membrane of the DOPC: DOPG: DOPE-cap-biotin: N+-BDP =
48,5:48,5:2:1 GUV, we increased the density diﬀerence between the GUV inner
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Figure 5.22: Proﬁles of DOPC:DOPE:DOPS:Cholesterol:N+-BDP = 55:22:11:11:1
GUV submitted to diﬀerent concentrations of Mg2+ in the suspending medium: 5 mM
(a) and 1 mM (b,d). Fluorescence lifetime distributions (c,e) and images (f-h) associated
to the three GUV proﬁles. Scale bars = 20 µm.

solution and the outer suspending solution by varying the concentration of glucose in the surrounding medium. By doing so, an osmotic imbalance was simultaneously applied, as the glucose concentration was lowered with all other concentrations kept ﬁxed. This change in density combined to the eﬀect of vesicle
dilatation triggers a change in adhesion area on the substrate, and a signiﬁcant
change in membrane shape and tension. Still, no variations in ﬂuorescence life-
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Figure 5.23: Proﬁles of DOPC:DOPG:DOPE-cap-biotin:N+-BDP=48,5:48,5:2:1 GUV

adhered to a glass substrate passivated with 100 µM BSA (a,b). Proﬁle of a GUV from
the same formation batch, adhered to a glass substrate coated with 1 µM avidin and
subsequently passivated with 100 µM BSA (c). Scale bars = 10 µm. Corresponding individual ﬂuorescence lifetime distributions (d). Averaged ﬂuorescence lifetime distributions, obtained by summing individual distributions for 6 vesicles per condition (e).

time were observed (Fig. 5.25).
This total absence of lifetime response could conﬁrm the rotor’s sensitivity range incompatibility in the experiment conﬁguration, but could also be due
to lipid rearrangements occurring within the membrane, combined with lipid
exchanges going on between the membrane and smaller lipid structures ﬂoating
around. These exchanges would prevent a signiﬁcant change in lipid spacing, and
consequently, changes in ﬂuorescence lifetime.
A rigorous evaluation of these ﬁndings requires future experimental eﬀorts
in which lipid exchange, and tension relaxation, is limited. This would require –
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Figure 5.24: Proﬁle of a DOPC:DOPE:DOPS:Cholesterol:N+-BDP = 55:22:11:11:1

GUV adhered to a glass substrate passivated with 100 µM BSA (a). Proﬁle of a GUV
from the same formation batch, adhered to a glass substrate coated with 1 µM avidin
and subsequently passivated with 100 µM BSA (b). Scale bars = 5 µm. Corresponding
individual ﬂuorescence lifetime distributions (c).

Figure 5.25: Proﬁles of DOPC:DOPG:DOPE:N+-BDP=48,5:48,5:2:1 GUV submitted

to diﬀerent osmolarity and density diﬀerentials by varying the concentration of glucose
in the suspending medium; δosm = 6 mOsm (a), δosm = 0 mOsm (b). Corresponding
ﬂuorescence lifetime distributions (c). Scale bars = 10 µm.

without having to make purely unilamellar vesicles and removing lipid clusters
in suspension (e.g. by using microﬂuidics as GUV formation method) – inducing
smaller variations in membrane tension, by applying small osmotic gradients,
and without inducing strong changes in vesicle shape and adhesion area. To do
so, an option would be to keep mainly sucrose inside and outside the vesicles, but
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Figure 5.26: Schematic and cross-sectional view of the PDMS stretching device, reprinted from reference [19].

supplement the suspending medium with a constant, small amount of glucose high enough to allow for fast vesicle decantation and easy glass immobilization,
but low enough to prevent vesicle ﬂattening on the surface -, and vary the sucrose
concentration outside. The changes in vesicle adhesion and shape would then be
smaller and would not induce gradients of tension inside the vesicles’ membrane
(i.e. by vesicle squeezing under its own weight). Nevertheless, the best option
to be able to incriminate or discriminate the eﬀect on ﬂuorescence lifetime of
membrane tension, lipid composition, and lipid exchanges, remains the use of
more sophisticated microﬂuidics experiments to both formulate and manipulate
the GUV.

5.6.3

Implementation in supported lipid bilayers

To reduce lipid rearrangements and exchanges, but also to have a better overview of the membrane and to assess higher degrees of membrane stretching, we
also explored working on two dimensional membranes through the use of solid
supported lipid bilayers. As a solid and stretchable substrate, we used a ﬂexible
PDMS ﬁlm adapted in a device developed by Kliesch et al.[19]. A schematic of the
device is shown on Figure 5.26. The stretchable polydimethylsiloxane (PDMS)
sheet has a thickness of about 180 µm, and is attached to two adjacent channels.
The air pressure in those two channels can be reduced by syringe aspiration, leading to ﬁlm extension, and a simultaneous dilatation of the attached lipid bilayers.
Lipid bilayer dilatation using this method has proven to enhance substantially
LUV fusion eﬃciency, due to an increased lipid spacing[19]. We wanted to see
whether this increase in lipid spacing was reﬂected by a lowering in ﬂuorescence
lifetime.
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Figure 5.27: Fluorescence Lifetime images in an unstretched (a) vs stretched (b)

DOPC:DOPG:DOPE:N+-BDP=48,5:48,5:2:1 lipid bilayer. Scale bars = 20 µm. Corresponding ﬂuorescence lifetime distributions (c).

The supported lipid bilayers were formed by fusing the previously used DOPC: DOPG: DOPE: N+-BDP = 48,5:48,5:2:1 GUV, decreasing the suspending
medium glucose concentration (i.e. increasing the density imbalance) enough to
provoke GUV adhesion and lysis under their own weight. The resulting bilayers were stretched and the ﬂuorescence lifetime of the N+-BDP probe measured simultaneously for diﬀerent stretching degrees. Figure 5.27 shows the ﬂuorescence lifetime map within a supported bilayer, before and after stretching.
No diﬀerence in lifetime was observed despite the signiﬁcant change in bilayer
area. The very slight shift of the average lifetime towards higher lifetimes upon
stretching does not reﬂect an increase in lipid spacing, since one would expect
the opposite trend. Several hypotheses could explain this ﬁnding; 1) the change
in lipid spacing could be out of the sensitivity range of the probe. The lipid packing stays too dense to allow for non-radiative relaxation of the probe. 2) The
fusion of small lipid structures ﬂoating around the bilayer prevents a build-up
in membrane tension by allowing stress relaxation. 3) The initial GUV were not
unilamellar. In other similar studies[19, 12, 13] GUV were formed by electroformation and assumed to be unilamellar, but unilamellarity assessments were
not performed to conﬁrm this assumption. If the GUV are multilamellar, then exchanges of lipids between the diﬀerent layers could lead to a relatively constant
lipid spacing.
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To overcome these drawbacks in performing a rotor calibration using GUV,
it would be preferable to use vesicles formed using microﬂuidics (e.g. Octanolassisted Liposome Assembly (OLA) method[10]), to make sure they are unilamellar, and to have a constant vesicle composition and diameter. The unilamellarity
can easily be checked for all vesicles using e.g. an α-hemolysin[24] or a dithionite
assay[25]. This remains a challenge for future work.

5.7

Development of a ratiometric membrane probe

The current toolbox of molecular rotors requires signal detection using sophisticated Time-correlated Single Photon Counting (TCSPC) or FastFLIM instrumentation, which is not available in every laboratory. To increase the accessibility
of our method in mapping mechanical gradients, we have explored the option of
developing a ratiometric mechanoprobe composed of a microviscosity-sensitive
unit (i.e. the previously used molecular rotor), covalently bound to a reference
unit (i.e. a ﬂuorescent dye whose quantum yield does not vary with microviscosity or chemical polarity). Measuring the ratio of the rotor dye emission to the
reference dye emission intensity on a standard 2-channel ﬂuorescence microscope or spectrometer gives a measurement for the local microviscosity, while
simultaneously correcting for variations in local probe concentration.
We decided to synthesize a ratiometric probe made of a Förster Resonance
Energy Transfer (FRET) pair to target cell plasma membrane[26]; coumarin was
used as a FRET donor, and the BODIPY rotor as a FRET acceptor. The two dyes
are linked via a single covalent bond to ﬁx and minimize the distance between
the two probes, thereby minimizing uncertainty in measurements due to conformational ﬂexibility. A single bond limits changes in distance and orientation
between the two units, and makes sure FRET transfer mainly occurs between the
covalently linked dyes, and not between separate molecules that are in close proximity. By contrast to conventional FRET studies, where changes in the donoracceptor distances are used to make a speciﬁc measurement, here the probe is
predominantly sensitive to microviscosity changes; on the one hand the amount
of FRET transfer -between the coumarin unit and the BODIPY rotor unit- and
the quantum yield of the coumarin unit are assumed to be constant, while on
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Figure 5.28: Synthesis paths of the three versions of the ratiometric probe; coum-BDP-

1t, coum-BDP-+-1t, and coum-BDP-2t. i) iododecane/K2 CO3 , DMF, 60 °C, 3h, 52%; ii)
CH3 COCH2 COOEt/ZnCl2 , ethanol, reﬂux, 24h, 37%; iii) NBS, DMF, RT, 22h, 94%; iv) 4Formylphenylboronic acid/Pd(PPh3 )4 /K2 CO3 /dimethoxymethane, reﬂux, 16h, 79%; v)
2-methylpyrrole/TFA, DCM, RT, 3h, then DDQ, DCM, RT, 1h, then BF3 -Et2 O, Et3 N,
DCM, RT, 16h, 10%; vi) CH3 I, DMF, 40°C, 48h, then NaHCO3 , DMF, 40°C, 5h, 57%; vii)
dodecylamine/K3 PO4 , THF, RT, 16h, 13%.

the other hand the quantum yield of the BODIPY rotor unit varies as its rotation
rate varies, in response to the local microviscosity. With the aim of targeting the
plasma membrane in plant cells speciﬁcally, the coumarin unit was functionalized with one, or two, aliphatic tail(s), with or without a positive charge. This
results in three diﬀerent designs, whose synthetic routes are adapted from Lin et
al.[27] and Yang et al.[26], and illustrated in Figure 5.28.
The spectroscopic response of the three probes was studied in mixtures of
castor oil and chloroform to span a wide range of solvent viscosities (Fig. 5.29).
We ﬁnd a good correlation between the ﬂuorescence lifetime of the BODIPY
rotor unit and the intensity ratio of the BODIPY unit emission over the coumarin emission (Fig. 5.29e), suggesting the useability of the ratiometric probes
in microviscosity sensing. Moreover, we note that coum-BDP-1t has the highest
sensitivity to changes in viscosity.
However, when incubating Arabidopsis seedling roots with these probes, only
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Figure 5.29: Absorbance and ﬂuorescence emission spectra of the three ratiometric
dyes in chloroform, coum-BDP-1t (a), coum-BDP-+-1t (b) and coum-BDP-2t (c). Fluorescence lifetime calibration in simple castor oil/chloroform mixtures (d). Evolution of
the dye ﬂuorescence lifetime as a function of the corresponding acceptor over donor
intensity ratio (e).

very weak to no staining is observed. Coum-BDP-1t seems to localize in the
plasma membrane (Fig. 5.30c), but its ﬂuorescence signal is only slightly higher
than the cell autoﬂuorescence. Also in other Arabidopsis cell types, such as cells
from suspension culture or embryonic tissues, the staining does not improve.
The dyes reach little to no internalization in suspension cells, while they appear
to be completely internalized in embryos (Fig. 5.30). A slightly better staining is
obtained with coum-BDP-+-1t in suspension cells, but the probe ﬂuorescence
intensity is not much higher than the autoﬂuorescence level (Fig. 5.30e). In all
cases, high laser powers were required to obtain a reasonable signal, which in
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Figure 5.30: Intensity images of the three ratiometric dyes in Arabidopsis thaliana living
cells: coum-BDP-1t (a) and coum-BDP-2t (b) in embryos (scale bars = 10 µm), coumBDP-1t in the root of a 4-day-old seedling (c, scale bar = 50 µm), coum-BDP-1t (d), coumBDP-+-1t (e) and coum-BDP-2t (f) in suspension cells (scale bars = 20 µm).

turn triggers strong autoﬂuorescence due to the 405nm excitation wavelength.
Even at very high laser powers, the recorded ﬂuorescence intensity per pixel was
insuﬃcient to allow for an accurate intensity ratio determination.
In addition to having a low staining capability, we uncovered these dual probes to be extremely sensitive to chemical polarity. Figure 5.31 shows the ﬂuorescence emission spectrum of coum-BDP-1t in various solvents of similar viscosities but diﬀerent polarities. Both a shift in spectrum and a signiﬁcant variation in the peak intensity ratio can be observed, indicating the high sensitivity
of coum-BDP-1t to changes in chemical polarity. While this indicates that these
probes may make interesting polarity reporters, this strongly hampers their use
as mechanoprobes.
We concluded that these ratiometric probes are not suitable for microviscosity imaging in live cells; microviscosity imaging in the plasma membrane of cells
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Figure 5.31: Fluorescence emission of coum-BDP-1t in four solvents of diﬀerent polarity.

requires a probe i) with reasonable quantum yield and excitable in the visible region of the light spectrum, to minimize autoﬂuorescence and cell phototoxicity,
ii) whose ﬂuorescent properties do not depend on chemical polarity, iii) smaller in size, to facilitate crossing of the cell wall, and with greater aﬃnity for the
plasma membrane. The design of ratiometric mechanoprobes that obey these
requirements remains an unresolved challenge.

5.8

Implementation in other biological systems

Chapters 3 to 5 illustrate the successful use of the rotor dyes in Arabidopsis thaliana seedlings, and in Phytophthora infestans. Staining trials with the rotors were
however not limited to these systems. Attempts to stain Arabidopsis thaliana embryos were performed with N+-BDP and CWP-BDP respectively, but did not
result in a very speciﬁc staining of the plasma membrane nor of the cell wall (Fig.
5.32). Membrane dyes (such as DiI, and N+-BDP), tend to diﬀuse inside the cell
rapidly and stain the whole embryo without plasma membrane speciﬁcity. CWPBDP also tends to diﬀuse intracellularly and does not outline the very young cell
walls inside the embryo’s globule. The poor CWP-BDP staining is likely to be
due to a diﬀerent embryo cell wall composition as opposed to diﬀerent tissues,

CONCLUSION

since CWP-BDP binds to deesteriﬁed pectins preferentially. Staining of Magnaporthe oryzae with N+-BDP has allowed to study evolution in plasma membrane
mechanical properties during appressorium development and maturation; this
work is currently being conducted by Dr. Lauren Ryder and Prof. Nick Talbot at the Sainsbury Laboratory (Norwich, UK). A manuscript is in preparation.
Stainings of Saccharomyces cerevisiae (budding yeast) and Schizosaccharomyces
pombe (ﬁssion yeast) plasma membrane and cytoplasm were achieved successfully with N+-BDP and PEG-BDP respectively. These two probes are currently
being used to study the eﬀect of a change in cytoplasm density in yeast cells on
cytoskeleton dynamics[28]. The cytosol probe sulfo-BDP, with its two negatively
charged sulfonate groups, could not cross the wall barrier. An attempt was made
to implement the plasma membrane dye N+-BDP in shPAB human muscle cells
(aging model myoblasts) in the hope to get insight into muscle cell senescence
and muscle aging in late onset muscular disorders and normal aging[29]. Unfortunately, the fast dynamics and high permeability of the membrane in these cells
did not allow for a speciﬁc staining, and the dye was immediately internalized
(Fig. 5.33).
These results suggest that the rotor dyes are applicable to a wide range of
non-animal cells, with a staining eﬃciency and speciﬁcity that varies signiﬁcantly
for diﬀerent cell sizes and types. Exploring routes for high-ﬁdelity targeting thus
remains a challenge for each new cell type or biological question.

5.9

Conclusion

Many interesting molecular mechanoprobes are now available from the material
science community, with new probes emerging every year and exhibiting functionalities that are diﬀerent from the probes explored here. These probes could
become valuable assets to resolve mechanical patterns and answer mechanobiological questions. Yet, many challenges remain to allow for their practical use.
Most of these probes are designed for use in synthetic and apolar materials; thus
a major challenge is to make the probes water-soluble, biocompatible, and able
to target deﬁned cellular structures or compartments of interest (e.g. by making
them small enough to enable rapid diﬀusion-based transport through the cel-

229

230

GENERAL DISCUSSION

lular barriers, or tuning their selective binding ability). However, several promising strategies to achieve selective binding arise; for instance, the use of metabolic labelling, previously employed to incorporate alkyne or azide groups in
the pectin network of Arabidopsis seedling roots cell wall, allowing for a subsequent click-reaction to ﬂuorescent dyes[30, 31, 32], or the use of genetic labelling by means of SNAP-tags, previously implemented in animal cells to label
e.g. plasma membrane proteins[33, 34]. Another open and pressing question is
how to make the imaging with mechanoprobes fully quantitative. Ideally one
would want to measure the amplitude of actual forces inside plant cells, as well
as the orientation of these forces. A few molecular probes that directly measure
tensions have been reported (e.g. based on synthetic conjugated polymers[35], on
DNA constructs[36, 37], or on small mechanophores such as spiropyrans[38] or
benzocyclobutene[39]), but none of them has been designed for implementation
in plants yet. Furthermore, to allow for absolute quantiﬁcation, an accurate calibration of the probe is needed, taking into account the structural and physicochemical properties of cells. Resolving these challenges undoubtedly requires
a cross-disciplinary approach, involving -among others- chemistry (synthesis),
biology (probe design and application) and modelling (development of mechanical models to compare what the probe measures and what is expected).

CONCLUSION

Figure 5.32: Fluorescence lifetime images of Arabidopsis embryos incubated with N+BDP (a-f) or CWP-BDP (g,h), taken and supplied by Vera Gorelova.

Figure 5.33: Fluorescence lifetime images of shPAB human muscle cells incubated with
N+-BDP. Scale bars = 30 µm.
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Summary
Biological processes in cells result from a complex interplay between gene expression, molecular
interactions, and mechanical forces. Yet, no generalized frameworks exist to explain how chemical,
genetic and mechanical inﬂuences on living systems are intertwined. This is the central goal of the
emerging ﬁeld of mechanobiology, which aims at understanding how mechanical signals are transduced in cells, and converted into biochemical signals that interact with the genetic machinery of
the organism to regulate complex biological function. Most of the eﬀorts in this ﬁeld have been
focused on the animal kingdom, while the study of mechanobiological processes in plants or other
walled systems (e.g. fungi and oomycetes) has received much less attention. This is in part due to
a lack of methods to probe mechano-chemical eﬀects in these species with suﬃcient resolution.
In this thesis, we harnessed the mechanochemistry of ﬂuorescent molecular rotors to enable the
study walled cell mechanobiology, as a stepping stone to better understand how walled cells and
their tissues cope with mechanical stress. We developed new molecular mechanoprobes to target and stain various compartments of walled cells and tissues (i.e. cell wall, plasma membrane,
cytoplasm, vacuole). Their implementation in plant and oomycete cells, combined with quantitative imaging, allowed us to unveil and visualize mechanical patterns, in-vivo and with subcellular
resolution.
In Chapter 2 we provide a technical overview of the various synthesis routes used in this
thesis to design and make BODIPY-based molecular rotors that are functionalized to target and
report microviscosity patterns in the diﬀerent cellular compartments studied.
In Chapter 3 we implement a set of BODIPY-based molecular rotors in Arabidopsis seedlings. We use Fluorescence Lifetime Imaging to image spatial variations in the rotors’ ﬂuorescence
lifetime, in order to construct so-called ‘microviscosity’ maps. This approach opens up new ways
to understand the role of mechanics in the regulation of biological processes. In particular, it could
provide valuable insights on the role of mechanical stress in cell polarisation and diﬀerentiation,
and on the adaptation of local mechanics during important stages in the life cycle of the cell.
We critically reﬂect and reﬁne the notion of ‘microviscosity’ in Chapter 4, by discussing the
potential factors controlling the molecular rotation rate, and subsequently, the ﬂuorescence lifetime of BODIPY-based molecular rotors in cells. We conclude that ﬂuorescence lifetime mapping
with these rotors gives information on the relative conﬁnements and crowding density within
cells, but that direct translation of lifetime into absolute microviscosity values requires cautious
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calibration.
In Chapter 5, we show that our dye toolbox is not restricted to use in plants, but can be readily
adapted for micromechanical mapping in other walled organisms, such as oomycetes. Using the
cell-wall targeting molecular rotor in combination with a plasma membrane chemical polarity
probe, we are able to visualize eﬀects of mechanical and chemical stress on the mechano-chemical
properties of Phytophthora infestans cell wall and plasma membrane during invasion. The generated insight can be used to understand the mechanisms of plant-pathogen mechanical interaction,
as well as the mode of action of fungicides developed to inhibit growth and host invasion.
The work in this thesis highlights how a physico-chemical approach, utilizing mechanochemistry tools, can help shed light on the complex biological processes occurring in walled cells.
Through direct visualization of mechanical patterns at the microscopic scale, we can gain understanding of a wide variety of processes. In the General Discussion, we put our work in a
broader context, provide routes to develop the work further, and suggest approaches, on the basis
of preliminary results, to perform a probe calibration and develop a ratiometric equivalent to the
lifetime-based probes.
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Overview of completed training activities
Discipline speciﬁc activities
MechanoChemBio conference, Germany (MPI, 2017)*
RPK-A module: Polymer chemistry course, The Netherlands (PTN, 2018)
Dutch Soft Matter Meeting, The Netherlands (2019)*
MechanoChemBio conference, Canada (MPI, 2019)*
CHAINS, The Netherlands (NWO, 2019)*
Future Leaders in Mechanobiology seminar, United States (CEMB, 2021)*
Dutch Biophysics, The Netherlands (NWO, 2021)*
*poster or oral presentation
General courses
Essentials of Scientiﬁc Writing and Presenting, The Netherlands (WGS, 2017)
Presenting with Impact, The Netherlands (WGS, 2018)
Scientiﬁc Artwork, The Netherlands (WGS, 2018)
Scientiﬁc Writing, The Netherlands (WGS, 2019)
Career Perspectives, The Netherlands (WGS, 2020)
Optionals
Preparation of research proposal (2017)
Group meetings & colloquia (PCC, 2017-2021)
Journal Club (PCC, 2019)
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