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1. Although lipid droplets appear the same, distinct coating patterns by lipid droplet-
associated proteins raise awareness of their heterogeneous functions within the cell.                                                                                                                                  
(this thesis) 
 
2. Controlling fatty acid flux requires strict regulation of lipid droplet-triglyceride 
lipolysis coupled with re-esterification and storage.                                                                                             
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3. Consumer nudging is a better public policy strategy to tackle obesity in 
México than restrictive regulations, like taxation on high sugar products or complex food 
labeling.  
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strategy to increase the footprint of women in science rather than gender-preferential 
grants. 
 
5. The best diet for weight loss is the one the patient can adhere to 
alongside psychological and behavioral therapy.    

 
6. “Freedom from want” and “Freedom from fear” are outcomes of social wellness and 
equal education opportunities. 
 
7. Sustainable consumption and lifestyle should be included in the syllabus of all primary 
schools.  
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Abstract 

Background 

Peroxisomal proliferator activator receptor alpha (PPARα) is a ligand-activated transcription 
factor that plays a major role in the regulation of lipid metabolism. Gene expression studies 
performed on PPARα null mice have shed light into a variety of genes regulated by PPARα. 
However, less is known about the effect of PPARα activation in human liver in vivo. 
Inasmuch as the function of the vast majority of PPARα target genes has been 
characterized, still a few remain unknown or poorly characterized. 

Objectives 

This thesis sought to improve our current knowledge on the transcriptional regulation by 
peroxisome proliferator-activated receptors alpha (PPAR)-α activation in human liver in 
vivo, and to expand our understanding on the physiological and molecular function of two 
PPARα target genes: Hilpda and Slc25a47.  

Methods 

To study the effects of PPARα activation in human liver in vivo, we used a novel chimeric 
mouse model carrying human liver cells. We treated chimeric mice containing hepatocyte 
humanized livers with an oral dose of 300 mg/kg fenofibrate daily for 4 days. Livers were 
collected and analysed by hematoxilin and eosin staining, qPCR, and transcriptomics. 
Transcriptomics data were compared with existing datasets on fenofibrate treatment in 
normal mice and other human model systems. Next, we characterized the physiological and 
molecular function of HILDPA in adipose tissue macrophages in the context of obesity-
induced inflammation and in hepatocytes during non-alcoholic steatohepatitis. To this end 
we used a HILPDA tissue-specific knockout mice model in macrophages and hepatocytes 
generated by using LysM-Cre and Alb-Cre transgenic mice, respectively. Ultimately, to 
characterize the physiological function of SLC25A47 we performed adeno-associated virus 
mediated liver overexpression and studied the effect of Slc25a47 under 11 weeks high fat 
diet or fed and fasted conditions. Subsequently, we used a Slc25a47 knockout mice model 
and performed indirect calorimetry measurements under fed and fasted conditions. We 
next characterized the effect of Slc25a47 deletion in mice under 20 weeks high-fat and low-
fat diet. Ultimately, we studied the effect of Slc25a47 in mitochondria respiration on 
transiently transfected Hepa 1-6 cells and mice livers overexpressing Slc25a47.  



Results 

In the chimeric humanized mice liver, human hepatocytes exhibited excessive lipid 
accumulation. Fenofibrate increased the size of the mouse but not human hepatocytes and 
tended to reduce steatosis in the human hepatocytes. Quantitative PCR indicated that 
induction of PPARα targets by fenofibrate was less pronounced in the human hepatocytes 
than in the residual mouse hepatocytes. Comparison with other transcriptomics datasets 
indicated that hepatocyte humanized livers recapitulate the principal effects of PPARα 
activation on lipid metabolism. In contrast, pathways connected to DNA synthesis were 
downregulated by fenofibrate in chimeric mice with hepatocyte humanized livers yet 
upregulated by fenofibrate in normal mouse livers.  

In diet-induced obese mice, HILPDA deficiency in macrophages markedly reduced lipid 
accumulation in macrophages yet it did not alter any measured inflammatory or metabolic 
parameters. Mechanistically, HILPDA inhibited ATGL-mediated lipolysis in macrophages. 
Treatment with the ATGL inhibitor Atglistatin rescued lipid accumulation inside lipid 
droplets in HILPDA-deficient macrophages. Similarly, in diet-induced NASH mice, HILPDA 
hepatocyte deficiency modestly yet significantly reduced liver triglyceride accumulation 
and plasma ALT levels. However, expression of macrophage/inflammatory markers and 
fibrosis were not different between HILPDA knockout and floxed mice. In hepatoma cell 
lines, fatty acids increased Hilpda expression and protein levels. Hilpda overexpression in 
turn induced triglyceride accumulation inside lipid droplets. Mechanistically, HILPDA 
interacts and increases DGAT1 protein level and activity as indicated by FRET-FLIM analysis, 
western blot and Dgat1 activity assay. 

In the liver, Slc25a47 overexpression in fed and fasted mice had no significant effects on 
liver triglyceride levels, plasma glucose, triglyceride, cholesterol, glycerol, non-esterified 
fatty acids nor on β-hydroxybutyrate levels. Similarly, after feeding mice a high fat diet for 
8 weeks, there were no effect of Slc25a47 overexpression on any of the beforementioned 
parameters. However, transcriptome analysis at the pathway level showed that several 
gene sets related to cholesterol synthesis were significantly enriched among the 
upregulated genes, suggesting that SLC25A47 might stimulate cholesterol synthesis. 
Indirect calorimetry performed in wildtype and Slc25a47 knockout mice in the fed and 
fasted state showed no difference in energy expenditure, activity level nor respiratory 
exchange ratio between genotypes. After 20 weeks of low or high-fat diet, WT and 
Slc25a47-/- mice showed no significant differences in body weight gain, food intake, liver 
or white adipose tissue weight, on either diet. By contrast, glucose tolerance was 
significantly improved in the Slc25a47-/- mice compared to the WT mice. Similarly, no 
significant differences were observed between WT and Slc25a47-/- mice in hepatic 
triglyceride, plasma glucose, cholesterol, triglycerides, glycerol and non-esterified fatty 



acids in either condition. At the molecular level, we did not observe any change in 
mitochondria respiration in livers of mice overexpressing Slc25a47, nor in transiently 
transfected Hepa 1-6 cells as measured by high-resolution respirometry with Oroboros. 

General conclusion 

The research contained in this thesis has broadened our understanding on the physiological 
role of PPARα and the modulation of lipid metabolism through its target genes.  
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Introduction 

Lipids are small hydrophobic molecules with diverse cellular functions. They are utilized as 
energy source, structural components for biological membranes, signaling molecules in 
diverse cellular pathways, and regulators of gene expression. Abnormal metabolism of 
lipids in different tissues has been associated with a wide range of degenerative and 
infectious diseases. Cytoplasmic lipid accumulation is a characteristic sign of non-alcoholic 
fatty liver disease (NAFLD) and viral hepatitis C infection and strongly correlates with 
disease severity and development (1–3). Similarly, in atherosclerosis, macrophages in the 
atherosclerotic plaque accumulate excess lipids and eventually become inflammatory lipid-
laden foam cells promoting atherosclerosis disease progression (4,5). In type 2 diabetes, 
accumulation of large lipid droplets in the subsarcolemmal regions of oxidative type 2 
muscle fibers has been shown to negatively correlate with insulin sensitivity (6). In 
neurodegenerative diseases, like Alzheimer and Parkinson’s disease, lipid accumulation and 
altered lipid composition is connected to impaired cell function and neural activity (7,8). In 
cancer, excessive lipid and cholesterol accumulation as lipid droplets in tumor cells has been 
considered as an indicator of cancer aggressiveness (9–12).  

In order to therapeutically address lipid dysregulation-associated diseases, a 
comprehensive understanding of the physiological function of lipid accumulation, the 
proteins involved in lipid metabolism, and their molecular mechanisms is required. 

Peroxisome proliferator-activated receptors (PPARs) 

Peroxisome proliferator-activated receptors (PPARs) are the master regulators of lipid 
metabolism. They are nuclear receptors that exert the dual function of transcription factors 
and receptors by regulating gene expression according to the cellular environment. PPARs 
serve as receptors for diverse molecules of natural origin, such as fatty acids and its 
derivatives, or synthetic compounds like fibrate drugs, plasticizers, and insecticides (13,14). 
Following ligand- activation, PPARs forms a heterodimer with the nuclear receptor RXR and 
together bind to specific DNA-sequences, known as PPAR response elements (PPRE) around 
its target genes. These PPRE are a direct repeat of the consensus six nucleotides AGGTCA 
separated by a single nucleotide. Binding of ligand leads to the dissociation of co-repressor 
proteins and the association of co- activator proteins, which facilitates the assembly of the 
transcription initiation complex (15,16). Through activation of gene expression, PPARs 
regulate diverse biological pathways such as glucose metabolism, biotransformation, amino 
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acid metabolism, inflammation, but most importantly lipid metabolism(15,17). The PPAR 
subfamily of nuclear receptors is composed by three subtypes PPARα, PPARγ, PPARδ with 
different expression patterns.  

PPARα is most highly expressed in liver and brown adipose tissue. Also, PPARα can be found 
in heart, small intestine, and kidney. In liver, PPARα regulates lipid metabolism, especially 
during fasting. PPARα activates fatty acid uptake and oxidation, triglyceride storage and 
utilization, ketogenesis, and glucose metabolism. Liver PPARα null mice have a severe 
fasting-induced phenotype characterized by elevated plasma fatty acids, hepatic steatosis, 
hypoketonemia, and hypoglycemia. PPARδ is ubiquitously expressed in different tissues and 
cell types. PPARδ has been best characterized in skeletal muscle where it is known to 
mediate the effects of fatty acids on gene expression and stimulate fatty acid transport, β-
oxidation and mitochondrial respiration(18). PPARγ is mainly expressed in adipose tissue, 
colon, and macrophages. In adipose tissue, PPARγ serves as the master regulator of 
adipogenesis. In non-adipose tissue like liver, heart, and skeletal muscle, induction of PPARγ 
results in triglyceride accumulation inside lipid droplets. The overall physiological function 
of the different PPARs is related to the function of their distinct target genes(16). Although 
the function of many PPARs target genes have been elucidated, the physiological role of 
lots of other PPAR target genes remains unknown. In this thesis, we characterized the 
physiological and molecular function of the PPARα target genes Hilpda and Slc25a47 with a 
focus on liver and adipose tissue macrophages.  

An overview of fatty acid fluxes and regulation by PPARs 

Liver 

The liver is the primary regulator of systemic lipid homeostasis. Through the uptake, 
synthesis, packaging, and secretion of fatty acids (as triglycerides in lipoproteins), the liver 
regulates systemic lipid availability. In healthy populations, liver fatty acid content as 
triglyceride is less than 5% of the wet liver weight (19). Fatty acids in the liver originate from 
the diet, LPL-mediated fatty acid spillover in adipose tissue and muscle, adipose tissue 
lipolysis, de novo lipogenesis, and from endogenous intracellular triglycerides stored in lipid 
droplets (20).  

Diet-derived fatty acids are packed as triglycerides in chylomicrons within the enterocyte, 
then released into the lymphatic system and finally reach the bloodstream via the thoracic 
duct (21). Fatty acids in chylomicrons are taken up by the peripheral tissues after 
triglyceride hydrolysis catalysed by lipoprotein lipase (LPL). The remaining particles known 
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as chylomicron remnants are removed from the circulation by the liver via receptor-
mediated endocytosis and posterior lysosomal degradation (22,23). Additionally, a fraction 
of the chylomicron triglycerides hydrolysed by LPL are not successfully taken-up by 
peripheral tissues and thus enter the systemic non-esterified-FA pool (NEFA). These 
“spillover” derived fatty acids are then taken-up by the liver (24,25). Besides via spillover, 
the NEFA pool is fed by fatty acids released by adipose tissue. Especially under fasting 
conditions, triglycerides stored in adipose tissue are hydrolysed into free fatty acids and 
released into the blood plasma bound to albumin, followed by their uptake in the liver (26). 
Finally, liver fatty acids can come from de novo lipogenesis, which describes the synthesis 
of fatty acids from acetyl-CoA subunits that are produced by different pathways within the 
cell, including glycolysis. This process requires multiple enzymes and begins with the 
production of malonyl-CoA from acetyl-CoA by acetyl-CoA carboxylase (ACC) (27).  

In the fasted state, fatty acids are mainly directed toward oxidative pathways. The acetyl-
CoA produced from β-oxidation can continue in the tricarboxylic acid cycle or can be used 
to generate ketones. FAs are also esterified to triglycerides and stored in lipid droplets. The 
LD-derived triglycerides can then be hydrolyzed to release fatty acids and re-esterified for 
VLDL synthesis and export to peripheral tissues. In the fed state, dietary fatty acids or de 
novo synthesised fatty acids are directed towards esterification and storage as lipid droplets 
(28). In addition, fatty acids can serve as signaling molecules for instance by binding to 
PPARα (Figure 1). 

In the liver, lipid metabolism is regulated through several transcription factors, including 
PPAR, PXR, CAR, LXR, and FXR (29,30). PPARs directly bind fatty acids and its derivatives. 
thereby acting as metabolic sensors. Binding of fatty acids to PPARα induces the expression 
of genes involved in fatty acid uptake, transport, activation, and oxidation, including 
peroxisomal, microsomal and mitochondrial oxidation. Additionally, PPARα induces the 
expression several enzymes in the triglyceride biosynthesis pathway as well as lipid droplet-
associated proteins (Reviewed in 13,14) (Figure 2). Although PPARγ is not abundantly 
expressed in liver, under obesogenic conditions PPARγ induces genes involved in de novo 
lipogenesis and triglyceride storage (33). 
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Figure 1. Hepatic lipid flux. A) Origin of fatty acids in the liver. Liver fatty acids can be derived from the diet as 
chylomicron remnants, LPL spillover from adipose tissue and muscle, adipose tissue lipolysis, de novo lipogenesis, 
and from endogenous intracellular triglycerides stored inside lipid droplets. B) Metabolic fate of fatty acids in the 
liver. Liver fatty acids can be stored inside lipid droplets, used for VLDL production, fatty acid oxidation for energy 
and ketone body production, and as signalling molecules. CM:Chylomicron; AT: Adipose tissue; FA: Fatty acid; LPL: 
Lipoprotein lipase; CM-R: Chylomicron remnant; LD: Lipid droplet. 

Figure 2. Overview of several PPARα regulated genes involved in fatty acid metabolism. Based on PPARα 
knockout mouse models treated with agonist WY14643, fenofibrate or fasted. Adapted from (31).
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Adipose tissue macrophages 

Adipose tissue macrophages (ATM) are important for the maintenance of healthy adipose 
tissue by promoting adipose tissue remodeling, insulin sensitivity, clearance of dead 
adipocytes, and lipid buffering from adipocyte lipolysis or dead adipocytes (34–37). ATM 
can be classified according to their origin into two major subtypes: tissue-resident 
macrophages and `recruited’ monocyte-derived macrophages (38). In the lean state, ATM 
constitute about 8% of the cells from adipose tissue, whilst during obesity they can increase 
up to 50% (39,40). The increased number of ATM during obesity can be attributed to 
recruitment of macrophages from circulating monocytes as well as local proliferation of 
recruited macrophages (38). Simplistic classification of ATM according to their phenotype 
distinguishes two main different populations: M1, classically activated macrophages, and 
M2, alternatively activated macrophages. The ATM phenotype is dependent on the tissue 
environment mediated by diverse stimuli including cytokines, growth factors, and fatty 
acids. Classically activated M1 macrophages are induced by Th1 mediators including LPS, 
TNF-α, IFNγ. M1 macrophages are characterized by the overproduction of proinflammatory 
cytokines and recognized by cell surface markers CD11c, CD64, CCR2. To meet metabolic 
demands, M1 macrophages rely on glycolysis. In contrast, alternatively activated M2 are 
stimulated by Th2 mediators, including IL-4 and IL-13. M2 macrophages are associated with 
anti-inflammatory properties including tissue remodeling, inflammation resolution, 
immunosuppressive properties, and high phagocytic capacity. To meet metabolic demands, 
M2 macrophages rely on oxidative phosphorylation. M2 macrophages are further classified 
in 3 subsets M2a, M2b, and M2, according to the stimuli presented and their functional 
state (Figure 3) (Detail reviews on macrophage activation in 9–11). Activation of ATM by 
glucose, insulin, and palmitate representing “metabolic activation” leads to the recognition 
of a third type of activated ATM that neither resembles M1 nor M2 activation. Metabolically 
activated macrophages (MMe) can secrete proinflammatory cytokines, yet they do not 
share the cell surface markers of M1 macrophages. Moreover, depending on their 
intracellular signaling, they can span through the spectrum between “M1-like” and “M2-
like” macrophages (44). Recently, studies using single-cell transcriptomics and RNA 
sequencing has led to the detection of additional more distinct ATM populations with 
unique morphology, tissue localization, and transcriptomes, which for the sake of simplicity 
will not be discussed here (45,46).  
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Figure 3. Simplified overview of ATM classification. Depending on the stimuli, ‘M0’ macrophages differentiate 
into several subsets. ‘M1’ originate from the stimulation with lipopolysaccharide (LPS), interferon (IFN)-γ or tumor 
necrosis factor α (TNF-α). ‘MMe’ Metabolic activated macrophages are induced by high glucose, high insulin, and 
palmitate. ‘M2’ macrophages originate from the stimulation with PPAR-γ agonists/IL-4/IL-10/IL-13 and are 
classified into 3 subsets: ‘M2a’, induced by IL-4 or IL-13; ‘M2b’ induced by TLR and IL-1R agonists; and ‘M2c’ 
induced by glucocorticoids or IL-10.  

As mentioned earlier, ATMs have an important role in buffering lipids from adipose tissue. 
Lipid buffering by ATMs can be achieved by the following mechanisms: 1) uptake of 
circulating fatty acids or lipoproteins, 2) uptake of adipocyte-released free fatty acids or 
exosomes, and 3) digestion and uptake of dying adipocytes.  

Free fatty acids released from LPL-mediated hydrolysis of chylomicrons and VLDLs on the 
adipose tissue and ATMs can be taken up by ATMs through fatty acid transporters, including 
CD36 and FABPT1 (47–51). Additionally, VLDLs can be internalized into ATMs via VLDLR and 
delivered to lysosomes through endocytic pathway for subsequent hydrolysis of cholesterol 
esters and triglycerides into free cholesterol and fatty acids (52,53). Similarly, free fatty 
acids released from adipocyte lipolysis can be taken up by macrophages through the 
beforementioned fatty acid transporters. Additionally, adipocytes release exosome-sized 
lipid-filled vesicles which can be internalized by the AMTs through macropinocytosis and 
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processed via endolysosomal pathway (54). Finally, ATMs within crown-like structures 
surround the apoptotic adipocytes and partially engulf them through a process called 
exophagy. During exophagy, the ATMs form an extracellular acidic hydrolytic compartment 
at contact points with the adipocyte. This extracellular compartment contains lysosomal 
enzymes delivered to the adipocyte via exocytosis. The enzymes partly digest the apoptotic 
adipocyte, thus allowing the macrophage to internalize pieces of the adipocyte (Figure 4) 
(55).  

Figure 4. Overview of fatty acid uptake by adipose tissue macrophages. Circulating fatty acids and lipoproteins 
can be taken-up by adipose tissue macrophages through fatty acid receptors and VLDLR, respectively. Free fatty 
acids released from adipocyte lipolysis can be taken up by fatty acid transporters. Adipocyte-released exosome-
sized lipid-filled vesicles can be internalized through micropinocytosis. Apoptotic adipocytes can be digested and 
partially by macrophages through a process called exophagy.  

As in other cell-types, lipids are used in macrophages as energy source, components for 
membrane synthesis, signaling molecules, and regulators of gene expression. Interestingly, 
macrophages lipid metabolism is correlated with macrophage activation and function. In 
the classical view, M2 macrophages rely on fatty acid oxidation and oxidative 
phosphorylation and this metabolic signature is associated with their anti-inflammatory 
properties. By contrast, M1 macrophages rely on glycolytic metabolism and display 
increased fatty acid synthesis, which is associated with the secretion of proinflammatory 
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cytokines (for in depth review on macrophage lipid metabolism Ref. (56–59)). However, the 
classical view has been questioned since recent evidence has shown that glucose uptake, 
glycolysis and fatty acid synthesis are essential for M2 activation (60). Even though the 
precise mechanisms of lipid metabolism and macrophage activation still needs clarification, 
the relation between lipid metabolism and macrophage function is evident. 

From the PPAR isoforms, PPARγ is the most abundantly expressed in macrophages. 
Functionally, PPARγ enhances the differentiation of monocytes into M2 activated 
macrophages, as well as inhibiting pro-inflammatory gene expression including TNF-α, 
CCL-3, MCP-1, IL6, mainly by interfering with the action of other transcription factors such 
as NF-κB, through a mechanism known as transrepression (60,61).PPARδ is also 
highly expressed in macrophages, where it is involved in the regulation of lipid 
metabolism, inflammation and the phagocytosis of apoptotic cells (62).In contrast, PPARα 
is only weakly expressed in macrophages. Nevertheless, its activation has been 
shown to mediate inflammation response through β-oxidation and through inhibiting 
the production of proinflammatory molecules (63,64). 

The lipid droplet 
Fatty acids are stored intracellularly as triglycerides inside lipid droplets (LD). Lipid droplets 
are mainly composed by a neutral lipid core of triglycerides and sterol esters surrounded 
by a monolayer of phospholipids into which regulatory proteins are embedded. The 
synthesis of triglycerides and its subsequent storage inside LD provides a mechanism for 
protecting the cells from lipotoxicity of fatty acids and regulating glycerolipid availability for 
lipid-mediated signaling (65,66).  

Triglyceride synthesis is mediated through the glycerol-3-phosphate pathway, also know as 
the “Kennedy pathway”. The glycerol 3-phosphate pathway is the stepwise esterification of 
fatty acids to a glycerol-3-phosphate backbone by the action of several enzymes, including 
glycerol-3-phosphate acyltransferases (GPAT/GPAM), 1-acylglycerol-3-phosphate 
acyltransferase (AGPAT/LPAAT), lipin phosphatidic acid phosphatase (PAP/LPIN), and 
diacylglycerol acyltransferases (DGAT) (67). Although triglyceride synthesis mainly occurs in 
the endoplasmic reticulum (ER), different isoforms of these enzymes are also present in the 
LDs, mitochondria membrane, and the nucleus. An interesting feature of the DGAT enzymes 
is that they are not isoforms yet catalyze the same reaction. DGAT1 is a multiple 
transmembrane protein and member of the membrane-bound O-acyltransferase gene 
family. It localizes exclusively to the ER, and mainly esterifies exogenous fatty acids to 
diacylglycerol. In contrast, DGAT2 possess only a hydrophobic sequence that is embedded  
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in the ER bilayer, localizes to the ER and lipid droplet, and preferentially catalyzes 
triglyceride synthesis from endogenously synthesized fatty acids (68,69). Excellent reviews 
exist about the isoforms of the enzymes involved in the glycerol-3-phosphate pathway 
(67,70)). The first step in triglyceride synthesis is catalyzed by GPAT, which synthesizes 
lysophosphatidate (LPA) from glycerol-3-phosphate and fatty acyl-CoA. Thereafter, AGPAT 
mediates the conversion of LPA to phosphatidate (PA). Subsequently, PA is 
dephosphorylated by Lipin PAP to diacylglycerol. Finally, DGAT catalyzes the ultimate step 
in triglyceride synthesis.  

According to the lipid droplet biogenesis model proposed by Walther et al. (71), after 
triglyceride synthesis occurs, a lens of neutral lipids begins to accumulate within the 
ER bilayer. When sufficient triglyceride has accumulated within the lipid lens, it buds into 
the cytosol as an initial LD (iLD). Finally, the iLD expands through the acquisition of 
specialized lipid-droplet associated proteins and becomes an expanding LD (eLD) 
characterized by localized triglyceride synthesis (71). The eLD is very dynamic and can 
expand or shrink regulated by the lipid-droplet associated proteins to meet cellular 
demands.  

Lipid droplet-associated proteins play crucial role in the synthesis, breakdown and 
maintenance of LD. Proteomics studies suggest that hundreds of proteins are physically 
connected to LD. However, the nature of the interaction and the role of most of 
these proteins in LD biology remains unclear. The best characterized LD-associated 
proteins are the perilipins, represented by PLIN1 through PLIN5. Consistent with the 
role of PPARs as master regulators of adipose and hepatic lipid metabolism, many LD-
associated proteins are under transcriptional control of PPARs, including the 
perilipins. Indeed, a disproportionate number of target genes of PPARs encode LD-
associated proteins.  
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PPARα target genes: HILPDA and SLC25A47 

Hypoxia inducible lipid droplet associated (HILPDA) 

HILPDA is a LD-associated protein that was shown to promote lipid storage in different types 
of cells and tissues (72–74). The human HILPDA gene covers a genomic region of 2.6 kb on 
chromosome 7 and consists of two exons and one intron. The human HILPDA cDNA gives 
rises to a 63 amino acids protein in mouse and 64 amino acids in human. In humans, high 
HILPDA mRNA expression is reported in various diverse immune cells, adipocytes, 
esophagus, blood vessels, dendritic cells, and various epithelial cells. Similarly, in mice, the 
highest Hilpda mRNA expression is also observed in various types of immune cells as well 
as cultured hepatocytes. At the protein level, high HILPDA levels are found in murine white 
and brown adipose tissue, heart, and lung (75). 

Hilpda is regulated by diverse stimuli in different cell types. As the names suggests, Hilpda 
is highly upregulated by hypoxia in different cell lines (76). In addition, an increase in Hilpda 
mRNA levels has consistently been detected in numerous cancers including renal, ovarian, 
and colorectal adenoma and carcinoma (77–79). Likewise, treatment with fatty acids have 
also been shown to increase Hilpda mRNA and protein expression level in macrophages, 
hepatocytes, human colon cancer cell line, and mouse embryonic fibroblasts. Interestingly, 
the relative increase in HILPDA protein by fatty acids is greater than the increase in Hilpda 
mRNA, which supports the notion that fatty acids protect HILPDA from degradation (80). 
Meanwhile, in adipocytes and adipose tissue, stimuli that increase Hilpda mRNA and 
protein levels are several β-adrenergic agonists, forskolin and fasting (81). In bone marrow-
derived macrophages, HILPDA protein is highly induced by lipopolysaccharide.  

Transcriptional control of Hilpda is mediated by diverse transcription factors dependent on 
the environmental stimuli. In renal cell carcinoma cell lines Hilpda expression is under 
positive transcriptional control of the β-catenin/Wnt pathway mediated by TCF/LEF 
transcription factor (82). In oxygen deficient conditions, Hilpda induction is under control 
of the transcription factor HIF1-α in several carcinoma cell lines (76). In human and mouse 
hepatocytes, Hilpda mRNA is upregulated by PPARα when treated with PPARα agonist. 
However, during fasting, hepatic Hilpda mRNA induction is not mediated by PPARα but 
possibly PPARγ (73). In human and mouse adipocytes, Hilpda mRNA is upregulated by 
PPARγ (81).  
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Figure 5. Regulation of Hilpda by environmental stimuli and transcription factors. A) Environmental stimuli that 
upregulate HILPDA at the protein level include LPS in macrophages; β-adrenergic agonists and forskolin in 
adipocytes; cancer, hypoxia and fatty acids in diverse cell types. B) Hilpda transcription can be regulated by PPARα, 
PPARγ, TCF/LEF/ and HIF1-α. 

In hepatocytes, in vitro and in vivo Hilpda overexpression led to significantly increased 
intracellular lipid accumulation (73,74). Conversely, hepatocyte-specific HILPDA deletion 
resulted in lower liver triglycerides liver in mouse fed chow, but this decrease was not 
observed when mice were fed a high-fat diet (74). In adipocytes, HILPDA deficiency 
significantly reduced weight of the epididymal fat depot in mice fed a high fat diet (83). 
However, in adipose tissue explants and primary hepatocytes, HILPDA deficiency did not 
altered basal or isoproterenol-induced NEFA and glycerol release (83,84). Thus, further 
research is needed to clarify the function on HILPDA in adipose tissue lipolysis. In 
atherosclerosis prone Apoe−/− mice, macrophage HILPDA-deficiency (Tie2-driven) was 
associated with reduced aortic plaque area and plaque lipid content (77). Mechanistically, 
it was recently shown that HILPDA can interact and inhibit ATGL (79,85). The interaction 
and inhibition by HILPDA is dependent on the conserved hydrophobic domain of HILPDA 
(residues 7-11), and the catalytic patatin-like domain (residues 10–178) of ATGL (86).  

Solute Carrier Family 25 Member 47 (SLC25A47) 

SLC25A47 belongs to the SLC25 (solute-carrier-protein 25) family of transporters also 
known as mitochondrial carrier family (MC). MCs transport diverse types of solutes from 
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the mitochondrial matrix to the cytosol and vice versa. They can be ubiquitously expressed 
or tissue-specific, reflecting tissue-specific functions (87). A few examples of other SLC25 
family members are the citrate carrier (SLC25A1), and uncoupling protein 1 (UCP1) 
(SLC25A7). Citrate carriers transport citrate from the mitochondria matrix into the cytosol 
in exchange of a dicarboxylate, mainly malate (88). It was recently shown that 
pharmacological inhibition of the citrate carrier reduced inflammatory macrophage 
infiltration into liver and adipose tissue, reverted NASH, and prevented steatohepatitis in 
high-fat diet fed mice (89). Whereas UCP1 is specifically expressed in brown/brite adipose 
tissue and gives this depot its thermogenic characteristic. UCP1 facilitates the leak of 
protons (generated by NADH) across the mitochondrial inner membrane, dissipating the 
electrochemical proton gradient needed for ATP production by ATP-synthase. 
Consequently, the energy derived from the oxidation of respiratory substrate is released as 
heat(90). The ablation of UCP1 has been associated with increased weight gain, body fat %, 
and fat depot size in mice fed a high-fat diet at thermoneutral conditions(91).  

SLC25A47 was first identified by Tan and colleagues screening for the most significant 
downregulated genes in hepatocellular carcinoma. Hence, it was formerly named 
Hepatocellular Downregulated Mitochondrial Carrier Protein (HDMCP). Tan and colleges 
observed that transient overexpression of SLC25A47 in cancer cells results in the reduction 
of mitochondrial membrane potential, accompanied by a significant decrease of cellular 
ATP (92). Later, studies in yeast cells confirmed the function of SLC25A47 as an uncoupler 
of mitochondrial respiration. Additionally, in the same studies, knockdown of SLC25A47 in 
hepatic cell lines resulted on increased lipid content. Follow-up in vivo studies 
characterizing the physiological function of SLC25A47 are lacking.  

Outline of this thesis 

The research on this thesis aims to 1) Augment our knowledge on the transcriptional 
regulation by peroxisome proliferator-activated receptors (PPAR)-α activation on human 
liver in vivo. 2) Characterize the physiological and molecular function of the PPARα target 
HILDPA in adipose tissue macrophages (ATM) in the context of obesity induced 
inflammation and in hepatocytes during non-alcoholic steatohepatitis. 3) Elucidate the 
physiological function of the PPARα target SLC25A47 in liver lipid metabolism and 
energy expenditure.  

The role of PPARα in gene regulation in mouse liver is very well characterized, however less 
is known about the effect of PPARα activation in human liver. In Chapter 2, we aim to better 
characterize the impact of PPARα activation on gene regulation in human liver by treating 
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chimeric mice carrying human liver cells with the PPARα agonist fenofibrate. Interestingly 
induction of PPARα targets by fenofibrate was less pronounced in the human hepatocytes 
than in the residual mouse hepatocytes. Fenofibrate upregulated interferon/cytokine 
signaling-related pathways in hepatocyte humanized liver but downregulated these 
pathways in normal mouse liver. Overall, the results support the major role of PPARα in 
regulating hepatic lipid metabolism and highlights the more modest effect of PPARα 
activation on gene regulation in human liver compared to mouse. In Chapter 3, we provide 
an overview of the regulation of lipid droplet-associated proteins by PPARα, PPARδ, and 
PPARγ in adipose tissue, liver, macrophages, and skeletal muscle. In Chapter 4, we explore 
the role of the lipid droplet-associated protein HILPDA in adipose tissue macrophages. 
Intriguingly, mice with myeloid-specific deficiency of HILPDA protein exhibited a 
pronounced reduction in intracellular lipid droplets. The decreased lipid storage in HILPDA-
deficient macrophages could be restored by inhibition of adipose triglyceride lipase (ATGL). 
In diet-induced obese mice, HILPDA deficiency did not alter inflammatory or metabolic 
parameters. These data questions the contribution of lipid-laden adipose tissue 
macrophages on obesity-induced inflammation. In Chapter 5, we explore the physiological 
and mechanism of action of HILPDA in the context of non-alcoholic steatohepatitis (NASH). 
Hepatocyte-specific deficiency of HILPDA modestly but significantly reduced hepatic 
triglycerides in mice with NASH. Mechanistically, HILPDA overexpression increased lipid 
storage concomitant with an increase in DGAT activity and DGAT1 protein levels. 
Furthermore, our data indicated HILPDA colocalizes and physically interacts with DGAT1. 
Overall, these findings suggest a novel mechanism in hepatocytes that links elevated fatty 
acid levels to stimulation of triglyceride synthesis and storage. In Chapter 6, we present the 
contemporary knowledge of HILPDA on lipid droplet regulation. In Chapter 7, we 
characterize the physiological and molecular role of the PPARα target gene Slc25a47 in 
relation to energy expenditure and liver lipid metabolism. Finally, in Chapter 8 we discuss 
the findings of this thesis.  
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Abstract 

The role of PPARα in gene regulation in mouse liver is well characterized. However, less is 
known about the effect of PPARα activation in human liver. The aim of the present study 
was to better characterize the impact of PPARα activation on gene regulation in human liver 
by combining transcriptomics with the use of hepatocyte humanized livers. To that end, 
chimeric mice containing hepatocyte humanized livers were given an oral dose of 300 
mg/kg fenofibrate daily for 4 days. Livers were collected and analysed by hematoxilin and 
eosin staining, qPCR, and transcriptomics. Transcriptomics data were compared with 
existing datasets on fenofibrate treatment in normal mice.  

The human hepatocytes exhibited excessive lipid accumulation. Fenofibrate increased the 
size of the mouse but not human hepatocytes, and tended to reduce steatosis in the human 
hepatocytes. Quantitative PCR indicated that induction of PPARα targets by fenofibrate was 
less pronounced in the human hepatocytes than in the residual mouse hepatocytes. 
Transcriptomics analysis indicated that, after filtering, a total of 282 genes was significantly 
different between fenofibrate- and control-treated mice (P<0.01). 123 genes were 
significantly lower and 159 genes significantly higher in the fenofibrate-treated mice, 
including many established PPARα targets such as FABP1, HADHB, HADHA, VNN1, PLIN2, 
ACADVL and HMGCS2. According to gene set enrichment analysis, fenofibrate upregulated 
interferon/cytokine signaling-related pathways in hepatocyte humanized liver, but 
downregulated these pathways in normal mouse liver. Also, fenofibrate downregulated 
pathways related to DNA synthesis in hepatocyte humanized liver but not in normal mouse 
liver. 

The results support the major role of PPARα in regulating hepatic lipid metabolism, and 
underscore the more modest effect of PPARα activation on gene regulation in human liver 
compared to mouse liver. The data suggest that PPARα may have a suppressive effect on 
DNA synthesis in human liver, and a stimulatory effect on interferon/cytokine signalling. 

Keywords: PPARα, liver, fenofibrate, chimeric mouse. 
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Introduction 

The Peroxisome Proliferator Activated Receptors (PPARs) are a group of nuclear receptors 
involved in the transcriptional regulation of a variety of biological processes, including lipid 
metabolism and inflammation [1-3]. PPARs regulate gene expression by acting as ligand-
activated transcription factors. PPARs interact with DNA as part of a heterodimeric complex 
with the retinoid X receptor RXR [4-6]. The ligands for PPARs cover a broad range of 
synthetic and endogenous compounds ranging from environmental contaminants to 
specific drug classes, fatty acids, eicosanoids, and other lipid species [7]. Three different 
PPAR subtypes exist in mammals: PPARα, PPARδ, and PPARγ, each with a distinct tissue 
expression profile and set of functions.  

PPARα is expressed in several tissues, particularly in liver, kidney, heart, skeletal muscle and 
intestine [8, 9]. Studies in mice using whole-body or liver-specific PPARα-/- mice have 
shown that PPARα is the master regulator of lipid metabolism in the liver during fasting [10-
12]. Specifically, fasted PPARα-/- mice suffer from a host of metabolic abnormalities 
including hypoglycemia, hypoketonemia, elevated plasma non-esterified fatty acids, and a 
fatty liver. These metabolic defects are rooted in defective transcription of hundreds of 
genes involved in numerous metabolic pathways covering nearly every aspect of hepatic 
lipid metabolism [13].  

Besides its role as key transcriptional regulator of lipid metabolism during fasting, PPARα is 
mainly known as the receptor for a diverse group of compounds known as peroxisome 
proliferators [14, 15]. The group of peroxisome proliferators include plasticizers, 
insecticides, herbicides, surfactants, organic solvents, and hypolipidemic fibrate drugs [16]. 
Safety concerns have been raised about these compounds due to their ability to promote 
hepatocarcinogenesis and the proliferation of peroxisomes in rodent species [17, 18]. 
Studies using human liver model systems have largely allayed these concerns by failing to 
find supportive evidence for a proliferative and pro-carcinogenic effect of PPARα ligands in 
human cells [19].  

Whereas the effect of PPARα ligands on cell and peroxisome proliferation is clearly distinct 
between rodent and human liver cells, the effect of PPARα ligands on the expression of 
genes involved in lipid metabolism is generally well conserved between the different 
species. Indeed, numerous genes connected to lipid metabolism are commonly induced by 
PPARα ligands in mouse and human hepatocytes, including prototypical PPARα targets such 
as CPT1A, ACOX1, FABP1, and HMGCS2 [20]. A recent review on PPARα summarizes the 
conclusions that can be reached from the use of human liver model systems [19]. In 
particular, it was concluded that PPARα in human liver is able to effectively induce the 
expression of genes involved in numerous lipid metabolic pathways. In addition, similar to 
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what is observed in mouse liver, PPARα activation in human liver causes the down-
regulation of a large number of genes involved in various immunity-related pathways [19, 
21].  

The specific model systems used to study PPARα in human liver vary from hepatoma cell 
lines such as HepG2 to human primary hepatocytes [20, 22-24], human precision cut liver 
slices [21], and mice expressing human PPARα [25, 26]. Each of these models have their 
specific advantages and disadvantages. An alternative model consist of chimeric mice 
carrying human liver cells. These mice are generated by transplanting human hepatocytes 
into albumin enhancer–driven urokinase-type plasminogen activator transgenic/severe 
combined immunodeficiency (uPA/SCID) mice, leading to replacement of the host 
hepatocytes at a repopulation rate exceeding 70% [27, 28]. An important advantage of the 
hepatocyte humanized livers is that the hepatocytes still replicate, in contrast to cultured 
human primary hepatocytes or liver slices. Recently, we used these PXB mice to study the 
in vivo effect of PPARα activation using fenofibrate on peroxisome proliferation and the 
growth of human hepatocytes in mice, leading to the conclusion that rodent data on PPARα-
induced hepatocarcinogenesis cannot be accurately extrapolated to human data [2]. Here, 
we performed transcriptomics analysis on the effect of fenofibrate in chimeric mice with 
hepatocyte-humanized livers and compared the results with other relevant transcriptomics 
datasets. 

Results 

First, we compared the whole genome expression profile of the human liver biopsies with 
the whole genome expression profile of the hepatocyte-humanized livers, primary human 
hepatocytes, and human precision-cut liver slices. Scatter plot analysis of normalized 
expression values revealed that a substantial number of genes that showed expression in 
human liver tissue were minimally (or not) expressed in hepatocyte-humanized livers 
(Supplemental figure 1). For highly expressed genes, however, hepatocyte-humanized 
livers more closely resembled actual human liver tissue as compared to primary human 
hepatocytes and human precision-cut liver slices, as reflected by the smaller scatter at the 
high range. Importantly, mRNA expression levels of PPARα in hepatocyte humanized livers 
were similar to the levels measured in human liver biopsies (Figure 1A). These data support 
the notion that hepatocyte-humanized livers are a suitable model for human liver, with 
some restrictions. 
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To study the effect of PPARα activation on gene expression in hepatocyte-humanized livers, 
chimeric mice with hepatocyte-humanized livers were given fenofibrate or vehicle at a daily 
oral dose of 300 mg/kg for 4 days. Fenofibrate has a similar affinity for mouse and human 
PPARα[36]. Fenofibrate did not affect bodyweight or liver weight (Figure 1B). Also, blood 
albumin (Figure 1C), as well as plasma glucose, triglycerides and cholesterol levels were not 
significantly different between the fenofibrate and control-treated mice (Figure 1D). 
Histological examination of the H&E-stained livers showed clearly distinctive clusters of 
human and mouse hepatocytes. Human hepatocytes show a light eosin staining while 
mouse hepatocytes are highly eosinophilic (Figure 1E) [29]. In contrast to the mouse 
hepatocytes, the human hepatocytes exhibited excessive lipid accumulation (micro- and 
macrosteatosis). In agreement with our previous study [2], fenofibrate increased the size 
of the mouse hepatocytes but did not affect the morphology of the human hepatocytes. A 
tendency toward reduced steatosis by fenofibrate was observed in the sections of the liver 
populated by human hepatocytes (Figure 1E). 

2



Chapter 2 

 38 

Figure 1. Fenofibrate does not cause any changes in basic parameters in hepatocyte humanized mice. Chimeric 
mice containing hepatocyte humanized livers were treated with 300 mg/kg fenofibrate daily for 4 days. Control 
mice received vehicle only. A) mRNA expression of PPARα in 15 human liver biopsies collected during bariatric 
surgery and in liver samples from 3 chimeric mice containing hepatocyte humanized livers. B) Bodyweight and liver 
weight. C) Blood human albumin concentration. D) Plasma concentration of glucose, triglycerides and cholesterol. 
Error bars represent SEM. E)Histological examination of livers of chimeric mice containing hepatocyte humanized 
livers that received control or fenofibrate treatment. Hematoxilin and eosin staining was carried out according to 
standard protocols. Images are at 200x magnification. A section containing mouse hepatocytes is indicated 
(arrow). 
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To determine whether fenofibrate treatment stimulated PPARα-dependent gene 
regulation in the mouse and human hepatocytes, we measured the expression of mouse 
and human PPARα target genes by qPCR in whole liver cDNA using species-specific primers. 
Fenofibrate treatment significantly increased the expression of known PPARα target genes 
in human and mouse hepatocytes (Figure 2A). The overall inductions in gene expression 
were more pronounced in the mouse hepatocytes than the human hepatocytes. This was 
also observed for the genes that were measured in both human and mouse hepatocytes, 
including Angptl4, Pdk4 and Cpt1a (Figure 2A). Consistent with the induction of ANGPTL4 
mRNA, fenofibrate treatment also significantly increased levels of human ANGPTL4 in 
mouse plasma (Figure 2B).  

Principle component analysis of the transcriptomics data showed that the livers of the 
fenofibrate-treated hepatocyte-humanized mice clearly separated from the livers of the 
control-treated hepatocyte-humanized mice (Figure 3A). The liver samples from the 
fenofibrate-treated mice showed less variation than the liver samples from the control-
treated mice. A dendogram confirmed the separate clustering of the two sets of samples 
(Figure 3B). After filtering, a total of 282 genes was found to be significantly different 
between fenofibrate- and control-treated mice (P<0.01), of which 159 genes were 
significantly higher and 123 genes were significantly lower in the fenofibrate-treated mice. 
The top 20 of most highly induced and repressed genes by fenofibrate is shown in Figure 
3C. The list of induced genes contains many established PPARα targets connected to lipid 
metabolism, including FABP1, HADHB, HADHA, VNN1, PLIN2, ACADVL and HMGCS2. The list 
of repressed genes is very diverse and does not reveal a common pathway. It includes 
cytokines (CCL16), coagulation factors (F5), structural proteins (ACTG1), transporters 
(SLC16A4/SLC6A12, and enzymes (DAK, PPIF).  
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Figure 2. Parallel induction of mouse and human PPARα target genes by fenofibrate in hepatocyte humanized 
livers. A) qPCR was performed on cDNA generated from livers of control-treated and fenofibrate-treated mice 
containing hepatocyte humanized livers, using human primers (upper panel) or mouse primers (lower panel) (n= 
3 per group). B) Concentration of ANGPTL4 in plasma of control-treated and fenofibrate-treated mice containing 
hepatocyte humanized livers, as determined by ELISA (n= 3 per group). Error bars represent SEM. Asterisks indicate 
statistically significant difference between control and fenofibrate-treated mice according to Student’s t-test with 
cut-off of P < 0.05. 
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Figure 3. Distinct clustering of livers of control-treated and fenofibrate-treated chimeric mice. Transcriptomics 
was performed on livers of chimeric mice containing hepatocyte humanized livers. Mice were treated with 300 
mg/kg fenofibrate daily for 4 days or vehicle (control) (n= 3 per group). A) Principle component analysis of 
transcriptomics data from the control and fenofibrate treated mice. The graph shows the clear separation of 
fenofibrate and control groups. B) Hierarchical clustering of transcriptomics data from the control and fenofibrate 
treated mice. The dendogram reveals the distinct clustering and separation of the fenofibrate and control groups. 
C) Top 20 of most highly upregulated and downregulated genes by fenofibrate in hepatocyte humanized livers. 
Transcriptomics was performed on livers of chimeric mice containing hepatocyte humanized livers. Mice were 
treated with 300 mg/kg fenofibrate daily for 4 days or vehicle (control). The top 20 most significantly upregulated 
and downregulated genes by fenofibrate were ranked according to statistical significance (IBMT P-value). The 
changes in gene expression are expressed relative to the mean of the control group as a signal log ratio. 
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Previously, we performed transcriptomics analysis on mouse livers harvested either 6 hours 
after a single oral dose of fenofibrate (4 mg/mouse) or harvested from mice dosed daily 
with fenofibrate for 14 days by mixing it in the feed (0.03 wt/wt, equivalent to 
approximately 1 mg/mouse/day). To compare the effect of fenofibrate between normal 
mouse liver and chimeric humanized liver, we performed a comparative analysis of the 
three transcriptomics datasets. Volcano plot showed that the two week dosing with 
fenofibrate in normal mice had a much bigger impact on liver gene expression as compared 
to the fenofibrate treatment in the hepatocyte-humanized mice, which is not surprising 
given the longer duration of the treatment (Figure 6). Surprisingly, the single treatment of 
normal mice with 4 mg of fenofibrate also had a more pronounced effect on liver gene 
expression as compared to the 4-day treatment of the hepatocyte-humanized mice with 6 
mg of fenofibrate per day (Figure 4). These data suggest that in vivo, human liver cells are 
less sensitive to the effect of fenofibrate as compared to mouse liver cells, confirming the 
results of the qPCR on the hepatocyte humanized livers. Unfortunately, no transcriptomics 
dataset was available from normal mice treated with fenofibrate at the same dose and for 
the same duration as the chimeric hepatocyte-humanized mice. 

Figure 4. Comparative analysis of the effect of fenofibrate in normal mouse liver and hepatocyte humanized 
liver. Transcriptomics was performed on livers of chimeric mice containing hepatocyte humanized livers. Mice 
were treated with 300 mg/kg fenofibrate daily for 4 days or vehicle (control) (n= 3 per group). Volcano plots in 
which 2log(fold-change) is plotted against -10log-(P-value) for A) Treatment of chimeric mice containing 
hepatocyte humanized livers with 300 mg/kg fenofibrate daily for 4 days as compared to control; B) Treatment of 
wildtype mice with fenofibrate for 14 days via the feed (0.03 wt/wt, equivalent to approximately 1 mg/mouse/day) 
as compared to control; C) Treatment of wildtype mice with fenofibrate for 6 hours via a single oral gavage of 4 
mg/mouse as compared to control. 
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To further compare the effects of fenofibrate between normal mouse liver and hepatocyte-
humanized liver, we performed gene set enrichment analysis (GSEA). As expected, 
pathways covering PPARα signaling and fatty acid oxidation featured prominently among 
the most significantly induced pathways in both normal mouse liver and hepatocyte-
humanized liver (Figure 5A, red). The induction by fenofibrate of genes that are part of the 
fatty acid degradation pathway is illustrated in Figure 5C. Surprisingly, certain immune-
related pathways such as interferon signaling were strongly upregulated in hepatocyte-
humanized liver, but were markedly downregulated in normal mouse liver (Figure 5A,B, 
green). The differential regulation of interferon signaling by fenofibrate in normal mouse 
liver and hepatocyte-humanized liver is illustrated for specific genes in Figure 5C. With 
respect to down-regulated pathways, it was observed that many of the most significantly 
downregulated pathways by fenofibrate in hepatocyte-humanized liver were related to 
DNA synthesis and telomere extension (Figure 5B, orange), which was not observed in 
normal mouse liver. Indeed, in normal mouse liver, fenofibrate significantly upregulated 
pathways related to cell cycle and DNA replication, although they were not in the top 20 
pathways. In addition, pathways related to cholesterol biosynthesis were downregulated 
by fenofibrate in hepatocyte-humanized liver, which also was not seen in normal mouse 
liver (Figure 5B, grey). Overall, GSEA shows that the effects of fenofibrate in normal mouse 
liver and hepatocyte-humanized liver are quite distinct, especially in relation to DNA 
synthesis pathways and interferon signaling pathways. 

We previously studied the effect of PPARα activation in human primary hepatocytes and 
human precision cut liver slices. The studies were not carried out with fenofibrate but with 
Wy14,643, another PPARα agonist, precluding a whole genome comparison with the study 
in chimeric mice carrying hepatocyte-humanized livers. Nevertheless, we took the top 40 
most highly induced genes by fenofibrate in hepatocyte-humanized livers and compared 
the fenofibrate-induced gene expression changes with the Wy-14,643-induced expression 
changes in human primary hepatocytes and human precision cut liver slices (Figure 6). The 
most apparent difference was the regulation of several interferon-sensitive genes, including 
IFI6, IFITM1, PSMB9 and ISG15, which were upregulated by fenofibrate in the hepatocyte-
humanized mouse livers but downregulated by Wy-14,643 in human primary hepatocytes 
and human precision cut liver slices. Other genes, nearly all representing genes involved in 
lipid metabolism, were consistently induced by PPARα activation in the three model 
systems, with in general the highest fold-inductions observed in human primary 
hepatocytes.  
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Figure 5. Comparative pathway analysis of the effect of fenofibrate in normal mouse liver and hepatocyte-
humanized liver. Gene set enrichment analysis was performed on the effect of treatment of chimeric mice 
containing hepatocyte humanized livers with 300 mg/kg fenofibrate daily for 4 days, and on the effect of treatment 
of wildtype mice with fenofibrate for 14 days via the feed (0.03 wt/wt, equivalent to approximately 1 
mg/mouse/day). The top 20 most highly upregulated and downregulated gene sets are shown, ranked according 
to normalized enrichment score. A) The top 20 most highly upregulated gene sets in hepatocyte humanized livers 
(left panel) and normal mouse livers (right panel). B) The top 20 most highly downregulated gene sets in 
hepatocyte humanized livers (left panel) and normal mouse livers (right panel). Gene sets related to 
cytokine/interferon signalling are shown in green, gene sets related to PPAR signalling and fatty acid oxidation are 
in red, gene sets related to cholesterol synthesis are in grey, gene sets related to DNA synthesis in orange. C) Heat 
map of the fenofibrate-induced gene expression changes in normal mouse liver (n=8 per group) and hepatocyte 
humanized liver (n=3 per group). The most highly ranked genes in the gene sets 
INTERFERON.ALPHA.BETA.SIGNALING (top panel) and KEGG.FATTY.ACID.DEGRADATION (bottom panel) are 
shown.  

2



Chapter 2 

 46 

Figure 6. Comparative analysis of fenofibrate-induced genes between different experiments. Transcriptomics 
was performed on livers of chimeric mice containing hepatocyte humanized livers. Mice were treated with 300 
mg/kg fenofibrate daily for 4 days or vehicle (control). A) The top 40 most significantly induced genes by 
fenofibrate in hepatocyte humanized livers were ranked according to IBMT P-value. In parallel, the expression 
profiles of the same genes in two independent microarray datasets are shown. The first dataset is derived from 
human precision cut liver slices treated with the PPARα agonist Wy-14,643 (100 μM) for 24 hours (n=4, 
GSE17251)[21]. The second dataset is derived from human primary hepatocytes treated with the PPARα agonist 
GW7647 (1 uM) for 24 hours (n=4, GSE53399) [49]. 
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Discussion 

We previously showed that chimeric mice with hepatocyte humanized livers represent an 
appropriate model to investigate the pharmacological effects of fibrates on human liver [2]. 
By harbouring clusters of mouse and human hepatocytes, the hepatocyte humanized livers 
are also an ideal tool to study the parallel effects of a particular treatment on mouse and 
human hepatocytes. Here, to gain more insight into the whole genome effects of 
fenofibrate in this model system, we performed transcriptomics on chimeric mice with 
hepatocyte-humanized livers treated with fenofibrate. The main observations were: 1) The 
hepatocyte humanized livers recapitulate the principal effects of PPARα activation on lipid 
metabolism revealed by other model systems of human liver. 2) The effects of PPARα 
activation on gene expression in chimeric mice with hepatocyte humanized livers were 
modest compared to normal mouse livers, which is unlikely due to different treatment 
protocols. 3) Pathways connected to DNA synthesis were downregulated by fenofibrate in 
chimeric mice with hepatocyte humanized livers, yet are upregulated by fenofibrate in 
normal mouse livers. 4) Pathways connected to interferon/cytokine signalling were 
upregulated by fenofibrate in chimeric mice with hepatocyte-humanized livers, yet are 
downregulated by fenofibrate in normal mouse livers. 5) Chimeric mice with hepatocyte 
humanized livers can be used to study the effect of activation of PPARα and other nuclear 
receptors on secretion of hepatokines into plasma.  

Studies using human liver model systems, including HepG2 cells, human primary 
hepatocytes, human precision cut liver slices, and PPARα-humanized mice, have yielded 
detailed information about the effects of PPARα activation on gene regulation in human 
liver. The results have been summarized in a recent review [19], highlighting the pivotal role 
of PPARα in governing various metabolic processes and pathways in human liver. Our 
transcriptomics study in chimeric mice with hepatocyte humanized livers confirms the 
important role of PPARα in the regulation of lipid metabolism in human liver. Many of the 
most highly induced genes are well-known targets of PPARα involved in lipid metabolism, 
including FABP1, ANGPTL4, PDK4, HADHA, HADHA, PLIN2, and ACADVL. The position of the 
fenofibrate-induced genes in cellular lipid metabolism is illustrated in Figure 7. Other genes 
that were highly induced by PPARα activation in the hepatocyte-humanized mouse livers 
include TSPAN13, DPY19L1, TDO2. Whether any of these genes are actual PPAR target 
genes remains to be determined.  

Chronic treatment of rodents with peroxisome proliferators causes hepato-carcinogenesis, 
while short-term treatment promotes hepatocyte and peroxisome proliferation [15-17, 37]. 
These effects are dependent on induction of several genes involved in DNA synthesis, cell 
proliferation, and peroxisomal biogenesis and are known to be mediated by PPARα [38]. 
The pro-carcinogenic effects of peroxisome proliferators led to concerns about their 
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potential hepato-carcinogenicity in humans and triggered numerous studies aimed at 
investigating the effect of PPARα in human liver model systems. Collectively, these studies 
have dispelled the notion that peroxisome proliferators are hepato-carcinogenic in humans 
and have also yielded a wealth of information about the role of PPARα in human liver [19, 
39]. In this study, we found that PPARα activation in chimeric mice with hepatocyte 
humanized livers causes the downregulation of genes and pathways connected to DNA 
synthesis, further strengthening the notion that the effect of PPARα activation on DNA 
synthesis, cell proliferation and hepato-carcinogenesis are distinct between mouse liver 
and human liver. Our data thus further mitigate concerns about the hepato-carcinogenic 
effect of peroxisome proliferators in humans. 

One of the major discrepancies between the effect of PPARα activation in hepatocyte 
humanized livers and normal mouse livers is the regulation of immune-related pathways, 
specifically interferon signaling. Whereas PPARα activation causes the downregulation of 
interferon signaling in mouse liver, it leads to upregulation of interferon signaling in 
hepatocyte humanized liver. Intriguingly, PPARα activation caused the downregulation of 
interferon signaling in human precision cut liver slices. Whether the upregulation of 
interferon signaling by PPARα activation in hepatocyte humanized livers is an artefact of 
the interaction between human hepatocytes and mouse Kupffer cells, is related to the 
immune-deficiency in the SCID host mice, or in fact most accurately reflects the response 
to PPARα activation in human liver remains to be established.  

The fold-changes in gene expression in response to fenofibrate treatment were generally 
lower in chimeric mice with hepatocyte humanized livers compared to normal mouse livers. 
Unfortunately, differences in the duration of treatment and to a lesser extent dosage 
preclude a very accurate in vivo comparison of the effect of fenofibrate on gene expression 
between hepatocyte-humanized livers and normal mouse livers. Alternatively, the residual 
presence of mouse hepatocytes in the hepatocyte humanized mouse livers allowed for 
direct evaluation of the effect of fenofibrate on human and mouse hepatocytes. The results 
showed that the fold-changes in expression of the same genes is more pronounced in 
mouse as compared to human hepatocytes, verifying the notion that human hepatocytes 
are less sensitive to PPARα activation. 

An important advantage of the hepatocyte humanized livers is that the level of expression 
of PPARα itself is similar to the expression level in actual human liver. This is in contrast 
which primary human hepatocytes and precision cut liver slices, which were shown to 
express PPARα at substantially lower levels [19]. Hence, the relatively modest changes in 
gene expression by fenofibrate in hepatocyte humanized mice cannot be attributed to a 
reduced expression of PPARα in comparison with human liver.  
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Evidence has been provided that PPARα activation alters the expression of a number of 
apolipoproteins that may account for the plasma triglyceride-lowering and HDL raising 
effects of PPARα agonists in human patients [40]. For instance, fenofibrate was found to 
induce APOA1 expression in primary human hepatocytes and elevate plasma APOA1 levels 
in humans subjects [41, 42]. Similarly, APOA5 was identified as a direct PPARα target and 
was shown to be induced by PPARα activators in primary human and cynomolgus 
hepatocytes [43, 44]. Consistent with these findings, administration of the PPARα agonist 
LY570977 to cynomolgus monkeys increased serum APOA5 concentration by 2-fold [45]. 
PPARα activation has also been shown to regulate APOC3. Specifically, fenofibrate lowered 
APOC3 mRNA in primary human hepatocytes, concomitant with reduced secretion of 
APOC3 in the culture medium [46]. Interestingly, in the hepatocyte humanized mouse livers 
we did not see any significant changes in the expression of APOA1 and APOC3 mRNA. By 
contrast, fenofibrate increased mRNA levels of APOA4 (fold-change = 3.9, P<0.0001), and 
APOA5 (fold-change is 1.4, P<0.05). Our data, together with data obtained using other 
model systems for human liver, question the regulation of APOA1 and APOC3 mRNA by 
PPARα activation in human liver.  

The use of chimeric mice with hepatocyte humanized livers in principle allows for study of 
the secretion of human liver proteins into the blood. Indeed, we were able to detect human 
ANGPTL4 in blood plasma of mice with hepatocyte humanized livers. Furthermore, in 
agreement with the induction of ANGPTL4 mRNA by PPARα, treatment of the mice with 
fenofibrate significantly increased plasma ANGPTL4 levels. These data are consistent with 
the increase in plasma ANGPTL4 levels in subjects treated with fenofibrate [30, 47]. 
Intriguingly, the absolute levels of ANGPTL4 in plasma of the mice with hepatocyte 
humanized livers was similar to the levels observed in human subjects, suggesting that liver 
is the primary source of ANGPTL4 in plasma. Overall, these data suggest that chimeric mice 
with hepatocyte humanized livers are a suitable model to study the secretion of human 
liver proteins into the blood. 

In our study, the livers of the hepatocyte humanized mice were very fatty, which was 
observed specifically in the liver sections populated by human hepatocytes. It has been 
demonstrated that the elevated lipid storage is likely due to a deficiency of the human 
growth hormone [48]. Whether the difference in lipid storage between mouse and human 
hepatocytes is in any way connected to differences in PPARα expression or function remains 
unclear. The excess lipid storage in the hepatocyte humanized livers is a limitation for the 
study of lipid metabolism. 

In conclusion, using transcriptomics, we show that chimeric mice containing hepatocyte 
humanized livers are an excellent tool to study the in vivo function of PPARα in human liver. 
The results confirm the major role of PPARα in the regulation of hepatic lipid metabolism, 
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yet also demonstrate the more modest effect of PPARα activation on target gene induction 
in human hepatocytes as compared to mouse hepatocytes. The data suggest that PPARα 
may have a suppressive effect on DNA synthesis in human liver, and a stimulatory effect on 
interferon/cytokine signalling. 

 

 

 

Figure 7. Role of fenofibrate-induced genes in cellular lipid metabolism. Genes significantly induced by 
fenofibrate (IBMT P-value > 0.02) and with known roles in cellular lipid metabolism were selected. Their roles in 
specific pathways of cellular lipid metabolism is illustrated. 
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Methods 

Animals 

The animal study was carried out in PXB mouse (Genotype: cDNA-uPA+/wt/SCID, uPA+/wt; 
B6;129SvEv-Plau, SCID; C.B-17/Icr-scid/scid Jcl) at PhoenixBio Co. Ltd. A full description of 
the generation of these mice can be found elsewhere [29]. Briefly, cryopreserved human 
hepatocytes from a 2-year-old Hispanic girl were purchased from BD Biosciences (Woburn, 
MA, USA). After thawing, the hepatocytes were transplanted into hemizygous 2- to 4-week-
old cDNA-uPA/SCID mice via the spleen under anesthesia. Six male mice between 12-18 
weeks of age were used for the study.  

Fenofibrate was dissolved in 0.5% hydroxypropyl methylcellulose (Shinestu Kagaku Kogyo, 
Japan) and administered orally to the mice at a dose of 300 mg/kg once per day for 4 days 
with a disposable plastic sonde (Fuchigami Kikai Co., Kyoto, Japan). Three mice received 
fenofibrate and three mice received the control treatment with vehicle only.  

The experiment was terminated 24 hours after the final dosing with fenofibrate. Mice were 
anesthetized using isoflurane and a minimum of 300 μL of blood was collected via cardiac 
puncture into sodium heparinized syringes. The mice were euthanized by exsanguination. 
Blood was used for measurement of human albumin or centrifuged to obtain plasma. 
Plasma was subsequently frozen at -80°C. Liver tissue was collected and either frozen at -
80°C or fixed in formaldehyde and further processed for histology. All experimental 
procedures were conducted in accordance with the guidelines provided by Proper Conduct 
of Animal Experiments (June 1, 2006; Science Council of Japan) and approved by the Animal 
Care and use Committee of PhoenixBio Co., Ltd 

 

Plasma measurements 

Plasma concentrations of glucose (Sopachem, Ochten, the Netherlands), triglycerides (TG), 
and cholesterol (Instruchemie, Delfzijl, the Netherlands) were determined following the 
manufacturers’ instructions. The plasma concentration of ANGPTL4 was determined as 
previously described [30]. 
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RNA isolation and qPCR 

Total RNA of human and mouse tissue was isolated using TRIzol reagent (Invitrogen). RNA 
was reverse transcribed using the iScript cDNA Synthesis Kit (Bio-Rad Laboratories BV, 
Veenendaal, The Netherlands). Messenger RNA levels of selected genes were determined 
by reverse transcription quantitative PCR using SensiMix (Bioline; GC Biotech, Alphen aan 
den Rijn, The Netherlands) on a CFX384 real-time PCR detection system (Bio-Rad 
Laboratories, Veenendaal, the Netherlands). The housekeeping gene 36b4 was used for 
normalization. Sequences of the primers used are listed in Supplementary table 1. Mouse 
primers and human primers are specific for mouse and human, respectively. Primer pairs 
contain at least 4 mismatches with the opposite organism. Primer specificity was assessed 
using NCBI primer-BLAST. Gene set enrichment analysis (GSEA) was used to identify gene 
sets that were enriched among the upregulated or downregulated genes [32]. Genes were 
ranked based on the IBMT-statistic and subsequently analyzed for over- or 
underrepresentation in predefined gene sets derived from Gene Ontology, KEGG, National 
Cancer Institute, PFAM, Biocarta, Reactome and WikiPathways pathway databases. Only 
gene sets consisting of more than 15 and fewer than 500 genes were taken into account. 
Statistical significance of GSEA results was determined using 1,000 permutations. 

 

Microarray analysis 

For microarray hybridization, the isolated RNA was further purified using RNeasy Minikit 
columns (Qiagen). RNA concentrations were measured on a nanodrop ND-1000 UV-Vis 
spectrophotometer (Isogen, Maarssen, The Netherlands) and analyzed on an Agilent 2100 
bioanalyzer (Agilent Technologies, Amsterdam, The Netherlands) with 6000 Nano Chips, 
according to the manufacturer’s protocol. RNA was judged suitable for array hybridization 
only if samples exhibited intact bands corresponding to the 18S and 28S ribosomal RNA 
subunits, and displayed no chromosomal peaks or RNA degradation products.  

Purified RNA (100 ng) was labeled with the Ambion WT expression kit (Invitrogen) and 
hybridized to Affymetrix Human Gene 1.1 ST arrays, provided in plate format (Affymetrix, 
Santa Clara, CA). Hybridization, washing and scanning of the array plates was performed on 
an Affymetrix GeneTitan instrument, according to the manufacturer’s recommendations. 
Normalized expression estimates were obtained from the raw intensity values applying the 
robust multi-array analysis preprocessing algorithm available in the Bioconductor library 
AffyPLM with default settings [31, 32]. Probe sets were defined according to Dai et al. [33]. 
In this method probes are assigned to Entrez IDs as a unique gene identifier. In this study, 
probes were reorganized based on the Entrez Gene database, build 37, version 1 (remapped 
CDF v22). The entire geneset was condensed by applying an Inter Quartile Range filter of 
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0.25 and by excluding genes with mean expression level below 20. The P values were 
calculated using an Intensity-Based Moderated T-statistic (IBMT) [34]. Genes were defined 
as significantly changed when P <0.01. The microarray data were submitted to the Gene 
Expression Omnibus (accession number pending). 

Gene set enrichment analysis (GSEA) was used to identify gene sets that were enriched 
among the upregulated or downregulated genes [35]. Genes were ranked based on the 
IBMT-statistic and subsequently analyzed for over- or underrepresentation in predefined 
gene sets derived from Gene Ontology, KEGG, National Cancer Institute, PFAM, Biocarta, 
Reactome and WikiPathways pathway databases. Only gene sets consisting of more than 
15 and fewer than 500 genes were taken into account. Statistical significance of GSEA 
results was determined using 1,000 permutations. 

 

Statistical analysis 

Data are presented as mean ± SEM. Differences between the fenofibrate and control groups 
were analysed using two-tailed Student’s t-test. P < 0.05 was considered as statistically 
significant. 
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Supplemental Material 

Supplementary table 1: Sequences of primers used in qPCR analysis 

Name Forward    Reverse 
36B4/36b4 CGGGAAGGCTGTGGTGCTG  GTGAACACAAAGCCCACATTCC 

VNN1 AGTGGCATCTATGCACCCAAT GGAATCCAGTTGCGAGAGGA 
FGF21  AGTGGAGCGATCCATACAGG ACTCCAGTCCTCTCCTGCAA 

PPARα CAGAACAAGGAGGCGGAGGTC TTCAGGTCCAAGTTTGCGAAGC 
ANGPTL4 CGTACCCTTCTCCACTTGGG  GCTCTTGGCGCAGTTCTTG 

CPT1α TCCAGTTGGCTTATCGTGGTG CTAACGAGGGGTCGATCTTGG 
PDK4 TGGAGCATTTCTCGCGCTAC  ACAGGCAATTCTTGTCGCAAA 

VLDLR GGTGAAAATGATTGTGACAGTGG GTGAACTCGTCGGGACTACA 
PLIN2 ATGGCAGAGAACGGTGTGAAG CAACTGCAATTTGCGGCTC 

FABP1  ATGAGTTTCTCCGGCAAGTACC CTCTTCCGGCAGACCGATTG 
Cd36 GAGCAACTGGTGGATGGTTT GCAGAATCAAGGGAGAGCAC 

Acaa1 AAGGCAGGTTGTCACGCTACT CCTCAGTTCCCAGGGTATTCAAAG 
Aldh3a2 CCTGAGCAAAAGTGAACTCAATG GCTCCAATAATCAGTACGACTCC 

Pparα TATTCGGCTGAAGCTGGTGTAC CTGGCATTTGTTCCGGTTCT 
Cpt1α CTCCGCCTGAGCCATGAAG   CACCAGTGATGATGCCATTCT 

Plin2 CTTGTGTCCTCCGCTTATGTC  GCAGAGGTCACGGTCTTCAC 
Pdk4 TCTACAAACTCTGACAGGGCTTT CCGCTTAGTGAACACTCCTTC 

Ucp2 GTGGTGGTCGGAGATACCAG CATAGGTCACCAGCTCAGCA 
Vnn1 CTTTCCTCGCGGCTGTTTAC  CCTCCAGGTATGGGTAGATCGT 
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Supplemental figure 1. Comparative transcriptomics analysis of different human liver model systems. 
Transcriptomics was carried out on human liver biopsies (GSE48452) [50], hepatocyte humanized livers, primary 
human hepatocytes (GSE76148) [24], and human precision-cut liver slices (GSE17251) [21]. Scatter plot analysis of 
normalized expression values comparing the whole genome expression profile of the human liver biopsies (x-axis) 
with the whole genome expression profile of the hepatocyte-humanized livers (left panel), human precision-cut 
liver slices (middle panel), and primary human hepatocytes (right panel) (all y-axis).  
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Highlights 

• Most cell types carry lipid droplets and lipid droplet-associated proteins.

• PPARs are master regulators of lipid metabolism in various cell types.

• The three PPARs differ in their ligand specificity and in their expression profile across
tissues.

• PPARs play a key role in the regulation of the expression of LD-associated proteins.

• The expression level of LD-associated proteins and the regulation by PPARs is cell type
specific.
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Abstract 

Excess fatty acids are stored in cells as triglycerides in specialized organelles called lipid 
droplets (LD). LD can be found in nearly all cell types and may expand during certain 
(patho)physiological conditions. The synthesis and breakdown of triglycerides and their 
deposition in LD is governed by a diverse set of enzymes and LD-associated proteins. These 
proteins serve structural roles in and around LD and regulate the activity of key lipogenic 
and lipolytic enzymes. The LD-associated proteins are subject to multiple regulatory 
mechanisms at the protein and gene expression level. A group of transcription factors that 
govern the expression of many LD-associated proteins are the Peroxisome Proliferator-
Activated Receptors (PPARs). PPARs are lipid-activated transcription factors that play a key 
role in the regulation of lipid metabolism in liver (PPARα), adipose tissue (PPARγ), and 
skeletal muscle (PPARδ). This review provides an overview of the regulation of LD-
associated protein by PPARα, PPARδ, and PPARγ in adipose tissue, liver, macrophages, and 
skeletal muscle. It is concluded that many LD-associated proteins, including members of the 
PLIN family, CIDEC, CIDEA, HILPDA, FITM1, FITM2, and G0S2 are under direct transcriptional 
control of PPARs. Upregulation of LD-associated proteins by PPARs provides a mechanism 
to link uptake of lipids to regulation of lipid storage capacity.  
 
Keywords: PPARs; lipid droplet; lipid droplet-associated proteins; perilipins 
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Lipid droplets 

Fatty acids represent an important cellular fuel. Via the successive processes of β-oxidation, 
the TCA cycle, and oxidative phosphorylation, part of the energy in fatty acids is converted 
into ATP, with the remainder of the energy lost as heat. Fatty acids enter cells via several 
fatty acid transporters, and once taken up are bound by fatty acid-binding proteins that 
guide the fatty acids to their different metabolic fates. Apart from oxidation, an important 
metabolic fate of fatty acids is storage. Indeed, most cell types have the ability to stockpile 
excess fatty acids by converting them into triglycerides. The triglycerides are synthesized in 
the endoplasmic reticulum and are stored in specialized organelles called lipid droplets (LD) 
[1]. The ability to store excess fatty acids as triglycerides in LD can be considered as a 
protective mechanism that allows cells to cope with fluctuations in fatty acid supply without 
risking lipotoxicity. With the exception of adipocytes, most cell types have minuscule LD 
that together take up only a very small portion of the total cell volume. However, in certain 
pathological conditions, LD may expand and occupy considerable space in the cell, 
potentially interfering with important cellular functions [2]. One example is the 
accumulation of lipids in macrophages in atherosclerotic plaques, leading to activation of 
macrophages and giving rise to the characteristic foam cells. Another example involves the 
massive growth of LD in hepatocytes as part of alcoholic and non-alcoholic fatty liver 
disease. In comparison with most other organelles, LD are very dynamic and can quickly 
expand or shrink depending on cellular demands, driven by fluctuations in the rate of 
triglyceride synthesis and degradation. The synthesis of triglycerides, their deposition in LD, 
and the subsequent breakdown of triglycerides into fatty acids is governed by a complex 
set of enzymes and LD-associated proteins. These LD-associated proteins serve structural 
roles in LD and regulate the activity of key lipogenic and lipolytic enzymes. An important 
group of LD-associated proteins are the five members of the perilipin family, PLIN1-PLIN5 
[3]. Other LD-associated proteins that have been discovered in recent years include CIDEA, 
CIDEB, CIDEC, FITM1, FITM2, G0S2, ABHD5, and HILPDA. The function of these proteins is 
covered by other reviews in this special issue. 

 

 

Peroxisome Proliferator-Activated Receptors 

LD-associated proteins are themselves subject to multiple regulatory mechanisms at the 
protein and gene expression level. A group of transcription factors that play a key role in 
the transcriptional regulation of LD-associated proteins, as well as in the regulation of the 
lipogenic and lipolytic enzymes involved in LD remodeling, are the Peroxisome Proliferator-
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Activated Receptors (PPARs) [4]. PPARs are ligand-activated transcription factors that 
belong to the family of nuclear hormone receptors. Similar to other nuclear receptors, they 
consist of an A/B domain involved in transcriptional activation, a C domain responsible for 
DNA binding, a D domain that serves as a hinge, and an E domain that binds the ligands and 
connects with the transcriptional machinery [5]. PPARs activate DNA transcription by 
binding to a relatively conserved DNA sequence in the vicinity of target genes. Analogous 
to several other nuclear receptors, PPARs bind to DNA mostly as a heterodimer with the 
Retinoid X Receptor RXR. PPARs activate gene transcription by promoting the release of co-
repressor proteins and by stimulating the binding of co-activator proteins, processes that 
are triggered by the binding of ligand to either the PPAR or RXR moiety [6]. The ligands for 
PPARs encompass a range of exogenous and endogenous lipids, including various fatty 
acids, as well as a large number of synthetic compounds. Changes in the intracellular 
concentration of these lipids can influence PPAR-dependent gene regulation [7]. 

The group of PPARs consists of three distinct subtypes that differ in their expression profile 
across tissues and in their ligand specificity: PPARα, PPARδ, and PPARγ. PPARα is most 
highly expressed in liver and, at least in mice, in brown adipose tissue. Other tissues where 
PPARα is present and functional include the heart, the small intestine, and the kidney [8]. 
In the liver, PPARα functions at the master regulator of lipid metabolism, especially during 
fasting, by activating processes such as fatty acid oxidation and ketogenesis, fatty acid 
uptake, and triglyceride metabolism and storage [9]. In this capacity, PPARα regulates the 
expression of numerous genes involved in nearly every aspect of hepatic lipid metabolism, 
including many genes encoding LD-associated proteins and lipogenic and lipolytic enzymes. 
Consequently, the loss of PPARα in mouse liver leads to a severe fasting-induced phenotype 
consisting of hypoglycemia, hypoketonemia, elevated plasma non-esterified fatty acids, 
and hepatic steatosis [10][11].  

PPARδ (also referred to as PPARβ) is expressed in most cells and tissues, which has made 
the identification of the (tissue-specific) functions of PPARδ particularly challenging. PPARδ 
is probably best known for its role in skeletal muscle, where it mediates the effects of fatty 
acids on gene expression and stimulates fatty acid oxidation and oxidative capacity 
[12][13][14]. In addition, PPARδ has been implicated in processes such as cell differentiation 
and wound healing [15]. 

In contrast to PPARα and PPARδ , PPARγ is only expressed in a limited number of tissues, 
including the adipose tissue, the colon, and macrophages. Based on the clever work of Drs. 
Tontonoz, Spiegelman, and others, it is evident that PPARγ serves as the master regulator 
of adipogenesis [16][17]. Indeed, during adipocyte differentiation, activation of PPARγ is 
responsible for the induction of hundreds of genes involved in nearly every aspect of 
adipocyte function. In mice, loss of PPARγ fails to yield viable offspring [18], while in 
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humans, homozygosity for loss-of-function mutations in PPARγ leads to a form of 
lipodystrophy [19]. Induction of PPARγ in non-adipose tissues, such as liver, heart, and 
skeletal muscle, can promote local, ectopic fat accumulation and is an important 
mechanism in the pathophysiology of non-alcoholic fatty liver disease, type 2 diabetes, and 
other metabolic diseases.  

Many reviews have been written about PPARs and about LD-associated proteins. In this 
review, these two topics are combined by focusing on the role of the three PPARs in the 
transcriptional regulation of LD-associated proteins. 

Peroxisome Proliferator-Activated Receptors 

Two main types of adipocytes can be distinguished: white adipocytes and brown 
adipocytes. More recently, a third type of adipocyte, named brite (brown in white) or beige 
adipocyte, has been described. Beige adipocytes are similar to white adipocytes in their 
basic features but acquire a brown-like phenotype during β-adrenergic stimulation, cold 
acclimation, or other stimuli [20]. Whereas white adipocytes are responsible for storage of 
excess energy, the function of brown adipocytes is to produce heat via the process of 
uncoupling, thereby contributing to non-shivering thermogenesis [21]. Morphologically, 
white adipocytes generally contain only one LD (unilocular) with an approximate diameter 
of 100 μm that occupies most of the cell volume [22]. In comparison, brown adipocytes 
contain many LD (multilocular) with a diameter from several hundred nm to about 20 μm 
[23]. The difference in LD morphology between white and brown adipocytes may be related 
to differences in the turnover rate of the stored lipids. Brown adipocytes have a higher LD 
surface area that facilitates access by the lipases, allowing for more efficient release of 
lipids. In contrast, the single LD in white adipocytes assures a maximal efficiency of lipid 
storage [23]. LD in white and brown adipocytes also differ in the expression level and 
regulation of LD-associated proteins. At the mRNA level, most members of the Plin family, 
Cide family, Pnpla2, Abhd5, and G0s2 are more highly expressed in brown than in white 
adipocytes. The differences in expression is most pronounced for Cidea and Plin5 [24]. By 
contrast, PLIN3 and PLIN4 protein appear to be more abundant in white adipose tissue 
(WAT), whereas the level of PLIN1 protein is comparable in white and brown adipocytes 
[25]. Interestingly, upon cold exposure, the gene expression level of Cidea and Plin5 
increases dramatically in inguinal white adipocytes, suggesting the involvement of Cidea 
and Plin5 in the browning process [26]. 
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As indicated before, PPARγ is highly abundant in adipose tissue and serves as the master 
regulator of adipogenesis. By contrast, PPARα is not required for adipogenesis [27], while 
conflicting data have been reported on the role of PPARδ [27]. It was shown that PPARδ-/- 
adipocytes exhibit impaired lipid accumulation and reduced expression of adipose 
differentiation markers, including Fabp4, Cd36, Plin1, and Plin2 [28]. Apart from these data, 
little is known about the regulation of LD-associated proteins by PPARδ. The expression of 
PPARα is much higher in brown adipose tissue (BAT) as compared to WAT. Nevertheless, 
loss of PPARα seems to have comparatively little effect on gene expression in BAT, including 
on expression of LD-associated proteins (our unpublished observation).  

Several LD-associated proteins have shown to be regulated by PPARγ in adipocytes. In fact, 
many represent direct target genes of PPARγ, as elaborated below. Using publicly available 
datasets of ChIP-seq experiments performed on differentiated 3T3-L1 adipocytes, a recent 
study found PPARγ binding sites in the vicinity of Plin1, Plin2, Plin4, Plin5, Abhd5, Pnpla2, 
G0s2, Cidea and Cidec, whereas Plin3 and Cideb didn’t show enrichment for PPARγ [24].  

 

G0/G1 switch 2 (G0S2) 

G0S2 is an inhibitor of PNPLA2 (adipose triglyceride lipase) [29]. Homozygous G0s2-/- mice 
are lean, resistant to diet-induced weight gain, glucose tolerant, and insulin sensitive. Lipase 
activity is increased in WAT of G0s2-/- mice. Furthermore, G0s2-/- mice have increased cold 
tolerance and expression of thermoregulatory and oxidation genes in WAT [30]. Levels of 
G0S2 protein increase during differentiation of human SGBS adipocytes, concurrent with an 
increase in PPARγ. Transactivation, gel shift, and chromatin immunoprecipitation assays 
have confirmed that G0s2 is a direct PPARγ target. A functional PPAR response element was 
identified in the G0s2 promoter at approximately 1500 nucleotides upstream of the 
transcriptional start site [31].  

 

Perilipin 1 and 4 (PLIN1 and PLIN4) 

Plin1 and Plin4 are expressed at high levels in murine WAT. Plin1-/- mice are lipodystrophic, 
as shown by markedly reduced body fat. Moreover, the mice have increased basal lipolysis, 
ectopic lipid accumulation in cardiomyocytes, cardiac hypertrophy, and heart failure [32]. 
By contrast, inactivation of Plin4 does not affect body weight or adipose mass. Furthermore, 
inactivation of Plin4 has no effect on adipose tissue differentiation nor growth in vivo [33]. 
Both Plin1 and Plin4 were identified as PPARγ target by transactivation and gel shift assays. 
Their promoters contain three and one conserved PPAR response elements, respectively. 
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The expression of Plin4 and Plin1 in adipocytes is highly correlated to the expression and 
activation of PPARγ [34] [35].  

 

Perilipin 2 (PLIN2) 

PLIN2, also known as adipose differentiation related protein or adipophilin, is associated 
with the surface of LD. Plin2 was originally identified by screening for genes that are 
upregulated during adipocyte differentiation [36]. Expression of Plin2 increases during 3T3-
L1 adipocyte differentiation in parallel with PPARγ. In addition, Plin2 mRNA is upregulated 
in WAT of mice treated with rosiglitazone for 7 days [37]. These data indicate that Plin2 is 
probably a target gene of PPARγ in adipocytes.  

 

Perilipin 5 (PLIN5) 

Basal Plin5 expression in WAT is relatively low. Expression of Plin5 in mouse WAT was found 
to be induced by the PPARγ agonist rosiglitazone, together with gene markers of fatty acid 
oxidation, oxidative phosphorylation, and the TCA cycle. Accordingly, induction of Plin5 by 
PPARγ likely reflects increased browning. Whether Plin5 is a direct target of PPARγ during 
browning is likely although formal proof is missing [25][38]. In support of direct regulation 
of PLIN5 by PPARs in human adipocytes, treatment of human MADS adipocytes with PPARγ 
and PPARα agonists was found to increase PLIN5 protein levels [39]. 

 

Cell death-inducing DFFA-like effector c (CIDEC) 

Cidec (also referred to as FSP27) is expressed at high levels in both WAT and BAT. Loss of 
Cidec in cultured white adipocytes leads to the formation of multilocular lipid droplets, 
increased lipolysis, and decreased triglyceride storage, while overexpression of Cidec in COS 
cells increases lipid droplet size [40][41]. Consistent with these findings, Cidec-/- mice 
exhibit multilocular lipid droplets in white adipocytes. Moreover, Cidec-/- mice are 
protected from diet-induced obesity and insulin resistance and have an increased metabolic 
rate, probably due to elevated mitochondrial biogenesis in WAT. Expression of Cidec mRNA 
in adipocytes was found to go up upon treatment with PPARγ agonists and markedly go 
down upon silencing of PPARγ [40][42][43]. Chromatin immunoprecipitation assay, gel 
shift, and transactivation assay confirmed the binding of PPARγ2 to the promoter of Cidec 
about 200 nucleotides upstream of the transcriptional start site, indicating that Cidec is a 
direct PPARγ target gene [42]. Silencing of PPARγ in adipocytes also led to reduced 
expression of Cidea, suggesting Cidea is a transcriptional target of PPARγ as well [40]. 
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Hypoxia inducible lipid droplet associated (HILPDA) 

HILPDA, also referred to as HIG-2, is a recently identified LD-associated protein that was 
suggested to be involved in the regulation of lipolysis [44][45][46]. Silencing of Hilpda in 
adipocytes did not significantly alter the release of non-esterified fatty acids. In addition, 
adipocyte-specific Hilpda-/- animals displayed no detectable changes in adipocyte lipolysis 
after various physiological or pharmacological stimuli [47][48]. Interestingly, adipocyte-
specific Hilpda-/- mice showed a reduction in epididymal fat pad weight and improved 
glucose tolerance after high fat feeding, which could be ascribed to brown/beige adipocyte-
specific Hilpda deficiency [48].  

HILPDA is among the 20 most significantly upregulated genes by rosiglitazone in 
differentiated human SGBS and MADS adipocytes. Rosiglitazone also markedly induces 
Hilpda mRNA and protein in mature 3T3-L1 adipocytes. In both mouse and human 
adipocytes, a prominent PPARγ superenhancer is located near the HILPDA gene containing 
several conserved PPARγ binding sites. These collective data suggest that HILPDA is a direct 
target of PPARγ in murine and human adipocytes.  

 

 

Liver 

The liver contains several cell types, with most of the liver mass consisting of hepatocytes. 
Fatty acids in the liver can originate from several different sources: they can be supplied by 
the diet in the fed state, they can be produced via de novo lipogenesis from glucose, or they 
can be derived from the adipose tissue and enter the liver as free fatty acids. After synthesis 
or uptake, fatty acids can be esterified into triglycerides and secreted as part of very low-
density lipoprotein or stored in LD in hepatocytes. Next to adipose tissue, the liver has the 
second greatest capacity to store lipids. The size of the LD in hepatocytes can range from a 
diameter of less than 1 µm to 10 µm in case of steatosis [49][22][50]. The LD in hepatocytes 
can be further classified by their location and protein composition into cytosolic LD, apoB-
free LD in the lumen of the endoplasmic reticulum (ER), and the apoB-containing LD (VLDL) 
[51].  

All three PPARs are expressed in the liver. PPARα is the master regulator of lipid metabolism 
in the liver during fasting [9]. PPARα-/- mice have enhanced steatosis and enlarged LD, 
especially during fasting [10]. Heatmaps generated from publicly available microarray 
datasets reveal a PPARα-dependent regulation of several LD-associated proteins during 
fasting in mouse liver, and upon treatment with the PPARα agonist Wy-14,643 in mouse 
liver and primary mouse hepatocytes (Fig. 1). Recent data from hepatocyte-specific  
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PPARα-/- mice further support the regulation of several LD-associated proteins by PPARα 
in mouse hepatocytes, including Cidec, G0s2, Fitm1, Fitm2, and Plin5 [52]. PPARδ in the liver 
has been connected with a number of biological functions, including regulation of 
lipoprotein metabolism and various pathways related to glucose utilization, but the role of 
PPARδ in liver is still not fully clear [53]. PPARγ is known to exist in two isoforms, PPARγ1 
and PPARγ2, but only PPARγ1 is expressed in liver. Feeding mice a high fat diet leads to 
induction of liver PPARγ [54][55], which in turn causes the upregulation of genes involved 
in lipogenesis, thus contributing to hepatic steatosis. Consistent with this notion, liver 
specific PPARγ-/- mice have reduced hepatic steatosis on a leptin-deficient and lipoatrophic 
background [54][56], whereas mice overexpressing PPARγ1 in liver have enhanced steatosis 
[57]. Treatment of liver slices and primary hepatocytes with the PPARγ agonist rosiglitazone 
alone or in combination with oleic acid increased triglyceride accumulation, which was 
abolished in liver slices and primary hepatocytes from liver-specific PPARγ-/- mice [58]. It 
should be noted, however, that PPARγ mRNA expression does not seem to be elevated in 
human steatosis or non-alcoholic steatohepatitis ([59], our unpublished observations). 

 

Cell death-inducing DFFA-like effector a (CIDEA) 

Overexpression of Cidea in mice increases hepatic lipid accumulation and leads to larger LD, 
whereas Cidea-/- mice have decreased lipid accumulation, smaller LD, and reduced hepatic 
steatosis under conditions of high fat feeding or an ob/ob background [60]. It has been 
shown that Cidea is highly expressed in fatty liver of ob/ob mice and that its expression is 
markedly lowered by loss of PPARγ [61]. Consistent with these data, adenoviral-mediated 
overexpression of PPARγ1 in mouse liver causes a massive increase in Cidea expression [62]. 
Furthermore, adenoviral-mediated overexpression of PPARγ in primary mouse hepatocytes 
upregulates Cidea expression [62]. With respect to a potential role of PPARα, activation of 
PPARα using Wy-14,643 causes a massive increase in Cidea mRNA, which is completely 
abolished in PPARα-/- mice [62]. Molecular experiments subsequently demonstrated that 
Cidea is a direct PPARγ and PPARα target gene in liver, as shown by transactivation, gel-
shift, and chromatin immunoprecipitation assays [62].  

 

Cell death-inducing DFFA-like effector c (CIDEC) 

Cidec is highly expressed in adipose tissue but undetectable in normal liver. Its hepatic 
expression in mice is increased by fasting and under conditions of hepatic steatosis [63]. 
There is also evidence that CIDEC expression may be increased in human steatosis. 
Adenoviral-mediated overexpression of Cidec in hepatocytes in vitro or in vivo leads to 
elevated liver triglyceride levels, whereas knockdown of Cidec by adenoviral shRNA has the 
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opposite effect. Evidence abounds indicating that Cidec is a direct target of PPARα and 
PPARγ in mouse and human liver. Adenoviral-mediated overexpression of PPARγ1 in 
PPARα-/- mice induced hepatic steatosis and greatly increased expression of Cidec [57]. 
Also, rosiglitazone treatment markedly upregulated the expression of Cidec in livers of 
ob/ob mice, which was abolished in ob/ob mice with liver-specific PPARγ deletion. 
Importantly, treatment of non-obese mice with rosiglitazone failed to induce hepatic Cidec 
expression [61]. In agreement with these data, Cidec was identified as a direct target gene 
of PPARγ by gel shift assay and chromatin immunoprecipation. The PPAR response element 
was located about 200 nucleotides upstream of the transcriptional start site [61].  

As indicated above, expression of Cidec is increased by fasting. In contrast to many other 
genes involved in lipid metabolism, this increase does not seem to be mediated by PPARα. 
Interestingly, adenoviral-mediated silencing of hepatic Cidec attenuated the induction of 
liver steatosis by fasting. Interestingly, Cidec is highly induced by synthetic PPARα agonists 
in primary mouse hepatocytes and in mouse liver in a PPARα-dependent manner, as well 
as in primary human hepatocytes [52][64] [65]. Cidec was confirmed as a direct target of 
PPARα by transactivation assay and chromatin immuno-precipitation using extracts from 
mouse primary hepatocytes [64]. Recently, an alternative Cidec isoform was identified 
referred to as FSP27β. Fsp27β does not appear to be regulated by PPARs but rather by the 
transcription factor cyclic-AMP-responsive-element-binding protein H (CREBH, CREB3L3) 
[66].  

 

Cell death-inducing DFFA-like effector b (CIDEB) 

Cideb is expressed at high levels in liver, intestine, and kidney [67][68][69]. CIDEB is an 
important regulator of lipid and cholesterol homeostasis in the liver. Cideb-/- mice exhibit 
lower levels of plasma cholesterol and LDL when fed with either a normal diet or a high 
cholesterol diet, concurrent with lower rates of cholesterol biosynthesis in liver and 
reduced expression levels of sterol response element-binding protein 2 and its downstream 
target genes [70]. Currently, there is no evidence that Cideb is under transcriptional control 
of PPARα. 

 

Hypoxia inducible lipid droplet associated (HILPDA) 

HILPDA is a LD-associated protein that is involved in lipid metabolism. Overexpression of 
Hilpda in mice via adeno-associated virus increases liver triglyceride levels and reduces 
hepatic triglyceride secretion. Hilpda was found to be induced in mouse precision cut liver 
slices treated with the PPARα agonist Wy-14,643. Similarly, oral dosing of Wy-14.643 
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markedly induced Hilpda mRNA and HILDPA protein levels in livers of wild-type mice but 
not PPARα-/- mice. Hilpda regulation by PPARα was further confirmed by transactivation 
and chromatin immunoprecipitation assays, indicating that Hilpda is a direct PPARα target 
in liver [71]. 

 

G0/G1 switch 2 (G0S2) 

G0s2 was identified as a putative target gene of PPARα by comparing liver mRNAs of wild-
type and PPARα-/- mice using microarrays. Hepatic expression of G0s2 is up-regulated by 
fasting and by the PPARα agonist Wy-14,643 and fenofibrate in a PPARα-dependent manner 
[31] [52]. Wy-14,643 also markedly induces G0s2 mRNA in primary mouse hepatocytes [31]. 
Transactivation, gel shift and chromatin immunoprecipitation assays indicated that G0s2 is 
a direct PPAR target gene with a functional PPRE in its promoter [31][72][29]. Intriguingly, 
the expression of G0s2 in liver is elevated in PPARα-/- mice compared to wildtype mice in 
the fed state, suggesting the involvement of other regulatory mechanisms. Recently, a role 
of LXR in the regulation of hepatic G0s2 expression was proposed [73]. 

 

Perilipin 2 (PLIN2) 

Plin2 is expressed at high levels in mouse and human liver. The abundance of PLIN2 is 
related to the amount of lipid found within cells [74]. Plin2 is a direct target of PPARα and 
possibly PPARγ in mouse liver. Expression of Plin2 mRNA in mouse liver is markedly induced 
by synthetic PPARα agonists in a PPARα-dependent manner. Plin2 mRNA is also induced in 
mouse liver during fasting. However, this increase is independent of PPARα. Transactivation 
and gel shift assays showed that Plin2 is a direct target of PPARα via a PPAR response 
element that is conserved between mice and humans [75][76]. In line with these data, 
expression of PLIN2 is upregulated by synthetic PPARα agonist in human hepatoma cells, 
human primary hepatocytes, and human precision cut liver slices [75][76][77][78]. 
Interestingly, although overexpression of PPARγ2 increased the protein level of PLIN2—
concurrent with enhanced lipid accumulation—no induction of Plin2 mRNA was observed, 
suggesting that Plin2 is not a direct target of PPARγ in the liver [79]. 

 

Perilipin 5 (PLIN5) 

PLIN5, also known as LSDA5, LSDP5, MLDP, OXPAT, is highly abundant in oxidative tissues, 
including liver. Overexpression of Plin5 in vitro promotes fatty acid–induced triglyceride 
accumulation, fatty acid oxidation, and mRNAs associated with oxidative metabolism. By 
contrast, adenoviral-mediated Plin5 knockdown in AML12 cells and in primary mouse 
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hepatocytes decreased the triglyceride content of LD, stimulated lipolysis, and increased 
the mitochondrial content and fatty-acid β-oxidation [25][80][81]. Similarly, Plin5-/- mice 
are characterized by reduced hepatic lipid content, smaller-sized LD, and increased 
mitochondrial proliferation, yet enhanced lipotoxic injury [82]. Expression of Plin5 mRNA 
and PLIN5 protein in mouse liver is markedly induced by synthetic PPARα agonists in a 
PPARα-dependent manner [83]. Plin5 mRNA is also induced in mouse liver during fasting, 
yet this induction is only partially abolished in PPARα-/-mice [84]. In contrast to PLIN2, there 
is no evidence that PLIN5 is regulated by PPARα in human liver. 

Perilipin 1 (PLIN1) 

PLIN1 is a marker of adipocyte differentiation and normally absent from liver [85][25]. 
However, it has been reported that hepatic Plin1 expression goes up under conditions of 
chronic steatosis. PLIN1 mRNA became detectable in hepatic HuH7 cells after chronic 
treatment with a preadipocyte-adipocyte differentiation medium. Treatment of adipogenic 
HuH7 cells with PPARα and γ antagonists showed a clear reduction of PLIN1 protein with 
PPARα but not with PPARγ antagonist [86]. Overall, more research is needed to better 
understand the regulation of Plin1 by PPARs in adipogenic/steatotic hepatocytes. 

Perilipin 4 (PLIN4) 

Plin4 is very weakly expressed in liver under normal conditions [25] [34]. However, Plin4 
can be induced in hepatocytes upon PPARγ1 overexpression, indicating that Plin4 may play 
a role in adipogenic transformation of hepatocytes [57]. Furthermore, Plin4 expression is 
also induced by PPARα activation in mouse liver. More research is needed to unravel the 
potential role and regulation of Plin4 in the liver. 

Fat storage-inducing transmembrane protein 1 and 2 (FITM1, FITM2) 

FITM1 and FITM2 do not have homology to known proteins or protein domains found in 
any species, indicating that FITM genes comprise a unique gene family. They were identified 
by screening for novel genes that are regulated by PPARα using liver tissue from mice 
treated with the PPARα agonist fenofibrate [87]. Adenoviral-mediated overexpression of 
Fitm2 in mice increased liver triglycerides and LD. The pattern of regulation of Fitm1 and 
Fitm2 as shown in figure 1 and in hepatocyte-specific PPARα -/- mice indicates that Fitm1 
and Fitm2 likely represent direct PPARα target genes [52].  
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Figure 1: Heatmap of regulation of LD-associated proteins by PPARs in liver. The heatmaps were generated based 
on publicly available microarray datasets. GSE17863: livers of wildtype and PPARα-/- mice subjected to 24h of 
fasting; GSE8295: livers of wildtype and PPARα-/- mice treated with Wy-14,643 for 5 days; GSE17250: primary 
mouse hepatocytes treated with Wy-14,643 for 24h; GSE47844: livers of wildtype mice treated with Wy-14,643 
for different duration. 

 

 

Macrophages 

In macrophages, the lowest expressing PPAR is PPARα. Despite its relatively low expression, 
PPARα activation has been shown to reduce foam cell formation in vitro, possibly by 
stimulating cholesterol efflux [88][89]. In addition, PPARα activation has been shown to 
have an anti-inflammatory effect. Both Pparδ and Pparγ are expressed at high levels in 
macrophages. Many studies have examined the role of PPARδ and PPARγ in macrophage 
function and in particular in the inflammatory properties of macrophages. Overall, 
macrophage PPARδ is involved in the regulation of lipid metabolism, inflammation, and the 
phagocytosis of apoptotic cells. An excellent overview of the role of PPARδ in macrophages 
is presented in a recent review by Staels and colleagues [90]. Inasmuch as both the genetic 
deletion of PPARδ and the activation of PPARδ using synthetic agonists have anti-
inflammatory effects, the role of macrophage PPARδ in inflammation remains somewhat 
ambiguous [90]. 

Many of the functional properties of PPARδ in macrophages have also been assigned to 
PPARγ, including the regulation of inflammation and lipid metabolism. The expression of 
Pparγ increases markedly during the differentiation of monocytes into macrophages. 
However, unlike in adipocytes, PPARγ is dispensable for macrophage differentiation 
[91][92]. In differentiated macrophages, PPARγ has been demonstrated to repress 
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inflammatory gene expression by interfering with the action of other transcription factors 
such as NF-κB, a process known as transrepression. PPARγ has also been suggested to steer 
macrophages towards an anti-inflammatory, alternatively activated M2 phenotype [93]. 

A number of LD-associated proteins and enzymes are known to be present in macrophages, 
including PLIN2, PLIN3 and PNPLA2. A number of other LD-associated protein have low 
expression at baseline but may be induced in response to lipid uptake and foam cell 
formation. Wang and colleagues found that expression of PLIN2 in human monocyte-
derived macrophages is induced by oxLDL, which is known to activate PPARs [94]. Similarly, 
Li and colleagues found that conversion of THP-1 macrophages into foam cells by oxLDL is 
accompanied by increased expression of Cideb, Cidec, Plin2, Plin3, and Plin5, whereas Plin4 
is down-regulated [95]. Similar to its role in other cell types, PLIN2 promotes lipid droplet 
formation in isolated macrophages upon incubation with oxLDL, and in vivo in 
atherosclerosis-prone Apoe-/- mice [96][97]. 

With respect to regulation of PLIN2 by fatty acids, it was shown that that very low density 
lipoproteins, and to a lesser extent LDL and aggregated LDL, markedly increase PLIN2 
protein levels in differentiated primary human monocytes [98]. Furthermore, total 
lipoprotein hydrolysis products generated by lipoprotein lipase markedly increased PLIN2 
expression in THP-1 macrophages [99]. In line with these data, triglyceride-rich lipoproteins 
induced levels of PLIN2 and PLIN3 proteins in mouse bone marrow-derived and human THP-
1 macrophages in a fatty-acid-dependent manner [100]. Antagonists for PPARα and PPARγ 
abolished the stimulatory effect of triglyceride-rich lipoproteins, suggesting that the 
induction of PLIN2 and PLIN3 is mediated by PPARα and PPARγ. 

In support of direct regulation of Plin2 by PPARs, treatment of RAW 264.7 mouse 
macrophages with natural and synthetic agonists of PPARγ upregulated Plin2 mRNA, 
suggesting Plin2 is a target of PPARγ in macrophages [101]. Furthermore, activation of 
PPARδ using synthetic agonist promotes lipid accumulation in primary human macrophages 
and THP-1 macrophages, concomitant with induction of CD36 and PLIN2 mRNA, suggesting 
a possible role of these genes in PPARδ -induced lipid accumulation [102]. Lee and 
colleagues observed that activation of PPARδ using a synthetic agonist or triglyceride-rich 
lipoproteins increased PLIN2 protein levels in peritoneal macrophages, which was abolished 
in PPARδ -/- macrophages. A similar but smaller effect was observed for PNPLA2 [103]. In 
our hands we see strong induction of Plin2 mRNA in RAW 264.7 and THP-1 macrophages by 
PPARδ activation, and to a lesser extent by PPARγ activation (our unpublished data). 
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Skeletal muscle 

All three PPAR subtypes are expressed in skeletal muscle. The relative abundance of the 
PPAR subtypes depends on the species and on the type of muscle material. While PPARδ is 
the most abundant PPAR subtype in primary human myocytes, mouse skeletal muscle and 
mouse C2C12 myotubes, PPARα is the most abundant PPAR subtype in human muscle 
biopsies. Little is known about the role of PPARα in skeletal muscle. Studies in mice lacking 
PPARα have provided evidence for a functional redundancy between muscle PPARα and 
PPARδ [104]. Transcriptomics analysis of human subjects treated with fenofibrate showed 
relatively minor changes in muscle gene expression (our unpublished observations). 

The role of PPARδ in muscle has been more extensively investigated, showing that PPARδ 
is an important regulator of lipid metabolism in mouse muscle [105]. Specifically, muscle-
specific overexpression of PPARδ in mice leads to a shift in muscle fiber characteristic 
toward more oxidative fibers and an increase in the oxidative capacity of skeletal muscle 
[12]. Through this mechanism, PPARδ causes the sparing of glucose and promotes 
endurance capacity in mice [13][14]. 

Muscle fibers are full of LD [106]. LD can be found adjacent to mitochondria and are 
concentrated in the subsarcolemmal region near the plasma membrane or in-between the 
myofibril. Studies have shown that the intramyocellular LD are enlarged in endurance 
athletes and likely represent an important fuel during endurance exercise [107]. As 
observed in other cell types, the LD in myocytes are surrounded by a set of LD proteins. All 
members of the perilipin family are known to be expressed in skeletal muscle, except for 
PLIN1. Other LD-associated proteins that are well expressed in skeletal muscle or in cultured 
myocytes include FITM1, FITM2, G0S2, and PNPLA2.  

Protein and mRNA levels of PLIN2 in C2C12 myotubes were found to be markedly induced 
by oleic acid and other fatty acids [108][109][110]. Agonists for PPARα, PPARδ, and PPARγ 
similarly induced PLIN2 protein in C2C12 cells [109]. Analysis of transcriptomics datasets 
showed that PLIN2 is induced by the synthetic PPARδ agonist GW501516 in human primary 
myocytes [111], and in mouse skeletal muscle [13]. Apart from PLIN2, two other LD-
associated proteins that may be regulated by PPARs in muscle are PLIN4 and PLIN5. Both 
genes were induced by PPARα, PPARδ, and/or PPARγ agonists in C2C12 myotubes. 
Induction of PLIN5 by PPARδ agonist was confirmed at the protein level [110]. Silencing of 
PPARδ in C2C12 myotubes attenuated the induction of Plin4 and Plin5 mRNA by fatty acids. 
Treatment of mice with PPARδ agonist hints at a positive effect on PLIN5 mRNA and protein 
in skeletal muscle. Nevertheless, PLIN5 protein levels in skeletal muscle do no seems to be 
altered in PPARδ-/- mice. Reporter studies have provided evidence that Plin5 is a direct 
PPARδ target gene in muscle cells [110]. Finally, treatment of human primary myocytes with 
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PPARδ agonist was shown to markedly increase PLIN5 mRNA [112]. In heart, Plin5 was 
found to be upregulated by the PPARα agonist Wy-14,643 in wildtype but not PPARα-/- 
mice [83]. Intriguingly, PLIN5 may in turn influence PPARα-dependent gene regulation. 
Specifically, it was observed that overexpression of Plin5 in rat skeletal muscle via 
electroporation caused an increase in the expression of a cluster of genes under control of 
PPARα involved in fatty acid catabolism and mitochondrial oxidation [113]. The mechanism 
underlying the observed induction of PPARα activity by Plin5 overexpression is unclear but 
might be related to enhanced lipolysis. Activation of PPARα may explain the marked 
induction of muscle Fgf21 expression and plasma FGF21 levels in mice overexpression Plin5 
in skeletal muscle [114]. 

So far there is no evidence that any of the other LD-associated proteins are regulated by 
PPARs in skeletal muscle. 

 

 

Concluding remarks 

It is concluded that many LD-associated proteins, including members of the PLIN family, 
CIDEC, CIDEA, HILPDA, FITM1, FITM2, G0S2 are under direct transcriptional control of PPARs 
(Figure 2). Activation of lipid-droplet-associated proteins by PPARs provides a mechanism 
to link uptake of lipids to regulation of lipid storage capacity. 
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Figure 2: Overview of regulation of lipid droplet-associated proteins by PPARs. The picture illustrates the 
important role of PPARs in the transcriptional regulation of LD-associated proteins in several tissues. A particular 
LD-associated protein is shown if there is strong evidence that supports regulation of the corresponding gene by 
the indicated PPAR subtype. The font size of the PPAR subtypes provides a crude reflection of their relative 
expression in that particular tissue. Although few data are available on the regulation of LD-associated proteins by 
PPARs in BAT, it is expected that PPARs play an important role. 
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Summary 

Obesity leads to a state of chronic low-grade inflammation that features the accumulation 
of lipid-laden macrophages in adipose tissue. Here, we determined the role of macrophage 
lipid droplet accumulation in the development of obesity-induced adipose tissue 
inflammation, using mice with myeloid-specific deficiency of the lipid-inducible HILPDA 
protein. HILPDA deficiency markedly reduced intracellular lipid levels and accumulation of 
fluorescently-labeled fatty acids. Decreased lipid storage in HILPDA-deficient macrophages 
could be rescued by inhibition of adipose triglyceride lipase (ATGL) and was associated with 
increased oxidative metabolism. In diet-induced obese mice, HILPDA deficiency did not 
alter inflammatory and metabolic parameters, despite markedly reducing lipid 
accumulation in macrophages. Overall, we find that HILPDA is a lipid-inducible physiological 
inhibitor of ATGL-mediated lipolysis in macrophages that uncouples lipid storage in adipose 
tissue macrophages from inflammation and metabolic dysregulation. Our data question the 
contribution of lipid droplet accumulation in adipose tissue macrophages in obesity-
induced inflammation and metabolic dysregulation. 

 

Keywords: Hilpda, ATGL, fatty acid metabolism, lipid droplets, macrophages, inflammation, 
obesity  



HILPDA uncouples lipid droplet accumulation from metabolic dysregulation 

 91 

Introduction 

The prevalence of obesity across the world has risen steeply in the past decades and has 
become a huge public health concern. It is well established that obesity is associated with 
a state of chronic low-grade inflammation. This low-grade inflammation is characterized by 
increased production of several inflammatory cytokines and adipokines and has been 
suggested to be an important pathophysiological mechanism underlying many of the 
adverse health effects of obesity (Gregor and Hotamisligil, 2011). In particular, the increase 
in inflammatory cytokines and adipokines is believed to disrupt insulin signalling and 
contribute to obesity-induced insulin resistance (Hotamisligil, 2017). 

Adipose tissue mainly consists of adipocytes but also harbours numerous immune cells, 
including macrophages. These macrophages are important for maintaining homeostasis in 
healthy adipose tissue, yet also contribute to the development of inflammation during 
obesity (Boutens and Stienstra, 2016). In lean states, adipose tissue macrophages mainly 
show anti-inflammatory phenotypes and are distributed evenly throughout the adipose 
tissue. In contrast, in obese adipose tissue, macrophages accumulate in so-called crown-
like structures around dead adipocytes and display a metabolically activated phenotype 
(Cinti et al., 2005; Lumeng, Bodzin and Saltiel, 2007; Xu et al., 2013). Metabolically activated 
macrophages form multiple intracellular lipid droplets and display distinct transcriptional 
profiles (Lumeng et al., 2008; Shapiro et al., 2013; Xu et al., 2013). These features reflect an 
attempt by macrophages to buffer excess lipids, which is adaptive in the lean state but 
becomes maladaptive in obese adipose tissue (Boutens and Stienstra, 2016). The lipid-laden 
macrophages observed in obese adipose tissue are reminiscent of the foamy macrophages 
present in atherosclerotic plaques. Although foam cell formation and adipose tissue 
inflammation are known to co-exist in obesity, the exact role of lipid droplet accumulation 
in adipose tissue macrophages in the development of obesity-induced adipose tissue 
inflammation and associated metabolic disturbances remains unclear.  

HILPDA (Hypoxia Inducible Lipid Droplet Associated) is a small lipid droplet-associated 
protein expressed in several tissues (Mattijssen et al., 2014). The expression of Hilpda is 
induced by different stimuli including hypoxia, beta-adrenergic activation, and PPAR 
transcription factors (Gimm et al., 2010; Mattijssen et al., 2014; Dijk et al., 2017). Gain and 
loss of function studies have shown that HILPDA promotes lipid deposition in hepatocytes, 
adipocytes, and macrophages (Gimm et al., 2010; Mattijssen et al., 2014; DiStefano et al., 
2015, 2016; Dijk et al., 2017; Maier et al., 2017). The mechanism by which HILPDA promotes 
lipid storage in cells has not been completely elucidated but evidence has been presented 
that HILPDA directly binds and inhibits adipose triglyceride lipase (ATGL) (Zhang et al., 2017; 
Padmanabha Das et al., 2018), consistent with the ability of HILPDA to inhibit lipolysis 
(DiStefano et al., 2015; Dijk et al., 2017). Interestingly, endothelial cell marker Tie2-Cre 
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driven deletion of Hilpda was found to decrease fatty acid and oxLDL-driven lipid droplet 
formation in macrophages, and reduce lesion formation and progression of atherosclerosis 
in Apoe-/- mice (Maier et al., 2017). 

Here, we aimed to determine the exact role of HILPDA in lipid storage in macrophages, and 
explore the potential causal relationship between lipid droplet accumulation in adipose 
tissue macrophages, and the development of adipose tissue inflammation and insulin 
resistance during obesity. 

  

 

Results 

Hilpda as gene of interest in obese adipose tissue 

To identify genes that may be able to modify lipid storage in adipose tissue macrophages, 
we searched for genes that are induced by lipids and upregulated in adipose tissue 
macrophages by obesity. To that end, we co-analyzed the transcriptomics data from three 
experiments: 1) adipose tissue macrophages isolated from obese versus lean mice, 2) 
mouse peritoneal macrophages treated with the fatty acid oleate, 3) mouse peritoneal 
macrophages treated with intralipid, a triglyceride emulsion. Scatter plot analysis identified 
Hilpda as a gene of particular interest (Fig 1A), as it was the only gene that was strongly 
upregulated in all three experiments. Moreover, Hilpda was the most highly induced gene 
in peritoneal macrophages by oleate. Consistent with a potential role for Hilpda in obese-
induced adipose tissue inflammation, transcriptome analysis indicated that Hilpda 
expression in adipose tissue is upregulated by high fat feeding in mice in parallel with 
macrophage and inflammatory markers, such as Ccl2 (MCP1), Cd68, and Itgax (Cd11c) (Fig 
1B), as confirmed by qPCR (Fig 1C). Immunohistochemistry of adipose tissue of obese mice 
indicated that HILPDA co-localized with adipose tissue macrophages in crown-like 
structures, thus supporting the expression of HILPDA in adipose tissue macrophages (Fig 
1D). Together, these data suggest that HILPDA may be implicated in obesity-induced 
adipose tissue inflammation and foam cell formation. 
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Hilpda in macrophages is responsive to lipids 

To further investigate the regulation of HILPDA by lipids, we treated RAW264.7 and primary 
peritoneal macrophages with fatty acids. Confirming the transcriptomics data, oleate 
markedly upregulated Hilpda mRNA in RAW264.7 and peritoneal macrophages (Fig 1E). 
Similarly, intralipid significantly induced Hilpda mRNA in both types of macrophages (Fig 
1F). The induction of HILPDA by intralipid in RAW264.7 and peritoneal macrophages was 
particularly evident at the protein level (Fig 1G). Hilpda was originally identified as hypoxia-
inducible gene 2 (Hig2) (Denko et al., 2000). Since hypoxic areas are characteristic of obese 
adipose tissue (Rausch et al., 2008), we tested the effect of a combination of intralipid and 
a chemical hypoxia mimic. Together, they synergistically increased Hilpda mRNA (Fig 1H). 

Macrophage-specific Hilpda deficiency impairs lipid droplet accumulation 

To study the effect of HILPDA on lipid storage in macrophages, we overexpressed HILPDA 
in RAW264.7 macrophages using an adenoviral vector (Fig 1I). Interestingly, the marked 
increase in HILPDA protein levels was not accompanied by any changes in lipid droplet 
accumulation, as visualized by Oil Red O staining (Fig 1J). These data indicate that 
overexpression of HILPDA in macrophages has no discernible effect on lipid storage. 

We next switched to bone-marrow derived macrophages (BMDMs) as a robust primary in 
vitro model. Similar to RAW264.7 and peritoneal macrophages, intralipid and chemical 
hypoxia synergistically upregulated Hilpda mRNA in BMDMs (Fig 2A). To be able to study 
the effects of HILPDA deficiency in macrophages, we generated mice with a myeloid-
specific Hilpda inactivation (HilpdaΔMΦ) by crossing Hilpdaflox/flox with mice expressing Cre-
recombinase driven by the LysM promoter. BMDMs obtained from HilpdaΔMΦ mice and 
their Hilpdaflox/flox littermates were lipid-loaded with a combination of oleate and palmitate 
for 12 hours to induce maximal lipid droplet formation. The Cre-mediated excision in 
BMDMs led to an approximate 80% reduction in Hilpda mRNA (Fig 2B) and a corresponding 
decrease in HILPDA protein (Fig 2C). Strikingly, staining of neutral lipids by BODIPY in 
BMDMs showed that lipid droplets were much less visible in fatty acid-loaded HilpdaΔMΦ 
than Hilpdaflox/flox macrophages (Fig 2D). Quantitative analysis indicated that the number of 
lipid droplets per cell and the size of the lipid droplets were significantly lower in HilpdaΔMΦ 
than in Hilpdaflox/flox macrophages (Fig 2E). This reduction of lipid droplets was confirmed by 
Oil Red O staining (Fig 2F). In addition, triglyceride levels were markedly decreased in fatty 
acid-loaded HilpdaΔMΦ compared to Hilpdaflox/flox macrophages (Fig 2G, Fig S1). Together, 
these data show that HILPDA deficiency in macrophages leads to a pronounced decrease in 
lipid storage. 
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Figure 1 Lipid-responsive Hilpda as gene of interest in obese adipose tissue. A: Transcriptomics co-analysis of 
ATMs isolated from C57Bl/6 mice fed a HFD versus a LFD, C57Bl/6 mouse peritoneal macrophages treated with 
oleate and C57Bl/6 Angptl4-/- mouse peritoneal macrophages treated with intralipid. B: Signal log ratio patterns of 
Hilpda, inflammatory genes and macrophage markers in gonadal adipose tissue of C57Bl/6 mice fed a HFD for 1, 
4, 8, 12 or 16 weeks. C: Gene expression of Hilpda, Cd68, Adgre1, Itgax, Ccl2 in gonadal adipose tissue of C57Bl/6 
mice fed a HFD for 20 weeks (LFD, n=8; HFD, n=10). D: Immunohistochemical staining of HILPDA in gonadal adipose 
tissue from C57Bl/6 mice fed a HFD for 20 weeks (representative data for n=10). Lower panel is without primary 
antibody. Hilpda mRNA expression in RAW264.7 and C57Bl/6 mouse peritoneal macrophages exposed to 250µM 
oleate (E) or 1mM intralipid (F) for 6h versus BSA (Cntl) or PBS. G: HILPDA protein levels in RAW 264.7 and 
peritoneal macrophages exposed to 1mM intralipid or PBS for 6h. ACTIN was used as loading control. H: Hilpda 
mRNA expression in RAW264.7 and C57Bl/6 mouse peritoneal macrophages exposed to 1mM intralipid or PBS in 
combination with normoxia or chemical hypoxia mimic induced by 100µM 2,2’-bipyridyl for 6h. I: HILPDA protein 
levels in RAW264.7 macrophages transduced with recombinant adenovirus expressing Gfp (AV-Gfp) or Hilpda (AV-
Hilpda) at a multiplicity of infection of 500 for 48 hours. J: Oil Red O staining of RAW264.7 macrophages transduced 
with AV-Gfp or AV-Hilpda, followed by lipid loading with 667µM oleate and 333µM palmitate or BSA for 24h. Bar 
graphs are presented as mean ±SEM (in vivo studies) or mean ±SD (in vitro studies). Statistical testing was 
performed by Student’s t-test or by two-way ANOVA followed by Bonferroni’s post hoc multiple comparisons test. 
The effect of treatment was significant in H. *P<0.05, **P≤0.01, ***P≤0.001. LFD: low fat diet, HFD: high fat diet. 
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Figure 2 Myeloid-specific HILPDA deficiency impairs lipid droplet formation. A: Hilpda mRNA expression in 
C57Bl/6 BMDMs exposed to 1mM intralipid or PBS, combined with normoxia or chemical hypoxia induced by 
100µM 2,2’-bipyridyl for 6h. Gene expression of Hilpda (B) and protein levels (C) of HILPDA in Hilpdaflox/flox and 
HilpdaΔMΦ BMDMs lipid loaded with 400µM oleate and 200µM palmitate (oleate:palmitate) or BSA (Cntl) for 12h 
(n = 3). HSP90 was used as loading control. BODIPY (D and E) and Oil Red O (F) staining in Hilpdaflox/flox and HilpdaΔMΦ 
BMDMs lipid loaded with oleate:palmitate or BSA (Cntl) for 24h. Data is shown from or is representative for at 
least three independent experiments. G: Triglyceride measurement in BMDMs from Hilpdaflox/flox and HilpdaΔMΦ 
lipid loaded with oleate:palmitate or BSA (Cntl) for 6 or 12h. See also Figure S1. Bar graphs are presented as mean 
±SD. Statistical testing was performed by Student’s t-test or by two-way ANOVA followed by Bonferroni’s post hoc 
multiple comparisons test. The effect of treatment was significant in B and G. *P<0.05, ***P≤0.001. OA:PA: 
oleate:palmitate, LD: lipid droplet. 
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HILPDA does not regulate fatty acid uptake or triglyceride synthesis 

We next explored potential mechanisms underlying the decreased lipid storage in HILPDA-
deficient macrophages. To determine if the reduction in lipid storage in HILPDA-deficient 
macrophages is due to decreased lipid uptake, we measured fatty acid uptake 6 and 35 min 
after addition of a mixture of oleate and BODIPY-labeled C12 (BODIPY FL). Confocal 
microscopy showed no difference in fluorescence intensity between HilpdaΔMΦ and 
Hilpdaflox/flox macrophages at 6 and 35 min (Fig 3A), which was corroborated by quantitative 
image analysis (Fig 3B), indicating that HILPDA deficiency did not influence fatty acid uptake. 
Expression of the fatty acid transporter Cd36 was comparable in HilpdaΔMΦ and Hilpdaflox/flox 
macrophages (Fig 3C). In addition, the early induction of gene expression by fatty acids was 
not different between HilpdaΔMΦ and Hilpdaflox/flox macrophages, regardless of whether the 
fatty acids were provided as free fatty acids (Fig 3D), or intralipid (Fig S2), clearly indicating 
that HILPDA does not regulate fatty acid uptake. Accordingly, we hypothesized that HILPDA 
may have two—not necessarily mutually exclusive—functions: 1) Activator of fatty acid 
esterification, and/or 2) Inhibitor of triglyceride lipolysis. If HILPDA acts by activating fatty 
acid esterification in macrophages, suggested before by Maier et al. (Maier et al., 2017), it 
would be expected that HILPDA deficiency leads to accumulation of intermediates in the 
triglyceride synthesis pathway. To explore that possibility, we performed shotgun 
lipidomics on HilpdaΔMΦ and Hilpdaflox/flox BMDMs loaded with oleate:palmitate for 24h. 
Partial least squares discriminant analysis clearly separated the two genotypes (Fig 3E), 
indicating that the lipidomics profiles of HilpdaΔMΦ and Hilpdaflox/flox macrophages are very 
distinct. Volcano plot analysis indicated that while a number of lipids were increased in 
HilpdaΔMΦ macrophages, the majority of lipids were reduced (Fig 3F). Indeed, levels of 
phosphatidic acids, diacylglycerols, and triglycerides were significantly decreased in 
HilpdaΔMΦ versus Hilpdaflox/flox macrophages (Fig 3G), as were cholesteryl-esters, while 
lysophosphatidic acids were hardly detectable. The decrease in triglycerides and 
diacylglycerols was accounted for by the major subspecies within each lipid class (Fig 3H). 
These data suggest that HILPDA probably does not regulate the fatty acid esterification 
pathway in macrophages. 

 

HILPDA regulates lipid droplet mobilization through ATGL inhibition 

To further investigate the molecular basis for the decreased lipid storage in HILPDA-
deficient macrophages, we determined the trafficking of lipids after loading with a mixture 
of oleate and BODIPY FL for either 5 or 24 hours. Strikingly, after lipid loading Hilpdaflox/flox 
macrophages for 5 hours, the BODIPY FL had largely accumulated in lipid droplets, whereas 
in HilpdaΔMΦ macrophages, the BODIPY FL was mainly distributed throughout the ER and 
showed only minor presence in lipid droplet-like structures (Fig 4A). After lipid loading for 
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24 hours, the size and number of lipid droplets had further increased in Hilpdaflox/flox 
macrophages, whereas in HilpdaΔMΦ macrophages, the lipid droplet-like structures that had 
initially formed at 5h were no longer visible (Fig 4A). These data indicate that HilpdaΔMΦ 
BMDMs, while being able to take up similar amounts of fatty acids as Hilpdaflox/flox BMDMs, 
are unable to retain them in lipid droplets. 

Using various biochemical and cellular assays, we and others previously found that HILPDA 
is able to inhibit ATGL, the rate-limiting enzyme for lipolysis (Zhang et al., 2017; 
Padmanabha Das et al., 2018). However, it is unclear whether HILPDA is a physiological 
regulator of ATGL in macrophages. To investigate if the decrease in lipid droplet and 
triglyceride accumulation in HilpdaΔMΦ macrophages is due to enhanced ATGL-mediated 
lipolysis, we loaded HilpdaΔMΦ and Hilpdaflox/flox BMDMs with oleate:palmitate in the 
presence of Atglistatin, a small-molecule inhibitor of ATGL (Mayer et al., 2013). Strikingly, 
inhibiting ATGL markedly increased lipid droplets in HilpdaΔMΦ BMDMs (Fig 4B), almost 
completely rescuing the HilpdaΔMΦ phenotype. Quantitative analysis showed that the lipid 
droplet surface area was not significantly affected by Atglistatin in Hilpdaflox/flox BMDMs and 
markedly induced by Atglistatin in HilpdaΔMΦ BMDMs (Fig S3A). Similarly, the defective 
retention of BODIPY FL in lipid droplets in HilpdaΔMΦ macrophages was almost completely 
abolished by Atglistatin (Fig 4C, Fig S3B). These studies indicate that the decrease in lipid 
droplet and triglyceride accumulation in HilpdaΔMΦ macrophages is caused by accelerated 
lipid droplet breakdown via enhanced ATGL-mediated lipolysis. Our data thus suggest that 
HILPDA functions as a potent endogenous inhibitor of ATGL in macrophages. 

To determine whether HILPDA may influence the abundance of ATGL and other lipid 
droplet-associated proteins in macrophages, we performed Western blot on HilpdaΔMΦ and 
Hilpdaflox/flox BMDMs loaded with oleate:palmitate for 24h. As expected, lipid loading 
increased HILPDA levels, as well as PLIN3 levels (Fig 4D). Remarkably, ATGL levels were 
markedly higher in HilpdaΔMΦ than Hilpdaflox/flox BMDMs, suggesting that HILPDA not only 
inhibits ATGL but also decreases ATGL protein levels. G0S2 protein levels, despite being 
difficult to detect, were also higher in HilpdaΔMΦ than Hilpdaflox/flox BMDMs. 

 

Figure 3 HILPDA does not regulate fatty acid uptake or triglyceride synthesis. A: Confocal microscopy of 
Hilpdaflox/flox and HilpdaΔMΦ BMDMs incubated with BODIPY FL for 6 or 35 minutes. B: Fluorescence quantification 
reflecting fatty acid uptake. C: Cd36 mRNA in Hilpdaflox/flox and HilpdaΔMΦ BMDMs. D: Gene expression of Hilpda, 
Ddit3, Ptgs2 and Plin2 in BMDMs from Hilpdaflox/flox and HilpdaΔMΦ lipid loaded with oleate:palmitate or BSA (Cntl) 
for 6h, (n=3). See also figure S2. Partial least square discriminant analysis (E), volcano plot analysis (F), differences 
in abundancy of CE, DAG, PA, TAG and total lipid species (G) and heatmap of most abundant DG and TG species 
(H) based on shotgun lipidomics on Hilpdaflox/flox and HilpdaΔMΦ BMDMs loaded with oleate:palmitate for 24h. Bar 
graphs are presented as mean ±SD. Statistical testing was performed by Student’s t-test or by two-way ANOVA 
followed by Bonferroni’s post hoc multiple comparisons test. The effect of treatment was significant in C. *P<0.05, 
***P≤0.001. SLR, signal log ratio. 
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Figure 4 HILPDA regulates lipid droplet mobilization through ATGL inhibition. A: Fatty acid trafficking in 
Hilpdaflox/flox and HilpdaΔMΦ BMDMs lipid loaded with oleate and BODIPY FL for 5 or 24h. B: BODIPY staining in 
Hilpdaflox/flox and HilpdaΔMΦ BMDMs lipid loaded with oleate:palmitate for 24h, treated with 20µM Atglistatin or 
vehicle. C: Fatty acid trafficking in Hilpdaflox/flox and HilpdaΔMΦ BMDMs lipid loaded with oleate and BODIPY FL for 
24h, treated with 20µM Atglistatin or vehicle. D. Protein expression of selected lipid droplet-associated proteins 
in Hilpdaflox/flox and HilpdaΔMΦ BMDMs lipid loaded with oleate:palmitate or BSA for 12h. See also figure S3. LD: lipid 
droplet. 

 

 

HILPDA deficiency promotes respiration 

It could be expected that if lipolysis is enhanced, the free fatty acid levels in the cell may 
rise, thereby stimulating fatty acid-dependent gene regulation. Consistent with this notion, 
the expression of fatty acid-inducible Gdf15, Cpt1a and Il7r was significantly higher in lipid-
loaded HilpdaΔMΦ than Hilpdaflox/flox BMDMs (Fig 5A). To analyze this further, we performed 
transcriptomics on HilpdaΔMΦ and Hilpdaflox/flox BMDMs loaded with oleate:palmitate for 24h 
and co-analyzed the data together with a transcriptomics dataset of Robblee et al. on wild-
type BMDMs loaded with stearate for 20h (Robblee et al., 2016), as well as with the 
transcriptomics dataset of adipose tissue macrophages from obese and lean mice. In line 
with enhanced fatty acid-dependent gene regulation in Hilpda-deficient macrophages, 
genes that were highly upregulated after stearate in wild-type BMDMs, such as Gdf15, Il7r 
and Ddit3, were also higher in fatty acid loaded HilpdaΔMΦ than Hilpdaflox/flox BMDMs (Fig 
5B). In addition, pro-inflammatory genes such as Ccl2 and Il1b were downregulated by 
stearate in wild-type BMDMs and were also lower in fatty acid-loaded HilpdaΔMΦ compared 
to Hilpdaflox/flox BMDMs. Interestingly, genes induced by obesity in adipose tissue 
macrophages, such as Lpl, Lipa, and Itgax, were only weakly regulated by stearate and by 
HILPDA deficiency, suggesting distinct regulatory mechanisms (Fig 5B).  

Of the 6600 genes that passed the expression threshold, only 49 were induced more than 
2-fold in fatty acid-loaded HilpdaΔMΦ compared to Hilpdaflox/flox BMDMs. The limited effect 
of impaired triglyceride retention in HilpdaΔMΦ BMDMs suggests that the excess fatty acids 
may be disposed of, for instance by enhanced oxidation. To explore that option, cellular 
respiration was determined in fatty acid-loaded HilpdaΔMΦ and Hilpdaflox/flox BMDMs. As a 
marker for oxidative phosphorylation, oxygen consumption of fatty acid-loaded HilpdaΔMΦ 
and Hilpdaflox/flox BMDMs was measured by extracellular flux analysis during a mitochondrial 
stress test (Fig 5C). After 6 hours of oleate:palmitate loading, basal and maximal respiration 
were slightly lower in HilpdaΔMΦ than Hilpdaflox/flox BMDMs (Fig 5D). Remarkably, however, 
after 24h fatty acid loading, basal and maximal respiration were significantly higher in 
HilpdaΔMΦ compared to Hilpdaflox/flox BMDMs (Fig 5D), indicating an increased maximal 
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oxidative capacity. These data suggest that the enhanced lipolysis in HilpdaΔMΦ BMDMs is 
accompanied by increased fatty acid oxidation through oxidative phosphorylation. 

Next we tested whether HILPDA might influence lipid droplet accumulation in macrophages 
in adipose tissue. To mimic the adipose environment in vitro, BMDMs were treated with 
conditioned medium of adipose tissue explants. Adipose-conditioned medium markedly 
increased Hilpda expression, along with that of several other lipid sensitive genes, such as 
Plin2, Cd36 and Angptl4 (Fig 5E). Consistent with our previous studies with fatty acid-loaded 
macrophages, HilpdaΔMΦ BMDMs incubated with adipose-conditioned medium showed 
substantially reduced BODIPY staining compared with Hilpdaflox/flox BMDMs (Fig 5F). These 
data suggest that HILPDA may also influence lipid droplet accumulation in macrophages in 
adipose tissue. 
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Figure 5 Lack of ATGL inhibition by HILPDA does not affect lipid-induced inflammation, but increases oxidative 
respiration. A: Gene expression of Gdf15, Cpt1a, Il7r and Fabp4 in Hilpdaflox/flox and HilpdaΔMΦ BMDMs lipid loaded 
with oleate:palmitate or BSA (Cntl) for 12h (n=3). B: Microarray-based gene expression of relevant genes in WT 
C57Bl/6 mouse BMDMs loaded with stearate (250µM) for 20h, HilpdaΔMΦ BMDMs loaded with oleate:palmitate 
for 24h and adipose tissue macrophages isolated from mice fed a HFD vs LFD. Oxygen consumption rate of 
Hilpdaflox/flox and HilpdaΔMΦ lipid loaded with oleate:palmitate or BSA (cntl) for 6 or 24h (C) and corresponding basal 
and maximal respiration levels (D). Data are representative of three independent experiments. Gene expression 
levels of Hilpda, Plin2, Angptl4 and Cd36 in C57Bl/6 mouse BMDMs loaded with adipose-conditioned medium (CM) 
or control medium (cntl) for 6h (E) and BODIPY staining after loading with CM for 24h (F) (n=3). Bar graphs are 
presented as mean ±SD. Statistical testing was performed by Student’s t-test or by two-way ANOVA followed by 
Bonferroni’s post hoc multiple comparisons test. The effect of treatment was significant in A and D. *P<0.05, 
**P≤0.01, ***P≤0.001. FA: fatty acid loading with oleate:palmitate. SLR, signal log ratio. 

 

 

Myeloid-specific deficiency of Hilpda decreases lipid droplets in ATMs without altering 
adipose tissue inflammation 

To enable studying the effect on HILPDA deficiency in macrophages in vivo, we used 
HilpdaΔMΦ mice and their Hilpdaflox/flox littermates. As expected, myeloid-specific 
inactivation of Hilpda significantly decreased Hilpda expression in the stromal vascular 
fraction of adipose tissue, but not in the adipocyte fraction (Fig 6A). To test the functional 
consequences of macrophage HILPDA deficiency in the context of obesity-induced adipose 
tissue inflammation and foam cell formation, HilpdaΔMΦ mice and their Hilpdaflox/flox 
littermates were rendered obese and insulin resistant by high fat feeding for 20 weeks, 
using a low fat diet as control. Bodyweight gain (Fig 6B), feed intake (Fig 6C), and liver and 
adipose tissue weights (Fig 6D) were not different between HilpdaΔMΦ and Hilpdaflox/flox 
littermates. Consistent with the data shown in Fig 1C, high fat feeding increased Hilpda 
mRNA in adipose tissue. Interestingly, the relative increase in Hilpda mRNA was 
considerably lower in HilpdaΔMΦ than in Hilpdaflox/flox adipose tissue (Fig 6E), suggesting that 
the increase in Hilpda expression by high fat feeding is mainly driven by its expression in 
macrophages. Immunoblot for HILPDA confirmed this notion by showing markedly reduced 
HILPDA protein levels in HilpdaΔMΦ versus Hilpdaflox/flox adipose tissue (Fig 6F). 

Based on the studies in BMDMs, we hypothesized that lipid accumulation would be reduced 
in adipose tissue macrophages from HilpdaΔMΦ mice compared to Hilpdaflox/flox mice. Indeed, 
Oil Red O staining showed significantly lower lipid droplet content in adipose tissue 
macrophages isolated from HFD-fed HilpdaΔMΦ mice compared with HFD-fed Hilpdaflox/flox 
mice (Fig 7A, B). Interestingly, however, the decrease in lipid droplets was not associated 
with any change in the secretion of the classical inflammatory cytokines IL6 and TNFα (Fig 
7C). These data indicate that HILPDA deficiency reduces lipid accumulation in adipose tissue 
macrophages but does not have any effect on their ex vivo inflammatory properties. 
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To investigate the potential impact of macrophage HILPDA on adipose tissue inflammation 
in vivo, we performed flow cytometry analysis of the stromal vascular fraction isolated from 
the adipose tissue of the various groups of mice. The results showed an increased 
percentage of populations of CD45+, CD11b+CD206+ and CD11b+CD11c+ cells by high fat 
feeding, but no clear differences in the percentages of these populations between 
HilpdaΔMΦ and Hilpdaflox/flox mice (Fig 7D). To further examine the influence of macrophage 
HILPDA deficiency on inflammation in adipose tissue, we determined the expression of 
selected genes. Interestingly, mRNA levels of both inflammatory macrophage marker Itgax 
(Cd11c) and general macrophage marker Cd68 were significantly lower in adipose tissue of 
HilpdaΔMΦ mice versus Hilpdaflox/flox mice fed a HFD (Fig 7E), while the general macrophage 
marker Adgre1 (F4/80) showed a trend towards a decreased expression (Fig S4). Despite 
being induced by high fat feeding, adipose expression of other pro- or anti-inflammatory 
genes, such as Gdf15, Il10, Arg1, Ccl2 and Il1ra, was not significantly different between 
HilpdaΔMΦ and Hilpdaflox/flox mice (Fig S4). Expression of Adipoq and Leptin also was not 
different between HilpdaΔMΦ and Hilpdaflox/flox mice (Fig S4). 

To further investigate the inflammatory status of adipose tissue, the density of crown-like 
structures was determined in adipose tissue of HilpdaΔMΦ and Hilpdaflox/flox mice fed a HFD. 
A trend towards lower density was found in the HilpdaΔMΦ mice (Fig 7F), which, however, 
did not reach statistical significance (Fig 7G). Additionally, we measured the ex vivo release 
of cytokines from adipose tissue explants. While high fat feeding stimulated the release of 
IL10 and IL6, no significant difference in IL10 and IL6 release was observed between adipose 
tissue explants from HilpdaΔMΦ and Hilpdaflox/flox mice (Fig 7H). 

Finally, to determine whether macrophage HILPDA deficiency has any influence on obesity-
induced metabolic derailments, we measured plasma metabolic parameters and assessed 
glucose tolerance in HilpdaΔMΦ and Hilpdaflox/flox mice fed the low and high fat diets. High fat 
feeding significantly increased plasma levels of cholesterol, triglycerides, glucose, non-
esterified fatty acids, leptin, and insulin (Fig S5). However, no difference in these 
parameters were observed between HilpdaΔMΦ and Hilpdaflox/flox mice, either on a low or 
high fat diet (Fig S5). Similarly, although high fat feeding caused a marked decrease in 
glucose tolerance, no differences were observed between HilpdaΔMΦ and Hilpdaflox/flox mice 
(Fig 7I). 

Collectively, our data indicate that myeloid-specific HILPDA deficiency reduces lipid droplet 
accumulation in adipose tissue macrophages, yet does not influence the inflammatory 
status of adipose tissue, nor does it have any effect on obesity-induced metabolic 
complications. 
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Figure 6 Hilpda deficiency in myeloid cells results in a decrease in HILPDA in gWAT after high fat feeding, without 
influencing body and organ weight. A: Relative gene expression of Hilpda in whole gWAT, stromal vascular fraction 
and adipocyte fraction of Hilpdaflox/flox and HilpdaΔMΦ (n=3-7). Body weight (B), feed intake (C) and weight of liver, 
iWAT, gWAT and BAT (D) in Hilpdaflox/flox and HilpdaΔMΦ mice fed a LFD or HFD for 20 weeks. Hilpda gene expression 
in gWAT (E) and HILPDA protein expression in gWAT (F). Bar graphs are presented as mean ±SEM, (n = 10-12 mice 
per group). Statistical testing was performed by Student’s t-test or by two-way ANOVA followed by Bonferroni’s 
post hoc multiple comparisons test. The effect of diet was significant in C, D and E. *P<0.05, ***P≤0.001. WAT: 
white adipose tissue, SVF: stromal vascular fraction, LFD: low fat diet, HFD: high fat diet, iWAT: inguinal adipose 
tissue, gWAT: gonadal adipose tissue, BAT: brown adipose tissue. 
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Figure 7 Myeloid-specific deficiency of Hilpda decreases lipid droplets in ATMs without altering adipose tissue 
inflammation or glucose tolerance. Oil red O staining of adipose tissue macrophages isolated from Hilpdaflox/flox 
and HilpdaΔMΦ mice fed a HFD for 20 weeks (A and B). Data are mean ±SD. C: Corrected TNFα and IL6 secretion of 
adipose tissue macrophages from Hilpdaflox/flox and HilpdaΔMΦ mice fed a HFD for 20 weeks (n=10-12 per group, 
pooled per 3-4). D: Flow cytometry based percentages of CD45+, CD45+F4/80+, CD11b+CD206+ and 
CD11b+CD11c+ populations in the SVF of gWAT from Hilpdaflox/flox and HilpdaΔMΦ mice (n=10-12, pooled per 3-4). 
Gene expression of Itgax, Adgre1, Cd68, Ccl2, Il10, Il1ra (E), see also figure S4. Density of CLSs in gWAT coupes 
stained for F4/80 (F and G, only for HFD) and secretion of IL6 and IL10 (H) in gWAT explants (n=10-12 per group). 
I: Glucose tolerance test after 18 weeks of LFD or HFD feeding, see also figure S5. Bar graphs are presented as 
mean ±SEM, (n=10-12 mice per group). Statistical testing was performed by Student’s t-test or by two-way ANOVA 
followed by Bonferroni’s post hoc multiple comparisons test. The effect of diet was significant in D, E, H and the 
AUCs of I. *P<0.05, **P≤0.01, ***P≤0.001. LFD: low fat diet, HFD: high fat diet, CLS: crown-like structure, AUC: 
Area under the curve.  
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Discussion 

Here we show that HILPDA deficiency in macrophages disrupts stable lipid droplet 
formation after lipid loading. The reduction in lipid droplets is caused by impaired retention 
of lipids due to elevated ATGL-mediated lipolysis, which in turn is associated with increased 
oxidative metabolism (Fig S6). Overall, our data demonstrate that HILPDA is an endogenous 
and physiological inhibitor of ATGL in macrophages. Strikingly, despite reducing lipid 
storage in adipose tissue macrophages, HILPDA deficiency in macrophages does not alter 
the inflammatory status of adipose tissue in diet-induced obesity, arguing against the 
notion that lipid droplet accumulation in adipose tissue macrophages promotes adipose 
tissue inflammation and associated metabolic complications such as insulin resistance. 

During obesity, macrophages infiltrate the adipose tissue and take up adipocyte-released 
lipids. The resulting lipid-laden macrophages are found in crown-like structures in murine 
and human obesity (Lumeng et al., 2008; Prieur et al., 2011; Shapiro et al., 2013). These 
macrophages form a distinct subpopulation with a characteristic activation that is likely 
triggered by the adipocyte-released lipids (Kratz et al., 2014; Coats et al., 2017; Hill et al., 
2018). Inasmuch as lipid droplet formation often serves as a cytoprotective mechanism to 
prevent lipotoxicity by lipid intermediates or free fatty acids (Saraswathi and Hasty, 2009), 
it could be hypothesized that the enhanced lipid droplet breakdown in HILPDA-deficient 
macrophages may result in elevated inflammation. However, HILPDA deficiency not only 
reduced intracellular triglyceride levels but also the levels of potentially lipotoxic 
intermediates, such as diacylglycerols, likely via enhanced fatty acid oxidation, which may 
be predicted to lead to reduced inflammation (Namgaladze and Brüne, 2016). Intriguingly, 
however, no clear effect of HILPDA deficiency was observed on cytokine release by adipose 
tissue macrophages, on the percentage of different macrophage populations in adipose 
tissue, on inflammatory gene expression in adipose tissue, and on cytokine release by 
adipose tissue explants. Also, genes typically elevated in adipose tissue macrophages of 
obese mice, such as Lipa, Lpl, and Itgax, were not induced by fatty acid loading or altered 
by HILPDA deficiency. The data argue against the notion that excessive lipid droplet 
accumulation in adipose tissue macrophages is the major driver of adipose tissue 
inflammation and of the composition of macrophage populations in obese adipose tissue. 
Rather, the unique profile of adipose tissue macrophages may be determined by other 
factors active in the obese adipose tissue environment, the identity of which requires 
further study.  

As indicated above, HILPDA-deficient macrophages exhibited a marked decrease in 
intracellular levels of all the major lipid species, including triglycerides, diacylglycerols, 
phosphatidic acids, and cholesteryl-esters, likely due to enhanced fatty acid oxidation. 
Previously, a strong link was made between ATGL activity and fatty acid oxidation in liver 
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and heart. It was found that ATGL-mediated lipolysis activates a transcriptional network 
involving PGC-1α/PPAR-α that controls fatty acid oxidation and mitochondrial biogenesis 
(Reid et al., 2008; Sapiro et al., 2009; Haemmerle et al., 2011; Ong et al., 2011). Accordingly, 
it is likely that the loss of ATGL inhibition is directly responsible for the enhanced oxidative 
capacity, reducing the total intracellular lipid levels. In general, increased lipolysis and 
increased oxidative respiration are two traits essential for macrophage polarization towards 
alternative, M2-like phenotypes, which may be protective in the context of adipose tissue 
inflammation (Huang et al., 2014; Van den Bossche et al., 2016; Jung et al., 2018). In our 
experiments, increased oxidative respiration seemed a mere consequence following 
overactive ATGL-mediated lipolysis, and did not contribute to any anti-inflammatory 
effects. Although increased oxidation of fatty acids is often proposed as an alternative 
cytoprotective pathway in lipid-laden macrophages, the interplay between fatty acid 
oxidation, concomitant ROS formation, and ER stress complicates this mechanism 
(Namgaladze and Brüne, 2016).  

Apart from fatty acid oxidation, ATGL has also been linked to the autophagic degradation 
of lipid droplets, termed lipophagy (Sathyanarayan, Mashek and Mashek, 2017). It was 
suggested that ATGL acts as a signaling node to promote lipophagy, which then controls 
bulk lipid droplet breakdown. Whether HILPDA, via ATGL, connects to lipophagy requires 
further study. 

In contrast to the cytoprotective effect of normal lipid droplet formation, the adverse 
effects of excessive triglyceride storage becomes apparent in ATGL-/- macrophages, 
underlining the importance of functional ATGL in macrophages (Chandak et al., 2010; Aflaki, 
Balenga, et al., 2011; Aflaki, Radović, et al., 2011; Aflaki et al., 2012). Indeed, the elevated 
triglyceride accumulation in ATGL-/- macrophages is accompanied by mitochondrial 
dysfunction and apoptosis, ER stress, reduced macrophage migration, and decreased 
phagocytosis ability (Chandak et al., 2010; Aflaki, Balenga, et al., 2011; Aflaki, Radović, et 
al., 2011; Aflaki et al., 2012), suggesting that proper macrophage function is dependent on 
the liberation of free fatty acids from intracellular triglyceride stores. The ATGL-mediated 
release of fatty acids is also necessary for the production of lipid mediators, at least in 
neutrophils (Schlager et al., 2015). Similar to ATGL-/- macrophages, macrophages deficient 
in the ATGL activator CGI-58 (a.k.a. ABHD5) also have elevated lipid storage and decreased 
phagocytic capacity, yet show no signs of mitochondrial apoptosis and ER stress, suggesting 
that triglyceride accumulation per se does not drive mitochondrial dysfunction (Goeritzer 
et al., 2014). Our data show that HILPDA deficiency, despite leading to markedly reduced 
lipid storage, raises markers of ER stress, suggesting that triglyceride storage protects 
against lipid-induced ER stress. Presumably, the mechanism leading to ER stress is different 
in HILPDA-deficient macrophages as compared with ATGL/CGI-58-deficient macrophages. 
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HILPDA was initially identified in a screen for hypoxia-inducible genes in human cervical 
cancer cells and was later found to be associated with lipid droplets (Denko et al., 2000; 
Gimm et al., 2010). We identified Hilpda as a novel PPARα target gene in liver (Mattijssen 
et al., 2014). In addition, Hilpda is well expressed in adipocytes (DiStefano et al., 2016; Dijk 
et al., 2017). Several studies have shown that overexpression of Hilpda increases 
intracellular lipid storage in cells (Gimm et al., 2010; Mattijssen et al., 2014; Dijk et al., 
2017). In the present study, Hilpda emerged from a screen for genes elevated by obesity in 
adipose tissue macrophages and upregulated in macrophages by fatty acids. Induction of 
HILPDA by fatty acids and subsequent inhibition of triglyceride hydrolysis is likely part of a 
lipid buffering effort of the cell to effectively store excess energy and neutralize the 
potentially reactive free fatty acids (Fig S6). 

The observation that the decrease in lipid storage in HILPDA-deficient macrophages can be 
almost completely abolished by inhibition of ATGL indicates that HILPDA is an endogenous 
inhibitor of ATGL in macrophages, which is in line with previous data showing direct 
inhibition of ATGL by HILPDA (Zhang et al., 2017; Padmanabha Das et al., 2018). Intriguingly, 
HILPDA reduced ATGL protein levels in BMDMs, which supports our previous finding that 
HILPDA reduces ATGL protein levels in 3T3-L1 adipocytes (Dijk et al., 2017). It can be 
hypothesized that binding of HILPDA to ATGL might destabilize it, leading to enhanced ATGL 
degradation. This option should be investigated in future experiments. Of note, our 
observation that forced upregulation of HILPDA levels in macrophages does not noticeably 
increase lipid droplet accumulation suggests that inhibition of ATGL is nearly maxed out in 
lipid-loaded macrophages. 

The inhibition of ATGL by HILPDA is analogous to the inhibition by G0/G1 switch gene 2 
(G0S2), with which HILPDA shares extensive sequence homology (Yang et al., 2010; Zhang 
et al., 2017; Padmanabha Das et al., 2018). However, the inhibitory potency of HILPDA was 
low compared to G0S2, which raised questions on the physiological relevance of HILPDA as 
ATGL inhibitor. Our studies demonstrate that HILPDA is a potent endogenous inhibitor of 
ATGL-mediated lipolysis in macrophages. A number of questions emerge from this work. 
First, why does HILPDA, despite allegedly being a much weaker ATGL inhibitor than G0S2, 
have such a marked influence on lipid storage in macrophages? We hypothesize that 
HILPDA may require an interaction with an auxiliary factor for full activity. Further research 
is necessary to identify the mechanism for the differential potency of HILPDA in cell-free 
systems compared to live cells. Second, what is the reason for having two related ATGL 
inhibitors? Although our preliminary data suggest that HILPDA is much more abundant in 
BMDMs than G0S2, it seems that at least in certain cells, such as cultured hepatocytes, 
HILPDA and G0S2 co-exist. Inasmuch as HILPDA and G0S2 are induced by different stimuli, 
they may be active under different circumstances. So far there is no evidence for any 
functional dependency between the two proteins. Further research is necessary to better 
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characterize the relationship and relative roles of these two homologous proteins in 
different cell types.  

In conclusion, our data demonstrate that HILPDA is a lipid-inducible physiological inhibitor 
of ATGL-mediated lipolysis in macrophages. In obese mice, HILPDA uncouples lipid droplet 
accumulation in adipose tissue macrophages from inflammation and metabolic 
dysregulation. Overall, our data question the importance of lipid storage in adipose tissue 
macrophages in obesity-induced inflammation and metabolic dysregulation. 
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Star methods 

Lead contact and materials availability 

Further information and requests for resources should be directed to and will be fulfilled 
by the Lead Contact, Sander Kersten (sander.kersten@wur.nl). This study did not generate 
new unique reagents. 

 

Experimental model and subject details 

Animal studies 

Studies were performed using purebred wildtype C57BL/6 mice, HilpdaΔMΦ mice and their 
Hilpdaflox/flox littermates. Hilpdaflox/flox were acquired (Jackson Laboratories, Bar Harbor, ME; 
Hilpdatm1.1Nat/J, JAX: #017360, RRID: MGI:5285399) and backcrossed onto a C57Bl/6 
background in our facility for at least 5 generations. LysM-Cre transgenic mice (B6.129P2-
Lyz2tm1(cre)Ifo/J, JAX:#004781, RRID: IMSR_JAX:004781) were acquired from Jackson 
laboratories. Prior to arrival at Jackson laboratories, the lysM-Cre transgenic mice have 
been backcrossed onto a C57BL/6 background for at least six generations. In our facility, 
the Hilpdaflox/flox were crossed with lysM-Cre transgenic mice to generate mice with a 
mature myeloid cell-specific Cre-mediated deletion of Hilpda on a C57BL/6 background. The 
identity of the C57BL/6 background strain was not confirmed by sequencing. Mice were 
individually housed under normal light-dark cycles in temperature- and humidity-controlled 
specific pathogen-free conditions. Mice had ad libitum access to food and water. The 
experimenter was blinded to group assignments during all analyses. For in vivo studies, 
male mice were used with an age of 9-12 weeks. For the isolation of primary cell cultures, 
both male and female mice were used with an age of 8-12 weeks. All animal experiments 
were approved by the local animal welfare committee of Wageningen University 
(AVD104002015236, 2016.W-0093.001). 

 

Cell lines and primary cultures 

RAW264.7 macrophage cells (Cat#91062702; RRID: CVCL_0493, Sigma-Aldrich, Darmstadt, 
Germany) and bone-marrow derived macrophages were cultured in Dulbecco’s modified 
Eagle’s medium (DMEM, Corning, NY, USA), supplemented with 1% penicillin/streptomycin 
(P/S, Corning). Adipose tissue macrophages and peritoneal macrophages were cultured in 
Roswell Park Memorial Institute (RPMI)-1630 medium (Lonza, Basel, Zwitserland) 
supplemented with 10% FCS and 1% P/S. All cells were kept in incubators at 37°C/5% CO2. 
Primary cell cultures were isolated from male and female wildtype C57Bl/6, HilpdaΔMΦ and 
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Hilpdaflox/flox mice aged 8-12 weeks. RAW264.7 macrophages were purchased as 
authenticated cell line from Sigma-Aldrich. 

 

Method details 

Mouse studies 

Per genotype, 12 male HilpdaΔMΦ mice aged 9-12 weeks or their male Hilpdaflox/flox 
littermates were randomly allocated using an online randomisation tool to either a 
standardized high fat diet or a low fat diet (formula D12451 and formula D12450H 
respectively, Research Diets, New Brunswick, USA; γ-irradiated with 10-20 kGy) for 20 
weeks. Body weight and feed intake were assessed weekly. At the end of the study, mice 
were anaesthetised with isoflurane and blood was collected via orbital puncture in tubes 
containing EDTA (Sarstedt, Nümbrecht, Germany). Subsequently, mice were immediately 
euthanized by cervical dislocation, after which tissues were excised, weighed and frozen in 
liquid nitrogen or prepared for histology. Frozen samples were stored at -80°C. 

 

Intraperitoneal glucose tolerance test 

In the HFD-LFD study, an intraperitoneal glucose tolerance test was performed after 18 
weeks. Mice were fasted for 5 hours and blood was collected via tail bleeding at 0, 15, 30, 
45, 60, 90 and 120 minutes after i.p. injection of 1g/kg bodyweight glucose (Baxter, 
Deerfield, IL, USA). Blood glucose was measured with a GLUCOFIX Tech glucometer and 
glucose sensor test strips (GLUCOFIX Tech, Menarini Diagnostics, Valkenswaard, The 
Netherlands). A time point of 150 minutes after injection of glucose was added for the high 
fat diet fed groups.  

 

Plasma measurements 

Blood collected in EDTA tubes was spun down for 15 minutes at 5000 RPM at 4°C. Plasma 
was aliquoted and stored at -80°C until measurement of cholesterol (Liquicolor, Human 
GmbH, Wiesbaden, Germany), triglycerides (Liquicolor), glucose (Liquicolor), NEFAs (NEFA-
HR set R1, R2 and standard, WAKO Diagnostics, Instruchemie, Delfzijl, The Netherlands), 
adiponectin (ELISA duoset kit, R&D Systems, Bio-techne, MN, USA), leptin (ELISA duoset kit, 
R&D Systems) and insulin (ultra-sensitive mouse insulin ELISA kit, Crystal Chem Inc., IL, USA) 
following manufacturer’s instructions. 
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gWAT explants and adipose macrophage isolation 

For SVF, adipocytes and adipose tissue macrophages isolation, gonadal adipose tissue 
(gWAT) was collected and kept in with DMEM supplemented with 1% P/S and 1% FFA-free 
Bovine Serum Albumin (BSA fraction V, Roche via Merck, Darmstadt, Germany) on ice. 
gWAT explants were taken into culture for 24h in DMEM, supplemented with 10% fetal calf 
serum (FCS, BioWest, Nuaillé, France) and 1% P/S. Supernatant was stored for ELISA 
measurements or as conditioned medium. For high fat diet groups, the stromal vascular 
fractions were isolated by digesting gWAT for 45 minutes in Roswell Park Memorial Institute 
(RPMI)-1630 medium (Lonza, Basel, Zwitserland) supplemented with 10% FCS, 1% P/S, 0.5% 
FFA-free BSA, 1M CaCl2, 1M HEPES and 0.15% collagenase (from Clostridium histolyticum, 
Sigma-Aldrich, Cat#C6885; CAS: 9001-12-1). Per three mice of the same group, gWAT was 
pooled after digestion, filtered through a 100µm cell strainer and centrifuged at 200g for 
10 min. Floating mature adipocytes were removed and stored separately and stromal 
vascular pellet was resuspended in erythrocyte lysis buffer and subsequently washed twice 
in phosphate buffered saline (PBS, Corning) supplemented with 0.5% FFA-free BSA and 
2mM EDTA. Resulting stromal vascular fractions were used to isolate ATMs using mouse 
anti-F4/80-FITC antibodies (Cat#130-117-509; RRID: AB_2727970, Miltenyi Biotec, Bergisch 
Gladbach, Germany), anti-FITC MicroBeads (Cat#130-048-701; RRID: AB_244371, Miltenyi 
Biotec) and MS columns (Miltenyi Biotec) on an OctoMACS™ Cell Separator system 
(Miltenyi Biotec). ATMs were cultured for 24h in RPMI-1630 supplemented with 10% FCS 
and 1% P/S. ATMs were either cultured for 2h after which cells were washed with PBS, fixed 
in 3.7% paraformaldehyde and stained with Oil red O following standard protocols, or were 
cultured for 24h to obtain supernatants. 

 

Flow cytometry of SVF 

Before isolation of ATMs, SVF pools were resuspended in PBS containing 0.5% BSA and 2mM 
EDTA and 500 000 cells were sampled and stained with antibodies against CD45-ECD 
(Cat#A07784, Beckman Coulter, Brea, CA, USA), F4/80-FITC (Cat#123107; RRID: 
AB_893500), CD206-APC (Cat#141707; RRID: AB_10896057), CD11c-PE-Cy7 (Cat#117317; 
RRID: AB_493569) and CD11b-PE (Cat#101207; RRID: AB_312790, Biolegend, San Diego, CA, 
USA). Samples were measured on a flow cytometer (FC500, Beckman Coulter) and results 
were analyzed using Kaluza analysis software 2.1 (RRID: SCR_016182, Beckman Coulter). 
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Histological studies 

Samples of gWAT for histological analysis were fixed in 3.7% paraformaldehyde 
immediately upon collection, embedded in paraffin, sectioned and stained with 
hematoxylin eosin according to standard protocols. After preincubation with 20% normal 
goat serum, paraffin-embedded sections were incubated at 4°C overnight with antibodies 
for F4/80 (Cat#MCA497G; RRID: AB_872005, Bio-Rad Laboratories, Hercules, CA, USA), 
HILPDA (sc-137518 HIG2 Antibody (C-14); RRID: AB_2011522, Santa-Cruz Biotechnology, 
Dallas, TX, USA Biotechnology) or CD68 (Cat#MCA1957; RRID: AB_322219, AbD Serotec, 
Bio-Rad Laboratories) dissolved in PBS supplemented with 1% BSA (Merck). Anti-rat or anti-
rabbit IgG conjugated to HRP (Cell Signaling Technology, Danvers, MA, USA) were used as 
secondary antibody. Negative controls were prepared without using primary antibody. 

 

Peritoneal macrophages and BMDMs 

To harvest peritoneal macrophages, 8-12 week old WT C57Bl/6 mice were injected 
intraperitoneally with 1mL 4% thioglycolic acid. Three days post-injection, mice were 
anesthetised with isoflurane and euthanized by CO2. Peritoneal cells were harvested by 
washing the peritoneal cavity with ice-cold RPMI-1630 supplemented with 10% heat-
inactivated FCS (BioWest) and 1% P/S. Cells were plated after lysis of erythrocytes and non-
adherent cells were washed away three hours post plating. To isolate BMDMs, 8-12 week 
old HilpdaΔMΦ mice and their Hilpdaflox/flox littermates were euthanized by cervical 
dislocation. Both femurs and hind legs were isolated at the hip joint, keeping femur and 
tibia intact. Bone marrow was extracted from the femur and tibia and differentiated in 
DMEM, supplemented with 10% FCS, 1% P/S and 15% L929 conditioned medium. After 
seven days of differentiation, BMDMs were scraped and plated as appropriate. 

 

Cell culture experiments 

RAW 264.7 macrophage cells (Cat#91062702; RRID: CVCL_0493, Sigma-Aldrich) were 
cultured in DMEM supplemented with 10% FCS and 1% P/S. Overexpression of Hilpda was 
achieved by transfection with an adenoviral construct containing either Hilpda (Ad-m-
2310016C08RIK, ADV-250639, Vector Biolabs, Malvern, USA) or GFP (Ad-GFP, Cat#1060, 
Vector Biolabs, Malvern, USA) in a dose of 500 MOI for 48 hours. Palmitate (Cat#P0500; 
CAS: 57-10-3, Sigma-Aldrich) and oleate (Cat#O1008; CAS: 112-80-1, Sigma-Aldrich) were 
solubilized using EtOH and KOH and conjugated to FFA-free BSA in sterile water (Versol, 
Aguettant, Lyon, France) at 37°C for 30 min. Palmitate was used in concentrations of 200, 
250 or 500µM. Oleate was used in a concentration of 250µM or 400µM together with 20 
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µM BODIPY-FL C12 (Cat#D3822, ThermoFisher Scientific, MA, USA) for fatty acid trafficking 
experiments. A mixture of oleate and palmitate (oleate:palmitate) was made in a ratio of 
1:2 and used in a final concentration of 600 µM. Intralipid (Fresenius Kabi AB, Uppsala, 
Sweden) was used in a concentration of 1 or 2mM. The addition of 100µM iron chelator 
2,2’-bipyridyl (Cat#D216305; CAS: 366-18-7, Sigma-Aldrich) was used to chemically mimic 
hypoxia. Atglistatin (Cat#SML1075, Sigma-Aldrich) was used in a concentration of 20µM in 
100% DMSO and cells were pre-treated for 2 hours before fatty acid loading. 24 hour 
treatments containing Atglistatin were refreshed every 12 hours. All cells were washed with 
PBS (Corning) after treatment. BMDMs were stained with Oil Red O following standard 
procedures. 

 
Confocal Imaging 

To visualise fatty acid uptake, accumulation and trafficking, BMDMs were plated on 8-well 
µ glass bottom slides (Ibidi, Martinsried, Germany). Confocal imaging was performed on a 
Leica confocal TCS SP8 X system equipped with a 63× 1.20 NA water-immersion objective 
lens. Images were acquired using 1,024 × 1,024 pixels with pinhole set at 1 Airy Unit (AU). 
Excitation of the fluorescent probes used in this study was performed using white light laser 
(WLL, 50% laser output) selecting the 488 nm laser line. Fluorescence emission was 
detected using internal Hybrid (HyD) detector selecting a spectral window from either 520 
- 580 nm (fatty acid uptake) or from 510 – 565 nm (fatty acid trafficking).  

Fatty acid trafficking was assessed after lipid loading for 5h and 24h with 400 µM oleate 
and 20 µM BODIPY® FL C12, treated either with vehicle or Atglistatin. The WLL laser line 
(488 nm) was set at a laser power of 1.6% for 5 h incubated cells and 0.3% for 24 h incubated 
cells. Cells were washed with PBS, fixed for 15 min with 3.7% formaldehyde and mounted 
with Vectashield-H (Vector Laboratories, Peterborough, UK). Fire LUT was applied using Fiji.  

To assess fatty acid accumulation, BMDMs treated with oleate:palmitate were washed with 
PBS and fixed for 15 minutes with 3.7% paraformaldehyde. Fixed cells were stained with 
2µg/mL BODIPY® 493/503 (Thermo Fisher Scientific) and mounted with Vectashield-H 
(Vector Laboratories). Images were processed and analyzed with Fiji. Briefly, images were 
converted to binary, watershed and LD size and number was measured with particle 
analysis set 0.07 µm2-infinity. 

 

Extracellular flux assay 

Extracellular flux of lipid-loaded BMDMs was measured using the Agilent Seahorse XF96 
Analyzer (Agilent Technologies, Santa Clara, CA, USA). Cells were seeded in a density of 200 
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000 cells per well in XF-96 plates (Agilent Technologies), treated appropriately and kept in 
a 37°C/5% CO2 incubator. An hour before the measurement, cells were washed and 
cultured in Seahorse XF base medium (Agilent Technologies) without sodium bicarbonate, 
supplemented with 25mM glucose and 2mM L-glutamine for one hour at 37°C in a non-CO2 
incubator. For the mitochondrial stress test, the following compounds were added during 
four injections: oligomycin (1.5µM), FCCP (1.5 µM), pyruvate (1mM), antimycin A (2.5 µM) 
and rotenone (1.25 µM). The oxygen consumption rate (OCR) was automatically measured 
by the sensor cartridge at baseline and following injections. Calculations were made using 
the Seahorse XF-96 software Wave Desktop 2.6 (RRID: SCR_014526, Agilent Technologies). 

Real-time PCR 

For cells, total RNA was isolated using TRIzol® Reagent (Invitrogen, ThermoFisher Scientific). 
For tissues, total RNA was isolated using the RNeasy Micro Kit (Qiagen, Venlo, The 
Netherlands). cDNA was synthesized from 500ng RNA using the iScript cDNA kit (Bio-Rad 
Laboratories, Hercules, CA, USA) according to manufacturer’s instructions. Real time 
polymerase chain reaction (RT-PCR) was performed with the CFX96 or CFX384 Touch™ Real-
Time detection system (Bio-Rad Laboratories), using a SensiMix™ (BioLine, London, UK) 
protocol for SYBR green reactions. Mouse 36b4 expression was used for normalization. 

Immunoblotting 

Cell or tissue protein lysates were separated by electrophoresis on pre-cast 4-15% 
polyacrylamide gels and transferred onto nitrocellulose membranes using a Trans-Blot® 
Semi-Dry transfer cell (all purchased from Bio-Rad Laboratories), blocked in non-fat milk 
and incubated overnight at 4°C with primary antibody for HILPDA (Cat#sc-137518; RRID: 
AB_2011522, Santa Cruz Biotechnology), ATGL (Cat#sc-365278, RRID:AB_10859044, Santa 
Cruz Biotechnology), PLIN3 (Cat#10694-1-AP, RRID:AB_2297252, Proteintech), G0S2 
(Cat#sc-518067, Santa Cruz Biotechnology), ACTIN (Cat#5057; RRID: AB_10694076, Cell 
Signaling Technology), TUBULIN (Cat#2146; RRID: AB_2210545, Cell Signaling Technology) 
or HSP90 (Cat#4874S; RRID: AB_2121214, Cell Signaling Technology). Membranes were 
incubated with secondary antibody (Anti-rabbit IgG, HRP-linked Antibody, 7074, Cell 
Signaling Technology) and developed using Clarity ECL substrate (Bio-Rad Laboratories). 
Images were captured with the ChemiDoc MP system (Bio-Rad Laboratories). 
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Enzyme-linked immunosorbent assay (ELISA) 

DuoSet sandwich ELISA kits for TNFα, IL10 and IL6 (Cat#DY410/Cat#DY417/Cat#DY406, R&D 
systems) were used to measure cytokine concentrations in cell or explant supernatant 
according to manufacturer’s instructions. Data was normalized for the amount of adipose 
tissue macrophages by determining the concentration of DNA per well (Quant-iT dsDNA 
Assay Kit high sensitivity, Thermo Fisher Scientific) and normalized for gWAT explants to the 
weight per explant. 

 

Lipidomics 

Lipidomics analysis was performed as described (Herzog et al., 2016). The HPLC system 
consisted of an Ultimate 3000 binary HPLC pump, a vacuum degasser, a column 
temperature controller, and an auto sampler (Thermo Fisher Scientific). The column 
temperature was maintained at 25°C. The lipid extract was injected onto a "normal phase 
column" LiChrospher 2x250-mm silica-60 column, 5 µm particle diameter (Merck) and a 
"reverse phase column" Acquity UPLC HSS T3, 1.8 µm particle diameter (Waters, Milford, 
MA, USA). A Q Exactive Plus Orbitrap (Thermo Fisher Scientific) mass spectrometer was 
used in the negative and positive electrospray ionization mode. Nitrogen was used as the 
nebulizing gas. The spray voltage used was 2500 V, and the capillary temperature was 
256°C. S-lens RF level: 50, auxiliary gas: 11, auxiliary temperature 300°C, sheath gas: 48, 
sweep cone gas: 2. In both the negative and positive ionization mode, mass spectra of the 
lipid species were obtained by continuous scanning from m/z 150 to m/z 2000 with a 
resolution of 280,000 full width at half maximum (FWHM). Data was analyzed and visualised 
using R programming language (CRAN, RRID: SCR_003005, https://www.r-project.org).  

 

Microarray analyses 

Microarray analysis was performed on a several experiments: 1) Peritoneal macrophages 
treated with various fatty acids (500 µM) for 6 hours. 2) Peritoneal macrophages treated 
with intralipid (2mM) for 6 hours. 3) BMDM samples from HilpdaΔMΦ mice and Hilpdaflox/flox 
mice lipid loaded with oleate:palmitate (600µM) for 12 and 24 hours. RNA was isolated as 
described above and purified with the RNeasy Micro kit from Qiagen. Integrity of the RNA 
was verified with RNA 6000 Nano chips using an Agilent 2100 bioanalyzer (Agilent 
Technologies). Purified RNA (100 ng per sample) was labeled with the Whole-Transcript 
Sense Target Assay kit (Affymetrix, Santa Clara, CA, USA; P/N 900652) and hybridized to an 
Affymetrix Mouse Gene 1.0 arrays or 2.1 ST array plate (Affymetrix). Hybridization, washing, 
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and scanning were carried out on an Affymetrix GeneTitan platform according to the 
manufacturer’s instructions.  

 

Visualisation 

The 3D scatterplot of signal log ratio’s (Fig 1A) was created using R programming language 
(https://www.r-project.org) and the R package “plot3D”. Heat-maps for the lipidomics were 
created using the package “gplots” and. The graphical abstract was created with BioRender. 

 

Quantification and statistical analysis  

Power calculation 

From earlier studies it is known that fasting glucose values of mice fed a high fat diet differs 
on average 3mM (+ 8 mM – 11mM) compared to mice fed a low fat diet. Differences in 
responses lead to a standard deviation around 2mM or higher. For the power calculation, 
we used a one-way ANOVA with a significance level of 0.05 and a power of 90%, leading to 
an estimation of around n = 11 mice needed per group. To allow compensation for 
unforeseen circumstances or potential loss of mice during the study, n = 12 mice were 
included per group. 

 

Statistical analysis 

Normalization of the arrays was performed with the Robust Multi-array Average method 
(Bolstad et al., 2003; Irizarry et al., 2003). Probe sets were redefined according to Dai et al. 
(Dai et al., 2005) based on annotations provided by the Entrez Gene database. Data for the 
3D scatterplot of signal log ratio’s (Fig 1A) was created using R programming language 
(https://www.r-project.org). Partial least squares regression analysis for the lipidomics data 
was performed using the R package “mixOMICS”.  

Details on statistical analyses are given in figure legends. In experiments where animals 
were included, n represents the number of animals used. For cell experiments, n represents 
the number of replications performed. Data are represented as means ±SD or SEM as 
indicated. Assumptions for statistical methods were tested and statistical analyses were 
carried out using an unpaired Student’s t test or two-way ANOVA followed by Bonferroni’s 
post hoc multiple comparisons test, if genotype and diet or genotype and treatment both 
were found significant (GraphPad Software, San Diego, CA, USA). A value of p < 0.05 was 
considered statistically significant. 



HILPDA uncouples lipid droplet accumulation from metabolic dysregulation 

 119 

Data and code availability 

A publicly available dataset (GSE77104) was downloaded from Gene Expression Omnibus 
and further processed as described above to obtain individual gene expression data 
(Robblee et al., 2016). The microarray analysis of the adipose tissue macrophages 
(GSE84000) and peritoneal macrophages treated with intralipid (GSE136240) are already 
described elsewhere (Boutens and Stienstra, 2016; Oteng et al., 2019). The microarray 
datasets generated during this study have been submitted to the Gene Expression Omnibus 
(GSE142296). 
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Supplemental information 

 

Figure S1, related to Figure 2G Quantification of triglycerides on Thin Layer Chromatography plates in Hilpdaflox/flox 
and HilpdaΔMΦ BMDMs lipid loaded with oleate:palmitate for 24h. B: BODIPY staining in Hilpdaflox/flox and HilpdaΔMΦ 

BMDMs treated with palmitate for 6h or 24h. Bar graphs are presented as mean ± SD. *P < 0.05. 

 

Figure S2, related to Figure 3D Gene expression of Ddit3, Cxcl2, Gdf15, Ptgs2 and Hilpda in Hilpdaflox/flox and 
HilpdaΔMΦ BMDMs treated with 1mM intralipid or PBS control (Cntl) for 6h. Bar graphs are presented as mean ± 
SD. The effect of treatment was significant. **P ≤ 0.01. Cntl: Control.  
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Figure S3, related to Figure 4 A: Quantification of the amount of lipid droplet surface area per cell in Hilpdaflox/flox 
and HilpdaΔMΦ BMDMs lipid loaded with oleate:palmitate for 24h and treated with 20µM atglistatin or vehicle 
(DMSO). B: BODIPY FL trafficking and incorporation in lipid droplets in Hilpdaflox/flox and HilpdaΔMΦ BMDMs lipid 
loaded with 400µM oleate and 20µM BODIPY FL, treated with 20µM atglistatin or vehicle (DMSO) for 5 hours. Bar 
graphs are presented as mean ± SD. ***P < 0.001 LD: lipid droplet, Cntl: Control. 

 

Figure S4, related to Figure 7E Gene expression of Adgre1, Ccl2, Il10, Il1ra, Gdf15, Arg1, Adipoq and Leptin in gWAT 
of Hilpdaflox/flox and HilpdaΔMΦ mice fed a LFD or HFD for 20 weeks. Gene expression levels in gWAT from Hilpdaflox/flox 
fed a LFD diet are set to one. Bar graphs are presented as mean ± SEM. The effect of diet was significant. LFD: low 
fat diet, HFD: high fat diet. 
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Figure S5, related to Figure 7I Plasma levels of cholesterol, triglycerides, glucose, free-fatty acids, leptin, insulin 
and adiponectin in Hilpdaflox/flox and HilpdaΔMΦ mice fed a LFD or HFD for 20 weeks. Bar graphs are presented as 
mean ± SEM, (n = 10 – 12 mice per group). Statistical testing was performed by two-way ANOVA followed by 
Bonferroni’s post hoc multiple comparisons test. The effect of diet was significant in cholesterol, triglycerides, 
glucose, FFA, leptin and insulin. LFD: low fat diet, HFD: high fat diet. 

 

 

Figure S6 Effect of HILPDA deficiency on lipid metabolism in BMDMs. In normal BMDMs, HILPDA is produced in 
response to lipid load, resulting in enhanced lipid storage via inhibition of ATGL-mediated lipolysis. HILPDA 
deficiency in BMDMs relieves inhibition of adipose tissue lipolysis, leading to enhanced degradation of lipid 
droplets and promoting oxidation of fatty acids in mitochondria. 
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Table S1, related to STAR methods Primers used for qPCR 

Primer name Forward Reverse 

mHilpda TCGTGCAGGATCTAGCAGCAG GCCCAGCACATAGAGGTTCA 

mAdgre1 CTTTGGCTATGGGCTTCCAGTC GCAAGGAGGACAGAGTTTATCGTG 

mCcl2 CCCAATGAGTAGGCTGGAGA TCTGGACCCATTCCTTCTTG 

mCd68 CCAATTCAGGGTGGAAGAAA CTCGGGCTCTGATGTAGGTC 

mItgax CTGGATAGCCTTTCTTCTGCTG GCACACTGTGTCCGAACTCA 

mLep AGAAGATCCCAGGGAGGAAA TGATGAGGGTTTTGGTGTCA 

mCd36 TCCAGCCAATGCCTTTGC  TGGAGATTACTTTTCAGTGCAGAA  

mDdit3 TATCTCATCCCCAGGAAACG GGGCACTGACCACTCTGTTT 

mPtgs2 TGAGCAACTATTCCAAACCAGC GCACGTAGTCTTCGATCACTATC 

mPlin2 CTTGTGTCCTCCGCTTATGTC GCAGAGGTCACGGTCTTCAC 

mGdf15 GAACTGCGCTTACGGGTAG CTGCACAGTCTCCAGGTGA 

mCpt1a CTCAGTGGGAGCGACTCTTCA GGCCTCTGTGGTACACGACAA 

mIl7r GCGGACGATCACTCCTTCTG AGCCCCACATATTTGAAATTCCA 

mAngptl4 GTTTGCAGACTCAGCTCAAGG CCAAGAGGTCTATCTGGCTCTG 
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Abstract 

The storage of lipids in cells is determined by the balance between triglyceride synthesis 
and degradation. The rate-limiting step in triglyceride synthesis is catalyzed by 
diacylglycerol acyltransferases (DGAT). Here we find that the lipid droplet-associated 
protein HILPDA physically interacts with DGAT1 and increases DGAT activity. Deficiency of 
HILPDA in liver cells significantly reduced lipid storage in vitro and in vivo. Fluorescence 
microscopy showed that HILPDA partly colocalizes with LD and with the endoplasmic 
reticulum, is especially abundant in perinuclear areas, and mainly associates with newly 
added fatty acids. Real-time fluorescence live-cell imaging further revealed that HILPDA 
preferentially localizes to LD that are being remodelled. Overexpression of HILPDA in liver 
cells increased DGAT activity and DGAT1 protein levels, concurrent with increased lipid 
storage. Confocal microscopy coupled to Förster resonance energy transfer-fluorescence 
lifetime imaging microscopy analysis demonstrated that HILPDA physically interacts with 
DGAT1 in living liver cells. The stimulatory effect of HILPDA on lipid storage via DGAT1 was 
corroborated in adipocytes. Our findings suggest a novel regulatory mechanism by which 
fatty acids promote triglyceride synthesis and storage. 
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Introduction 

Fatty acids are an important fuel for many cell types. When the supply of fatty acids exceeds 
the demand for oxidation, excess fatty acids can be stockpiled by converting them to 
triglycerides. Triglycerides are synthesized in the endoplasmic reticulum and are stored in 
specialized organelles called lipid droplets (LD) [1]. With the exception of adipocytes, most 
cell types have tiny LD that collectively only take up a very small portion of the total cell 
volume. However, in certain pathological conditions, LD may become enlarged and occupy 
considerable cell volume, potentially interfering with important cellular functions [2].  

The liver plays a central role in the regulation of lipid metabolism. Under conditions of 
obesity and insulin resistance, storage of lipids in the liver is often elevated [3]. A chronic 
increase in intra-hepatic fat is referred to as steatosis and is a key feature of non-alcoholic 
fatty liver disease (NAFLD) [4]. In many high-income countries, NAFLD has become the most 
common liver disorder and growing clinical concern [4].  

Fatty acids in hepatocytes can originate from several sources: from circulating triglycerides 
in chylomicron and very low-density lipoprotein remnants taken up by the liver, from 
endogenous synthesis (de novo lipogenesis), and from circulating non-esterified fatty acids 
released by adipose tissue [5]. A portion of the incoming fatty acids are oxidized to provide 
energy to hepatocytes and, depending on nutritional status, converted into ketone bodies. 
The remainder is esterified into triglycerides, part of which is incorporated in and secreted 
as very low-density lipoproteins, and part of which is stored in LD in hepatocytes. 
Accordingly, excess storage of lipids in the liver can be due to changes in several metabolic 
pathways, including defective fatty acid oxidation, enhanced lipogenesis, impaired 
triglyceride secretion, and increased uptake of fatty acids from the circulation [6].  

LD are dynamic organelles that can rapidly expand and shrink, driven by fluctuations in the 
rate of triglyceride synthesis and degradation [2]. The synthesis of triglycerides, their 
storage in LD, and the subsequent breakdown of triglycerides into fatty acids are governed 
by a complex set of enzymes and LD-associated proteins. LD-associated proteins encompass 
a large group of proteins that physically and functionally interact with LD. According to 
proteomic profiling, the number of LD-associated proteins easily runs into hundreds [7-10]. 
This group includes lipid synthesis and degradation enzymes, proteins involved in 
membrane trafficking, lipid signaling proteins, and proteins involved in protein degradation 
[10]. An important group of LD-associated proteins is the perilipin family, composed of 
PLIN1-PLIN5 [11]. Other known LD-associated proteins include CIDEA, CIDEB, CIDEC, FITM1, 
FITM2, G0S2, and ABHD5 [12-14].  

A relatively poorly characterized LD-associated protein is HILPDA. The first identification of 
HILPDA as LD-associated protein was in HeLa cells, where its overexpression was found to 
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increase intracellular lipid accumulation [15]. HILPDA raised our attention when trying to 
identify novel target genes of the transcription factors PPARα and PPARγ in hepatocytes 
and adipocytes, respectively, and when screening for novel genes induced by fatty acids in 
peritoneal macrophages [16-18]. In mouse liver, HILPDA overexpression via adeno-
associated viral delivery raised intrahepatic triglyceride levels by approximately 4-fold, 
likely by suppressing the secretion of triglycerides in very low-density lipoproteins [17]. 
Consistent with these data, deficiency of HILPDA in cultured hepatocytes lowered hepatic 
lipid accumulation, which was explained by a combination of decreased fatty acid uptake, 
increased fatty acid beta-oxidation, and increased triglyceride lipolysis [19]. Somewhat 
surprisingly, hepatocyte-specific HILPDA deficiency did not influence liver triglyceride 
content in mice chronically fed a high-fat diet [19]. 

Recently, we and others found that HILPDA is able to bind to the intracellular triglyceride 
hydrolase ATGL and inhibits ATGL-mediated triglyceride hydrolysis [18, 20-22]. Studies in 
HILPDA-deficient macrophages and cancer cells have firmly established the physiological 
relevance of ATGL inhibition by HILPDA [18, 20-22]. Currently, very little is known about the 
molecular mechanism of action of HILPDA in hepatocytes. Accordingly, the present study 
was aimed at better characterizing the molecular role of HILPDA in hepatocytes. 

 

 

Materials and Methods 

Mice experiments 

Hilpdaflox/flox mice (Jackson Laboratories, Bar Harbor, ME; Hilpdatm1.1Nat, #017360) were 
acquired and crossed with C57Bl/6J mice for at least 5 generations. Thereafter, the 
Hilpdaflox/flox mice were crossed with Albumin-Cre transgenic mice (Jackson Laboratories, 
Bar Harbor, ME; B6.Cg-Speer6-ps1Tg(Alb-cre)21Mgn/J, #003574) or Adiponectin-Cre transgenic 
mice (Jackson Laboratories, Bar Harbor, ME; B6.FVB-Tg (Adipoq-cre)1Evdr/J, # 028020) to 
generate mice with hepatocyte-specific Cre-mediated deletion of Hilpda (HilpdaDhep) or 
adipocyte-specific Cre-mediated deletion of Hilpda (HilpdaDADIPO). Mice were group housed 
under normal light-dark cycles in temperature- and humidity-controlled specific pathogen-
free conditions. Mice had ad libitum access to regular chow and water. A power calculation 
was performed based on fasting glucose level, assuming a standard deviation of 2.5 mM, 
using a power of 0.8, a significance level of 0.05, and an effect size of 3 mM. Using an online 
statistics tool from the University of British Columbia 
(https://www.stat.ubc.ca/~rollin/stats/ssize/n2.html), the sample size was calculated as 
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n = 11 mice per group. To allow compensation for potential loss of mice during the study, 
n = 12 mice were included per group. 

Male HilpdaDhep mice aged 3-4 months and their Hilpdaflox/flox littermates were given a semi-
purified low fat diet (10% kcal fat, A08051501) or high fat diet lacking choline and 
methionine (45% kcal fat, A06071309) (Research Diets, Inc. New Brunswick, NJ). During the 
dietary intervention, the mice were housed individually. After 11 weeks, mice were 
euthanized in the ad libitum fed state between 8:15h and 10.00h. The number of mice per 
group was 12.  

Prior to euthanasia, mice were anaesthetised with isoflurane and blood was collected via 
orbital puncture in tubes containing EDTA (Sarstedt, Nümbrecht, Germany). Immediately 
thereafter, mice were euthanized by cervical dislocation, after which tissues were excised, 
weighed, and frozen in liquid nitrogen or prepared for histology. Frozen samples were 
stored at -80°C. Liver tissue was fixed in 4% formaldehyde solution in PBS. All animal 
experiments were approved by the local animal welfare committee of Wageningen 
University (AVD104002015236, 2016.W-0093.007 and 2016.W-0093.017). The 
experimenter was blinded to group assignments during all analyses. 

 

Plasma measurements 

Blood collected in EDTA tubes (Sarstedt, Numbrecht, Germany) was spun down for 10 
minutes at 2000 g at 4°C. Plasma was aliquoted and stored at -80°C until further 
measurements. The plasma concentration of various metabolites was determined used 
specialized kits: cholesterol (Liquicolor, Human GmbH, Wiesbaden, Germany), triglycerides 
(Liquicolor), glucose (Liquicolor), NEFA (NEFA-HR set R1, R2 and standard, WAKO 
Diagnostics, Instruchemie, Delfzijl, The Netherlands), Alanine Transaminase Activity Assay 
Kit (ab105134, Abcam, Cambridge, UK), following the manufacturer’s instructions.  

 

Liver triglycerides 

2% liver homogenates were prepared in a buffer (10 mM Tris, 2 mM EDTA and 0.25 M 
sucrose, pH 7.5) using a Tissue Lyser II (Qiagen, Hilden, Germany). Liver triglyceride content 
was then quantified using Triglyceride liquicolor mono kit from HUMAN Diagnostics 
(Wiesbaden, Germany) according to the manufacturer’s instructions. 
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Cell treatments and gene expression 

Human HepG2, mouse Hepa 1-6 and rat Fao hepatoma cells at 75% confluency were 
incubated with a mixture of oleate and palmitate (ratio 2:1, total concentration 1.2 mM) 
coupled to FA-free Bovine Serum Albumin (BSA) (Roche Applied Sciences). All fatty acid 
stocks were initially reconstituted in absolute ethanol. Sub-stocks of fatty acids at 25 mM 
were prepared in filter-sterilised KOH at 70 mM. Fatty acids were diluted in DMEM 
containing 3% FA-free BSA to obtain the desired final concentrations. After treatment, cells 
were washed with ice-cold phosphate-buffered saline (PBS) (Lonza) and stored at -20°C for 
further analysis. 

Total RNA was isolated using TRIzol® Reagent (Invitrogen, ThermoFisher Scientific). cDNA 
was synthesized from 500 ng RNA using the iScript cDNA kit (Bio-Rad Laboratories, Hercules, 
CA, USA) according to manufacturer’s instructions. Real time polymerase chain reaction 
(RT-PCR) was performed with the CFX96 or CFX384 Touch™ Real-Time detection system 
(Bio-Rad Laboratories), using a SensiMix™ (BioLine, London, UK) protocol for SYBR green 
reactions. Mouse 36b4 expression was used for normalization. 

 

Liver slices 

Precision cut liver slices were prepared from HilpdaDhep and Hilpdaflox/flox mice as described 
previously [23]. Briefly, 5 mm cylindrical liver cores were obtained with a surgical biopsy 
punch and sectioned to 200 μm slices using a Krumdieck tissue slicer (Alabama Research 
and Development, Munford, AL, USA) filled with carbonated Krebs-Henseleit buffer (pH 7.4, 
supplemented with 25 mM glucose). At this time point, some liver slices were snap-frozen 
in liquid nitrogen for RNA isolation. The rest was incubated in William’s E Medium (Gibco, 
Paisley, Scotland) supplemented with penicillin/streptomycin in 6-well plates at 37°C/5% 
CO2/80% O2 under continuous shaking (70 rpm). 3 liver slices were incubated per well. After 
1 h, medium was replaced with either fresh William’s E Medium 1% BSA in the presence or 
absence of a mix of 0.8 mM oleic acid and 0.02 mM BODIPY FL C12 (ThermoFisher Scientific, 
Breda, Netherlands) for imaging, or William’s E Medium 1% BSA in the presence or absence 
of a mixture of oleate and palmitate (ratio 2:1, total concentration 0.8 mM) for RNA and 
protein isolation. After overnight incubation, liver slices were snap-frozen in liquid nitrogen 
and stored in −80°C for RNA and protein isolation. Alternatively, liver slices were fixed for 
1h in 3.7% formaldehyde, transferred into an 8-well removable chamber (ibidi, GmbH, 
Martinsried, Germany) and coated with vectashield. Slices were imaged on a Leica TCS SP8 
X confocal. BODIPY FL C12 was excited at 488 nm and detected using HyD in a spectral 
window of 505-550 nm. 
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Primary Hepatocytes 

Buffers: Hanks:112 mM NaCl, 5.4 mM KCl, 0.9 mM KH2PO4, 0.7 mM Na2HPO4.12H2O. Hanks 
I: Hanks supplemented with 25 mM NaHCO3, 10 mM D-glucose, 0.5 mM EGTA at pH 7.42. 
Hanks II: same as Hanks I with the addition of 5 mM CaCl2. Krebs: 25 mM NaHCO3, 10 mM 
D-glucose, 10 mM Hepes. Hepatocyte culture medium: Williams E without phenol red 
(Fisher) supplemented with Primary hepatocyte maintenance supplement (Fisher). All 
buffers were saturated with carbogen before use.  

Primary hepatocytes were prepared from HilpdaDhep and Hilpdaflox/flox mice. Briefly, mice 
were anesthetized with isoflurane. Livers were infused through the portal vein with Hanks 
buffer I for 10 min and with 100 mL of Hanks buffer II. Next, livers were infused with 200 
mL Liver Digest Medium (Fisher). Livers were excised and washed in Krebs Buffer. Primary 
hepatocytes were passed through a 100 µm mesh and centrifuged at 450 rpm for 4 min at 
4ºC. Supernatant was discarded and cells were washed again in cold Krebs medium. 
Supernatant was discarded and cells were resuspended in hepatocyte culture medium with 
5% FCS and seeded on collagen-coated 8-well µ-slide glass bottoms (Ibidi, Martinsried, 
Germany). After 2h medium was refreshed with hepatocyte culture medium with 10% FCS 
and left overnight. Next day, cells were treated with 20 µM Atglistatin (Sigma-Aldrich) or 
DMSO control and left overnight. Next morning, treatments were refreshed for 2h before 
adding a mixture of oleate and palmitate (ratio 2:1, total concentration 0.8 mM). Cells were 
lipid loaded for 6h and then fixed for 20 min in 3.7% paraformaldehyde. Lipid droplets were 
stained with 3 µg/mL BODIPY® 493/503 and mounted with vectashield for imaging. Cells 
were imaged on a Leica TCS SP8 X confocal. BODIPY was excited at 488 nm and detected 
using HyD in a spectral window of 505-550 nm. Images were acquired 1024 × 1024 pixels 
with pinhole set at 1 airy unit (AU), pixel saturation was avoided. Images were processed 
and analyse with Fiji. Briefly, images were converted to binary images, watershed, and LD 
size and number was measured with particle analysis set 0.07 µm2-infinity. 

 

Primary Adipocytes 

Primary adipocytes were differentiated from the stromal vascular fraction, which was 
obtained from inguinal white adipose tissue of HilpdaDADIPO and Hilpdaflox/flox mice. Briefly, 
dissected adipose tissue depots were kept and cleaned in ice-cooled transport medium 
(DMEM plus 1% fatty acid–free BSA (Sigma-Aldrich)). Cleaned adipose tissue samples were 
minced into small pieces and incubated with collagenase solution (DMEM, 3.2 mM CaCl2, 
15 mM HEPES, 0.5% BSA, 10% fetal calf serum (FCS), and 1.5 mg/mL collagenase type II 
(Sigma-Aldrich; C6885) at 37°C for 30 minutes. Afterwards, the digested tissue suspensions 
were filtered using a 100-mm cell strainer and centrifuged at 300g for 10 minutes at room 
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temperature. The pellet SVF were resuspended and grown in cell culture flasks until around 
90% confluency. Cells were seeded in the culture plate with a density of 15000 cells/ cm2 in 
DMEM, 10% FCS and 1% penicillin/streptomycin. 2-3 days post seeding (at full confluency), 
differentiation was started by supplementing with 0.5 mM 3-Isobutyl-1-methylxanthine 
(Sigma-Aldrich; I5879), 1 µM Dexamethasone (Sigma-Aldrich; D4902), 7 µg/ml human 
Insulin (Sigma-Aldrich; I2643) and 1 µM Rosiglitazone (Sigma-Aldrich; R2408). After 3 days 
stimulation, cells were further cultured in insulin medium (DMEM containing 7 µg/ml 
human Insulin) for another 3 days followed by normal growth medium (DMEM, 10% FCS 
and 1% penicillin/streptomycin). Gene expression of Fabp4, Slc2a4, Adipoq, Pnpla2 and 
G0S2 was used as an indicator of cell differentiation.  

For confocal imaging the SVF was seeded and differentiated in 8-well µ-slide glass bottoms 
coated with collagen. Differentiated adipocytes were stained with 2 µg/mL BODIPY® 
493/503 and mounted with vectashield after fixation with 3.7% paraformaldehyde. Imaging 
settings were as described previously. The size and fluorescent intensity of BODIPY stained 
LD were analysed using Image J (LOCI, University of Wisconsin). The size was measured from 
0 µm2-infinity. To measure the release of non-esterified free fatty acids into the cell culture 
medium, adipocytes were starved with DMEM supplied with 0.5% BSA for 2 hours and 
medium was then collected and analyzed using a kit (Instruchemie, Delfzijl, the 
Netherlands) following the manufacturer’s instruction. Adipocytes were treated with the 
ATGL inhibitor Atglistatin (50 µM) or the DGAT1 inhibitor T863 (20 µM) (Sigma-Aldrich) 
during starvation. 

 

TG quantification in HepG2 cells  

HepG2 cells were seeded in 24-well plates. Next day, cells were transduced with 
Adenovirus-GFP (AV-Gfp) or Adenovirus-mHilpda (AV-Hilpda) at 5x106 IFU/mL media in 
DMEM (Lonza, Verviers, Belgium) supplemented with 10% fetal calf serum (Lonza) and 1% 
penicillin/streptomycin (Lonza), from now on referred as complete DMEM, and left 
overnight. Recombinant adenoviruses were generated by cloning GFP or mouse Hilpda 
cDNA in human adenovirus type5 (dE1/E3). Expression regulated by CMV promoter. Viruses 
were produced and titrated by Vector Biolabs (Philadelphia, PA, USA). Cells were then 
incubated with DMEM 3% BSA and a mixture of oleate and palmitate (ratio 2:1, total 
concentration 1 mM) for 3 hours. Cells were washed twice with PBS and frozen in 25 mM 
Tris/HCl, 1mM EDTA, pH 7.5. TG quantification plates were thawed and a mixture of 4:1 
tertiary butanol:methanol was added to cells, followed by an incubation of 10 minutes on 
a shaking platform. Plates were left to evaporate on a hot plate at 50°C. Next, 300 μL of 
triglyceride Liquicolor reagent (Human Diagnostics, Wiesbaden, Germany) was added to the 
cells and incubated for 10 minutes while shaking. 100 µL was transferred to a 96 well plate 
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and absorption measured at 492 nm. A calibration curve of a standard solution was used to 
determine the TG content of the cells. The triglyceride content relative to protein content 
was then calculated. For protein quantification Pierce BCA kit (ThermoFisher Scientific) was 
used according to manufacturer’s protocol. 

 

LD count 

HepG2 and Hepa1-6 cells were plated on collagen-coated 8-well µ-slide glass bottoms (ibidi, 
Martinsried, Germany). The next day, cells were transduced with AV-Hilpda in complete 
DMEM at 5x106 IFU/mL media and left overnight. HepG2 cells were incubated with a 
mixture of oleate and palmitate (ratio 2:1, total concentration 0.8 mM) for 8h to promote 
LD formation. Hepa 1-6 cells were incubated with 1 mM oleate:palmitate for 24h. Cells were 
washed with PBS, fixed for 15 min with 3.7% formaldehyde, stained with 3 µg/mL BODIPY® 
493/503 and Hoechst for 45 min, and mounted with Vectashield-H (Vector Laboratories). 
Cells were imaged on a Leica confocal TCS SP8 X system equipped with a 63× 1.20 NA water-
immersion objective lens. BODIPY® 493/503 was excited at 488 nm and fluorescence 
emission was detected using internal Hybrid (HyD) in a spectral window of 505nm - 578nm. 
Images were acquired 1024 × 1024 pixels with pinhole set at 1 AU, pixel saturation was 
avoided. Images were processed and analyse with Fiji. Briefly, images were converted to 
binary, watershed and LD size and number was measured with particle analysis set 0.07 
µm2-infinity. 

 

Western blot 

Cell or tissue protein lysates were separated by SDS-PAGE on pre-cast 8-16% 
polyacrylamide gels and transferred onto nitrocellulose membranes using a Trans-Blot® 
Semi-Dry transfer cell (all purchased from Bio-Rad Laboratories), blocked in non-fat milk 
and incubated overnight at 4°C with primary antibody for HILPDA (1:750, Santa Cruz 
Biotechnology, sc-137518 or rabbit antisera against the C-terminal half (aa 37–64) of 
murine HILPDA generated by Pineda (Berlin, Germany) [24]), ACTIN (Cell Signaling 
Technology), ATGL (Santa Cruz Biotechnology), DGAT1 (Santa Cruz Biotechnology, sc-
271934) or HSP90 (1:5000, Cell Signaling Technology, #4874). Membranes were incubated 
with a secondary antibody (Anti-rabbit IgG, HRP-linked Antibody, 7074, Cell Signaling 
Technology) and developed using Clarity ECL substrate (Bio-Rad Laboratories). Images were 
captured with the ChemiDoc MP system (Bio-Rad Laboratories). 
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Plasmid constructs 

Plasmids for Plin2, Plin3, Gpat1, Gpat4, Dgat1, Dgat2 and Hilpda were constructed by fusing 
the full-length mouse cDNA into pEGFP-N2 (Clonetech, Mountain View, California, USA) and 
substituting the EGFP sequence by the sequence of the fluorescent proteins (FP) mCherry, 
sYFP2 or mEGFP. Briefly, RNA from mouse WAT or liver was reverse transcribed with First 
Strand cDNA synthesis kit (Thermo Scientific) and amplified with Phusion High fidelity DNA 
Polymerase (Thermo Scientific) using gene-specific primers. The PCR products were cloned 
into pEGFP-N2 vector using the XhoI and KpnI-HF or NheI and BamHI (New England Biolabs 
Inc.) restriction enzyme sites. Afterwards, MAX Efficiency ® DH5α™ Competent Cells 
(Invitrogen) were transformed by heat-shock and grown in Luria-Bertani (LB) agar plates 
with kanamycin (Sigma-Aldrich). The vector was isolated using Qiagen plasmid maxi kit 
(Qiagen) according to manufacturer instructions. The EGFP sequence was then excised from 
the pEGFP-N2 parent vector by enzyme digestion with KpnI-HF and NotI-HF. The vector was 
gel-purified with QIAquick Gel Extraction Kit (Qiagen) and the fragments of mCherry, sYFP2 
or mEGFP were ligated into KpnI and NotI restriction enzyme site using T4 DNA ligase 
(Thermo Scientific). For plasmids of mGPAT1 and mGPAT4 the original pEGFP-N2 plasmid 
was used.  

 

Stimulated Emission Depletion (STED) microscopy 

HepG2 cells were plated on collagen coated 8 well µ-slide glass bottom (ibidi, Martinsried, 
Germany). Next day cells were transfected with 750 ng of Hilpda_sYFP2 complexed to 
polyethylenimine (PEI) (Polyscience Inc., PA, USA) in serum free medium. After 6h, the 
transfection medium was changed to DMEM 1% FA-free BSA with 0.8 mM OA and 15 µM 
BODIPY C12 558/568. Cells were fixed after 18h lipid loading for 20 min in 3.7% PFA. Images 
were acquired on a Leica TCS SP8 STED microscope. A 100x 1.4 N.A. oil immersion objective 
was used in combination with a 5x optical zoom resulting in a pixel size of 23x23 nm. The 
pinhole was set at 0.9 AU and imaging speed at 700 Hz. For excitation of the fluorescent 
probes a white light laser line was used. HILPDA-sYFP2 and BODIPY-558 were excited at 470 
nm and 558 nm respectively, and fluorescence emission was detected using HyD in a 
spectral window of 480-540 nm and 570-650 nm, respectively. The HILPDA-sYFP2 emission 
was partly depleted with the 592 depletion laser set at a 40% laser intensity with a power 
output of 1.3530 W. For both fluorophores the gating was set at 0.3-6.5 ns. Images were 
corrected for chromatic aberration and deconvolved using the Deconvolution Express 
modus in Huygens Professional Software (Scientific Volume Imaging B.V., Hilversum, the 
Netherlands).  
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HILPDA and fluorescently labeled fatty acid colocalization 

HepG2 cells were plated on collagen coated 8 well µ-slide glass bottom (Ibidi, Martinsried, 
Germany). Next day cells were transfected with Hilpda_mTurquoise2 plasmid complexed 
to PEI in serum-free DMEM. After 6 h, the medium was replaced by complete DMEM and 
left overnight. Cells were then incubated 16h with 0.6 mM oleate and 15 µM BODIPY C12 
558/568 and next day for 20 min with QBT fatty acid uptake solution, which uses a BODIPY 
FL ®-dodecanoic acid fluorescent fatty acid analogue (BODIPY FL C12), prepared according 
to manufacturer’s protocol (Molecular Devices, California, USA). Cells were washed with 
PBS and fixed with 3.7% formaldehyde for 30 min, and mounted with vectashield 
(Molecular Devices, California, USA). Imaging was performed on a Leica TCS SP8 X system 
equipped with a 63x 1.20 NA water-immersion objective lens. Images were acquired 
sequentially 1024x1024 pixel scans with pinhole set at 1 AU. mTurquoise2 was excited at 
440 nm and fluorescence emission was detected using internal HyD in a spectral window of 
450-480 nm. BODIPY C12 558/568 was excited at 561 nm and fluorescence emission was 
detected using internal Hybrid (HyD) in a spectral window of 570-620 nm. BODIPY FL C12 
was excited at 488 nm and fluorescence emission was detected using internal HyD in a 
spectral window of 505-558 nm. During image acquisition, fluorescence bleed-through and 
pixel saturation were avoided. All images were deconvolved using Deconvolution Express 
modus with Huygens Essential version 18.10 (http://svi.nl, The Netherlands). Further 
images were process with ImageJ. Briefly, channels were split, the entire cell was selected 
as a ROI, colocalization threshold was used to obtain colocalized pixels image and Mander`s 
colocalization (overlap) coefficient and Pearson correlation coefficient were measured 
using Coloc2 plugin. 

 

2D Time Lapse 

HepG2 cells were seeded on 15 µ-8 well glass bottom slide (Ibidi, Martinsried, Germany) 
and let grown overnight before transfection. Cells were transfected with 800 ng of 
mHilpda_mCherry plasmid complexed to polyethylenimine (PEI) (Polyscience Inc., PA, USA) 
in serum-free DMEM. After 6 h, the medium was replaced by complete medium. Next day 
cells were starved for 1h with HBSS 0.2% FA-free BSA. Medium was then replaced with QBT 
fatty acid uptake assay kit and after 4h incubation cells were imaged on a Leica TCS SP8 X 
system equipped with a 63x 1.20 NA water-immersion objective lens. Images were acquired 
sequentially using 512 x 512 pixels, and a total of 491 frames were acquired with a frame 
interval of ± 5 seconds. All images were deconvolved using Deconvolution Express modus 
with Huygens Essential version 18.10 (Scientific Volume Imaging, The Netherlands, 
http://svi.nl). Further images were processed with Fiji to assign different coloring LUTs for 
visualization.  
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Lipophagy assay 

HepG2 cells were transduced with AV-GFP or AV-Hilpda in complete DMEM at 5x106 IFU/mL 
media and left overnight. Next day, HepG2 cells were incubated with a mixture of 8 mM 
oleate:palmitate (ratio 2:1) for 8h to promote LD formation. 2h before collection, cells were 
treated with lysosomal inhibitor cocktail 20 mM ammonium chloride and 100 uM leupeptin. 
Cells were then lysed in RIPA buffer with protease and phosphatase inhibitors, and 
centrifuged at 10,000 rpm for 10 min.  

 

FRET-FLIM analysis 

FRET is a process in which the excitation energy is transferred from a donor fluorophore to 
an acceptor chromophore in very close proximity (<10 nm). FRET determined using FLIM is 
independent of the protein concentration, but very sensitive to the local microenvironment 
of the fluorophores. In FRET-FLIM, the fluorescence lifetime of the donor molecule is 
reduced in the presence of a nearby acceptor molecule, because energy transfer to the 
acceptor will introduce an additional relaxation path from the excited to the ground state 
of the donor (34).  

HepG2 cells were cultivated in complete DMEM (at standard conditions (37 °C, 5% CO2, 
95% humidified atmosphere). Cells were seeded on a rat tail collagen coated (Ibidi, 
Martinsried, Germany) 15 µ-8 well glass bottom slide (Ibidi, Martinsried, Germany) and let 
to grow for 24h before transfection. Transfections were performed with 800 ng of single or 
1600 ng of mixed plasmid DNA complexed to polyethylenimine (PEI) (Polyscience Inc., PA, 
USA) in serum-free DMEM. After 5 h, the medium was replaced by serum free DMEM 
supplemented with 1% fatty acid free BSA (Roche Applied Sciences) and a mixture of oleate 
and palmitate (ratio 2:1, total concentration 0.8 mM) and left overnight. For imaging, 
medium was replaced with FluoroBrite DMEM supplemented with 1% BSA and 0.8 mM fatty 
acid mix. 

Colocalization imaging was performed on a Leica TCS SP8 X system equipped with a 63x 
1.20 NA water-immersion objective lens. Images were acquired sequentially 512x512 pixels 
with pinhole set at 1 AU. mEGFP was excited at 488 nm and fluorescence emission was 
detected using internal HyD in a spectral window of 505-550 nm. mCherry was excited at 
561 nm and detected using HyD in a spectral window of 580-650 nm. All images were 
deconvolved using Deconvolution Express modus with Huygens Essential version 18.10 
(Scientific Volume Imaging, The Netherlands, http://svi.nl). Further images were process 
with Fiji. Briefly, brightness and contrast levels were adjusted and images were merged.  
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Förster resonance energy transfer-Fluorescence lifetime imaging microscopy (FRET-FLIM) 
was performed on a Leica TCS SP8 X confocal microscope. Donor and acceptor (mEGFP and 
mCherry, respectively) molecules were excited using a 40 MHz tunable supercontinuum 
laser at 488 nm and 561 nm, respectively. Fluorescence emission was detected using HyD 
detectors with 100 ps time resolution and collected in a spectral window of 505-550 nm for 
the donor (mEGFP) and 580-650 nm for the acceptor (mCherry). The signal output from the 
HyD detector was coupled to an external time-correlated single photon counting module 
(Becker&Hickl) for acquiring FLIM data. Typical images had 256 x 256 pixels (pixel size ± 300 
nm), and the analogue to digital converter (ADC) was set to 256 time channels and FLIM 
images were acquired by imaging for 120 seconds per image. From the time resolved 
fluorescence intensity images, the fluorescence decay curves were calculated for each pixel 
and fitted with a double-exponential decay model using the SPCImage v7.1 software 
(Becker & Hickl). Fitting was performed without fixing any parameters. FRET-FLIM analysis 
provided fluorescence intensity as well as false-colored fluorescence lifetime images. The 
raw data was subjected to the following criteria to analyze and omit false positive negatives 
in the fluorescence lifetime scoring: minimum photon count per pixel of 1000 photons, 2 
component analysis, goodness of fit (χ2<2) and fluorescence lifetime range of 500–3500 ps. 
For data analysis, we set pixel binning at 1 to have sufficient number of photons per pixel 
required for accurate fluorescence lifetime analysis. 

 

DGAT assay  

Our protocol is a modification of the method described by McFie and Stone [25]. HepG2 
cells were seeded in 6-well plates at a density of 4 x 105 cells/ well or in 60x15mm round 
cell culture dishes at a cell density of 3.5 x 106 cells/dish in DMEM supplemented with 10% 
Fetal Calf Serum (FCS) and 1% penicillin/streptomycin. Next day, cells were transduced with 
AV-Gfp or AV-Hilpda at 5x106 PFU/mL medium. After 6h, the medium was changed to 
complete DMEM with 40 µM Atglistatin (3-(4ʹ-(Dimethylamino)-[1,1ʹ-biphenyl]-3-yl)-1,1-
dimethylurea, Sigma-Aldrich) or control, and incubated overnight. Atglistatin is a specific 
high-affinity inhibitor of ATGL [26]. For the samples treated with Atglistatin, Atglistatin was 
added again the next morning 2 h prior to cell lysate isolation. In addition, Atglistatin was 
added to the resuspension buffer during the fluorescence assay. Cells were detached with 
trypsin, washed, and resuspended in 100 μL of 50 mM Tris-HCl (pH 7.6)/250 mM sucrose 
buffer supplemented with protease inhibitors (Roche Diagnostics GmbH). Cells were 
disrupted by 20 passages through a 27-gauge needle. Prepared cell lysate samples were 
placed on a spinning wheel for 20 min at 4°C. Cell debris was pelleted by centrifugation at 
2500 rpm for 5 min. The supernatant was transferred to a new tube and used for the assay. 
Protein concentration was determined using a Pierce BCA kit (Thermo Fisher Scientific). A 
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master mix containing 20 μL of 1 M Tris-HCl (pH 7.6), 4 μL of 1 M MgCl2, 10 μL of 4 mM 
DOG (Sigma-Aldrich), 10 μL of 12.5 mg/mL BSA, 10 μL of 500 μM NBD-palmitoyl CoA (Avanti 
Polar Lipids), and 96 μL of water per reaction, was prepared. Volumes were scaled up 
proportionally to accommodate the desired number of reactions. The master mix was 
protected from direct light during the entire experiment by wrapping the glass test tubes 
in aluminium foil. Assays were performed in 13 × 100 mm glass KIMAX Test Tubes with 
Teflon Liner Caps (DWK Life Sciences, Kimble) in a final reaction volume of 250 μL. A master 
mix volume of 150 μL was aliquot per test tube, and tubes pre-incubated in a 37°C water 
bath for 2 min. The reaction was started by adding 300 ug in 100 μL of protein sample and 
incubated at 37°C Shaking Water Bath (GFL Gesellschaft für Labortechnik mbH, Product No. 
1086) for 30, 90 and/or 180 min with steady shaking at 60 rpm. For the co-treatment with 
Atglistatin (40 μM), DGAT1 inhibitor (A922500, 1 μM) and DGAT2 inhibitor (PF-06424439, 
40 μM), the incubation was carried on for 180 min. The reaction was terminated by adding 
4 mL CHCl3/methanol (2:1, v/v) and 800 μL of water mixed by vortex. After 1 h, the test 
tubes containing samples were re-vortexed and centrifuged at 3,000 rpm for 5 min to 
separate aqueous and organic phases. The upper aqueous phase was aspirated, and the 
organic phase dried under stream of nitrogen. To help the solvents evaporate faster, the 
test tubes were placed in a thermal block pre-warmed to 54°C. Lipids were finally 
resuspended in 50 μL CHCl3/methanol (2:1) and stored at -20°C overnight. Samples were 
vortexed and re-centrifuged at 3,000 rpm for 2 min, before being spot on channelled 20 × 
20 cm TLC plates with pre-adsorbent silica gel HLF zone (Analtech). The TLC plates were 
developed in the solvent system containing hexane/ethyl ether/acetic acid (80:20:1, v/v/v). 
The plates were air dried for 1 h before quantification of reaction products. 

The newly synthesized NBD-TG was analysed with a ChemiDocTM MP molecular imaging 
system (Bio-Rad Laboratories, Inc.), and fluorescence was quantified with Quantity One 
software 4.1 (Bio-Rad Laboratories, Inc.). The excitation and emission wavelengths of NBD 
are 465 nm and 535 nm, respectively. Extinction source UV Trans illumination and Standard 
Emission Filter, together with Application SYBER Green and Applied (UV Trans Orange) Flat 
Field, were used. Data is presented as arbitrary fluorescence intensity units. 

 

Microarray analysis 

Microarray analysis was performed on Hepa1-6 hepatoma cells incubated with different 
fatty acids. RNA was purified with RNeasy Minikit columns (Qiagen) and analysed for quality 
with RNA 6000 Nano chips on the Agilent 2100 bioanalyzer (Agilent Technologies, 
Amsterdam, The Netherlands). One microgram of RNA was used for cDNA synthesis using 
the First Strand cDNA synthesis kit (Thermo Scientific). Purified RNA (100 ng) was labeled 
with the Ambion WT expression kit (Invitrogen) and hybridized to an Affymetrix Mouse 
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Gene 1.1 ST array plate (Affymetrix, Santa Clara, CA). Hybridization, washing, and scanning 
were carried out on an Affymetrix GeneTitan platform. Scans of the Affymetrix arrays were 
processed using packages from the Bioconductor project. Arrays were normalized using the 
robust multi-array average method [27, 28]. Probe sets were defined by assigning probes 
to unique gene identifiers, e.g., Entrez ID [29]. The total gene set (24,973 probe sets) was 
filtered to only include genes with mean signal > 20, yielding 10,379 genes. Microarray data 
were submitted to the Gene Expression Omnibus (accession number pending). 

 

Statistical analysis 

Details of statistical analyses are given in the figure legends. Statistical analyses were 
carried out using an unpaired Student’s t test or two-way ANOVA. A value of p<0.05 was 
considered statistically significant.  
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Results 

Hilpda expression is induced by fatty acids in hepatoma cells 

To examine the regulation of Hilpda expression by fatty acids in liver cells, we treated 
mouse Hepa1-6 cells for 6h with different types of fatty acids: cis-unsaturated (oleate), 
trans-unsaturated (elaidate), or saturated (palmitate). Besides Plin2, Hilpda was one of the 
65 genes that was induced at least 1.5 fold by palmitate (3.3 fold), oleate (1.5 fold) and 
elaidate (3.9 fold) (Figure 1a). The regulation of Hilpda strongly resembled the pattern 
observed for Plin2 (Figure 1b). To further investigate the induction of Hilpda by fatty acids, 
different hepatoma cell types were treated with a mixture of oleate and palmitate. In 
mouse Hepa1-6, rat Fao, and human HepG2 cells, a mixture of oleate and palmitate 
significantly induced Hilpda mRNA, along with Plin2 (Figure 1c). The upregulation of HILPDA 
by oleate and palmitate was confirmed at the protein level in Hepa1-6 cells and Fao cells 
(Figure 1d). These data indicate that Hilpda expression is induced by fatty acids in liver cells.  

 

HILPDA deficiency modestly decreases liver triglyceride storage in mice with NASH 

Previously, it was found that hepatocyte-specific deficiency of HILPDA reduced hepatic 
triglyceride levels under chow-fed conditions, although not after chronic high fat feeding 
[19]. A possible reason for the inconsistent effect of HILPDA deficiency on liver triglycerides 
is the relatively low Hilpda expression in liver. To identify conditions where deficiency of 
HILPDA may be expected to have a larger effect, we screened mouse liver transcriptome 
data for upregulation of Hilpda. Interestingly, hepatic Hilpda mRNA levels were increased 
during non-alcoholic steatohepatitis (NASH) caused by feeding mice a methionine and 
choline deficient diet (Figure 2a, based on GSE35961). Accordingly, we hypothesized that 
the effect of HILPDA deficiency may be more pronounced during NASH. Hepatocyte-specific 
HILPDA-deficient mice were generated by crossing Hilpdaflox/flox mice with mice expressing 
Cre-recombinase driven by the albumin promoter. To induce NASH, HilpdaDhep and 
Hilpdaflox/flox mice were fed a high-fat diet deficient in methionine and choline for 11 weeks 
(HFmcd), using a low-fat (LF) diet as control. This diet does not lead to weight loss and has 
been reported to be a better model for human NASH than the traditional methionine and 
choline-deficient diet [30, 31]. After 11 weeks, hepatic expression of Hilpda was significantly 
higher in mice fed the HFmcd than the LF diet, and was significantly lower in HilpdaDhep than 
in Hilpdaflox/flox mice, which was accompanied by a modest compensatory increase in G0s2 
mRNA (Figure 2b). HILPDA protein levels were also markedly reduced in livers of HilpdaDhep 
compared to Hilpdaflox/flox mice (Figure 2c). Mice fed HFmcd were significantly lighter than 
the mice fed LFD, but no differences were observed between the genotypes (Figure 2d). 
Similarly, weight of the epididymal fat pad was significantly lower in the mice fed HFmcd, 
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but no differences were observed between HilpdaDhep and Hilpdaflox/flox mice (Figure 2e). 
Intriguingly, in mice fed HFmcd but not the LF diet, the weight of the liver was modestly but 
significantly lower in HilpdaDhep than in Hilpdaflox/flox mice (Figure 2f). Consistent with a 
stimulatory effect of HILPDA on liver fat, hepatic triglyceride levels were modestly but 
significantly lower in HilpdaDhep compared to Hilpdaflox/flox mice, both on the HFmcd and LF 
diet (Figure 2g). 

HILPDA deficiency did not have any significant effect on mRNA levels of Pnpla2, Dgat1, 
Dgat2, and Plin3 (Figure 2h). Also, despite a marked induction by HFmcd of the expression 
of macrophage/inflammatory markers Cd68 and Ccl2, and fibrosis markers Timp1 and 
Col1a1, no significant differences were observed between HilpdaDhep and Hilpdaflox/flox mice 
(Figure 2h). Histological analysis by hematoxylin and eosin (Figure 2i) and Syrius Red (Figure 
2j) staining indicated that mice fed HFmcd exhibited classical features of NASH, including 
ballooning, inflammation, steatosis, and fibrosis. However, no clear and consistent 
differences were noticeable between HilpdaDhep and Hilpdaflox/flox mice. By contrast, and in 
agreement with the liver triglyceride levels, plasma ALT levels were modestly but 
significantly lower in HilpdaDhep compared to Hilpdaflox/flox mice, both on the HFmcd and LF 
diet (Figure 2k). Finally, plasma levels of cholesterol, triglycerides, and glucose were not 
significantly different between HilpdaDhep and Hilpdaflox/flox mice on either diet (Figure 2l). 
Overall, these data indicate that hepatocyte-specific HILPDA deficiency causes a modest but 
significant decrease in hepatic triglyceride storage, liver weight, and plasma ALT levels, 
without having a clear impact on features of NASH and various metabolic parameters. 
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Figure 1: Hilpda expression is induced by fatty acids in various hepatoma cell lines. a) Venn diagram of 
upregulated genes (fold change>1.5) in murine Hepa1-6 hepatoma cells treated with different fatty acids (500 µM) 
for 6h. b) Relative changes in Hilpda and Plin2 mRNA in Hepa1-6 cells treated with different fatty acids (500 µM) 
for 6h based on microarray analysis. c) Relative changes in Hilpda and Plin2 mRNA in Hepa1-6, Fao and HepG2 
hepatoma cells treated for 24h with a 2:1 mixture of oleate and palmitate (OA:PA, total concentration 1.2 mM, 
n=4-5 per condition). d) HILPDA protein levels in Hepa1-6 and Fao cells treated with a 2:1 mixture of oleate and 
palmitate (total concentration 1.2 mM) for different duration. Bar graphs are presented as mean ±SD. Asterisk 
indicates significantly different from control-treated cells according to Student’s t test; **P < 0.01; ***P < 0.001.  

 

 

 

 

 

 

 

 

 

Figure 2: Effect of hepatocyte-specific HILPDA deficiency in mice with NAFLD. a) Upregulation of hepatic Hilpda 
mRNA by a methionine and choline-deficient diet (GSE35961). N=4 mice/group. b) Hilpda and G0s2 mRNA levels 
in livers of HilpdaDhep and Hilpdaflox/flox mice fed a low fat diet (LF) or high fat diet deficient in methionine and choline 
(HFmcd). c) HILPDA protein levels in livers of HilpdaDhep and Hilpdaflox/flox mice fed a low fat diet. d) Body weight. e) 
Gonadal adipose tissue weight. f) Liver weight. g) Liver triglyceride levels. h) mRNA levels of various LD-associated 
proteins, inflammatory markers. and fibrosis markers. i) H&E staining. j) Syrius Red staining. k) Plasma ALT levels. 
l) Plasma levels of various metabolites. Data are mean ± SEM; N=12 mice/group. Asterisk indicates significantly 
different from Hilpdaflox/flox mice according to Student’s t test; *P < 0.05; **P<0.01; ***P < 0.001.   
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HILPDA promotes lipid storage at least in part independently of ATGL  

To further study the functional role of HILPDA in liver cells, we used precision cut liver slices 
and primary hepatocytes. These model systems were chosen because they both express 
very high levels of Hilpda compared to mouse liver (Figure 3a). Liver slices were prepared 
from HilpdaDhep and Hilpdaflox/flox mice and incubated overnight with a mixture of oleate and 
palmitate, as well as with BODIPY FL C12, followed by visualization of the stored fatty acids 
using fluorescence confocal microscopy. Levels of Hilpda mRNA were about 60% lower in 
HilpdaDhep than Hilpdaflox/flox liver slices, and HILPDA protein levels were also markedly 
reduced (Figure 3b). Consistent with a stimulatory effect of HILPDA on lipid storage, 
hepatocyte-specific deficiency of HILPDA led to a marked reduction in BODIPY FL 
accumulation in LD (Figure 3c).  

We next moved to primary hepatocytes. In these cells, Hilpda mRNA was significantly 
induced by fatty acids (Figure 3d). To examine the effect of HILPDA deficiency on lipid 
storage, primary hepatocytes of HilpdaDhep and Hilpdaflox/flox mice were incubated overnight 
with a mixture of oleate and palmitate, followed by visualization of lipid storage by BODIPY 
493/503 staining and fluorescence confocal microscopy. Again, consistent with a 
stimulatory effect of HILPDA on lipid storage, LD were considerably smaller in HilpdaDhep 
than Hilpdaflox/flox primary hepatocytes (Figure 3e). Quantification of the images revealed a 
significantly lower LD area in the HilpdaDhep than Hilpdaflox/flox hepatocytes (Figure 3f). 
Previously, we and others found that HILPDA inhibits ATGL [20, 22]. To investigate if the 
effect of loss of HILPDA on lipid storage in hepatocytes is mediated by hyperactivation of 
ATGL, we cotreated HilpdaDhep and Hilpdaflox/flox hepatocytes with the ATGL inhibitor 
Atglistatin. While Atglistatin and Hilpda genotype significantly increased the LD area, no 
statistical interaction was observed between Atglistatin treatment and Hilpda genotype 
(Figure 3e,f), suggesting no functional interaction between ATGL and HILPDA. In contrast to 
HILPDA deficiency in macrophages [18, 24], we also did not observe an increase in ATGL 
protein in HILPDA-deficient liver slices (Figure 3g). These data suggest that HILPDA 
promotes lipid storage at least partly via an ATGL-independent mechanism.  
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Figure 3: HILPDA stimulates lipid droplet formation partly independently of ATGL. a) Relative Hilpda mRNA levels 
in mouse precision cut liver slices, mouse primary hepactocytes, and mouse liver. b) HILPDA protein levels (top 
panel) and relative Hilpda mRNA levels (lower panel) in liver slices prepared from HilpdaDhep and Hilpdaflox/flox mice. 
Bar graphs are presented as mean ±SD. * indicates P < 0.05 according to Student’s t test. c) Confocal microscopy 
of liver slices prepared from HilpdaDhep and Hilpdaflox/flox mice and incubated overnight with 800 µM oleate and 20 
µM BODIPY FL C12. λex: 488nm, λem: 550-595 nm. d) Hilpda mRNA expression in wildtype mouse primary 
hepatocytes treated with oleate (500 µM) for 24h. * indicates P < 0.001 according to Student’s t test. e) BODIPY 
493/503 staining of primary hepatocytes prepared from HilpdaDhep and Hilpdaflox/flox mice and incubated overnight 
with 0.8 mM oleate:palmitate mix (2:1) in the presence or absence of Atglistatin (20 µM). λex: 488nm, λem: 550-
595 nm.  f) Quantification of the lipid droplet area. The total number of lipid droplets analyzed per condition varied 
between 1017 and 1958. Two-way ANOVA revealed significant effects for Atglistatin (P<0.001) and genotype 
(P<0.001), but not for an interaction effect. g) ATGL protein levels in liver slices from HilpdaDhep and Hilpdaflox/flox 
mice and incubated overnight with 0.8 mM oleate:palmitate mix (2:1). Bar graphs and images are representative 
of at least two independent experiments. 
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HILPDA preferentially associates with newly synthesised lipid droplets and active lipid 
droplets 

To better understand the mechanism by which HILPDA promotes lipid storage in liver cells, 
we first investigated HILPDA localization. Previously, HILPDA protein was shown to partly 
localize to LD and to the LD-ER interface [15, 16, 19, 24]. Cellular fractionation confirmed 
the association of HILPDA with LD in mouse liver, which intriguingly was reduced by fasting 
(Supplemental figure 1a). The fractionation of the liver was confirmed by immunoblot of 
marker genes, showing the pronounced activation of autophagy by fasting in the LD fraction 
(Supplemental figure 1b).  

To better zoom in on the intracellular localization of HILPDA, we used stimulated emission 
depletion (STED) microscopy, which generates images of very high spatial resolution (± 70 
nm). HepG2 cells were transfected with HILPDA fused to sYFP2 and the LD were visualized 
by lipid loading the cells with a mix of oleate and BODIPY C12 558/568. Interestingly, while 
some HILPDA was observed around LD, most of the HILPDA was localized in the perinuclear 
area, presumably representing the ER, where triglyceride synthesis occurs (Figure 4a). 
Interestingly, many LD were not surrounded by HILPDA. Visualization of the ER via co-
transfection with pDsRed2-ER verified the partial localization of HILPDA in the ER (Figure 
4b).  

To examine the dynamics of the association of HILPDA with LD, we performed time-lapse 
fluorescence imaging in HepG2 cells transfected with HILPDA-sYFP2 and incubated with 
BODIPY FL C12 (Supplemental Video 1). Intriguingly, HILPDA was mainly present around LD 
that are being lipolyzed (disappear) and remodelled (form new LD). Little to no HILPDA was 
observed around stable LD. These data suggest a role of HILPDA in LD remodelling in liver 
cells.  

To better characterize the functional role of HILPDA in LD homeostasis in hepatocytes, we 
transfected HepG2 cells with HILPDA fused to mTurquoise2 and treated the cells with two 
labelled fatty acids that could be visualized separately using different channels. One 
labelled fatty acid (BODIPY C12 558/568) was added for 16 hours, while the other labelled 
fatty acid (BODIPY FL C12) was added for 20 min, after which cells were fixed (Figure 4c). 
Colocalization was evaluated by Manders’ Colocalization Coefficients and Pearson 
Correlation Coefficient (Figure 4d). Manders’ Colocalization Coefficients are measurements 
of co-occurrence, which is the spatial overlap of two probes. The Pearson Correlation 
Coefficient is a measurement of correlation, which evaluates the spatial overlap and signal 
proportionality. Analysis of the confocal images showed that HILPDA colocalizes almost 
entirely with the old and newly added fatty acids (M2: 96-97% respectively), and that the 
proportion of fatty acids that colocalized with HILPDA is greater for the newly added fatty 
acids than for the fatty acids added the day before (new M1:91% vs. old M1:80%). In line 
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with this, the Pearson Correlation Coefficient was significantly higher for the newly added 
fatty acids than for the fatty acids added the day before (Figure 4d). These data indicate 
that HILPDA more strongly correlates with newly added fatty acids, which —assuming that 
most of the added fatty acids are converted into triglycerides—suggests that HILPDA 
preferentially colocalizes with newly synthesized triglycerides. A schematic depiction of the 
set-up and outcomes of the above experiments is presented in Figure 4e. 
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Figure 4: HILPDA is primarily localized to the perinuclear area and preferentially associated with new fat. a) STED 
microscopy of HepG2 cells transfected with HILPDA fused to sYFP2 and lipid loaded with 0.8 mM oleate and 15 
µM BODIPY C12 558/568 for 18h. λex: 470 nm (YFP) and 558 nm (BODIPY-558/568).  λem: 480-540 nm (sYFP2) and 
570-650 nm (BODIPY 558/568). Left panel: HILPDA-sYFP2; middle panel: BODIPY-558, right panel: overlay. Arrows 
indicate perinuclear area. b) HepG2 cells cotransfected with HILPDA fused to Turquoise2 and with ER marker 
pDsRed2-ER (ClonTech) followed by incubation with 0.8mM oleate overnight. Left panel: HILPDA-Turquoise2; 
middle panel: ER marker pDsRed2-ER, right panel: overlay. Arrows indicate perinuclear area. c) Confocal 
microscopy of HepG2 cells transfected with HILPDA fused to Turquoise2 and lipid loaded with 0.6 mM oleate and 
15 µM BODIPY C12 558/568 for 16h, followed by incubation for 20 min with BODIPY FL C12 and fixed with 3.7% 
PFA. λex: 440 nm (mTurquoise2), 561 nm (BODIPY 558/568), and 488 nm (BODIPY FL).  λem: 450-480 nm 
(mTurquoise2), 570-620 nm (BODIPY 558/568), and 505-558 nm (BODIPY FL). Colocalized pixels of HILPDA and 
Fluorescent fatty acids are represented on gray scale, higher colocalization is depicted with lighter pixels; non-
colocalized HILPDA pixels are coloured green; whereas non-colocalized fluorescent fatty acid pixels are coloured 
red. d) Mean Pearson correlation coefficient R, and mean Manders’ colocalization coefficients M2 and M1 (pixel 
by pixel analysis, n=10 cells per group). Asterisk indicates significantly different according to Student’s t test; 
P<0.01. e) Schematic depiction of the set-up and outcomes of the above experiments. Bar graphs and images are 
representative of multiple independent experiments. 

 

 

HILPDA increases DGAT activity and DGAT1 levels 

To further study how HILPDA promotes lipid storage, we overexpressed HILPDA in HepG2 
cells via transduction with an adenoviral vector expressing Hilpda. HILPDA overexpression 
effectively raised HILPDA protein levels (Figure 5a) and was associated with a significant 
increase in triglyceride levels (Figure 5b) as well as LD size and abundance, as visualized by 
BODIPY staining (Figure 5c). Quantitative analysis showed that AV-Hilpda significantly 
increased the volume of the LD in both HepG2 and Hepa1-6 cells (Figure 5d). These data 
indicate that HILPDA overexpression promotes lipid storage in HepG2 cells.  

Based on the finding that HILPDA increases lipid accumulation partly independently of 
ATGL, we considered the possibility that HILPDA may target the lipophagy pathway [32]. 
However, accumulation of the autophagosome marker LC3-II in the presence of lysosomal 
inhibitors was comparable between control and AV-Hilpda cells, indicating that increased 
LD content in AV-Hilpda cells is not due to stimulation of lipophagy (Figure 5e). 
Alternatively, we considered that HILPDA may promote the synthesis and/or storage of 
triglycerides. Interestingly, lipidomics indicated that AV-Hilpda significantly decreased 
levels of diacylglycerols (Figure 5f), but did not significantly affect levels of other major lipid 
species (data not shown). Accordingly, we hypothesized that HILPDA might stimulate the 
activity of diacylglycerol acyltransferase (DGAT), which catalyzes the last and purportedly 
the rate-limiting step in the formation of triglycerides, using diacylglycerol and acyl-CoA as 
substrates. To determine a possible stimulatory effect of HILPDA on DGAT activity, we 
measured the synthesis of fluorescently-labelled triglycerides from fluorescent NBD-
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palmitoyl-CoA and 1,2 dioleoyl-sn-glycerol in lysates of HepG2 cells transduced with AV-
Hilpda or AV-Gfp. Strikingly, the DGAT-mediated incorporation of fluorescent NBD-
palmitoyl-CoA into triglycerides, as determined by quantification of TLC plates, was 
markedly increased by HILPDA overexpression (Figure 5g). This increase in triglyceride 
synthesis in HepG2 cells was unaltered in the presence of Atglistatin, suggesting it is 
independent of ATGL (Figure 5h). DGAT activity is catalyzed by two different isozymes: 
DGAT1 and DGAT2 [33]. Whereas DGAT2 has a preference for endogenously synthesized 
fatty acids, DGAT1 mainly esterifies exogenous fatty acids to diacylglycerol [34-36]. 
Strikingly, the increase in triglyceride synthesis by HILPDA overexpression was unaltered by 
the DGAT2 inhibitor PF-06424439 but completely suppressed by the DGAT1 inhibitor 
A922500. Interestingly, the induction of DGAT activity in HepG2 cells by HILPDA 
overexpression was accompanied by a significant increase in DGAT1 protein levels (Figure 
5i). The increase in DGAT1 protein was not associated with any change in mRNA levels of 
DGAT1, DGAT2 or other relevant proteins (Figure 5j), and was independent of ATGL activity 
(Figure 5k). The specificity of the DGAT1 antibody is shown in supplemental figure 2a. 
Neither the DGAT1 inhibitor nor the DGAT2 inhibitor affected endogenous HILPDA levels, 
as tested in Hepa1-6 cells (Supplemental figure 2b and 2c). 

To assess the effect of HILPDA overexpression on hepatic lipid levels and DGAT1 protein 
levels in vivo, we used samples from a previous study in which mice were infected with AAV 
expressing HILPDA [17]. AAV-mediated HILPDA overexpression markedly changed the 
lipidomic profile in liver (Figure 6a) and markedly increased hepatic triglyceride levels 
(Figure 6b). In fact, out of 1479 lipids measured, the 30 most significantly altered lipids by 
HILPDA overexpression were nearly all triglycerides, the remainder being cholesteryl-esters 
(Figure 6c). Consistent with the data in HepG2 cells, HILPDA overexpression increased 
DGAT1 protein levels in mouse liver (Figure 6d). These data suggest that HILPDA promotes 
triglyceride storage in liver concurrent with an increase in DGAT1 protein. 
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Figure 5: HILPDA overexpression promotes LD storage and increases DGAT1 levels in HepG2 cells.  HepG2 cells 
were transduced with AV-Hilpda, AV-GFP, or non-transduced and treated with oleate:palmitate (2:1 ratio). a) 
HILPDA protein levels. b) Triglyceride content in HepG2 cells incubated with serum free DMEM or 3h in 1 mM 
oleate:palmitate. c) GFP fluorescence and BODIPY 493/503 staining. d) Quantification of LD size in HepG2 treated 
with 0.8mM oleate:palmitate for 8h and Hepa 1-6 cells treated with 1mM for 24h. The graphs are representative 
of two independent experiments. e) LC3-I and LC3-II protein levels in HepG2 cells lipid loaded with 0.8mM 
oleate:palmitate for 8h, in the presence and absence of lysosomal inhibitors cocktail. f) Total DAG levels as 
determined by lipidomics in HepG2 cells incubated with 0.8mM oleate:palmitate for 5h. g) Time course of DGAT 
activity in HepG2 cells. The graph is representative of three independent experiments. h) DGAT activity in HepG2 
cells in the presence and absence of ATGL, DGAT2 and DGAT1 inhibitor. The graphs are representative of two 
independent experiments. i) DGAT1 and HILPDA protein levels in HepG2 cells. j) mRNA levels of selected genes. k) 
DGAT1 protein levels in HepG2 cells in presence and absence of Atglistatin. Asterisk indicates significantly different 
according to Student’s t test; **P<0.01; ***P < 0.001.  

 

 

 

 

 

 

 

Figure 6: HILPDA overexpression promotes triglycerides storage and increases DGAT1 levels in mouse liver.  
Livers were collected from mice 4 weeks after injection with AAV-Gfp or AAV-Hilpda [17]. a) PLS-DA analysis of the 
liver lipidomics profiles. b) Cumulative hepatic concentration of all triglyceride species. c) Heatmap of the 30 most 
significantly altered lipid species. d) DGAT1 and HILPDA protein levels in livers of mice infected with AAV-Gfp or 
AAV-Hilpda. N=8 mice/group. Asterisk indicates significantly different according to Student’s t test; ***P < 0.001.  
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HILPDA physically interacts with DGAT1  

To investigate if HILPDA may physically interact with DGAT1 in cells, we performed FRET 
quantified by FLIM. In live HepG2 cells transfected with HILPDA-mEGFP and DGAT1-
mCherry, HILPDA colocalized with DGAT1 (Figure 7a). Because confocal microscopy is 
diffraction limited to ∼250 nm, our colocalization results do not directly demonstrate that 
HILPDA and DGAT1 are physically interacting. To determine protein interactions, we 
performed FRET quantified by FLIM. The mean fluorescence lifetime of the donor 
fluorophore HILPDA-EGFP was significantly decreased by the presence of the acceptor 
fluorophore DGAT1-mCherry (Figure 7b-c). This result demonstrates that HILPDA and 
DGAT1 are in very close proximity, indicating a direct physical interaction between these 
two proteins. Transfection of HepG2 cells with HILPDA-mEGFP and DGAT2-mCherry showed 
that HILPDA also partially colocalizes with DGAT2 (Figure 7d). As for DGAT1, the mean 
fluorescence lifetime of the donor HILPDA-EGFP was significantly decreased upon co-
transfection of the acceptor DGAT2-mCherry (Figure 7e-f). These data indicate that HILPDA 
is able to physically interact with both DGAT1 and DGAT2. By contrast, although GPAT4-
EFGP and HILPDA-mCherry showed substantial colocalization, FRET-FLIM analysis did not 
reveal a significant change in donor lifetime, indicating that these proteins do not interact 
(Supplemental figure 3a-c). Also, no significant change in donor lifetime was observed for 
HILPDA-mEGFP in combination with PLIN3-mCherry or GPAT1-EGFP in combination with 
HILPDA-mCherry (Supplemental figure 3d). Furthermore, HILPDA-mEGFP showed little to 
no colocalization with PLIN2-mCherry (Figure 7g-h). The latter observation was confirmed 
in Hepa1-6 and 3T3-L1 cells (Supplemental figure 3e). 

We repeated the FRET-FLIM experiments in fixed HepG2 cells and obtained similar 
outcomes. Specifically, co-expression of HILPDA-mEGFP with DGAT1-mCherry 
(Supplemental figure 4a-c) and DGAT2-mCherry (Supplemental figure 4d-f) led to a 
significant reduction in donor fluorescence lifetime. Collectively, these data indicate that 
HILPDA physically interacts with DGAT1 and DGAT2, but not with any of the other proteins 
studied.  

Finally, to investigate if HILPDA may promote lipid storage via DGAT in other cell types, we 
turned our attention to adipocytes. Adipocyte-specific HILPDA-deficient mice (HilpdaDADIPO) 
were generated by crossing Hilpdaflox/flox mice with mice expressing Cre-recombinase under 
control of the adiponectin promoter and used for the production of HILPDA-deficient 
primary adipocytes. HILPDA protein levels were markedly reduced in HilpdaDADIPO 
adipocytes (Figure 8a). Deficiency of HILPDA in primary mouse adipocytes did not influence 
adipogenesis per se, as indicated by unaltered expression of adipogenic markers genes, nor 
did it influence the expression of G0s2, Dgat1, or Dgat2 (Figure 8b). However, lipid 
accumulation was markedly reduced by HILPDA deficiency (Figure 8c), as revealed by a 
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significant decrease in the size of the lipid droplets (Figure 8d) and the Bodipy fluorescence 
(Figure 8e). To determine the underlying mechanism, we measured the release of non-
esterified fatty acids into the medium. Interestingly, HILPDA deficiency significantly 
increased fatty acid secretion (Figure 8f). Secretion of fatty acids was completely blunted 
by the ATGL inhibitor Atglistatin, indicating that fatty acid secretion is entirely driven by 
ATGL-mediated lipolysis. Theoretically, the increased fatty acid secretion in HILPDA-
deficient adipocytes may be caused by enhanced lipolysis or reduced fatty acid re-
esterification. As expected, blocking fatty acid (re)esterification by inhibiting DGAT1 
increased fatty acid release. Intriguingly, however, the relative increase in fatty acid 
secretion by HILPDA deficiency was markedly reduced upon DGAT1 inhibition (Figure 8f), 
suggesting that the elevated fatty acid secretion in HILPDA-deficient adipocytes cannot 
solely be explained by enhanced ATGL-mediated lipolysis but also involves impaired DGAT1-
mediated fatty acid re-esterification. Finally, in agreement with a stimulatory effect of 
HILPDA on lipid storage, the weights of the epididymal and inguinal fat depots were 
significantly lower in HilpdaDADIPO mice than Hilpdaflox/flox mice (Figure 8g). 
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Figure 7: HILPDA and DGAT1/DGAT2 colocalize and physically interact intracellularly. HepG2 cells were 
transfected with HILPDA_mEGFP and DGAT1_mCherry or DGAT2_mCherry under lipid loaded conditions. 
Microscopy was carried out on live cells. a) HILPDA_EGFP and mDGAT1_mCherry partially colocalize in HepG2 
cells. b) Fluorescence lifetime (τ) of HILPDA_EGFP in absence and presence of acceptor DGAT1_mCherry (n=8 per 
condition). c) Intensity image and LUT coloured lifetime image from red (1300 ps) to blue (2800 ps) from 
HILPDA_EGFP lifetime (τ) in the absence (left) or presence (right) of DGAT1_mCherry indicating where interaction 
occurs d) HILPDA_EGFP and DGAT2_mCherry partially colocalize in HepG2 cells. e) Fluorescence lifetime (τ) of 
HILPDA_EGFP in absence and presence of acceptor DGAT2_mCherry (n= 12-14). f) Intensity image and LUT 
coloured lifetime image from red (1300 ps) to blue (2800 ps) from HILPDA_EGFP lifetime (τ) in the absence (left) 
or presence (right) of DGAT2_mCherry indicating where interaction occurs g) HILPDA_EGFP and PLIN2_mCherry 
do not colocalize in HepG2 cells. h) Fluorescence lifetime (τ) of HILPDA_EGFP in absence and presence of acceptor 
PLIN2_mCherry (n=5-6). Asterisk indicates significantly different from donor-only according to Student’s t test; **P 
< 0.01; ***P < 0.001. D=donor, D/A=donor/acceptor. Graphs and images are representative of at least two 
independent experiments in live and fixed cells.  

 

 

Figure 8. HILPDA promotes lipid storage and reduces fatty acid secretion in adipocytes via DGAT1. Primary 
adipocytes were differentiated using the adipose tissue of HilpdaDADIPO and Hilpdaflox/flox mice. a) HILPDA protein 
levels as determined by Western blot. b) mRNA levels of selected genes determined by qPCR. c) Confocal 
fluorescence microscopy of Bodipy-stained HilpdaDADIPO and Hilpdaflox/flox adipocytes. d) Quantification of the lipid 
droplet area. e) Quantification of the Bodipy fluorescence. f) Concentration of fatty acids in the medium of 
HilpdaDADIPO and Hilpdaflox/flox adipocytes treated with Atglistatin (ATGLi) or T863 (DGAT1i). Graphs and images are 
representative of at least two independent experiments. g) Weight of the gonadal and inguinal fat depots in 
HilpdaDADIPO and Hilpdaflox/flox mice. N=11-13 mice/group. Asterisk indicates significantly different from Hilpdaflox/flox 
mice/cells according to Student’s t test; *P < 0.05; **P<0.01.  
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Discussion 

The purpose of this study was to better define the role and mechanism of action of HILPDA 
in liver cells. We find that HILPDA is induced by fatty acids in liver cells and stimulates lipid 
storage, which is at least partly independently of ATGL. Fluorescence microscopy showed 
that HILPDA partly colocalizes with LD and with the endoplasmic reticulum, is especially 
abundant in perinuclear areas, mainly associates with newly added fatty acids, and 
preferentially localizes to LD that are being remodelled. Mechanistically, HILPDA physically 
interacts with DGAT1, stimulates DGAT activity, and increases DGAT1 protein levels. Studies 
in adipocytes further support the stimulatory effect of HILPDA on lipid storage via DGAT1. 
Our data suggest that in addition to inhibiting ATGL-mediated lipolysis, HILPDA stimulates 
DGAT1-mediated triglyceride synthesis. Based on our and other data, it can be 
hypothesized that HILPDA is part of a larger triglyceride turnover complex (“lipolysome”) 
that includes enzymes involved in triglycerides synthesis and triglyceride breakdown, 
including ATGL and DGAT1, as well as regulatory proteins such as ABHD5 and G0S2 [33, 37, 
38]. 

HILPDA and G0S2 share extensive sequence homology, and both proteins are able to inhibit 
ATGL. Recently, evidence was provided that G0S2 not only suppresses lipolysis but also 
promotes triglyceride synthesis by carrying glycerol-3-phosphate acyltransferase 
(GPAT/LPAAT/AGPAT) enzymatic activity [39]. Given the very small size of HILPDA (63 amino 
acids), it is unlikely that HILPDA can itself function as a fatty acid esterification enzyme. 
Rather, our data suggest that HILPDA increases the level and activity of the DGAT1 enzyme 
via a direct physical interaction between the two proteins. DGAT1 catalyzes the 
esterification of exogenous fatty acids and fatty acids released from LD [35, 40]. How 
HILPDA increases DGAT1 levels is unclear but it can be hypothesized that the binding of 
HILPDA may stabilize DGAT1. Currently, nothing is known about how DGAT1 is degraded, 
complicating the study of the possible role of HILPDA in DGAT1 degradation.  

PLIN2 is considered to represent a general lipid droplet-coating protein that occurs in 
essentially all cells, including hepatocytes. Evidence abounds indicating that PLIN2 
promotes LD formation and thereby protects stored triglycerides from lipolysis [41]. 
Although PLIN2 is believed to resides on most LD in hepatocytes, we found that HILPDA-
mEGFP did not colocalize with PLIN2-mCherry and that HILPDA and PLIN2 coat distinct sets 
of LD. Based on this observation, it can be hypothesized that the presence of HILDPA on LD 
may lead to the exclusion of PLIN2 or vice-versa. Whereas coating with PLIN2 may define 
more stable LD, coating with HILPDA may be a feature of LD that are being remodelled via 
active triglyceride synthesis and lipolysis. This intriguing possibility merits further 
experimental investigation. 
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In this paper, deficiency of HILPDA in mouse liver led to a modest reduction in triglyceride 
storage after inducing NASH. Previous studies found that HILPDA deficiency does not 
significantly influence hepatic triglyceride levels in mice fed chow or a high fat diet [19]. The 
reason for the divergent results is unclear but could be related to the different types of diets 
used. Although statistically significant, the magnitude of the effect of HILPDA deficiency on 
hepatic triglyceride levels in mice was modest, which may be explained by the relatively low 
expression of Hilpda in mouse liver. By contrast, raising liver HILPDA levels by adeno-
associated virus markedly elevates triglyceride storage.  

Whereas HILPDA deficiency only had a modest effect on triglyceride storage in mouse liver, 
deficiency of HILPDA markedly reduced lipid storage in primary hepatocytes, which is 
consistent with the much higher Hilpda expression in primary mouse hepatocytes 
compared to mouse liver. Specific physiological, pathological, and pharmacological stimuli 
may elevate HILPDA levels, thereby rendering HILPDA more important. A pathological 
condition associated with upregulation of Hilpda is infection with hepatitis C virus [42], 
which, interestingly, uses lipid droplets for replication [43, 44]. Also, as HILPDA is highly 
induced by hypoxia and HIF1α, HILPDA is an excellent candidate to mediate the stimulatory 
effect of hypoxia/HIF1α on hepatic triglyceride levels [22, 45]. We speculate that an 
elevated expression of HIF1α may also explain the higher expression of HILDPA in primary 
hepatocytes compared to mouse liver. 

The observed reduction in lipid storage in HILPDA-deficient hepatocytes is consistent with 
the data by DiStefano and colleagues [19]. According to their fatty acid flux data, the 
decrease in lipid storage is explained by a combination of decreased fatty acid uptake, 
increased fatty acid beta-oxidation, and increased triglyceride lipolysis. While triglyceride 
lipolysis is known to be directly targeted by HILPDA, it is unclear if fatty acid uptake and β-
oxidation are as well, or if they are affected indirectly.  

Currently, hardly anything is known about HILPDA in human liver. If the expression level of 
HILPDA in human liver is sufficiently high, inactivation of HILPDA could in theory be a 
promising strategy to treat non-alcoholic fatty liver disease. Whether NAFLD is associated 
with a change in the expression of HILPDA in human liver is unknown. Because loss-of-
function variants in HILPDA would be expected to lead to reduced hepatic lipid storage, 
HILPDA is unlikely to emerge from any genome-wide association screens on NAFLD. Using 
multiple tools, we searched for SNP missense variants in the protein-coding region of the 
HILPDA gene. We identified several missense variants, a number of which was predicted to 
have a negative impact on protein structure. However, all identified missense variants are 
rare or very rare with a minor allele frequency <0.1%. Accordingly, human genetic studies 
are unlikely to clarify the role of HILPDA in human liver.  
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As our gene targeting strategy was directed towards HILPDA in hepatocytes, our 
conclusions are also limited to the role of HILPDA in these cells. The fact that albumin Cre-
mediated Hilpda deletion only reduced hepatic Hilpda mRNA by about 50-60% suggests 
that Hilpda is expressed in other liver cell types as well, including possibly Kupffer cells, 
stellate cells, and endothelial cells. Given the important role of HILPDA in lipid storage in 
macrophages, it would be of interest to study the effect of LysM-Cre mediated HILPDA 
deficiency on NASH and on lipid storage in Kupffer cells. 

In our study, expression of HILPDA in liver cells was induced by fatty acids, which is 
consistent with the very sensitive upregulation of HILPDA by fatty acids in macrophages [18, 
24]. Besides activating Hilpda transcription via PPARs [17, 24], it is possible that fatty acids 
also specifically upregulate HILPDA at the protein level. The marked upregulation of Hilpda 
by fatty acids is likely part of a feed-forward mechanism to properly dispose of the fatty 
acids by promoting their storage as triglycerides, either by activating the last step in 
triglyceride synthesis and/or inhibiting the first step in triglyceride breakdown, thereby 
avoiding potentially lipotoxic levels of fatty acids. 

Our study has several limitations. First, studies in cell culture were performed with 
overexpressed and tagged proteins, which may have influenced the results. It should be 
noted, though, that the colocalization of HILPDA to the ER and lipid droplets is fully in 
agreement with previous immunofluorescence studies on endogenous HILPDA [24, 46]. 
Moreover, to be able to study protein-protein interactions in live cells via FRET-FLIM, it is 
necessary to overexpress and tag proteins. Second, the expression of Hilpda in mouse liver 
is low, certainly compared to macrophages, limiting the impact of HILPDA deficiency. 
Nevertheless, we could clearly detect HILPDA protein by Western blot in mouse liver, and 
observed a marked decrease in HILPDA abundance in hepatocyte-specific HILPDA-deficient 
mice. Third, direct evidence showing that physiological levels of HILPDA regulate 
triglyceride storage in mouse liver via DGAT1 is lacking. Addressing this question is 
technically extremely challenging. Instead, we showed that the stimulatory effect of HILPDA 
overexpression on triglyceride synthesis in liver cells is mediated by DGAT1. Furthermore, 
we show in adipocytes that the inhibitory effect of HILPDA on fatty acid release is 
dependent on DGAT1. Fourth, the only direct evidence for a physical interaction between 
HILPDA and DGAT1 is via FRET-FLIM. Unfortunately, numerous efforts to try to 
immunoprecipitate HILPDA in cells failed, which is common for LD-associated proteins. 

In conclusion, HILPDA serves as an intracellular sensor for fatty acids that couples changes 
in intracellular fatty acid levels to lipid storage. Specifically, our data suggest that besides 
inhibiting ATGL-mediated lipolysis, HILPDA increases lipid storage in cells by stimulating 
DGAT1-catalyzed triglyceride synthesis.  
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Supplemental figures 

 

Supplemental figure 1. a) Enrichment of HILPDA in the lipid droplet fraction of fasted and fed wildtype livers as 
shown by immunoblot. b) Immunoblots showing the presence of autophagy-related proteins Beclin 1 and LC in 
homogenate and lipid droplets fractions of livers of fed and 24h fasted mice. Five livers of wildtype C57Bl/6 mice 
were pooled into each sample. Absence of GAPDH validates absence of cytosolic contamination of lipid droplet 
fractions. Presence of CGI58 (ABHD5) demonstrates enrichment of the LD fraction.  

 

 

Supplemental figure 2. a) The DGAT1 antibody effectively detects DGAT1 in HepG2 cells transfected with DGAT1 
expression vector. No effect of DGAT1 or DGAT2 inhibition on HILPDA protein levels (b) or mRNA levels (c) in 
Hepa1-6 cells. Hepa1-6 cells were pre-treated with DGAT1 inhibitor (A922500, 1 μM) or DGAT2 inhibitor (PF-
06424439, 20 μM) for 30 minutes followed by co-treated for 24 hours with a 2:1 mixture of oleate and palmitate 
(total concentration (0.6 mM). Error bars represent SD.  
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Supplemental figure 3. HepG2 cells were transfected with HILPDA_mCherry and GPAT4_EGFP, GPAT1_EGFP or 
HILPDA_EGFP and PLIN3_mCherry under lipid loaded conditions. Microscopy was carried out on live cells. a) 
HILPDA_mCherry and GPAT4_EGFP colocalize in HepG2 cells. b) Fluorescence lifetime (τ) of GPAT4_EGFP in 
absence and presence of acceptor HILPDA_mCherry. c) Intensity image and LUT coloured lifetime image from 
GPAT4_EGFP lifetime (τ) in the absence (left) or presence (right) of HILPDA_mCherry. d) Fluorescence lifetime (τ) 
of GPAT1_EGFP in absence and presence of acceptor HILPDA_EGFP and fluorescence lifetime (τ) of donor 
HILPDA_EGFP in the absence and presence of acceptor PLIN3_mCherry. 
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Supplemental figure 4: HILPDA and DGAT1/DGAT2 colocalize and physically interact intracellularly. HepG2 cells 
were transfected with HILPDA_EGFP and DGAT1_mCherry or DGAT2_mCherry under lipid loaded conditions. 
Microscopy was carried out on fixed cells. a) HILPDA_EGFP and mDGAT1_mCherry partially colocalize in HepG2 
cells. b) Fluorescence lifetime (τ) of HILPDA_EGFP in absence and presence of acceptor DGAT1_mCherry. c) 
Intensity image and LUT coloured lifetime image from red (1200 ps) to blue (2500 ps) from HILPDA_EGFP lifetime 
(τ) in the absence (left) or presence (right) of DGAT1_mCherry indicating where interaction occurs) HILPDA_EGFP 
and DGAT2_mCherry partially colocalize in HepG2 cells. e) Fluorescence lifetime (τ) of HILPDA_EGFP in absence 
and presence of acceptor DGAT2_mCherry. f) Intensity image and LUT coloured lifetime image from red (1200 ps) 
to blue (2500 ps) from HILPDA_EGFP lifetime (τ) in the absence (left) or presence (right) of DGAT2_mCherry 
indicating where interaction occurs. Asterisk indicates significantly different from donor only according to 
Student’s t test; ***P < 0.001.  
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Supplemental Video 1. HILPDA concentrates in active (lipolyzed/re-emerged) lipid droplets. HepG2 cells were 
transfected with HILPDA fused to mCherry, the day after transfection cells were starved for 1h with HBSS 0.2% FA-
free BSA. Medium was then replaced with QBT fatty acid uptake assay kit, which contains a BODIPY dodecanoic 
acid fluorescent fatty acid and after 4h incubation cells were imaged on a Leica TCS SP8 X system. λex: 561 nm 
(mCherry) and 488 nm (BODIPY). λem: 570-620 nm (mCherry) and 505-550 nm (BODIPY). Images were acquired 
sequentially using 512 x 512. Left, Hilpda in magenta LUTs and fatty acid BODIPY in green LUTs. White tone depicts 
higher signal intensity from HILPDA_mCherry. Right, Hilpda_mCherry distribution is delineated in white and the 
underneath fatty acid BODIPY can be visualized in green LUTs. Access code: Delarosa  
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Summary 

Nearly all cell types have the ability to store excess energy as triglycerides in specialized 
organelles called lipid droplets. The formation and degradation of lipid droplets is governed 
by a diverse set of enzymes and lipid droplet-associated proteins. One of the lipid droplet-
associated proteins is Hypoxia Inducible Lipid Droplet Associated (HILPDA). HILPDA was 
originally discovered in a screen to identify novel hypoxia-inducible proteins. Apart from 
hypoxia, levels of HILPDA are induced by fatty acids and adrenergic agonists. HILPDA is a 
small protein of 63 amino acids in humans and 64 amino acids in mice. Inside cells, HILPDA 
is located in the endoplasmic reticulum and around lipid droplets. Gain- and loss-of-function 
experiment have demonstrated that HILPDA promotes lipid storage in hepatocytes, 
macrophages and cancer cells. HILPDA increases lipid droplet accumulation at least partly 
by inhibiting triglyceride hydrolysis via ATGL and stimulating triglyceride synthesis via 
DGAT1. Overall, HILPDA is a novel regulatory signal that adjusts triglyceride storage and the 
intracellular availability of fatty acids to the external fatty acid supply and the capacity for 
oxidation. 
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Introduction 

Fatty acids are a major fuel for many different types of cells. Indeed, nearly all cells have 
the ability to oxidize fatty acids in mitochondria, leading to the production of ATP. Fatty 
acids enter cells via fatty acid transporters. After uptake, they are bound by fatty acid-
binding proteins, which direct the fatty acids to their different metabolic fates. When 
uptake of fatty acids exceeds the requirements and capacity for oxidation, the excess fatty 
acids are esterified into triglycerides and stored in specialized organelles called lipid 
droplets [1]. The ability to store energy as triglycerides in lipid droplets endows cells with 
the ability to overcome periods of limited nutrient supply. In addition, storing fatty acids as 
triglycerides permits cells to cope with fluctuations in fatty acid supply and avoid 
lipotoxicity. Nearly all types of cells contain lipid droplets. Whereas an adipocyte contains 
one large lipid droplet, most cell types have multiple small lipid droplets. Under normal 
circumstances, these lipid droplets only take up limited space in the cell. However, in certain 
physiological and pathological conditions, lipid droplets may expand and occupy substantial 
cell volume [2]. For example, alcoholic and non-alcoholic steatohepatitis are characterized 
by proliferation and expansion of lipid droplets in hepatocytes [3, 4]. A similar phenomenon 
is observed in hepatocytes during fasting.  

A unique feature of lipid droplets is that they are very dynamic and can quickly expand or 
shrink depending on cellular demands. The synthesis of triglycerides, their storage in lipid 
droplets, and the subsequent breakdown of triglycerides into fatty acids is regulated by a 
complex set of enzymes and lipid droplet-associated proteins. These lipid droplet-
associated proteins serve structural roles in lipid droplets and regulate the activity of key 
lipogenic and lipolytic enzymes [5]. An important group of lipid droplet-associated proteins 
are the five members of the perilipin family, PLIN1-PLIN5, and the three members of the 
Cell Death Inducing DFFA Like Effectors (CIDE) family. Detailed information on these groups 
of lipid droplet-associated proteins can be found elsewhere [6-8]. Recently, the Hypoxia 
Inducible Lipid Droplet Associated (HILPDA) protein emerged as a novel modulator of 
intracellular lipid droplet homeostasis in liver, macrophages, and other cell types. This 
review provides a detailed overview of the role of HILPDA in lipid homeostasis in various 
cell types.   
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Cell-specific expression and regulation of HILPDA 

HILPDA gene 

HILPDA was originally discovered in a subtractive hybridization screen to identify novel 
genes upregulated by hypoxia in cultured human cervical epithelial cells [9]. The human 
HILPDA gene is located on chromosome 7 and consists of two exons and one intron, 
covering a genomic region of 2.6 kb. The human cDNA is almost 1.4 kb and gives rises to a 
protein of 63 amino acids. The mouse HILPDA protein is slightly larger at 64 amino acids. 
The primary structure of HILPDA in several mammals is shown in Figure 1A. 

According to Genevestigator, HILPDA mRNA is expressed at high levels in numerous tissues 
and cell types [10]. In humans, high HILPDA mRNA expression is reported in peripheral 
blood CD8 activated T cells, adipocytes, esophagus, blood vessels, dendritic cells, and 
various epithelial cells, while in mice, the highest Hilpda mRNA expression is observed in 
various types of immune cells, including dendritic cells, neutrophils, eosinophils, 
macrophages, B cells, and T cells, as well as cultured hepatocytes. At the protein level, high 
HILPDA levels are found in murine white and brown adipose tissue, heart, and lung [11-13]. 

 

Regulation of HILPDA expression 

The expression of HILPDA in different cell types is controlled by several stimuli. As reflected 
by its full name, HILPDA is induced by hypoxia. Induction of HILPDA mRNA and protein by 
hypoxia was first observed in human cervical epithelial cells [9], and was subsequently 
confirmed in numerous cancer cells and cell lines [9, 14-16], and macrophages [12, 17]. 
Induction of HILPDA by hypoxia is mediated by HIF-1a via a number of hypoxia-response 
elements located 300 nucleotides upstream of the transcriptional start site of the Hilpda 
gene [14].  

Another potent stimulus of Hilpda mRNA expression are fatty acids, which has been 
observed in various types of macrophages [12, 17], hepatocytes [18], mouse embryonic 
fibroblasts [15], and in the HCT116 human colon cancer cell line [15]. The relative increase 
in HILPDA protein by fatty acids is more pronounced than the increase in Hilpda mRNA, 
which is consistent with the observation that fatty acids protect HILPDA from degradation 
[14]. Induction of Hilpda mRNA is likely mediated in part by the fatty acid-inducible PPAR 
transcription factors. In human and mouse hepatocytes, Hilpda mRNA is upregulated by 
PPARα via a conserved PPAR response element located 1200 base pairs upstream of the 
transcription start site [19]. Regulation by PPARα is not responsible for the induction of 
hepatic Hilpda mRNA and protein during fasting [19, 20]. In human and mouse adipocytes, 
HILPDA mRNA is upregulated by PPARγ via a prominent PPARγ superenhancer covering 
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about 8 kb upstream of the HILPDA gene and containing several conserved PPARγ binding 
sites. 

Other stimuli that increase HILPDA mRNA and protein levels are numerous b-adrenergic 
agonists and forskolin. These effects were observed in adipocytes and suggest a stimulatory 
effect of cAMP [11, 13]. Fasting induces Hilpda mRNA and protein levels in mouse adipose 
tissue, which may be mediated by cAMP [11]. In bone marrow-derived macrophages, 
HILPDA protein is highly induced by lipopolysaccharide [17]. 

Lastly, HILPDA mRNA and protein levels were found to be upregulated in different types of 
tumor cells, including renal cell carcinoma, ovarian clear cell adenocarcinoma, colorectal 
adenoma and carcinoma, and in different solid tumors [16, 21, 22]. In renal cell carcinoma 
cell lines, HILPDA expression is under positive transcriptional control of the β-catenin/Wnt 
pathway. Induction of HILPDA expression by the β-catenin/Wnt pathway was shown to be 
mediated by a TCF/LEF binding site about 2.1 kb upstream of the transcriptional start site 
[23]. 

 

Intracellular localization of HILPDA 

HILPDA has been shown to localize to lipid droplets in several different cell types [11, 14, 
20]. Nevertheless, not all lipid droplets are surrounded by HILPDA. In contrast to PLIN2, a 
ubiquitously expressed and constitutive lipid droplet-associated protein, HILPDA only 
colocalizes with a subpopulation of the lipid droplets [14, 18]. Apart from lipid droplets, 
HILPDA has also been shown to localize to and migrate through the endoplasmic reticulum, 
the site of lipid droplet synthesis [17, 18]. In addition, it was found that HILPDA preferably 
accumulates in lipid droplets undergoing remodelling (shrinking and  expansion), and that 
HILPDA is present in the perinuclear area, where it correlates significantly with newly 
synthesized triglycerides [18]. Consistent with this observation, HILPDA was shown to 
colocalize with the lipolytic and lipogenic enzymes ATGL and DGAT1/2 respectively [16, 18, 
24, 25]. Together, these observations suggest that HILPDA is coupled to a functionally 
distinct subpopulation of lipid droplets that is undergoing active remodelling, which fits 
with its alleged role as small molecule inhibitor and activator of lipolysis and triglyceride 
synthesis, respectively (see below).  

 

Molecular mechanism of action of HILPDA 

HILPDA is a small protein that bears no homology with any other protein, except for a 
conserved region that is predicted to be a transmembrane domain. This stretch of 24 amino 
acids, which is close to the N-terminus and targets HILPDA to lipid droplets, is highly 
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homologous to a region in the protein G0S2 (Figure 1B, 1C). G0S2 functions as an inhibitor 
of ATGL in several tissues, including adipose tissue, liver, and skeletal muscle [26]. Recent 
research suggests that HILPDA also inhibits ATGL. In HILPDA-deficient HTC116 cells, mouse 
embryonic fibroblasts, and bone marrow-derived macrophages, ATGL inactivation restored 
the decrease in lipid droplets and triglyceride storage, whereas it had minimal effect on 
lipid storage in wildtype cells [12, 15, 16]. Moreover, the increase in lipolysis in HILPDA-
deficient cells was restored by ATGL inactivation [15, 16]. These data indicate that HILPDA 
is an endogenous and physiological inhibitor of ATGL. Biochemical studies indicate that 
HILPDA directly inhibits ATGL triglyceride hydrolase activity via a direct physical interaction 
between the two proteins [16, 24]. This interaction was also observed intracellularly in live 
cells using FRET-FLIM [24]. The ATGL interaction and inhibition by HILPDA are mediated by 
the conserved N-terminus of HILPDA and crucially depend on residues 7-11 [15, 16, 24]. The 
HILPDA interacting region in ATGL covers the N-terminal patatin domain-containing region, 
which also mediates triglyceride hydrolysis and the interaction with CGI-58/ABHD5, 
Atglistatin, acyl-CoA, and G0S2.  

Interestingly, in a cell-free system, the interaction between ATGL and HILPDA was found to 
be substantially weaker than the interaction between ATGL and G0S2 [24], which may also 
explain why initial studies failed to provide support for ATGL inhibition by HILPDA [19]. 
Nevertheless, studies in HILPDA-deficient cells indicate that HILPDA effectively inhibits 
ATGL-mediated lipolysis. Additional research is needed to determine why HILPDA is less 
potent in cell-free systems compared to live cells, but it can be hypothesized that HILPDA 
requires interaction with an auxiliary factor to gain full activity. It should be noted that apart 
from binding and inhibiting ATGL, HILPDA also seems to reduce ATGL protein levels, possibly 
by destabilizing ATGL protein [11, 12]. 

Besides inhibiting lipolysis, in a recent preprint, HILPDA was shown to promote intracellular 
lipid accumulation by enhancing triglyceride synthesis [18]. The final rate-limiting step in 
the formation of triglycerides is catalyzed by diacylglycerol acyltransferases (DGAT), 

consisting of two evolutionarily unrelated enzymes DGAT1 and DGAT2. It has been shown 
that DGAT2 preferentially catalyzes triglyceride synthesis from de novo synthesized fatty 
acids, whereas DGAT1 catalyzes triglyceride synthesis from exogenous fatty acids or fatty 
acids released by lipolysis [27] . In the preprint, HILPDA was shown to colocalize and 
physically interact with DGAT1 and DGAT2 in HepG2 cells and promotes DGAT activity. 
Although HILPDA colocalized with DGAT2 it needs exogenous fatty acids to increase 
triglyceride accumulation. This indicates that DGAT1 is the preferred target of HILPDA. In 
addition, HILPDA increases protein levels of DGAT1, possibly by serving as a protein 
stabilizer. Collectively, HILPDA may thus promote intracellular lipid storage by suppressing 
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lipolysis via inhibition of ATGL and inducing triglyceride synthesis via activation of 
DGAT1[18]. 

 

 

 

Figure 1. Primary sequence of HILPDA. A) Comparative analysis of the amino acid sequence of HILPDA in different 
species. B) Graphical presentation of the primary sequence of HILPDA, highlighting the N-terminal domain involved 
in interactions with lipid droplets and ATGL. C) Comparative analysis of the amino acid sequence of human HILPDA 
and G0S2, showing significant homology in the N-terminal region of HILPDA. 

 

 

Role of HILPDA in lipid metabolism in various cells and tissues  

Numerous studies have demonstrated that HILPDA promotes lipid storage in various cells 
and tissues. Below, an overview is given of the functional data on HILPDA in different cell 
types. 

 

Hepatocytes 

Overexpression of HILPDA in primary hepatocytes or hepatoma cells significantly increases 
intracellular lipid accumulation [18, 20]. Similarly, in vivo AAV-mediated HILPDA over-
expression markedly increases liver triglyceride content, which is at least in part due to a 
decrease in VLDL-TG secretion [19]. Conversely, hepatic HILPDA deficiency was found to 
lower liver triglycerides, yet only in mice fed chow, a semi-purified low fat diet, and a 
choline and methionine deficient high fat diet [18, 20]. The overall magnitude of the 
decrease in hepatic triglycerides by HILPDA deficiency is modest. No significant decrease in 
liver triglycerides was found in HILPDA deficient mice fed a regular semi-purified high fat 
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diet or mice in the fasted or refed state [18, 20]. In vitro, HILPDA deficiency caused a very 
pronounced decrease in cellular lipid accumulation in primary hepatocytes and liver slices. 
The modest effect of HILPDA deficiency on triglyceride levels in mouse liver compared to 
primary mouse hepatocytes or mouse liver slices may be explained by the relatively low 
expression of Hilpda in mouse liver as compared to ex vivo [18]. 

Mechanistically, it was shown that HILPDA deficiency in hepatocytes increases triglyceride 
turnover and lipolysis, as well as fatty acid β-oxidation [20]. The elevated triglyceride 
turnover in HILPDA-deficient hepatocytes is likely mediated by an inhibitory and stimulatory 
effect of HILPDA on ATGL and DGAT1 activity, respectively. [18] 

Neither HILPDA overexpression nor deficiency in liver has any influence on plasma 
cholesterol, triglyceride, ketone body, or non-esterified fatty acid (NEFA) levels [18-20]. 
Interestingly, hepatic HILPDA deficiency significantly improved glucose tolerance in mice 
fed chow or a high fat diet, while no significant effect of HILPDA deficiency was observed 
on insulin tolerance [20]. Currently, the mechanism underlying the changes in glucose 
tolerance remains unclear. 

 

Adipocytes 

HILPDA is expressed at high levels in brown and white adipocytes and increases during 
mouse 3T3-L1, mouse primary brown fat, and human SGBS adipogenesis [11, 13, 28]. 
Nevertheless, HILPDA does not seem to be directly implicated in adipogenesis [11]. The 
effect of HILPDA deficiency in adipocytes has been studied in vivo and in vitro. In vivo, 
adipocyte-specific HILPDA deficiency significantly decreased weight of the epididymal fat 
depot in mice fed a high fat diet [28]. In contrast, no effect of HILPDA deficiency on weight 
of adipose tissue depots was observed under conditions of 24-hour fasting, 10-day cold 
exposure, acute injection of a β3-adrenergic agonist, and when mice were fed a high fat 
diet at thermoneutrality [11, 28]. In all of the above conditions, HILPDA deficiency in 
adipocytes did not alter plasma NEFAs and glycerol, two systemic measures of lipolysis, nor 
did it influence plasma triglycerides [11, 28]. The effects of HILPDA deficiency on ex vivo 
and in vitro lipolysis are mixed. HILPDA deficiency did not influence basal or isoproterenol-
induced ex vivo NEFAs and glycerol release from adipose tissue explants and primary 
adipocytes [11, 13, 28]. Also, Hilpda silencing did not influence fatty acid and glycerol 
release in 3T3-L1 adipocytes, despite lower triglyceride storage. By contrast, AV-mediated 
HILPDA overexpression significantly decreased fatty acid release by 3T3-L1 adipocytes, 
concurrent with a marked reduction in ATGL protein levels.  Interestingly, HILPDA deficiency 
in adipocytes raised liver triglycerides in mice after fasting, which may reflect increased 
delivery of NEFAs from adipose tissue [11]. Collectively, these data lead to the tentative 
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conclusion that HILPDA is not a major physiological regulator of adipocyte lipolysis, 
although additional studies are warranted. 

Interestingly, in vivo adipocyte-specific HILPDA deficiency was associated with worsened 
glucose tolerance in mice fed a high fat diet at thermoneutrality, but improved glucose 
tolerance at 23℃ [28]. The latter result appears to be due to deficiency of HILPDA in brown 
adipocytes. How deficiency of HILPDA in brown adipocytes may improve glucose tolerance 
is unknown. By contrast, whole body Hilpda-/- mice fed chow and kept at 22℃ exhibited no 
change in glucose tolerance [13].  

 

Macrophages 

The functional role of HILPDA in macrophages has been studied by crossing Hilpdaflox/flox 
mice with mice expressing Cre under the Tie2 promoter (endothelial and hematopoietic 
cells) or LysM promoter (myeloid cells). These models, which both lead to a very 
pronounced reduction in HILPDA levels in bone marrow-derived macrophages, consistently 
show a marked reduction in intracellular lipid droplets and total lipid levels, which are not 
caused by decreased fatty acid uptake but rather by decreased triglyceride retention [12, 
17]. The decrease in triglyceride retention was shown to be mediated by elevated ATGL-
mediated lipolysis. Enhanced lipolysis without efficient disposal of the released fatty acids 
may be expected to lead to lipotoxicity. Indeed, fatty acid-loaded HILPDA-deficient 
macrophages exhibited increased formation of reactive oxygen species, decreased cell 
viability, and elevated fatty acid-dependent gene regulation [12, 17]. However, lipotoxicity 
may be limited in HILPDA-deficient macrophages by increased oxidative disposal of fatty 
acids [12]. 

Lipid-laden macrophages (also known as foam cells) are abundant in atherosclerotic 
plaques and are a key feature of atherosclerosis. Immunohistochemical studies located 
HILPDA to foam cells in human atherosclerotic plaques, suggesting a potential role for 
HILPDA in atherogenesis [14]. In agreement with this notion, in atherosclerosis-prone Apoe-
/- mice, Tie2-driven HILPDA-deficiency was associated with a marked reduction in 
atherosclerotic lesions and plaque lipid content [17]. These data suggest that HILPDA may 
be a potential therapeutic target for atherosclerosis. Another tissue enriched in lipid-laden 
macrophages is adipose tissue, where foam cells are believed to contribute to the 
inflammatory phenotype during obesity. Despite reducing lipid storage in adipose tissue 
macrophages, LysM-driven HILPDA-deficiency did not alter the inflammatory status of 
adipose tissue in diet-induced obesity, nor did it influence any metabolic perturbations 
associated with obesity [12]. This study suggests that the contribution of foam cells in 
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obesity-induced inflammation and metabolic dysregulation may be less important than 
previously envisioned. 

 

Tumor cells 

Expression of HILPDA has been found to be upregulated in several cancers, including renal  
[23], ovarian  [22], uterine [29], and colon cancers [21]. The functional role of HILPDA has 
been studied in HTC116 cells, a human colon cancer cell line. In these cells, hypoxia was 
found to increase intracellular triglycerides by inhibiting lipolysis in a HILPDA-dependent 
manner [15, 16]. Similarly, fatty acids increased lipid droplet abundance and intracellular 
triglycerides in HTC116 cells via HILPDA [15]. HILPDA deficiency in hypoxic HTC116 cells led 
to enhanced apoptosis, elevated ROS production, and increased fatty acid oxidation, 
concomitant with upregulation of PPAR target genes [15, 16]. Co-ablation of ATGL was able 
to rescue these effects of HILPDA deficiency, indicating that the pro-survival effect of 
HILPDA against apoptosis during hypoxia is mediated by inhibition of lipolysis [16]. 
Interestingly, the growth of HCT116 tumors in nude mice was slower for the HILPDA 
deficient cells than for wildtype cells [15, 16]. Consistent with HILPDA acting via ATGL, 
deficiency of ATGL along with HILPDA restored tumor growth and rescued the effects 
elicited by HILPDA deficiency alone [16]. Overall, these data suggest that HILPDA promotes 
cancer cell survival via inhibition of lipolysis by decreasing lipotoxicity, ROS production, and 
oxidative damage.  

Whole body 

Experiments using whole body Hilpda-/- mice have shown that HILPDA is not required for 
viability, growth and reproduction [13]. However, at 22℃, Hilpda-/- mice were less active, 
had lower energy expenditure, and lower food intake. In addition, Hilpda-/- mice had lower 
body temperature after fasting, suggesting that HILPDA is required for maintaining body 
temperature during fasting. Hilpda-/- mice did not exhibit any significant change in plasma 
cholesterol, triglycerides, creatine kinase, lactate dehydrogenase, and in the triglyceride 
content of adipose tissue, liver and muscle [13]. 

 

 

HILPDA and G0S2  

G0S2 was recognized by Zhang et al. as an interacting partner and selective inhibitor of 
ATGL(10.1016/j.cmet.2010.02.003). The human cDNA is almost 0.9 kb and gives rises to a 
protein of 103 amino acids. Compared to G0s2 the Hilpda gene is evolutionary younger (24). 
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G0S2 and HILPDA interact with ATGL through the LY(V/L)LG motif conserved between their  
hydrophobic domain (DOI: 10.7554/eLife.31132). However, on a cell-free system HILPDA 
showed a lower inhibitory capacity than G0S2 (IC50 value 2 μM vs. 22 nM for HILPDA and 
G0S2, respectively) (PMID: 29326160). Nonetheless, as previously mentioned, in-vivo 
HILPDA can effectively inhibit ATGL-mediated lipolysis. Whereas both proteins are 
ubiquitously present their expression level varies among tissues and cells. G0S2 is highly 
expressed in murine white and brown adipose tissue, heart, and liver 
((10.1016/j.cmet.2010.02.003).  HILPDA is highly express in immune cells, white and brown 
adipose tissue, heart, and lung. Interestingly, in several types of human cancers G0s2 is 
methylated and silenced (PMID: 19706769, PMID: 20399149, PMID: 26837760,). Similarly 
to Hilpda, G0s2 is induced by fatty acids via PPARs but also via LXRα in liver 
(10.1172/jci.insight.88735, doi: 10.1042/BJ20050636). Although HILPDA and ATGL share a 
common function and activation by PPARs they have slight differences in their expression 
pattern, environmental drivers, and inhibitory efficiency. Nonetheless, under conditions 
were both are upregulated, like fatty acid induction it can be hypothesize G0s2 and HILPDA 
act on different subpopulations of lipid droplets (Fig·#). On the one hand G02s may 
completely inhibit lipolysis from a specific subpopulation of lipid droplets and HILPDA 
partially inhibiting lipolysis while activating TG synthesis via DGAT1. Through this 
mechanism mammalian cells can finely select the LD undergoing lipolysis, control the 
availability and possibly the type of fatty acids for cellular function. Further research on 
protein-protein interactions to identifying the protein network of G0S2 and HILPDA will aid 
to further understand the co-existence of these proteins.  
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Concluding remarks and Future perspectives 

Studies over the past decade have shown that HILPDA has a profound impact on 
intracellular fatty acid metabolism. Tissue-specific Hilpda-deficient mouse models suggest 
that the importance of HILPDA in regulating cellular triglyceride storage is cell-type specific 
and is likely dictated by the level of HILPDA expression, as well as by the expression of 
related proteins such as G0S2. Mechanistically, HILPDA promotes triglyceride storage by 
inhibiting ATGL-mediated lipolysis and stimulating DGAT1-mediated triglyceride synthesis 
(Figure 2). It can be hypothesized that HILPDA may be part of a larger triglyceride turnover 
complex (“lipolysome”) that includes enzymes involved in triglyceride synthesis and 
triglyceride breakdown, including ATGL and DGAT1, as well as regulatory proteins such as 
ABHD5 and G0S2 [30-32]. Exactly how HILPDA regulates the activity of these enzymes is still 
unknown. It is conceivable that HILPDA functions as small protein binding partner of ATGL 
and DGAT1, causing their destabilization (ATGL) or stabilization (DGAT1). 

One of the unique features of HILPDA is its marked upregulation by several external stimuli, 
including hypoxia, fatty acids, and β-adrenergic agonists. It thus seems that HILPDA 
functions as an adaptive signal that is called into action under specific circumstances. The 
induction by fatty acids acids is likely part of a feed forward mechanism to properly dispose 
of intracellular fatty acids by promoting their storage as triglycerides, either by activating 
the last step in triglyceride synthesis and/or inhibiting the first step in triglyceride 
breakdown (Figure 2). The induction of HILPDA by hypoxia likely serves to shift fuel 
utilization towards glucose by lowering the intracellular concentration of fatty acids, which 
cannot be used as fuel under low oxygen conditions.  

A major effect of HILPDA deficiency on lipid metabolism has been observed in macrophages, 
showing markedly reduced lipid storage as a result of enhanced lipolysis. So far, the 
functional impact of HILPDA deficiency in macrophages has only been studied in relation to 
atherosclerosis and adipose tissue inflammation. In the future, it would be of interest to 
investigate the role of macrophage HILPDA in non-alcoholic steatohepatitis. In addition, 
HILPDA may be involved in other diseases characterized by foamy macrophages, including 
tuberculosis, multiple sclerosis, and kidney disease. Finally, it would be interesting to 
explore whether HILPDA plays an important role in lipid storage in microglial cells, especially 
since it was recently proposed that lipid accumulation in microglial cells is connected with 
aging in mouse and human brains [33].  

As mentioned previously, HILPDA is not only highly expressed in macrophages but also in 
numerous other immune cells, including dendritic cells, neutrophils, eosinophils, B cells, 
and T cells. Currently, the role of HILPDA in these immune cells is unknown. Inactivation of 
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HILPDA may be an effective tool to study the functional roles of lipid droplets in immune 
cells, which are still poorly characterized. 

Overall, it can be concluded that HILPDA is a novel regulator of intracellular lipid 
metabolism. Specific stimuli such as hypoxia and fatty acids promote intracellular lipid 
storage at least partly via upregulation of HILPDA. HILPDA thus adjusts triglyceride storage 
and the intracellular availability of fatty acids to the external fatty acid supply and the 
capacity for oxidation. 

 

 

 

 

Figure 2. Role of HILPDA in cellular lipid metabolism. Fatty acids increase HILPDA levels in cells via a transcriptional 
mechanism. Hypoxia increases HILPDA levels via HIF-1a-mediated transcriptional regulation. HILPDA suppresses 
lipolysis via inhibition of ATGL and induces triglyceride synthesis via activation of DGAT1. Induction of HILPDA by 
fatty acids and hypoxia can be considered an adaptive mechanism to lower the intracellular concentration of fatty 
acids.  
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Introduction 

The liver plays a central role in governing lipid metabolism in various nutritional conditions. 
In the fed state, the liver actively synthesizes cholesterol, bile acids, and fatty acids. In the 
fasted state, the liver takes up large quantities of fatty acids coming from the adipose tissue. 
These fatty acids are oxidized, converted into ketone bodies, or esterified into triglycerides 
(1). The latter are stored in lipid droplets or are secreted as a component of very low-density 
lipoproteins (2). 

The changes in lipid metabolism during feeding and fasting are partly driven by changes in 
circulating levels of key metabolic hormones and are largely effectuated through enzyme 
regulation at the transcriptional, translational, and post-translational levels. Whereas post-
translational mechanisms are crucial for the acute regulation of enzymatic activity, 
transcriptional mechanisms are particularly important for the more chronic regulation of 
metabolic pathways. In the last few decades, numerous transcription factors have been 
identified that are involved in the transcriptional regulation of hepatic lipid metabolism. 
Many of these transcription factors belong to the superfamily of nuclear hormone receptors 
(3). A specific group of nuclear receptors that play a central role in the regulation of lipid 
metabolism are the peroxisome proliferator-activated receptors (PPARs) (4). PPARs are 
activated by a variety of fatty acids and fatty acid-derived compounds, as well as by certain 
drugs and other synthetic compounds. Three different PPARs can be distinguished: PPARα 
(Nr1c1), PPARβ/δ (Nr1c2), and PPARγ (Nr1c3) (4). Although all PPARs are expressed to some 
extent in the liver, the role of the PPARα isotype in the liver has been characterized in the 
greatest detail. Transcriptome analyses of the liver of whole body and liver-specific 
PPARα−/− mice have demonstrated that PPARα induces the expression of hundreds of 
genes involved in fatty acid metabolism, including fatty acid uptake, transport, activation, 
elongation, esterification, storage, and oxidation (5-7). Consistent with the classification of 
PPARα as a master regulator of hepatic lipid metabolism during fasting (8, 9), the 
transcriptional regulation of hepatic lipid metabolism by PPARα mainly becomes manifest 
in the fasted state (5-7). 

Studies in human hepatocytes, human liver slices, humanized PPARα mice, and hepatocyte 
humanized mice support the major role of PPARα in regulating hepatic lipid metabolism in 
human hepatocytes but also underscore the more modest effect of PPARα activation on 
gene regulation in the human liver compared to mouse liver (10-14). In agreement with this 
notion, it was observed in hepatocyte humanized mice that the upregulation of genes 
involved in various PPARα-dependent pathways of fatty acid catabolism and storage by 
fasting was generally more modest in the human liver cells than mouse livers cells (15). 
Nevertheless, many genes can be identified that are consistently induced by fasting and 
PPARα in mouse and human hepatocytes, including ACOX1, HMGCS2, CPT1A, APOA5, and 
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ANGPTL4. Considering that most of the genes that are induced by PPARα are involved in 
lipid homeostasis, regulation by PPARα could be used as a screening tool to identify novel 
genes involved in hepatic lipid metabolism. 

Uncoupled respiration has been described in many types of cells but its existence in the 
liver remains controversial. Uncoupled respiration describes the flow of electrons through 
the electron transport chain, the resultant generation of a proton motive force, and the 
return of the protons to the mitochondrial matrix without it being coupled to the synthesis 
of ATP (16). It has been estimated that from 15 to 40% of oxygen consumption by 
mitochondria in liver cells of vertebrate animals is not associated with ATP synthesis and is 
due to a passive leak of protons across the inner mitochondrial membrane (17). In most 
cells, the physiological function of uncoupled respiration is to lower the formation of 
reactive oxygen species by complexes I and III (16). In brown adipocytes, uncoupled 
respiration is used to generate heat during cold exposure as part of adaptive 
thermogenesis. In these cells, uncoupled respiration is critically dependent on uncoupling 
protein 1, a membrane transport protein that is part of the SLC25 family of nuclear-encoded 
transporters embedded in the inner mitochondrial membrane (17). UCP1 catalyzes the flow 
of protons from the intermembrane space to the mitochondrial matrix without it being 
coupled to ATP synthesis. The expression of UCP1 is specific to brown adipocytes and brite 
adipocytes (18). Brite adipocytes are cold-activated white adipocytes that have adopted 
features of white adipocytes. Besides UCP1, the UCP subfamily also includes UCP2 and 
UCP3. Although these proteins are able to transport protons, it is plausible that their 
protonophoric function may be complementary to an as yet unknown transport function 
(19). 

Whether the liver engages in uncoupled respiration has remained unclear. Tan and 
colleagues suggested that uncoupled respiration occurs in the liver and is mediated by 
Hepatocellular Downregulated Mitochondrial Carrier Protein (HDMCP, now renamed 
SLC25A47) (20). It was shown that transient overexpression of SLC25A47 in cancer cells 
results in the dissipation of mitochondrial membrane potential, concomitant with a 
significant reduction of cellular ATP. Studies in yeast cells confirmed the ability of SLC25A47 
to uncouple mitochondrial respiration (21). These two studies were the first to hint at the 
existence of a physiological "proton leak" in the liver, which is purportedly catalyzed by 
SLC25A47. So far, any follow-up studies on the concept of liver-specific uncoupling and 
specifically on the role of SLC25A47 in energy metabolism and liver-specific uncoupling have 
been lacking. 

Here, we identify SLC25A47 as a gene that is potently induced by fasting and PPARα 
activation in human hepatocytes. Furthermore, we performed extensive in vitro and in vivo 
studies to characterize the functional role of SLC25A47. 
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Methods 

Animals 

All mice included in the studies described below were male mice on a C57BL/6 background. 
During the intervention, the mice were housed at 21-22ºC under specific pathogen–free 
conditions and followed a 6:00-18:00 day-night cycle. Mice were fed a standard chow diet 
after weaning. At the end of the studies, mice were euthanized between 8.30 – 10.00 in the 
morning. The mice were first anesthesized with a mixture of isoflurane (1.5%), nitrous oxide 
(70%), and oxygen (30%), followed by collection of blood by eye extraction into EDTA tubes. 
Mice were euthanized by cervical dislocation, after which tissues were excised and snap 
frozen in liquid nitrogen. 

SLC25A47-mutant mice (Slc25a47tm1a(EUCOMM)Hmgu) were acquired from the 
EUCOMM/KOMP repository. Mice heterozygous for the initial allele (Tm1a) were cross-
bred with transgenic mice in which Cre recombinase is expressed in hepatocytes under the 
control of the Albumin gene promoter (Albumin-Cre, B6.Cg-Speer6-ps1Tg(Alb-cre)21Mgn/J, 
#003574; Jackson Laboratories, Bar Harbor, ME), leading over several generations to the 
generation of homozygous Tm1b mice. 

The animal studies were all carried out at the Centre for Small Animals, which is part of the 
Centralized Facilities for Animal Research at Wageningen University and Research (CARUS), 
and were approved by the Local Animal Ethics Committee of Wageningen University 
(2014091.b, 2016015.e, 2016.W-0093.012, 2016.W-0093.016). 

Determination optimal dose AAV-Slc25a47 

Twelve male wildtype C57BL/6 mice were randomly divided over 4 groups with 3 mice each. 
At x weeks of age, mice were injected via the tail vein with AAV-Slc25a47 dissolved in 100 
uL PBS at the following titers: 0, 0.25*1011, 1.0*1011, 2.5*1011 and 6*1011. Eight weeks after 
injection, mice were euthanized via cervical dislocation.  

High fat diet AAV-Slc25a47 

Twenty-four male wildtype C57BL/6 mice were randomly divided over 2 groups with 12 
mice each. At 9-12 weeks of age, 12 mice were injected via the tail vein with AAV-Slc25a47 
dissolved in 100 uL PBS at a titer of 2.5*1011. Another group of 12 mice were injected with 
an equivalent amount of AAV-Gfp. Two weeks after injection, the mice were placed on a 
high fat diet containing 60 energy percent fat (D12492, Research Diets, Inc, New Brunswick) 
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for 11 weeks. During the entire study, the mice were individually housed. Ten weeks after 
injection, blood was collected and mice were euthanized as described above. 

 

Fasting-refeeding AAV-Slc25a47 

Forty-eight male wildtype C57BL/6 mice were randomly divided over 2 groups with 24 mice 
each. At 9-12 weeks of age, 24 mice were injected via the tail vein with AAV-Slc25a47 
dissolved in 100 uL PBS at a titer of 2.5*1011. Another group of 24 mice were injected with 
an equivalent amount of AAV-Gfp. Three weeks after injection, half of the mice in each 
group (n=12) was fasted for 24 hours before blood was collected and the mice were 
euthanized. The other half of the mice (n=12) was fasted for 18 hours, after which the food 
was returned for 6 hours followed by blood collection and euthanasia.  

 

High fat diet Slc25a47-/- mice 

Male wildtype C57BL/6 mice and Slc25a47-/- littermates at 15-18 weeks of age were placed 
on a LFD containing 10 energy percent fat (D12450, Research Diets, Inc.) or a high fat diet 
containing 45 energy percent fat (D12451, Research Diets, Inc.) for 20 weeks. Mice were 
group housed under regular light–dark cycles (6.00 a.m. – 6 p.m.) in temperature- and 
humidity-controlled specific pathogen-free conditions. One mouse was removed from 
analysis for the WT HFD group due to ambiguous genotype. One mouse in the WT HFD 
group became ill and had to be removed from the study. Two mice were removed from the 
Slc25a47-/- HFD group because they were heterozygous according to re-genotyping and 
assessment of Slc25a47 gene expression. One mouse in the Slc25a47-/- HFD group became 
ill and had to be removed from the study. 

 

Power calculation 

A power calculation was performed based on fasting glucose level, assuming a standard 
deviation of 2.5 mM, using a power of 0.8, a significance level of 0.05, and an effect size of 
3 mM. Using an online statistics tool from the University of British Columbia 
(https://www.stat.ubc.ca/∼rollin/stats/ssize/n2.html), the sample size was calculated as n 
= 11 mice per group. To allow compensation for potential loss of mice during the dietary 
interventions, n = 12 mice were included per group. Accordingly, all mouse studies 
mentioned above started with 12 mice per group. 
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Intraperitoneal glucose tolerance test 

Three weeks before euthanasia, wildtype and Slc25a47-/- mice fed the high fat diet were 
subjected to an intraperitoneal glucose tolerance test. After a 5-hour fast, the mice were 
injected intraperitoneally with glucose (1 g/kg body weight) (Baxter, Deerfield, IL). Blood 
samples from tail vein bleeding were tested for glucose levels at different time points after 
glucose injection using a GLUCOFIX Tech glucometer and glucose sensor test strips 
(Menarini Diagnostics, Valkenswaard, The Netherlands). Blood glucose values for 2 mice 
per group could not be used because they exceeding the maximal detection level.  

 

Quantification of plasma parameters 

Blood samples were collected into EDTA-coated tubes and centrifuged at 4°C for 15 min at 
12,000 g. Plasma was collected and stored at −80°C. Plasma concentrations of glucose 
(Sopachem, Ochten, the Netherlands), triglycerides (TG), cholesterol (Instruchemie, Delfzijl, 
the Netherlands), glycerol (Sigma-Aldrich, Houten, the Netherlands) and free fatty acids 
(Wako Chemicals, Neuss, Germany; HR(2) Kit) were determined according to 
manufacturers’ instructions. 

 

Liver triglycerides 

Liver pieces of ~50 mg were homogenized to a 5% lysate (m/v) using 10 mM Tris, 2 mM 
EDTA, 0.25 M sucrose, pH 7.5. Homogenates were assayed for triglycerides using a kit for 
triglycerides (Instruchemie, Delfzijl, the Netherlands). 

 

Plasmid constructs  

Plasmid for pSlc25a47_Egfp N2 was constructed by cloning the full-length mouse Slc25a47 
cDNA into pEgfp-N2 (Clonetech, Mountain View, California, USA). Briefly, RNA from mouse 
liver was reverse transcribed with First Strand cDNA synthesis kit (Thermo Scientific) and 
amplified with Phusion High fidelity DNA Polymerase (Thermo Scientific) 
Fwd_NheI_slc25A47: GCATGAGCTAGCACCATGGATTTTGTTGCTGGGGCC and 
Rev_BamHI_slc25A47: GCATGAGGATCCTTGTGAGCAGGCTCTGCGTGAG. The PCR products 
were cloned into pEGFP-N2 vector using the NheI-HF and BamHI-HF (New England Biolabs 
Inc.) restriction enzyme sites. Afterwards, MAX Efficiency ® DH5α™ Competent Cells 
(Invitrogen) were transformed by heat-shock and grown in Luria-Bertani (LB) agar plates 
with kanamycin (Sigma-Aldrich). The vector was isolated using Qiagen plasmid maxi kit 
(Qiagen) according to manufacturer instructions.  
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Transient transfection and stable cell line 

For transient transfections the plasmids pSlc25a47_Egfp N2 and empty pEgfp-N2 for 
control were complexed to polyethylenimine (PEI) (Polyscience Inc., PA, USA) 1:3 
plasmid:PEI ratio in serum free DMEM (Lonza, Belgium). After 6h, the transfection medium 
was changed to DMEM with 10% FCS. For selection of stably-transfected cells, 24h after 
transfection medium was changed to selection medium DMEM with 600 ug/mL G418 
(Sigma-Aldrich, The Netherlands). After 48h incubation, cells were diluted and seeded on 
96 well plates with selection medium. At 70% confluency, fluorescent positive wells were 
re-selected, diluted and replated in 96 well plates. Selected colonies were incubated in 
maintenance medium (DMEM with 10%FCS and 250ug/ml G418) and gradually grown into 
larger volumes. 

 

Colocalization and intensity analysis using Mitotrack FM 

Hepa1-6 cell transiently transfected with Slc25a47_Egfp-N2 or non-transfected Hepa 1-6 
cells were cultured in complete DMEM at standard conditions (37 °C, 5% CO2, 95% 
humidified atmosphere). Cells were seeded on rat tail collagen-coated 15 µ-8 well glass 
bottom slide (Ibidi, Martinsried, Germany). After 24h, cells were washed and stained for 
30min with 50 nM MitoTrack Red FM (ThermoFisher, Netherlands). For imaging, medium 
was replaced with FluoroBrite DMEM (ThermoFisher, Netherlands). Cells were imaged in 
vivo on a Leica TCS SP5 X. Images were acquired sequentially. SLC25A47_EGFP-N2 was 
excited at 488 nm and fluorescence emission was detected in a spectral window of 495-540 
nm. MitoTrack Red FM was excited at 581 nm ab and detected in a spectral window of 602-
650 nm. Every cell was only imaged once. Laser power, zoom factor, and acquisition speed 
was unchanged through the experiment. For image analysis, zero-zero pixels were removed 
and mean of values above the median were calculated. 

 

Mitochondria isolation and Western Blot 

Different centrifugation steps were conducted in order to isolate mitochondria of cells and 
liver tissues. Hepa1-6 cells stably transfected with Slc25a47_Egfp-N2 or Egfp-N2 were 
cultured in antibiotic-free medium in order to ensure an optimal mitochondrial function. 
The cells were harvested by using trypsin 1% and washed and centrifuged down two times 
in ice cold Isolation mitochondrial buffer (IMB) (210 mM mannitol, 70 mM sucrose, 1 mM 
EDTA, 10 mM HEPES. Complete EDTA -Free Protein inhibitor cocktail tablet (Roche, USA) 
and 2mg/ml Free-fatty acid-BSA was added prior to usage, pH 7.5). This was followed by 
resuspension of the pellet in IMB including 2 mg/mL albumin to bind fatty acids. The cells 
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were homogenized using a glass Dounce homogenizer performing 60 strokes on ice. The 
homogenate was centrifuged for 5 minutes at 2350 rpm to get rid of the whole cell lysate 
(pellet 1). In the next step, the supernatant was centrifuged for 45 minutes at 10.900 rpm 
in order to obtain the cytosolic fraction (supernatant 1) and the isolated mitochondrial 
fraction (pellet 2). For Western blot the mitochondrial pellet was resuspended in 1% CHAPS 
or gently resuspended in storage buffer for ATP analysis. For Western Blot analysis anti-GFP 
antibody was used to detect SLC25A_47- EGFP fused protein.  

 

ATP content assay  

The Molecular ProbesTM ATP Determination Kit (A22066) of Invitrogen with some 
modifications was used in order to detect the ATP content in isolated mitochondria of 
Hepa1-6 cells stably transfected with Slc25a47_Egfp-N2 or Egfp-N2. Prior to assay, cells 
were cultured on antibiotic free medium for 2 passages. The substrates L-(-)-Malic acid (1M) 
and Sodium Pyruvate (1M) were added in a concentration of 1 µL substrate / 1 mL reaction 
solution. The reaction solution was gently mixed, protected from light and preheated for at 
least 15 minutes at the optimal reaction temperature of 28 °C. Luminometric absorption of 
the mitochondrial samples was measured in a dark 96-well Costar well plate (3915, Corning 
Incorporated) using a Fluoroskan plate reader, integration time 20 ms (Fluoroskan Ascent 
FLTM, ThermoFischer Scientific, USA). During the centrifugation step in order to spin down 
the mitochondrial pellet (i.e. 45 min. at 10.900 rpm), the ATP standard curve (0 nM – 1000 
nM) was measured using 10 µL of ATP stock (5mM) dilutions in storage buffer. The 
measured values were subtracted from the background luminometric absorption values of 
the 90 µL reaction solution. As soon as the isolated mitochondrial pellet was retrieved, it 
was resuspended in storage buffer by gently pipetting up and down to keep the 
mitochondria intact. Mitochondrial function was measured within 20 minutes after the last 
centrifugation step, due to time-dependent degradation of mitochondria. Firstly, the 
background luminometric absorption of the 90 µl reaction solution was measured. This was 
followed by ATP content measurements by addition of 10 µL of the isolated mitochondria 
dissolved in storage buffer in technical triplicates. The measurement (90 µL reaction 
solution + 10 µL mitochondrial sample) minus the background value (90 µL reaction 
solution) minus the mean of the duplicate negative control samples (90 µL reaction solution 
+ 10 µl of the storage buffer) represents the ATP content. Results were normalized to 
protein content as measured by Micro BCA Protein Assay Kit (Thermofisher Scientific, 
Rockford, USA).  
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High-resolution respirometry 

Respirometry analysis were performed using high-resolution respirometry (Oroboros 
Oxygraph-2k; Oroboros Instruments, Innsbruck, Austria). Before experiments calibrations 
was performed according to manufacturer’s recommendations.  

 

Intact Hepa1-6 cells overexpressing Slc25a47 or Efgp 

Hepa1-6 were transiently transfected with pSlc25a47_Egfp-N2 and empty pEgfp-N2 at least 
90% transfection efficiency in T75 flasks. Each experiment was performed 48h after 
transfection with 106 cells per condition and afterwards results were normalized for protein 
content. Cells were cultured and measured in DMEM +10% FCS. For experiments with fatty 
acid loaded cells, 24h after transfection, Hepa1-6 cells were fatty acid loaded with 1.2 mM 
oleate:palmitate (2:1 ratio) coupled to 3% BSA-DMEM and incubated overnight. Respiratory 
states were assessed using a Coupling Control Protocol (CCP) (DOI 10.26124/bec:2020-
0002). Briefly, Hepa1-6 cells were added to the OROBOROS chambers. Within the next 5-
10 min, O2 flux stabilized reflecting the cellular ROUTINE respiration. Cellular ROUTINE 
respiration is the aerobic metabolic activity under standard culture medium conditions in 
the physiological coupling state. Next, LEAK respiration was assessed by adding 2.5 uM 
oligomycin (an ATP-synthase inhibitor). LEAK respiration represents the O2 flux that is 
maintained to compensate for the proton leak caused after ATP-synthase inhibition by 
oligomycin and thus represents the respiration independent of ADP phosphorylation. 
Afterwards, ETC (electron transport capacity) was assessed by the stepwise titration of 1 
uM CCCP (a proton translocator that facilitates proton transfer across the membrane) until 
no further increase of O2 flux was observed. ETC represents the uncoupler stimulated 
respiration, thus the electron-transport-system capacity at noncoupled respiration. Finally, 
ROX (residual oxygen consumption) was determined by adding 0.5 uM rotenone to inhibit 
Complex-I and 2.5 uM antimycin A to inhibit Complex-III. ROX is the oxygen consumption 
that remains after inhibition of the electron transfer pathway, thus the O2 consumption that 
is not related to electron transfer. Finally, ATP-linked respiration was calculated as the 
difference between ROUTINE respiration and LEAK respiration.  

 

Freshly isolated permeabilized liver overexpressing Slc25a47 or Egfp 

Livers of mice infected with AAV-Slc25a47 or AAV-Gfp were dissected and immediately 
transported in MiR05 medium (0.5 mM EGTA, 3 mM MgCl2 6H2O, 60 mM lactobionic acid, 
20 mM taurine, 10 mM KH2PO4 , 20 mM HEPES, 110 mM D-Sucrose, 1g/l fatty acid-free BSA, 
pH 7.0) (DOI 10.1007/978-3-662-04162-8_45). The protocol for liver permeabilization was 
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adapted from Kuznetsov et al. (22). Briefly, 2 mg of freshly dissected livers were 
mechanically permeabilized in ice-cold MiR05 medium using two pairs of forceps. The tips 
of the forceps were inserted in the middle of the sample, and the tissue was repeatedly 
torn apart in different directions, until pieces of loosely connected liver were obtained. 
Permeabilized liver pieces were briefly rinsed in MiR05 medium chambers. Respiratory 
states were assessed using a Substrate-uncoupler-inhibitor titration protocol (SUIT) (DOI 
10.26124/bec:2020-0002). Shortly after adding the samples to the chambers, 10 mM 
glutamate and 2 mM malate were injected to assess Complex I-linked LEAK respiration in 
the absence of ADP. Glutamate and malate activate dehydrogenases which generate, 
through coupled reaction, nicotinamide adenine dinucleotide (NADH). The generated 
NADH can subsequently deliver its electrons into Complex I (CI) and go down the electron 
transport chain for ATP production by ATP-synthase and O2 consumption. However, in the 
absence of ADP, no oxidative phosphorylation can occur, thus the O2 flux reflects the CI-
linked LEAK respiration. Next, CI-linked OXIDATIVE respiration was assessed by the stepwise 
titration of 1mM ADP. Next, 10 uM of cytochrome C was added to evaluate the integrity of 
the mitochondrial outer membrane. An increase of respiration at this point would signify 
the outer mitochondrial membrane is damaged. Next, 10 mM succinate was added to 
assess CI&CII-linked OXIDATIVE respiration, immediately followed by 1mM ADP to ensure 
saturated ADP concentration. Next, CI&CII-linked LEAK respiration was assessed by titration 
of 2.5 uM oligomycin. Afterward, CI&CII-UNCOUPLED respiration was evaluated by the 
stepwise titration of 0.5 uM CCCP, until no further increase of O2 flux was observed. Finally, 
CI&CII-ROX was determined by adding 0.5 uM rotenone and 2.5 uM antimycinA.  
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Results 

To identify potential novel PPARα-induced genes in human hepatocytes, we analyzed 
transcriptome data of three independent studies in which human primary hepatocytes 
were treated with the PPARα agonist Wy14643 or GW7647 for 24 hours. Genes were 
considered to be significantly regulated if P < 0.005 and Signal Log Ratio >0.25 (fold change 
1.1892). A total of 46 genes was significantly induced by PPARα activation in all three studies 
(Figure 1A). The changes in gene expression of these 46 genes in the hepatocytes from all 
donors is shown in figure 1B. Many well-known PPARα target genes are represented in this 
list, including CPT1A, HMGCS2, PDK4, ANGPTL4, PLIN2 and FABP1. One relatively unknown 
gene that was consistently induced by PPARα activation in the three datasets was 
SLC25A47. Quantitative PCR confirmed the induction of SLC25A47 mRNA by PPARα 
activation in human hepatocytes, human liver slices, and human hepatoma HepG2 cells 
(Figure 1C). In addition, Slc25a47 expression was significantly induced by PPARα activation 
in mouse hepatocytes, rat FAO hepatoma cells, and in mouse liver (Figure 1D). Analysis of 
ChIP-SEQ data revealed several PPARα binding sites immediately upstream of the 
transcriptional start site, suggesting that SLC25A47 is a direct PPARα target gene (Figure 1E) 
(23). Currently, only two papers exist about the SLC25A47 gene, both of which present 
evidence that SLC25A47 is a liver-specific mitochondrial uncoupler protein (20, 21). Tissue 
expression profiling by qPCR confirmed the liver specific expression of SLC25A47 in humans 
and mice (Figure 1F).  

PPARα in liver is known to be activated by fasting (8, 9). Accordingly, we studied the 
expression of Slc25a47 in liver in response to fasting. Expression of Slc25a47 was induced 
by fasting, with highest induction observed after 12 hours (Figure 2A). In addition, fasting 
induced Slc25a47 mRNA levels in hepatocyte humanized mice in both the mouse and 
human hepatocytes (Figure 2B). To study the functional role of SLC25A47 in mouse liver, 
we overexpressed Slc25a47 in liver using adeno-associated virus. Injection of adeno-
associated virus expressing Slc25a47 increased hepatic Slc25a47 expression to a maximum 
of 7-fold at the highest dose (Figure 2C). Further studies were done using an AAV titer of 
2.5x1011 genomic copies. Inasmuch as hepatic Slc25a47 expression is induced by fasting, we 
first studied the effect of Slc25a47 overexpression in fed and fasted mice. AAV-mediated 
Slc25a47 overexpression significantly increased Slc25a47 mRNA levels in liver in the fed and 
fasted state (Figure 2D). No significant effect was observed of AAV-mediated Slc25a47 
overexpression on liver triglyceride levels (Figure 2E). Consistent with this finding, neutral 
lipid staining of the liver by Oil Red O did not reveal any differences between the AAV- 
Slc25a47 and AAV-Gfp mice (Figure 2F). Plasma non-esterified fatty acids and β-
hydroxybutyrate levels were not significantly different between AAV- Slc25a47 and AAV-
Gfp mice (Figure 2G), nor were plasma glucose, triglyceride, cholesterol, and glycerol levels 
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were not significantly affected by Slc25a47 overexpression (Figure 2H). Finally, the 
expression of genes involved in various lipid metabolic pathways was not significantly 
changed by Slc25a47 overexpression (Figure 2I). 

Figure 1. SLC24A47 is induced by PPARα in human and mouse hepatocytes. A) Venn diagram showing overlap in 
gene regulation in human primary hepatocytes treated with PPARα agonist for 24h. The following three datasets 
were included: GSE53399 (GW7647, 1 µM, n = 4)(31), GSE76148 (Wy14643, 50 µM, n = 6)(32), GSE17251 
(Wy14643, 50 µM, n = 6)(14). Genes were considered to be significantly regulated if P < 0.005 and Signal Log Ratio 
>0.25 (fold change 1.1892). B) Heatmap showing the expression changes of the 46 genes significantly induced by 
PPARα activation in all three studies. Each vertical column represents one human donor. C) Effect of Wy14643 on 
SLC25A47 mRNA in human hepatocytes (24h, 50 μM), precision cut liver slices (24h, 50 μM), and HepG2 cells (6h, 
50 μM). D) Effect of Wy14643 on Slc25a47 mRNA in mouse precision cut liver slices (24h, 20 μM), rat liver FAO 
hepatoma cells (24h, 5 μM), and mouse liver (5d, 0.1% in food). E) Screenshot of the mouse Slc25a47 locus showing 
ChIP-seq profiles of PPARα in mouse liver. F) Expression profile of SLC25A47 in various human tissues (left panel)
and mouse tissues (right panel). Error bars represent SD for in vitro experiments and SEM for in vivo studies. 
Asterisk indicates significantly different according to Student’s t-test. *P<0.05, **P<0.01, ***P<0.001. 
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Figure 2. Effect of hepatic Slc25a47 overexpression in refed and fasted mice. A) Effect of fasting on Slc25a47 
mRNA in mouse liver. B) Heatmap showing the top 25 genes induced by fasting in human and mouse hepatocytes 
of hepatocyte humanized mice. Data were extracted from GSE126587 (33). C) Slc25a47 mRNA levels in livers of 
mice infected with different doses of AAV-Slc25a47 (n=2 per group). D) Slc25a47 mRNA levels in livers of refed 
and 24h fasted mice infected with 2.5×1011 genomic copies of AAV-Slc25a47 or AAV-Gfp. E) Liver triglyceride 
content. F) Oil red O staining. G) Plasma levels of non-esterified fatty acids and β-hydroxybutyrate. H) Plasma levels 
of glucose, triglycerides, cholesterol, and glycerol. I) Hepatic mRNA levels of selected genes. N=12 per group. 
Asterisk indicates significantly different from AAV-Gfp according to the Student’s T test (P<0.001). 
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We reasoned that the effects of Slc25a47 overexpression may become more evident under 
conditions of obesity and fatty liver. Accordingly, mice were infected with AAV-Slc25a47 
and were placed on a high fat diet two weeks later. After 8 weeks of high fat diet and 10 
weeks post-injection, Slc25a47 mRNA levels were more than 4-fold higher in mice injected 
with AAV expressing Slc25a47 as compared to Gfp (Figure 3A). Weight gain (Figure 3B) and 
food intake (Figure 3C) were not significantly affected by Slc25a47 overexpression, as were 
liver and adipose tissue weights (Figure 3D). Plasma triglycerides, NEFA, glucose and 
cholesterol were not significantly different between AAV-Slc25a47 and AAV-Gfp mice 
(Figure 3E), as were liver triglyceride levels (Figure 3F). To gain further insight into the effect 
of Slc25a47 overexpression, we performed lipidomics analysis. No distinct clustering of the 
two sets of mice was observed (Figure 3G). Also, the levels of the major lipid classes was 
not significantly different between the two group (Figure 3H). Not a single lipid met the 
statistical significance threshold of FDR <0.05. To further examine the potential impact of 
Slc25a47 overexpression on the liver we performed transcriptome analysis. As for the 
lipidomics data, no distinct clustering of the AAV-Slc25a47 and AAV-Gfp mice was observed 
(not shown). The only gene that met the statistical significance threshold of FDR q-value 
<0.05 was Slc25a47 (Figure 3I), indicating the overall minor effect of Slc25a47 
overexpression in hepatic genes expression. However, analysis at the pathway level showed 
that a number of gene sets related to cholesterol synthesis were significantly enriched 
among the upregulated genes, suggesting that SLC25A47 might stimulate cholesterol 
synthesis (Figure 3J). Overall, these data show that Slc25a47 overexpression has minimal 
impact on the liver phenotype, except for a modest induction of the cholesterol synthesis 
pathway.  

 

 

 

 

 

 

 

Figure 3. Effect of hepatic Slc25a47 overexpression in diet-induced obese mice. Mice were injected with 2.5x1011 
genomic copies of AAV-Slc25a47 or AAV-Gfp and 2 weeks later were placed on a high fat diet for 8 weeks. A) 
Hepatic Slc25a47 mRNA. B) Bodyweight. C) Average food intake during the 8 weeks of high fat diet. D) Tissue 
weights. E) Plasma metabolites. F) Liver triglyceride content. G) Principle component analysis on liver lipidomics. 
H) Hepatic levels of the main lipid species. I) Volcano plot of the liver transcriptome. J) Enrichment plot for the 
gene set Cholesterol Biosynthesis based on the liver transcriptome. N=12 per group. Asterisk indicates significantly 
different from AAV-Gfp according to the Student’s T test (P<0.001). 
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The reason why overexpression of Slc25a47 does not lead to a pronounced metabolic 
phenotype may be that Slc25a47 is already expressed at a high level in the liver. From that 
perspective, it could be reasoned that inactivation of Slc25a47 is more likely to lead to a 
clear phenotype. To that end, we acquired Slc25a47-mutant mice from the 
EUCOMM/KOMP repository, which was generated by the knockout-first strategy (32). Mice 
heterozygous for the initial allele (Tm1a) were cross-bred with transgenic mice in which Cre 
recombinase was expressed in hepatocytes under the control of the Albumin gene 
promoter (Albumin-Cre), leading to the generation of homozygous Tm1b mice (Figure 4A). 
The Tm1b mice lack exon 5 and 6, as verified by qPCR (Figure 4B), giving rise to a truncated 
SLC25A47 protein. 

Previously, evidence was presented that SLC25A47 functions as a liver-specific 
mitochondrial uncoupler. To verify these claims, we subjected the WT and Slc25a47-/- mice 
to indirect calorimetry and performed measurements in the fed and fasted state. Body 
mass, fat mass, and lean mass decreased upon fasting but were not significantly different 
between WT and Slc25a47-/- mice (Figure 4C). We next measured energy expenditure 
(Figure 4D,E), respiratory exchange ratio (Figure 4E), and activity (Figure 4F) in the fed and 
fasted state, and in the light and dark period. Energy expenditure and activity were higher 
in the dark period than in the light period. Interestingly, in the fed state the respiratory 
exchange ratio was higher in the dark period than in the light period, whereas the opposite 
pattern was observed in the fasted state. However, none of these parameters were 
significantly different between WT and Slc25a47-/- mice (Figure 4D-F). Our data thus 
indicate that SLC25A47 deficiency does not influence whole body energy expenditure. 

To further study the possible metabolic role of SLC25A47, we placed the WT and Slc25a47-
/- mice on a high fat diet for 20 weeks to induce obesity and insulin resistance. Another 
cohort of WT and Slc25a47-/- mice were fed a low fat diet for the same duration. No 
significant difference in body weight gain (Figure 5A) and food intake (Figure 5B) was 
observed between WT and Slc25a47-/- mice, either on the low fat diet or the high fat diet. 
Also, no significant differences in liver and white adipose tissue weight were observed 
between the two sets of mice (Figure 5C). By contrast, glucose tolerance was significantly 
improved in the Slc25a47-/- mice compared to the WT mice (Figure 5D), as shown by a 
significantly lower area under the curve. As expected, hepatic expression of Slc25a47 was 
dramatically reduced in the Slc25a47-/- mice compared to the WT mice (Figure 5E). No 
significant differences between WT and Slc25a47-/- mice were observed for hepatic 
triglyceride (Figure 5F) and glycogen (Figure 5G) levels. Also, no significant differences were 
observed in plasma glucose, cholesterol, triglycerides, glycerol and non-esterified fatty 
acids between the two sets of mice (Figure 5G).  
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Figure 4. Effect of hepatic Slc25A47 ablation on energy metabolism. A) Schematic map of the strategy for 
inactivation of Slc25A47. B) QPCR on livers of WT and Slc25A47-/- (Tm1b) mice using primers targeting exon 1-3 
or exon 5-6. C) Body mass, lean mass, and fat mass in WT and Slc25A47-/- mice prior to and after a 24h fast. D) 
Energy expenditure across the 24h fasting period. E) Mean energy expenditure in the basal state (upper graph) or 
during the 24h fast (lower graph). F) Respiratory Exchange Ratio. G) Activity level. N= 12 per group. Asterisk 
indicates significantly different from WT according to the Student’s T test (P<0.001). 
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Figure 5. Effect of hepatic Slc25A47 ablation on diet-induced obesity. A) Bodyweights of WT and Slc25A47-/- mice 
fed a low fat diet (LFD, n=12/group) or high fat diet (HFD, n=10/group) for 20 weeks. B) Mean energy intake per 
mouse per week. C) Liver and epipidymal adipose tissue weights. D) Results of intraperitoneal glucose tolerance 
test (1 g/kg bodyweight) and the area under the curve (AUC). E) qPCR for Slc25a47 mRNA in liver using primers 
directed against exon 3 and exon 5. F) Liver triglyceride levels. G) Liver glycogen levels. H) Plasma levels of glucose, 
non-esterified fatty acids, triglycerides, cholesterol, and glycerol. N=7-12 per group. Asterisk indicates significantly 
different from WT according to the Student’s T test (*P<0.05, **P<0.01, ***P<0.001). 

 

 

To further investigate the potential role of SLC25A47 as mitochondrial uncoupler, we 
performed studies in Hepa1-6 cells, which do not express Slc25a47, nor do any other cancer 
cell lines (24). Consistent with previous literature and with Protein Atlas (20, 21), we found 
SLC25A47 to be localized to mitochondria, as indicated by the overlap with the 
mitochondrial marker Mitotracker FM (Figure 6A). Western blotting on mitochondria 
isolated from Hepa1-6 cells stably transfected with Slc25a47 fused to Gfp, followed by 
Western blotting for GFP, confirmed the mitochondrial localization of SLC25A47 (Figure 6B). 
Mitotracker FM is a cationic fluorescent dye whose accumulation inside the mitochondria 
is dependent on the mitochondrial membrane potential and can thus serve as a marker for 
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the mitochondrial membrane potential. Interestingly, after transient transfection of 
Slc25a47, the fluorescence intensity was significantly lower in cells expressing Slc25a47 
compared to the cells that do not express Slc25a47 (Figure 6C,D). These data suggest that 
SLC25A47 reduces the mitochondrial membrane potential. Nevertheless, ATP content was 
not different between Hepa1-6 cells stably expressing Slc25a47 or Gfp (Figure 6E).  

To investigate if SLC25A47 may promote uncoupling, we performed high-resolution 
respirometry on an Oroboros Oxygraph 2k in Hepa1-6 cell transiently transfected with 
Slc25a47 or Gfp. Transfection led to a huge increase in Slc25a47 expression (Figure 6F). 
Respiratory states were assessed using a Coupling Control Protocol (CCP). First, cellular 
ROUTINE respiration was assessed within 5-10 min after adding the cells to the chambers. 
Next, LEAK respiration was determined by adding oligomycin. Afterward, ETC (electron 
transport capacity) was assessed by the stepwise titration of 1 uM CCCP until no further 
increase of O2 flux was observed. Finally, ROX (residual oxygen consumption) was 
determined by adding 0.5 uM and 2.5 uM antimycin A. ATP-linked respiration was 
calculated as the difference between ROUTINE respiration and LEAK respiration. Neither 
under normal conditions (Figure 6G) nor after lipid-loading (Figure 6H) was there a 
significant difference between control and Slc25a47-expressing cells for any of the specific 
measurements performed. To further evaluate if SLC25A47 could affect mitochondrial 
respiration in a different system, we performed respirometry analysis on permeabilized 
livers of AAV-Slc25a47 and AAV-Gfp infected mice. No significant differences were observed 
between AAV-Slc25a47 and AAV-Gfp mice for any of the specific measurements performed 
(Figure 6I). These data do not support an uncoupling role of SLC25A47. 

To investigate if SLC25A47 may impact cell viability, we tested the effect of Slc25a47 
overexpression on apoptosis markers. In lipid-loaded Hepa1-6 cells, Slc25a47 
overexpression was associated with a significant increase in apoptosis markers, including 
Caspase 3, Caspase 8a, and Caspase 8b (Figure 6J).  

Figure 6. Effect of SLC25A47 on mitochondrial membrane potential and respiration. A) Hepa1-6 cells transiently 
transfected with pSlc25a47_Egfp-N2 were incubated with MitoTracker™ Red FM and imaged lived on a on a Leica 
TCS SP5 X. B) Western blot on mitochondria isolated from Hepa1-6 cells stably transfected with pSlc25a47_Egfp-
N2 or pEgfp-N2. Over time, GFP expression was lost from the pEgfp-N2 line. C) Hepa1-6 cells transiently 
transfected with pSlc25a47_Egfp-N2 were stained with the membrane potential sensitive dye MitoTracker™ Red 
FM. D) Image intensity analysis of MitoTracker™ Red FM on Hepa1-6 cells transiently transfected with 
pSlc25a47_Egfp-N2 or non-transfected Hepa1-6 cells. λex: 488nm (EGFP), 581 nm (MitoTracker™), λem: 495-540 nm 
(EGFP), 602-650 nm (MitoTracker™). For image analysis, zero-zero pixels were removed and mean of values above 
the median were calculated (n=14 images per condition). E) ATP content in mitochondria isolated from Hepa1-6 
cells stably transfected with pSlc25a47_Egfp-N2 or pEgfp-N2. F) Slc25a47 mRNA expression in Hepa1-6 cells 
transiently transfected with pSlc25a47_Egfp-N2 or pEgfp-N2. SLR, signal log ratio. G) O2 flux analysis in Hepa1-6 
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cells transiently transfected with pSlc25a47_Egfp-N2 or pEgfp-N2 (n=3 measurements per condition). H) O2 flux 
analysis in Hepa1-6 cells transiently transfected with pSlc25a47_Egfp-N2 or pEgfp-N2 loaded with fatty acids 
overnight (1.2 mM oleate:palmitate 2:1) (n=3 measurements per condition). I) O2 flux analysis on permeabilized 
mouse livers obtained mice infected with AAV-Slc25a47 or AAV-Gfp. J) Western blot of apoptosis markers on lipid 
loaded and nonlipid loaded Hepa1-6 cells transiently transfected with pSlc25a47_Egfp-N2, pEgfp-N2, or vehicle. 
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Discussion 

Here we identify SLC25A47 as a novel PPARα-induced gene in mouse and human 
hepatocytes. Previously, it was reported that SLC25A47 functions as an uncoupling protein. 
Studies in Hepa1-6 cells transiently and stably transfected with Slc25a47 partly support that 
notion. By contrast, studies in Slc25a47-/- mice did not show any effect of SLC25A47 
deficiency on whole body energy expenditure. Additional detailed studies in Slc25a47-
overexpressing and deficient mice fed a high fat diet or subjected to fasting did not show a 
significant effect of SLC25A47 on lipid and glucose metabolism. Only the improvement in 
glucose tolerance in Slc25a47-/- compared to WT mice reached statistical significance. It is 
anticipated that additional measurements will reveal the role of SLC25A47 in lipid and/or 
glucose metabolism. 

SLC25A47 is a member of the family of six-transmembrane-helix mitochondrial SLC25 
(solute carrier family 25) transporters (25-27). These carriers facilitate the transport across 
the inner mitochondrial membrane of a chemically diverse set of solutes, including amino 
acids, acyl-carnitine, nucleotides, and protons. Based on a similar sequence and structural 
properties, 53 members of the SLC25 family have been identified in the human genome, 
including several orphan transporters (25-27). One of the unique features of SLC25A47 is 
that it is exclusively found in liver mitochondria. Accordingly, it can be predicted that 
SLC25A47 imports or exports a molecule that is specifically processed or synthesized in liver 
mitochondria. Inasmuch as the expression of SLC25A47 is induced by fasting, fatty acids, 
and PPARα, it can be hypothesized that SLC25A47 transports a certain lipid metabolite, 
rather than just protons. We were able to dismiss ketone bodies as candidate molecule 
based on the lack of effect of SLC25A47 deficiency on fasting plasma levels of β-
hydroxybutyrate. An attractive possibility that would merge the reported uncoupling 
property of SLC25A47 with the predicted lipid character of the transported molecule is that 
SLC25A47 is a carrier for fatty acids. In this scenario, the higher acidity outside the 
mitochondria will lead to the protonation of fatty acids, which are subsequently 
transported across the inner mitochondrial membrane and along a gradient by SLC25A47. 
In the mitochondrial matrix, the higher pH causes the deprotonation of the fatty acids to 
the anionic form, thus creating a gradient for the continuous influx of protonated fatty acids 
(17). The net effect of such a mechanism is that SLC25A47 not only catalyzes the import of 
fatty acids but also dissipates the protein-motive force. Why such a mechanism for fatty 
acid uptake would be confined to liver mitochondria is unclear.  

Intriguingly, a set of fatty acids exclusively processed in the liver are the medium chain fatty 
acids. Unlike dietary long chain fatty acids, medium chain fatty acids are taken up by the 
portal circulation and are taken directly to the liver for metabolic processing (28). In the 
liver, medium chain fatty acids are further elongated and exported as part of VLDL-TG or 
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are oxidized in the mitochondria (28). The property to be able to oxidize octanoate seems 
to be specific for liver mitochondria (29). Due to their preferential oxidation in liver 
mitochondria, medium chain fatty acids are highly ketogenic (30). It has been reported that 
mitochondrial import of medium chain fatty acids is carnitine independent (28). However, 
exactly how medium chain fatty acids are imported into mitochondria is unclear. Future 
studies with isolated liver mitochondria from Slc25a47-/- and WT mice should explore the 
option that SLC25A47 catalyzes the mitochondrial import of medium chain fatty acids. 

In addition to investigating the potential role of SLC25A47 as transporter of medium chain 
fatty acids, OMICS approaches could be employed as part of a more global strategy to 
characterize the metabolic role of SLC25A47. Specifically, metabolomics could be 
performed on isolated liver mitochondria, whole liver homogenates, and portal plasma of 
Slc25a47-/- and WT mice. The maximize the potential impact of Slc25a47 deletion, these 
studies should be done on material collected from fasted mice. Based on the identity of the 
substrates for the other SLC25 transporters, the metabolomics analysis should concentrate 
on amino acids, carboxylic acids, fatty acids, cofactors, and nucleotides. Transcriptomics 
analysis might be useful as an indirect measurement responding to metabolic perturbation 
triggered by Slc25a47 deficiency. 

In our study, Slc25a47 overexpression did not significantly influence any of the metabolic 
parameters tested. In addition, Slc25a47 overexpression did not significantly change the 
expression of any gene above the threshold value. A possible reason why we didn’t see any 
effect of Slc25a47 overexpression is that hepatic expression of Slc25a47 is already very high 
at baseline. In the fasted state, Slc25a47 is among the most highly expressed genes in 
mouse liver. Accordingly, studying the effect of Slc25a47 deficiency has a much better 
chance of generating important insights into the role of SLC25A47 in liver metabolism.  

Slc25a47 mRNA levels were found to be induced by PPARα activation in various hepatocyte 
model systems, including primary human hepatocytes. In addition, ChIP-SEQ indicated that 
in mouse liver, PPARα is bound to the Slc25a47 gene at multiple sites immediately unstream 
of the transcriptional start site. These data suggest that Slc25a47 is a direct PPARα target 
gene. Consistent with transcriptional regulation by PPARα, the expression of Slc25a47 is 
induced by fasting in mouse liver and in the mouse and human hepatocytes of hepatocyte-
humanized mice. This pattern of regulation is consistent with a role of Slc25a47 in lipid 
metabolism during fasting.  

In conclusion, we describe SLC25A47 as a novel PPARa-regulated gene in human and mouse 
hepatocytes. Metabolic studies in Slc25a47-overexpressing and Slc25a47-/- mice have so 
far not revealed any distinct phenotype. Further studies should be conducted to elucidate 
the functional role of SLC25A47 in liver mitochondrial metabolism.  
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PPARα is a ligand-activated transcription factor that belongs to the nuclear hormone 
receptor superfamily. Ligands for PPARα can be of natural origin, such as fatty acids and its 
derivatives, or synthetic like fibrate drugs, plasticizers, and insecticides (1,2). Following 
ligand- activation, PPARα forms a heterodimer with the nuclear receptor RXR and together 
bind to specific DNA-sequences, known as PPAR response elements (PPRE) around its target 
genes. Through gene expression PPARα regulates diverse biological pathways such as 
glucose metabolism, biotransformation, amino acid metabolism, inflammation, but most 
importantly lipid metabolism (3,4). Specifically, PPARα regulates fatty acid uptake, binding, 
activation, oxidation, elongation, and desaturation. Furthermore, it regulates formation 
and breakdown of triglycerides, lipid droplet-associated proteins (reviewed in Chapter 3), 
and plasma lipoprotein metabolism (5). Gene expression studies performed on mouse livers 
of PPARα null mice or in diverse in vitro hepatocyte models treated with PPARα agonists 
have shed light on the variety of genes regulated by PPARα (5–7). Nevertheless, there is 
limited data on the effects of PPARα in human liver in vivo. Most classical PPARα target 
genes involved in lipid metabolism (e.g. Angptl4, Pdk4, Cpt1a, Fabp4, G0s2) have been 
extensively characterized. However, the function of several top PPARα regulated genes is 
still unknown or has been poorly characterized. Amongst the poorly characterized target 
genes we have identified Hypoxia-induced lipid droplet associated (HILPDA) and Slc25a47. 

The objectives of this research were to improve our knowledge on the transcriptional 
regulation by peroxisome proliferator-activated receptors (PPAR)-α activation on human 
liver in vivo. Furthermore, we aimed to characterize the physiological and molecular 
function of the PPAR target HILDPA in adipose tissue macrophages (ATM) in the context of 
obesity induced inflammation and in hepatocytes during non-alcoholic steatohepatitis 
(NASH). Likewise, we sought to identify the physiological function of the PPAR target 
Slc25a47 in liver lipid metabolism and energy expenditure. In this chapter, we will discuss 
the results of these studies and propose recommendations for future research.  
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Whole transcriptome effects of PPARα activation in chimeric mice with 

hepatocyte-humanized liver  

Humanized liver has milder induction of PPARα target genes than mouse liver 

Most of our current knowledge on PPARα regulation and function in liver has been acquired 
using PPARα null mice or by treating mice with synthetic agonists (8,9). Nonetheless, the 
translation to humans of the effects of PPARα activation in mice are somewhat 
questionable due to the discrepancy on inducing peroxisome proliferation and 
hepatocellular carcinoma as observed in mice livers (10,11). Hence, different models have 
emerged for studying the effects of PPARα activation on human liver including human 
primary hepatocytes, human cell lines, human liver slices, iPSC-derived human hepatocytes, 
and PPARα humanized mice. In our research, we used chimeric mice with hepatocyte-
humanized liver generated by transplanting human hepatocytes into albumin enhancer–
driven urokinase-type plasminogen activator transgenic/severe combined 
immunodeficiency (cDNA-uPA/SCID) mice to further characterize the whole transcriptome 
effect of PPARα activation by fenofibrate.  

We first compared the whole genome expression profile of human liver tissue with the 
whole genome expression profile of hepatocyte humanized mouse livers, human primary 
hepatocytes, and human precision-cut liver slices. Interestingly, scatter plot analysis of 
transcriptomic data reveled that human liver tissue resembles more closely to hepatocyte 
humanized livers as compared to primary hepatocytes and human precision-cut liver slices. 
Nevertheless, there was a set of genes related to immunological pathways, focal adhesion, 
coagulation and complement that were remarkably higher in human liver tissue, which is 
reasonable in light of the fact that human hepatocytes were transplanted into the 
immunodeficient mice. However, we considered the hepatocyte humanized livers as a good 
model to study the whole transcriptome effect of PPARα agonist fenofibrate given the close 
similarity in whole transcriptomic gene expression and similar expression level of PPARα 
mRNA to the actual human liver. Therefore, we gave chimeric mice with hepatocyte 
humanized livers a daily oral dose of 300 mg/kg of fenofibrate or vehicle for 4 days and 
analyzed gene expression by qPCR. Fenofibrate treatment significantly increased the 
expression of known PPARα target genes in human and mouse hepatocytes as measured 
by qPCR using species-specific primers. However, the overall inductions in gene expression 
were higher in the mouse hepatocytes than the human hepatocytes. Following, we 
compared the transcriptomic data of hepatocyte-humanized liver treated with fenofibrate 
for 4 days to mouse livers harvested 6 h after a single oral dose of fenofibrate and mice 
treated daily with fenofibrate for 14 days. Interestingly, we also observed a milder effect of 
PPARα agonist on the gene expression profile in the hepatocyte humanized livers. This 
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difference cannot be attributed to a lower expression of PPARα in the humanized liver nor 
to different binding affinity of fenofibrate to human or mouse PPARα (12–14). A possible 
explanation of this quantitative difference in gene expression may arise on epigenetic 
regulation (15). 

Species-specific and model-specific effects of PPARα activation 

In mice, synthetic PPARα agonists are known to cause hepatocarcinogenesis by induction 
of genes involved in DNA synthesis and cell proliferation. Numerous studies performed in 
diverse human liver models have dismissed PPARα agonists are hepatocarcinogenic in 
humans. Nonetheless, it is still a matter of debate (16,17). We performed transcriptomics 
analysis on the fenofibrate vs. control treated humanized liver mouse. Pathway analysis 
revealed the most highly induced genes by fenofibrate were associated to fatty acid 
metabolism and immunity/interferon signaling. By contrast, the pathways repressed by 
fenofibrate were mainly related to cell cycle, mitosis, and DNA synthesis. Our results 
reinforce the notion of the species-specific effect of PPARα synthetic agonists on DNA 
synthesis and cell proliferation. We further compared the transcriptome effect of 
fenofibrate between normal mouse liver and hepatocyte humanized liver. As expected, 
among the most highly regulated pathways were PPARα signaling and fatty acid oxidation. 
Surprisingly, certain immune-related pathways such as interferon signaling were strongly 
upregulated in hepatocyte-humanized liver but were markedly downregulated in normal 
mouse liver. Additionally, we compared the 40 most up regulated genes on hepatocyte-
humanized livers treated with fenofibrate to human primary hepatocytes and human 
precision cut liver slices treated with the PPARα agonist Wy14,643. As expected, in the 
three human liver models almost all significant genes involved in lipid metabolism were 
consistently induced by PPARα activation. However, we again observed a similar 
discrepancy in the regulation of several interferon-sensitive genes, which were upregulated 
by fenofibrate in the hepatocyte humanized mouse livers but downregulated by Wy-14,643 
in human primary hepatocytes and human precision cut liver slices. Interferons (IFNs) are 
cytokines with antiviral, antiproliferative, and immune-modulatory effects (18). They are 
divided into three families: type I, type II and type III IFNs. In humans, type I IFNs can be 
secreted by many cell types in response to infection. The expression of the type II IFN is less 
ubiquitous and restricted to T cells and NK and NKT cells (19,20). Whether the upregulation 
of interferon signaling by PPARα activation in hepatocyte humanized liver is related to the 
lack of functional adaptive immune system of the SCID host mice, or to the interaction 
between human hepatocytes and mouse Kupffer cells, or it reflects PPARα signaling in 
human liver remains to be established. Overall, our data supports the notion that the effects 
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of PPARα activation on DNA synthesis, cell proliferation and hepatocarcinogenesis are 
distinct between mouse liver and human liver.  

Humanized mouse as a model to study PPARα effects beyond transcription 

Recently, the liver has been recognized as an endocrine organ due to its ability to secrete 
proteins, known as hepatokines, to communicate with other organs(21). Some of this 
hepatokines, like Angptl4 or FGF21, are also PPARα target proteins. In our research we were 
able to detect human Angptl4 in the plasma of humanized-liver mice. The humanized-
hepatocyte mice may be a potential model to study the endocrine functions of the liver and 
its hepatokines. Nonetheless, this should be taken cautiously since there is a possibility of 
incompatibility between the mouse-human endocrine cell-signaling (22).  

One of the most common liver lipid-dysregulation associated diseases is nonalcoholic fatty 
liver disease (NAFLD). NAFLD is accompanied by diverse liver lesions including steatosis, 
steatohepatitis and fibrosis. Progression of NAFLD is largely influenced by the degree of 
steatohepatitis. Although current research supports a mayor role of the innate immune 
system on hepatic inflammation, increasing evidence has point out to the role of the 
adaptive immunity on liver inflammation (23). The absence of functional adaptive immune 
system of our current model could potentially provide clues on the role of the adaptive 
immune system in NAFLD disease progression. 

Overall, our study indicates the hepatocyte-humanized liver is a good model to study the 
transcriptional effects of PPARα agonist on human liver. By sheltering clusters of mouse and 
human hepatocytes, the hepatocyte-humanized mouse is an ideal tool to study the parallel 
effects of a particular treatment on both mouse and human hepatocytes. For example, in 
this model it has been possible to study the parallel effect of fasting on whole genome gene 
expression in mouse and human hepatocytes by RNAseq (24). Accordingly, we would like 
to encourage the broader implementation of the hepatocyte-humanized mouse model in 
research on lipid and glucose metabolism. By presenting an in vivo environment, it provides 
clear advantages over other models such as human liver organoids. A very promising 
feature of hepatocyte humanized mouse liver is that it could be used to model human 
(genetic) diseases, such as familial hypercholesterolemia (25), and can even be used as a 
model for correction of human genetic diseases (26). A major disadvantage for the broad 
implementation of the hepatocyte humanized mouse model is that it is very expensive.  
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Regulation of LD-associated proteins by PPARs 

In cells, excess fatty acids are mainly stored as triglycerides inside specialized organelles 
known as lipid droplets (LD). Lipid droplets are composed of a hydrophobic core of neutral 
lipids and sterol esters surrounded by a monolayer of hydrophilic phospholipids. All cells 
have the ability to synthesize lipid droplets. However, most cells only contain minuscule 
lipid droplets, except for adipocytes which contains a single lipid droplet that takes-up most 
of the cell volume. LD are very dynamic; they can expand and shrink depending on the 
availability and requirement of fatty acids. LD homeostasis is regulated by different LD-
associated proteins compromising a complex set of membrane proteins and enzymes. An 
important group of the membrane LD-associated proteins is the perilipin family which 
consists of PLIN1 to PLIN5. Other LD-associated proteins include the Cell death-inducing 
DNA fragmentation factor 45-like Effector family (CIDE-) comprised by CIDEA, CIDEB, and 
CIDEC. And more recently discovered, G0s2, HILPDA, FITM1, FITM2, among others. Several 
of these enzymes and LD-associated proteins are regulated by Peroxisome Proliferator-
Associated Receptors (PPARs). PPARs are ligand-activated transcription factors that activate 
gene transcription by binding to a relatively conserved DNA sequence near to its target 
gene. PPARs have three different subtypes: PPARα, PPARδ, and PPARγ. PPARs mainly differ 
in their ligand specificity and expression profile among tissues. Through the regulation of 
LD-associated proteins, PPARs orchestrate the uptake, storage, and utilization of fatty acids. 

Our current knowledge on lipid-droplet associated protein regulation by PPARs is mainly 
limited to cytoplasmic lipid droplets. However, lipid droplets haven been observed on the 
nucleus of mammalian cells (nLD), in particular in hepatocytes (27,28). In hepatocytes, 
nuclear lipid droplets represent 2-10% of total cellular lipid droplet population. Similar to 
cytosolic lipid-droplets, nLD are dynamic and respond to lipid availability (29). Little is 
known about the physiological relevance of nLD. However, it has been proposed they are 
involved in nuclear membrane growth (30), sequestration of transcription factors (31), and 
regulation of phosphatidylcholine synthesis via CCTα (32). Interestingly, we observed the 
presence of HILPDA, a PPAR target protein, around nLD (Chapter 4, Fig.4). Whether PPARs 
may regulate nLD or vice versa, whether nLD regulate PPARs requires further research. 

Hypoxia inducible lipid droplet associated HILPDA 

Our group first ran into HILPDA when screening for genes that are strongly upregulated in 
adipose tissue macrophages. HILPDA has now been widely recognized as a LD-associated 
protein by several research groups (33,34). Recent research has demonstrated that HILPDA 
promotes lipid storage in different types of cells and tissues in the form of lipid droplets 
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(Chapter 6). Lipid droplet accumulation has been recognized as a signature of metabolically 
activated macrophages in adipose tissue and of hepatocytes during NASH development 
(35–38). However, the exact role of lipid droplet accumulation in the development of both 
pathological conditions remains unclear (39). In this thesis, we studied the functional role 
of HILPDA in adipose tissue macrophages (ATM) in the context of obesity-induced 
inflammation (Chapter 4) and in hepatocytes in the context of non-alcoholic steatohepatitis 
(NASH) (Chapter 5). 

Physiological effect of HILPDA in adipose tissue macrophages 

Adipose tissue macrophages (ATM) are important for the maintenance of healthy adipose 
tissue by promoting clearance of adipocyte debris (40,41). During obesity, ATM increase in 
population accumulating around dead adipocytes in so-called “crown-like structures” and 
display a proinflammatory phenotype (42). Progressive lipid accumulation as lipid droplets 
within ATM and foam cell formation has been associated with severe obesity and insulin 
resistance (43,44). In Chapter 4, we aimed to characterize the role of HILPDA in ATM by 
exploring the causal association between lipid-droplet accumulation in ATM and the 
development of adipose tissue inflammation and glucose intolerance during obesity. For 
this aim, we generated mice with a myeloid-specific Hilpda inactivation (HilpdaΔMф) by 
crossing Hilpdaflox/flox with mice expressing Cre-recombinase driven by the LysM promoter. 
Hilpda mRNA and protein level were decreased by approximately 80% in isolated BMDMs 
from HilpdaΔMф mice compared to their Hilpdaflox/flox littermates. Interestingly, after lipid 
loading, BMDMs from HilpdaΔMф mice showed a marked decrease in lipid droplet 
accumulation accompanied by a decrease in di- and triacylglycerol content when compared 
to Hilpdaflox/flox mice. Subsequently, cellular respiration was measured to explore if the 
excess fatty acids were disposed of by increased oxidation in HilpdaΔMф and Hilpdaflox/flox 

BMDMs. Oxygen consumption of fatty-acid-loaded HilpdaΔMф and Hilpdaflox/flox BMDMs was 
measured during a mitochondrial stress test with Seahorse. Remarkably, after 24 h of fatty 
acid loading, basal and maximal respiration were significantly higher in HilpdaΔMф compared 
with Hilpdaflox/flox BMDMs, indicating an increase in maximal oxidative capacity. Together, 
these data show that HILPDA deficiency leads to a pronounced decrease in lipid storage in 
macrophages accompanied by an increase in fatty acid oxidation. Next, to study the 
functional consequences of macrophage HILPDA deficiency in the context of obesity-
induced adipose tissue inflammation, HilpdaΔMф mice and their Hilpdaflox/flox littermates 
were fed a high fat diet for 20 weeks, using a low-fat diet as control. As expected, HilpdaΔMф 
showed pronounced decreased of Hilpda expression in the stromal vascular fraction of the 
adipose tissue but not in the adipocyte fraction. Similar to our previous finding in BMDMs, 
lipid droplet content was significantly lower in ATM isolated from high fat diet-fed HilpdaΔMф 
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mice than Hilpdaflox/flox mice. Strikingly, the decrease in lipid-droplets was not associated 
with any change in the secretion of the classical inflammatory cytokines interleukin-6 (IL-6) 
and tumor necrosis factor alpha (TNF-α). Furthermore, flow cytometry analysis of the 
stromal vascular fraction isolated from the adipose tissue showed an increased percentage 
of populations of CD45+, CD11b+CD206+, and CD11b+CD11c+ cells by high-fat feeding, but 
no clear differences between genotypes. Also, gene expression analysis in adipose tissue of 
pro- or anti- inflammatory related genes showed no significant difference between 
HilpdaΔMф and Hilpdaflox/flox mice despite a marked induction by high fat diet. Last, to 
examine whether macrophage HILPDA deficiency had any influence on obesity-induced 
metabolic dysfunction, we measured plasma metabolic parameters and assessed glucose 
tolerance in HilpdaΔMф and Hilpdaflox/flox on both high- and low-fat diet. Although high-fat 
feeding significantly increased plasma levels of cholesterol, triglycerides, glucose, non-
esterified fatty acids, leptin, and insulin, no differences were observed between HilpdaΔMф 
and Hilpdaflox/flox mice, either on a low- or high-fat diet. Likewise, high-fat feeding caused a 
marked decrease in glucose tolerance, nonetheless no differences were observed between 
HilpdaΔMф and Hilpdaflox/flox mice. Altogether, our data indicate that myeloid-specific HILPDA 
deficiency reduces lipid droplet accumulation in adipose tissue macrophages but does not 
influence the inflammatory status of adipose tissue and does not have any effect on 
obesity- induced metabolic complications.

Our results do not invalidate the notion that ATMs contribute to obesity-induced adipose 
tissue inflammation, nor do they refute the model that lipid-activation of macrophages 
importantly underlies obesity-induced adipose tissue inflammation. Rather, they suggest 
that triglyceride storage as such does not drive the inflammatory phenotype. In contrast to 
our findings, a recent study on BMDMs stimulated with LPS indicated that DGAT1-mediated 
lipid droplet ablation resulted in a pronounced reduction of inflammatory mediators, 
thereby suggesting that lipid droplets play an essential role in the activation of 
macrophages (39). Possible explanations for this discrepancy may arise from the stimuli 
used to activate the macrophages (45) and from the lipid droplet-associated protein 
targeted to ablate the lipid droplet. Interestingly, a recently identified subset of ATM that 
expands during obese conditions suggests that the lipid storage capacity in this specific 
subset of ATMs, now named lipid-associated macrophages (LAMs), is crucial for adipose 
tissue remodeling and metabolic homeostasis. LAMs are characterized by a transcriptional 
signature of Trem2, Lipa, Lpl, Ctsb, Ctsl, Fabp4, Fabp5, Lgals1, Lgals3, Cd9, and Cd36. In vivo 
deletion of the lipid receptor Trem2 markedly reduced the expression level of signature 
genes in LAMs and consequently blunted the ability of LAMs to take up and storage lipid, 
accompanied by massive adipocyte hypertrophy, weight gain, increased in body fat 
content, plasma cholesterol, fasting insulin levels and glucose intolerance (46). The current 
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findings raise awareness of the complexity of lipid accumulation in ATMs and its relation to 
inflammation and metabolic homeostasis.  

It could be argued that the enhanced lipolysis in HilpdaΔMф macrophages may lead to 
intracellular accumulation of fatty acids, which in turn may exert a potential lipotoxic effect. 
Although we did observe increased fatty acid-induced gene regulation, the overall lipoxic 
effect of HILPDA deficiency seemed quite limited. Our Seahorse studies indicated that the 
enhanced lipolysis in HILPDA-deficient macrophages is accompanied by enhanced fatty acid 
oxidation, thereby limiting the intracellular accumulation of fatty acids and mitigating 
lipotoxicity.  

Our research leaves open the possibility that inflammatory properties of macrophages 
might be influenced by lipid droplet-associated proteins. Current developments of novel 
therapies targeting ATM (47,48) highlights the importance of a clear understanding on the 
functionality of adipose tissue macrophages and its mechanisms to maintain healthy 
adipose tissue homeostasis.  

Physiological effect of HILPDA in liver in the context of NASH 

The liver has a vital role in regulating lipid metabolism. Liver lipids can become abnormally 
increased under conditions of obesity and insulin resistance. A chronic increase in intra-
hepatic lipids is known as hepatic steatosis and is a characteristic sign of non-alcoholic fatty 
liver disease (NAFLD). NAFLD can progress to non-alcoholic steatohepatitis (NASH), which 
encompasses liver steatosis, inflammation and fibrosis (23). In this thesis, we further study 
the function of HILPDA in relation to hepatic lipid metabolism in the context of NASH. Liver-
specific Hilpda knockout mice were fed with a high fat diet deficient in methionine and 
choline (HFmcd), using a low-fat (LF) diet as a control. This diet differs from the classical 
choline and methionine-deficient diet that is low in fat. When mice are fed the classical 
MCD, they quickly lose weight. The lack of obesity phenotype in MCD-fed mice is one of the 
major criticisms raised against this model, as most people with NASH are obese. In our 
study, we used a modified MCD diet that is high in fat (HFmcd) (49). When mice are fed 
HFmcd, it has been reported that they develop NASH without suffering from weight loss 
(49), which is exactly what we observed. Also, H&E staining of the livers of the mice fed 
HFmcd revealed all the pathological features of NASH. Accordingly, the HFmcd is a better 
model than the traditional MCD model for the study of NASH in mice. 

Interestingly, after 11 weeks of feeding the diets, hepatic expression of Hilpda was 
significantly higher in mice fed the HFmcd than in mice fed the LF diet and was significantly 
lower in HilpdaΔliver than in Hilpdaflox/flox mice. At the protein level, HILPDA was also 
considerably reduced in livers of HilpdaΔliver compared to Hilpdaflox/flox mice. At the organ 
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level, liver weights of mice fed HFmcd but not the LF diet, were modestly but significantly 
lighter in HilpdaΔliver than in Hilpdaflox/flox mice. In accordance with the previously observed 
effect of HILPDA on increasing liver triglyceride content (50), hepatic triglyceride levels were 
modestly but statistically significantly reduced in HilpdaΔliver compared to Hilpdaflox/flox mice 
on both diets. In accordance with liver triglyceride levels, plasma alanine aminotransferase 
(ALT) levels were also significantly lower in HilpdaΔliver than in Hilpdaflox/flox mice on both 
diets. However, no significant differences were observed between genotypes on the 
expression of inflammatory markers Cd68 and Ccl2, and the fibrosis markers Timp1 and 
Col1a1, despite a marked induction by HFmcd.  

Overall, we found that Hilpda deletion in hepatocytes has a significant but modest effect 
on liver triglycerides storage after NASH induction. This result contrasts with the 
pronounced effect observed in macrophages, where the accumulation of triglycerides as 
lipid droplets was dramatically abolished by Hilpda deletion (51). Inversely, liver-specific 
overexpression of HILDPA led to a huge increase in liver triglycerides (52). The mild effect 
of HILPDA deficiency on liver triglyceride levels is likely related to the relatively low 
expression of Hilpda in mouse liver and to the molecular function of HILPDA as ATGL 
inhibitor and DGAT activator (see below). Consistent with this notion, HILPDA deficiency in 
mouse liver slices and primary mouse hepatocytes, which express much higher levels of 
HILPDA, markedly decreased triglyceride accumulation. It is not fully clear why HILPDA 
levels are much higher in cultured hepatocytes compared to hepatocytes in vivo. A possible 
explanation is that HIF1a, which stimulates HILPDA transcription, is activated when 
hepatocytes are put into culture. The high expression of HILPDA may explain why viral 
overexpression of HILPDA in primary hepatocytes did not influence triglyceride 
accumulation (data not shown), whereas HILPDA deficiency did. Conversely, in vivo we 
observed a much more pronounced effect of HILPDA overexpression as compared to 
HILPDA deficiency. 

Hepatocyte specific HILPDA deletion using the albumin Cre-system led to a 50-60% 
decrease in liver Hilpda mRNA, suggesting it is still expressed in other liver cell-types like 
endothelial cells, stellate cells, or immune cells. Liver Kupffer cells are part of the liver innate 
immune system. They represent around 35% of liver non-parenchymal cells (53). 
Accumulating evidence has recognized the presence of activated foamy Kupffer cells at the 
early stage of NAFLD and not as a consequence of late steatosis (23,54,55). Given that 
Hilpda is abundantly expressed in macrophages and has an essential role in lipid storage in 
these cells (Chapter 4), it would be very interesting to further study the effect of Hilpda 
deficiency on lipid accumulation in liver Kupffer cells (KC) in relation to NASH.  
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Molecular aspects of HILPDA 

In different cell types, HILPDA has been localized surrounding lipid droplets (56–58). In line 
with the notion that a cell contains distinct lipid droplet subpopulations (59), we observed 
that HILPDA is not present in all lipid droplets. In fact, co-transfected hepatocytes with 
HILPDA- mEGFP and PLIN2-mCherry showed that HILPDA and PLIN2 coat distinct sets of 
lipid droplets (Chapter 5). Besides its localization to lipid droplets, HILPDA was shown to 
colocalize and migrate through the endoplasmic reticulum, the site of lipid droplet 
synthesis, where it correlated significantly with newly synthesized triglycerides. 
Furthermore, HILPDA preferably accumulated in lipid droplets undergoing remodeling 
(shrinking and expansion) (Chapter 5). In macrophages, HILPDA deficiency substantially 
decreased lipid droplet accumulation. To investigate if the decrease in LD was due to 
reduced fatty acid uptake, BMDMs were loaded with a fluorescently labeled fatty acid. 
Confocal microscopy showed no difference in fluorescence intensity between HilpdaΔMф 
and Hilpdaflox/flox macrophages at 6 and 35 min indicating that HILPDA deficiency did not 
influence fatty acid uptake. Similarly, expression of the fatty acid transporter Cd36 was 
not different between HilpdaΔMф and Hilpdaflox/flox macrophages. Next, to determine 
the intracellular trafficking of lipids, BMDMs were loaded with a mixture of oleate and 
the fluorescent fatty acid BODIPY FL. Surprisingly, after lipid loading for 5h the Hilpdaflox/flox 

had already accumulated BODIPY FL in lipid droplets, whereas in HilpdaΔMф macrophages, 
the BODIPY FL was distributed throughout the endoplasmic reticulum (ER) and with 
minor presence in lipid droplet-like structures. After lipid loading for 24 h, 
Hilpdaflox/flox macrophages had an increased number and size of lipid droplets, whereas 
in HilpdaΔMф macrophages, the initially formed lipid-droplet-like structures faded. 
Previous research showed HILPDA can interact and inhibit ATGL (60,61). To evaluate if the 
inability to retain the fatty acids as lipid droplets is due to increased ATGL-mediated 
lipolysis, HilpdaΔMф and Hilpdaflox/flox BMDMs were lipid loaded and incubated with 
Atglistatin, a small-molecule inhibitor of ATGL (62). Remarkably, inhibiting ATGL 
greatly increased lipid droplets in HilpdaΔMф BMDMs almost completely rescuing the 
HilpdaΔMф phenotype. (Chapter 4) These data suggest that the decrease in lipid content 
and lipid droplet growth in HilpdaΔMф macrophages is due to increased ATGL 
mediated triglyceride hydrolysis. Thus, in macrophages HILPDA acts as a potent 
endogenous inhibitor of ATGL. Contrastingly, in HILPDA-deficient primary mouse 
hepatocytes, no statistical interaction was observed between Atglistatin treatment 
and Hilpda genotype in relation to lipid droplet size, suggesting that in hepatocytes 
HILPDA promotes lipid storage at least partly via an ATGL-independent mechanism. A 
distinct mechanism from lipolysis to affect lipid accumulation is through lipid synthesis. 
Diacylglycerol acyl- transferase (DGAT) catalyzes the last and rate- limiting step in the 
synthesis of triglycerides by using diacylglycerol and acyl-CoA as substrates. To 
determine if HILPDA might stimulate DGAT activity, we transduced HepG2 
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cells with AV- Hilpda or AV-Gfp and incubated the lysate with fluorescent NBD-palmitoyl-
CoA and 1,2 dioleoyl-sn-glycerol. Remarkably, the DGAT-mediated triglyceride synthesis 
was markedly increased by HILPDA overexpression, as determined by quantification of thin-
layer chromatography (TLC). Triglyceride synthesis from diacylglycerol and acyl-CoA can be 
catalyzed by two different isozymes: DGAT1 and DGAT2 (63). Whereas DGAT2 catalyzes 
triacylglycerol synthesis from endogenous synthetized fatty acids, DGAT1 mainly esterifies 
exogenous fatty acids to diacylglycerol (64–66). Interestingly, the increase in triglyceride 
synthesis by HILPDA overexpression was unaltered by the DGAT2 inhibitor PF-06424439 but 
completely suppressed by the DGAT1 inhibitor A922500. Additionally, we corroborated the 
stimulatory effect of HILPDA on lipid storage via DGAT1 in adipocytes. Next, to investigate 
whether HILPDA may physically interact with DGAT1 in cells, we performed FRET quantified 
by FLIM in live and fixed HepG2 transfected with HILPDA-mEGFP and DGAT1-mCherry. The 
mean fluorescence lifetime of the donor fluorophore HILPDA-EGFP was significantly 
decreased by the presence of the acceptor fluorophore DGAT1-mCherry. This result 
demonstrates that HILPDA and DGAT1 are in very close proximity, indicating that they 
physically interact intracellularly.  

Our cellular localization studies indicated that HILPDA coats a subpopulation of lipid 
droplets which presumably exclude PLIN2. PLIN2 is considered a general lipid droplet-
associated protein present in essentially all cells. Evidence abounds indicating that PLIN2 
promotes LD accumulation (67). We could hypothesize that PLIN2-coated LDs may define 
more stable LD population, whereas HILPDA-coated LDs may indicate that they are actively 
being remodeled via triglyceride lipolysis and synthesis as shown by our time-lapse live 
imaging. In line with this observation, we showed that the lipid droplet ablation in HILPDA-
deficient macrophages is explained by increased ATGL-mediated lipolysis. Thus, in 
macrophages HILPDA acts as an important ATGL inhibitor. Previous research from our group 
and another group showed that HILPDA directly interacts and inhibits ATGL triglyceride 
hydrolase activity. This inhibitory interaction depends on the residues 7–11 of the 
conserved N-terminus of HILPDA and the N- terminal patatin domain-containing region of 
ATGL (60,68). This ATGL region also mediates triglyceride hydrolysis and the interaction 
with CGI-58/ABHD5, Atglistatin, acyl-CoA, and G0S2. Interestingly, despite the marked 
decrease in lipid storage of HILPDA-deficient mice and cells, in a cell-free system the 
inhibitory capacity of HILPDA was found to be substantially weaker than G0S2, another well-
recognized ATGL inhibitor protein [26]. This could indicate that HILPDA might require an 
auxiliary factor to efficiently inhibit ATGL. However, further studies are needed to 
determine why HILPDA is less potent in cell-free systems compared to live cells. 

Additionally, we found that HILPDA can interact and enhance DGAT1 activity in hepatocytes 
and adipocytes. Recent research showed that the N-terminal of DGAT1 is important for 
allosteric regulation and dimerization (69,70). DGAT1 forms homodimers through 
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hydrophilic and hydrophobic interactions. Deletion of the first 85 or 90 residues, which 
corresponds to important segments for dimerization, resulted in decreased activity and 
protein expression levels (70). Exactly how HILPDA increases DGAT1 activity and protein 
levels is unclear, but based on our and other data, it can be hypothesized that the 
interaction between HILPDA with DGAT1 might facilitate DGAT1 stability or dimerization, 
thus enhance DGAT1 activity. Further biochemical and microscopic studies should address 
how exactly HILPDA and DGAT1 interact.  

Finally, it can be hypothesized that HILPDA may be part of a larger triglyceride turnover 
complex, “the lipolysome”. Lipolysome, is a term coined by Zechner et al. to designate the 
complex protein network regulating cytoplasmic lipolysis (71), including direct and indirect 
inhibitors or activators of lipolysis (72). Here we would like to propose to broaden this 
designation to the protein network regulating triglyceride turnover. Triglyceride turnover 
describes the concurrent synthesis and hydrolysis of stored triglycerides. It is a highly 
coordinated process that is partly aimed at minimizing fluctuations in intracellular fatty acid 
level. Mechanistically, HILPDA regulates triglyceride storage by inhibiting ATGL-mediated 
lipolysis (the first step in triglyceride breakdown) and/or activating DGAT1-mediated 
triglyceride synthesis (the last step in triglyceride synthesis) (Fig. 1). Several external stimuli, 
including hypoxia, fatty acids, and β-adrenergic agonists can upregulate Hilpda expression. 
Hence, HILPDA seems to function as an adaptive signal that is activated under specific 
circumstances. The induction of HILPDA by fatty acids is plausibly part of a feed-forward 
mechanism to regulate intracellular fatty acids availability by promoting their storage as 
triglycerides and attenuate lipolysis. 
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Figure 1. Schematic depiction of fatty acid disposition by HILPDA. HILPDA facilitates triglyceride storage by 
inhibiting ATGL-mediated lipolysis and/or activating DGAT1-mediated triglyceride synthesis. 

Taken together, the results obtained with hepatocyte, adipocyte, and myeloid-specific 
Hilpda-deficient mouse models suggest that the main mechanism of HILPDA in regulating 
cellular triglyceride storage is cell-type specific and is likely dictated by the level of HILPDA 
expression, as well as by the expression of related proteins such as G0S2. 

So far, our research has focused on the regulation of triglyceride synthesis or degradation 
by HILPDA. However, our lipidomic data reveled HILPDA overexpression or deletion results 
on increased or decreased cholesteryl esters (CE) levels, respectively. Cholesteryl ester 
synthesis is catalyzed by Sterol-o-acyltransferase (SOAT) from cholesterol and long-chain 
fatty acyl-CoA. CE can then be stored in lipid droplets or secreted in lipoproteins. Like 
DGAT1, SOAT belongs to the superfamily of membrane-bound O-acyl transferases 
(MBOAT). SOAT has been consider a potential therapeutical target for atherosclerosis, 
several types of cancer, and Alzheimer’s disease (73). In the future, it would be of interest 
to investigate the function of HILPDA on cholesteryl ester regulation.  
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In this thesis we characterized the whole transcriptome effects of in vivo PPARα activation 
in a chimeric mouse model with hepatocyte humanized liver. Then we described the 
physiological function of the PPARα target HILPDA in adipose tissue macrophages in the 
context of obesity-induced inflammation and in liver in the context of non-alcoholic 
steatohepatitis. We further identified the molecular mechanism of HILPDA in relation to 
lipid metabolism in both hepatocytes and macrophages. We found that HILPDA promotes 
triglyceride accumulation mainly via enhancing DGAT1 activity in hepatocytes and via ATGL 
inhibition in macrophages. Lastly, we characterized the role of the PPARα target SLC25a47 
in whole body and liver energy homeostasis and mitochondrial function. Overall, this thesis 
has generated more insight into the physiological role of PPARα and of genes regulated by 
PPARα.  
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Abnormal lipid metabolism has been associated with a wide range of chronic and infectious 
diseases including non-alcoholic fatty liver disease, viral hepatitis C infection, 
atherosclerosis, diabetes, and cancer. Peroxisomal proliferator activator receptor alpha 
(PPARα) is a ligand-activated transcription factor that plays a major role in the regulation of 
lipid metabolism. Gene expression studies performed on PPARα null mice have shed light 
into a variety of genes regulated by PPARα. A comprehensive understanding of the 
physiological and molecular function of PPARα target genes is needed for the accurate 
development of therapeutical strategies.  

The research contained in this thesis first sought to improve our current knowledge on the 
transcriptional regulation by peroxisome proliferator-activated receptors (PPAR)-α 
activation on human liver in vivo using a novel humanized-liver mouse model. Then, we 
pursued to expand our understanding on the physiological and molecular function of two 
PPARα target genes, Hilpda and Slc25a47. We studied the function of HILDPA in adipose 
tissue macrophages (ATM) in the context of obesity-induced inflammation and in 
hepatocytes during non-alcoholic steatohepatitis (NASH). Ultimately, we sought to identify 
the physiological function of the liver-specific mitochondrial carrier Slc25a47 in liver lipid 
metabolism and energy expenditure.  

The role of PPARα in gene regulation in mouse liver is well characterized. However, less is 
known about the effect of PPARα activation in human liver in vivo. Model systems to study 
PPARα in human liver vary from hepatoma cell lines, human primary hepatocytes, human 
precision cut liver slices, and mice expressing human PPARα. A novel model to study in vivo 
PPARα activation in human liver is a chimeric mouse carrying human liver cells. These mice 
are generated by transplanting human hepatocytes into albumin enhancer–driven 
urokinase-type plasminogen activator transgenic/severe combined immunodeficiency 
(uPA/SCID) mice, leading to replacement of the host hepatocytes. In this research, we 
performed transcriptomics analysis on the effect of fenofibrate in mice with hepatocyte-
humanized livers and compared the results with other relevant transcriptomics datasets. 
We observed that human hepatocytes exhibited excessive lipid accumulation. Fenofibrate 
increased the size of the mouse but not human hepatocytes and tended to reduce steatosis 
in the human hepatocytes. Quantitative PCR indicated that induction of PPARα targets by 
fenofibrate was less pronounced in the human hepatocytes than in the residual mouse 
hepatocytes. Comparison with other transcriptomics datasets indicated that hepatocyte 
humanized livers recapitulate the principal effects of PPARα activation on lipid metabolism 
as revealed by other model systems of human liver. In contrast, pathways connected to 
DNA synthesis were downregulated by fenofibrate in chimeric mice with hepatocyte 
humanized livers yet upregulated by fenofibrate in normal mouse livers. Our results support 
the major role of PPARα in regulating hepatic lipid metabolism, highlight the more modest 
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effect of PPARα activation on gene regulation in human liver compared to mouse liver, and 
indicate that PPARα may have a suppressive effect on DNA synthesis in human liver.  

In the second part of this thesis, we characterized the physiological and molecular function 
of HILDPA in ATM in the context of obesity-induced inflammation and in hepatocytes during 
NASH. To this end we used a HILPDA tissue-specific knockout mice model in macrophages 
and hepatocytes generated by using LysM-Cre and Alb-Cre transgenic mice, respectively. In 
diet-induced obese mice, HILPDA deficiency in macrophages markedly reduced lipid 
accumulation in macrophages yet it did not alter any measured inflammatory or metabolic 
parameters. Mechanistically, HILPDA acts an inhibitor of ATGL-mediated lipolysis in 
macrophages. Treatment with the ATGL inhibitor Atglistatin rescued lipid accumulation 
inside lipid droplets in HILPDA-deficient macrophages. This research questions the 
contribution of lipid droplet accumulation in adipose tissue macrophages in obesity-
induced inflammation and metabolic disfunction. Similarly, in diet-induced NASH mice, 
HILPDA hepatocyte deficiency modestly yet significantly reduced liver triglyceride 
accumulation and plasma ALT levels. However, expression of macrophage/inflammatory 
markers and fibrosis were not different between HILPDA knockout and floxed mice. In 
hepatoma cell lines, fatty acids increase Hilpda expression and protein levels. Hilpda 
overexpression in turn induces triglyceride accumulation inside lipid droplets. 
Mechanistically, HILPDA interacts and increases DGAT1 protein level and activity as 
indicated by FRET-FLIM analysis, western blot and Dgat1 activity assay. These findings 
propose a novel regulatory mechanism by which fatty acids promote triglyceride synthesis 
and storage. 

In the last part of this thesis, we sought to characterize the liver-specific mitochondrial 
carrier SLC25A47. We identified Slc25a47 from a transcriptome data analysis of three 
independent studies in which human primary hepatocytes were treated with the PPARα 
agonist Wy14643 or GW7647 for 24 hours. Slc25s47 was consistently induced by PPARα 
agonists in the three datasets. To study the functional role of SLC25A47 in mouse liver, we 
overexpressed Slc25a47 in liver using adeno-associated virus. We first studied the effect of 
Slc25a47 overexpression in fed and fasted mice. No significant effects were observed on 
liver triglyceride levels, nor on plasma glucose, triglyceride, cholesterol, glycerol, non-
esterified fatty acids and β-hydroxybutyrate levels. Similarly, after feeding mice a high fat 
diet for 8 weeks, we did not observe any effect of Slc25a47 overexpression in any of the 
beforementioned parameters. However, transcriptome analysis at the pathway level 
showed that several gene sets related to cholesterol synthesis were significantly enriched 
among the upregulated genes, suggesting that SLC25A47 might stimulate cholesterol 
synthesis. Next, we reasoned a knockout model would provide a clearer phenotype than 
the overexpression given that Slc25a47 is already expressed at high levels in liver. We next 
performed indirect calorimetry in wildtype and Slc25a47 knockout mice in the fed and 
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fasted state yet there was no difference in energy expenditure, activity level nor respiratory 
exchange ratio between genotypes. We subsequently placed the WT and Slc25a47-/- mice 
on a high fat diet for 20 weeks to induce obesity and insulin resistance and another cohort 
of WT and Slc25a47-/- mice on a low fat diet for the same duration. No significant 
differences were observed in body weight gain, food intake, liver or white adipose tissue 
weight, either on the low fat diet or the high fat diet. By contrast, glucose tolerance was 
significantly improved in the Slc25a47-/- mice compared to the WT mice. Similarly, no 
significant differences were observed between WT and Slc25a47-/- mice in hepatic 
triglyceride nor in plasma glucose, cholesterol, triglycerides, glycerol and non-esterified 
fatty acids in either condition. At the molecular level, we explored if SLC25A47 might led to 
mitochondria uncoupling as previously reported. However, we did not observe and change 
in mitochondria respiration in mice liver overexpressing Slc25a47, nor in transiently 
transfected Hepa 1-6 cells as measured by high-resolution respirometry with Oroboros. 
However, image intensity analysis showed a significant decrease on the intensity of 
Mitrotrack Red, a membrane-potential dependent dye, on Slc25a47 overexpressing 
mitochondria. This research does not support an uncoupling role of SLC25A47 yet it 
identifies SLC25A47 as novel PPARα-regulated gene in human and mouse hepatocytes. 
Further studies are needed to identify SLC25A47 function in liver metabolism.  
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