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Propositions 

1. The degree of purification controls the interfacial and foaming 
properties of plant protein ingredients.  
(this thesis) 
 

2. Non-linear rheology and microstructure imaging should be standard 
in characterising the mechanical properties of interfacial films.  
(this thesis) 
 

3. Academic inflation is driven by the high requirements of academic 
institutions.  
(Yi, G. & Mcmurtrey, M. (2013). The impact of academic inflation on 
the labour market: if everyone has a PhD, who will be the custodian?, 
International Journal of Electronic Finance, 7(3/4), 1-13) 
 

4. The reproducibility issues of studies involving people, as highlighted 
by Aarts, et al., are in fact due to geographical differences.  
(Aarts, A.A. et al. (2015). Estimating the reproducibility of 
psychological science. Science, 349(6251), 1-7) 
 

5. Sustainability claims are valid only after a comprehensive quantitative 
analysis, where causality is incorporated. 
 

6. Becoming a true expert in a given field must involve inspiration from 
other fields. 
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1.1 The plant protein transition 
Sustainable food production is currently of global importance to meet the increasing demand 

for food due to a growing world population, estimated to become 9.6 billion in 20501. In 

addition to food availability, the environmental impact of food production is also a key topic. 

Food production was estimated to generate a quarter of global greenhouse gas emissions2, 

consume about two-thirds of world freshwater supplies3, and require half of the world’s 

habitable land4. The food industry is a large contributor to climate change, which could even 

further increase as the agricultural output has to substantially increase by 2050 to meet the 

increasing demands for food5. Therefore, it is a necessity to reduce the environmental impact 

of food production6, and one of the main responses is the protein transition from animal-

derived to plant-derived sources7. The large-scale utilisation of plant-based proteins is a 

crucial step in reducing the environmental impact of food production, as the primary 

production of plant proteins has a lower CO2 and water footprint, and lower land use 

compared to animal protein production. At the same time, crop cultivation also generates a 

massive CO2 uptake, while a large negative output of livestock farming is the increased 

emission of greenhouse gases, such as methane and nitrous oxide8. Changing our diets 

towards plant-based diets will thus yield climate benefits. However, effective implementation 

of plant proteins in food production can only be achieved after overcoming one of the major 

challenges, which is the plant protein extraction process. To better understand the 

challenges in designing such processes, it is necessary to evaluate the relationship between 

processing and composition of the plant protein extracts. Additionally, the composition- and 

structure-function relationships of these extract can be determined. Such an approach would 

allow the correlation of the plant protein extraction process to the functional properties of 

the final extract.  

1.2 Plant crop composition 
Examples of commonly used sources of plant proteins are soybean, pea and lupine. There 

is an emerging market for rapeseed (Brassicaceae Cruciferae) as a plant protein source, 

which will be studied in this thesis. Rapeseed is the second most grown oilseed in the world9 

and is primarily cultivated for its oil, as the oil content of the seeds is between 40 – 50%10,11. 

The second component, content-wise, is protein, as rapeseed contains between 17 – 26% 

protein, depending on the breed type and environmental conditions during growth10. 

Rapeseed is also rich in phenols, which are known to induce drawbacks for plant protein 

extraction12,13. Nonetheless, rapeseed possesses the potential as a source for nutritional and 

functional plant-based ingredients. 
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1.2.1 Proteins 

The majority of proteins in plant crops are storage proteins, which play an essential role in 

germination, such as an amino acid source or defence proteins. Many types of storage 

proteins exist, leading to different protein structures and properties among plant sources. 

Plant proteins are commonly classified based on their solubility using the Osborne 

classification14. Storage proteins can be classified into water-soluble (albumins), dilute saline 

solution-soluble (globulins), alcohol-soluble (prolamins), and dilute acid or alkali solution-

soluble (glutelins). Oilseeds and legumes contain mainly albumins and globulins, with 

globulins often as the most abundant protein class15. Both proteins are separated based on 

their solubility, as globulins of various plant sources have an isoelectric point (pI) between 

pH 4 – 516,17, while albumins remain soluble at an extensive pH range between 2 – 1218,19. 

Plant globulins possess a complex quaternary structure, as they can exist in monomeric, 

trimeric, hexameric, or even larger conformations, depending on concentration, pH, and 

ionic strength20. The main globulin in rapeseed is called cruciferin (schematic overview in 

Figure 1.1) and represents about 60% of the total seed protein. The monomer of cruciferin 

has a molecular weight of about 50 kDa and comprises an α- and β polypeptide chain of 32 

and 20 kDa, respectively21. The native quaternary protein structure of cruciferin was found 

to be hexameric and could fall apart into trimers or monomers at lower pH18. Albumin is 

used as a group name to label the water-soluble proteins, and the main albumin in rapeseed 

is called napin. Napin has a molecular weight of around 18 kDa and consists of two 

polypeptides of 7 and 11 kDa, which are interlinked by disulphide bonds18. 

1.2.2 Oleosomes 

Oil is another major component in oilseeds, such as rapeseed. Plant oil is stored in structures 

called oleosomes, also known as oil bodies or lipid droplets, with diameters between 0.2-10 

µm. Oleosomes are natural oil droplets with a triacylglycerol (TAG) core surrounded by a 

monolayer of phospholipids with anchored proteins (schematic overview in Figure 1.1)22–24. 

The phospholipids and proteins in the membrane interact strongly through hydrophobic and 

electrostatic interactions, which results in a protective membrane around the TAG core. The 

membrane was proven to provide high physical and chemical stability against, for instance, 

lipid oxidation and droplet coalescence25–28. Oleosomes can be disrupted by mechanical 

pressing or using organic solvents, such as hexane, which is commonly applied in plant oil 

extraction. On the other hand, intact oleosomes can also be obtained by aqueous extraction, 

as the oleosome surface is hydrophilic29. Extracted oleosomes have been extensively studied 

as natural oil droplets, and may be directly applied in food or cosmetics. 

1.2.3 Phenols 

Phenols are secondary metabolites in plants and play an important role, such as natural 

pesticides and protective agents against UV-light30. The chemical structure of phenols 
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contains an aromatic ring with hydroxyl groups, and other functional side groups. Phenols 

are classified into different groups based on their molecular structure, such as simple 

phenols, hydroxycinnamic acid derivatives, flavonoids, and tannins. Rapeseed may contain 

up to 3% phenols11, with sinapic acid (molecular structure in Figure 1.1) as the most 

abundant one. These components are generally undesired in foods, as they contribute to a 

bitter taste and astringency, loss of protein digestibility, and alteration of colour12,31,32. 

Another adverse effect is the binding of phenols on proteins, affecting protein functionality, 

e.g., solubility, gelation and emulsification30,33. Therefore, it is essential to remove phenols 

in the protein extraction process to obtain protein extracts with high functionality.  

 

Figure 1.1. Schematic overview of the major rapeseed components: proteins, oleosomes and phenols. 
Illustrations are not to scale.  

1.3 Plant protein extraction 
The food industry aims to remove non-proteinaceous impurities in order to produce protein 

extracts with high predictability of their functional properties. As a result, an extensive 

extraction process is required to obtain well-standardised protein extracts of high purity 

(>80%), which are convenient to utilise on an industrial scale. A commonly applied method 

is an extensive aqueous extraction process, and an overview of such a process is shown in 

Figure 1.234.  

The first step is pre-processing the plant crops, often (oil)seeds or beans, by dehulling, 

milling, and defatting. The defatting step is achieved by a combination of pressing and 

solvent defatting. The oil industry generally performs pre-processing to obtain plant oils and 

a side-stream called defatted meal, which is rich in proteins, carbohydrates, and phenols. 

The soluble proteins and other soluble components are then extracted by dispersing the 

meal in an alkaline solution in a pH range from 8 to 1334, as the protein solubility increases 

at a pH that is further from the pI. The next step is removing insoluble components, followed 

by an isoelectric point precipitation step, with typically ranges between pH 4–5. Plant 

globulins often have their pI in this pH range, causing these proteins to precipitate16,17, which 

allows them to be separated from the mixture, using techniques such as centrifugation or 
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filtration. The supernatant is considered a waste-stream and contains solutes (e.g. sugars, 

minerals, and phenols). Additionally, the waste-stream contains albumin proteins, which 

often remain soluble in the isoelectric point precipitation step35–37. The pellet is recovered 

and sometimes further purified into a protein extract with high purity. 

 

Figure 1.2. A schematic overview of an extensive and mild protein extraction method on an oil-rich 
plant crop. Legend of illustrations: red sphere = napin, blue sphere = cruciferin, yellow sphere = 
oleosome, and chemical structure = sinapic acid. a The subnatant is the middle layer between the 
pellet and cream layer.  

An extensive protein extraction process has several disadvantages, such as in terms of 

sustainability. An inefficient plant protein extraction method can vastly reduce its 

environmental advantage compared to animal-derived proteins. Milder protein extraction 

methods could be exploited to reduce the number of processing steps, thus reducing the 

required amounts of water and energy, and reducing the generation of waste streams. 
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Another drawback is the alteration of the native protein properties, as protein conformation 

and hydrophobicity are affected by the isoelectric point precipitation step. Such alterations 

may lead to protein aggregation, as demonstrated for soybean and pea38,39, and could affect 

protein functional properties, such as gelation and emulsification39–42.  

Therefore, the interest in mild protein extraction processes has been increasing. The process 

is mild from a sustainability point aspect, due to the requirement of fewer resources, and 

from a functionality aspect, as protein nativity is more retained using such type of 

processs40,43–45. An example of such a mild extraction process is illustrated in Figure 1.243. A 

blending step substitutes the defatting and milling steps in the extensive process, and the 

isoelectric point precipitation step is excluded. Non-proteinaceous solutes are removed by 

dialysis or diafiltration. Finally, the mild extraction process yields a mildly derived protein 

extract with both albumins and globulins. An obvious drawback is a lower protein purity (50 

– 60%) in the extract, which contains substantial amounts of non-proteinaceous 

components, such as lipids, phenols and carbohydrates. Such impurities could result in 

detrimental effects on the protein functional properties, thus limiting the application of mildly 

derived protein extracts. Lipids and phenols are notorious for hampering protein 

functionality, which will be elaborately discussed in further sections.  

1.4 Protein functionality: a multi-length scale approach 
This thesis focuses on the foaming properties of mildly derived protein extracts. To fully 

understand the foaming properties of such complex mixtures, a multi-length scale approach 

must be applied (overview in Figure 1.3). Three length scales are defined, starting with the 

smallest one, the molecular length scale. At this length scale, the physicochemical properties 

of components in the bulk are studied, such as chemical structures, surface hydrophobicity, 

and intermolecular interactions. The largest scale is the macroscopic length scale, where the 

foam stabilising properties are assessed in terms of foamability and stability. The molecular 

and macroscopic length scales are bridged by an intermediate one, also known as the 

mesoscopic length scale or mesostructure. For such systems, the intermediate length scale 

would be the air-water interfacial layer stabilised by adsorbed components from the bulk.  

Commonly used methods to study the interfacial layer are rheology and microstructure 

imaging. Often, the type and strength of intermolecular interactions at the interface, and 

the type of formed interfacial layer can be correlated to the molecular properties. Also, the 

interfacial properties can help to understand the macroscopic foaming properties. Therefore, 

the extensive and accurate characterisation of the air-water interfacial layer is a crucial link 

in the multi-length scale approach. This approach is key in linking the plant protein extract's 

composition and structural properties to the plant protein functional properties. As the 

protein extract composition is determined by the purification process, the multi-length scale 
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approach allows an accurate correlation between the plant protein purification process and 

the functional properties of the produced protein extracts. 

 

Figure 1.3. Overview of a multi-length scale approach. Legend of illustrations: red sphere = napin, 
blue sphere = cruciferin, yellow sphere = oleosome, and chemical structure = sinapic acid. 

1.5 Interfacial properties of proteins 

1.5.1 Interfacial rheology 

Proteins are widely applied as functional ingredients to stabilise interfaces in foams and 

emulsions46,47. The efficiency of interface stabilisation by proteins results from two factors: 

1. the ability to adsorb at the interface, also known as the adsorption behaviour, and 2. the 

ability to interact among adsorbed proteins48. Additionally, the hydrodynamic conditions play 

an important role in adsorption behaviour, as pure diffusion-based adsorption could yield a 

different type of interface compared to a more convection-based interface. This is especially 

true in mixed systems, where components with a lower surface activity could be more rapidly 

transferred to the interface in a convection-based system. The adsorption behaviour is also 

dictated by several protein molecular properties, such as size, charge, and the distribution 

of hydrophobic and hydrophilic regions on the protein surface49–51. Smaller proteins with a 

low electrostatic net charge can overcome the adsorption barrier of the interface more easily 

compared to larger aggregated proteins. Also, smaller protein sizes would result in a more 

efficient packing of the interface, especially in combination with low protein charges, leading 

to lower repulsive forces between adsorbed proteins. An efficient packing would allow 

proteins to closely approach each other, and increase the interaction junctions52. Thereby, 

the aforementioned protein properties determine the molecular interactions at the protein 

interface, thus influencing the mechanical properties of the interfacial protein layer. 

Another commonly accepted idea on protein behaviour upon adsorption is the unfolding of 

protein secondary and tertiary structure48,53. Globular proteins in a polar solvent are folded 

in an effective way to bury a majority of the hydrophobic regions in the protein core, while 

more hydrophilic regions remain on the surface. Upon adsorption, the proteins are proposed 
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to unfold and redirect the hydrophobic regions towards the hydrophobic air or oil phase, and 

the hydrophilic regions towards the water phase48,54. Protein unfolding at the interface is 

claimed to be a long-term process49, as their surface pressure isotherms often show a long 

time-tail, where the surface pressure slowly increases, even up to 12 hrs55. Constant 

rearrangements of protein structure seem unlikely, as similar time-tails were previously 

shown for heated systems, where the proteins denatured and formed aggregates56. Other 

processes could play a more substantial role, which will be elaborately discussed in this 

thesis. 

The adsorbed protein layer is often studied by performing interfacial rheology, where the 

response of the layer upon deformation is monitored. Two types of rheological tests can be 

performed: 1. dilatational rheology (Figure 1.4A), and 2. surface shear rheology (Figure 

1.4B)52. In dilatational rheology, the interfacial layer is deformed by an isotropic 

compression or extension, where the surface area of the interface changes, while the shape 

is maintained. Dilatational deformation is commonly performed in a Langmuir trough or a 

droplet tensiometer, and the output signal is the surface tension/pressure. In surface shear 

rheology, the shape of the surface is altered, while the total interfacial area remains similar. 

The most commonly used methods involve using a geometry, such as a bi-cone or double-

wall ring, coupled to a rheometer, or a magnetic needle driven rheometer. In dilatational 

and shear rheology, the standard type of applied deformations is oscillatory, leading to an 

output in an oscillatory fashion. The stress response of the deformations is typically Fourier 

transformed, and the intensity and phase of the first harmonic are converted into the first 

harmonic modulus, also known as the fast Fourier transformed (FFT) modulus. The modulus 

can be separated into a storage/elastic and a loss/viscous modulus. The storage modulus 

represents the elastic contribution of the rheological response, while the loss modulus 

characterises the viscous portion of the response.  

As mentioned in the previous section, the mechanical properties of the interfacial layer are 

quantified by calculating surface dilatational or shear moduli, which are obtained from the 

first-order harmonic of the Fourier spectrum after Fourier transforming the stress signal. 

Using such a first harmonic modulus is meaningful in the linear viscoelastic (LVE) regime, 

where the material response of the interfacial layer is independent of the applied 

deformation, as the interfacial microstructure should remain intact. However, protein 

interfaces are complex viscoelastic materials with a short LVE. Additionally, most of the 

commonly applied deformations are in a regime, where the applied deformation starts 

breaking down the interfacial microstructure. The LVE regime can be identified by moduli 

that are independent of a range of applied deformations, while a decline in moduli upon 

higher deformation amplitudes indicates the breakdown of the structure, also known as the 

nonlinear viscoelastic (NLVE) regime. 
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Figure 1.4. Overview of surface dilatational (A) and shear (B) rheology.  

The first harmonic moduli are considerably less accurate in the NLVE regime. This inaccuracy 

is reflected when comparing the original surface pressure signal from an oscillatory 

dilatational deformation in the NLVE regime with a reconstructed surface pressure signal 
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from the first harmonic modulus (Figure 1.5). In this comparison, the reconstructed surface 

pressure signal poorly represents the original signal. Such a mismatch is caused by the 

disruption of the interfacial microstructure by the applied deformation in the NLVE, and 

creates nonlinearities in the stress response. This is reflected in the generation of higher-

order harmonics in the Fourier spectrum, which are neglected, when only including the first 

harmonic in the conventional moduli57,58. For an accurate analysis of deformations in the 

NLVE regime, these nonlinearities should be incorporated in the analysis. In most interfacial 

studies, only one deformation is studied, which is most likely in the NLVE regime. Studying 

a more extensive range of deformations in the NLVE regime can also yield an additional 

insight on interactions between stabilisers, thus the type of interfacial layer formed. 

Unfortunately, such properties cannot be determined accurately with the first harmonic 

modulus alone, and therefore we will introduce a more effective methodology in the following 

paragraphs. 

 

Figure 1.5. Comparison of the original surface pressure signal from an oscillatory dilatational 
deformation with the reconstructed signal from the first harmonic modulus. 
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The nonlinearities can be qualitatively analysed by constructing so-called Lissajous plots, 

where the stress is plotted as a function of the deformation in a cyclic plot (Figure 1.6)58,59. 

 

Figure 1.6. An example of transforming the rheological output into a Lissajous plot. 

The rheological response of the material upon deformation is reflected in the shape of the 

Lissajous plots (Figure 1.7).  

 

Figure 1.7. Examples of Lissajous plots of surface pressure against deformation. 

A pure elastic response is indicated by a straight line, while a pure viscous response is shown 

as a circle. Most protein-stabilised interfaces form viscoelastic layers, which, in the LVE 

regime, gives a response in the shape of an ellipse. The wideness of the ellipse is linked to 

the degree of viscous dissipation in the stress response. Larger deformations often result in 
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the shift from a predominantly elastic to a more viscous response, leading to a wider 

Lissajous plot. Another development is the generation of higher even and odd harmonics, 

which will result in an asymmetric Lissajous plot when comparing the extension and 

compression part of the cycle (Figure 1.6). Generally, even harmonics are mainly generated 

in dilatational deformations, since extensions and compressions generate a contribution 

from the changes of the surface material density, in addition to a contribution from the 

mechanical properties60. Such asymmetries reveal different rheological behaviour in 

extension or compression of the interfacial layer, which can only be accessed in the Lissajous 

plots, and are entirely neglected in the first harmonic moduli. Plotting and analysing 

Lissajous plots was already well-demonstrated and applied to a certain extent in bulk 

rheology57,58, while this type of analysis is still upcoming in the field of interfacial rheology. 

In this thesis, we will perform these analyses and demonstrate the usefulness of Lissajous 

plots in interfacial science. 

1.5.2 Microstructure imaging 

Interfacial rheology is an essential tool to characterise the material properties of the 

interfacial layer. A strong addition to unravelling the interface composition or stabilisation 

mechanisms is studying the interfacial microstructure by imaging. In situ imaging of an 

interfacial layer is a challenge, and a commonly applied method is Brewster angle 

microscopy (BAM), often combined with a Langmuir trough61,62. The Langmuir trough 

(Figure 1.8) can accurately compress the interfacial layer to a target surface pressure 

(measured with a Wilhelmy plate), followed by BAM analysis. This microscopy technique 

introduces polarised light on the surface and analyses the reflection by the surface, which 

may be converted into images when a particular surface area is scanned. It is a widely 

applied technique in interfacial science, but a significant drawback is the lateral resolution, 

as submicron structures cannot be analysed. 

The submicron range structures can be analysed by applying other techniques, such as 

scanning electron microscopy (SEM) or atomic force microscopy (AFM). However, these 

techniques require that the sample is deposited onto a solid substrate, which can be done 

by applying deposition methods in the Langmuir trough. Several types of deposition methods 

exist, and this work focuses on the Langmuir-Blodgett (LB) deposition (Figure 1.8). The LB 

deposition is performed by perpendicularly inserting a substrate into the subphase of the 

Langmuir trough. Afterwards, the proteins or other surface-locating compounds are 

introduced by spreading on the surface or injecting at the bottom of the trough63,64.  
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Figure 1.8. Schematic overview of a Langmuir trough and Langmuir-Blodgett deposition. Legend of 
illustrations: red sphere = napin, blue sphere = cruciferin, yellow sphere = oleosome, and chemical 
structure = sinapic acid. 

In the spreading method, all compounds are forced to locate at the surface of the subphase, 

which is an advantage, as film formation is relatively fast (<1 hr). Also, a trough area 

expressed over interfacial compound concentration can be calculated, as a known amount 

was spread. Spreading might be a suitable method to study a single-component system, but 

the spreading method forces all components of a mixture onto the surface. This method 

gives a less accurate representation of a diffusion-based interfacial layer, which are generally 

formed in rheological experiments. When studying mixtures, injecting the sample at the 

bottom of the trough is more appropriate, as this method allows the stabilisers to diffuse 

and adsorb at the interface, thus competing for it. A slight drawback of this method is a long 

waiting time (>3 hrs) to allow adsorption of sufficient material.  

After interfacial layer formation, the Langmuir trough compresses the layer to a targeted 

compression state, often defined by surface pressure, where the LB deposition starts by 

slowly drawing up the solid substrate. The substrate is dried to create an LB film and studied 

by microscopy. SEM is an accurate method to analyse LB films65, when structures provide a 

sufficient difference in structure height, and possess a certain hardness. The components in 

food are biopolymers, which form relative soft solid structures that are damaged by electrons 

in SEM, especially when the electron density increases upon scanning in the submicron 

range. A less invasive method is AFM, especially in tapping mode, where high-resolution 

topographic images of the surface (in submicron scale) can be obtained66,67. In this work, 

we show how microstructure imaging combined with interfacial rheology is a powerful toolset 

to unravel the secrets of the interface. 
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1.6 Influence of non-proteinaceous compounds on protein functionality 
Non-proteinaceous components can affect the protein-stabilised interfacial layer. Even in 

extensively purified protein extracts, impurities can remain with immense consequences for 

the interfacial and foam properties of the proteins. Two components are well known to affect 

protein functionality: lipids and phenols. The presence and physical/chemical state of these 

components are primarily affected by the protein extraction process, which will be further 

elaborated in the following sections. 

1.6.1 Lipid – protein interfaces 

In section 1.3, we mentioned that the defatted meal from oilseeds is often processed into 

an extensively purified protein extract. Generally, the defatting step is performed by solvent 

extraction, which penetrates the oleosome membrane to extract the oil core. As a result, 

the oleosome membrane remains in the defatted meal and can also be co-extracted into the 

extensively purified protein extract. The phospholipids in the membrane can largely 

influence the protein interface, as they may compete with proteins for the interfacial layer 

by co-adsorption or even (partial) displacements of adsorbed proteins68,69. As a result, the 

cohesiveness of a protein layer is impaired, leading to film rupture, thus resulting in air 

bubble and foam destabilisation. In the aforementioned mild purification method in Figure 

1.2, the oleosomes are not disrupted, and thus partly end up in the protein extract43. 

Oleosomes are known to adsorb at the air-water interface, followed by rupture of the 

membrane, resulting in the spreading of TAGs and membrane components70. However, the 

rheological properties of an oleosome-stabilised interface have not received much attention 

yet and will be addressed in this thesis, especially in mixtures with proteins. Additionally, 

lipid droplets are notorious anti-foaming components71,72 and can disrupt protein films 

around air bubbles effectively by, for instance, bridging two interfaces in a thin film. Such 

destabilisation mechanisms might also occur for oleosomes. 

1.6.2 Phenol – protein-based interfaces 

As mentioned in section 1.2.3, phenols are omnipresent in plants and can interact with 

proteins, leading to alteration of the proteins’ functional properties. The ability of phenols to 

interact with proteins depends on their chemical structure, such as the degree of 

polymerisation, conformational flexibility, and hydrophobicity30. These properties lead to 

non-covalent or covalent phenol-protein interactions. Non-covalent interactions are the 

result of hydrogen bonding, van der Waals, electrostatic and hydrophobic forces73. Covalent 

interactions between phenols and proteins occur upon oxidation of phenols, where hydroxyl 

groups on phenyl rings are converted into quinones by either enzymatic or auto-oxidation74. 

The latter is accelerated at alkaline pH or in the presence of oxidising agents. Quinones are 

highly reactive electrophilic compounds and can form a covalent bond with free thiols and 
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amino groups on proteins after a Michael addition reaction. Afterwards, the phenols on the 

protein-phenol complex are available for a second oxidation step, thus crosslinking another 

protein, finally forming protein-phenol aggregates33.  

Non-covalent interactions can directly occur upon aqueous dispersion of the plant material, 

as phenols and proteins are extracted into the solution. The dispersion step is performed at 

alkaline pH (up to 13) to increase protein solubility. However, an unintended consequence 

at alkaline pH is the accelerated conversion of phenols to quinones, thus initiating covalent 

phenol-protein interactions. Both non-covalently and covalently bound phenols were 

previously proven to be difficult to remove73, and phenol removal steps were also found to 

alter the protein structure negatively75. Such steps are often not performed and result in 

(non)covalently bound phenols on the proteins. On the other hand, unbound phenols can be 

removed. In extensive protein purification methods, the unbound phenols are removed with 

other solutes in the second centrifugation step. A milder approach could be filtration or 

dialysis, which is often applied in mild purification methods. 

The main influence of phenols on protein functionality is the alteration of molecular 

properties after phenol-protein interactions. Phenols can influence the protein surface 

hydrophobicity by either introducing hydrophilic groups from the phenols or by covering 

hydrophobic residues of proteins76,77. Upon binding, phenols may also alter the protein 

secondary and tertiary structure, and could result in the exposure of buried hydrophobic 

residues78–80. Another major concern is the aggregation of proteins by phenols, which could 

ultimately result in lower protein solubility81–83. Alteration of the surface hydrophobicity, 

structure and size of the protein can dramatically influence its interfacial and foam stabilising 

properties. Protein aggregation due to phenols was previously correlated to lower surface 

activity and interfacial layer strength compared to pure proteins78,84. On the other hand, the 

formation of aggregates could reduce the rate of liquid drainage in foams, due to the blocking 

of lamellae and plateau borders, which was proposed for phenol-protein and heat-denatured 

aggregates78,81,85. Another study revealed lower protein surface hydrophobicity after non-

covalent interactions with phenols, resulting in higher protein solubility, thus a higher 

foamability and stability86. These studies confirm the complexity of phenol-protein mixtures, 

as the type of phenol and interaction with the protein determine the interface- and foam-

stabilising properties. Therefore, we will focus on the influence of rapeseed phenols on 

protein interfacial and foaming properties.  
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1.7 Research aim and outline of this thesis 
The thesis aimed to investigate the contribution of non-proteinaceous components to the 

interfacial and foaming properties of mildly derived plant protein extracts. We used a multi-

length scale approach to link the molecular properties of the different components to the 

macroscopic foam properties by characterising the intermediate mesoscopic length scale, 

the air-water interface. A two-way approach was performed by purifying the complex plant 

protein extract and mixing pure components in model systems. Our approach provides 

insights on the effect of impurities in protein extracts, thus providing design rules in (mild) 

plant protein extraction methods. The thesis outline is shown in a graphical overview in 

Figure 1.9.  

 

Figure 1.9. Graphical outline of the chapters in this thesis. Legend of illustrations: red sphere = napin, 
blue sphere = cruciferin, yellow sphere = oleosome, and chemical structure = sinapic acid. 

The first step was to produce a mildly derived plant protein extract from rapeseed, which 

was the model plant source in this thesis. The molecular, interfacial and foaming properties 

of the rapeseed protein extract were studied in Chapter 2, and the extract was found to 

contain large amounts of lipids and phenols. In Chapter 2, the influence of lipids was 

evaluated by defatting the plant protein extract, and comparing its interfacial and foaming 

properties with the non-defatted one. Before an in-depth study on the non-proteinaceous 

components, we explored the influence of protein aggregation on interfacial properties in 

Chapter 3. Protein aggregation is an important parameter, as plant proteins often exist in a 

highly aggregated state. In Chapter 3 – 5, we switched to a well-characterised model 

protein, namely whey proteins, as rapeseed proteins were less well characterised in 

literature, and rather difficult to purify without affecting the nativity of the protein structure. 

In Chapter 4, whey proteins were mixed with the rapeseed phenol sinapic acid. Non-covalent 

and covalent phenol-protein interactions were induced to mimic the potential interactions 

occurring in the plant protein extract. The mixtures were studied for their interfacial and 
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foaming properties. In Chapter 5, oleosomes were extracted from rapeseeds and mixed with 

whey proteins to evaluate the influence of oleosomes on protein-stabilised interfaces. 

Oleosomes were found to form complex multi-component interfaces, and the complexity 

was reduced by incorporating defatted oleosomes and rapeseed phospholipids into the 

study. The findings in Chapter 5 were translated into a plant protein system by mixing 

rapeseed proteins with oleosomes, which yielded Chapter 6. Rapeseed protein and 

oleosomes were systematically mixed by varying the protein-to-oleosome ratios, and 

studied for their interfacial and foaming properties. Finally, in Chapter 7, we provide a 

general discussion of the main findings in Chapter 2 – 6 in perspective to the current protein 

transition and provide future recommendations for the field of plant protein functionality. 
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Abstract 
Rapeseed protein isolate has promising functional properties (e.g. emulsifying and foaming), 

but is often extracted with intensive purification steps. This purification process requires a 

considerable use of resources and damages protein functionality regarding, for instance, 

foam stabilisation. We studied the interfacial and foaming properties of a mildly obtained 

rapeseed protein concentrate that contained oleosomes, and of its derived defatted rapeseed 

protein concentrate after solvent-based defatting. The air-water interfaces were deformed 

with large amplitude dilatational and shear deformations, which were analysed with 

Lissajous plots. At low bulk concentrations (0.01% w/w), the rapeseed protein-stabilised 

interfaces behaved as viscoelastic solids. The interfacial films became weaker and more 

stretchable at higher concentrations, suggesting that more non-protein components 

interfere with the intermolecular interactions between the adsorbed proteins at higher bulk 

concentrations. We confirmed the presence of such non-protein components at the interface 

by analysing Langmuir-Blodgett films with atomic force microscopy. The stability and air 

bubble size of foams prepared with either rapeseed protein concentrate or defatted rapeseed 

protein concentrate were similar. Mild purification of rapeseed resulted in a protein 

concentrate containing lipids in their native oleosome form, which have a minor destabilising 

effect on foams. We conclude that mild purification is a suitable method to obtain sustainably 

produced protein concentrates with promising foaming properties. 
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2.1 Introduction 
Rapeseed (Brassica napus) is cultivated worldwide for canola oil extraction, which yields a 

protein-rich side-product with 35 to 40% (w/w) protein11. Currently, the side-product is 

utilised as animal feed, while it can have a larger added value to human nutrition87. Rapeseed 

proteins are a potential food ingredient, as: (i) the proteins are of high nutritional quality, 

with a balanced amino acid composition10; and (ii) they have good functional properties in 

forming gels, emulsions and foams88–94. The majority of studies dealing with rapeseed 

protein functionality involve extensive purification steps, including defatting with organic 

solvents, alkaline extraction of proteins, isoelectric point precipitation, and sometimes 

further purification using preparative chromatography. This results in materials with high 

protein purity (>80%), sometimes further separated into albumins and globulins95,96. 

Production of such fractions requires extensive use of energy, water, and chemicals, and on 

top of this, the additional processing might cause a loss in functionality. For example, 

defatted oilseed protein mixtures (43-49% w/w protein) have shown better emulsion and 

foam stability than purified isolates (70-84% w/w protein)97,98. Additional processing can 

change the protein conformation and hydrophobicity, and affect their functionality in 

interface and emulsion stabilisation39,40,42. For pea proteins, it was found that heating upon 

spray-drying resulted in chemical and structural changes, and decreased emulsifying 

properties40,99. Shifts in pH for soy protein aqueous dispersions also affected the protein 

hydrophobicity and structure, which resulted in decreased protein solubility and emulsifying 

properties39. With the above in mind, the use of plant protein concentrates obtained via mild 

processing has gained increasing interest40,43–45. 

Mildly purified plant protein concentrates require fewer purification steps and fewer 

resources compared to extensive purification, but contain substantial amounts of non-

proteinaceous components, such as lipids, phenols, and carbohydrates. One concern is the 

possible detrimental effect of such components on the functional properties of the 

concentrate, such as interfacial, emulsifying, and foaming properties. This has not been 

studied extensively yet. In a yellow pea concentrate produced by aqueous dispersion and 

centrifugation only, increased emulsion stability was found comparable to commercially 

available protein isolates40. In another example, sunflower seeds, which have been cold-

pressed to obtain a sunflower cake, containing proteins, fibres, and residual oil in the form 

of oleosomes, have successfully been used to prepare emulsions44. Nonetheless, little is 

known about the effect of the non-proteinaceous components in foams. The presence of lipid 

structures and fibres may have a limited effect on emulsifying properties, but this may differ 

immensely in foams, where the presence of lipids can be disastrous for foam stability. For 

example, fatty acids and oil/fat droplets reduce the surface elasticity of protein-stabilised 

interfaces and thereby increase the chance of bubble coalescence68,71,72. 
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In this study, we produced a rapeseed protein concentrate by a mild process involving twin-

screw pressing and centrifugation, which only partially removes lipids and insoluble 

materials. The obtained protein concentrate thus had a considerable fraction of lipids (8.3% 

w/w). We examined the colloidal state of the lipids and their effect on foaming properties by 

completely defatting the concentrate to obtain a defatted rapeseed protein concentrate. Both 

samples were analysed for their physicochemical, interfacial, and foaming properties to 

evaluate the necessity of lipids removal in such mildly obtained concentrates. 

2.2 Experimental section 

2.2.1 Materials 

Untreated Alizze rapeseeds obtained from a seed producer were used as starting material. 

All chemicals (Sigma-Aldrich, USA) and the SDS-PAGE materials (Invitrogen Novex, 

ThermoFisher Scientific, USA) were used as received. Ultrapure water (MilliQ Purelab Ultra, 

Germany) was used for all experiments. 

2.2.2 Sample preparation 

Production of mildly purified rapeseed protein concentrate 

Mildly purified rapeseed protein concentrate (mRPC) was produced using a method 

described by Ntone et al.43. In short, rapeseed kernels were dehulled and soaked at pH 9.0 

for 4 hrs in a rapeseed-to-water weight ratio of 1:8. Subsequently, the mixture was blended 

for 2 min at max speed in a Vita-Prep blender (Vitamix, USA), and solids and supernatant 

were separated using a twin-screw press. The pH before blending and after screw-pressing 

was adjusted to 9.0. The supernatant was centrifuged at 10,000xg for 30 min (4 °C), which 

resulted in a top cream layer, a subnatant containing soluble proteins and other solutes, and 

a pellet with solids. The subnatant was separated and diafiltrated over a 5 kDa membrane 

to remove salts and free phenols. Finally, the material was freeze-dried and stored at -20 

°C. 

Defatting of mildly purified rapeseed protein concentrate 

The mRPC was defatted four times by dispersing the concentrate in hexane with a 1:10 

(w/v) ratio, followed by 2 hrs stirring at room temperature. The hexane was filtrated using 

filtration paper and the final retentate was dried overnight under a continuous flow of 

nitrogen. 

Preparation of the soluble fraction 

The mRPC and defatted mRPC were further processed by dissolving in a 20 mM sodium 

phosphate buffer (20 mM, pH 7.0) in a solid-to-water weight ratio of 1:10. The pH was 

adjusted to 7.0, and the sample was stirred overnight at 4 °C. Subsequently, the samples 

were centrifuged twice at 16,000xg for 30 min at room temperature to obtain the soluble 
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fraction (supernatant). The supernatant was freeze-dried for further analysis. The soluble 

fraction of mRPC is called rapeseed protein concentrate (RPC), and the soluble fraction of 

defatted mRPC is called defatted rapeseed protein concentrate (DRPC). 

Preparation of protein solutions 

All RPC/DRPC solutions in this work were prepared by dissolving RPC/DRPC in a sodium 

phosphate buffer (20 mM, pH 7.0), unless stated otherwise. The samples were stirred at 

room temperature for 4 hrs before further studies. 

2.2.3 Composition analysis 

Protein content was determined by measuring the nitrogen content of triplicates using a 

Flash EA 1112 Series Dumas (Interscience, The Netherlands). A nitrogen conversion factor 

of 5.7 was used to calculate the protein content100. The oil content of the samples was 

studied by performing Soxhlet extraction with the solvent petroleum ether for 6 hrs, and the 

oil content was determined by weighing the starting material and the oil in the collection 

flasks. All samples were prepared in independent duplicates. 

2.2.4 Protein composition by SDS-PAGE 

A solution of 0.1% protein (w/w) in water was prepared, and 45 µL were mixed with 6 µL of 

500 mM DTT and 7 µL of NuPAGE LDS sample buffer. These samples were heated 10 min 

for 70 °C and loaded on a 4-12% (w/w) BisTris gel, next to a molecular weight marker in 

the range of 2.5-200 kDa. The electrophoresis was performed for 30 min at 200 V. Finally, 

the proteins on the gel were stained with SimplyBlue Safestain, and the gels were scanned 

using a gel scanner. 

2.2.5 Determination of the zeta-potential and the particle size 

The zeta-potential and the particle size of the proteins in solution (filtered over 0.45 µm 

syringe filter) were determined using dynamic light scattering in a Zetasizer Nano ZS 

(Malvern Instruments, UK). Refractive indices used were 1.45 for the proteins and 1.33 for 

the continuous phase. All measurements were performed in triplicates at 20 °C. 

2.2.6 Alteration of the tertiary structure of proteins 

Possible alterations of the tertiary structure of the proteins were probed using intrinsic 

fluorescence of the tryptophan residues. Protein solutions of 0.01% protein (w/w) were 

analysed on an LS 50 B luminescence spectrometer (Perkin-Elmer, USA). The excitation and 

emission slits were set at 5 nm. The excitation wavelength was 295 nm, and the emission 

spectra were recorded from 300 to 450 nm with steps of 0.5 nm at a scan speed of 120 

nm/min. Each sample was measured in duplicate. 
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2.2.7 Determination of protein thermal stability by DSC 

The protein thermal stability was studied by differential scanning calorimetry using a Q100 

DSC (TA Instruments, USA). Aliquots of about 50 µL of 10% protein (w/w) solution were 

weighed in a stainless steel high volume pan. An empty stainless steel pan was used as a 

reference, and nitrogen was used as a carrier gas during the measurements. Samples were 

equilibrated at 20 °C for 5 min, followed by a heating step to 140 °C at a rate of 2 °C/min, 

and finally cooled down to 20 °C with a rate of 10 °C/min. Each sample was prepared in 

duplicate, and each of these duplicates was measured in duplicate. 

2.2.8 Confocal laser scanning microscopy (CLSM) 

The RPC and DRPC were dissolved at 15% protein content (w/w) in water for one day at 4 

°C. The samples were analysed by confocal laser scanning microscopy (CLSM) using a Leica 

TSC SP8x confocal laser microscope (Leica Microsystems Inc., Germany), which was fitted 

with a white laser and HyD detector. Lipids and proteins were fluorescently labelled by 

adding 4 µL 0.1% (w/v) Nile Red and 7 µL 0.1% (w/v) Fast Green per mL of RPC sample. 

The mixtures were placed on microscope slides and examined with a 63x magnification and 

a water immersion lens (refractive index = 1.20). Nile Red and Fast Green were excited 

using a wavelength of 488 and 633 nm, respectively. Images were analysed using the Leica 

Application Suite X software. 

2.2.9 Determination of surface shear properties 

Surface shear properties were determined using a magnetic air bearing stress-controlled 

rheometer (AR-G2, TA Instruments, USA) with a double-wall-ring (DWR) geometry. The 

diamond-edged ring was made of iron and platinum and was positioned at the air-water 

interface of a protein sample in a double-wall trough. A vapour cap was installed to avoid 

evaporation, and the sample was pre-sheared for 5 min at a shear rate of 10/s. Afterwards, 

the interface was equilibrated for 10,800 s, before frequency sweeps were performed with 

frequencies varying from 0.01 to 10 Hz at a constant amplitude of 1%. Strain sweeps were 

performed with strains varying from 0.01% to 100% at a constant frequency of 0.1 Hz. All 

experiments were performed at least in triplicate at 20 °C. The Boussinesq number, which 

is the ratio between surface and bulk stress, was >1 for all systems studied in our work. 

This implies that the contribution of the subphase to the stress signal is negligible.  

2.2.10 Determination of surface tension and surface dilatational properties 

The air-water surface dilatational properties were determined with a drop tensiometer PAT-

1M (Sinterface Technologies, Germany). A hanging drop of protein solution was formed at 

the tip of the needle, with a surface area of 20 mm2. The surface tension of the drop was 

calculated by fitting the drop contour with the Young-Laplace equation. The surface tension 

was monitored for 10,800 s, followed by oscillatory dilatational deformations of the interface. 



Interfacial and foaming properties of mildly purified rapeseed proteins 
 
 

 
 

31 

 2 

The deformation amplitude was varied between 3 – 30% at a fixed frequency of 0.02 Hz in 

so-called amplitude sweeps. Five sinusoidal oscillations were performed at each amplitude. 

Step dilatation of the interface was done by a sudden extension or compression (step time 

of 2 s) of the area by 10%. All measurements were performed at least in triplicate at 20 °C. 

2.2.11 Rheology data analysis 

The oscillatory sweep results (in dilatation) were studied by plotting Lissajous curves of the 

surface pressure (Π = γ-γ0) versus the deformation ((A-A0)/A0). Here, γ and A are the 

surface tension and area of the deformed interface, γ0, and A0 are the surface tension and 

area of the non-deformed interface. The middle three oscillations of each amplitude cycle 

were processed into plots. 

2.2.12 Determination of interfacial layer thickness 

The thickness of the air-water interfacial film formed by RPC and DRPC was studied using 

an imaging nulling ellipsometer EP4 (Accurion, Germany). A 783 cm2 Langmuir film balance 

(Langmuir-Blodgett trough, KSV NIMA/Biolin Scientific Oy, Finland) filled with a sodium 

phosphate buffer (20 mM, pH 7.0) was positioned under the ellipsometer. Protein solution 

(200 µL of 0.12% (w/w) protein) was spread on the surface using a syringe, and the protein 

layer was equilibrated for 30 min. Afterwards, it was compressed with barriers moving at 5 

mm/min to target surface pressures, as measured by a Wilhelmy plate (platinum, perimeter 

20 mm, height 10 mm). At these surface pressures, the interfacial layers were measured 

over a wavelength range from 499.8 – 793.8 nm of two zones at an angle of incidence of 

50 degrees. The ellipsometric parameters δ and ψ were determined for the air-water 

interface with and without the protein layer. All measurements were performed at room 

temperature and at least in duplicate. The output was analysed using the software from the 

supplier (EP4Model v.3.6.1.). The model was created by combining: the ambient medium 

air, the protein layer, and the substrate buffer. The parameters of the protein layer in the 

model were fitted using a Cauchy model (Equation 2.1): 

𝑛𝑛(𝜆𝜆) = 𝐴𝐴 + 
𝐵𝐵
𝜆𝜆2 + 

𝐶𝐶
𝜆𝜆4 

(2.1) 

where n is the refractive index, λ is the wavelength of the polarised light, and A, B, and C 

are fitting parameters. 

2.2.13 Preparation of Langmuir-Blodgett films 

Langmuir-Blodgett (LB) films of protein-stabilised interfaces were prepared with a 243 cm2 

Langmuir film balance (Langmuir-Blodgett Trough, KSV NIMA/Biolin Scientific Oy, Finland). 

The balance was filled with sodium phosphate buffer (20 mM, pH 7.0). Protein solution (200 

μL, 0.02% (w/w) protein) was spread on the surface using a syringe, and the protein layer 
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was equilibrated for 30 min. Subsequently, the layer was compressed with barriers moving 

at 5 mm/min to reach the target surface pressure, as monitored with a Wilhelmy plate 

(platinum, perimeter 20 mm, height 10 mm). The films were deposited on a freshly cleaved 

mica sheet (Highest Grade V1 Mica, Ted Pella, USA) at 1 mm/min withdraw speed. The films 

were produced in duplicate and dried in a desiccator at room temperature.  

2.2.14 Determination of the interfacial structure by AFM 

The interfacial microstructure was studied using an atomic force microscope (AFM, 

MultiMode 8-HR, Bruker, USA). The AFM images of the LB films were recorded in tapping 

mode using Scanasyst-air model non-conductive pyramidal silicon nitride probes (Bruker, 

USA) with a normal spring constant of 0.40 N/m. A lateral scan frequency of 0.977 Hz was 

employed for all topographical images. The lateral resolution was 512 x 512 pixels2 in a scan 

area of 2 x 2 µm2. At least two locations on the film were scanned to ensure good 

representativeness. Images were analysed using Nanoscope Analysis 1.5 software (Bruker, 

USA). 

2.2.15 Determination of foam properties 

The foams were produced using a Foamscan foaming device (Teclis IT-Concept, France) by 

sparging nitrogen through a metal frit (27 µm pore size, 100 µm distance between centres 

of pores, square lattice). A total volume of 40 mL was sparged in a glass cylinder with a 

diameter of 60 mm at a gas flow rate of 400 mL/min to a maximum foam volume of 400 

cm3
. A camera and Foamscan software monitored the foam decay. From this, the foam half-

life time was measured, which is the time at which 50% of the initial foam volume had 

collapsed. Images of the bubbles were taken with a camera and analysed using a custom 

Matlab script that ran a DIPlip and DIPimage image analysis software. From this, an average 

bubble size was obtained.  

2.3 Results and discussion 

2.3.1 Composition 

Mild purification resulted in a rapeseed protein concentrate (RPC) with a protein content of 

71.7% (w/w) and a lipid content of 8.3% (w/w) (Table 2.1). These lipids were likely the 

natural oil storage organelles of plant seeds, namely the oleosomes (OS), also known as oil 

bodies. OS store lipids, mainly triacylglycerols, surrounded by a membrane consisting of 

phospholipids and specific proteins called oleosins. These OS exist in sizes ranging from 0.1 

to 3 µm depending on the source of seed and environmental factor0,101. The presence of OS 

was confirmed with CLSM imaging, which revealed small spherical lipid structures (Figure 

2.1, red colour). The OS in the images were relatively large (a few microns), which is 

attributed to coalescence during the freeze-drying step (data not shown).  
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Table 2.1. Protein and lipid content in rapeseed protein concentrate (RPC) and defatted rapeseed 
protein concentrate (DRPC). The averages and standard deviation were obtained from two replicates. 

 RPC DRPC 

Protein 71.7% ± 1.8 81.8% ± 3.5 

Oil   8.3% ± 0.2 0.0% 

 

Defatting of RPC was effective, as it resulted in a defatted rapeseed protein concentrate 

(DRPC) with a protein content of 81.8%, and no lipids were found in the lipid content 

analysis. Despite the defatting step, minor residual fluorescing material (red colour) was 

observed in the CLSM images (Figure 2.1), which could be membrane polar lipids 

(phospholipids) or protein hydrophobic domains102. SDS-PAGE (Figure 2.1) showed a 

comparable protein composition for RPC and DRPC with the presence of the two major 

rapeseed proteins: the water-soluble albumin, called napin, and the salt-soluble globulin, 

called cruciferin. 

 

Figure 2.1. (Left) CLSM images of rapeseed protein concentrate (RPC) and defatted rapeseed protein 
concentrate (DRPC). Red indicates the labelled lipids and green indicates the labelled proteins. 
(Right) SDS-PAGE profile under reducing conditions containing M (Marker; the corresponding 
molecular weight are indicated on the left), 1. RPC and 2. DRPC. 
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2.3.2 Protein structure 

Intense processing may alter the protein structure at different scales, and was previously 

demonstrated for rapeseed proteins after treatments with organic solvents75. We will use 

the same techniques here to evaluate whether changes occurred in the protein structure. 

First, intrinsic fluorescence was analysed to evaluate the tertiary protein structure (graph 

A2.1 in the appendix). The emission spectra were similar for both samples, which indicates 

no alteration of the chemical environment of the fluorescent amino acids, mainly tryptophan. 

Additionally, proteins were analysed by DSC to probe protein denaturation temperatures 

and enthalpy (Table 2.2). The thermogram showed two peaks at 89.3-90.0 and 106.7-107.3 

°C, which can be attributed to the denaturation temperature of cruciferin and napin, 

respectively89. The comparable denaturation enthalpies and fluorescence spectra for both 

protein fractions suggest that the protein structure is retained under the defatting 

procedure. The combination of these measurements allows us to conclude that the protein 

structure is overall not affected by the additional defatting step. 

Table 2.2. Protein denaturation temperature and enthalpy of rapeseed protein concentrate (RPC) and 
defatted rapeseed protein concentrate (DRPC). The average and standard error were obtained from 
four replicates. 

 
Denaturation  

temperature (°C) 
 

Enthalpy  
(J/g protein) 

 
 Cruciferin Napin Total Cruciferin Napin 

RPC 90.0 ± 0.7 107.3 ± 0.5 14.6 ± 0.1 6.9 ± 0.1 7.8 ± 0.2 

DRPC 89.3 ± 0.0 106.7 ± 0.9 14.1 ± 0.0 6.1 ± 0.1 8.0 ± 0.1 

 

2.3.3 Adsorption behaviour 

The adsorption behaviour of the RPC and DRPC at an air-water interface was studied (Figure 

2.2), for which the protein bulk concentrations were varied between 0.01 and 1% (w/w). 

The surface activity was concentration-dependent, i.e., higher bulk concentrations resulted 

in higher surface pressures even after a substantial adsorption time of 3 hrs. At all 

concentrations, the RPC gave higher surface pressures compared to DRPC. More specifically, 

at bulk concentrations of 0.01 and 1% (w/w), the surface pressure for RPC was between 2 

and 3 mN/m higher than for DRPC. We observed a more considerable difference at 0.1% 

(w/w), where RPC had a surface pressure of up to 7 mN/m higher than DRPC. The fact that 

the presence of OS in the protein concentrate caused a higher surface pressure compared 

to the defatted protein concentrate suggests that the OS are surface-active. This was also 

observed in other types of OS. Soy OS can lower the surface tension by adsorbing and 

unfolding at the air-water interface, forming a mixed phospholipid- and oleosin-stabilised 

layer62,70. 
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Figure 2.2. Surface pressure as a function of time at air-water interfaces in the presence of rapeseed 
protein concentrate (RPC, black) and defatted rapeseed protein concentrate (DRPC, grey). The 
material concentration (w/w) in the aqueous phase was 0.01% (dotted line), 0.1% (dashed line), or 
1% (solid line). For clarity, one representative isotherm is shown for each sample, but comparable 
isotherms were obtained on at least three replicates. 

In all protein systems at all concentrations, we observed a relatively rapid increase in surface 

pressure until roughly 1,000 s, which is often described as a regime where proteins adsorb 

at the interface49. Afterwards, the surface pressure increase was slower, which is often 

related to rearrangements (e.g., conformational changes or clustering) of the adsorbed 

proteins103. The surface rheology tests described in the next sections should ideally be 

performed in equilibrium conditions, to limit the influence of the ageing processes. As we do 

not reach equilibrium conditions, even after 50,000 s, we decided to let all interfacial films 

age for 3 hrs before subjecting them to deformations. 
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2.3.4 Surface shear rheology 

Frequency sweeps 

The rapeseed protein-stabilised interfaces were subjected to oscillatory shear deformations 

in frequency and strain sweeps (Figure 2.3A), at two different protein bulk concentrations, 

of 0.01% and 1% (w/w). All interfaces showed a slight frequency dependence in the storage 

(Gi’) and loss moduli (Gi’’). In all cases, Gi’ scaled as Gi‘ ~ ωn, and this resulted in n-values 

of between 0.19±0.02 and 0.23±0.02. This suggests a weak frequency dependency and 

power-law behaviour, which was also found for gels and soft glassy materials104. A 

combination of power-law behaviour and Gi’ > Gi” modulus implies that the rapeseed protein-

stabilised interfaces were composed of disordered solid structures, very similar to whey 

protein-stabilised interfaces103. 

  
Figure 2.3. The storage (closed symbols) and loss moduli (open symbols) as a function of frequency 
(A) and strain (B) of air-water interfacial films stabilised by rapeseed protein concentrate (RPC, 
squares) or defatted rapeseed protein concentrate (DRPC, triangles). The different bulk protein 
concentrations (w/w) are depicted in the legend. The graphs represent averages obtained from at 
least three replicates, and the standard deviation for each sample was below 5%. 

In the frequency sweeps, the RPC- and DRPC-stabilised interfaces showed comparable 

moduli at 0.01% (w/w). An increase in bulk concentration to 1% (w/w) gave lower moduli 

for both samples, of which the decrease was more pronounced for RPC than for DRPC. This 

may seem surprising, as in pure protein systems, such an increase in bulk concentration 

results typically in similar or higher moduli, which we showed for interfaces stabilised by 

whey protein isolate with a bulk concentration of 0.01 or 2% (w/w) (graph A2.2 in appendix). 

For RPC, a higher protein concentration also resulted in a higher concentration of non-

proteinaceous material, such as OS. A higher concentration of the latter would result in more 

competition with the proteins for adsorption at the interface, and adsorbed OS could reduce 

the connectivity between adsorbed proteins, thereby reducing the surface shear moduli.  
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We also observed a modulus decrease for the DRPC-stabilised interface. Oil extraction using 

hexane removed the oil inside the OS, but some membrane material most likely remained 

in the DRPC. It is known that milk fat membrane fragments are surface-active and can 

compete with the proteins for adsorption at the interface102,105,106. Therefore, the decrease 

in moduli for the DRPC may have been caused by the adsorption of membrane material of 

the OS, thereby again decreasing the connectivity between the adsorbed proteins. 

Strain sweeps 

In strain sweeps (Figure 2.3B), the Gi’ and Gi” of both protein-based interfacial films at 

0.01% (w/w) were also relatively close. At this concentration, the Gi’ in the linear viscoelastic 

(LVE) regime were 0.032 and 0.041 Pa·m for RPC- and DRPC-stabilised interfaces, 

respectively. Increasing the protein bulk concentration to 1% (w/w) resulted in a lower Gi’ 

in the LVE regime, which was found to be 0.0015 and 0.0059 Pa·m for RPC- and DRPC-

stabilised interfaces, respectively. All four curves in Figure 2.3B showed an LVE regime, 

followed by a nonlinear viscoelastic (NLVE) regime, where the materials soften at higher 

deformations. In the whole strain range from 0.1 to 100%, the Gi’ was higher than Gi”, 

suggesting solid-like behaviour, which was also demonstrated by a tanδ (Gi”/Gi’) <1 in the 

LVE regime (0.29 – 0.37 for all interfaces). 

The moduli shown in Figure 2.3 are calculated from the intensity and phase shift of the first 

harmonic of the Fourier transform of the stress signal, while contributions from higher 

harmonics are neglected. Higher-order harmonics exist in the NLVE regime and result from 

changes in the interfacial microstructure upon higher deformation. To include these 

nonlinearities into the analysis, we have plotted the torque against deformation in Lissajous 

plots59. 

Lissajous plots 

The Lissajous plots (Figure 2.4) showed a narrow ellipsoidal shape at strains in the LVE, 

which suggested viscoelastic behaviour where the elastic component dominated. The plots 

became wider at higher deformation amplitudes, which indicates an increase of the viscous 

contribution in the film response. Further into the NLVE regime, the plots started to exhibit 

a rhomboidal shape, which was clearly present for both rapeseed protein-stabilised 

interfaces formed from 0.01% (w/w) bulk concentration at 100% strain. In the rhomboidal 

shape, we observed initially a highly elastic response at the start of the cycle (the lower-left 

corner of the plot). This was evident from the steepness of the curve in this regime, which 

indicated high values for the tangential shear modulus (the local slope of the plot). This was 

followed by a gradual but significant change in the slope. This is typical for (partial) intra-

cycle yielding, where a considerable part of the elasticity is lost, and the response becomes 

dominated by the viscous contribution. The critical stress where this happens is the yield 
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stress of the interfacial microstructure. It is important to note that intra-cycle yielding is not 

the same as a macroscopic fracture of the interface. When the deformation continued in the 

opposite direction, we again observed a highly elastic response, followed by intra-cycle 

yielding, and a predominantly viscous response of the interface. This suggests that the 

microstructure of the interface (partially) recovers at both ends of the deformation cycle.  

  

Figure 2.4. Lissajous plots of torque as a function of deformation obtained during strain sweeps of 
air-water interfacial films stabilised by rapeseed protein concentrate (RPC) and defatted rapeseed 
protein concentrate (DRPC). The vertical axes were normalised by the maximum torque. The dark 
solid lines and light dashed lines indicate 0.01 and 1% (w/w) bulk protein concentration, 
respectively. For clarity, one representative distribution is shown for each sample, but comparable 
distributions were obtained on at least three replicates. 

The Lissajous plots at 100% strain for 0.01% (w/w) bulk protein concentration were 

comparable for RPC and DRPC, and indicated an interface that behaved like a viscoelastic 

solid. Increasing the bulk protein concentration to 1% (w/w) resulted in narrower Lissajous 

plots that were more tilted towards the horizontal axis, which indicates a more dominant 

elastic contribution in the response and a less stiff interface. Even at 100% deformation, the 

plots are still nearly ellipsoidal, indicating that response is still close to linear, and the 

interfacial film has a considerably larger maximum linear strain than 0.01% (w/w) (Figure 

2.3B). This concentration dependency was also more pronounced in the RPC-stabilised 

interface compared to the DRPC-stabilised one. The presence of non-protein components 

(OS or OS membranes) resulted in the formation of a less stiff and more stretchable 

interface. 
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2.3.5 Surface oscillatory dilatational rheology 

Amplitude sweeps 

The same air-water interfacial films stabilised with rapeseed protein ingredients were studied 

by performing dilatational deformations in a drop tensiometer. In amplitude sweeps, the 

RPC-stabilised interface at 0.01% (w/w) bulk concentration showed an amplitude-dependent 

modulus (Figure 2.5A), as the surface dilatational moduli (Ed’) decreased from 70 to 34 

mN/m when increasing the amplitude from 3 to 30%. The interfacial layer was increasingly 

disrupted at higher deformations, suggesting the formation of a solid viscoelastic layer, as 

observed earlier in the surface shear rheology tests. Just as for these tests, the moduli for 

the RPC-based layers show a decrease with increasing bulk concentration. The Ed’ of an RPC-

stabilised interface with 1% (w/w) bulk concentration was around 29 mN/m and independent 

of the applied amplitude, which suggests a less stiff and more stretchable layer compared 

to an interface stabilised by the same material at lower bulk concentrations. The same 

behaviour was observed for the DRPC-stabilised interfaces (Figure 2.5B). At a protein bulk 

concentration of 1% (w/w), the defatted protein concentrate resulted in a slightly stiffer 

interface compared to the protein concentrate. The Ed’ of the DRPC exhibited a minor degree 

of amplitude dependence at 1% (w/w) bulk concentration, which was non-existent in the 

case of RPC. We also studied the nonlinearities in these responses by plotting Lissajous 

curves. 

  
Figure 2.5. Surface elastic (closed symbols) and loss (open symbols) dilatational moduli as a function 
of deformation amplitude of air-water interfacial films stabilised by rapeseed protein concentrate 
(RPC, A) or defatted rapeseed protein concentrate (DRPC, B). The different bulk protein 
concentrations tested (%, w/w) are given in the legend. The graphs represent averages and standard 
deviations from at least three replicates. 

Lissajous plots 

The Lissajous plots (Figure 2.6) of RPC- and DRPC-stabilised interfaces at a bulk 

concentration of 0.01% (w/w) had a symmetric shape at 5% deformation. The plots were 

becoming less symmetric at higher deformations, which was most pronounced at 30% 

deformation. In those plots, we observed a relatively steep surface pressure increase from 
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the left-bottom corner (start of extension of the interface), representing an elastic response, 

followed by a gradual softening of the interfacial structure. In this part of the cycle, the 

elastic component of the response diminished, and the viscous contribution increased. The 

surface pressure reached higher values in maximum compression than in maximum 

extension, which is an indication for intra-cycle strain hardening. The strain hardening upon 

compression (at high deformations) most likely resulted from jamming of densely clustered 

protein regions. These interfaces show the rheological behaviour of viscoelastic solids, and 

their behaviour is comparable to that of whey protein-stabilised interfaces103. 

 

Figure 2.6. Lissajous plots of surface pressure as a function of the applied dilatational deformation, 
obtained during amplitude sweeps of air-water interfacial films stabilised by rapeseed protein 
concentrate (RPC) or defatted rapeseed protein concentrate (DRPC). The plots were normalised to 
the same maximum surface pressure value. The dark lines and light lines indicate 0.01 and 1% (w/w) 
bulk protein concentrations, respectively. For clarity, one representative distribution is shown for 
each sample, but comparable distributions were obtained on at least three replicates. 

Increasing the protein bulk concentration to 1% (w/w) resulted in narrower Lissajous plots, 

and also in plots more tilted towards the horizontal axis. These findings, again, suggest the 

formation of a less stiff and much more stretchable interfacial layer, where the elastic 

response is more dominant over the whole range of deformations, compared to the interface 

formed at lower bulk concentrations. The dilatational rheology results thus confirm the shear 

rheology results, for which we proposed that non-protein components, such as OS and OS-

membranes, could hamper the formation of a viscoelastic protein network at the air-water 

interface.  

Understanding the air-water interface stabilising properties of the proteins can contribute to 

a better insight into the foaming-stabilising properties. Interfacial rheology can be used to 

evaluate the type of interfacial layer formed, and its strength. It is beneficial to study both 

dilatational and shear rheology, as both types of deformations could occur in a foam. For 

instance, the extension of the air bubble upon disproportionation is a dilatational 
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deformation of the surface, whereas the collision of two bubbles and a possible rupture could 

have a stronger shear component. Also, in-plane interactions are analysed to a larger extent 

in shear than in dilatational deformations. We should keep in mind that the interfacial 

properties alone do not dictate the foaming properties, as the bulk properties, such as 

viscosity and presence/size of particles, can largely influence foam formation and stability. 

2.3.6 Step-dilatation  

The interfaces were also subjected to sudden step extensions/compressions, and the 

resulting relaxation response was fitted with a Kohlrausch-William-Watts (KWW) stretch 

exponential term and a regular exponential (Equation 2.2)107. The regular exponential is 

added to decouple the continuous ageing of the interface from the actual relaxation process. 

𝛾𝛾(𝑡𝑡) = 𝑎𝑎𝑎𝑎− (𝑡𝑡/𝜏𝜏1)𝛽𝛽 + 𝑏𝑏𝑏𝑏−𝑡𝑡/𝜏𝜏2 + 𝑐𝑐  (2.2) 

In Table 2.3, we show the relaxation time τ1 and stretch exponent β determined for the 

different systems tested. Parameters τ2 and constants a, b, and c can be found in Table A2.1 

in the appendix. 

Table 2.3. β and τ1 for interfacial films stabilised by rapeseed protein concentrate (RPC) or defatted 
rapeseed protein concentrate (DRPC) with various bulk concentrations. The averages and standard 
deviation were obtained from at least three replicates. 

  Extension Compression 

  β τ1 β τ1 

RPC 

0.01% 0.61 ± 0.03 26.2 ± 4.4 0.58 ± 0.03 24.1 ± 2.3 

0.1% 0.56 ± 0.04 28.0 ± 4.4 0.60 ± 0.05 22.3 ± 3.8 

1% 0.59 ± 0.04 29.4 ± 5.2 0.67 ± 0.04 23.0 ± 1.1 

DRPC 

0.01% 0.59 ± 0.04 31.7 ± 5.2 0.63 ± 0.02 22.4 ± 4.1 

0.1% 0.58 ± 0.06 28.8 ± 4.1 0.60 ± 0.02 23.2 ± 2.7 

1% 0.54 ± 0.06 28.3 ± 6.6 0.66 ± 0.06 25.1 ± 4.9 

 

The KWW is a phenomenological model for describing relaxation processes in disordered 

systems, which has also been applied for protein-stabilised interfaces108,109. The stretch 

component β<1 reveals dynamic heterogeneity, as it is related to local variations in the 

relaxation kinetics, and indicates a wide range of relaxation times. The β’s of both RPC- and 

DRPC-stabilised interfaces were 0.54 to 0.61 in extension and 0.58 to 0.67 in compression. 

In general, compression of the interface resulted in a higher β than an extension of the 

interface, in line with the asymmetry also observed in the Lissajous plots in Figure 2.6. β-

values between 0.42 and 0.73 have been reported for various interfacial layers stabilised by 
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plant, insect, and milk proteins108–110. Such values were also observed in relaxation 

processes in 3D disordered solids111. The relaxation time τ1 was between 22.3 and 31.7 s 

for all rapeseed protein-stabilised interfaces. This suggests comparable relaxation processes 

for interfaces stabilised by both rapeseed protein samples, at bulk concentrations between 

0.01 to 1% (w/w). 

2.3.7 Ellipsometry 

The thickness of the interfacial layer was studied using ellipsometry combined with a 

Langmuir trough, which allowed us to perform measurements at various surface pressures 

(Figure 2.7). Both rapeseed protein samples showed a similar interfacial thickness, ranging 

from 2.1 nm at a surface pressure of 13 mN/m to 3.5 nm at 21 mN/m. At the highest tested 

surface pressure of 25 mN/m, the DRPC-stabilised interface had a higher thickness (5.1 nm) 

than that formed with RPC (4.3 nm). This could be related to the stiffer interfacial layer 

formed by DRPC, as stiffer layers could retain more material at higher compressions. On the 

other hand, a weaker and more stretchable layer, such as formed with RPC, might result in 

loss of interfacial material towards the bulk phase at such high compressions. In general, 

both protein samples gave layers with comparable average thicknesses, while we may have 

expected an increase in layer thickness for the RPC-stabilised interfaces, as OS were 

present. Yet, the possible contribution of OS to the interfacial composition and structure 

may not be captured with this method, as ellipsometry measures the average properties 

over an area of several square microns. Additionally, large OS subjected to coalescence 

during extraction might also unfold and disintegrate at the air-water interface, which has 

already been demonstrated for soybean and sunflower oleosomes70,102. 

 

Figure 2.7. The thickness of the interfacial layer as a function of surface pressure for Langmuir films 
made of rapeseed protein concentrate (RPC, black square) or defatted rapeseed protein concentrate 
(DRPC, grey circle), measured by ellipsometry. The graph represents averages and standard 
deviations from at least three replicates. 
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2.3.8 Interfacial microstructure 

We also studied the interfacial microstructure by visualising the topography using AFM on 

Langmuir-Blodgett films (Figure 2.8), which were produced by transferring a protein film at 

different surface pressures onto a solid substrate. Surface pressure isotherms obtained upon 

film compression are shown in graph A2.3 in the appendix. For both RPC- and DRPC-based 

films at all surface pressures tested, a highly heterogeneous structure was observed with 

many thicker regions (white dots). The thickness of these regions was between 6 – 8 nm, 

which is comparable to the protein size measured by dynamic light scattering (8.7 nm, graph 

A2.4 in the appendix), suggesting that these are protein-dense regions. An increase in 

surface pressure (and thus higher compression of the film) resulted in more protein-dense 

regions on the AFM images. Comparable heterogeneity in the interfacial microstructure has 

also been observed in many other protein-based interfaces103,112,113. These protein-stabilised 

interfaces exhibit solid-like behaviour and form highly disordered structures at the interface, 

which is also found in three-dimensional gel systems. The dynamic heterogeneity in the step 

dilatation experiments was suggested to be associated with structural heterogeneity in the 

interfacial microstructure, which we herein confirm via the AFM images. 

 

Figure 2.8. AFM images of Langmuir-Blodgett films made from rapeseed protein concentrate (RPC) 
and defatted rapeseed protein concentrate (DRPC). The surface pressure indicates the conditions 
during film sampling. 
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Another interesting observation related to these AFM images was the long strands that were 

prominently present at 13 mN/m and slightly visible at 17 mN/m. Conversely, at the highest 

compression of 21 mN/m, where the films are denser, the strands seem to be barely visible. 

These strands have a thickness of <2 nm, and lengths varying from 0.2 to 2 µm. The strands 

seem to be close to protein-dense regions and also related to the clustering of these regions. 

The presence of such strands could have reduced the overall connectivity between the 

proteins at the interface, which would be in line with the lower moduli at higher 

concentrations that we observed in shear and dilatation deformation experiments. The exact 

nature of the strands cannot be established based on AFM images alone, but we can 

speculate that the strands could be polysaccharides that were not removed during 

centrifugation. Another explanation for the structures could be membrane fragments of OS, 

if these would unfold at the air-water interface. We also cannot exclude the possibility that 

OS is present in a sublayer beneath the scanned interface, as we only studied the topography 

of the interfaces using AFM. As we also suggested in previous sections, the OS might 

disintegrate at the interface after adsorption. 

2.3.9 Foams 

Rapeseed protein-stabilised foams were studied for their average bubble diameter and the 

foam half-life time, which is the duration for the foam volume to decrease down to half of 

its original value (Figure 2.9).  

  
Figure 2.9. The half-life time (A) and bubble diameter (B) of foams stabilised by rapeseed protein 
concentrate (RPC) or defatted rapeseed protein concentrate (DRPC). The graphs represent averages 
and standard deviations of at least three replicates. 

The RPC-based samples did not reach the set initial volume of 500 cm3 at a bulk 

concentration below 0.02% (w/w). Increasing the protein bulk concentration resulted in a 

higher half-life time of the foam, reaching up to 361±84 and 288±63 min at a concentration 

of 1% (w/w) for RPC- and DRPC-based foams, respectively. Both protein samples showed 

comparable foam half-life times over the entire range of protein concentrations between 
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0.02 to 1% (w/w). The foam stability is closely related to the air bubble size, which 

decreased with increased protein concentrations. The smallest bubbles can be achieved at 

concentrations higher than 0.2% (w/w) and are 0.052 mm in diameter for both rapeseed 

protein samples. 

So, the foam stability increased with a higher protein content, while the interfacial properties 

were affected by the bulk concentration of the different components in RPC or DRPC in the 

opposite way. A low bulk concentration (0.01% w/w) gave a strong viscoelastic solid-like 

interface, while a high concentration (1% w/w) resulted in a less stiff and more stretchable 

interface. The mechanical strength of the interfacial layer is often related to the foam 

stability, where an increased layer strength would result in higher foam stability. A stronger 

viscoelastic layer could potentially slow down the bubble rupture. Yet, we did not observe 

such a relationship here for rapeseed protein-based foams. The increased stability appeared 

to be more correlated with the smaller bubble size at higher protein concentrations. Although 

the moduli of the interfacial films obtained with bulk concentrations of 0.01% (w/w) were 

substantially higher compared to bulk concentrations of 1% (w/w), the adsorption rate in 

these samples was considerably slower (Figure 2.2), which can be related to lower 

foamability and larger bubble sizes. Because of the faster adsorption, the foams at higher 

concentration have a smaller and more homogeneous distributed bubble size and are 

therefore more stable. The higher stretchability of the corresponding interfaces may also 

have provided additional protection against the coalescence of the air bubbles. The more 

brittle interfaces formed at low concentration displayed yielding at large deformations, 

possibly making the bubbles more prone to coalescence. 

With regard to foam formation and stability, we also observed very minor differences 

between the rapeseed protein concentrate and defatted protein concentrate. The presence 

of OS in RPC did not appear to negatively influence the foam stability in the tested conditions 

(pH, ionic strength, and lipid content). Conversely, in many studies, protein-stabilised foams 

were destabilised due to the presence of fatty acids and oil/fat droplets, as they can decrease 

surface elasticity, thus increasing the chance for the coalescence of air bubbles68,71,72,114. This 

was not observed in our work, as both RPC and DRPC formed foams with comparable 

stability. The OS were not detected in AFM images, which could suggest that the OS are 

indeed not present at the interface as such. However, the OS could in principle be attached 

to the interfacial film as a sublayer, and therefore invisible for AFM measurements. Based 

on our data, this cannot be excluded, but even if this would happen, it does not affect the 

stability of foams in the tested conditions.  
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2.4 Conclusions 
We studied the interfacial and foaming properties of a mildly obtained rapeseed protein 

concentrate that contained oleosomes, and of its derived defatted protein concentrate after 

solvent-based defatting. For the concentrate, the air-water interface displayed the behaviour 

of a disordered viscoelastic solid, and a weakening of the interfacial layer in shear and 

dilatational rheology was observed for increasing bulk concentration. This suggests that the 

presence of non-protein components hampered the connectivity of the interfacial layer. In 

the AFM images, we observed strand-like structures that may cause a weaker interfacial 

layer at higher concentrations. Removing the non-polar lipids from the concentrate to 

produce a defatted rapeseed protein concentrate allowed us to study their effects in more 

detail. The defatted protein concentrate contained only residual oleosome membranes, 

which consists of proteins and polar lipids. The defatted protein concentrate led to slightly 

stronger interfacial films compared to the concentrate; in both cases, the interfacial films 

became weaker with increasing bulk concentrations. This suggests that oleosome 

membranes influenced the interface stabilization by weakening the interfacial layer. On the 

other hand, both the rapeseed protein concentrate and defatted rapeseed protein 

concentrate could form foams with comparable stability. The presence of oleosomes in the 

concentrate (and at the concentrations studied in this work) did not influence the foam 

stability. The fact that non-protein components present after mild purification do not 

negatively influence the macroscopic foam properties, implies rapeseed protein mixtures 

have promising foam stabilising properties. The findings presented in this manuscript have 

important implications, since protein mixtures with high functionality can be produced, while 

reducing the use of water, chemicals, and energy. 

  



Interfacial and foaming properties of mildly purified rapeseed proteins 
 
 

 
 

47 

 2 

2.5 Appendix 
 

 
Figure A2.1. Fluorescence emission spectra ( λex = 295 nm) of rapeseed protein concentrate (RPC, 

black solid) and defatted rapeseed protein concentrate (DRPC, grey dotted). Each spectrum 

represents the average of two replicates. 

 

 
Figure A2.2. Storage (closed symbols) and loss moduli (open symbols) as a function of frequency of 

air-water interfacial films stabilised by whey protein isolate at pH 7. The different protein bulk 

concentrations (w/w) are depicted in the legend. 
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Figure A2.3. Surface pressure isotherms of Langmuir films stabilised by rapeseed protein concentrate 

(RPIC, solid) and defatted rapeseed protein concentrate (DRPC, dashed). The films were prepared by 

spreading the protein solution at the surface of the subphase (20 mM PO4-buffer, pH 7.0) preliminarily 

placed in the Langmuir trough. Each isotherm represents the average of three replicates. 

 

 
Figure A2.4. Particle size distribution of rapeseed protein concentrate (RPC, solid) and defatted 

rapeseed protein concentrate (DRPC, dash) in a 20 mM sodium phosphate buffer, pH 7.0, preliminarily 

filtered over 0.45 µm syringe filter. For clarity, one representative distribution is shown for each 

sample, but comparable distributions were obtained on two replicates. 
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Table A2.1. All variables of equation 2.2 for rapeseed protein concentrate (RPC) and defatted 

rapeseed protein concentrate (DRPC) at various protein concentrations. The averages and standard 

deviation were obtained from at least three replicates. 

 Protein 
concentration 

(w/w) 

Expansion Compression 

RPC DRPC RPC DRPC 

β 

0.01% 0.61 ± 0.03 0.59 ± 0.04 0.58 ± 0.03 0.63 ± 0.02 

0.1% 0.56 ± 0.04 0.58 ± 0.06 0.60 ± 0.05 0.60 ± 0.02 

1% 0.59 ± 0.04 0.54 ± 0.06 0.67 ± 0.04 0.66 ± 0.06 

τ1 

0.01% 26.2 ± 4.4 31.7 ± 5.2 24.1 ± 2.3 22.4 ± 4.1 

0.1% 28.0 ± 4.4 28.8 ± 4.1 22.3 ± 3.8 23.2 ± 2.7 

1% 29.4 ± 5.2 28.3 ± 6.6 23.0 ± 1.1 25.1 ± 4.9 

τ2 

0.01% 650 ± 92 668 ± 50 476 ± 54 399 ± 61 

0.1% 649 ± 117 622 ± 40 474 ± 74 512 ± 34 

1% 551 ± 105 648 ± 149 456 ± 103 509 ± 171 

a 

0.01% 2.2 ± 0.0 2.1 ± 0.1 -2.8 ± 0.1 -2.2 ± 0.4 

0.1% 2.4 ± 0.5 3.1 ± 0.3 -3.7 ± 0.4 -3.0 ± 0.1 

1% 1.4 ± 0.1 2.3 ± 0.3 -1.5 ± 0.1 -1.8 ± 0.1 

b 

0.01% 1.9 ± 0.1 2.0 ± 0.1 -1.4 ± 0.1 -1.4 ± 0.2 

0.1% 1.5 ± 0.1 2.0 ± 0.1 -2.0 ± 0.3 -1.9 ± 0.1 

1% 0.8 ± 0.0 1.4 ± 0.2 0.8 ± 0.0 -1.3 ± 0.1 

c 

0.01% 54.9 ± 0.2 54.2 ± 0.3 53.1 ± 1.0 52.5 ± 2.2 

0.1% 47.8 ± 3.0 52.0 ± 0.8 48.4 ± 2.4 48.7 ± 0.5 

1% 41.9 ± 0.3 44.3 ± 0.6 40.6 ± 0.3 42.3 ± 0.3 

R2 

0.01% 0.996 0.996 0.991 0.994 

0.1% 0.993 0.994 0.992 0.992 

1% 0.995 0.995 0.995 0.992 
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Abstract 
In recent years, food-grade Pickering particles have gained considerable interest, because 

of their ability to form stable emulsions and foams. Such Pickering stabilizers are often 

produced by aggregation of proteins, which typically results in a mixture of cross-linked 

particles and unbound proteins (smaller constituents). This study focuses on the possible 

contribution to the interfacial behaviour of these smaller constituents in whey protein isolate 

(WPI) bead suspensions, which are produced by cold-gelation of WPI aggregates. To 

understand the interfacial properties of the total mixture, we have studied the involved 

structures and interactions hierarchically, from native WPI, to aggregates, and finally gel 

beads. Air-water interfaces were subjected to large amplitude oscillatory dilatation (LAOD) 

and shear (LAOS) using a drop tensiometer and a double wall ring geometry. The nonlinear 

responses were analysed using Lissajous plots. The plots of native WPI- and aggregates-

stabilized interfaces showed a rheological behaviour of a viscoelastic solid, while bead-

stabilized interfaces tended to have a weaker and more fluid-like behaviour. The interfacial 

microstructure was analysed by imaging Langmuir-Blodgett films of the protein systems 

using atomic force microscopy (AFM). The native WPI and aggregate films had a highly 

heterogeneous structure in which the proteins form a dense clustered network. The beads 

are randomly distributed throughout the film, separated by large areas, where smaller 

proteinaceous material is present. This smaller and surface-active material present in the 

bead suspensions plays an important role in interface stabilization, and could also largely 

influence the macroscopic properties of interface-dominated systems. 
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3.1 Introduction 
Many food systems consist of multiple immiscible phases, such as oil and water for 

emulsions46 and air and water for foams115. These systems have a large interfacial area 

between the immiscible phases, which is thermodynamically unfavourable, and are therefore 

unstable without the presence of interface stabilizers. Conventional interface stabilizers in 

food are proteins and low molecular weight emulsifiers (LMWEs)116, which are amphiphilic 

and have the ability to form interfacial layers. Interfaces stabilized by proteins can result in 

strong viscoelastic films53,116,117, and differ considerably from interfaces stabilized by LMWEs, 

as the latter generally form relatively simple fluid-like interfaces118. This difference in 

interfacial microstructure may result in different stability of the macroscopic systems, such 

as emulsions and foams. 

Recently, the interest in food-grade Pickering particles119 has also been increasing, especially 

on protein-based stabilizers. Pickering stabilizers are solid colloidal particles, which partially 

wet both phases, and physically stabilize the interface120,121. A layer of particles at the oil-

water interface form a mechanical barrier, protecting emulsion droplets against coalescence 

and Oswald ripening121. Several studies describe the ability to form stable emulsions using 

food-grade protein-based colloids and attribute stability to Pickering stabilization122–124. 

Foams stabilized with protein aggregates or particles may also have considerably increased 

foam stability compared to foams prepared with native proteins56,84,125,126. In fact, these 

large stabilizers increase the interfacial film thickness and block the liquid from drainage, 

resulting in stable foams for several days125. Although research has been carried out on the 

macroscopic properties, limited studies exist which investigate the interfacial properties of 

food-grade Pickering-stabilized interfaces. Studying the interfacial properties of the systems 

may help us better understand the stabilizing mechanism in macroscopic systems. 

Protein-based Pickering stabilizers are often described as nano-particles122,124,126,127, microgel 

particles123,128 or beads129,130, which are colloids made from cross-linked protein 

(aggregates). A common method is heat-induced cross-linking of the proteins and yields 

protein aggregates56,122,124,127 or a protein gel. The latter requires mechanical disruption to 

obtain submicron colloids123,128. Another method to obtain spherical colloids (beads) requires 

the formation of a water-in-oil (w/o) emulsion with whey protein isolate (WPI) dissolved in 

the water phase and oil-soluble emulsifiers in the oil phase. The protein is cross-linked by 

heat-denaturation122 or by salt-bridge formation, after addition of salt (cold-gelation)129, and 

oil is removed by centrifugation.  

In these protein particle systems, the presence of smaller constituents is often ignored in 

studies. However, they can have an enormous contribution to the functionality of cross-

linked protein colloids suspensions. Recently, researchers have demonstrated that free 
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peptides present in soy protein fibril suspensions131 can outcompete the protein fibrils for 

the air-water interface and thereby dominate the foam stability of the complete mixture. 

Another study has shown that the filtrate of WPI microgel particle suspensions exhibits 

surface activity similar to the complete mixture123. The contribution of these smaller 

constituents to the interfacial properties in mixture with Pickering stabilizers has not received 

much attention in literature yet. 

In this paper, we aim to understand the interfacial properties of spherical WPI beads 

produced by cold-gelation of WPI heat-denatured aggregates with calcium salt bridges. This 

multistep process allows us to study the entire hierarchy of structures, starting from the 

native WPI protein, to the aggregates, and finally the beads. We attempt to study the role 

of these different colloid structures and sizes (2 – 350 nm) for their interfacial properties. 

We determine the linear and nonlinear rheological properties of these protein-stabilized air-

water interfaces in both shear and dilatation. We examine the rheological properties using 

large amplitude oscillatory dilatational (LAOD) experiments, step dilatational 

measurements, and small and large amplitude oscillatory surface shear (SAOS and LAOS) 

experiments. The LAOD and LAOS measurements are analysed using Lissajous plots, and 

the dilatational stress-relaxation behaviour is analysed using a Kohlrausch-Williams-Watt 

stretched exponential function. Finally, we visualize the microstructure by imaging 

Langmuir-Blodgett films with atomic force microscopy to link the surface rheology behaviour 

to the interfacial microstructure. 

3.2 Experimental section 

3.2.1 Materials 

Whey protein isolate (WPI) consisting of 74% β-lactoglobulin, 12.5% α-lactalbumin, 5.5% 

bovine serum albumin, and 5.5% IgG1132 (purity 98%) (Davisco Foods international, 

France), Calcium chloride dihydrate (CaCl2·H2O) (purity ≥ 99%) (Sigma-Aldrich, USA), 

ethanol absolute (purity ≥ 99.2%) (Merck, Germany), polyglycerol polyricinoleate (PGPR) 

90 kosher (Danisco, Denmark), and medium-chain triglyceride (MCT) oil (Miglyol 812 N) 

(Cremer Olea GmbH & Co., Germany) were all used as received. Other chemicals (Sigma-

Aldrich, USA) and SDS-PAGE materials (Invitrogen Novex, Thermo Fisher Scientific, USA) 

were used as received. Solutions were made in ultrapure water (MilliQ Purelab Ultra, 

Germany). 

3.2.2 Sample preparation 

Calcium nanocrystals for WPI bead preparation 

A 0.1 molal CaCl2·2H2O solution was prepared in ethanol. After dissolution, the solution was 

emulsified in MCT containing 2.5% (w/w) PGPR (oil-soluble emulsifier) at 20% (v/v) using 
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a Sonicator S-250A sonicator (Branson Ultrasonics, USA) for 1 min. The obtained emulsion 

was heated overnight at 60 °C while stirring to evaporate the ethanol133. 

Preparation of WPI solution 

WPI solutions were prepared by dissolving 2.5% (w/w) WPI in a sodium phosphate buffer 

(20 mM, pH 7) for 4 h and centrifuged at 20,000xg for 30 min. The supernatant was filtered 

with a syringe filter with a 0.45 µm pore size. The solution was diluted with buffer to 2% 

(w/w) based on dry matter. 

Preparation of WPI aggregates 

A 10 % (w/w) WPI solution was stirred for 8 h, and the pH was adjusted to 8 using 1 M 

NaOH. The solution was heated at 80 °C for 30 min while stirring and afterwards cooled with 

tap water129. Aggregates for analysis were diluted to 2% (w/w) using a sodium phosphate 

buffer (25 mM, pH 7).  

Preparation of WPI beads 

The 10% WPI aggregates suspension was added slowly to a 2.5% (w/w) PGPR in MCT oil 

solution, up to a volume fraction of 10% (v/v), while mixed using a rotor-stator homogenizer 

(T25 Ultra-Turrax, IKA, GE) at 18,000 rpm. After complete addition, the emulsion was mixed 

for another 10 min. Calcium nanocrystals were added to the emulsion in a crystal/emulsion 

volume ratio of 0.72/1, and stored overnight to induce gelation of the proteins in the water 

droplets. On the following day, the emulsion was subsequently centrifuged at 50,000xg for 

1 h. To remove the oil and the PGPR (which is insoluble in water) from the resulting pellet, 

it was re-dispersed in a 2% WPI solution and homogenised at 150 bar for 5 passes in a Lab 

Homogenizer (Delta Instruments, BE) followed by centrifugation at 23,500xg for 1 h. This 

results in a pellet containing the beads and a cream layer with residual oil and PGPR. 

Removing the oil and PGPR is necessary since they can affect the results of the surface 

rheology measurements.  The pellet was re-dispersed in a 20 mM sodium phosphate buffer 

and homogenized at 160 bar for 3 passes. The beads were diluted to a 1 % (w/w) suspension 

based on dry matter.  

3.2.3 Determination of the zeta-potential and the particle size 

The zeta-potential and the particle size in the different samples were determined using 

dynamic light scattering in a Zetasizer Nano ZS (Malvern Instruments, UK). Samples were 

equilibrated for 2 min at 20 °C prior to analysis. The zeta-potential was measured at 20 °C 

and 40 V with a minimum of 25 individual measurements per determination. The size 

distribution was determined at 20 °C with 10 scans of 30 s in automatic mode, in which the 

attenuator and measurement position was selected automatically. The average was 
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calculated from the 10 scans. All measurements were performed in triplicates for various 

batches. 

3.2.4 Determination of protein composition by SDS-PAGE 

Protein samples were dissolved in MilliQ-water at 0.1% protein (w/w). Aliquots of 45 µl were 

mixed with 6 µl of 500 mM DTT and 7 µl running buffer. The mixtures were heated to 70 °C 

for 10 min, and 10 µl of the samples were loaded on a 4-12% BisTris gel. A marker of 2.5-

200 kDa was included. Electrophoresis was performed for 30 minutes at 200 V. Finally, the 

gels were stained with SimplyBlue SafeStain and analysed using a gel scanner. 

3.2.5 Determination of surface shear properties 

The interfacial shear properties were studied using a magnetic air bearing stress-controlled 

rheometer (AR-G2, TA Instruments, USA) equipped with a double-wall-ring (DWR) 

geometry as described by Vandebril134. The DWR is a diamond-edged ring made of platinum 

and iron. The protein sample was transferred into a double wall trough, and the DWR was 

positioned at the interface. The trough was covered using a vapour cap to avoid evaporation. 

The sample was pre-sheared for 5 min at a shear rate of 10/s. After 10,800 s, frequency 

sweeps were performed with frequencies varying from 0.01 to 10 Hz at a constant amplitude 

of 1%. Strain sweeps were performed with strains varying from 0.01% to 100% at a 

constant frequency of 0.1 Hz. All experiments were performed at least in triplicate at 20 °C. 

The rheometer provides information on the angle of rotation of the DWR and the torque 

exerted on the ring. Using this data and the geometrical parameters of the setup, the surface 

stress and the deformation of the interfacial layer can be determined. The Boussinesq 

number134, which is the ratio of surface stress and bulk stress, was much larger than 1 for 

all protein systems and conditions studied in our work, which implies the contribution of the 

subphase to the torque signal was negligible.  

3.2.6 Determination of surface tension and surface dilatational properties 

The interfacial properties in dilatation were analysed using a drop tensiometer PAT-1M 

(Sinterface Technologies, GE) at 20 °C. A hanging drop with a surface area of 20 mm2 was 

formed at the tip of a needle. The drop contour was monitored and fitted with the Young-

Laplace equation to obtain the surface tension. The change in surface tension was monitored 

for 50,000 s. For the oscillatory dilatational measurements, the droplet was subjected to 

dilatational deformations after a waiting time of 10,800 s. Amplitude sweeps were performed 

with amplitudes between 2 – 30% at a frequency of 0.02 Hz. Frequency sweeps were 

performed with frequencies between 0.002 to 0.1 Hz at an amplitude of 3%. The droplet 

was subjected to five cycles at every amplitude or frequency. Step-dilatations were 
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performed by a sudden extension or compression (step time 2 s) of the droplet area by 10% 

and 20%. The measurements were done at least in triplicate. 

3.2.7 Rheology data analysis 

The results of the amplitude sweeps in dilatation were analysed using Lissajous plots of the 

surface pressure (Π = γ-γ0) versus the deformation ( (A-A0)/A0). Here γ and A are the surface 

tension and area of the deformed interface, γ0 and A0 are the surface tension and area of 

the non-deformed interface. Plots were drawn for each deformation from the middle three 

oscillations. For the quantitative analysis of the curves, four moduli were determined 

according to Van Kempen, et al.135: EL,E, the large strain modulus in extension, EM,E, the 

minimum strain modulus in extension, EL,C, the large strain modulus in compression, and 

EM,C, the minimum strain modulus in compression. These moduli were used to calculate the 

stiffening- or S-factors: Sexp = (EL,E - EM,E)/EL,E for the extension part of the Lissajous plot, 

and Scom = (EL,C - EM,C)/EL,C for the compression part. 

3.2.8 Preparation of Langmuir-Blodgett films 

Langmuir-Blodgett films of the protein-stabilized interfaces were prepared using a 243 mm2 

Langmuir film balance (Langmuir-Blodgett Trough KN 2002, KSV NIMA/Biolin Scientific Oy, 

Finland) at room temperature. The balance was filled with a sodium phosphate buffer (20 

mM, pH 7). Protein layers were formed by spreading protein solution (200 μl, 0.16 mg 

protein/ml) on the surface using a gas-tight syringe and were equilibrated for 30 min. The 

surface pressure was monitored using a Wilhelmy plate (platinum, perimeter 20 mm, height 

10 mm). The layer was compressed to reduce the surface area of the trough, with barriers 

moving at 5 mm/min. After reaching a stable surface pressure, the films were transferred 

on a freshly cleaved mica substrate (Highest Grade V1 Mica, Ted Pella, USA) and 1 mm/min 

withdraw speed. The films were dried in a desiccator and stored at room temperature until 

analysis. The films were produced in duplicate. 

3.2.9 Determination of the interfacial structure by AFM 

The interfacial structure was investigated using an atomic force microscope (AFM, MultiMode 

8-HR, Bruker, USA). AFM images of the Langmuir-Blodgett films were recorded in tapping 

mode using Scanasyst-air model non-conductive pyramidal silicon nitride probes (Bruker, 

USA) with a normal spring constant of 0.40 N/m. A lateral scan frequency of 0.977 Hz was 

employed for all topographical images. The lateral resolution was set to 512 x 512 pixels2 in 

a scan area of 2 x 2 µm2 for WPI films and 10 x 10 μm2 for aggregate and bead films. At 

least two locations were visualized for each sample to ensure good representativeness. The 

AFM images were analysed using Nanoscope Analysis 1.5 software (Bruker, USA). 
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3.3 Results and discussion 

3.3.1 Particle size and charge  

First, we have characterized the ζ-potential and particle size distribution of the native whey 

protein isolate (WPI), aggregates, and beads suspensions. The ζ-potential of the different 

samples is -16.3 ± 2.4 mV for native WPI, -27.4 ± 3.4 mV for aggregates and -29.5 ± 1.9 

mV for beads in a 20 mM phosphate buffer at pH 7. A more negative ζ-potential of the 

aggregates compared to native WPI can be explained by the loss of positively charged 

groups, which are buried within the hydrophobic regions, upon the aggregation of unfolded 

proteins, thereby increasing the negative net charge136. Similar ζ-potential values are 

obtained for the aggregates and beads, which is expected as the aggregates are constituents 

of the beads. These values are comparable to earlier described work122, where a ζ-potential 

around the -30 mV is found at pH 7 for WPI beads produced by heating. 

 

Figure 3.1. Particle distributions in a native WPI solution (solid), aggregates (short dash) and bead 
(long dash) suspensions in a 20 mM PO4 buffer, pH 7. 

The WPI solution shows a particle diameter between 2 and 10 nm with a maximum height 

of around 4 nm (Figure 3.1). This is the typical size of a β-lactoglobulin dimer137. WPI 

aggregates are larger than the native proteins (20 – 100 nm), as the proteins aggregate 

upon heat denaturation. Gelation of the aggregates by calcium-salt-bridges results in beads 

with a size between 150-350 nm with a peak size around 220 nm. 

3.3.2 Adsorption behaviour 

The adsorption behaviour of the three protein systems (Figure 3.2) is studied using drop 

tensiometry. The first measurement point at 1 s varies between surface pressure values 

around 12-22 mN/m, which is followed by a continuous increase over the timescale of the 

experiment (up to 14 h). The beads increase the surface pressure to a higher extent than 

both native WPI and aggregates, while the latter has the lowest surface pressure increase 

over time. We expect lower surface pressures for the aggregates than native WPI, as the 
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total number of surface-active molecules decreases upon aggregation and the larger size 

reduces their diffusion rate to the interface56,126, as the adsorption of the proteins is diffusion-

limited in the drop tensiometer.  

 

Figure 3.2. The surface pressure as a function of time of an air-water interface stabilized by native 
WPI (solid), aggregates (short dash) and beads (long dash) in a 20 mM PO4 buffer, pH 7, obtained 
from the drop tensiometer. The thin line shows the surface pressure isotherm of WPI beads filtrate 
over a 300 kDa filter. 

This size effect is not observed for the larger beads, as these particles increase the surface 

pressure to the highest extent. Destribats et al.123 have shown that the filtrate from WPI 

microgel particle suspensions is remarkably surface-active. For this reason, we have filtered 

the WPI beads suspension over a 300 kDa filter (Ø = 8.8 nm138). The filtrate shows a slow 

increase of surface pressure from 9 mN/m and reaches a surface pressure comparable to 

that of native WPI after 14 h of ageing. Due to the size of the filter, only a fraction of the 

filtrate probably passed the membrane. Based on our observations, we hypothesize that the 

surface activity of our beads is due to the fast diffusion of small constituents present in the 

beads suspension. Smaller constituents could consist of non-gelled aggregates and non-

aggregated protein56. Additionally, we have studied the protein composition of the filtrate 

using SDS-PAGE, and we have observed similar protein compositions for the native WPI, 

aggregates, beads, and filtrate of the beads (SDS-PAGE gel can be found in Figure A3.1 in 

the appendix). This even stronger suggests that the filtrate consists of the smaller 

constituents of the beads. 

For all three protein systems, the surface pressure increases over the timescale of these 

experiments. No equilibrium is reached, even after 14 h of ageing. The same is observed for 

the major whey protein β-lactoglobulin after 12 h of ageing by Rühs et al.55, and the time-

tail is often related to long-term rearrangements of protein molecules at the interface55. 

Often, these slow rearrangements are attributed to protein denaturation, which should occur 

to a higher extent for native WPI, as the aggregates and beads already are (partly) heat-
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denatured. Nonetheless, we see a rather similar increase in surface pressure for all protein 

systems. Other processes besides protein denaturation are likely to be involved at the 

interface, such as the falling apart of aggregates/beads or in-plane rearrangements, 

including clustering of the proteins108,139. Ideally, when conducting interfacial rheology 

experiments, the deformations applied to the interface should start after reaching 

equilibrium. As the protein systems do not reach equilibrium, the surfaces are aged for three 

hours before starting shear or dilatational deformations, limiting the effect of the ageing 

processes during the cycles, hence limiting the effect on the moduli values of the interfacial 

layer. 

3.3.3 Surface shear rheology 

Frequency sweeps 

In the frequency sweeps (Figure 3.3A), we observe that the storage modulus (Gi’) is larger 

than the loss modulus (Gi”) for WPI- and aggregate-stabilized interfaces, which is indicative 

for a predominantly elastic interfacial layer. The Gi’ of both films scales with frequency as 

Gi‘ ~ ωn and yields an n-value of 0.14. The weak frequency dependency and power-law 

behaviour imply a wide spectrum of relaxation times for the interfacial structure. Gels140 and 

soft glassy materials104,141 exhibit similar power-law behaviour, which is also observed for 

acacia gum- and bovine serum albumin-stabilized interfaces104. The fact that we observe 

this behaviour for WPI- and aggregate-stabilized interfaces is an indication that these 

components also form disordered solid structures at the interface. 

  
Figure 3.3. (A) Gi’ and Gi” as a function of frequency, with a fixed strain of 1% and (B) Gi’ and Gi” as 
a function of strain, with a fixed frequency of 0.1 Hz, of native WPI- (black square), aggregate- (grey 
circle) and bead-stabilized (grey triangle) air/water interfaces in a 20 mM PO4, buffer, pH 7. Closed 
symbols show the storage modulus Gi’ and open symbols show the loss modulus Gi”. 

Interfaces stabilized by beads have moduli that are almost two orders of magnitude lower 

than those of WPI- and aggregate-stabilized interfaces. For bead-stabilized interfaces, we 

observe a much stronger frequency dependency (n-value = 0.37) compared to WPI and 

aggregates. Additionally, the cross-over of Gi’ and Gi” for the beads (around 0.01 Hz) occurs 
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at a higher frequency compared to WPI and aggregates-stabilized interfaces (<0.01 Hz), 

which implies shorter relaxation times for bead-stabilized interfaces. This suggests the 

formation of a more mobile interfacial structure by the beads compared to the other 

materials. 

Strain sweeps 

Figure 3.3B shows the strain sweeps of all three protein-stabilized interfaces, which have a 

constant Gi’ and Gi” until a critical strain (5% decrease of Gi’ from the max strain) of 1.2% 

for WPI, 2% for aggregates and 3.5% for beads, which represents the range of the linear 

viscoelastic regime (LVE). We observe Gi’ > Gi” in the LVE regime, suggesting solid-like 

behaviour. The Gi’ in the LVE regime of WPI- and aggregates-stabilized interfaces are 

comparable, which are 0.035 and 0.041 Pa∙m, respectively, and they have a similar tanδ of 

around 0.24. At strains above the critical strain, Gi’ starts to decline with different slopes, 

and the Gi’ of the WPI-stabilized interface has a steeper decrease compared to aggregate-

stabilized interfaces. This results in a different strain value for the crossover point, which is 

5% for WPI and >100% for aggregates. Additionally, the Gi” of native WPI has a weak strain 

overshoot, which is commonly referred to as type III nonlinear behaviour, and is often found 

for soft solid materials in bulk rheology, such as particle and emulsion gels57. It is attributed 

to the balance between breakdown and formation of network junctions, where new junctions 

are the result of collisions of clusters. At even higher strains, the clusters break down, which 

leads to softening behaviour.  

The bead-stabilized film shows a Gi’ in the LVE regime of 3.8∙10-4 Pa∙m with a tanδ of 0.84. 

These moduli are two orders of magnitude lower than the values of WPI- and aggregate-

stabilized films. Measurements for this system are close to the machine limits, which is 

reflected in the first accurate data point of the strain sweep starting at 1%. The bead-

stabilized interface is thus clearly weaker and exhibits solid-like behaviour to a lesser extent 

than the other two systems. 

The moduli in Figure 3.3B, are obtained from the first harmonic of the Fourier transform of 

the stress signal. Nonlinearities in the stress response are the result of changes in the 

interfacial microstructure induced by the applied deformations, and will generate higher 

harmonics in the Fourier spectrum. As the moduli in Figure 3.3B are calculated from only 

the first harmonic, any higher-order harmonics are neglected. Therefore, the accuracy of 

the moduli determined in the nonlinear viscoelastic (NLVE) regime is questionable, as 

demonstrated by several studies57,59,142 (which we also demonstrate in Figure A3.2 and A3.3 

in the appendix for shear and dilatation). To include the contributions from the higher 

harmonics, the torque is plotted against the deformation in so-called Lissajous plots58. 
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Additionally, we have plotted the decomposition of the torque into its elastic and viscous 

contribution to further elaborate the intra-cycle behaviour. 

Lissajous plots 

In the Lissajous plots (Figure 3.4) for native WPI- and aggregate-stabilized interfaces, we 

observe plots with a narrow ellipse shape for strains <2%, indicating linear viscoelastic 

behaviour with a predominantly elastic response. This is also reflected in the fact that the 

torque signal is very close to the dashed curve, representing the purely elastic contribution. 

At larger deformations, the plots are becoming wider, which indicates a more significant 

contribution of the viscous response. At 18% strain, the Lissajous plot for WPI-stabilized 

interfaces takes on a rhomboidal shape, which is an indication of intra-cycle yielding: starting 

from the lower-left corner of the plot, the initial response of the interface is elastic, until the 

surface shear stress exceeds the yield stress of the interfacial microstructure, and the 

interfacial film starts to flow (this should not be confused with macroscopic fracture of the 

interface). As a result, the yielding is followed by a plateau with a near-zero slope where the 

response is predominantly viscous. The dashed curves confirmed this for the elastic 

contribution, which has a slope close to zero, and hence shows a very limited elastic 

response in this strain range. At maximum positive strain (the upper right corner of the 

plot), the surface shear rate is zero, and the interfacial microstructure (partially) recovers. 

Continuing the cycle in the negative strain direction, we first get an elastic response again, 

followed by yielding and flow. Hence, the rhomboidal shape represents a continuous cycle 

of yielding and recovery events. 

Close to the maximum strain, the dashed elastic contribution curves increase steeply, 

suggesting intra-cycle strain hardening. A combination of strain softening observed in Figure 

3.4 and strain hardening in the Lissajous plots seems contradicting, and is sometimes 

described as the strain softening/hardening paradox143. The observed strain hardening is 

merely a local effect in the intra-cycle measurements, in a regime where the overall 

behaviour of the interface is dominated by the viscous contribution, resulting in strain 

softening. For the aggregate-stabilized interface, the transition to a rhomboidal shape occurs 

at higher strains and is more gradual. The slope of the plot does not go to zero after yielding, 

which indicates that the interface retains a considerable degree of elasticity. The plots of the 

bead-stabilized interfaces reveal wide plots, and show a much more viscous behaviour, 

which is partially obscured by the noise in the signal because of the low torque stress values 

generated by these interfaces. Beads form a weak and mobile interface, which is indicative 

for more fluid-like systems. This could imply that the smaller constituents in the bead 

suspension play an important part in forming the interfacial layer. 
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Figure 3.4. Lissajous plots of torque as a function of deformation obtained during strain sweeps of 
air-water interfaces stabilized by native WPI, aggregates or beads at a frequency of 0.1 Hz. The plots 
were normalized to their maximum value for the torque. The dotted grey lines show the elastic 
contribution to the torque. 

3.3.4 Oscillatory dilatational rheology 

Frequency sweeps 

The three WPI-based materials are first studied over a range of frequencies in a frequency 

sweep (Figure 3.5A).  

  
Figure 3.5. (A) The Ed’ (closed symbols) and Ed” (open symbols) over frequency, with a fixed 
amplitude of 3%; (B) The Ed’ over amplitude, with a fixed frequency of 0.02 Hz, for air-water 
interfaces stabilized by native WPI (black square), aggregates (grey circle) or beads (grey triangle) 
in a 20 mM PO4-buffer, pH 7. 
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Tempel model144, a value of n=0.5 indicates that the elasticity of the interface is mainly 

dominated by the exchange of stabilizer between the bulk and the interface. Here the slope 

values (n) are 0.11 for WPI, 0.09 for aggregates and 0.15 for beads (± 0.00 for all systems). 

The n-values are thus much lower than 0.5, indicating that other processes play a more 

dominant role in the elasticity of the surface, such as in-plane interactions due to 

rearrangements at the interface, or momentum transfer between bulk and interface108. The 

frequency sweeps in both dilatation and shear (Figure 3.3A & 3.5A) show a weak power-law 

behaviour for the WPI- and aggregate-stabilized interfaces, which again indicates the 

formation of disordered gel-like or soft glassy structures. 

Amplitude sweeps 

Upon increasing the amplitude of the applied dilatational deformation from 2 to 30%, we 

observe a decrease of Ed’ from 102 to 28 mN/m for both native WPI- and aggregates-

stabilized interfaces (Figure 3.5B), which reveals that the applied deformation is affecting 

the interfacial microstructure. On the other hand, the moduli of bead-stabilized interfaces 

are nearly constant, and thus are in the LVE regime. This implies a weak interface that is 

more easily stretchable compared to the stronger microstructure of native WPI and 

aggregates. The studied range of deformations for both WPI- and aggregate-stabilized 

interfaces are in the NLVE as the Ed’ decreases at higher amplitudes, and are also studied 

with Lissajous plots to include the higher harmonics of the Fourier spectrum. 

Lissajous plots 

The Lissajous plots (Figure 3.6) of native WPI-stabilized interfaces show a viscoelastic 

response and become more asymmetric at larger deformations. At 10-30% deformation, we 

observe a steep surface pressure increase at the start of the extension. The steep increase 

is followed by a sudden decrease to near-zero slope, which (just as in the surface shear 

deformations) indicates intra-cycle yielding behaviour of the interfacial structure upon 

extension. As the interfacial structure is disrupted at large amplitudes, the elastic component 

in the response diminishes, and results in flow of the system where a viscous response 

dominates. On the other hand, the Lissajous plots show a steeper surface pressure increase 

in compression compared to extension, which is known as intra-cycle strain hardening. 

These large deformations may cause the interface to form densely clustered regions that 

could start jamming upon compression. The same asymmetry of Lissajous plots has been 

observed in many interface systems in LAOD experiments125,131,135,145,146. In our work, a 

comparable yielding and flow behaviour is revealed in both dilation and shear (Figure 3.4 & 

3.6), which suggests the formation of a solid-like structure by the protein, and results in a 

contribution of in-plane deviatoric stresses to the surface pressure.  
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Figure 3.6. Lissajous plots of surface pressure versus deformation obtained during amplitude sweeps 
of air/water interfaces stabilized by native WPI, aggregates or beads at a frequency of 0.02 Hz 

The Lissajous plots of aggregate-stabilized interfaces are wider and more symmetric than 

those of the WPI-stabilized interfaces. At the highest amplitude they do not display a 

similarly abrupt yielding as the WPI-stabilized interfaces, but instead, a more gradual strain 

softening. According to these findings, the microstructure of the aggregate-stabilized 

interface is less affected by the applied deformation, which can result from the formation of 

a stronger network by aggregates147. These differences in the Lissajous plots are not shown 

in the Ed’ found in Figure 3.5B, demonstrating the limitations of calculating the modulus 

based on the first harmonic only. The Lissajous plots of the bead-stabilized interface are 

very narrow and have a relatively low maximum surface pressure. This suggests the 

formation of a weaker and more stretchable (less brittle) interface compared to native WPI 

and aggregates, which is in agreement with the moduli reported in Figure 3.5B and supports 

our assumption that the interface is mainly stabilized by the smaller constituents of the 

beads suspension.  
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To quantitatively study the Lissajous plots, we have determined the S-factors (stiffening-

factor) in extension and compression for all protein systems (Figure 3.7).  

  
Figure 3.7. The S-factor in extension (A) and compression (B) of air-water interfaces stabilized by 
native WPI (black square), aggregates (grey circle) or beads (grey triangle) in a 20mM PO4-buffer, 
pH 7. 

The S-factor can be interpreted as follows: for a linear elastic response, S=0; for interfaces 

displaying strain hardening, S > 0; and for interfaces displaying strain softening, S < 0. 

Upon extension (Ewoldt et al., 2007), the WPI-stabilized interface shows strain softening at 
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observed in the shear rheology (Figure 3.3B & Figure 3.4). A more linear response of the 

aggregate-stabilized interfaces can also be observed in extension, where the S-factors are 

close to zero. For both WPI and aggregates, the interfaces show a mild strain hardening 

upon compression, which increases slightly at higher amplitudes. Bead-stabilized interfaces 

show a near linear response in extension and a steep increase from near linear elastic 

response to strain hardening at higher deformations in compression. At higher 

compressions, the interfacial stabilizers in the bead suspension could start jamming, which 

is also observed for the WPI- and aggregate stabilized interfaces. 

The differences in the protein systems are in line with earlier work148, where air-water 
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the rheological properties of a weak and fluid-like film, similar to the behaviour of our WPI 

beads. Smaller peptides are also described as the main contributor to the interfacial 

properties in a mixture with soy protein fibrils131. This again, even stronger, suggests that 

smaller constituents predominantly stabilize the interface of the bead system. 
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3.3.5 Stress-relaxation after step-dilatation 

The interfaces are subjected to step-dilatation (i.e. sudden extension or compression of the 

droplet) to further evaluate the structural properties. The first 1,000 s of the relaxation 

response are fitted using a combination of a Kohlrausch-William-Watts (KWW) stretch 

exponential term and a regular exponential, which is depicted in Equation 3.1107. An example 

of the step relaxation measurement and its fit is shown in A3.4 in the appendix. The KWW 

stretch exponential is a phenomenological model for fitting relaxation processes in 

disordered systems. 

𝛾𝛾(𝑡𝑡) = 𝑎𝑎𝑎𝑎− (𝑡𝑡/𝜏𝜏1)𝛽𝛽 + 𝑏𝑏𝑏𝑏−𝑡𝑡/𝜏𝜏2 + 𝑐𝑐  (3.1) 

In the first term, τ1 is a relaxation time, and β is the stretch exponent. In the time sweeps 

of protein interfaces, we observe a surface pressure increase even after 14 hours (Figure 

3.2), which is related to slow rearrangements of the proteins at the interface. The second 

term with characteristic time τ2 is necessary to decouple the ageing of the interface from 

the actual relaxation process. Parameters a, b, and c are constants. 

Table 3.1. The β and τ1 for native WPI, aggregate and bead interfaces at 10% and 20% deformations. 
The remaining variables can be found in Table A3.1 in the appendix. 

 Extension Compression 

 10% 20% 10% 20% 

β 

WPI 0.56 ± 0.04 0.54 ± 0.03 0.65 ± 0.01 0.60 ± 0.01 

AGG 0.51 ± 0.02 0.55 ± 0.03 0.56 ± 0.02 0.59 ± 0.02 

Beads 0.52 ± 0.04 0.52 ± 0.03 0.63 ± 0.10 0.58 ± 0.06 

τ1 

WPI 19.6 ± 1.0 15.8 ± 3.2 20.0 ± 2.2 16.5 ± 1.1 

AGG 21.5 ± 4.4 16.5 ± 1.8 23.8 ± 1.1 17.3 ± 1.9 

Beads 33.2 ± 12 41.6 ± 7.3 16.9 ± 7.2 22.7 ± 8.3 

 

In Table 3.1, we show β-values from 0.56 to 0.65 in compression and from 0.51 to 0.56 in 

the extension of the interface for all three protein systems. This asymmetry in compression 

and extension is also present in the Lissajous plots of the LAOD experiments (Figure 3.6). A 

stretch exponent of β<1 indicates a phenomenon referred to as dynamic heterogeneity. 

Dynamic heterogeneity is related to local variances in the relaxation kinetics, which result 

in a broad spectrum of relaxation times149. The values observed here are similar to those of 

the relaxation processes in 3d disordered solids108,111,149. Others have found comparable β-

values between 0.50 and 0.66 for β-lactoglobulin- and β-casein-stabilized110 interfaces upon 
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compression. The τ1-values of all three systems are in the same range in compression, which 

is not the case in the extension of the interface. In extension, the τ1-values for bead-

stabilized interfaces are almost two times higher compared to the other systems, which we 

will discuss in the following sections. 

3.3.6 AFM images of microstructure 

Dynamic heterogeneity could be related to the interfacial microstructure, which we have 

visualized by performing AFM on Langmuir-Blodgett films. In Figure 3.8, we show the 

topography of such films made by loading the protein film onto a mica substrate at various 

surface pressures. The surface pressure isotherms during film compression, before loading, 

can be found in Figure A3.5 in the appendix.  

 

Figure 3.8. AFM images of Langmuir-Blodgett films made from native WPI-, aggregate- and bead-
stabilized interfaces. The surface pressure during the film sampling is indicated on the top-left corner. 
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WPI-stabilized interfaces exhibit a heterogeneous structure with an overall film thickness of 

≤4 nm, which is close to the size of proteins (Figure 3.1). At a low surface pressure of 9 

mN/m, the film shows thicker regions, which could be more densely clustered regions. At 

higher surface pressures, the clustered regions are more dense due to higher compression, 

but still exhibit a heterogeneous structure. Additionally, the film at the highest surface 

pressure of 25 mN/m closely resembles fractal structures, which are also found in 3D gels. 

Similar structural heterogeneities can also be observed in AFM images of various protein 

films, such as β-lactoglobulin112,148, bovine serum albumin113,150, and β-casein films112,150. 

Formation of such heterogeneous structures would also explain the weak strain overshoot 

in the G” of native WPI in the LAOS experiments (Figure 3.3B).  

A heterogeneous structure is also found for the aggregate- and bead-stabilized interfaces. 

The aggregate film at a surface pressure of 21 mN/m is largely covered with aggregates, 

whereas they largely disappear from the film at a surface pressure of 23 mN/m. If we take 

a closer look at the interface by scanning a smaller area, we observe a structure similar to 

highly compressed native WPI interfaces. The absence of the aggregates at the higher 

surface pressure could suggest the loss of the aggregates at the surface, which does not 

necessarily suggest the loss of the aggregates from the interface. Aggregates could still 

remain at the interface, but could be pushed down towards the bulk phase upon 

compression, which causes them to be invisible for topographical measurements. 

WPI beads are present at the interface at a surface pressure of 19 and 23 mN/m. The beads 

co-exist with aggregates, while thin regions are present between the beads and aggregates, 

even at higher compression. For these films, we have also scanned a smaller area between 

the beads, and we reveal a finer and less segregated film compared to the WPI and 

aggregate films (see cross-sections and height profiles in Figure A3.6 in the appendix). 

These images give an indication that smaller constituents are present in the bead films, 

which further supports our hypothesis on their contribution to the interfacial properties, and 

results in the formation of a weak and mobile interface observed in shear and dilatation. It 

is important to bear in mind that the films are formed in the Langmuir trough by spreading 

the material at the interface, which is different compared to the diffusion-based adsorption 

in the drop tensiometer and rheometer. Interfaces formed by the latter described 

mechanism might not contain the aggregates and beads, as there could be competition for 

the interface with the non-aggregated/gelled constituents. 

The heterogeneous structures in all three protein films are closely related to the dynamic 

heterogeneity in the relaxation experiments (Table 3.1). This relationship has been 

demonstrated extensively by Sagis et al.108 for fluid interfaces stabilized by a large number 

of stabilizers, including native proteins, protein aggregates and cross-linked protein particles 
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from various sources. They have shown that the main process of such relaxation behaviour 

is the momentum transfer between bulk and interface. Our frequency sweeps for native 

WPI- and aggregate-stabilized interfaces (Figure 3.3A & Figure 3.5A) also reveal a material 

with a wide range of relaxation processes, which could be related to the highly disordered 

structures that are confirmed by AFM.  

For the bead-stabilized interface, we observe a different type of interface in the AFM images, 

which show a fine and dense film mainly covered by the smaller constituents. Frequency 

sweeps on bead-stabilized interface show a stronger frequency dependency and cross-over 

point at a higher frequency compared to the other stabilizers, which indicates the formation 

of a more mobile interfacial layer. Momentum transfer between bulk and interface could be 

less dominant as a relaxation mechanism for this interface. Additional relaxation 

mechanisms as mass transfer between bulk and interface, and in-plane reorganization could 

play a more dominant role for the bead-stabilized interfaces, which could cause slightly 

higher relaxation times upon extension in the stress-relaxation experiments. 
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3.4 Conclusion 
We have studied the interfacial properties of air-water interfaces stabilized by three WPI-

based systems: native WPI, WPI aggregates, and WPI beads. The native WPI- and 

aggregates-stabilized interfaces show power-law behaviour and weak frequency dependence 

in frequency sweeps in the LVE regime, suggesting these stabilizers form disordered solid 

structures. AFM images of the topography of Langmuir-Blodgett films indeed showed 

structural heterogeneity of the interfacial microstructure, which is intimately related to the 

dynamic heterogeneity in the stress-relaxation response. In the NLVE regime in both shear 

and dilatation, the Lissajous plots used to study the nonlinearities of the stress signal, 

confirm that the WPI- and aggregate-stabilized interfaces have a rheological behaviour of a 

viscoelastic solid.  

WPI bead-stabilized interfaces show a different rheological response with a stronger 

frequency dependence of the moduli, and form a much weaker interface and more fluid-like 

behaviour compared to WPI and aggregates. In AFM images, we observe the presence of 

beads and smaller constituents, of which the latter show remarkable surface activity in time 

sweeps. The evidence in this study suggests that these smaller constituents in our WPI 

beads systems are likely to have a major contribution to the rheological properties on the 

air-water interface. The WPI bead system does not behave as a classical Pickering system, 

but instead forms mixed interfaces consisting of particles and non-crosslinked proteins.  

  



Chapter 3 
 
 

 
 
72 

 3 

3.5 Appendix 

 

Figure A3.1. An SDS-PAGE gel scan of beads, beads filtrate, WPI and aggregates under reducing 
conditions. Labels of proteins are indicated on the right. 

 

  
Figure A3.2. (A) The torque versus deformation, and (B) a Lissajous plot of torque over deformation 
of WPI at 100% strain. The black solid line represents the output of the rheometer, and the dotted 
grey line represents the torque stress signal of the first harmonic in the Fourier spectrum. 
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Figure A3.3. (A) The surface pressure over time, and (B) a Lissajous plot of surface pressure over 
deformation of WPI at 20% amplitude. The solid black line represents the output of the drop 
tensiometer, and the dotted grey line represents the surface pressure signal of the first harmonic in 
the Fourier spectrum. 

 

  
Figure A3.4. The surface tension over time of the first 1,000 s of the relaxation step in the step-
dilatation experiments upon compression (A) and extension (B) of a WPI-stabilized interface. The 
solid black line shows the data, and the dotted grey line shows the fit of Equation 3.1.  

 

 

Figure A3.5. Surface pressure isotherms of protein films made from WPI (solid), aggregates (short 
dashed) and beads (long dashed) by spreading the protein at the interface in a 20mM PO4-buffer, pH 
7, in the Langmuir trough. 
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Figure A3.6. The cross-sections of AFM images of the protein films. The lines in the AFM image 
correspond to the analysed section. 
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Table A3.1. All variables of equation 3.1 for native WPI, aggregates and beads at 10% and 20% 
deformations. 

 Expansion Compression 
 10% 20% 10% 20% 

β 

WPI 0.56 ± 0.04 0.54 ± 0.03 0.65 ± 0.01 0.60 ± 0.01 

AGG 0.51 ± 0.02 0.55 ± 0.03 0.56 ± 0.02 0.59 ± 0.02 

Beads 0.52 ± 0.04 0.52 ± 0.03 0.63 ± 0.10 0.58 ± 0.06 

τ1 

WPI 19.6 ± 1.0 15.8 ± 3.2 20.0 ± 2.2 16.5 ± 1.1 

AGG 21.5 ± 4.4 16.5 ± 1.8 23.8 ± 1.1 17.3 ± 1.9 

Beads 33.2 ± 12 41.6 ± 7.3 16.9 ± 7.2 22.7 ± 8.3 

τ2 

WPI 633 ± 83 647 ± 172  357 ± 23 356 ± 32 

AGG 590 ± 92 494 ± 42 587 ± 48 456 ± 46 

Beads 1908 ± 1246 482 ± 262 173 ± 50 391 ± 140 

a 

WPI 3.0 ± 0.4 3.8 ± 0.2 -3.5 ± 0.5 -5.9 ± 0.2 

AGG 3.7 ± 0.2 4.1 ± 0.2 -3.9 ± 0.1 -5.3 ± 0.2 

Beads 0.9 ± 0.1 1.2 ± 0.1 -0.7 ± 0.2 -1.1 ± 0.2 

b 

WPI 1.5 ± 0.2 1.7 ± 0.1 -2.2 ± 0.4 -2.3 ± 0.2 

AGG 1.6 ± 0.2 1.8 ± 0.2 -2.2 ± 0.2 -2.5 ± 0.2 

Beads 0.3 ± 0.1 1.0 ± 0.1 -0.2 ± 0.1 -0.4 ± 0.1 

c 

WPI 48.0 ± 1.2 48.8 ± 0.9 46.1 ± 1.0 45.5 ± 0.6 

AGG 50.2 ± 1.3 52.4 ± 1.7 47.4 ± 1.1 46.4 ± 0.8 

Beads 42.8 ± 0.2 42.1 ± 1.0 42.1 ± 0.5 41.5 ± 0.8 

R2 

WPI 0.987 0.992 0.991 0.993 

AGG 0.988 0.994 0.992 0.993 

Beads 0.916 0.969 0.954 0.984 
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Abstract 
Phenols are widely present in plants and often are co-extracted in plant protein extracts, 

while such components could influence the protein’s interface and foam stabilising 

properties. In this study, the influence of rapeseed phenol sinapic acid (SA) on the interfacial 

and foaming properties of a well-characterised model protein, whey protein isolate (WPI), 

was investigated. WPI formed strong viscoelastic interfacial layers, and the addition of SA 

reduced the surface dilatational modulus by 25%. Turning SA into its active oxidised form 

in the WPI-SA mixtures led to protein aggregation, resulting in a further decrease of the 

modulus by 40%. Removal of unbound phenols induced a slight increase of the dilatational 

modulus, but the interfacial layer strength did not fully recover to that made with pure WPI. 

This suggests binding of phenols to proteins, and thus influencing the protein interface 

stabilising properties. Foams stabilised by WPI-SA mixtures had a shorter foam half-life time 

(130-180 min) than foams stabilised by pure WPI (260 min). Our data are thus in line with 

the observation that a lower surface dilatational modulus leads to lower foam stability. Yet, 

the foam stability did not recover to the original values of pure WPI-stabilised foams after 

the removal of unbound phenols. In conclusion, the presence of SA resulted in a decrease 

in interfacial layer strength and foam stability. We conclude that in producing protein 

extracts from rapeseed or other phenol-rich plant sources, the presence and oxidation of 

phenols should thus be considered. 
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4.1 Introduction 
One of the challenges in utilizing plant protein extracts as functional food ingredients is the 

naturally present phenols. For example, rapeseed proteins have promising 

emulsifying43,91,151, foaming96,152, and gelling properties153, but rapeseed may contain up to 

3% of phenols11. Rapeseed phenols are known to contribute to a bitter taste and astringency 

in foods, loss of protein digestibility, and also colour changes of the protein extracts31,32,154. 

The effects of rapeseed phenols on protein functionality (e.g., gelling, emulsifying, and 

foaming properties) are not yet well understood. At the same time, it is key to understand 

such interactions in the utilization of phenol-rich plant sources in food systems. This work 

focuses on the main phenol present in rapeseed, which is sinapic acid (SA, Figure 4.1), and 

its influence on interfacial and foaming properties of proteins. Instead of rapeseed proteins, 

whey protein isolate (WPI) was chosen as a model protein system. Whey proteins were 

already included as model proteins in previous protein-phenol studies, and has well known 

interfacial properties79,81,84,86,155–157. Additionally, the removal of phenols from rapeseed 

proteins requires multiple washing steps with organic solvents, resulting in a 75-90% phenol 

removal and unknown effects on the protein structure and properties75,158. 

 

Figure 4.1. A simplified mechanism of sinapic acid oxidation and covalent binding with proteins. 

Protein-phenol interactions are dictated by the chemical structure of the phenols, such as 

the degree of polymerization, conformational flexibility, and hydrophobicity30,159, which can 

lead to non-covalent and/or covalent interactions with the proteins. The non-covalent 

interactions may occur via hydrogen bonding, van der Waals forces, electrostatic and 

hydrophobic interactions160. Xu et al. showed that 50% of rapeseed phenols interacted non-

covalently with rapeseed proteins at pH 12. Another 40% exist as unbound phenols in the 

aqueous solution, and the remaining 10% of the phenols interact covalently with the 

proteins73. Covalent interactions between phenols and proteins usually occur upon oxidation 

of the phenols. Hydroxyl groups on phenyl rings can be converted into quinones by enzymes 

or auto-oxidation, and the latter is accelerated at alkaline pH or in the presence of oxidizing 

agents33,74. A similar reaction was also found for SA, as the carboxyl and hydroxyl groups 

were ionized at a pH above 7. Two oxidised SA could form the molecule thomasidioic acid 

and can be further converted into quinones31 (Figure 4.1). Quinones are electrophilic 
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compounds that are stabilised by their conjugated cyclic dione structure, and thus very 

reactive towards free thiol and amino groups on the proteins. After a Michael addition 

reaction, a covalent bond between quinone and protein is formed (Figure 4.1). The phenols 

on the protein-phenol complex can be oxidised a second time, thereby crosslinking another 

protein, and could ultimately lead to the formation of protein-phenol aggregates33,161. Such 

complexation into aggregates was demonstrated for several protein sources, and often 

resulted in a decreased protein solubility76,81–83. 

Both non-covalent and covalent phenol-protein interactions can largely influence the protein 

structure and thus protein functionality. First of all, bound phenols might influence the 

protein surface hydrophobicity by several mechanisms, such as introducing hydrophilic 

groups from the phenol or the covering of hydrophobic residues on the protein76,77. 

Additionally, phenol interaction could alter protein structure, and thereby exposing 

hydrophobic residues. A decrease of protein surface hydrophobicity was shown for whey 

proteins upon interaction with phenols78,79,86,155. The alteration of protein structure is another 

major change in proteins upon phenol binding, which was also confirmed for milk proteins, 

as non-covalent interactions with phenols resulted in an increase of unordered secondary 

protein structures78–80.  

Alteration of a protein’s surface hydrophobicity, structure, and size may considerably 

influence its interface and foam stabilising properties. For instance, phenols that were able 

to induce aggregation of WPI, resulted in lower surface activity and dilatational moduli 

compared to pure WPI78,84. Even though the interfacial properties were affected negatively, 

the foam stability increased, which was probably related to the blocking of lamellae and 

plateau borders of the foam by aggregates, which reduced the rate of liquid drainage78,81,125. 

Another work showed that lower protein surface hydrophobicity after non-covalent 

interaction with phenols resulted in higher protein solubility, and thus an increase in foam 

height and stability86. These studies again confirm the complexity of phenol-protein 

mixtures, as the type of phenol and interaction with the protein determine the interface and 

foam stabilising properties of the mixtures. Also, the influence of SA on proteins with regards 

to protein functionality (e.g. stabilisation of interfaces and foams) has not been reported 

yet.  

Therefore, the objective of this work was to determine the effect of SA on interface and foam 

stabilising properties of WPI. Based on earlier reports on protein-phenol studies, non-

covalent interactions between the WPI and SA were expected, and covalent interactions 

were also induced in this study by incubation at pH 10. An insight into these interactions 

and the link to protein functionality is also useful with regard to the processing of plant 

proteins, as non-covalent interactions between phenol and protein occur directly upon 
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solubilisation of the plant material. A conventional protein extraction step is adjusting the 

pH to alkaline conditions (8-10) to increase protein solubility, but also induces covalent 

interactions. This study can give an in-depth understanding of the influence of such 

processing steps on the protein functionality, of which air-water interfacial and foaming 

properties were studied in this work. The air-water interfacial properties were studied using 

large amplitude oscillatory dilatation (LAOD). The protein structures were evaluated using 

differential scanning calorimetry (DSC). The foaming properties of the WPI/SA mixtures 

were analysed by monitoring the foam stability and bubble size distribution.  

4.2 Experimental section 

4.2.1 Materials 

Whey protein isolate (WPI) consisting of 74% β-lactoglobulin, 12.5% α-lactalbumin, 5.5% 

bovine serum albumin, and 5.5% IgG1132 (purity 98%) (Davisco Food International, France), 

sinapic acid (SA, 3,5-dimethoxy-4-hydroxy-cinnamic acid) (Sigma-Aldrich, USA), and other 

chemicals (Sigma-Aldrich, USA) were all used as received. The samples were prepared in 

ultrapure water (MilliQ Purelab Ultra, Darmstadt, Germany). 

4.2.2 Sample preparation 

Preparation of WPI solution 

WPI was dissolved at 2.5% (w/w) in a sodium phosphate buffer (20 mM, pH 7.0) for 4 hrs 

at room temperature and centrifuged at 16,000xg for 30 min. The supernatant was filtered 

over a 0.45 µm syringe filter, and the filtrate was diluted based on dry matter. 

Preparation of sinapic acid solution 

A stock solution of 2% (w/w) sinapic acid (SA) was prepared in a buffer. The pH was 

corrected with NaOH to pH 7.0 and stirred for 4 hrs at room temperature. The pH was 

adjusted to 7.0 every 15 min, which was necessary for the first hour of dissolving. The SA 

solution was filtered over a 0.45 µm syringe filter after complete dissolution. 

Preparation of WPI and SA mixtures 

A WPI solution with a fixed concentration of 0.2% (w/w) was mixed with a SA solution 

varying from 0.04 to 2% (w/w) in a 1:1 (v/v) ratio, which resulted in a final concentration 

of 0.1% (w/w) WPI. This non-oxidised WPI-SA mixture is abbreviated as WS. The WS 

sample was oxidised by adjusting the pH to 10.0 with NaOH, followed by incubation 

overnight (16 hrs) while stirring slowly at room temperature. The pH was adjusted to 7.0 

on the following day, and this solution is the oxidised sample (WSox). SA was also oxidised 

separately using the earlier mentioned method (16 hrs incubation at pH 10) and mixed with 

WPI at pH 7.0, which yielded the separately oxidised sample (WSsepox). A schematic 

overview of different samples and their preparation is depicted in Figure 4.2. 
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Figure 4.2. Explanation scheme of prepared mixtures and abbreviations. 

Filtration of the mixtures to remove unbound phenols 

Selected WS and Wsox mixture solutions were ultra-filtrated with an Amicon stirred cell 

(Merck, Germany) equipped with a 10 kDa-pore size membrane to remove unbound phenols. 

An initial volume of 160 mL WPI-SA mixture was concentrated to 20 mL, which was diluted 

again with 140 mL of buffer, followed by another filtration step to 20 mL of the retentate. 

The retentate was diluted and filtered a total of four times. After three dilutions, the 

conductivity of the filtrate remained constant. The filtration step resulted in approximately 

5% protein loss due to loss on the filtration membrane, and therefore the final retentate 

was diluted with buffer to 95% of the initial volume (152 mL). 

4.2.3 Determination of protein thermal stability by DSC 

The protein thermal stability was studied by differential scanning calorimetry (DSC) using a 

Q100 DSC (TA Instruments, USA). About 50 µL of the solution was weighed in a stainless 

steel high volume pan. All mixtures contained a fixed WPI concentration of 10% (w/w) and 

1% (w/w) of SA. An empty stainless-steel volume pan was used as a reference, and nitrogen 

was used as the carrier gas. Samples were equilibrated for 5 min at 20 °C, which was 

followed by heating to 120 °C at a rate of 5 °C/min. Possible refolding of the proteins was 

evaluated by a cooling step from 120 to 20 °C at a rate of 10 °C/min. Samples were prepared 

in duplicate, and each of these duplicates was measured twice. 

4.2.4 Determination of surface tension and surface dilatational properties 

The interfacial properties were studied with a drop tensiometer PAT-1M (Sinterface 

Technologies, Germany) at 20 °C. The hanging drop method was performed by forming a 

drop of sample solution with a surface area of 20 mm2 at the tip of a needle. The droplet 

shape was monitored for 10,800 s and fitted with the Young-Laplace equation to obtain the 

surface tension. After this waiting time, the droplet was subjected to dilatational 

deformations. Amplitude sweeps were performed with amplitudes ranging from 3 to 30% at 
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a fixed frequency of 0.02 Hz. The droplet was subjected to five cycles at every amplitude. 

Step-dilatations were performed by a sudden extension or compression (step time of 2 s) of 

the area by 10%. All measurements were performed at least in triplicate at 20 °C. 

4.2.5 Rheology data analysis 

The results of the oscillatory amplitude sweeps in dilatation were analysed using Lissajous 

plots of the surface pressure (Π = γ-γ0) versus the deformation ((A-A0)/A0). Here γ and A 

are the surface tension and area of the deformed interface, γ0 and A0 are the surface tension 

and area of the non-deformed interface. Plots were generated for each deformation from 

the middle three oscillation cycles135.  

4.2.6 Preparation of Langmuir-Blodgett films 

Langmuir-Blodgett films of the protein-stabilised interfacial films were prepared using a 243 

mm2 Langmuir film balance (Langmuir-Blodgett Trough KN 2002, KSV NIMA/Biolin Scientific 

Oy, Finland) at room temperature, which was filled with sodium phosphate buffer (20 mM, 

pH 7.0). Protein-phenol mixtures with a 1:10 (w/w) ratio were diluted to a 0.02% (w/w) 

protein content, and 200 μL of the sample was spread on top of the surface using a gas-

tight syringe and were equilibrated for 30 min. The surface layer was compressed at a barrier 

moving speed of 5 mm/min, while the surface pressure was monitored with a Wilhelmy plate 

(platinum, perimeter 20 mm, height 10 mm). After reaching a stable surface pressure, the 

protein layer was transferred on a freshly cleaved mica substrate (Highest Grade V1 Mica, 

Ted Pella, USA) at 1 mm/min withdraw speed. The films were dried in a desiccator, and 

produced in duplicate.  

4.2.7 Determination of the interfacial structure by AFM 

The interfacial structure of the Langmuir-Blodgett films was studied using an atomic force 

microscope (AFM, MultiMode 8-HR, Bruker, USA). Images were recorded in tapping mode 

using the Scanasyst-air model non-conductive pyramidal silicon nitride probe (Bruker, USA) 

with a normal spring constant of 0.40 N/m. A lateral scan frequency of 0.977 Hz was 

employed for all topographical images. The lateral resolution was set to 512 x 512 pixels2 in 

a scan area of 2 x 2 µm2. Duplicates of the Langmuir-Blodgett films were scanned for at 

least two locations to ensure good representativeness. The AFM images were analysed using 

Nanoscope Analysis 1.5 software (Bruker, USA). 

4.2.8 Determination of foam properties 

Foams were produced using a Foamscan foaming device (Teclis IT-Concept, France) by 

sparging nitrogen through a metal frit (27 µm pore size, 100 µm distance between centres 

of pores, square lattice). Aliquots of 40 mL sample were sparged in a glass cylinder (ø = 60 

mm) at a gas flow rate of 400 mL/min to a foam volume of 400 cm3. A camera monitored 
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the decay of foam volume, and from this, the foam half-life time was measured, which is 

the time required for the foam volume to reduce by 50%. The morphology of foam bubbles 

was captured with a camera, and analysed using a custom Matlab script that used DIPlip 

and DIPimage image analysis software to obtain an average bubble size. All experiments 

were performed at least in triplicate at 20 °C.  

4.3 Results and discussion 

4.3.1 Evaluation of protein denaturation properties by DSC 

The interactions between sinapic acid (SA) and whey protein isolate (WPI) were initially 

evaluated by probing the protein denaturation temperatures and enthalpy using differential 

scanning calorimetry (DSC) (Table 4.1). An overview of the samples and abbreviations is 

given in Figure 4.2. The DSC showed the main denaturation peak for WPI (see Figure A4.1 

in the appendix), corresponding to a temperature at 74.4 ± 0.1 °C, and a denaturation 

enthalpy of 13.6 ± 0.7 J/g protein. The whey protein isolate used in this study is a mixture 

of proteins with β-lactoglobulin (74%) and α-lactalbumin (12.5%) as the most abundant 

ones. The denaturation peak is mainly dominated by the denaturation of β-lactoglobulin. 

Additionally, a small shoulder peak is present due to α-lactalbumin, with a denaturation 

temperature of around 65 °C162.  

Table 4.1. Protein denaturation onset and peak temperatures and enthalpy of WPI and WPI-SA 
mixtures dissolved in a 20 mM PO4 buffer, pH 7.0. The averages and standard deviations were 
obtained from four replicates. 

 WPI WS WSox WSsepox 

Tonset (°C) 60.0 ± 0.7 59.9 ± 0.9 54.5 ± 1.3 61.4 ± 0.3 

Tpeak (°C) 74.4 ± 0.1 73.9 ± 0.1 67.5 ± 0.7 74.4 ± 0.2 

Enthalpy  
(J/g protein) 13.6 ± 0.7 13.2 ± 0.9 5.9 ± 0.4 12.2 ± 0.1 

 
Addition of SA to a WPI solution at pH 7.0 (WS) resulted in a denaturation peak temperature 

of 73.9 ± 0.1 °C and a denaturation enthalpy of 13.2 ± 0.9 J/g protein. These values for 

WS were comparable to those of pure WPI (Table 4.1). Non-covalent interactions between 

the compounds were expected, as reported for bovine serum albumin (BSA)74,156. SA has a 

hydroxycinnamic-acid-like structure containing a phenyl ring connected to a carboxyl group 

by a double covalent bond (Figure 4.1), thereby forming a conjugated system31. The 

interactions between BSA and SA were expected to be mainly hydrophobic due to the 

interaction between the hydrophobic phenyl group and hydrophobic domains on the surface 

of the protein. A similar interaction mechanism was confirmed for hydroxycinnamic acid 

derivatives caffeic and ferulic acid and the main whey protein β-lactoglobulin155. Binding of 

these molecules on the hydrophobic domains of the protein surface was confirmed using 

NMR spectroscopy, and resulted in a decrease of protein surface hydrophobicity up to 35%. 
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Another major alteration of the protein was the secondary protein structure, as the 

percentage of β-sheets decreased and unordered structures increased. Coinciding findings 

on structure and surface hydrophobicity were also observed when epigallocatechin, 

chlorogenic, caffeic, ferulic, or coumaric acid was introduced to whey proteins78,79,86. Based 

on these previous studies, we expect the SA to bind non-covalently via hydrophobic 

interactions of the phenyl-ring with hydrophobic domains on the protein surface. This 

interaction would probably also lead to decreased surface hydrophobicity, and an increase 

in unordered secondary protein structures. This alteration of secondary protein structure 

was not reflected in the DSC results, as WS and pure WPI showed comparable thermal 

stability. However, the comparable thermal stability of a protein before and after the addition 

of phenols does not necessarily indicate an unaffected protein structure, which was also 

shown for BSA and biochanin-A mixtures163. The secondary structure of the BSA was found 

to be altered after non-covalent interaction with phenols, as a decrease of α-helix and β-

sheet domains was observed. 

Subsequently, to induce covalent interactions between SA and WPI, the WS mixtures were 

oxidised by overnight incubation at pH 10.0, and the pH was adjusted back to 7.0, which 

yielded WSox. The WSox sample exhibited a slight increase in turbidity (based on visual 

observation) compared to WPI and WS, and a substantial decline of the denaturation peak, 

which was not observed for pure WPI (see Table 4.1 and Figure A4.1 in appendix). The peak 

enthalpy diminished by more than half, and the peak temperature also shifted slightly to 

lower values, close to the Tpeak of α-lactalbumin. This could suggest the loss of the initial 

structure for β-lactoglobulin, while the structure of α-lactalbumin seems to be (partially) 

present. The substantial decrease in protein denaturation enthalpy could be related to the 

formation of phenol-protein aggregates. As mentioned in earlier sections, SA is converted 

into quinones at alkaline pH, which can covalently bind to proteins, and thus cross-linking 

multiple proteins into aggregates. The formation of larger aggregates was also observed for 

WPI-epigallocatechin mixtures after inducing covalent interactions by overnight oxidation at 

alkaline pH81. We also included a negative control, where WPI was given the overnight 

alkaline pH treatment (to pH 10.0), and we obtained similar results in DSC as non-treated 

WPI (see Table A4.1 in appendix).  

To further understand the properties of the WSox mixture, SA was first oxidised separately 

and then added to WPI (WSsepox). The resulting WSsepox mixture had a lower 

denaturation peak with a roughly 10% decrease in enthalpy compared to WPI. Oxidising 

WPI and SA together led to a much larger change in protein denaturation temperatures and 

enthalpy than adding pre-oxidised SA to WPI. One explanation could be the polymerization 

of quinones with each other in the absence of proteins, and this could result in less effective 

bridging to the proteins30. Another explanation could be the difference in pH of the reaction 
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between SA and WPI, as phenols are more reactive at alkaline pH31. In WSox, the WPI and 

SA coexist at pH 10.0, where the phenols are potentially more reactive than the pre-oxidised 

phenols in WSsepox, as WPI and pre-oxidised phenols are only mixed at pH 7.0 in WSsepox. 

The difference in reactivity and possible pre-polymerization probably resulted in less 

aggregation of proteins for the WSsepox compared to the WSox. Please note that the ratio 

of WPI:SA was 10:1 (w/w) for the DSC experiments, which is different from the experiments 

in further sections. This ratio was chosen, since a high concentration of WPI (10%) was 

required for the DSC measurements, and the dissolution of higher concentrations of SA was 

not feasible. Other experiments required lower WPI concentrations that allowed us to go to 

WPI:SA ratios with higher SA contents. In the next sections, we focus on the interface 

stabilising properties of the WPI-SA mixtures. 

4.3.2 Surface oscillatory dilatational rheology 

Non-oxidised mixtures 

The surface activity of WPI and WS mixtures with WPI:SA ratios between 5:1 to 10:1 (w:w) 

was assessed using a drop tensiometer (Figure 4.3A). WPI exhibited an immediate increase 

in surface pressure within a few seconds, and the surface pressure increased continuously 

to 19.0 mN/m after three hours of adsorption. The addition of SA resulted in a surface 

pressure increase over the whole time range with an additional 1.5 mN/m at the highest SA 

concentrations. The surface-active phenols (Figure 4.3A) contributed to increased surface 

activity of the WS mixtures, which could suggest the co-adsorption of SA and WPI on the 

air-water interface. The nature of the stabilised interfacial layer can be further investigated 

by performing deformations at a range of amplitudes (3-30%) in amplitude sweeps. 

  
Figure 4.3. (A) Surface pressure as a function of time at air-water interfacial films stabilised by WPI 
(black) and WPI-SA mixtures with a WPI:SA 5:1 to 1:10 (w/w) ratio (blue lines). A darker blue colour 
indicates a higher concentration of SA compared to WPI. The WPI concentration was 0.1% (w/w) in 
all samples. An insert of the same graph for 1% (w/w) sinapic acid (brown) can be found in the 
bottom-right corner. The surface pressure isotherms represent an average from at least three 
replicates. The standard deviation was below 5%. (B) The surface elastic dilatational modulus as a 
function of deformation amplitude of the same interfacial films as described in graph A (fixed 
frequency 0.02 Hz). The average and standard deviations are the result of at least three replicates. 
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The WPI-stabilised interface exhibited high dilatational elastic moduli (Ed’) above 100 mN/m 

at deformations below 5% and a decrease to 37 mN/m at 30% deformation (Figure 4.3B). 

The amplitude-dependency of the elastic modulus reveals that the interfacial microstructure 

is affected by the applied deformation103. SA-covered interfaces showed an Ed’ around 12 

mN/m, independent of strain amplitude, which indicated a less stiff and more stretchable 

interfacial layer. Mixing WPI and SA resulted in less stiff interfaces than the pure WPI-

stabilised interface, and the elastic moduli decreased with increasing SA concentrations. At 

a WPI:SA ratio of 1:10 (w:w), the Ed’ of the interface declined by between 20-26% over the 

whole amplitude range compared to WPI. Several studies also demonstrated a weakening 

in interfacial layer strength of β-lactoglobulin upon the addition of green-tea 

polyphenols84,157. Another study revealed the same effect for WPI upon the addition of gallic 

acid and epigallocatechin78. The response to the deformations can be analysed more 

accurately using Lissajous plots, since the moduli in Figure 4.3B are based only on the 

intensity and phase of the first harmonic of the Fourier transform of the surface stress, and 

any nonlinearities in the response are neglected. Higher-order harmonics are present, as 

the modulus is amplitude-dependent, and implies that the deformations were in the 

nonlinear viscoelastic regime (NLVE). These nonlinearities can be included by plotting the 

surface pressure against the deformation in Lissajous plots59. 

The Lissajous plots of a WPI-stabilised interface (Figure 4.4) at 5% deformation showed a 

narrow and symmetric ellipse. This indicates linear viscoelastic behaviour with a dominant 

elastic component, and implies the formation of a viscoelastic solid-like layer, as shown in 

earlier work103. The shape of the plots became wider and asymmetric at 30% deformation, 

which is far into the NLVE. At the start of the extension (bottom-left corner), we can observe 

a steep surface pressure increase that indicates a predominantly elastic response. 

Afterwards, the elastic component started to diminish, which was reflected in a gradual 

decrease in the slope of the surface pressure curve. This is related to a gradual loss of 

cohesiveness of the interfacial microstructure, and an increase in the viscous contribution to 

the total surface pressure response. This phenomenon upon extension of the interface is 

called intra-cycle strain softening. The opposite can be observed upon compression, namely 

intra-cycle strain hardening, as the maximum surface pressure reached much higher values 

compared those reached in extension. In earlier work, we attributed this phenomenon to 

the jamming of densely clustered protein regions at the interface103. From the Lissajous 

plots, we can conclude that WPI can form stiff and cohesive interfaces with the rheological 

behaviour of a viscoelastic two-dimensional solid, as described in several studies55,103,109. 

 4 



Chapter 4   
 
 

 
 
88 

 4 

 

Figure 4.4. Lissajous plots of surface pressure as a function of the applied deformation, obtained 
during amplitude sweeps of air-water interfacial films stabilised by WPI and WPI-SA mixtures at a 
1:10 (w/w) ratio. Lissajous plots of a 1% (w/w) SA solution was also included. For clarity, one 
representative plot is shown for each sample, but comparable plots were obtained on at least three 
replicates. 

On the other hand, the Lissajous plots of SA had a narrow shape, and were more tilted 

towards the horizontal axis. From this, we can conclude that SA formed very weak interfaces 

compared to WPI. The Lissajous plots of WS-stabilised (WPI:SA ratio 1:10) interfaces (Figure 

4.4, left) at 5% deformation had a similar shape as WPI-stabilised interfaces, but the plots 

of WS were more tilted towards the horizontal axis, which indicates a weaker network. A 

more pronounced difference can be observed at 30% deformation, where the strain 

hardening at compression became less evident compared to WPI, as the maximum surface 

pressure value in compression decreased from -17 mN/m (WPI) to -13 mN/m (WS). This 

could be due to the presence of SA at the interface, as a reduction of strain hardening would 

imply that first the SA is expelled from the interface into the bulk. Afterwards, the WPI starts 

jamming and again showed a steep increase in surface pressure at the start of the extension. 

At 30% deformation, both WPI and WS showed a comparable strain-softening behaviour 

upon extension, as the curves overlap in extension. This suggests that the WPI in a mixture 

with SA still interacts to form a cohesive interfacial network similar to the pure WPI interface. 

Upon extension, a comparable protein network would imply that the strain hardening in 

compression is due to the desorption of phenols from the interface towards the bulk phase, 

-20

0

20

-0.5 0 0.5
-20

0

20

-0.5 0 0.5

-6

0

6

-0.08 0 0.08
-6

0

6

-0.08 0 0.08
-6

0

6

-0.08 0 0.08

-20

0

20

-0.5 0 0.5

Su
rf

ac
e 

pr
es

su
re

 (m
N

/m
)

Deformation

30
%

 d
ef

or
m

at
io

n
5%

 d
ef

or
m

at
io

n
Non-oxidised Oxidised Separately oxidised

WPI
WS
FWS
SA

WPI
WSox
FWSox

WPI
WS
WSsep

Strain softening 
(extension)

Strain
hardening

(compression)



Influence of phenol sinapic acid on whey protein foaming properties 
 
 

 
 

89 

 4 

followed by jamming of the proteins. We should also keep in mind that the SA interacts with 

the WPI by hydrophobic interactions. As a result, hydrophobic regions on the surface of the 

proteins will be reduced, and less hydrophobic interactions would occur between the proteins 

on the air-water interface. To summarise, the addition of SA to WPI resulted in an increase 

in surface activity and a decrease in interfacial layer strength (Figure 4.3A & B). A WPI:SA 

ratio of 1:10 gave the most pronounced difference compared to WPI alone. Therefore, we 

chose to continue with this ratio in all further experiments.  

Oxidised mixtures 

Oxidised WS (WSox) mixtures were more surface-active compared to the non-oxidised WS 

(Figure 4.5A). Additionally, the Ed’ decreased by 11-18% over the whole amplitude range 

after oxidation (Figure 4.5B).  

  
Figure 4.5. (A) Surface pressure as a function of time at air-water interfacial films stabilised by WPI 
and WPI-SA mixtures. The surface pressure isotherm represents an average from at least three 
replicates. The standard deviation was below 5%. (B) The surface elastic dilatational modulus as a 
function of deformation amplitude of interfacial films stabilised by WPI and WPI-SA mixtures at a 
1:10 ratio (fixed frequency 0.02 Hz). The different samples are given in the legend. The average and 
standard deviations are the result of at least three replicates. 

The Lissajous plots of WSox-stabilised interfaces at 30% deformation (Figure 4.4, middle) 

showed even less strain hardening in compression compared to WS, implying that phenols 

were also adsorbed at the interface, and desorbed into the bulk before the WPI started 

jamming. In the extension part, we can observe a lower surface pressure increase for WSox 

than WPI, and the curve for WSox even starts flattening, which indicates increased strain-

softening of the interfacial layer. This would imply a reduced resistance of the interfacial 

network against extensional deformations, thus altering the interactions between proteins 

at the interface. The proteins in WSox were found to be aggregated, which could explain a 

weaker interfacial network compared to WPI and WS, as fewer proteins are available to 

interact at the interface. A negative control, where WPI was given the same pH-shift 

treatment, was included and gave identical results as untreated WPI in the drop tensiometer 

(see Figure A4.2 in appendix). The effect of phenol oxidation related to interfacial properties 
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was further studied by separately mixing oxidised SA with WPI (WSsepox), which revealed 

a similar surface rheological behaviour as non-oxidised WS (overlapping moduli and 

Lissajous plots, Figure 4.4 & 4.5B). This proves that the oxidation of WPI and SA together 

at pH 10.0 had a more significant impact on the interfacial properties than the addition of 

separately oxidised SA. 

Removal of unbound phenols 

As mentioned in earlier sections, only a fraction of SA is bound non-covalently or covalently 

to the proteins, which implies an unbound fraction of phenols82. To remove SA that is not 

interacting with WPI, the WS and WSox mixtures were filtered to obtain filtered WS (FWS) 

and filtered WSox (FWSox), respectively. Both filtered and non-filtered samples had a 

comparable surface activity (see Figure A4.3 in appendix). A larger difference was 

demonstrated in the interfacial layer stiffness (Figure 4.6).  

 

Figure 4.6. Surface elastic dilatational modulus as a function of deformation amplitude of interfacial 
films stabilised by WPI, WPI-SA mixtures, and filtered WPI-SA mixtures at a 1:10 ratio (fixed 
frequency 0.02 Hz). The different samples are given in the legend. The average and standard 
deviations are the result of at least three replicates. 

Interfacial films stabilised by FWS revealed a slight increase of Ed’ below 10% deformation 

compared to WS, but both FWS and WS had overlapping Ed’ at higher deformations. This is 

also reflected in the Lissajous plots (Figure 4.4), as an FWS-stabilised interface showed an 

increase of maximum surface pressure at 5% deformation, and a similar Lissajous plot at 

30% deformation compared to WS. The FWSox-stabilised interface had a comparable 

rheological behaviour as the FWS-stabilised interface, which implied a sizable increase of Ed’ 

after unbound phenol removal compared to WSox. The Lissajous plot (Figure 4.4) of the 

FWSox-stabilised interface also exhibited more strain hardening than WSox, suggesting 

fewer phenol molecules at the interface. Unbound SA seems to play a larger role in interfacial 

properties after oxidation together with protein. Oxidised SA was also studied separately for 

the interfacial properties, which coincided with the non-oxidised version (see Figure A4.4 in 
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appendix). The strain-softening in extension in the 30% Lissajous plot of FWSox was 

coinciding with the plot of WSox, and implies that the proteins show less resistance to 

extension compared to pure WPI, and thus the interactions between the proteins became 

weaker. 

After the removal of unbound phenols, the samples FWS and FWSox still showed a higher 

surface activity and a decrease of elastic moduli compared to pure WPI. This would imply 

the non-covalent interaction with phenols affected the proteins by reducing the protein 

surface hydrophobicity, and induces changes in protein secondary structure. This was 

reflected in weaker interfaces for WS compared to WPI. Oxidation of the phenols resulted in 

WSox, which showed an even less stiff layer than WS, which could be related to the formed 

protein-phenol aggregates. Still, the removal of unbound phenols resulted in a slight 

increase in moduli, indicating that some unbound phenols could be present at the interfacial 

layer. Additionally, we should keep in mind that traces of unbound phenols might still be 

present after extensive filtration. Besides, non-covalently bound phenols could be released 

from the proteins, when the phenol concentration in the bulk decreases, and thereby still 

co-adsorb at the interface. 
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4.3.3 Interfacial microstructure 

We also evaluated the interfacial microstructure by transferring the interfacial film at a 

surface pressure of 15 or 25 mN/m onto a solid substrate (Langmuir-Blodgett deposition) 

and analysing the topography of the dried film using atomic force microscopy (AFM) ( 

images in Figure 4.7). A heterogeneous structure was observed for the WPI-stabilised films 

at 15 mN/m, where thicker regions were present. The thicker regions could be densely 

clustered proteins that are even more densely compressed at a higher surface pressure of 

25 mN/m. At this surface pressure, a heterogeneous structure was still present, as was also 

demonstrated by others55,112, and related to the rheological nature of the WPI-stabilised 

interface103, which behaved as a heterogeneous viscoelastic solid. The WS mixture exhibited 

a similar heterogeneous structure, and this structure remained after filtration for FWS.  

Oxidation of SA showed changes in microstructure, as the WSox-stabilised interface at 15 

mN/m showed the presence of larger structures. These structures could be the previously 

mentioned aggregates that are cross-linked by quinones. The aggregates were still intact 

and present in the film after filtration. The addition of separately oxidised SA (WSsepox) 

resulted in more clustered areas compared to pure WPI, but they were not as large as the 

aggregates in WSox and FWSox. This suggests that conditions (pH & reaction time) between 

phenol and WPI are key parameters to influence the interaction between phenols and 

proteins. The aggregates are not present at a surface pressure of 25 mN/m, which was also 

observed for interfaces stabilised by heat-denatured WPI aggregates103. In that study, it was 

shown that the aggregates were pushed out of the interface into the bulk phase upon 

compression in the Langmuir trough. It should be noted that the Langmuir-Blodgett films 

are produced by spreading the material at the interface, and may result in a different 

microstructure compared to an interfacial layer formed by spontaneous diffusion of surface-

active material, such as those formed in the drop tensiometer. At a surface pressure of 25 

mN/m, we observed a similar heterogeneous interface for all samples, which we could relate 

to the rheological behaviour at higher deformations, as the moduli of all samples started to 

overlap at 30% deformation in the amplitude sweeps (Figure 4.3, 4.5, and 4.6). This would 

suggest that WPI still forms a heterogeneous viscoelastic layer at the interface in the 

presence of SA. 
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Figure 4.7. AFM images of Langmuir-Blodgett films made from WPI- and WPI-SA mixtures-stabilised 
interfaces. The surface pressure indicates the conditions during film sampling. 
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4.3.4 Step-dilatation experiments 

The structural heterogeneity of the WPI- and WPI-SA mixture-stabilised interfaces were 

further investigated by performing step-dilatations in the drop tensiometer (example in 

Figure A4.5 in the appendix). The relaxation response was characterised by a combination 

of a Kohlraus-William-Watts (KWW) stretch exponential and a regular exponential term 

(Equation 4.1)107. 

𝛾𝛾(𝑡𝑡) = 𝑎𝑎𝑎𝑎− (𝑡𝑡/𝜏𝜏1)𝛽𝛽 + 𝑏𝑏𝑏𝑏−𝑡𝑡/𝜏𝜏2 + 𝑐𝑐  (4.1) 

The stretch exponent β and relaxation time τ1 in the equation are presented in Table 4.2. 

The characteristic time of the second term τ2 and fitting parameters a, b, and c can be found 

in Table A4.2 in the appendix. 

Table 4.2. The stretch exponent β and relaxation time τ1 for WPI and WPI-SA mixtures obtained from 
the step-dilatation experiments. The averages and standard deviations are the result of at least three 
replicates. 

 Extension Compression 

 β τ1 β τ1 

WPI 0.51 ± 0.05 25.9 ± 2.3 0.56 ± 0.01 27.4 ± 6.7 

WS 0.54 ± 0.01 23.0 ± 3.9 0.59 ± 0.03 26.5 ± 1.5 

WSox 0.50 ± 0.04 23.7 ± 3.6 0.59 ± 0.04 19.7 ± 2.3 

WSsepox 0.51 ± 0.02 23.1 ± 2.4 0.62 ± 0.03 24.2 ± 7 

FWS 0.56 ± 0.01 25.9 ± 2.1 0.60 ± 0.02 26.6 ± 2.1 

FWSox 0.53 ± 0.03 22.2 ± 3.4 0.55 ± 0.02 21.6 ± 3.6 

 

The KWW model was applied previously to characterise the relaxation behaviour of WPI-

stabilised interfaces103,108,109, which was described by the first term of the equation. The 

regular exponential term was included to separate the ageing of the interface from the 

relaxation process. All interfaces showed β’s between 0.50-0.56 for extension and 0.55-0.62 

for compression, and relaxation times (τ1) between 19.7 and 27.4 seconds. A value of β<1 

is an indication of dynamic heterogeneity, and reveals the presence of local variations in the 

relaxation kinetics, and is also common in disordered solids111,149. This dynamic 

heterogeneity could be the result of the structural heterogeneity that was revealed in the 

interfacial microstructure (Figure 4.7). The β- and τ1-values of all interfaces were in a 

comparable range, which was also expected, as all AFM images at a surface pressure of 25 

mN/m gave comparable heterogeneous structures. The addition of SA to WPI leads to a 

similar relaxation behaviour of the interfaces, which shows that the WPI in the presence of 

SA still forms solid-like structures at the air-water interface, as also demonstrated in the 

amplitude sweeps, and AFM images. 
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4.3.5 Foams 

Foams were produced by N2-gas injection and were monitored for the foamability and 

stability, which were expressed by the average bubble size, and foam half-life time, where 

half of the foam volume collapsed (Figure 4.8).  

  
Figure 4.8. The half-life time (A) and bubble diameter (B) of foams stabilised by WPI and WPI-SA 
mixtures. Averages and standard deviations are the result of at least three replicates. 

WPI is often described as an excellent foaming agent with high foam stability78,164. In our 

work, WPI exhibited a high foam half-life time of 258 ± 24 min. The presence of SA (WS, 

WSox, WSsepox) diminished the half-life time to 138 – 172 min. This lower foam stability 

could be related to the surface dilatational elastic modulus decrease (Figure 4.3, 4.5, and 

4.6), as the strength of the interfacial layer around the air bubble is often related to foam 

stability53. The increased surface activity after the addition of SA resulted in a smaller air 

bubble size (Figure 4.8B). WSox-stabilised foam showed a slightly longer half-life time 

compared to WS and WSsepox, which is probably due to the smaller bubble size of WSox, 

and can be linked to its higher surface activity. Additionally, the formation of 

aggregates/particles could increase foam stability, as was demonstrated for casein micelles 

and β-lactoglobulin aggregates56,125. These studies suggested that these colloids had little 

contribution to the air bubble surface, but that the micelles/aggregates were trapped in the 

lamellae and plateau borders of the foam, and slowed down the drainage of liquid from the 

foam. Nevertheless, the less stiff interfacial layer of WSox compared to WPI seems to be 

more detrimental for foam stability.  

Removal of unbound phenols (FWS and FWSox) resulted in larger bubble sizes, comparable 

to that obtained with pure WPI, and in a slight increase of the foam half-life time to 181-

188 min. FWS and FWSox still formed less stable foams than WPI (258 min), which aligned 

with the lower surface elastic modulus of films formed by FWS and FWSox compared to pure 

WPI (Figure 4.6). The presence of unbound phenols and the bound phenols on proteins led 

to the formation of weaker interfacial layers, and thus a less stable foam compared to pure 

WPI. Generally, previous studies also showed an increase in foamability after adding phenols 
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to protein, which was related to the co-adsorption of phenols and proteins, and an alteration 

of the protein structure and surface hydrophobicity78,81,86. The type of interaction also 

influenced the foam stability, as the formation of protein aggregates seemed to increase 

foam stability due to blockage of the lamellae and plateau borders in the foams81,84. This 

phenomenon was slightly present in WSox foams, as the stability was higher than WS foams, 

but still lower than pure WPI. The aggregate size is largely determining the effectiveness in 

lamellae and plateau border blockage56, which suggests that the aggregate size in WSox 

was not optimal compared to those in the earlier reported works81,84. Other works also 

demonstrated an increase in foam stability, as the protein solubility increased due to a 

decrease in surface hydrophobicity upon addition of phenols78,86. This cannot occur in our 

work, as we prepare the WPI solutions by centrifugation and filtration to obtain a soluble 

fraction. Therefore, we can largely attribute the foaming properties to the studied interfacial 

properties.  
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4.4 Conclusions 
Interfacial and foaming properties of whey protein isolate were studied in the presence of 

sinapic acid. A schematic overview of the proposed interfacial microstructure stabilised by 

WPI-SA mixtures can be found in Figure 4.9. Whey protein isolate forms a strong viscoelastic 

solid-like layer at the air-water interface (Figure 4.9A), and thereby exhibits high foam 

stability. The addition of sinapic acid results in weaker interfacial layers (Figure 4.9B), and 

oxidation of the phenols further enhances this effect. Oxidation of sinapic acid increases the 

reactivity of sinapic acid towards proteins and cross-links WPI into aggregates (Figure 4.9C), 

as shown by AFM. Removal of unbound phenols caused a slight recovery in interfacial layer 

strength and foam stability, but it was still less compared to whey protein. From this, we 

suggest that the unbound phenols and proteins are both present at the air-water interface, 

and form a weaker interfacial layer than pure protein (Figure 4.9B). Additionally, phenols 

are bound to the proteins, and could presumably induce changes to surface and structural 

properties of the proteins, which should be addressed in further research. The phenol sinapic 

acid can negatively influence the functionality of (whey) proteins, and this negative effect is 

further enhanced upon oxidation of the phenols. The presence of phenols and the possible 

oxidation upon protein extraction (at alkaline conditions) should be considered in the 

production of plant protein extracts from phenol-rich plant sources, and also in the utilization 

of these sources in our food systems. 

 

Figure 4.9. Schematic overview of the proposed interfacial composition of WPI-SA mixtures. The 
illustrated molecules are not on scale.  
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4.5 Appendix 

 

Figure A4.1. DSC raw data: heat flow over temperature of WPI and WSox. 

  
Figure A4.2. Left, surface pressure as a function of time at air-water interfacial films stabilised by 
WPI, and WPI after overnight pH treatment at pH 10.0. The surface pressure isotherms represent an 
average from at least three replicates. Right, surface elastic dilatational modulus as a function of 
deformation amplitude of interfacial films stabilised by WPI, and WPI after overnight pH treatment 
at pH 10.0 (fixed frequency of 0.02 Hz). The average and standard deviations are the result of at least 
three replicates. 

 

Figure A4.3. Surface pressure as a function of time for air-water interfacial films stabilised by WPI, 
WS, FWS, WSox, and FWSox. The surface pressure isotherms represent an average of at least three 
replicates. 
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Figure A4.4. Left, surface pressure as a function of time for air-water interfacial films stabilised by 
sinapic acid (SA) and oxidised sinapic acid. The surface pressure isotherms represent an average of 
at least three replicates. Right, surface elastic dilatational modulus as a function of deformation 
amplitude of interfacial films stabilised by SA and oxidised SA (fixed frequency of 0.02 Hz). The 
average and standard deviations are the result of at least three replicates. 

 

  
Figure A4.5. An example of a step-dilation experiment in both 10% compression or extension in 
surface area. 

 

Table A4.1. Protein denaturation onset and peak temperatures and enthalpy of WPI, and a treated 
WPI sample that was given an overnight alkaline pH treatment (to pH 10.0), and afterwards adjusted 
to pH 7.0. The averages and standard deviations were obtained from four replicates. 

 WPI Treated WPI 

Tonset (°C) 60.0 ± 0.7 60.5 ± 0.8 

Tpeak (°C) 74.4 ± 0.1 74.9 ± 0.4 

Enthalpy (J/g protein) 13.6 ± 0.7 13.5 ± 0.5 
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Table A4.2. All variables of equation 4.1 for WPI, and the WPI-SA mixtures. The average and standard 
deviations are the result of at least three replicates. 

 β τ1 τ2 a b c 

E
xp

an
si

o
n

 

WPI 0.51 ± 0.05 25.9 ± 2.3 526 ± 39 -4.8 ± 0.2 -2.3 ± 0.0 48.3 ± 0.1 

WS 0.54 ± 0.01 23.0 ± 3.9 468 ± 30 -4.4 ± 0.4 -2.3 ± 0.1 46.9 ± 0.2 

WSox 0.50 ± 0.04 23.7 ± 3.6 443 ± 82 -4.1 ± 0.5 -1.8 ± 0.1 48.4 ± 0.2 

WSsep 0.51 ± 0.02 23.1 ± 2.4 428 ± 31 -3.6 ± 0.2 -2.0 ± 0.2 47.5 ± 0.3 

FWS 0.57 ± 0.01 25.9 ± 2.1 474 ± 19 -4.0 ± 0.2 -2.2 ± 0.1 47.8 ± 0.0 

FWSox 0.53 ± 0.03 22.2 ± 3.4 493 ± 83 -5.3 ± 0.2 -2.7 ± 0.2 48.9 ± 0.6 

C
o

m
p

re
ss

io
n

 

WPI 0.56 ± 0.01 27.4 ± 6.7 638 ± 175 5.0 ± 0.7 2.3 ± 0.2 53.1 ± 0.4 

WS 0.59 ± 0.03 26.5 ± 1.5 645 ± 48 3.8 ± 0.3 2.0 ± 0.1 50.6 ± 0.2 

WSox 0.59 ± 0.04 19.7 ± 2.3 845 ± 278 2.5 ± 1.0 0.8 ± 0.1 48.8 ± 0.4 

WSsep 0.62 ± 0.03 24.2 ± 7 641 ± 204 3.6 ± 0.3 1.4 ± 0.1 49.6 ± 0.2 

FWS 0.60 ± 0.02 26.6 ± 2.1 386 ± 221 3.9 ± 0.0 1.9 ± 0.1 50.9 ± 0.3 

FWSox 0.55 ± 0.02 21.6 ± 3.6 504 ± 45 4.5 ± 0.3 1.6 ± 0.2 51.3 ± 0.2 
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Abstract 
Plant seeds store lipids in oleosomes (also known as oil bodies or lipid droplets), which are 

spherical storage organelles with a triacylglycerol (TAG) core surrounded by a phospholipid 

monolayer and proteins. Due to their membrane components, oleosomes have an affinity 

for the air/oil-water interface and have potential as food ingredients. In this study, we mixed 

rapeseed oleosomes with a well-characterised model protein, whey protein isolate (WPI), 

and evaluate their air-water interfacial properties. Oleosomes were found to disrupt after 

adsorption at the interface. AFM images of the interfacial microstructure showed 

TAG/phospholipid-rich regions and membrane fragments, forming a weak and mobile 

interfacial layer. Mixing oleosomes with WPI resulted in an interface with TAG/phospholipid-

rich regions surrounded by whey protein clusters. To understand the contribution of the 

different oleosome compounds on the interfacial properties, oleosome membrane 

components (obtained after oleosome solvent defatting) or rapeseed phospholipids (lecithin) 

were mixed with WPI. The result was an interface where WPI molecules aggregated into 

small WPI domains, surrounded by a continuous phase of membrane components or 

phospholipids. Upon compression, it seems that phospholipids are pushed out of the 

interface, and the WPI molecules interact with each other. Such behaviour was not observed 

for the WPI-oleosome membrane component interfaces, as the adsorbed defatted oleosome 

phase showed high resistance against the applied deformation, probably due to attractive 

forces between membrane proteins and phospholipids. Mixing WPI and rapeseed oleosomes 

resulted in mixed interfaces, which is an important finding for the utilisation of oleosomes 

as an emulsifier in mixed systems. 
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5.1 Introduction 
Plant oilseeds, such as soybeans, rapeseeds, and sunflower seeds, are cultivated worldwide 

for their oils. In plant oilseeds, lipids are present in storage organelles, called oleosomes 

(OS, also known as oil bodies or lipid droplets)165. OS are natural oil droplets with a 

triacylglycerol (TAG) core that is surrounded by a monomeric membrane layer, consisting 

of a phospholipid monolayer with anchored proteins22–24 (Figure 5.1). The diameter of OS 

ranges from 0.2 to 10 µm, depending on the plant source and environmental conditions 

during cultivation22,166. Currently, OS are disrupted with mechanical treatments and organic 

solvents to extract the TAG core for the production of plant oils for food purposes. A side 

product from the oil production are phospholipids, which are commercially known as lecithin. 

Phospholipids are widely applied as emulsifiers to stabilise oil droplets or other colloidal 

structures in the food, cosmetical, and pharmaceutical industry167. A new upcoming trend is 

the so-called minimal processing of ingredients to decrease the environmental impact of the 

purification process45,152,168. Pure phospholipids are obtained through extensive refinery and 

thus is not environmentally friendly. In contrast, the direct use of natural oil droplets, OS, 

would be much more environmentally friendly than pure phospholipids. 

 

Figure 5.1. A schematic structure of the studied materials in this work: oleosomes, dried and defatted 
oleosomes, and rapeseed phospholipids. The components of the illustrations are not to scale.  

OS has several other promising features, such as a high physical and chemical stability 

against lipid oxidation and droplet coalescence25–28 due to the protective protein-

phospholipid membrane, where surface proteins and phospholipids interact through 

hydrophobic and electrostatic forces. The most abundant phospholipids in plant OS 

membranes are phosphatidylcholine and phosphatidylserine166. Next to phospholipids, three 

types of membrane proteins are found in the interface of OS, which are oleosins, caleosins, 

and steroleosins, with oleosin being by far the most abundant one23,165. The outer surface of 

the OS is hydrophilic, due to the polar phospholipid headgroups and membrane protein 

hydrophilic domains being directed outwards24. The overall hydrophilicity of the OS’ surface 
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allows an aqueous extraction from plant material, which is often performed by soaking, and 

disruption of cell walls, followed by separation of solids from the aqueous phase29,169,170.  

Many functionality studies have been performed on OS as a natural oil droplet with high 

chemical and physical stability25,26,102,171. Another potential application could be the role of 

emulsifier/surfactant, which was demonstrated by several studies for OS from different 

sources. Ishii et al. showed the possibility to stabilise oil droplets using soybean OS as an 

emulsifier169. The same was also demonstrated for sunflower seed OS, which was disrupted 

upon homogenisation, and fragments of membrane material formed an interfacial layer 

around the oil droplets102. The unfolding of soybean OS at the air-water interface was 

investigated by Waschatko et al.62,70, and revealed rupture of the OS after adsorption, which 

is presumably followed by structural rearrangement of the interfacial components 

(phospholipids, membrane proteins, and TAGs) over time. Furthermore, Deleu et al. 

revealed that both phospholipids and OS proteins play an important role in emulsion 

stabilisation, as phospholipids were able to form small oil droplets and prevent flocculation 

due to a high negative surface charge. Additionally, the presence of membrane proteins 

provided oil droplet stability against coalescence172. 

The interface stabilising properties of the OS and their membrane components is not well 

understood yet. Therefore, we extracted OS from rapeseeds, which are one of the most 

cultivated oilseeds worldwide and contain about 40% (w/w) oil173, and investigated their 

interfacial properties. To further investigate their interfacial stabilisation mechanisms, the 

OS were defatted to obtain OS membranes. Additionally, we included a commercially 

available rapeseed phospholipid extract (lecithin), which was derived from the OS 

membranes of defatted seeds. As foods are complex multi-component systems, other 

surface-active components will co-exist with OS, possibly influencing the interfacial layer 

formation. An example is proteins, a commonly used emulsifier, which could influence the 

interface stabilising behaviour of OS, and vice versa48. To specifically address this matter, 

the OS were mixed with a model whey protein isolate (WPI) system, as the structural and 

functional (interfacial) properties of these proteins are well characterised103,174.  

In summary, we first studied the air-water interface stabilising properties of the rapeseed 

phospholipids (RPL), followed by those of a less refined system, the defatted oleosomes 

(DOS), and finally of the OS. The components were mixed with WPI to assess the interfacial 

properties of the mixtures. The interfacial properties were evaluated using large amplitude 

oscillatory dilatational (LAOD) and shear (LAOS) rheology. The topography of the interfacial 

films was characterised by atomic force microscopy (AFM) on Langmuir-Blodgett films. Our 

work provides valuable insights into the interface stabilising mechanism of OS and mixtures 

of OS and exogenous proteins. The findings in this work allow the further exploitation of 
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oleosomes as a food ingredient and interface stabiliser in multiphase food systems, such as 

foams and emulsions. 

5.2 Experimental section 

5.2.1 Materials 

Alizze rapeseeds were obtained from a European seed producer. Rapeseed phospholipids 

(RPL, commercial lecithin) (Emulpur RS Lecithin, Cargill, France), whey protein isolate 

(WPI) (BiPro, Davisco Food International, France), and other chemicals (Sigma-Aldrich, 

USA) were all used as received. Ultrapure water (MilliQ Purelab Ultra, Germany) was used 

for all experiments. 

5.2.2 Sample preparation 

Oleosomes extraction 

The oleosome extraction method was based on previous work by Romero-Guzmán et al., 

with several adaptations175. Rapeseeds were dispersed in ultrapure water at a 1:10 (w/v) 

ratio. The pH was adjusted to 9.0 with 1 M NaOH, and the dispersion was stirred for 4 hrs, 

while constantly adjusting the pH to 9.0. After soaking, the dispersion was blended for 1 

min at maximum speed in a kitchen blender (Waring Commercial, 400 W, USA). The slurry 

was passed through a cheesecloth to remove the solids. The pH of the filtrate was adjusted 

to 9.0, and the filtrate was centrifuged at 10,000xg at 4 °C for 30 min. The cream layer was 

collected and re-suspended in ultrapure water at a 1:5 (w/v) ratio. The dispersion was stirred 

for 15 min and centrifuged at 10,000xg at 4 °C for 30 min. The washing step and 

centrifugation step were once more repeated with buffer (sodium phosphate, 20 mM, pH 

7.0) instead of ultrapure water. The oleosome extract was diluted with buffer based on dry 

matter content and used in experiments for a maximum of 5 days with the addition of sodium 

azide and storage at 4 °C. 

Defatting of oleosomes 

Oleosomes were diluted in ultrapure water in a 1:10 (w/v) ratio, frozen using liquid nitrogen, 

and freeze-dried. The freeze-dried oleosomes were defatted by adding hexane in a 1:10 

(w/v) ratio, followed by 2 hrs stirring at room temperature and filtering over filtration paper. 

The defatting steps were repeated three more times. The final residue was dried overnight 

in a desiccator while constantly being flushed with nitrogen gas. 

Protein content 

The protein content was determined by measuring the nitrogen content using a Flash EA 

1112 Series Dumas (Interscience, The Netherlands). The nitrogen content was converted 

into a protein content with a conversion factor of 5.7100. 
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Lipid content 

The lipid content of the oleosomes was determined by solvent (petroleum ether) extraction 

using a Soxhlet. The oleosomes were dried overnight at 60 °C, followed by solvent extraction 

for 6 hrs. The lipid content was determined by weighing the initial sample and the lipids in 

the collection flasks. The measurements were performed in duplicate. 

Dissolving samples 

Whey protein isolate (WPI) was dissolved at 2.5% (w/w) in buffer (sodium phosphate, 20 

mM, pH 7.0) for 4 hrs and centrifuged at 16,000xg for 30 min. The supernatant was passed 

through a 0.45 µm syringe filter, and the filtrate was diluted based on the dry matter 

content. Rapeseed phospholipids (commercial lecithin) and defatted oleosomes were 

dispersed in the buffer by stirring the sample for 2 hrs at room temperature, followed by 

high speed mixing in an Ultra-Turrax (IKA, USA) at 8,000 rpm for 10 s, and hydrated 

overnight at 4 °C. 

Preparation of mixtures 

For the majority of the experiments, a WPI solution with a fixed concentration of 0.2% (w/w) 

was mixed with a 0.2% (w/w) oleosome, defatted oleosome, rapeseed phospholipid 

suspension in a 1:1 (v/v) ratio, which resulted in a final concentration of 0.1% (w/w) of all 

components. When concentrations deviated from this, it will be mentioned in the following 

sections. 

5.2.3 Determination of droplet size distribution 

The droplet size distribution of the oleosomes dispersions was characterised by static laser 

light scattering using a Mastersizer 2000 equipment (Malvern Instruments, UK). The 

refractive indices were 1.469 for the dispersed phase (oleosomes) and 1.330 for the 

dispersant (water). Potential flocculation was assessed by diluting the sample in a 1:1 (v/v) 

ratio with a 1% (w/w) sodium dodecyl sulphate (SDS) solution. Two independent oleosome 

batches were produced, and each sample was measured three times.  

5.2.4 Determination of adsorption behaviour and surface dilatational 

properties 

Adsorption behaviour, frequency sweeps, and step dilatation 

The interfacial properties of the air-water interface, stabilised by the various components, 

and their mixtures, were studied with drop tensiometry. Time sweeps, frequency sweeps, 

and step-dilatations were performed in a PAT-1M drop tensiometer (Sinterface Technologies, 

Germany). The protein solution was injected through a hollow needle to create a hanging 

droplet (area of 20 mm2) at the tip of a needle. The contour of the droplet was fitted with 

the Young-Laplace equation to obtain the surface tension. Before deformations, the droplet 
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was equilibrated for 3 hrs while monitoring the surface tension. Frequency sweeps were 

performed by varying the oscillatory frequency from 0.002 – 0.1 Hz with an amplitude of 

3%. Each frequency cycle was performed with 5 sinusoidal oscillations followed by a rest 

step with the duration of a full oscillation. Step dilatation experiments were performed by 

extending or compressing the interfacial area by 10% with a step time of 2 s. All 

measurements were performed at least in triplicate at 20 °C.  

Amplitude sweeps 

Amplitude sweeps of the interfacial layer were performed using an ADT (Teclis, France), 

which was operated similarly to the PAT. The main difference was the droplet size (area of 

15 mm2) and the needle type (G18). After 3 hrs of waiting time, the droplet was subjected 

to various amplitudes (3-50%) at a frequency of 0.02 Hz. Each amplitude cycle was 

performed with 5 sinusoidal oscillations followed by a rest step of 50 s. All measurements 

were performed at least in triplicate at 20 °C. 

Analysis of large amplitude oscillatory dilatational experiments 

The amplitude sweep data were visualised by plotting Lissajous curves of the surface 

pressure (Π(t) = γ(t)-γ0) versus deformation ((A(t)-A0)/A0). Here, γ(t) and A(t) are the 

surface tension and area of the deformed interface at time t, and γ0 and A0 are the surface 

tension and area of the non-deformed interface. Lissajous plots were made from the middle 

three oscillations of each amplitude cycle.  

5.2.5 Determination of surface shear properties 

The surface shear properties of the interfaces were determined using a double-wall-ring 

(DWR) geometry coupled to an AR-G2 rheometer (TA Instruments, USA). The diamond-

edged ring of the DWR was positioned at the air-water interface of the sample in a double-

wall Teflon trough and covered with a vapour cap to limit evaporation. The interface was 

pre-sheared for 5 min at a shear rate of 10/s, and equilibrated for 3 hrs before a strain or 

frequency sweep. The strain sweeps were performed with strains varying from 0.01-100% 

at a frequency of 0.1 Hz, and the frequency sweeps were performed with frequencies varying 

from 0.01 to 10 Hz at a strain of 1%. All experiments were performed in triplicate at 20 °C. 

In all our studied systems, the contribution of the subphase to the stress signal is negligible, 

as the Boussinesq number (ratio between surface and bulk stress) was >1134. 

5.2.6 Preparation of Langmuir-Blodgett films 

Protein/lipid-stabilised interfaces were deposited on solid substrates to produce Langmuir-

Blodgett (LB) films in a Langmuir trough (KSV NIMA/Biolin Scientific Oy, Finland). Samples 

of pure WPI, oleosome, rapeseed phospholipid, and defatted oleosome contained 0.1% 
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(w/w) material. The WPI-lipid mixtures contained 0.05% (w/w) protein (WPI), and 0.05% 

(w/w) lipids based on dry matter.  

The mixtures of protein with lipid had a protein content of 0.05% (w/w), and lipid content 

of 0.05% (w/w). The Langmuir trough was filled with buffer (sodium phosphate, 20 mN, pH 

7.0), and 200 µL of the sample were injected in the subphase using a syringe. The samples 

were allowed to adsorb and equilibrate at the interface for 3 hrs, while the surface pressure 

was monitored using a Wilhelmy plate (platinum, perimeter 20 mm, height 10 mm). After 

equilibration, the interfacial layer was compressed with barriers moving at a speed of 5 

mm/min to target surface pressures. The interfacial layer was deposited on a freshly cleaved 

mica sheet (Highest Grade V1 Mica, Ted Pella, USA) at a 1 mm/min withdrawal speed. The 

LB films were dried in a desiccator at room temperature, and all films were produced in 

duplicate.  

5.2.7 Determination of interfacial microstructure by AFM 

The topography of the interfacial microstructure was analysed using atomic force microscopy 

(AFM, MultiMode 8-HR, Bruker, USA). The LB films were analysed in tapping mode using a 

Scanasyst-air model non-conductive pyramidal silicon nitride probe (Bruker, USA) with a 

normal spring constant of 0.40 N/m and a lateral scan frequency of 0.977 Hz was applied 

on all images. The scan area was 2 x 2 µm2 and 10 x 10 µm2 with a lateral resolution of 512 

x 512 pixels2. The films were scanned for at least two locations to ensure good 

representativeness, and the images were analysed using Nanoscope Analysis v1.5 software 

(Bruker, USA). 
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5.3 Results and discussion 

5.3.1 Physico-chemical properties of oleosomes 

The aqueous extraction method yielded rapeseed oleosomes (OS) with 88.5 ± 3.8 % (w/w) 

lipids, 7.2 ± 0.3% protein, and the remaining 4.3% should mainly consist of phospholipids 

and minerals. We should also keep in mind that the phospholipids might also be partially 

extracted with the lipid content determination method. The OS suspension had a broad size 

distribution at pH 7.0, ranging from 2 to 300 µm with a d3,2 of 7.97 ± 0.20 µm (Figure 5.2A). 

Sodium dodecyl sulphate (SDS) was added to break up aggregated droplets and revealed 

smaller droplets ranging from 0.2 to 20 µm with a d3,2 of 0.81 ± 0.02 µm. Comparable OS 

composition and droplet sizes were also demonstrated by Romero-Guzmán et al. for 

rapeseed oleosomes extracted at a pH value of 7.0175, where the formation of large 

flocculates was attributed to the low surface charges and the presence of storage proteins29.  

  
Figure 5.2. (A) The volume-based size distribution of oleosomes (solid line) in buffer (20 mM PO4, pH 
7.0). SDS was added to break up possible aggregates to obtain the single droplet size of the oleosomes 
(dashed line). (B) SDS-PAGE under reducing conditions containing marker with the corresponding 
molecular weight in kDa on the left and the defatted oleosomes (DOS) on the right. 

Defatted oleosomes (DOS) were analysed using SDS-PAGE (Figure 5.2B) to investigate the 

efficiency of the OS purification step and the possible presence of rapeseed storage proteins. 

The thickest band in the scan is around 16 kDa, which corresponds to the oleosome 

membrane protein oleosin166. The rapeseed storage protein napin and cruciferin were 

previously found to form bands between 6-10 and 18-28 kDa, respectively176. As only light 

bands are shown in these molecular weight regions, we do not expect the storage proteins 

to play a major role in the interfacial composition and properties. 
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5.3.2 Whey protein – rapeseed phospholipid mixtures 

Adsorption behaviour of whey protein – rapeseed phospholipid mixtures 

First, we studied the interfacial properties of rapeseed phospholipids (RPL) from a 

commercial lecithin, which were extracted from the oleosome membrane as a side product 

of plant oil extraction. During oil extraction, the triacylglycerol (TAG) core was extracted 

using organic solvents, and the remaining membrane is often refined by the removal of the 

proteins to obtain a pure phospholipid extract (lecithin). The removal of protein is also 

reflected in the low protein content of 6.9 ± 1.1 % (w/w). We should keep in mind that the 

main phospholipid in the OS membrane, phosphatidylcholine, possesses a choline group, 

which can contribute to the nitrogen-based protein content. Nonetheless, the protein content 

gives us a rough estimation of the difference in protein content between the RPL, DOS, and 

OS. The surface activity of RPL, whey protein isolate (WPI) and a WPI-RPL mixture at a 1:1 

(w/w) ratio is shown in Figure 5.3.  

 

Figure 5.3. Surface pressure as a function of time of interfacial films stabilised by WPI (black square), 
RPL (dark red circle), and WPI-RPL mixtures (light red triangle) in buffer (20 mM PO4, pH 7.0). The 
surface pressure isotherms represent an average from at least three replicates. The standard 
deviation was below 5%. 

RPL had a lag time of 2 s before the material started to increase the surface pressure. An 

explanation could be the low solubility of RPL, as evidenced by the fact that the suspension 

was turbid and material sedimented over time. Additionally, phospholipids are known to 

form vesicles in water, which might diffuse slowly towards the interface167. The surface 

pressure of RPL increased to a final surface pressure of 25 mN/m after 3 hrs of adsorption. 

WPI showed an immediate surface pressure increase to 8 mN/m, followed by a constant 

increase to a final value of 20 mN/m. The adsorption of WPI was faster than RPL in the first 

70 s, probably due to the low solubility of RPL and slow diffusion of the vesicles. On the 

other hand, RPL reached higher surface pressures after 70 s, as smaller phospholipids can 

form a more densely packed interface114,177. The interfacial packing efficiency of lipid-like 

structures is also determined by the chemical structure of the aliphatic tails, as unsaturation 
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in cis configuration decreases the packing density178. The WPI-RPL mixture led to a similar 

surface pressure as pure WPI in the first two s, which is similar to the lag phase of pure RPL. 

Afterwards, the surface pressure increased to slightly higher values compared to pure WPI, 

but ended again at the same value as WPI after 10,800 s. This could suggest initial 

adsorption of WPI at the interface, followed by RPL. As less free interface is available for RPL 

to adsorb on, the surface pressure did not reach the value of 25 mN/m of pure RPL. To 

further assess the interface stabilising mechanisms of the WPI-OS mixtures, we performed 

shear and dilatational rheology on the interface. 

Interfacial rheology on whey protein – rapeseed phospholipid stabilised interfaces 

The surface shear moduli of interfacial films stabilised by WPI, RPL and WPI-RPL mixtures 

were measured in a strain sweep using a double wall ring geometry coupled to a rheometer 

Figure 5.4A.  

  
Figure 5.4. (A) The surface shear storage (Gi’) and loss (Gi”) moduli as a function of strain of 
interfacial films stabilised by WPI (black square). (B) The surface dilatational storage (Ed’) and loss 
(Ed”) moduli as a function of amplitude of interfacial films stabilised by WPI (black square), RPL (dark 
red circle), and WPI-RPL mixtures (light red triangle) in buffer (20 mM PO4, pH 7.0). Closed symbols 
show the storage modulus (Gi’ or Ed’) and open symbols show the loss modulus (Gi” or Ed”). The 
averages and standard deviations are the result of at least three replicates. 

The WPI-stabilised interface showed a linear viscoelastic (LVE) regime up to 1% strain, 

where the storage (Gi’) and loss modulus (Gi”) remained constant. The Gi’ was found to be 

higher than the Gi” in the LVE, resulting in a tanδ of around 0.24, thus suggesting solid-like 

behaviour. At larger deformations, the response entered the nonlinear viscoelastic (NLVE) 

regime, as the moduli started to decline, revealing that the applied deformation affected the 

interfacial microstructure, thus resulting in softening behaviour. The Gi” had a weak strain 

overshoot between 3 and 10% strain, which is presumably related to the simultaneous 

breakdown and formation of new network junctions, due to the collision of clusters. This 

behaviour is specified as type III nonlinear behaviour, and is commonly found for soft 

solids57. To summarise, the WPI-stabilised air-water interface clearly showed the rheological 

behaviour of a viscoelastic solid, as was also more elaborately demonstrated in our previous 
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work103. Surface shear experiments were also performed on RPL- and WPI-RPL-stabilised 

interfaces but resulted in lower torque values than the minimum torque limits of the 

rheometer. This suggests the formation of a very weak interface with limited in-plane 

interactions between the molecules at the surface. 

A comparable effect is present in the amplitude sweep in dilatational deformations (Figure 

5.4B). The WPI-stabilised interface had a surface dilatational elastic modulus (Ed’) that 

decreased from 84 to 20 mN/m with increasing amplitude. This amplitude dependency 

implies the breakdown of the interfacial microstructure upon applied deformation. Different 

behaviour can be observed for the RPL-stabilised interfaces, which had a constant Ed’ up to 

20% amplitude, implying a prolonged linear viscoelastic (LVE) regime. At higher 

deformations, the interfacial microstructure was disrupted, which was reflected in a decrease 

in elastic modulus. The WPI-RPL mixtures resulted in moduli between 18 and 25 mN/m over 

the whole range of deformations, which is lower than pure WPI or RPL. The interactions at 

the interface were further studied by performing frequency sweeps to evaluate the frequency 

dependence and was quantified using a power-law scaling with frequency, Ed’~ωn. A value 

of n=0.5 would suggest that the elasticity of the interface is predominantly affected by the 

exchange of stabiliser between the bulk and interface144. The n-values of WPI, RPL and WPI-

RPL mixtures were found to be 0.12 ± 0.03, 0.24 ± 0.01, and 0.23 ± 0.03, respectively 

(Table 5.1). RPL had an increased frequency dependency, which revealed a more mobile 

interface compared to WPI. This would also suggest increased transfer between bulk and 

interface for RPL-stabilised interfaces, where the interfacial stabiliser is pushed into the bulk 

upon compression of the interface, and stabiliser adsorbs upon creation of new surface area 

in extension. The higher n-value for WPI-RPL compared to WPI also indicate that RPL 

dominated the rheological properties of the mixtures. The composition of the interface was 

further examined using Lissajous plots and microstructure imaging. 

Table 5.1. An overview of the value of the power-law exponent n, obtained from the dilatational 
frequency sweeps, for pure WPI, OS, DOS, and mixture-stabilised interfaces. The averages and 
standard deviations are the result of at least three replicates. 

 n-value 

WPI 0.12 ± 0.03 

OS 0.30 ± 0.01 

WPI-OS 0.18 ± 0.03 

DOS 0.30 ± 0.03 

WPI-DOS 0.27 ± 0.02 

RPL 0.24 ± 0.01 
WPI-RPL 0.23 ± 0.05 
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Lissajous plots and interfacial microstructure imaging 

To further assess the mechanical and structural properties of the interfacial films, we 

generated Lissajous plots using the interfacial stress and deformation from the dilatational 

deformations. Also, we studied the interfacial microstructure by performing atomic force 

microscopy (AFM) on Langmuir-Blodgett (LB) films (Figure 5.5). Lissajous plots are proven 

to be a useful tool in rheology, as they allow for a detailed study of the nonlinearities in the 

stress response58,59. The shear and dilatation moduli in Figure 5.4 are obtained from the first 

harmonic of the Fourier transformation of the stress signal, which is a suitable method for 

measurements in the LVE regime. When the response enters the NLVE regime, higher 

harmonics are present in the stress response (only odd ones in shear, and even and odd 

ones in dilatation). Higher harmonics are completely neglected in the first harmonic moduli, 

but their contribution can be analysed in Lissajous plots by plotting the interfacial stress 

directly versus the deformation. In earlier work, we demonstrated that microstructure 

imaging of LB films contributes to a better understanding of the behaviour of interfacial 

layers103,108,152. The samples were infused in the subphase of a Langmuir trough filled with 

buffer. After 3 hrs of waiting time (similar to the waiting time in rheology), the diffusion-

based film was compressed and transferred to a substrate, creating an LB Blodgett film.  

In our previous work, a phase transition was found to occur around 21 mN/m in the 

(Langmuir) surface pressure isotherms of WPI103. Surface pressure isotherms have been 

widely studied for Langmuir films stabilised by small molecular weight surfactants179. For 

interfaces stabilised by the latter, the compression state of the interface before the phase 

transition is called the liquid expanded (LE) state, where molecules start increasingly 

interacting and reorienting to a more densely packed layer upon increasing the degree of 

compression. The region after the phase transition is referred to as a liquid condensed (LC) 

state179, where the interfacial stabilisers are compressed into a densely packed interfacial 

layer. Surface pressure isotherms of the lipids can be observed in Figure A5.1 in the 

appendix. We produced LB films in the LE and LC state of a WPI-stabilised interfacial layer 

at surface pressures of 15 and 25 mN/m, respectively179.  
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Figure 5.5. (A) Lissajous plots of surface pressure as a function of the applied deformation, obtained 
from amplitude sweeps of air-water interfacial films stabilised by WPI, RPL, and WPI-RPL mixtures. 
For clarity, one representative plot is shown for each sample, but comparable plots were obtained on 
at least three replicates. (B) AFM images of Langmuir-Blodgett films made from RPL and WPI-RPL 
mixtures. The surface pressure indicates the conditions during film sampling.  
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The Lissajous plot obtained from the WPI-stabilised interfacial film had a symmetric and 

narrow shape at 5% deformation (Figure 5.5A), revealing a linear viscoelastic behaviour, 

where the elastic component dominates the stress response. At higher deformations, such 

as 50%, the interfacial structure was disrupted, which caused the Lissajous plots to become 

asymmetric. The asymmetry helps us to understand the interfacial network structure 

further. If we start at the maximum compression, so at a deformation of -0.50, we can 

observe a rapid increase in surface pressure, which indicates a predominantly elastic 

response. Around a deformation of -0.40, the rapid increase becomes more gradual. This 

point depicts intra-cycle yielding, where the viscous contribution starts dominating, and the 

interfacial layer starts flowing. The gradual decrease of the slope of the plot afterwards is 

called intra-cycle strain softening (in extension). The opposite can be observed in 

compression, as the surface pressure changed steeply to a higher maximum surface 

pressure (-20 mN/m) compared to the one in extension (7 mN/m). This behaviour is called 

intra-cycle strain hardening, which can be attributed to concentrating the proteins (as 

individual molecules or supramolecular structures) on the interface upon compression. As a 

result, more densely clustered regions will be formed that start jamming at such large 

deformations.  

The jamming of these clusters was nicely depicted in the AFM images in Figure 5.5B, as can 

be observed as white structures on the WPI film at 15 mN/m (which corresponds to an 

expanded state). The whey protein clusters were formed due to the segregation of proteins 

at the interface, driven by attractive interactions. Segregation of proteins occurs 

continuously on the interface and is reflected in the constant increase of surface pressure 

after the initial adsorption phase of the proteins. Such long-term processes were found to 

continue even after more than 12 hrs of ageing of the interface55,103. The long time-tail in 

the adsorption kinetics is often attributed to protein denaturation/unfolding and intra-protein 

rearrangements48,49, which seems unlikely, as these long-term processes were also obtained 

for heat-denatured whey proteins103. Therefore, other processes such as protein 

orientational rearrangements and the earlier described segregation of proteins at the 

interface are more likely to cause the long-term processes that result in the time-tail108. At 

a higher compression to a surface pressure of 25 mN/m (which corresponds to a higher 

degree of compression), the WPI interfacial film was densely compressed into a more 

condensed state, where more clusters can be seen on the AFM film. Here, the clusters 

seemed to start interacting and jamming, which coincide with the strain hardening in 

compression in the Lissajous plots at 50% deformation amplitude. From these observations, 

we conclude that the WPI-stabilised interfaces behave as heterogeneous viscoelastic solids. 

The Lissajous plots of the RPL-stabilised interface showed notable differences compared to 

WPI (Figure 5.5A). The plot at 5% deformation had a symmetric and very narrow loop, which 
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suggests an almost fully elastic response. The plot for RPL started to display major 

asymmetries at higher deformations. The plot at 50% deformation had a steep elastic 

response in extension from -0.50 to -0.20 deformation, followed by intra-cycle yielding 

around -0.20 deformation. After yielding, nearly constant surface pressure was observed, 

which indicates intra-cycle strain softening in extension. A minor degree of strain hardening 

in compression can be observed, followed by strain softening between -0.20 to -0.50 

deformation. Phospholipids are known to possess a complex phase diagram, where phase 

transitions can occur depending on, for instance, the degree of compression of the interfacial 

layer179. 

The strain softening in compression could be attributed to three different interfacial 

phenomena: 1. interfacial domains that start to slide over each other; 2. buckling of the 

interface; or 3. exchange of molecules between bulk and interface. Buckling seems 

improbable to occur, as this phenomenon requires strong intramolecular interactions 

between stabiliser molecules at the interface, which, for instance, were earlier observed for 

saponin-stabilised interfaces180,181. Such strong interactions were not observed for RPL in 

both shear and dilatational rheology. In the surface pressure isotherms from the Langmuir 

trough (Figure A5.1 in the appendix), RPL showed a phase transition at 36 mN/m, where 

the slope of the surface pressure isotherm decreases. This point reflected the transition from 

a liquid expanded (LE) to a liquid condensed (LC) phase, where the phospholipid layer was 

densely compressed179, and is also known as a state where the LE and LC phase co-exist. At 

such high compressions, some expanded regions started to form more condensed and solid-

like structures and resulted in the lower slope in the surface pressure isotherm. This phase 

transition could explain the strain softening behaviour in the Lissajous plots at 50% 

deformation, and the formed condensed/solid-like interfacial domains could also start to 

slide over each other at such high compressions. Another explanation could be the exchange 

of RPL between the interface and the bulk upon compression and extension of the interfacial 

area, as the RPL displayed weak in-plane interactions at the interface. AFM images of LB 

films of RPL showed a flat surface with larger structures (Figure 5.5B) and could correspond 

to insoluble material or proteinaceous material. The AFM image remained similar at higher 

compression (to a surface pressure of 25 mN/m), which could imply that material in the flat 

areas are either pushed into the bulk upon higher compressions (or pushed below the 

surface, as AFM only analyses the topography), or started to form a more densely 

compressed layer that might not be visible within the resolution of the AFM. 

Mixing WPI and RPL resulted in a Lissajous plot at 5% deformation, which is more tilted 

towards the horizontal axis than pure WPI (Figure 5.5). This is also reflected in a lower Ed’ 

of the WPI-RPL mixture than pure WPI or RPL-stabilised interfaces. In the AFM image of the 

LB film at 15 mN/m, more and higher structures are present compared to pure RPL. The 
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structures are assumed to be segregated domains of WPI, which could be surrounded by 

phospholipids. The latter formed the continuous phase and dominated the interfacial 

properties, and this would explain the weak interfaces observed in dilatational and shear 

rheology. Whey proteins also seem to prevent the phospholipids from forming an interface 

similar to pure RPL, as the moduli of the mixture were substantially lower compared to either 

pure WPI or RPL. The partial displacement of proteins from a surface by low molecular weight 

surfactants was previously demonstrated for milk proteins and Tween 20, a non-ionic 

surfactant66,182. In these studies, AFM images on the interfacial microstructure also 

demonstrated large surfactant-rich regions that surround domains of milk proteins. They 

resulted in a decrease in surface moduli compared to pure proteins. At higher compressions, 

the AFM image corresponding to the film at 25 mN/m displayed disordered domains of whey 

proteins that seemed to start interacting mutually. The interactions involving whey proteins 

at WPI at a WPI-RPL-stabilised interface can be observed in the Lissajous plot at 50% 

deformation, which overlaps with the Lissajous plot of pure WPI. At such high deformations, 

the RPL is likely to be pushed out of the interface, which would allow the whey proteins in 

WPI-RPL films to start jamming, thus showing a rheological response similar to that of the 

film with pure WPI. In summary, the combination of rheology and microstructure imaging 

on a WPI-RPL mixed interface suggests the formation of whey protein domains, surrounded 

by a continuous RPL-rich phase. 

5.3.3 Whey protein – defatted oleosome mixtures 

Adsorption behaviour and interfacial rheology of whey protein – defatted oleosome 

mixtures 

The complexity of the system was increased by studying defatted oleosomes (DOS), where 

the TAGs were removed from the OS. The RPL is a refined extract from the DOS, and the 

major compositional difference is the presence of membrane proteins in the DOS, as 

reflected in protein content of 69.5 ± 0.3 % (w/w). We also expect a structural difference 

between RPL and DOS, as was previously demonstrated for sunflower DOS, which was found 

to exist as empty membrane shells of OS using scanning electron microscopy102. RPL is more 

likely to be disrupted in the phospholipid refinery process. However, we should be cautious 

with the assumptions on the DOS structure, as the sunflower DOS were analysed in a dry 

state, and these empty OS membrane shells could be disrupted upon dissolution in a polar 

environment. The remaining 30.5% was expected to mainly consist of phospholipids. DOS 

were previously found to be surface-active, as emulsions could be stabilised by sunflower 

DOS102. As expected, the rapeseed DOS were also surface-active at the air-water interface 

(Figure 5.6A). The surface pressure induced by DOS was lower compared to that observed 

with WPI in the first 3 s, and showed a steeper increase afterwards. DOS led to a surface 

pressure around 31 mN/m after 3 hrs, which was almost twice higher than the final surface 
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pressure reached with WPI. Mixing of WPI and DOS resulted in higher surface pressures 

than pure WPI or DOS in the first 500 s of adsorption. Afterwards, the surface pressure 

followed the curve of pure DOS. It seems that WPI and DOS adsorbed at the interface in the 

initial phase, but DOS dominated the behaviour after 500 s. The exact composition of the 

interface was further examined by rheological experiments.  

  
Figure 5.6. (A) Surface pressure as a function of time of interfacial films stabilised by WPI (black 
square), DOS (dark green circle), and WPI-DOS mixtures (light green triangle) in buffer (20 mM PO4, 
pH 7.0). The surface pressure isotherms represent an average from at least three replicates. The 
standard deviation was below 5%. (B) The surface dilatational storage (Ed’) and loss (Ed”) moduli as 
a function of amplitude of the interfaces mentioned in figure A. Closed symbols show the storage 
modulus (Gi’ or Ed’) and open symbols show the loss modulus (Gi” or Ed”). The averages and standard 
deviations are the result of at least three replicates. 

The DOS-stabilised interface had an Ed’ between 19-20 mN/m over the whole range of 

amplitudes from 2 – 50%, with n=0.30 for the power-law dependence of modulus on 

frequency (Table 5.1), and indicated a weaker and more mobile interface compared to WPI. 

The Ed’ of WPI-DOS mixtures coincided with that measured for pure DOS, and had a relative 

high n-value of 0.27. Shear rheology revealed that DOS and WPI-DOS-stabilised interfaces 

were too weak to be measured accurately, suggesting the formation of a very weak interface 

with little in-plane interactions between the molecules at the interface, comparable to the 

RPL-stabilised interface. The dominating behaviour of DOS in adsorption and rheological 

properties of the WPI-DOS mixture could be related to the displacement of whey proteins 

by DOS. The combination of Lissajous plots and microstructure imaging could help us further 

assess the stabilisation mechanism of both components at the air-water interface. 

Lissajous plots and interfacial microstructure imaging 

The Lissajous plots of DOS-stabilised films showed large differences from those of RPL; an 

overview of all Lissajous plots can be found in Figure A5.2 in the appendix. The plots of RPL- 

and DOS-stabilised interfaces at 5% deformation exhibited a narrow ellipsoidal loop (Figure 

5.7A).  
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Figure 5.7. (A) Lissajous plots of surface pressure as a function of the applied deformation, obtained 
from amplitude sweeps of air-water interfacial films stabilised by WPI, DOS, and WPI-DOS mixtures. 
For clarity, one representative plot is shown for each sample, but comparable plots were obtained on 
at least three replicates. (B) AFM images of Langmuir-Blodgett films made from DOS and WPI-DOS 
mixtures. The surface pressure indicates the conditions during film sampling. 

At a higher deformation of 50%, the Lissajous plot of the DOS-stabilised films was narrower 

compared to that obtained for RPL, suggesting a more elastic-dominant behaviour. The 

Lissajous plot also exhibited strain softening in extension and compression to a lesser extent 

than the plot of an RPL-stabilised interface. Therefore, we expect the DOS to form a more 

cohesive interface compared to RPL. AFM images of LB films based on DOS at 15 mN/m 

showed a rather flat surface with higher structures that could be proteins, as DOS had a 

15 mN/m 25 mN/m

DO
S

W
PI

-D
O

S

0.5 µm

0.5 µm 0.5 µm

0.5 µm2.5 µm

2.5 µm

-5

0

5

-0.06 0 0.06
-25

0

25

-0.6 0 0.6

5% deformation 50% deformation

Su
rf

ac
e 

pr
es

su
re

 (m
N/

m
)

Deformation (-)

A

B

Low deformation High deformation

-5

0

5

-0.06 0 0.06
-25

0

25

-0.6 0 0.6

WPI
DOS
WPI-DOS





4 nm

0 nm

softening

hardening

softening

Segregated WPI domains

DOS regions

White: membrane protein

Brown: phospholipid regions



Chapter 5   
 
 

 
 
122 

 5 

protein content of almost 70% (Figure 5.7B). The presence of membrane proteins became 

more obvious at a higher compression to a surface pressure of 25 mN/m, where the 

microstructure became more dense and heterogeneous, as also observed in our previous 

work for a more diluted WPI system103. At such high compression, phospholipids could be 

pushed out of the surface, which would explain the strain softening between deformations 

of -0.35 and -0.50 in the Lissajous plot at 50% deformation amplitude.  

A WPI-DOS-stabilised interface showed a Lissajous plot at 50% deformation that is even 

more tilted towards the horizontal axis compared to pure DOS, which indicates an even 

weaker interface. On the other hand, the strain softening in compression was not observed 

for WPI-DOS. The AFM image of the LB film at 15 mN/m (Figure 5.7B) showed similar 

segregated WPI domains as on the WPI-RPL films (Figure 5.5B). The WPI domains could be 

surrounded by DOS material, such as membrane proteins and phospholipids that dominated 

the interfacial properties. This would explain the weak interfaces observed in dilatational 

and shear rheology. At a higher surface pressure of 25 mN/m, the AFM image showed a 

similar microstructure with segregated whey protein domains. A slight change can be 

observed in the continuous phase between the domains, as more structures could be 

observed. The emerging structures could suggest the presence of membrane proteins in this 

phase, which started to segregate at higher compressions, as demonstrated in the AFM 

images of pure DOS films at a surface pressure of 25 mN/m. Increased segregation of 

membrane proteins might be reflected in the absence of the strain softening in compression 

in the Lissajous plot at 50% deformation amplitude, while the strain softening was present 

in the (50% deformation) plots of pure DOS-stabilised interfaces. Additionally, whey proteins 

might contribute to the overall interaction on the WPI-DOS-stabilised interface.  

The WPI-DOS and WPI-RPL mixed interface showed the formation of segregated whey 

protein domains, surrounded by a continuous phase of either DOS (phospholipids and 

membrane proteins) or RPL (phospholipids). A major difference was the resistance against 

high compression/deformation, as RPL seemed to be pushed out of the interface, allowing 

whey proteins to interact, which did not occur for DOS. The higher protein content in DOS 

could have played a major role in this behaviour. The OS membrane proteins are known to 

be strongly anchored into the membrane, as membrane proteins form strong hydrophobic 

and electrostatic interactions with the phospholipids in the interfacial layer172. Thus, 

membrane proteins could prevent the phospholipids in a DOS-stabilised interface from being 

expelled into the bulk upon (high) compression. In contrast, the expulsion of phospholipids 

did occur in an RPL-stabilised interface, where substantially fewer membrane proteins were 

present. A difference in in-plane molecular interactions is reflected in the surface pressure 

isotherms (Figure A5.1 in the appendix): for the DOS-based films, a change from an LE 

phase into an LC state without an LE-LC co-existence phase (slope increased after transition 
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point at 29 mN/m), was observed, whereas the co-existence phase was present for the RPL-

based film (slope decreased after transition point at 36 mN/m). The strong interactions 

between proteins and phospholipids in the DOS is likely to contribute to the transition to a 

more condensed state upon compression. RPLs also adsorbed more slowly to the interface 

than whey proteins in the first 70 s. A slow adsorption behaviour would result in the presence 

of less RPL on the WPI-RPL interface, whereas more DOS might be present on the WPI-DOS 

interface. 

5.3.4 Whey protein – oleosome mixtures  

Adsorption behaviour and interfacial rheology of whey protein – oleosomes 

mixtures 

Finally, we increased the complexity of the lipid components by using non-defatted 

oleosomes (OS), and the surface activity of OS, WPI and WPI-OS is shown in Figure 5.8.  

  
Figure 5.8. (A) Surface pressure as a function of time of interfacial films stabilised by WPI (black 
square), OS (dark blue circle), and WPI-OS mixtures (light blue triangle) in buffer (20 mM PO4, pH 
7.0). The surface pressure isotherms represent an average from at least three replicates. The 
standard deviation was below 5%. (B) The surface dilatational storage (Ed’) and loss (Ed”) moduli as 
a function of amplitude of interfacial films stabilised by WPI (black square), OS (dark blue circle), 
and WPI-OS mixtures (light blue triangle) in buffer (20 mM PO4, pH 7.0). Closed symbols show the 
storage modulus (Ed’) and open symbols show the loss modulus (Ed”). The averages and standard 
deviations are the result of at least three replicates. 

The OS had an immediate increase of surface pressure, starting at 12 mN/m, and remained 

constant for about 10 s. Subsequently, the surface pressure increased rapidly for 200 s, 

followed by a more gradual increase to 25 mN/m after 3 hrs of adsorption time. Several 

studies already reported a high surface activity and the ability to stabilise interfaces for 

OS62,102,169. Waschatko et al. used Brewster angle microscopy to study the structure of an 

air-water interface stabilised by soybean OS in a Langmuir trough62,70. In this work, a slow 

initial adsorption phase of OS was observed, similar to our findings in Langmuir trough 

experiments (data not shown). The slow initial adsorption phase would explain the constant 

surface pressure in the first 10 s for OS in Figure 5.8, and was followed by a rapid increase 

that could be related to the rupture of OS at the air-water interface. After the oleosome 
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rupture, phospholipids, proteins and triacylglycerol (TAG) are rearranging and forming 

phospholipid- and TAG-rich regimes. The interfacial rearrangement phase could explain the 

slower increase of surface pressure after 200 s in Figure 5.8. For sunflower OS, the rupture 

of OS was found to depend on the size, as OS larger than 1 µm ruptured at the oil-water 

interface, while oleosomes with a smaller diameter (< 1 µm) remained intact102. The rupture 

of natural oil storage reservoir structures positioned at an air-water interface has also been 

demonstrated for low-density lipoproteins (LDL) from egg yolk, consisting of a lipid core 

surrounded by a phospholipid monolayer and membrane proteins183,184. The rupture of LDL 

and spreading of their phospholipids and membrane proteins was referred to as the main 

contributor to the emulsifying properties of egg yolk185, thus suggesting a similarly 

prominent role of oleosome membrane components upon rupture. Mixing WPI and OS 

resulted in a higher surface pressure increase in the first 3,000 s than pure WPI or OS, and 

had a final surface pressure of 24 mN/m. A higher surface pressure increase of the mixture 

suggests the co-adsorption of whey proteins and OS at the air-water interface. The interface 

stabilising mechanisms of WPI-OS mixtures were further assessed by performing surface 

rheology. 

In surface shear rheology, the OS-stabilised interfaces were too weak to be measured 

accurately, suggesting the formation of a weak interface with limited in-plane interactions 

at the interface, as observed for RPL and DOS. We were able to obtain reliable values for 

the WPI-OS-stabilised interface (see Figure A5.3 in the appendix). The interface stabilised 

by the WPI-OS mixture had a modulus decrease of almost one order of magnitude, and a 

higher tanδ in the LVE regime (0.50-0.60) compared to pure whey protein-stabilised 

interfaces (tanδ = 0.24). The presence of OS caused whey proteins to form weaker and less 

solid-like interfaces, probably due to the disruption of the whey protein lateral network by 

the OS adsorbed material. 

A comparable effect is present in the amplitude sweep in dilatational deformations (Figure 

5.8B). The moduli of OS-stabilised interfaces remained nearly constant over the entire range 

of amplitudes, and implied the formation of a weak and more stretchable interfacial layer. 

The whey protein-OS mixture-stabilised interface showed moduli close to those obtained 

with the pure OS, with an LVE regime up to 20% amplitude, followed by softening at higher 

deformations. The interactions at the interface were further studied by performing frequency 

sweeps, which resulted in n-values of 0.30 ± 0.01 and 0.18 ± 0.03 for OS and WPI-OS, 

respectively (Table 5.1). The moduli of OS-stabilised interfaces showed an increased 

frequency dependency, which revealed a more mobile interface compared to films obtained 

with WPI and the WPI-OS mixture. A more mobile interface suggests increased mass transfer 

between interface and bulk, as observed for DOS and RPL interfaces. The exact interfacial 

composition was further analysed using Lissajous plots and microstructure imaging.   
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Lissajous plots and interfacial microstructure imaging 

The 5% deformation Lissajous plots of the OS-stabilised interface had a symmetric and 

narrow loop, again suggesting a dominating elastic response (Figure 5.9A).  

 

Figure 5.9. (A) Lissajous plots of surface pressure as a function of the applied deformation, obtained 
during amplitude sweeps of air-water interfacial films stabilised by WPI, OS, and WPI-OS mixtures. 
For clarity, one representative plot is shown for each sample, but comparable plots were obtained on 
at least three replicates. (B) AFM images of Langmuir-Blodgett films made from WPI, OS, and WPI-
OS mixtures. The surface pressure indicates the conditions during film sampling. 

At 50% deformation, the shape of the plot was still narrow, but it exhibited a slight strain 

softening in compression. The strain softening occurred in the last part of the compression 

cycle between -0.30 and -0.50 deformation, which is likely to occur due to the exchange of 
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stabiliser between bulk and interface, as the interface has a high frequency dependence and 

weak in-plane interactions. The AFM image of the OS-stabilised film at 15 mN/m was found 

to be highly complex (Figure 5.9B, left). A magnified image of the surface allows us to 

evaluate the films in more detail (Figure 5.9B, middle). In the images, a large flat and higher 

area is present (labelled as ‘a’ ), which could be TAG-rich regions, formed after rupturing 

the OS at the interface. Rupture of the OS should yield fragments of the phospholipid/oleosin 

membrane, which could be the structures labelled as ‘b’. Additionally, many smaller spherical 

structures between 50-200 nm are present in the film. At this point, we can only speculate 

about the nature of these structures that could be small OS or phospholipid-protein clusters. 

The AFM images are in agreement with the observations that larger oleosomes would rupture 

at an interface102. At a higher surface pressure of 25 mN/m, we observe a much flatter 

surface with fewer structures. Several spherical structures around 1 µm were present, which 

could be the TAG or phospholipid-rich regime. Overall, most of the structures observed at a 

surface pressure of 15 mN/m disappeared from the surface. From these images, it seems 

plausible that material is pushed out of the interface, either into the bulk or into a sub-layer 

(AFM only studies the topography of the interfacial microstructure and cannot distinguish 

between these two). The rheological response of OS-stabilised interfaces confirms this 

scenario since the interfaces were found to be weak and stretchable, and the response was 

significantly frequency-dependent. 

The WPI-OS mixtures led to Lissajous plots similar to OS at a 5% deformation (Figure 5.9A). 

Interestingly, the plots started to overlap more with those obtained with WPI at larger 

deformation, which was most pronounced at 50% deformation, as the Lissajous plot 

obtained with WPI-OS coincided with the plot for WPI. Based on the adsorption isotherms, 

both whey proteins and OS are present at the interface (Figure 5.8), and can also be 

observed in the AFM image at 15 mN/m that showed a different structure than for the films 

made with pure WPI or OS (Figure 5.9B left). These images showed flat regions (labelled as 

‘c’) surrounded by structures that largely resemble the protein clusters of in WPI-based films 

(see magnified image). The flat regions could be phospholipid- or TAG-rich regimes, formed 

after rupturing of the oleosomes. Larger structures between 0.2 – 1 µm were also present 

and were presumed to be intact oleosomes. At a high surface pressure of 25 mN/m, an 

overall dense structure can be observed. This confirms that the clusters observed at low 

deformation were whey proteins, which started to jam and interact at a larger compression. 

Simultaneously, the OS material (TAG or phospholipids) might be pushed out of the interface 

or into a lower sublayer. Such behaviour is confirmed by the Lissajous plots, where at low 

deformations, the OS seemed to dominate the response, and the rheological response of 

the WPI-OS mixture became WPI-dominated at higher deformations. To summarise, the 
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WPI-OS mixture formed a mixed interface with domains of phospholipid/TAG-rich regimes, 

surrounded by whey protein clusters. 

The interface stabilising behaviour of WPI-OS and WPI-RPL mixed films showed similarities, 

as the lipids were pushed out upon compression, and whey proteins started to interact, as 

shown in the rheology, especially at large deformations of 50% deformation amplitude. It 

seemed that more lipids were pushed out of the WPI-OS films compared to WPI-RPL, as 

substantially more whey protein clusters were present on the WPI-OS film at higher 

compression. We attribute such behaviour to the presence of TAG-rich regions at the WPI-

OS mixtures, which could be easily pushed into the bulk or below the surface upon 

compression, as little lateral interaction is expected between the TAGs. If TAGs are pushed 

into the bulk, we would expect a transition in a colloidal state, as free lipids in a polar phase 

would be thermodynamically unfavourable. Droplets of TAGs could be stabilised by excess 

interfacial stabilisers (protein or phospholipids) in the bulk. We should also keep in mind 

that the membrane material (phospholipids and proteins) was lower in OS compared to DOS 

or RPL due to the presence of TAGs, as all lipid extracts were standardised on dry matter. 

5.3.5 Step-dilatation 

The interfacial films stabilised by WPI and rapeseed lipids were further analysed by 

performing step-dilatations in the drop tensiometer by suddenly expanding the interfacial 

area by 10%. The sudden expanding step resulted in a relaxation response, which depends 

on the stiffness and mobility of the formed interfacial layer. The relaxation response was 

fitted using equation 5.1, which is a combination of a Kohlraus-William-Watts (KWW) 

stretch exponential and a regular exponential term. The KWW model described the 

relaxation behaviour of the interface, while the second term was included to decouple the 

ageing of the interface from the relaxation process. 

𝛾𝛾(𝑡𝑡) = 𝑎𝑎𝑎𝑎− (𝑡𝑡/𝜏𝜏1)𝛽𝛽 + 𝑏𝑏𝑏𝑏−𝑡𝑡/𝜏𝜏2 + 𝑐𝑐  (5.1) 

The stretch exponent β and relaxation time τ1 are reported in Table 5.2. Other values are 

the characteristic time of the second term τ1 and fitting parameters a, b, and c, and can be 

found in Table A5.1 in the appendix. 
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Table 5.2. The β and τ1 values for interfaces prepared with WPI, OS, DOS, RPL, and mixtures of WPI-
OS, WPI-DOS, WPI-RPL at 10% extension. Other variables can be found in Table S5.1 in the appendix. 
The averages and standard deviations are the result of at least three replicates. 

 β τ1 (s) 

WPI 0.51 ± 0.05 25.9 ± 2.6 

OS 0.56 ± 0.04 11.3 ± 1.5 

WPI-OS 0.61 ± 0.04 14.7 ± 4.9 

DOS 0.54 ± 0.10 11.3 ± 2.8 

WPI-DOS 0.64 ± 0.01 18.5 ± 1.9 

RPL 0.58 ± 0.04 10.7 ± 2.1 

WPI-RPL 0.60 ± 0.01 11.2 ± 3.6 

 

The stretch exponent β was between 0.51 and 0.64 for all interfaces. A β-value below 1 

suggests dynamic heterogeneity in the relaxation response, which could result from local 

variations in the relaxation kinetics, thus leading to a wide distribution of relaxation times. 

β-values between 0.52 and 0.68 have been observed for a wide range of protein-stabilised 

interfaces103,108,110. The occurrence of dynamic heterogeneity was closely related to structural 

heterogeneity of the interfacial microstructure, as also observed for the interfaces studied 

in this work.  

A significant difference was observed in the relaxation times τ1: RPL-, DOS- and OS-

stabilised films showed relaxation times around 11 s, whereas films made of WPI-lipid 

mixtures showed relaxation times between 11.2 – 18.5 s. The whey protein-stabilised 

interface had the highest relaxation time of 25.9 s, which was expected as whey proteins 

formed stiff and solid-like interfacial layers and a low frequency-dependence (n = 0.12) in 

dilatational deformations (Table 5.1). The pure lipid (RPL, DOS and OS) and WPI-lipid-

stabilised interface had lower relaxation times, showing a more mobile interfacial layer, as 

confirmed by the n-values (0.18-0.30). The more mobile interfaces were also in line with 

the rheological responses, as the lipid-stabilised interfaces exhibited predominantly elastic 

responses with weak in-plane interactions. At a step-dilatation of 10% area deformation, 

the lipids also affected the interfaces stabilised by the WPI-lipid mixtures, as the relaxation 

times were lower than pure WPI. The WPI-RPL interface had a similar relaxation time around 

11 s, suggesting the earlier mentioned dominating rheological behaviour of RPL in WPI-RPL 

mixtures at low deformation. WPI-OS-stabilised interfaces had a slightly higher relaxation 

time (15 s) compared to the pure OS-stabilised interface. The slight increase of relaxation 

time could be due to the whey protein domains on the WPI-OS-stabilised interface that 

contributed to a slightly increased resistance in the relaxation response. The whey protein 
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clusters in WPI-OS (Figure 5.9) were also more widely distributed over the interface 

compared to those in the WPI-RPL system (Figure 5.5), which were segregated into domains. 

This would cause the whey protein clusters in the WPI-OS-stabilised films to interact at a 

lower compression than for the WPI-RPL films, which was also shown in the AFM images, as 

the WPI-OS films at a high compression (25 mN/m, Figure 5.9) showed a much denser 

structure with more whey protein clusters compared to the WPI-RPL system (Figure 5.5). 

Finally, the WPI-DOS-stabilised interfaces had a higher relaxation time of 19 s. At a higher 

compression at 25 mN/m, the AFM image of WPI-DOS films (Figure 5.7) showed more 

segregated structures than pure DOS-based films, which was also reflected in the 

disappearance of strain softening in compression in the 50% deformation Lissajous plot of 

the WPI-DOS-based film. This might imply that whey proteins contribute to the overall 

interaction on the WPI-DOS-stabilised interface, thereby increasing the relaxation time. In 

general, we demonstrated that rapeseed lipids largely dominate the interfacial properties of 

WPI-lipid mixtures. 
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5.4 Conclusion 
In this work, we characterised interfacial films stabilised by whey proteins (WPI), rapeseed 

lipids, and WPI-lipid mixtures. Whey proteins formed stiff interfacial layers that behaved as 

viscoelastic solids, while rapeseed oleosomes (OS) formed weak and stretchable interfacial 

layers. The adsorption and proposed interface stabilisation mechanisms are shown in Figure 

5.10A.  

 

Figure 5.10. (A) Schematic representation of the adsorption and interface stabilisation mechanism of 
oleosomes. (B-D) Schematic representation (top view) of the interface stabilised by whey protein-
lipid mixtures. The components of the illustrations are not to scale. 

The OS membrane was found to rupture at the air-water interface, followed by the spreading 

of the membrane components (phospholipids and proteins) and the triacylglycerol (TAG) 

core. As a result, TAG- and phospholipid-rich regions were formed, as shown in AFM images 

of Langmuir-Blodgett films. Additionally, the smaller intact OS seemed to be present in the 

films. Whey proteins and lipids were also used concomitantly, and a proposed schematic 

representation of the mixed interfaces is shown in Figure 5.10B-D. The AFM images of films 

made of WPI-OS mixtures showed a mixed interface of WPI and OS, where regions of 
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phospholipid or TAG from OS were surrounded by clusters of whey proteins (Figure 5.10B). 

At low deformations in dilatational surface rheology, the OS dominated the surface response, 

which was visible in the Lissajous plots. At higher deformations, adsorbed whey proteins 

started jamming, and OS material was pushed out of the interface, which resulted in an 

overlapping Lissajous plot of pure WPI and WPI-OS films. 

The influence of OS membrane components was also studied by incorporating a defatted 

oleosome (DOS) extract and a rapeseed phospholipid extract (RPL). Mixtures of WPI and 

DOS showed a continuous phase of phospholipids or membrane fragments, and domains of 

segregated whey proteins could be observed (Figure 5.10C). The continuous phase 

dominated the rheological response over the entire range of tested deformations. The last 

included sample was RPL. At low deformations, the RPL dominated the rheological response 

in WPI-RPL mixtures, as the microstructure of the interface was found to coincide with that 

of the WPI-DOS system (Figure 5.10D). A distinct difference was observed at higher 

deformations, where whey proteins started to dominate the rheological response, as the 

protein-rich regions started jamming and interacting, just like with the WPI-OS mixture. It 

appeared that the presence of OS membrane proteins influences the rheological properties 

induced by the lipids, probably by interactions with the phospholipids, thus increasing the 

resistance against deformation. The components in the DOS suspension were more surface-

active compared to the RPL ones, and might also have contributed to the increased 

resistance against deformation in films prepared with WPI-DOS mixtures. From this, we 

conclude that whey proteins and rapeseed lipids form mixed interfaces. Processing of the 

lipids can largely influence the composition (protein/phenol/TAG) and the state of the lipids, 

and these properties determine the interface stabilising properties of the lipid extracts.  

Our work provided new insights into the interface stabilising properties of OS and their 

membrane constituents, especially in a mixture with proteins. The OS seem to possess 

similar interface stabilising properties as RPL, a widely used emulsifier. Therefore, the 

properties of both lipid sources in a mixture with proteins were found to be remarkably 

similar. Therefore, OS could play a role as a more sustainable alternative for phospholipids 

(lecithin). These findings are an important step to further explore the potential of oleosomes 

as sustainable ingredients and interface stabilisers in food systems. 
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5.5 Appendix 
 

  
Figure A5.1. Surface pressure isotherms of Langmuir films stabilised by OS, DOS, or RPL, obtained 
from compression of the films. The films were produced by injecting 0.1 or 1% (w/w) sample at the 
bottom of the Langmuir trough, followed by 3 hrs of equilibrium time before compression.  

0

10

20

30

40

50 150 250

Su
rf

ac
e 

pr
es

su
re

 (m
N

/m
)

Area (cm2)

1% (w/w)

0

10

20

30

40

50 150 250

Su
rf

ac
e 

pr
es

su
re

 (m
N

/m
)

Area (cm2)

0.1% (w/w)

OS
DOS
RPL



 Mixed interfaces stabilised by whey protein – rapeseed lipid mixtures 
 
 

 
 

133 

 5 

 

Figure A5.2. Lissajous plots are depicting surface pressure as a function of the applied deformation, 
obtained from amplitude sweeps of air-water interfacial films prepared with WPI, lipids, and WPI-
lipid mixtures. For clarity, one representative plot is shown for each sample, but comparable plots 
were obtained on at least three replicates. 
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Figure A5.3. The surface shear storage (Gi’) and loss (Gi”) moduli as a function of strain of interfacial 
films stabilised by WPI (black square) and WPI-OS mixtures (light blue triangle) in buffer (20 mM 
PO4, pH 7.0). Closed symbols show the storage modulus (Gi’) and open symbols show the loss modulus 
(Gi”). The averages and standard deviations are the result of at least three replicates. 

 

Table A5.1. All variables of equation 5.1 for WPI, lipid, and WPI-lipid stabilised interfaces. The 
average and standard deviations are the result of at least three replicates. 

 a b c β τ1 τ2 

WPI 5.0 ± 0.7 2.3 ± 0.2 53.1 ± 0.4 0.51 ± 0.05 27.4 ± 6.7 638 ± 175 

OS 1.2 ± 0.3 0.5 ± 0.1 45.0 ± 0.9 0.56 ± 0.04 11.3 ± 1.5 1002 ± 215 

DOS 1.4 ± 0.2 0.4 ± 0.1 36.5 ± 0.5 0.54 ± 0.06 11.3 ± 2.8 693 ± 327 

RPL 3.8 ± 0.4 0.7 ± 0.1 46.6 ± 0.1 0.58 ± 0.04 10.7 ± 2.1 392 ± 49 

WPI-OS 2.1 ± 0.4 0.5 ± 0.1 45.9 ± 0.2 0.61 ± 0.04 14.7 ± 4.9 399 ± 75 

WPI-DOS 2.0 ± 0.2 0.9 ± 0.2 47.5 ± 4.2 0.64 ± 0.03 18.5 ± 1.9 415 ± 254 

WPI-RPL 3.5 ± 0.6 0.9 ± 0.2 48.9 ± 0.4 0.56 ± 0.02 11.2 ± 3.6 410 ± 54 
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Abstract 
There is an increasing interest to apply oleosomes (plant oil storage organelles) as natural 

oil droplets in food systems. Lipids are usually known to be detrimental for protein-stabilised 

foams due to the weakening of interactions between adsorbed proteins, or by forming oil 

bridges between two protein surfaces. Both mechanisms can lead to film rupture, and 

thereby destabilise protein-stabilised foams. Little is known about the influence of oleosomes 

on protein-stabilised interfaces and foams. Therefore, these properties were studied for 

rapeseed protein–rapeseed oleosome mixtures at various protein concentrations and ratios. 

At 0.1 and 0.2% (w/w) protein content, oleosomes were found to co-adsorb with proteins 

at the interface, followed by rupture of oleosomes and release of triacylglycerols and 

phospholipids. This led to weaker in-plane interactions between adsorbed proteins. As a 

result, the foamability and foam stability of protein-oleosome systems were substantially 

lower compared to systems made with pure proteins. At 0.5 and 1.0% (w/w) protein 

content, the rapeseed proteins were found to dominate the interfacial properties. At such 

high concentrations, the proteins formed a dense solid-like layer, which prevented the 

oleosomes from co-adsorbing at the interface. Also, in foam systems at high protein 

concentrations, the proteins seemed to outcompete the oleosomes for the interface, leading 

to higher foam stability. Here, we have demonstrated that the detrimental influence of 

oleosomes on protein-stabilised interfaces and foams can be controlled by varying the 

amount of oleosomes and rapeseed proteins in the mixture, which is a promising outcome 

to further utilise oleosomes in aerated food systems. 
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6.1 Introduction 
Oilseeds are widely cultivated for oil production, and are essential in a healthy human 

diet186,187. Examples of such plant crops are soybean, sunflower seed and rapeseed. Their oil 

is generally extracted by pressing, followed by an organic solvent-based extraction 

step188,189. Such processing disrupts the naturally occurring oil reservoirs in plants, known 

as oleosomes, oil bodies, or lipid droplets22,102,190. Oleosomes are natural oil droplets 

(diameter 0.2 – 10.0 µm) of triacylglycerols (TAG), which are surrounded by a protective 

monolayer of phospholipids with anchored membrane proteins, mostly oleosins (Figure 

6.1)22,23,165,166. Oleosomes can be extracted without physical disruption by aqueous mild 

purification methods175, and possess exceptional high chemical and physical stability against 

lipid oxidation and droplet coalescence25–28.  

Despite the exceptional properties of oleosomes, the food industry, instead of using them 

as such, creates “artificial” oil droplets by emulsifying the oleosome-derived oil with 

emulsifiers. If the use of intact oleosomes for food applications could be facilitated, the 

processing steps of oil extraction and oil droplet formation can be avoided. Therefore, 

oleosomes can play an important role in the sustainable food transition, in applications such 

as natural emulsions in liquid/solid foods, or even as a functional component in oil 

structuring22,169,171.  

 

Figure 6.1. Schematic overview of the oleosome structure. The components in the illustration are not 
to scale.  

The aforementioned food applications are obvious for oleosomes, but oils/lipids could also 

be applied as a functional ingredient in other systems, such as foams, which is the focus of 

this work. Foams are air bubbles entrapped in continuous liquid or solid matrices, such as 

milk foams and ice cream191. In food foam systems, the air-water interface is often stabilised 

by proteins that form stiff and viscoelastic solid-like interfacial layers47,152, which is an 

important attribute in forming stable foams48,174,192. Polar lipids, such as phospholipids, can 

compete with proteins for the interface, forming mixed interfaces, or even displace the 
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proteins from the interface61,106,116. As a result, the proteins are impaired in the formation of 

strong interfacial layers, which may lead to poor foaming properties68. Also, the TAGs in the 

oleosome core can act as anti-foaming agents in the thin films by bridging two air bubbles, 

and thereby inducing coalescence of the air bubbles71,72. 

However, the interfacial behaviour of oleosomes is different from that of free lipids, as both 

phospholipids and TAGs are enclosed in the colloidal structure of the oleosomes. For soybean 

oleosomes, a slow initial adsorption phase was demonstrated in a Langmuir trough, due to 

the relatively slow diffusion towards the air-water interface. After approaching the air-water 

interface, oleosomes were able to adsorb at the interface, followed by rupture of the 

phospholipid/protein membrane62,70. The different components started to phase separate 

into TAG-rich and membrane-rich regions, which we also demonstrated in our previous work 

by studying the topography of the Langmuir-Blodgett films193. In our previous work, 

oleosome-stabilised air-water interfaces were weaker and more mobile compared to protein-

stabilised interfaces, due to weak in-plane interactions. Desorption and adsorption of 

interfacial material were observed upon compression and expansion of the interfacial area. 

Mixing of whey proteins and oleosomes formed a mixed interface, where whey proteins 

surrounded the TAG-rich regions. When oleosomes were present, they dominated the 

rheological response of the mixed interfaces. 

The influence of oleosomes on the protein interfacial layer was not clearly observed in the 

foaming properties of mildly-purified rapeseed protein extracts, which contained about 8% 

(w/w) oleosomes152. A defatted rapeseed protein extract had similar foaming properties as 

a non-defatted protein extract, thus indicating that oleosomes at this concentration did not 

hamper protein foaming properties. However, the previous studies were limited to one 

protein-to-oleosome ratio, and were performed at relatively low bulk concentrations (<0.2% 

w/w) compared to real food systems. At different absolute amounts of proteins and different 

protein-oleosome ratios, it is not yet clear which component would dominate the functional 

properties of the total mixture. 

Therefore, we aim to investigate rapeseed protein and oleosome mixtures for their interfacial 

and foaming properties at various bulk concentrations and protein-to-oleosome ratios. 

Oleosomes and proteins were extracted from rapeseeds, and systematically mixed. The 

rapeseed protein-oleosome mixtures were studied by surface dilatational rheology, and 

microstructure imaging by performing atomic force microscopy on Langmuir-Blodgett films. 

Finally, the mixtures were characterised for their foaming properties. A comprehensive study 

on the effect of oleosomes on protein-stabilised foams provides new insights on the necessity 

of purifying proteins from oleosomes, and further expands the possibilities for using 

oleosomes as a sustainable ingredient in foods. 
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6.2 Experimental section 

6.2.1 Materials 

Untreated Alizze rapeseeds were purchased from a local seed producer. All chemicals 

(Sigma-Aldrich, USA) were used as received. Ultrapure water (MilliQ Purelab Ultra, 

Germany) was used in all experiments. 

6.2.2 Sample preparation 

Rapeseed protein extraction 

Rapeseed protein concentrate (RPC) was prepared with the method of Ntone et al.43. 

Dehulled rapeseed kernels were soaked for 4 hrs at pH 9.0 in a rapeseed-to-water ratio of 

1:8 (w:w). Afterwards, the mixture was blended for 2 min at max speed in a kitchen blender 

(Waring Commercial, 400 W, USA) to obtain a rapeseed slurry, and the solids were removed 

using a twin-screw press. The pH of the liquid extract was re-adjusted to 9.0 after the 

completion of each previously mentioned step. The supernatant was centrifuged for 30 min 

at 10,000xg (4 °C), which resulted in a three-layer system: a cream layer on top, a pellet 

with solids, and a middle layer containing the soluble proteins and other solutes. The middle 

layer was recovered and diafiltrated over a 5-kDa membrane to remove minerals, sugars 

and free phenols. The diafiltrated sample was freeze-dried, which yielded a mildly purified 

RPC. The protein extract was further purified to obtain the soluble fraction at the studied 

conditions by dispersing 10% (w/w) mildly purified RPC in 20 mM sodium phosphate buffer 

(pH 7.0). The dispersion was adjusted to pH 7.0 and stirred overnight at 4 °C. Afterwards, 

the dispersion was centrifuged twice for 30 min at 16,000xg (20 °C) and filtered over a 0.22 

µm syringe filter. The supernatant was freeze-dried for further analysis and labelled as 

rapeseed protein concentrate (RPC). 

Oleosomes extraction 

A rapeseed slurry was produced, as mentioned in the previous paragraph. The pH of the 

slurry was adjusted to 9.0, and the slurry was passed through a cheesecloth to remove the 

solids. The pH was adjusted once more to 9.0, and the sample was centrifuged for 30 min 

at 10,000xg (4 °C). The cream layer was resuspended in ultrapure water at a 1:5 (w/v) 

ratio, stirred for 15 min and centrifuged for 30 min at 10,000xg (4 °C). A second re-

dispersion step was performed with 20 mM sodium phosphate buffer (pH 7.0), followed by 

another centrifugation step. The final cream layer containing oleosomes was recovered and 

diluted with buffer based on dry matter content. Large aggregated clusters of oleosomes 

were broken up by a high-speed mixing step of 30 s at 5,000 rpm with a T25 Ultra-turrax 

(IKA, Germany). A preservative (sodium azide) was added to the oleosome extract (OS), 

and the sample was used in experiments for a maximum of 5 days while stored at 4 °C.  
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Compositional analysis 

The protein content was measured in a Flash EA 1112 Series Dumas (Interscience, The 

Netherlands). The nitrogen content of the samples was obtained, which was converted into 

a protein content using a conversion factor of 5.7100. These measurements were performed 

in triplicate. The oil content was determined by drying the samples overnight at 60 °C, 

followed by solvent (petroleum ether) extraction for 6 hrs in a Soxhlet. The oil content was 

calculated by weighing the initial sample and the oil in the collection flasks. The 

measurements were performed in duplicate. 

Dissolving samples 

RPC was dissolved in 20 mM sodium phosphate buffer (pH 7.0) at protein concentrations 

ranging from 0.1 to 2% (w/w), and the sample was stirred for 4 hrs at room temperature. 

The OS were diluted in the same buffer to concentrations ranging from 0.002 to 2% (w/w). 

RPC-OS mixtures were prepared by mixing pure RPC and OS in a 1:1 (v:v) ratio. 

6.2.3 Determination of adsorption behaviour and surface dilatational 
properties 
The air-water interfacial properties were investigated using drop tensiometers. A profile 

analysis tensiometer PAT-1M (Sinterface Technologies, Germany) was used to perform time 

and frequency sweeps. A hanging droplet with an area of 20 mm2 was created at the tip of 

a needle, and the shape of the droplet was analysed and fitted with the Young-Laplace 

equation to calculate the surface tension. The droplet was always equilibrated for 3 hrs 

before performing any deformation of the droplet area. Frequency sweeps were performed 

by increasing the oscillatory deformation frequency from 0.002 – 0.1 Hz with a fixed 

amplitude of 3%. An automated drop tensiometer (ADT, Teclis, France) was used to perform 

amplitude sweeps, and the ADT was operated similarly to the PAT-1M. A major difference 

was the droplet size, which had an area of 15 mm2 in the ADT. The droplet was again 

subjected to 3 hrs of waiting time before performing the amplitude sweep, where the 

amplitude was increased from 2 to 50% at a fixed frequency of 0.02 Hz. All measurements 

were performed at least in triplicates at 20 °C. The amplitude sweep was further analysed 

by plotting Lissajous plots of the surface pressure (Π = γ-γ0) over the deformation ((A-

A0)/A0). Here, γ and A are the surface tension and area of the deformed interface, γ0 and A0 

are the surface tension and area of the non-deformed interface. Lissajous plots were made 

from the middle three oscillations of each amplitude cycle.  

6.2.4 Preparation of Langmuir-Blodgett films 

Langmuir-Blodgett films of RPC-OS mixtures 

A Langmuir trough (KSV NIMA/Biolin Scientific Oy, Finland) was used to produce Langmuir-

Blodgett (LB) films of interfacial films stabilised by RPC and RPC-OS mixtures. Samples with 



 Interfacial and foaming properties of rapeseed protein – oleosome mixtures 
 
 

 
 

143 

 6 

RPC contained 0.1% (w/w) protein, and the protein-oleosome mixtures had RPC 

concentrations varying from 0.05 to 0.1% (w/w) and OS concentrations varying from 0.001 

to 0.05% (w/w). The Langmuir trough was filled with 20 mM phosphate buffer (pH 7.0), and 

200 µL of sample solution was injected at the bottom of the trough with a gas-tight syringe. 

A 3 hr waiting step was necessary to allow adsorption of the surface-active material at the 

interface, and the surface pressure was measured with a Wilhelmy plate (platinum, 

perimeter 20 mm, height 10 mm). Afterwards, the interfacial film was compressed with 

Teflon barriers moving at a speed of 5 mm/min to a target surface pressure of 21 mN/m. 

The surface pressure was kept constant, while the interfacial layer was deposited on a freshly 

cleaved mica sheet (Highest Grade V1 Mica, Ted Pella, USA) at a withdrawal speed of 1 

mm/min. All films were produced in duplicate and dried in a desiccator.  

Langmuir-Blodgett films to study potential displacement of RPC-proteins by OS 

The Langmuir trough was similarly prepared and operated as described in the previous 

paragraph. A major difference is the separate introduction of RPC and OS. First, 200 µL of 

0.01 to 0.1% (protein w/w) RPC solutions were spread on top at the surface using a gas-

tight syringe. The interfacial layer was equilibrated for 30 min, and afterwards, the layer 

was compressed until a target surface pressure of 5, 10, 15, 20, or 25 mN/m. The target 

surface pressure was maintained by constantly compressing the interface, until the surface 

pressure was constant without further compression. Afterwards, 100 µL of OS extract was 

injected at the bottom of the trough, i.e., below the RPC-stabilised film. The concentration 

was determined by the surface area of the Langmuir film, which was varied for each 

replicate, as 0.001% of OS/100 µL was injected per cm2 of surface area. Oleosomes were 

found to diffuse and adsorb at the interface after roughly 1 hr. Therefore, an adsorption time 

of 1.5 hrs was applied after infusion of the OS in the subphase. Finally, Langmuir-Blodgett 

films were produced, as described in the previous section. All films were prepared in 

duplicate and dried in a desiccator before analysis. 

6.2.5 Determination of interfacial microstructure by AFM 

The topography of the LB films was analysed with atomic force microscopy (AFM, MultiMode 

8-HR, Bruker, USA) in tapping mode using a Scanasyst-air model non-conductive pyramidal 

silicon nitride probe (Bruker, USA) with a normal spring constant of 0.40 N/m and a lateral 

scan frequency of 0.977 Hz. The films were scanned over an area of 2 x 2 µm2 with a lateral 

resolution of 512 x 512 pixels2. At least two locations were scanned on the films to ensure 

good representativeness. 

6.2.6 Determination of foaming properties 

The foaming ability of the samples was analysed by whipping using an aerolatte froth 

(Aerolatte, UK) connected to an overhead stirrer. Aliquots of 15 mL solution were whipped 
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for 2 min at 2,000 rpm in plastic tubes (ø = 3.4 cm), and the top and the bottom of the 

foam were directly marked on the tube. The difference was measured using a ruler, and a 

foam volume was calculated with the tube diameter. From the foam volume, the overrun 

(%) was calculated by dividing the foam volume (mL) by the liquid volume (15 mL) times 

100. The foam stability of the samples was analysed in a Foam scan (Teclis, France). Foams 

with a volume of 400 mL were produced from 40 mL of sample in a glass cylinder (ø = 6 

cm) by sparing nitrogen gas through a metal frit (27 µm pore size, 100 µm distance between 

centres of pores, square lattice) at a gas flow rate of 400 mL/min. A camera monitored the 

foam volume until half of the foam volume decayed, and this time point is also known as 

the foam volume half-life time. The machine was equipped with an SLR lens to record 

detailed images of air bubbles, which were analysed using DIPlip and DIPimage image 

analysis software (TU Delft, the Netherlands) to quantify the average air bubble size. All 

experiments were performed at least in triplicate at room temperature. 

6.3 Results and discussion 

6.3.1 Protein and oleosome extraction 

Rapeseed proteins, napin and cruciferin, were extracted with a mild-purification method to 

obtain a rapeseed protein concentrate (RPC) that retained the native protein structure and 

had a protein content of 77.8 ± 1.9% (w/w)43,152. The protein purity increased by roughly 

6% compared to a previously produced RPC in our earlier work152, as a filtration step with a 

0.22 µm cut-off was added in this work. The filtration step (partly) removed oleosome (OS) 

flocculates between 2 and 300 µm. The obtained OS extract contained 88.5 ± 3.8 % (w/w) 

oil and 7.2 ± 0.3% (w/w) protein and had a droplet size distribution between 0.2 – 20.0 µm 

with a d3,2 of 0.8 µm193. The RPC and OS were mixed to obtain rapeseed protein 

concentrations of 0.1, 0.2, 0.5, and 1.0 % (w/w), and OS was mixed to obtain protein-to-

OS (w/w) ratios of 100:1, 10:1, and 1:1. 

6.3.2 Interfacial properties of rapeseed protein – oleosome mixtures 

Adsorption behaviour 

The adsorption behaviour of RPC, OS, and RPC-OS mixtures at an air-water interface was 

studied (Figure 6.2), and the protein bulk concentration of RPC was varied between 0.1 – 

1.0% (w/w), while OS was added to obtain a 10:1 RPC-to-OS ratio. This ratio was chosen, 

as a comparable ratio was found in the mildly-derived RPC in our previous work152.  
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Figure 6.2. Surface pressure as a function of time of interfacial films stabilised by RPC (blue triangles), 
OS (grey circles), and RPC-OS mixtures (red squares) in buffer (20 mM PO4, pH 7.0). The 
concentrations of RPC and OS are shown in the legend of each graph, and these concentrations are 
also applied in the RPC-OS mixtures. The surface pressure isotherms represent an average of at least 
three replicates. The standard deviation was below 5%. 

Pure RPC at all concentrations led to an immediate increase of surface pressure with values 

between 5 – 15 mN/m at 1 s, followed by a continuous increase to values up to 30 mN/m 

after 3 hrs of adsorption. The OS had a different behaviour at lower concentrations, such as 

0.01% (w/w) OS (Figure 6.2A). For this sample, a lag time was observed in the first 50 s, 

showing that the amount of stabiliser on the interface is insufficient to increase the surface 

pressure. Afterwards, the surface pressure increased rapidly to similar values as with the 

0.1% (w/w) RPC after 3 hrs. The adsorption behaviour of OS is different from that of 

rapeseed proteins, as OS are larger structures, and thus have a lower diffusion rate towards 

the interface. The OS can rupture after adsorption, followed by spreading of the membrane 

(made of phospholipids and proteins) and triacylglycerol (TAG) core over the interface70. 

These phenomena are shown in the adsorption isotherm of 0.02% (w/w) OS, where a slow 

adsorption phase in the first 10 s was followed by a rapid increase up to 70 s due to OS 

adsorption. After 70 s, the slope decreased due to OS rupture and rearrangements of the 

components at the interface. At higher concentrations of 0.05 and 0.10% (w/w) OS (Figure 

6.2C & D), OS adsorbed at a higher rate, comparable to that observed with pure RPC. The 

findings at higher OS concentrations should be interpreted with caution, as impurities in the 
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OS extract, such as storage proteins and phenols, could significantly contribute to the 

adsorption behaviour.  

Mixing RPC and OS showed two types of behaviour, and the first type is present in Figure 

6.2A & B. In Figure 6.2A, the RPC-OS (0.10% RPC – 0.01% w/w OS) adsorption kinetics 

coincided with that of the pure RPC up to 50 s, indicating adsorption of mainly rapeseed 

proteins, which is expected, as pure OS showed a lag phase in this period. After 50 s, the 

slope measured for the RPC-OS mixture was higher than pure RPC, suggesting a contribution 

of OS, as the pure OS curve also showed an increase of surface pressure from this time 

point. Such co-adsorption is also found for a higher concentration (0.20% RPC – 0.02% w/w 

OS), as the mixture led to a higher surface pressure than with pure RPC or OS. The surface 

pressure kinetics at higher concentrations (0.5% RPC – 0.05% OS & 1% RPC – 0.1% w/w 

OS) showed a distinctly different behaviour, as the curve of the mixtures first followed the 

pure RPC curve in the initial ±300 s. Afterwards, the slope of the mixtures was lower 

compared to pure RPC. At such high concentrations, the RPC and OS seemed to start 

competing for the interfacial area, perhaps leading to a partial displacement of RPC. An 

alternative explanation could be that at these higher concentrations, the components 

segregate after adsorption (2D phase-separation), leading to a heterogeneous interfacial 

microstructure. The structure and mechanical properties of the interfacial film were further 

assessed by performing rheological experiments. 

Surface dilatational rheology 

The surface dilatational moduli of interfacial films stabilised by RPC and RPC-OS mixtures 

were obtained from an amplitude sweep using drop tensiometry (Figure 6.3). At all RPC 

concentrations (0.1 – 1% w/w), rapeseed protein-stabilised interfacial films showed a 

decline of storage modulus (Ed’) from 42 – 60 mN/m (2% deformation) to 22 – 24 mN/m 

(30% deformation) with increasing amplitude, indicating the presence of a nonlinear 

viscoelastic (NLVE) regime. Amplitude-dependent moduli suggest an increased disruption 

of the interfacial structure at higher deformations. The amplitude-dependence of Ed’ in 

combination with a substantially lower loss modulus (Ed”) indicates the formation of a 

viscoelastic solid-like layer. Formation of such interfaces was previously demonstrated for 

rapeseed proteins at both air-water and oil-water interfaces43,152. In this previous work, we 

also observed a decrease of surface moduli upon increasing protein bulk concentration, 

which we attributed to the presence of non-proteinaceous components, such as phenols and 

oleosomes. A similar trend was also found in this work, where the Ed’ decreased with higher 

RPC concentrations. Interfacial films stabilised by OS had a distinctly different rheological 

behaviour, as the Ed’ were low and nearly independent of the applied deformation. OS-

stabilised interfaces were more mobile with an increased mass exchange between bulk and 
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interface upon deformation193. This behaviour was associated with the low in-plane 

interactions between the interfacial stabiliser at an OS-stabilised interface. 

 

Figure 6.3. The surface dilatational storage (Ed’) and loss (Ed”) moduli as a function of the deformation 
amplitude for interfacial films stabilised by RPC (blue triangles), OS (grey circles), and RPC-OS 
mixtures (red squares) in buffer (20 mM PO4, pH 7.0). The concentrations of RPC and OS are shown 
in the legend of each graph, and these concentrations are also present in the RPC-OS mixtures. The 
closed symbols depict the storage modulus (Ed’), and open symbols depict the loss modulus (Ed”). The 
averages and standard deviations are the result of at least three replicates.  

The mixtures led to different behaviour depending on the total protein content. At a fixed 

protein content of 0.1 and 0.2% (w/w) (Figure 6.3A & B), the RPC-OS-stabilised interfaces 

had lower Ed’ than pure RPC-stabilised ones. The moduli decreased due to the presence of 

OS in the bulk, and most likely at the air-water interface. A different influence of the OS was 

observed at higher concentrations (0.5 and 1% w/w) (Figure 6.3C & D), as the moduli of 

interfaces stabilised by RPC-OS mixtures coincided remarkably with those of pure RPC-

stabilised interfaces. This implies a less detrimental effect of OS on the rheological properties 

of the RPC-stabilised interface at higher protein concentrations, at a constant RPC-to-OS 

ratio. The interactions between the interfacial stabilisers were further examined by 

constructing Lissajous plots.  
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Lissajous plots 

The dilatational surface moduli obtained from amplitude sweeps are calculated from the 

intensity and phase shift of the first harmonic of the Fourier transform of the surface stress 

signal. Only incorporating the first harmonic results in neglecting the contributions of higher-

order harmonics present in the surface stress signal in the NLVE regime, caused by 

disruptions of the interfacial microstructure at large deformations. The contribution of higher 

harmonics was previously analysed by constructing Lissajous plots, where the surface stress 

is plotted against applied deformation58. Previously, Lissajous plots were demonstrated as a 

useful tool to analyse the contribution of higher-order harmonics that are generated at large 

deformations103,117,152. 

 

Figure 6.4. Lissajous plots of surface pressure as a function of the applied deformation, obtained from 
amplitude sweeps of air-water interfacial films stabilised by RPC (blue triangles), OS (grey circles), 
and RPC-OS mixtures (red squares). For clarity, one representative plot is shown for each sample, 
but comparable plots were obtained on at least three replicates. 

The results of the amplitude sweep were transformed into Lissajous plots and are depicted 

in Figure 6.4. All Lissajous plots at 5% deformation amplitude showed narrow and symmetric 

ellipses, suggesting an interfacial layer where the elastic component dominated the stress 

response. By increasing the deformation amplitude to 50%, the Lissajous plots became 

asymmetric due to disruption of the interfacial microstructure. At such large deformations, 

higher-order harmonics are generated that are well illustrated by the shape of Lissajous 

plots. Several rheological phenomena are present in the plots and are highlighted in the 

50% deformation plot of a 0.1% RPC-stabilised interface. At the start of the extension cycle 

(at -0.50 deformation, bottom-left corner), we observed a steep increase in surface pressure 

(nearly vertical) as a result of a predominantly elastic response. Afterwards, the steep 

increase was followed by a phase with a decreasing slope, showing a gradual (intra-cycle) 

strain softening of the interfacial microstructure upon further extension of the interfacial 

area. Here, the elastic component started to diminish, and the viscous component started 

dominating the response, implying that the interfacial microstructure started flowing.  
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A distinct behaviour can be examined in compression of the interface, as the surface 

pressure increased steeply to a higher maximum surface pressure (-18 mN/m) compared to 

the value in extension (+6 mN/m), which is known as intra-cycle strain hardening. Strain 

hardening was previously attributed to the concentration of adsorbed proteins upon 

compression. As a result, dense protein clusters would form and start jamming103. The 

depicted rheological behaviour suggests the formation of a viscoelastic solid-like layer by 

RPC, probably due to strong in-plane interactions between rapeseed proteins at the air-

water interface. Interestingly, the initial elastic response became less evident at higher 

protein concentrations (at 50% deformation), and the plots also became slightly narrower. 

This would imply slightly weakened in-plane interactions between proteins at such the higher 

protein concentrations (≥0.5% w/w).  

The OS-stabilised interface showed a substantially narrower Lissajous plot at 50% 

deformation compared to RPC. The plot also revealed a slight strain softening in compression 

that we previously related to the pushing out of interface stabiliser into the bulk, due to 

weak in-plane interactions between molecules at the OS-stabilised interface. In previous 

work, rupture of OS was demonstrated at the air-water interface, leading to a heterogeneous 

interface with TAG-rich regions and membrane fragments. Especially phospholipids and 

TAGs are known to largely hamper interactions between other stabilisers at the interface, 

thus weakening the interfacial layer, which was demonstrated for protein 

interfaces68,72,114,194.  

The Lissajous plot showing 50% deformation of an interfacial film stabilised by a 0.1% (w/w) 

RPC – 0.01% (w/w) OS mixture was considerably narrower compared to the plot for pure 

RPC at 0.1% (w/w), implying the formation of a weaker layer due to impaired in-plane 

interactions among adsorbed proteins. Such changes of rheological behaviour in the 

presence of OS imply the interference of phospholipids and TAG of OS (after rupture) on the 

layer formation of rapeseed proteins, which by itself formed stiff and viscoelastic solid-like 

layers. Similar behaviour was observed in whey protein-OS mixtures, as the OS weakened 

the interactions between whey proteins by forming large phospholipid/TAG-rich regions at 

the interface, leading to 2D phase separation of proteins and lipids at the interface193. Also, 

pure phospholipids and surfactants are known to form concentrated and laterally segregated 

regions at the interface, thereby reducing the protein interactions at the interface61,63,66. 

At higher protein concentrations, OS had a limited effect on the rheological properties of the 

RPC-OS-stabilised interface. From 0.5% (w/w) RPC onwards, the OS-protein mixtures led 

to nearly overlapping Lissajous plots compared to pure RPC. The detrimental effect of OS 

on a protein-stabilised interface is concentration-dependent (at a fixed RPC-to-OS ratio), 

and might be related to the findings in the adsorption behaviour (Figure 6.2). At lower 
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protein concentrations of 0.1 and 0.2% (w/w), we demonstrated co-adsorption of both 

rapeseed proteins and OS, whereas the adsorption of rapeseed proteins seemed to be more 

predominant at higher protein concentrations of 0.5 and 1.0% (w/w). A mixed interface 

after co-adsorption (0.1 and 0.2% RPC) could increase the weakening effect of OS on the 

rapeseed proteins’ connectivity in the interfacial layer, whereas an interface with more RPC 

(0.5 and 1.0% RPC), thus less OS, would result in less decrease in moduli. To summarise, 

OS can negatively influence the in-plane interactions of adsorbed rapeseed proteins, leading 

to weaker interfacial layers. This behaviour is concentration-dependent, as RPC is more 

dominant at higher concentrations (>0.2% w/w).  

6.3.3 Interfacial microstructure 

Imaging the interfacial microstructure can contribute to a better understanding of the 

rheological properties of RPC-OS mixture-stabilised interfacial layers. Interfacial films were 

produced in a Langmuir trough by injecting RPC-OS mixtures with various ratios at the 

bottom of the trough and allowing them to diffuse towards and adsorb at the interface 

(schematic overview in Figure 6.5). Langmuir-Blodgett (LB) films were produced, and the 

topography of the dried films was analysed using atomic force microscopy (AFM) (Figure 

6.5). There is a narrow concentration range of RPC and OS that could be injected into the 

trough to induce co-adsorption. As a result, a fixed ratio with various protein concentrations 

could not be studied, but the RPC-to-OS ratio and the total amount of stabiliser were varied. 

 

Figure 6.5. A schematic overview of the production of Langmuir-Blodgett films and the AFM images 
of the films made from RPC and RPC-OS mixtures. The films were produced at a target surface 
pressure of 21 mN/m. The images are representative of at least four scans on two independently 
produced films. The blue arrow indicates long strand-like structures, which are membrane fragments 
of disrupted oleosomes. 
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The topography of pure RPC showed many white structures, which are thicker regions on 

the film, and were previously identified as protein-dense regions103,152. The protein regions 

(or clusters) are either pre-existing aggregates in the protein material, or are possibly 

formed because of attractive interactions between the proteins that result in protein 

segregation103. Jamming of protein-dense regions is responsible for the strain hardening in 

compression in the Lissajous plots (Figure 6.4). The addition of OS in a 100:1 RPC-to-OS 

ratio resulted in a film with larger protein-dense regions. By carefully examining the film, 

long strand-like structures can be observed (see arrow in Figure 6.5). The strand-like 

structures were previously identified as membrane fragments of disrupted oleosomes193. 

Similar structures were observed earlier on RPC-stabilised films that were made from 

unfiltered RPC152. In the current work, the RPC was filtered over 0.22 µm to remove OS, 

which resulted in fewer strand-like structures.  

Increasing the OS content to a 10:1 RPC-to-OS ratio showed a different topography, as 

larger structures and flat areas can be observed. The large structures could be intact 

oleosomes or large protein-dense regions. The flat areas are likely TAG- or phospholipid-

rich regions, as demonstrated for pure OS and whey protein-OS mixed interfaces70,193. A 

similar topography can be observed by further increasing the OS concentration to a 1:1 RPC-

to-OS ratio, as flat regions are still present at the surface. A minor difference between the 

current work and the one performed on whey protein-OS mixtures is the larger structures 

at the surface, which could be the formation of large domains of RPC proteins or (intact) OS 

structures. The presence of intact OS is a noticeable finding, as OS are known to rupture at 

an air-water interface70. On the other hand, the rupture of sunflower OS at oil-water 

interfaces was previously found for larger sunflower OS (>1 µm)102. The smaller sunflower 

OS (<1 µm) remained intact in the oil-water systems, and the rapeseed OS on our LB films 

(Figure 6.5) were in a small size range (<0.25 µm). This could imply that the large OS 

ruptured, leading to the formation of the flat lipid-rich regions, whereas the smaller ones 

remained intact at the interface. At lower RPC-to-OS ratio’s (i.e. higher OS content), more 

OS are present in the bulk, which would explain the presence of more intact OS on the LB 

films. 

In conclusion, the co-adsorption of rapeseed proteins and OS resulted in the formation of 

mixed interfaces, where the OS formed lipid-dense regions between rapeseed proteins. Such 

2D-phase separation would lead to weaker in-plane interactions among adsorbed proteins. 

This was also observed in the dilatational surface rheology, especially for the mixtures at 

lower protein concentrations (0.1% RPC – 0.01% OS & 0.2% RPC – 0.02% w/w OS) (Figure 

6.4). 
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6.3.4 Adsorption behaviour of oleosomes on rapeseed protein interfaces 

In this section, we evaluated the interfacial behaviour as shown for the RPC-OS mixtures at 

higher protein concentrations (0.5% RPC – 0.05% OS & 1.0% RPC – 0.1% w/w OS). In the 

adsorption behaviour (Figure 6.2) of these samples, the RPC seemed to dominate the initial 

adsorption phase. Also, in the surface dilatational rheology (Figure 6.4), the rapeseed 

proteins dictated the mechanical properties of the RPC-OS mixtures. From these results, we 

hypothesised that OS might not be able to adsorb after the formation of a rapeseed protein-

stabilised interfacial film. This hypothesis was investigated by creating LB films in a 

sequential manner, and a schematic overview of the process is shown in Figure 6.6A.  

 

Figure 6.6. (A) A schematic overview of the production of the Langmuir-Blodgett (LB) films. (B) 
Surface pressure isotherm of an RPC-stabilised film. RPC-stabilised interfaces were produced at one 
of the five marked points (blue circles), and OS suspension was next infused in the subphase to study 
potential adsorption/displacement. After allowing the OS to diffuse towards the interface, the surface 
pressure increase is shown by the red circles. The Langmuir films were then deposited on a solid 
substrate to create LB films. (C) AFM scans of these films are shown, and the numbers correspond to 
the different compression states indicated on the surface pressure isotherm. Pure RPC films were also 
included for comparison purposes. The isotherm is an average of two replicates, and the error was 
below 5%. Each image is representative of at least four scans on two independently produced films. 
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First, a surface pressure isotherm of rapeseed proteins was produced by spreading the RPC 

solution at the surface of the subphase in the Langmuir trough (Figure 6.6B). The isotherm 

showed an increase of surface pressure upon compression. Here, we observe the formation 

of an increasingly condensed layer upon compression. Five different compression states, 

varying from 5 – 25 mN/m, were chosen. After the production of the layers, an OS 

suspension was infused in the subphase, below the RPC-stabilised Langmuir film. The OS 

were allowed to diffuse and potentially adsorb at the interface, and, afterwards, Langmuir-

Blodgett films were created.  

AFM images of the films stabilised with pure RPC, and with RPC and infused OS are shown 

in Figure 6.6C. The pure RPC-stabilised films show the previously mentioned white 

structures, which are segregated protein-dense regions. When increasing the surface 

pressure from 5 to 25 mN/m, thus also increasing the protein surface concentration, more 

protein-dense regions can be observed. At the highest compression states corresponding to 

20 and 25 mN/m, we observed the formation of highly dense and heterogeneous structures, 

which was previously also highlighted for whey protein and rapeseed protein-stabilised 

interfaces103,152. The formation of such a dense and heterogeneous microstructure was the 

result of strong in-plane interactions between proteins, which led to the formation of a 

heterogeneous viscoelastic solid-like interfacial film. 

The introduction of OS in the subphase resulted in a different microstructure on the LB films 

(Figure 6.6C) and in a shift of the surface pressure. For the 5, 10 and 15 mN/m RPC-

stabilised interfaces, the surface pressure increased to 13.6, 13.3, and 15.7 mN/m, 

respectively (Figure 6.6B). The RPC-stabilised interfacial films at 20 and 25 mN/m remained 

constant upon the introduction of OS. From these surface pressure increases, we can assume 

that adsorption of OS occurred when the rapeseed protein-related surface pressure reaches 

only 5, 10 or 15 mN/m. The presence of intact OS is also clearly visible on the RPC-OS films 

at 5 and 10 mN/m, as larger structures (100-300 nm) can be observed. Also, more long 

strand-like structures were present, which were previously identified as membrane 

fragments upon disruption of the larger OS193. At 15 mN/m, no clear visible alterations were 

present after the introduction of OS. A minor amount of OS could have adsorbed, as the 

surface pressure increased from 15.0 to 15.7 mN/m, but this was not detected in the 

topography of the LB films. Further increasing the compression state of the RPC-stabilised 

interface to 20 or 25 mN/m resulted in RPC-OS films that were comparable with the pure 

RPC films. This observation, combined with the constant surface pressure after the 

introduction of OS, indicates that OS could not adsorb at the interface. Also, OS did not 

seem to attach as a sublayer beneath the rapeseed protein-stabilised interface, as the 

formation of such layers would normally result in clear alterations of the film topography, 

and thus be visible in AFM images.  



Chapter 6  
 
 

 
 
154 

 6 

The OS were thus not able to adsorb at the air-water interface when rapeseed proteins 

formed a condensed interfacial layer. Conversely, they did adsorb at a preformed RPC-

stabilised interface at lower compression states (≤15 mN/m). We could argue that a loosely 

covered interface results in weaker in-plane interactions at these lower surface pressures, 

thus allowing OS to adsorb and probably rupture and spread at the interface. These findings 

imply that rapeseed proteins can outcompete OS for the air-water interface, and avoid the 

OS from adsorbing, if the proteins can form a dense solid-like interfacial layer. This proposed 

mechanism is also reflected in the mechanical properties (Figure 6.4) of RPC-OS mixture-

stabilised interfaces (0.5% RPC – 0.05% OS & 1.0% RPC – 0.1% w/w OS), where the 

rapeseed proteins dictated the rheological behaviour. Another interesting point is the 

entrapment of phospholipids in the colloidal structure of the OS. Phospholipids can be 

detrimental for a protein-stabilised interface, may displace proteins from the interface72,167. 

In the present case, the lipid molecules in the OS did not have such an effect, probably 

because they are trapped in the OS structure. 

6.3.5 Foaming properties of rapeseed protein – oleosome mixtures 

The foaming properties of three RPC-to-OS ratios (100:1, 10:1, 1:1) were studied at fixed 

protein concentrations between 0.1 – 1.0% (w/w) (Figure 6.7). A wide range of RPC-to-OS 

ratios was studied to evaluate the effect of OS on RPC-stabilised foams at various OS 

concentrations. First, the foaming ability was studied by measuring the overrun and average 

air bubble size. The overrun was expressed as the foam volume over the initial liquid volume. 

RPC-stabilised foams had high overruns between 372 – 384% (Figure 6.7A). Increasing the 

OS concentration to a 100:1 RPC-to-OS ratio resulted in lower overruns for foams with 

protein concentrations ranging from 0.1 – 0.5% (w/w) compared to pure RPC, whereas the 

RPC-OS mixture with 1.0% (w/w) protein had a similar overrun as a pure 1.0% (w/w) RPC 

foam. The detrimental effect of OS was higher at lower protein concentrations. Such a trend 

was also present by further increasing the OS concentration to a 10:1 and 1:1 RPC-to-OS 

ratio, as the overrun increased at higher protein content at the same RPC-to-OS ratio. The 

addition of OS (from 100:1 to 1:1 ratio) initiated a decrease in foam overrun at each 

concentration, but the detrimental effect was less marked at higher protein concentrations. 
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Figure 6.7. The overrun (A), average bubble size (B, diameter), volume half-life time (C), and relative 
stability index (D) of foams stabilised by RPC and RPC-OS mixtures. The line drawn through points is 
to guide the eye. Averages and standard deviations are the result of at least three replicates. 

A similar trend was also observed in the average air bubble size (Figure 6.7B), as the bubble 

size became larger when increasing OS concentration (100:1 to 1:1 ratio). At 0.1% (w/w), 

the largest increase of air bubble size could be observed, which increased from 0.07 (pure 

RPC) to 0.82 mm (1:1 ratio), whereas increasing the protein concentration to 1.0% (w/w) 

resulted in an increase from 0.05 mm to 0.09 mm. Also, the OS hampered the air bubble 

formation more at lower protein concentrations. From the interfacial rheology experiments, 

it was obvious that OS reduced the in-plane interactions among adsorbed proteins, which 

are required for proteins to form stiff and solid-like layers around air bubbles. As a result, 

the formed interfaces were weaker, leading to a collapse of air bubbles already during the 

foam formation, thus resulting in larger air bubbles at the moment of recording. We also 

attempted to create foams using pure OS solutions with bulk concentrations ranging from 

0.01 – 1.0% (w/w), but no foams could be created. The absence of foamability by OS is 

most likely attributed to the formation of a weak and incohesive interfacial layer due to the 

rupture and spreading of free TAGs and phospholipids. The presence of free lipids was 

previously found to be detrimental to the protein connectivity at the interface, thus largely 

reducing the foaming properties of proteins68,71,193. 
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The presence of OS also affected the foam stability, which was evaluated by determining 

the time point where half of the foam volume decays, also known as the foam volume half-

life time (Figure 6.7C). RPC-stabilised foams had half-life times increasing from 216 min at 

0.1% (w/w) to 362 min at 1.0% (w/w) protein bulk concentration, and the addition of OS 

to RPC resulted in a decrease in foam half-life times. To directly compare the influence of 

OS on RPC-stabilised foams, a relative stability index was calculated by dividing the half-life 

time of an RPC-OS-stabilised foam over the half-life time of a pure RPC-stabilised foam at 

the same protein concentration times 100 (Figure 6.7D). At the lowest protein concentration 

of 0.1% (w/w), the relative stability index decreased to 25.2 at a 100:1 ratio and even 

further to 1.6 at a 1:1 ratio. The foam stabilised with 1.0% (w/w) protein had a relative 

stability index of 100 at 100:1 and 10:1 ratio, suggesting no negative influence of OS. The 

influence of OS on foam stability of RPC was more detrimental at lower protein 

concentrations at each ratio, and also by increasing OS concentration (100:1 to 1:1 ratio).  

The interfacial rheology experiments showed the formation of weaker protein layers with 

reduced connectivity due to the presence of free TAGs and phospholipids after OS rupture, 

thus decreasing foaming ability and stability. Lipid droplets are also known to play a 

destabilising effect in the thin films between the interfacial layers of two neighbouring air 

bubbles. One of the proposed anti-foaming mechanisms is bridging by the droplet in the thin 

film, where the droplet connects the films on two air bubbles. Afterwards, the surface 

material around to droplet can spread and replace the proteins on the film. At this point, the 

thin film is connected by an unstable oil bridge, which can cause film rupture71,72. OS seem 

to behave as anti-foaming agents in the early stages of foam preparation, as OS can 

influence the air bubble size and foam overrun. The formation of larger air bubbles is 

correlated to lower foam stability, as the entrapped liquid in the foam is lower and gas 

diffusion through the films is higher compared to foams with smaller air bubbles.  

The anti-foaming effect of OS is the highest at low protein concentrations (0.1 and 0.2%), 

where the protein film is probably less dense due to lower protein concentrations. It is likely 

that the OS can perform film bridging in these conditions and also adsorb at the interface, 

followed by spreading and film rupture, as shown by rheology (Figure 6.4) and 

microstructure imaging (Figure 6.6). These techniques also showed the formation of an RPC-

dominated interface at higher protein concentrations. As a result, the negative effect of OS 

on foam/air bubble formation and stability decreased. Additionally, we could argue that OS 

might be trapped between the air bubbles, as observed for hydrophilic particles195. The 

entrapment of the hydrophilic OS in lamellae and plateau borders could prevent the rupture 

at the interface, thus protecting the protein-stabilised interface and foam from destabilising. 

However, the ‘protective’ effect of a stiff and dense protein layer reduced at higher OS 

concentrations, even at a high fixed RPC concentration of 1.0% (w/w), where more 
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extensive film-bridging could occur. At these concentrations, the rapeseed proteins might 

not be able to outcompete the higher number of OS for the interface, or more extensive 

film-bridging could occur. 
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6.4 Conclusion 
In this work, the influence of oleosomes (OS) on rapeseed protein concentrate (RPC)-

stabilised interfacial films and foams were investigated. At low protein concentrations (0.1 

and 0.2% w/w), RPC and OS co-adsorb at the interface, resulting in a weaker interfacial 

layer than that formed with pure RPC. The OS can unfold at the interface, and their lipid 

components (phospholipids and TAGs) can spread and decrease the connectivity between 

the adsorbed proteins (Figure 6.8A). As a result, the foaming ability and stability of RPC 

decreases in the presence of OS at these conditions. The OS are probably able to adsorb 

and rupture due to a loosely packed protein interface.  

 

Figure 6.8. A schematic representation of the proposed interface stabilisation mechanism of rapeseed 
protein concentrate (RPC) – oleosome (OS) mixtures at protein concentrations of (A) ≤0.2% and (B) 
>0.2% (w/w). 

At higher protein concentrations (0.5 and 1.0% w/w), rapeseed proteins dominate the 

interfacial properties, and OS have a less detrimental effect on the foaming properties 

compared to the situation at a low protein concentration. By infusing an OS suspension 

beneath a pre-formed RPC-stabilised Langmuir film (Figure 6.8B), we demonstrated that OS 

are not able to adsorb at such an interface when the rapeseed proteins have readily formed 

protein
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a dense layer with a surface pressure of >15 mN/m. At higher enough concentrations, the 

rapeseed proteins thus outcompete the OS interfacial localisation. This interface stabilisation 

mechanism could protect the protein foams from the detrimental effect of OS. However, at 

high OS concentrations and relative amount (RPC:OS ratio of 1:1), OS act as effective anti-

foaming agents, since the foam stability was reduced by more than 98% compared to the 

pure RPC-stabilised systems. 

In summary, we have demonstrated that the influence of OS on RPC interfacial and foaming 

properties can be tuned by changing the RPC-to-OS ratio or the absolute amount of stabiliser 

up to a certain degree. The relationship between foaming properties and the concentration 

of bulk material is promising for the application of OS in aerated food systems. OS could be 

co-extracted with plant proteins or separately introduced as a sustainable ingredient and 

lipid source. The utilisation of oleosomes should be further explored in both academia and 

the food industry, as oleosomes can play an important role in the production of healthy and 

sustainable food products.  
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7.1 Introduction 
The aim of this thesis was to study the contribution of non-proteinaceous components to the 

interfacial and foaming properties of mildly derived plant protein extracts by using a multi-

length scale approach, which was performed for specific components in research chapters 

2–6. In this chapter, the main results of the research chapters are summarised and are 

discussed together (Figure 7.1). Subsequently, the specific findings are interlinked to the 

composition and structural properties of plant protein extracts in general. This will help us 

relate the composition of the protein extracts, which is determined by the extraction method, 

to the macroscopic functional properties (i.e. foaming properties). Additional findings on the 

role of protein composition in protein extracts will also be examined. Finally, we will carefully 

review the limitations in current studies and methodologies, and provide recommendations 

for further research in the field of interface science and plant protein functionality. 

7.2 Main results of this thesis 
First, rapeseed was used as a plant protein source to produce a mildly derived plant protein 

extract (rapeseed protein concentrate, RPC), which contains non-proteinaceous 

components, such as phenols and lipids. The whole mixture was investigated in Chapter 2 

for its interfacial and foaming properties. The first step in this chapter was an extensive 

compositional analysis, where we found a protein content of 71.7% and a lipid content of 

8.3%. The mild fractionation method extracted both napin (albumin) and cruciferin 

(globulin). The RPC was able to form viscoelastic solid-like interfacial layers, which became 

weaker and more stretchable at increasing bulk concentration. We suspected the lipids to 

play a key role in reducing the formation of cohesive interfacial layers by proteins, especially 

when increasing the RPC concentration, thus increasing the absolute lipid content. These 

lipids exist as oleosomes in rapeseeds, which are extracted into the RPC. To study the 

influence of the lipids, the RPC was defatted by organic solvent extraction to obtain a 

defatted RPC (DRPC). We still found a decrease in interfacial layer strength when increasing 

the concentration of DRPC. In AFM images of Langmuir-Blodgett films, we revealed the 

presence of non-proteinaceous components in the form of long strand-like structures. In 

Chapter 5, the exact nature of these strands was evaluated, which are likely to be 

fragments of the oleosome membrane after disruption. Even though the interfacial layer 

became weaker and less cohesive at higher concentrations, the RPC and DRPC can form 

foams with similar air bubble sizes and foam stabilities. This suggested a limited detrimental 

effect of lipids on foam stability in the mildly derived rapeseed protein extracts. The influence 

of non-proteinaceous components was more elaborately investigated in Chapters 4 – 6. 
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Figure 7.1. Graphical overview of the main findings. 
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Prior to performing an in-depth study on the non-proteinaceous components, we considered 

the state of aggregation of the proteins in Chapter 3, as plant proteins often exist in a 

larger aggregated state in the available commercial ingredients. Such aggregates are most 

likely induced by specific steps in the protein extraction method, which leads to soluble and 

insoluble aggregates. More details about potential protein aggregation due to processing will 

be discussed in further sections. In this chapter, whey protein isolate was used as a model 

protein source, as these proteins have been well-characterised for their physicochemical and 

interfacial properties. Whey proteins (diameter: 2 – 10 nm) were processed into heat-

denatured aggregates (20 – 100 nm), and the aggregates were cold-gelated into larger 

whey protein beads (150 – 350 nm). Whey proteins and the aggregates were found to form 

densely clustered networks with strong in-plane interactions at the air-water interface, while 

the beads were not able to stabilise the interface. Surprisingly, the smaller non-aggregated 

or non-gelated material in the beads was found to dominate the interfacial properties, which 

is probably also occurring in the whey protein aggregate system. Smaller and more surface-

active material tends to outcompete the larger aggregated structures for the interface. At 

the same time, larger aggregate sizes lead to a decrease in surface activity. Such behaviour 

could also occur in plant protein extracts, which are usually moderately to highly aggregated.  

Aggregation of proteins can also occur due to chemical interactions with phenols, and this 

effect was elaborately studied in Chapter 4. Whey proteins were mixed with the main 

rapeseed phenol, sinapic acid. In this chapter, whey proteins were selected as the phenols 

in the RPC were difficult to remove without causing protein denaturation. Sinapic acid was 

found to interact non-covalently with whey proteins, which led to increased surface activity. 

On the other hand, the non-covalent binding on the proteins reduced the in-plane 

interactions of proteins at the interface, thus forming a weaker interfacial layer. These 

effects in surface activity and interfacial layer strength were even more pronounced when 

the mixtures were oxidised to induce covalent protein-phenol interactions. The increased 

surface activity resulted in smaller air bubble sizes, and the weaker interfacial layers after 

protein-phenol interaction led to an immense decrease in foam stability. These findings are 

important to understand the influence of plant protein extraction on protein-phenol 

interactions, which will be more extensively examined later in this general discussion. 

The influence of oleosomes on the interfacial properties of proteins was investigated in 

Chapters 5 & 6. In Chapter 5, we continued using the whey protein model system, which 

we mixed with rapeseed oleosomes. Oleosomes were found to rupture after adsorption at 

the air-water interface, followed by spreading and rearranging of the triacylglycerol (TAG) 

core and membrane material consisting of phospholipids and proteins. Mixtures of 

oleosomes and whey proteins resulted in co-adsorption of both components, and interfacial 

microstructure analysis revealed TAG/phospholipid-rich regions that were surrounded by 
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whey proteins. The TAG/phospholipid-rich regions were pushed out upon compression, 

followed by interaction and jamming of the whey proteins, as demonstrated by dilatational 

rheology. The complexity of the oleosome-stabilised interface was reduced by removing the 

TAGs by solvent defatting, which yielded defatted oleosomes. Additionally, the proteins in 

the oleosome membrane contributed to increased resistance against deformation. The 

absence of the membrane proteins resulted in a phospholipid layer with little in-plane 

interactions. As a result, the phospholipids were pushed out of the interface upon 

compression. 

The influence of oleosomes on the protein interface and foaming properties was further 

studied in Chapter 6, where oleosomes were mixed with RPC in various RPC:oleosome 

ratios and various protein concentrations. The influence of oleosomes on the interfacial 

properties depended on the RPC:oleosome ratio, as oleosomes dominated the interfacial 

properties at low protein concentrations. At these conditions, the oleosomes and proteins 

were found to co-adsorb. Here, the oleosomes were found to disrupt at the air-water 

interface, which led to weaker interfacial layers, and also lower foamability and stability 

compared to systems stabilised by pure protein. At higher protein concentrations or higher 

RPC:oleosome ratios, the proteins started to outcompete the oleosomes for adsorption at 

the air-water interface. The result is a rapeseed protein dominated interface, where 

oleosomes are unable to adsorb. This led to limited or no detrimental effect of oleosomes 

on protein interface and foam stabilising properties. The findings on the influence of 

oleosomes on protein interfaces (Chapter 5 & 6) yield an essential insight regarding the 

presence of lipids in plant protein extracts, which will be elaborately discussed in further 

sections. 
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7.3 The focus of current plant protein research 
First, an overview of plant protein-related studies published in research articles in the peer-

reviewed journal of Food Hydrocolloids, Food Science and Technology and Food Research 

International in 2020, with a special focus on their extraction processes is given in Figure 

7.2.  

 

Figure 7.2. (A) Topic category overview of Food Hydrocolloids, Food Science and Technology and Food 
Research International articles from 2020. (B) Overview of top 5 studied plant protein sources. (C) 
Overview of plant protein extract acquisition. Abbreviations: COM: commercial, EP: extensive purified, 
MP: mildly purified.  

This reveals an overwhelming interest in plant-based ingredients (43%), and 10% of the 

research articles are focused on plant-based proteins. About two-thirds of the plant protein 

functionality studies deal with the three most investigated sources: soybean, wheat, and 

pea. About 34% of the plant protein studies focus on other ingredients, including specific 

local plant sources and upcoming sources, such as rapeseed, sunflower seed, and algae. A 

majority of these sources were obtained commercially (46%). The second-largest group 

(40%) was obtained using (wet) extensive purification methods, which generally consist of 

an alkaline protein extraction combined with isoelectric point precipitation. The commercial 

protein isolates were assumed to be obtained with an extensive extraction method, as 

protein purities were often >80%. Another point of attention is the overestimation of the 
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protein content, as high nitrogen conversion factors around 6.25 are often used, while a 

lower conversion factor ranging from 5.2-5.8 is more appropriate for proteins from plant 

sources196. Substantially fewer studies focused on mild and more sustainable extraction 

methods, where isoelectric point precipitation or other harsh processing were not performed. 

Plant protein research is largely focused on obtaining protein extracts with high purity using 

extensive protein processing. Such a methodology has several disadvantages, which we will 

discuss later in this chapter. Simultaneously, we will show how mild purification methods 

can be utilised to overcome the drawbacks of extensive protein purification. To fully evaluate 

the functional properties of an extraction process, we performed a multi-length scale 

approach. The protein extraction process determines the composition and structural 

properties of the extracts, which can be attributed to the macroscopic functionality using 

the multi-length scale approach. By using such research tools, we can directly link processing 

to functional properties and, thereby, provide design rules for optimal and more sustainable 

extraction processes to obtain protein extracts with promising functionality. 

7.4 Plant protein purification: extensive versus mild purification 
The first experimental study in this project dealt with the comparison between an extensively 

(eRPC) and mildly (mRPC) derived RPC. The exact extraction method of the eRPC was not 

known as it is a commercial extract, but the method is assumed to be extensive. The eRPC 

is probably extracted from defatted rapeseed meal, a side-stream from rapeseed lipid 

extraction, using alkaline extraction, followed by isoelectric point precipitation of the 

proteins11. An alkaline extraction at high pH (>10) is expected, as the eRPC had a much 

darker brown colour compared to the mRPC (data not shown). Such a colour difference is 

probably the result of phenol oxidation43, where highly reactive quinones are formed with 

the ability to covalently bind to proteins160. The covalent phenol-protein interaction in the 

eRPC could have led to aggregation, which was reflected in the larger particle size in dynamic 

light scattering (Figure 7.3A). The eRPC showed protein aggregates between 50–1000 nm, 

while the mRPC only showed proteins between 5–10 nm. Please bear in mind that the shown 

size distributions are obtained from the soluble fraction after centrifugation. Larger 

(insoluble) aggregates/particles were neglected in this analysis. Other processing steps may 

also lead to protein aggregation, such as isoelectric point precipitation38,39, or heating in 

solvent-defatting or spray-drying40,197. These steps were avoided in the mild purification 

process. In a preliminary study, we attempted to perform an isoelectric point precipitation 

step on the mRPC. After centrifugation, the pellet with precipitated proteins was less soluble, 

probably due to protein aggregation, thus suggesting a negative impact of this processing 

step on protein properties. 
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The interfacial and foaming properties of both RPCs were also compared. First, the soluble 

fraction of the RPCs was extracted and freeze-dried. This would allow the standardisation 

based on soluble protein, which is a more accurate comparison between the two RPCs. Here, 

we found a major difference in protein extractability at pH 7.0, where 40.6% of the proteins 

could be extracted from the eRPC, and 58.0% from the mildly derived one. A lower 

extractability of the eRPC was expected, as protein aggregation could lead to a loss of 

solubility198. Protein aggregation can influence the interfacial properties, which is shown in 

Figure 7.3B & C. The eRPC showed a slower increase in surface pressure than the mildly 

derived one, which can most likely be attributed to larger protein aggregates in eRPC than 

the substantially smaller proteins in the mRPC. Also, an immense difference was found in 

the surface rheological properties, as the layer formed with eRPC showed nearly amplitude 

independent surface dilatational moduli (18 to 16 mN/m), while the layer formed with mRPC 

had higher moduli with a strong amplitude dependence (49 to 26 mN/m). 

 

Figure 7.3. (A) Particle size distribution of mildly (mRPC, black) and extensively derived (eRPC, grey) 
RPC. (B) The surface pressure expressed over time of interfacial film stabilised by both RPCs. (C) The 
surface dilatational moduli expressed over deformation amplitude of both RPCs (ω = 0.02 Hz). The 
closed symbols depict the storage modulus Ed’, and the open symbols depict the loss modulus Ed”. 
Lissajous plots of the 30% deformation with surface pressure over deformation were plotted in the 
insert in panel C. The foam half-life time (D) and average air bubble size (E) of both RPCs were also 
shown. All samples had 0.1% (w/w) protein content and were prepared in 20 mM PO4-buffer at pH 
7.0. All experiments were performed in at least triplicates, and a representative size distribution is 
shown in A, while averages and standard deviations are shown in B–E. 
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In the Lissajous plot (Figure 7.3C), we observe the formation of a much weaker and 

stretchable interface by the eRPC. In Chapter 3, we produced whey protein beads in a 

comparable size range as the protein aggregates in the eRPC. The interfacial properties of 

eRPC are in line with those found for whey protein beads, which formed weaker and more 

mobile interfaces, especially compared to their constituents, native whey proteins. 

Aggregation to such size ranges (>100 nm) seemed to largely reduce the proteins’ ability 

to adsorb and interact at the air-water interface.  

The eRPC also led to the lowest foam stability, which is intimately related to the formation 

of weaker interfacial films due to aggregate formation. Our mRPC showed substantially 

better interface and foam stabilising properties compared to eRPC. On the other hand, the 

eRPC formed about 30% smaller air bubbles, which was unexpected, as this concentrate 

showed a lower surface activity (Figure 7.3B). Non-proteinaceous components in the mRPC 

could affect the air bubble formation and stabilisation by proteins. In the next sections, we 

will elaborately review the contribution of the non-proteinaceous components to the 

structural and functional properties of plant protein extracts. 

7.5 Influence of non-proteinaceous components in plant protein extracts 

on the structural and functional properties of proteins 
In this thesis, we focused on two abundantly present non-proteinaceous components in plant 

crops that are also known to influence the molecular, interfacial, and foaming properties of 

proteins. These components are phenols and lipids, and the type of extraction process 

largely determines their occurrence in the extract, molecular state, interaction with proteins, 

and influence on the protein functional properties. A possible influence of non-proteinaceous 

components in the mildly derived RPC was demonstrated in Chapter 2, where the interfacial 

layers became weaker and more easily stretchable at higher protein concentrations. An 

increase in protein concentration also results in more phenols and lipids, which could have 

interfered with the protein interactions at the interface. The effect of phenols and lipids on 

the protein interfacial and foaming properties were extensively evaluated in Chapters 4–6 

and will be further discussed in the following sections. 

7.5.1 Phenols 

Phenols can exist in three states in a phenol-protein mixture: 1. Unbound state, 2. Non-

covalently bound with proteins, 3. Covalently bound state with proteins73. A diafiltration step 

can effectively remove unbound phenols, as an earlier study showed a phenol decrease by 

57% (based on dry matter) in rapeseed43. Our mildly derived RPC still contained about 2.1% 

(w/w) phenols, which are likely bound phenols, and could influence protein functionality. 

Therefore, we attempted to remove phenols, which is commonly performed using alcohol 

solvents37,75. However, this process led to a loss of protein solubility, up to 78.8% for 
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cruciferin. The comparison between RPC and a dephenolised/modified RPC would be invalid. 

Hence, we chose to use a model, phenol-free protein system, whey protein isolate (WPI), 

which was systematically mixed with the main rapeseed phenol, sinapic acid (SA), to study 

the influence of unbound and (non)covalently bound phenols in Chapter 4. 

In the WPI-SA model system, unbound phenols co-adsorbed with the proteins at the 

interface, and reduced in-plane interactions between proteins. A similar effect was found 

when phenols were both non-covalently and covalently bound to the proteins. Binding on 

the protein surface most likely led to changes in protein surface properties, which resulted 

in higher surface activity but weaker protein layers. Covalent phenol-protein interactions 

were induced by overnight phenol oxidation at alkaline pH, leading to phenol-protein 

aggregates, and caused the formation of weaker interfacial layers compared to pure WPI. 

The weaker interfacial layers ultimately resulted in lower foam stability after the addition of 

phenols. However, there are several differences between the studied WPI-SA system and 

the mildly derived RPC. In Chapter 4, we focused on a low protein:phenol ratio of 1:10, 

and for this ratio, a most pronounced effect could be observed, while a substantially lower 

amount of phenols is present in the RPC (protein:phenol ratio 33:1). Additionally, we only 

studied one type of phenol in Chapter 4, whereas multiple phenols are known to be present 

in RPC12. Therefore, it is difficult to directly compare the outcome from the WPI-SA system 

with the RPC one. To fully understand the influence of phenols in the RPC, the phenols in 

the RPC were oxidised overnight at pH 10.0 to induce covalent phenol-protein interactions. 

The oxidised RPC (RPCox) was evaluated for its interface and foam stabilising properties 

(Figure 7.4). 

The presence of a lower amount of phenols in the RPCox was not as detrimental for the 

interfacial and foaming properties in comparison to an oxidised WPI-SA mixture with a 

substantially higher phenol:protein ratio. A higher phenol content could result in larger 

phenol-protein aggregates, as more phenols are available to covalently bind to proteins. 

Also, the whey and rapeseed proteins differ largely, as whey protein mainly consists of β-

lactoglobulin with a molecular weight of 18.4 kDa and often exists in dimeric form137. 

Rapeseed proteins consist of napin, which has a comparable size, but also cruciferin, which 

often forms tri- or hexamers, with molecular weights ranging between ~150–300 kDa176. It 

is worth mentioning that these quaternary structures and molecular sizes are often found at 

neutral pH, and the protein conformations, especially quaternary structure, are known to 

depend on pH and ionic strength11,20. Cruciferin was previously found to possess a compact 

protein structure, which might prevent large alterations due to phenol binding21. On the 

other hand, the structural conformation of β-lactoglobulin, the main whey protein, was 

described to partially destabilise by loss of secondary protein structures after non-covalent 

phenol binding within the hydrophobic protein core155. Previously, it was revealed that the 
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protein structure alteration by a phenol is also affected by the type of protein83. The exact 

mechanism behind the different outcomes has not been extensively investigated and should 

be addressed in future studies to understand the influence of phenols on (plant) proteins. 

Nonetheless, 2.1% (w/w) phenols in the RPC did not seem to negatively influence the 

interfacial and foaming properties after phenol oxidation. Of course, we were unable to 

evaluate the influence of phenols in the RPC before oxidation, as a phenol-free RPC without 

altered protein solubility/structure could not be obtained. 

 

Figure 7.4. (A) Surface pressure as a function of time of an air-water interfacial film stabilised by RPC 
(filtered over 0.22 µm) or oxidised RPC (RPCox). (B) The surface dilatational moduli as a function of 
deformation amplitude of both RPC-stabilised layers (ω = 0.02 Hz). The closed symbols depict the 
storage modulus Ed’, and the open symbols depict the loss modulus Ed”. Lissajous plots of the 50% 
deformation, showing surface pressure over deformation, are shown in the insert in panel B. (C) AFM 
images of Langmuir-Blodgett films made of both RPCs at a sampling surface pressure of 21 mN/m. 
The foam overrun (D) and foam volume half-life time (E) of both samples were also shown. All 
samples had 0.1% (w/w) protein content and were prepared in 20 mM PO4-buffer at pH 7.0. All 
experiments are performed in at least duplicate, and representative images shown in C, while 
averages and standard deviations are shown in A, B, D, and E. 

Whereas phenols in the RPC did not influence the interfacial and foaming properties of the 

proteins, other important ingredient properties could be affected. Oxidised phenols often 

cause undesired colour formation, such as a dark brown RPC31,154. Another example is 

sunflower seeds, where protein-phenol complexes cause the protein extract to turn dark 

green199. The phenol-protein interaction can also occur with saliva proteins in the mouth 

during ingestion, which is known to initiate a dry and puckering mouthfeel, called 

astringency12,30. Bitterness is another undesired effect of phenols, which should be evaluated 

for mildly derived extracts in further studies. A final drawback of phenol-protein interactions 
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is nutritional, as phenol-protein aggregates could have a lower digestibility than pure 

proteins200. Therefore, unbound phenols should be removed as much as possible during plant 

protein extraction by, for instance, filtration. Phenol oxidation in a protein extract involves 

many drawbacks and should be avoided, especially by preventing protein extraction at 

extreme alkaline pH, as phenol oxidation is largely accelerated in such conditions. 

7.5.2 Lipids 

The intensity of protein purification can largely affect the lipid content, as was observed for 

the mildly derived RPC with a lipid content between 20–30%, due to the absence of an 

extensive defatting step. The lipids (i.e. TAGs, polar lipids and free fatty acids) exist in their 

natural state, the oleosomes. They can be co-extracted with proteins, due to the presence 

of hydrophilic phospholipid headgroups and membrane protein domains on the oleosome 

surface22. A majority of the oleosomes were separated in the cream layer after 

centrifugation, but smaller oleosomes were more difficult to remove and remained in the 

soluble phase with the proteins. In Chapter 5, the influence of rapeseed oleosomes on the 

interfacial properties of whey proteins was evaluated. The oleosome membrane ruptured 

upon adsorption at the air-water interface. As a result, the core and membrane material 

spread over the interface, leading to weak and mobile interfacial films70. In mixtures, 

oleosomes and whey proteins were found to form a mixed interface, where oleosomes 

dominated the rheological properties at small deformations. The formation of an oleosome-

dominated interface could largely reduce the in-plane interactions among adsorbed proteins, 

thus negatively influencing the foaming properties of the mildly derived RPC. 

Therefore, the RPC was defatted, and the non-defatted and defatted RPCs were compared 

for their interfacial and foaming properties (Chapter 2). Interestingly, the defatted RPC 

showed slightly stronger interfaces than the non-defatted RPC, but very comparable foaming 

properties. The presence of oleosomes in RPC did not seem to hamper the foaming 

properties, whereas oleosomes can largely affect the in-plane protein interactions at the 

interface. When studying the interfacial microstructure, we found strand-like structures in 

the Langmuir-Blodgett films of both RPCs. From Chapter 5, we suspect these long 

structures to be oleosomes membrane fragments. In the non-defatted RPC, these fragments 

are formed after oleosome rupture. Fragments are also present in the defatted RPC, as the 

solvent defatting removes the TAG core, while the oleosome membrane components remain 

in the RPC102. The remaining membrane components, comprising phospholipids and 

membrane proteins, in the defatted RPC might also have influenced the foaming properties, 

leading to similar results as the non-defatted one.  

The contradicting results between Chapter 2 and 5 led to the follow-up study (Chapter 6), 

where RPC was carefully defatted by additional centrifugation and filtration to remove 
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oleosomes. The obtained RPC was systematically mixed with oleosomes at various 

RPC:oleosome ratios and RPC concentrations. In Chapter 6, we discovered that oleosomes 

dominated the interfacial and foaming properties at low RPC:oleosome ratios, leading to 

poor foaming properties. At higher protein concentrations, the RPC dominated the interface 

by out-competing the oleosomes from the interface. This led to a limited or no detrimental 

effect of oleosomes on RPC foaming properties. This would also explain the increased 

foaming properties of RPC in Chapter 2, as the foamability and stability increased with 

higher RPC concentrations, while the RPC:oleosome ratio was constant. We have 

demonstrated that oleosomes can act as anti-foam ingredients in protein foams, but the 

detrimental effect can be reduced by varying the protein:oleosome ratio and/or the absolute 

amount of protein in the mixture. On the other hand, the anti-foaming properties of 

oleosomes should also be embraced as an interesting attribute for applications, such as 

‘natural’ anti-foaming agents.  

The mildly derived RPC is suitable as a foaming ingredient, even though lipids are present. 

The colloidal state of the lipids also plays a role in the interfacial properties, as the TAGs and 

phospholipids are ‘trapped’ in an oleosome. These components can only hamper the strength 

and cohesiveness of the protein-stabilised interface, if oleosomes reach the interface and 

release lipids (TAGs and phospholipids) by unfolding. The colloidal structure could avoid the 

components from reaching the interface. It is known that free TAGs or phospholipids can 

largely affect the interfacial properties by reducing protein connectivity or displacing 

proteins68,72, which might occur in extensively derived protein concentrates. In the defatting 

step, the TAG core is extracted by solvent extraction, leaving the oleosome membrane, thus 

phospholipids, in the defatted meal. Phospholipids may end up in the plant protein extract 

and negatively influence the interfacial and foaming properties of the plant proteins. 

Additionally, defatting is mainly performed on plant protein extracts from oil-rich seeds, such 

as soybean, sunflower seed, and rapeseed. Plant sources with marginal lipid contents, such 

as legumes, are generally not defatted before protein extraction. Therefore, such plant 

protein extract could contain lipids, such as demonstrated for pea protein extract with lipid 

concentrations between 1.0 and 4.0% (w/w)45,201,202. Another point for attention is the 

chemical stability of the TAGs inside the oleosomes, as plant TAGs consist of a broad mixture 

of fatty acids, including unsaturated ones. The latter could become oxidised, which leads to 

undesired components concerning odour and flavour. It is difficult to modify the fatty acid 

composition of oleosomes, which is a drawback with regard to chemical stability. Therefore, 

the chemical stability of oleosomes should be carefully addressed before the large-scale 

utilisation of oleosomes. 
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7.6 Protein composition in plant protein extracts 
As mentioned in the general introduction, a mild protein extraction method yields a protein 

concentrate with both albumins and globulins, as the isoelectric point precipitation step is 

excluded. Normally, this step separates the albumins and other solutes from the globulins, 

and the latter is processed into an extensively purified protein extract. The conventional wet 

extraction process creates a large side stream with albumins, which is generally discarded. 

An example is the production of the most commonly utilised and extensively purified plant 

protein extract, which is soy protein isolate. The production of 1 ton soy protein isolate yields 

20 tons of waste stream with about 0.3% (w/v) protein203. Therefore, the protein transition 

from the animal- to plant-derived proteins is mainly focused on globulins, which we show in 

Figure 7.5, where globulins are the most extensively investigated proteins (49%) in plant 

protein studies (Food Hydrocolloids, Food Science and Technology, and Food Research 

International, 2020).  

 

Figure 7.5. Overview of studied plant proteins in Food Hydrocolloids, Food Science and Technology, 
and Food Research Internationa articles from 2020. Glutelins and prolamins were excluded from this 
overview. 

About 80% of the articles with unknown protein composition were commercial extracts, 

which are most likely globulin-dominated extracts. Albumins have received little attention 

with regard to functional properties. We tried to separate (albumin) napin and (globulin) 

cruciferin by isoelectric point precipitation, but this always led to a substantial loss of protein 

solubility for cruciferin. This effect was less strong for three other protein sources: mung 

bean (MB), Bambara groundnut (BGN) and yellow pea (PEA). We managed to extract 

albumin- (ALB) and globulin-rich (GLOB) extracts from these three sources (see gel 

electrophoresis scan in Figure 7.6).   
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Figure 7.6. SDS-PAGE profile under reducing conditions of mung bean (MB), Bambara groundnut 
(BGN), and pea (PEA) albumin-rich (ALB) or globulin-rich (GLOB) extracts. A molecular weight marker 
is included, and the corresponding molecular weights (kDa) are indicated on the outer lanes. 

Albumins are generally smaller proteins (14 – 53 kDa)204 compared to globulins (170 – 385 

kDa), which we demonstrated in our gel electrophoresis scan (Figure 7.6). Another generic 

difference in this study is the zeta-potential at pH 7.0, ranging between -3.3 to -2.0 mV for 

albumins and -14.8 to -10.3 mV for globulins. These molecular properties can influence the 

interfacial properties of the plant proteins. The results of an amplitude sweep for both 

albumin- and globulin-stabilised interfaces are shown in Figure 7.7.  

 

Figure 7.7. The surface dilatational moduli against deformation amplitude of whey protein isolate 
(WPI), mung bean (MB), Bambara groundnut (BGN), and pea (PEA) albumin-rich (ALB) or globulin-
rich (GLOB) extract-stabilised interfaces (ω = 0.02 Hz). The dilatational storage moduli (Ed’) are 
depicted as symbols with a dotted line as a guide for the eye. The dilatational loss moduli (Ed”) of all 
interfaces are labelled with the grey bar. All samples had 0.1% (w/w) protein content and were 
prepared in 20 mM PO4-buffer at pH 7.0. The symbols are described in the legends. Averages and 
standard deviations were obtained from at least three replicates.  
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Here, we showed higher and more amplitude-dependent moduli for albumin- than for 

globulin-stabilised interfacial films. Albumins were able to form stiff, dense and solid-like 

interfaces, very similar to a whey protein-stabilised film, as shown in AFM and Lissajous 

plots (data not shown), while globulins form weak and more easily stretchable interfacial 

films. The smaller protein could allow more proteins to fit on the surface, which can also 

closely approach each other due to a low net-protein charge. Such behaviour could lead to 

strong in-plane interactions at the interface, resulting in the formation of stiff viscoelastic 

solid-like interfaces. Globulins are larger than albumins and also possess a higher net 

electrostatic charge. As a result, globulins could only form less dense, thus weaker, 

interfacial layers, as demonstrated in AFM (data not shown). 

 

Figure 7.8. The foam overrun (A) and foam half-life time (B) of whey protein isolate (WPI), mung 
bean (MB), Bambara groundnut (BGN) and pea (PEA) albumin-rich (ALB) or globulin-rich (GLOB) 
extract-stabilised foams. The protein concentration of all samples was 0.1% (w/w), and samples 
were prepared in 20 mM PO4-buffer at pH 7.0. The averages and standard deviations were obtained 
from at least three replicates. 

Consequently, the formation of stiff interfacial layers resulted in superior foaming properties 

for albumins with high foam overruns and stability, similar to those of whey protein-

stabilised foams (Figure 7.8). In contrast, globulins showed substantially lower foamability 

and foam stability, which we could relate to the formation of weaker interfacial layers around 

the air bubbles. Albumins have highly promising foaming properties, while this protein 

fraction is generally discarded. The main reason for this disposal is the presence of other 

0

100

200

300

MB-ALB BGN-ALB PEA-ALB WPI MB-GLOB BGN-GLOB PEA-GLOB

Fo
am

 o
ve

rr
un

 (%
)

0

100

200

300

400

MB-ALB BGN-ALB PEA-ALB WPI MB-GLOB BGN-GLOB PEA-GLOB

Fo
am

 h
al

f-
lif

e 
tim

e 
(m

in
)

A

B



 Discussion 
 
 

 
 

177 

 7 

solutes in the side stream additional to albumins, such as phenols, sugars and minerals, but 

also anti-nutritional components (e.g. lipoxygenases and phytic acid)35. These components 

can be removed by filtration204 or inactivated by heating, fermentation or germination205. 

Another drawback of some albumins is the potential to trigger allergenic responses36, which 

should be carefully evaluated before applying specific albumins as food ingredients. 

Nonetheless, albumins show significant potential as a food ingredient with regard to 

foaming. On the other hand, albumins from BGN and PEA were found to provide limited 

flocculation stability in emulsions, whereas globulins were more successful in emulsion 

stabilisation (data not shown). We can relate this to the lower protein net-charge of 

albumins, which is reflected in a lower surface charge of the oil droplets, leading to increased 

droplet flocculation. For rapeseed proteins, it was demonstrated that (albumin) napin and 

(globulin) cruciferin stabilise the interface synergistically. Napin adsorbs rapidly at the oil-

water interface, while the cruciferin attaches as a layer around the droplet and provides 

stability against droplet flocculation. Albumins might also play an important role in emulsion 

stabilisation in mixture with globulins. 

 

Figure 7.9. (A) SDS-PAGE profile under reducing conditions of Bambara groundnut (BGN) globulin-
rich extract (GLOB) and mildly derived protein concentrate (MPC). A molecular marker is included, 
and the corresponding molecular weights (kDa) are indicated on the left. The foam overrun (B) and 
stability (C) of the BGN-GLOB and -MPC at 1% (w/w) protein content are also shown. All samples 
were prepared in 20 mM PO4-buffer at pH 7.0. The averages and standard deviations were obtained 
from three replicates. 

The side stream containing albumins could be utilised to create protein extracts with good 

foaming properties, but albumins can also be included in a mildly derived plant protein 

extract, such as the RPC studied in this thesis. To fully evaluate the method, we used the 

mild extraction method on BGN to produce a BGN-mildly derived protein concentrate (MPC), 

which was compared to an extensively extracted concentrate with mainly globulins (BGN-

GLOB) (Figure 7.9A). A major difference between the BGN-MPC and -GLOB is the presence 

A B C

3.5

14.4

21.5

31
36.5

55.4
66.3

6

M
ar

ke
r

BG
N

-G
LO

B

BG
N

-M
PC

Albumin 
subunits

Albumin

Globulin 
subunits

Globulins

0

50

100

150

200

BGN-GLOB BGN-MPC

O
ve

rr
un

 (%
)

0

100

200

300

400

500

BGN-GLOB BGN-MPC

Fo
am

 h
al

f-
lif

e 
tim

e 
(m

in
)



Chapter 7  
 
 

 
 
178 

 7 

of albumins and 10.8% (w/w) lipids in the MPC. We produced foams from both samples and 

found tremendously higher foam overrun and stability for the BGN-MPC compared to BGN-

GLOB (Figure 7.9B & C). We could attribute the increased foaming properties to the presence 

of albumins in the MPC, or the absence of the isoelectric point precipitation step in the MPC 

production. This process step was previously linked to the formation of largely aggregated 

globulins and ultimately resulted in a loss of protein solubility38. We could argue that the 

globulins in the MPC are more soluble and also less aggregated than the ones in the GLOB 

sample, thus contributing to the foaming properties. Here, we proved that the mild protein 

extraction process in our work is suitable for multiple sources to obtain ingredients for foam, 

but also emulsion stabilisation. The albumins seem to play an important role in the foaming 

properties, and the presence of non-proteinaceous components does not affect the foaming 

properties. 

7.7 Design rules for mild plant protein extraction methods 
Based on the findings in this thesis, we would like to discuss and formulate design rules for 

mild plant protein extraction methods. The design rules could contribute to more sustainable 

production of plant protein extracts with high functionality. Current plant protein 

functionality research mainly focuses on extensive processing to obtain protein extracts with 

high purity, as the presence of non-proteinaceous components is widely assumed to hamper 

protein functionality. Therefore, this project was initiated with a research question: “To what 

extent is protein purification necessary?”. 

To answer this question, we produced a mildly derived rapeseed protein extract, which 

showed much better interfacial and foaming properties compared to a commercially or 

extensively derived rapeseed protein extract (Figure 7.3). Extensive processing seemed to 

induce protein aggregation, which led to poor functional properties. Afterwards, we focused 

on the non-proteinaceous components phenols and lipids. From Chapter 4, we conclude 

that unbound phenols should be removed as much as possible, and alkaline pH-induced 

phenol oxidation should be limited. The latter can be induced during the initial protein 

dissolution step, which is commonly performed at high alkaline pH (up to 13)12,13 to increase 

globulin extractability. Ironically, the aim to obtain a higher protein extraction yield also 

leads to more phenol oxidation, thus forming more and larger phenol-protein aggregates 

with limited functional properties. Protein-phenol interactions would also lead to challenges 

in product colour and sensory properties. Therefore, phenol oxidation should be avoided by 

finding a balance between protein extraction yield and phenol oxidation. Protein extraction 

yield can also be increased by increasing ionic strength, or phenol oxidation could be reduced 

by adding antioxidants or inhibitors.  
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In this thesis (Chapter 5 & 6), we also focused on the lipids, which were present in the 

form of oleosomes in the mildly derived protein extract. We demonstrated how their colloidal 

state determines the influence of lipids (i.e. TAGs and phospholipids) on protein functionality 

(Chapter 5) and also the concentration of both lipids and proteins (Chapter 6). The 

presence of oleosomes in the mildly derived protein extract did not influence the protein 

foaming properties (Chapter 2). Oleosomes might trap the TAGs and phospholipids in their 

structure, thus in the bulk, and prevent these lipids from reaching the interface. Therefore, 

the natural colloidal structure of plant lipids (oleosomes) should remain intact upon plant 

protein extraction.  

Another major difference between the mildly and extensively derived protein concentrate is 

the protein composition. The conventional extensive protein extraction method mainly 

extracts the globulins and discards the side-streams containing albumins. Therefore, the 

plant protein transition in the food industry and academia is a plant globulin transition. An 

advantage of mild purification is the inclusion of albumins, which possess foaming properties 

as good as those of dairy proteins. By co-extracting both albumins and globulins, we were 

able to create higher and more stable foams compared to an extensively derived protein 

extract with mainly globulins. Also, there seems to be a synergy between rapeseed albumins 

and globulins in emulsions50. Additionally, in gelled systems, a mildly derived pea protein 

extract formed stiffer gels than an extensively derived one41. In the latter case, the 

processing probably played a more substantial role, as more extensive purification led to 

the formation of large aggregates by globulins, and resulted in the formation of weaker gels. 

The culprit of this protein alteration is most likely the isoelectric point precipitation step, 

which was previously found to alter the protein structure and solubility38,39,206. Therefore, 

isoelectric point precipitation should be avoided in protein extraction, which is, for instance, 

not included in our mild purification extraction method.  

For a long time, more sustainable and mild purification methods were neglected due to the 

presence of non-proteinaceous components. Sustainability and functionality were argued to 

be conflicting, but we proved the opposite. The conventional wet extraction method is 

harming protein structure and functionality, whereas mild purification is able to retain 

protein nativity to a certain extent. Also, the presence of non-proteinaceous components 

was found to be negligible with regard to protein functionality. Next to a sustainability gain, 

mild purification also possesses a functionality gain. The field of food science and industry 

should further explore the possibilities of mild protein extraction methods. The current focus 

on producing protein ingredients with high protein purities has to be abandoned, while the 

new aim should focus on obtaining ingredient mixtures with good functional properties. 

Additionally, we usually try to produce an all-purpose protein ingredient with good gelling, 

foaming and emulsifying properties. We could also consider performing targeted 
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purification/fractionation of proteins (albumins or globulins, or a mixture) to obtain protein 

extracts with specific functional properties instead.  

In this thesis, we were able to link specific steps of plant protein extraction processes to the 

molecular properties of the protein extracts. Simultaneously, the molecular properties 

explained the macroscopic properties, which were bridged by the mesoscopic scale, the 

interface properties. By applying this multi-length scale approach, we demonstrated the 

contribution of non-proteinaceous components in mildly derived protein extracts, which can 

be present under several conditions, as mentioned in this section. Therefore, we present 

mild purification as a tool to achieve more sustainable plant protein ingredients with 

promising and target functional properties.  
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7.8 Outlook and recommendations 
Plant protein research is a major topic in food science. Each of these studies usually focuses 

on one or several plant sources, often with the aim to show interesting/promising functional 

properties. However, most studies apply slight differences in protein extraction methods or 

analysis of functional properties. These differences complicate relevant comparisons 

between studies, whereas we should start focusing on unravelling the general properties of 

plant proteins. Such recurring properties could be linked to protein functionality and will 

accelerate the advances in the plant protein transition. At this point, plant proteins are 

commonly compared to animal-derived proteins in terms of molecular and functional 

properties. This comparison is performed as animal proteins have been more extensively 

studied, but both proteins have very different roles in their original systems. Therefore, we 

should aim to better understand the plant proteins, and make good use of their intrinsic 

properties, instead of comparing them to animal ones. Future studies should aim to 

investigate multiple plant protein sources with a systematic methodology, thereby revealing 

plant protein (molecular) properties that contribute to good functional properties. 

On the other hand, it is also important to understand why plant proteins are not able to 

provide the desired functional properties, as such understanding could allow for the 

application of targeted modifications, such as enzymatic hydrolysis and addition of functional 

groups, but also the addition of other functional ingredients. Another important note is 

involving other scientific fields in the plant protein transition in foods. For instance, plant 

science, which has studied plant proteins and non-proteinaceous plant ingredients 

extensively, thus acquired a vast amount of knowledge on plant-based ingredients. Both 

fields should collaborate, and an example topic could be investigating the influence of 

growing conditions of plant crops on the composition of protein extracts, thus on protein 

functionality. Such insights would allow the modification of the source material, which has 

not received much attention yet. Collaborations between plant and food science would yield 

promising insights on plant protein functionality research from a food perspective. 

Another focus in plant protein functionality studies should be the contribution of non-

proteinaceous components in the plant protein extracts. Non-proteinaceous components, 

such as lipids and phenols, are generally present in plant protein extracts, especially in 

mildly derived extracts, but also extensively derived extracts may still contain substantial 

amounts of non-protein components. The impact of these components has not been 

extensively examined, and these systems are often considered too complicated for accurate 

analysis. In this thesis, we have indeed encountered multiple challenges in studying protein 

– phenol or lipid mixtures. Nonetheless, the system conditions or methodology could always 

be optimized, which allowed us to produce accurate and reproducible results. With the 

current methodological and technical advances, we should aim to investigate more complex 
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plant mixtures. The focus should also be on finding generalities in mixtures, which could, for 

instance, explain the differences in phenol-protein aggregation between whey and rapeseed 

proteins in this work. 

In this thesis, we provided a methodology to study the earlier mentioned complex plant 

mixtures: a multi-length scale approach. The first step in this approach is a compositional 

analysis, which is key information to understand the larger-scale properties of the entire 

mixture. The next step is studying the molecular properties of the components, such as 

chemical structure, size, hydrophobicity, and intermolecular interactions. The intermediate 

length scale is the mesoscopic one, and for multiphase systems, such as foams and 

emulsions, this is the interface. The largest length scale is the macroscopic properties, such 

as gelling, emulsifying and foaming. The strength of the multi-length scale approach is 

effectively bridging the molecular and macroscopic length scale by the mesoscopic one. At 

this length scale, the interfacial properties were analysed in our work by a combination of 

nonlinear rheology and microstructure imaging. The applied deformations in the dilatational 

deformations in this work were mostly in the nonlinear regime. In the majority of interfacial 

studies, only one deformation amplitude is evaluated with dilatational rheology, while 

studying the amplitude dependence (in the nonlinear viscoelastic regime) with amplitude 

sweeps yields a more accurate insight on the material properties of the interface. We also 

recommend the analysis of oscillatory deformations using Lissajous plots. In this work, we 

have proven the usefulness of these figures, as more details are exposed when studying the 

raw signal of the deformations compared to only evaluating surface moduli. Needless to say, 

Lissajous plots are also an adequate tool to analyse nonlinearities in surface shear and bulk 

rheology.  

A strong addition to rheological properties is the evaluation of the interfacial microstructure. 

We performed such analysis by producing Langmuir-Blodgett films of the interfacial layers, 

which can be analysed by atomic force or scanning electron microscopy. An insight into the 

microstructure assisted us distinctly in understanding the rheological properties of the 

interfacial layers. A combination of interfacial rheology and microstructure imaging is a 

powerful toolset to reveal the interfacial properties, especially of mixed systems. Such tools 

enable us to further explore the secrets of the interface, which is a crucial link in the multi-

length scale approach. In this thesis, we proved the usefulness of such an approach, 

especially in systems that are considered too complicated for analysis. This toolset is key in 

linking molecular properties to macroscopic functionalities, allowing us to link the degree of 

protein purification to molecular, interfacial, and foaming properties. Our approach can 

substantially expand the knowledge on plant protein functionality and thereby accelerate 

the protein transition. 
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Summary 
Sustainable food production is a necessity to meet the increasing demand for food by an 

increasing world population. A major trend is the protein transition from animal- to plant-

derived proteins. As a result, the interest in plant proteins from both industry and academia 

has been rapidly increasing. Prior to the utilisation of these ingredients, plant proteins must 

be extracted from the plant or crop. The most common extraction processes are extensive 

processes with many processing steps, require copious amounts of water and energy, and 

generate substantial amounts of waste streams. There are also indications that such 

processing might alter plant protein functional properties, for example, through denaturation 

of the protein structure and formation of insoluble aggregates. A solution could be milder 

and more sustainable processes, but less processing leads to protein extracts with lower 

protein purity due to the presence of more non-proteinaceous components, such as lipids 

and phenols. The aim of this thesis was to investigate the contribution of these non-

proteinaceous components to the interfacial and foaming properties of mildly derived plant 

protein extracts.  

In Chapter 1, we discussed the various components in plant crops. Rapeseed was chosen 

as a model system for our study, as the seeds are high in protein, lipids and phenols. We 

discussed the conventional/extensive wet extraction method, which is generally performed 

by protein extraction at an alkaline pH, followed by isoelectric point precipitation to obtain 

a protein-rich pellet. In our work, we proposed a mild purification method with the 

requirement of fewer resources and processing steps. Additionally, an introduction was given 

on the applied toolset in this work, which is a multi-length scale approach, where molecular 

properties are linked to macroscopic foam properties by an intermediate length scale, also 

known as the mesoscopic scale. The bridging length scale was extensively studied by 

characterising the interfacial properties using a combination of nonlinear surface rheology 

and microstructure imaging. In more detail, the nonlinear contributions in the rheological 

responses of the interfacial layers were evaluated by constructing Lissajous plots of the 

surface stress over the applied deformation. The interfacial microstructure was characterised 

by creating Langmuir-Blodgett films, which were subsequently analysed using atomic force 

microscopy (AFM). With this toolset, we studied complicated mixtures containing protein 

and non-proteinaceous components, such as lipids and phenols. 

In Chapter 2, we first studied the molecular, interfacial and foaming properties of the whole 

mixture, which was a mildly derived rapeseed protein concentrate (RPC), containing 71.7% 

(w/w) proteins, 8.3% (w/w) lipids, and 2.1% (w/w) phenols. Also, both albumins and 

globulins of rapeseed were present in the RPC. The RPC formed stiff and viscoelastic solid-

like interfacial layers, as shown by nonlinear surface rheology. The stiffness of the RPC-
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stabilised interfacial films reduced at higher bulk concentrations, probably due to non-

proteinaceous components. This was also demonstrated by the presence of long strands on 

AFM images of the RPC-stabilised Langmuir-Blodgett films. Therefore, a defatted RPC was 

produced to evaluate the contribution of the lipids. The interfacial layers were slightly stiffer 

after defatting, but the foaming properties of both non-defatted and defatted RPC were 

remarkably comparable. The lipids in the RPC did not have a detrimental effect on the 

foaming properties, which could be attributed to their colloidal structure, as the lipids exist 

in the form of oleosomes. These natural lipid droplets are storage organelles of plant oils 

with a triacylglycerol (TAG) core, surrounded by an interfacial layer with phospholipids and 

membrane proteins. An advantage of mild purification is the extraction of intact oleosomes, 

which are normally disrupted in the defatting step in the conventional protein extraction 

process. The exact role of the oleosomes on protein interface and foam stabilising properties 

was further evaluated in Chapter 5 and 6. 

Prior to comprehensive studies on the non-proteinaceous components, the aggregation state 

of the proteins was studied in Chapter 3, as plant proteins can exist in a largely aggregated 

state. Here, we studied native whey proteins (diameter 2 – 10 nm), which were heat-

denatured into aggregates (20 – 100 nm), and, finally, cold-gelated into larger whey protein 

beads (150 – 350 nm). Native whey proteins formed stiff and heterogeneous viscoelastic 

solid-like layers at the air-water interface, as whey proteins can form densely clustered 

networks with strong in-plane protein-protein interactions. Increasing the aggregated state 

to heat-denatured aggregates led to lower surface activity, but a similar rheological 

behaviour compared to native proteins. In the beads system, smaller non-aggregated or 

non-gelated constituents were found to dictate the interfacial properties, as smaller and 

more surface-active material seemed to outcompete the larger aggregated structures for 

adsorption at the air-water interface. The dominance of smaller non-aggregated material 

probably also occurred in the heat-denatured aggregate system, as smaller material was 

found to dominate the Langmuir-Blodgett films. Aggregation of proteins seems to impair the 

interfacial properties, as the surface activity and in-plane interactions of adsorbed material 

decreases. Such behaviour may occur in plant protein extracts, as processing steps, such as 

pH-shifts and heating, can induce protein aggregation, which was carefully discussed in 

further chapters.

Protein aggregation can also be chemically induced by phenol-protein interactions, which 

was investigated in Chapter 4. A phenol-free protein system is required to study phenol-

protein interactions. However, phenols could not be removed from rapeseed proteins without 

inducing protein denaturation and insolubility. Therefore, a model system was studied using 

whey proteins and sinapic acid, the most abundantly present phenol in rapeseed. Sinapic 

acid can interact non-covalently with whey proteins, leading to higher surface activity of the 
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phenol-protein complex compared to the pure protein. A drawback of such interactions is a 

weaker interfacial layer, as sinapic acid reduced the in-plane interactions between the 

proteins. The interfacial layer became even weaker after oxidation of the phenols to a highly 

reactive form, called quinones. As demonstrated in AFM, these quinones interacted 

covalently with proteins and cross-linked multiple proteins into large aggregates. 

Consequently, foaming properties were altered, as phenol-protein interactions led to smaller 

air bubble sizes, due to higher surface activity. On the other hand, the foams had lower 

stability, as phenol-protein interactions impaired the in-plane protein interactions at the 

interface. Understanding the role of phenols on proteins is crucial to examine the 

contribution of these non-proteinaceous components in plant protein extracts. For example, 

plant proteins are generally extracted at (extreme) alkaline pH to increase protein solubility. 

From this chapter, we could expect an accelerated phenol oxidation step at such alkaline 

pH, leading to the formation of quinones, thereby suggesting the potential formation of 

phenol-protein aggregates. 

In Chapter 5 and 6, another major component in our mildly derived RPC was evaluated, 

namely the oleosomes. First, we studied a model system with whey proteins and rapeseed 

oleosomes (Chapter 5). By microstructure imaging, the oleosomes were found to rupture 

after adsorption at the air-water interface. Subsequently, the TAG core, phospholipids and 

membrane proteins started spreading and rearranging at the interface. Oleosomes and whey 

proteins were found to co-adsorb at the air-water interface, and lipid-rich regions were 

formed that were surrounded by whey protein clusters. The result was a weak and more 

easily stretchable interfacial film at low dilatational deformations. At higher deformations, 

lipids were expelled out of the interface. As a result, proteins started interacting and 

dominating the rheological behaviour. Additionally, the oleosome membrane proteins were 

found to be strongly anchored in a continuous phospholipid phase. These membrane proteins 

largely increased the resistance against deformation of an air-water interfacial layer 

stabilised by oleosome phospholipids and membrane proteins. Removal of the membrane 

proteins resulted in a phospholipid layer with little lateral interactions, leading to expulsion 

of the stabilisers upon compression of the interfacial film. 

The findings of the model system in Chapter 5 were explored for mixtures containing our 

mildly derived RPC and additional oleosomes (Chapter 6). Here, we created mixtures with 

various RPC to oleosome ratios and also varied the protein concentrations. At low rapeseed 

protein concentrations (<0.2% w/w), oleosomes and proteins were found to co-adsorb, 

resulting in an oleosome dominated interface. This led to reduced connectivity between the 

rapeseed proteins, thus resulted in weaker interfacial layers. At higher protein 

concentrations or higher protein to oleosome ratios (i.e. fewer oleosomes), the proteins 

started to dominate the interfacial properties. A similar relationship was revealed for the 
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foaming properties, as oleosomes have the potential to substantially reduce foamability and 

foam stability of rapeseed proteins-stabilised foams. Here, the detrimental effect of 

oleosomes was also reduced, when more proteins were present in the mixture. We 

discovered by a displacement experiment in a Langmuir trough that oleosomes could not 

adsorb at the air-water interface, if proteins had formed a sufficiently dense and solid-like 

layer. This indicates the ability of protein to outcompete the oleosomes for adsorption at the 

air-water interface, which is largely dictated by the mixing ratios of oleosomes and proteins, 

and also affects interface and foam stabilising properties. 

Finally, in Chapter 7, we reviewed the findings of all chapters, and discussed the advantages 

and drawbacks of mildly derived plant extracts. The phenols and lipids in our RPC did not 

seem to largely affect the interfacial and foaming properties of the rapeseed proteins. 

Oleosomes were probably entrapping TAGs and phospholipids in their colloidal structure. 

This would prevent the adsorption of the lipids at an interface, thus protecting the adsorbed 

protein layer from the detrimental effect of lipids. Another advantage of mild processing is 

the co-extraction of both plant albumins and globulins, as in the conventional extraction 

process, globulins are mainly extracted, while albumins are discarded. Here, we evaluated 

the potential of albumins as excellent foam stabilisers, similar to dairy proteins, while 

globulins were revealed to be poor foam stabilisers. Albumins could positively contribute to 

a protein mixture, such as in our mildly derived RPC. From the findings in this thesis, we 

formulated three design rules to obtain plant protein extracts with promising functional 

properties: 

1. Phenol oxidation should be avoided, especially at (extreme) alkaline pH; 

2. Lipids can be present in the protein extract as long the natural colloidal structure 

is intact; 

3. Isoelectric point precipitation of proteins should be avoided. 

The findings in this thesis could only be achieved by performing the earlier described multi-

length scale approach. Bridging the molecular and foaming properties by characterising the 

interfacial properties was highly effective. Here, we have shown a powerful combination of 

nonlinear surface rheology and microstructure imaging, which allowed us to unravel the 

composition and mechanical properties of interfaces stabilised by complex mixtures. This 

toolset is key in linking properties on all these various length scales to the protein purification 

process. Our approach is suitable to expand the knowledge on plant protein functionality, 

thereby contributing to the protein transition.
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