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ABSTRACT: Pea proteins are promising oil-in-water emulsifying
agents at both neutral and acidic conditions. In an acidic
environment, pea proteins associate to form submicrometer-sized
particles. Previous studies suggested that the emulsions at acidic
pH were stabilized due to a Pickering mechanism. However,
protein particles can be in equilibrium with protein molecules,
which could play a signiﬁcant role in the stabilization of emulsion
droplets. Therefore, we revisited the emulsion stabilization
mechanism of pea proteins at pH 3 and investigated whether the
protein particles or the protein molecules are the major emulsifying
agent. The theoretical and experimental surface load of dispersed
oil droplets were compared, and we found that protein particles
can cover only 3.2% of the total oil droplet surface, which is not enough to stabilize the droplets, whereas protein molecules can
cover 47% of the total oil droplet surface. Moreover, through removing protein particles from the mixture and emulsifying with only
protein molecules, the contributions of pea protein molecules to the emulsifying properties of pea proteins at pH 3 were evaluated.
The results proved that the protein molecules were the primary stabilizers of the oil droplets at pH 3.

■

protein subunits (monomers).17 These protein monomers
have an increased exposed hydrophobicity.18 Due to this
increased exposed protein, hydrophobicity adsorption of
proteins to the droplet surface was promoted. Moreover, due
to protein conformational changes at acidic pH, a viscoelastic
interface is formed by weak protein−protein interaction.18
The dissociation of multimeric proteins (hexameric and
trimeric) into monomeric form (protein subunits) is reported
in the literature.19 However, in relation to an emulsifying
mechanism at acidic pH, pea proteins have been reported to
self-assemble to form particles.16 The fact that the particles are
formed even though the proteins are positively charged could
be attributed to the enhanced protein−protein physical
interactions through hydrophobic and van der Waals forces.20
These attractive forces may overcome the electrostatic
repulsion leading to protein self-assembly. However, more
research on the particle formation mechanism is necessary.
Therefore, the proposed mechanism for emulsiﬁcation by
pea proteins in an acidic environment is that the self-assembled
protein particles adsorb on the oil/water surface and stabilize

INTRODUCTION
Proteins are amphiphilic biopolymers that can function as
stabilizers of oil-in-water emulsions, as they adsorb on the
immiscible oil−water interface and decrease the interfacial
tension.1 In food applications, dairy and egg proteins are
mostly used as emulsiﬁers;2 however, due to environmental
concerns, the demand for utilizing plant proteins has
tremendously increased.3−6 Therefore, several studies have
already reported on the emulsifying properties of proteins
obtained from plant sources such as soybeans, rapeseed, and
peas.6−9
Among various plant protein sources, pea proteins have been
widely studied in recent years. Peas are mainly composed of
carbohydrates and proteins, which enables simpler extraction
steps to obtain proteins compared to other oil-rich seeds such
as soy and ﬂaxseed that require defatting.10−12
Pea proteins extracted by alkaline extraction, mainly a
mixture of trimeric 7S and hexameric 11S globular proteins,
have been reported to stabilize oil−water emulsions.13 The
extracted proteins have their point of zero charge (PZC) at pH
4.5, and their emulsifying properties were shown to be diﬀerent
below and above the PZC.14,15 Emulsiﬁcation at acidic pH
with the use of pea proteins resulted in smaller oil droplets
than emulsiﬁcation at neutral pH.7,14,16 Similar behavior has
also been reported for other plant proteins such as soy.
The ability of soy and lentil proteins to stabilize smaller oil
droplets in an acidic environment was attributed to the
dissociation of proteins from their multimeric form into
© 2020 American Chemical Society
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the oil droplets through a Pickering stabilization mechanism.8
Pickering emulsions are associated with stable oil droplets
stabilized by particles that are irreversibly adsorbed on the
droplet surface.21,22 The increased droplet stability of Pickering
stabilization has attracted great interest in modifying pea
proteins to act as Pickering particles in edible emulsion
systems, such as by heating to form microgels.23 However, a
mechanistic study of the emulsifying behavior of alkaline
extracted, unmodiﬁed pea proteins at pH 3 has not yet been
conducted.
The possible coexistence of protein molecules (biopolymer)
with protein particles (self-assembled) and their eﬀect on
droplet stabilization has not been investigated yet. As has been
reported for proteins, and in general for biopolymer selfassemblies, there might be an equilibrium between the number
of protein molecules and self-assembled protein particles.24 In
such cases, a considerable amount of protein molecules may
still be present in the pea protein dispersion at pH 3. Owing to
the smaller size and faster diﬀusion of protein molecules
compared to protein particles, they would be expected to play
a signiﬁcant role in reducing interfacial tension and in the
stabilization of oil droplets. Therefore, the contribution of pea
protein molecules to the interfacial properties of pea proteins
at pH 3 containing self-assembled particles needs to be
evaluated carefully. A pH value of 3 was chosen so as to study
the emulsifying behavior of pea proteins in acidic conditions
relevant for foods, while avoiding the possibility of acid
hydrolysis.
In this research we aimed to understand the emulsifying
properties of pea proteins at pH 3.0. Speciﬁcally, we evaluate
the possible contribution of protein molecules that could
coexist with self-assembled protein particles to droplet
stabilization. Interfacial tension reduction and emulsifying
properties of pea proteins were investigated. Further, we
combined theoretical calculations with experimental techniques to gain critical insights into the emulsifying mechanism of
pea proteins containing self-assembled protein particles.

■
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analyzer (FlashEA 1112 series, Thermo Scientiﬁc, Interscience, Breda,
The Netherlands). The measurement is based on combusting the
sample and analyzing the amount of nitrogen released against a Dmethionine standard. A conversion factor of 6.25 was used.25

protein content (wt %) =

nitrogen content × 6.25
× 100
initial sample dry mass

(1)

The ash content in the samples was determined by drying a known
mass (1 g) of sample in a calcination oven (P330, Nabertherm
GmbH, Lilienthal, Germany) at 550 °C for 24 h and the weight
percent ash was calculated as follows.

ash (wt %) =

final sample mass
× 100
initial dry sample mass

(2)

The amount of oil present in extracted pea protein powder was
determined by a solvent extraction process. A known amount of dry
sample was added to cellulose thimbles. Empty round-bottom ﬂasks
were weighed and ﬁlled with hexane. The thimbles were ﬁtted into the
extraction unit, and the round-bottom ﬂask with hexane was
evaporated (60 °C) and used to extract the oil for 6 h. Afterward,
the round-bottom ﬂask containing oil and hexane was removed and
hexane was evaporated under a fume hood for 6 days. The solventfree extract in the round-bottom ﬂask was weighed. The amount of oil
present was directly determined from the increase of weight in the
round-bottom ﬂask after solvent evaporation.
oil content (wt %) =

flask weight after extraction − empty flask weight
× 100
sample weight

(3)
Oil-in-Water Emulsion Preparation. Oil-in-water emulsions
were prepared with pea protein dispersions used as aqueous phase.
Dispersions of 10.0 wt % rapeseed oil and 90.0 wt % protein were
used. The ﬁnal protein content of the emulsion was standardized to
0.5 wt % by adjustment of the protein content in the dispersion. The
pH of the dispersion was changed to pH 3 with the use of 0.5 M HCl.
The dispersion was then stirred for 3 h under magnetic stirring. The
dispersion was then sheared for 15 s at 6000 rpm in an IKA (UltraTurrax, IKA, Staufen, Germany) Ultra-Turrax to ensure homogeneous
dispersion of proteins. Further, rapeseed oil was added slowly, and the
mixture was sheared for another 60 s at 10 000 rpm to produce a
coarse emulsion. The formed coarse emulsion was further
homogenized by passing through a GEA (Niro Soavi NS 1001 L,
Parma, Italy) high pressure homogenizer for ﬁve passes at a
homogenization pressure of 250 bar. The obtained ﬁnal emulsion
was allowed to equilibrate 3 h before any measurement was
performed. The emulsions were called pea protein stabilized
emulsions and were made in duplicate.
Emulsions were also prepared with the use of protein molecule
solution (supernatant after centrifugation). In brief, pea protein
dispersions were prepared as explained above. Then the dispersion
was ultracentrifugated at 320000g for 45 min at 20 °C with a
Beckman-Coulter L60 (Beckmann-Coulter Nederland B.V, Woerden,
The Netherlands) ultracentrifuge in 40 mL glass tubes. The clear
supernatants were carefully collected by pouring them into a beaker.
The collected solution was called protein molecule solution.
Emulsions were prepared as described above with this solution.
Protein Dispersion Size and Charge. The hydrodynamic size of
the particles in the protein dispersion was measured at pH 3 with the
use of a Malvern UltraSizer (Malvern Instruments Ltd., Malvern,
U.K.). In brief, protein dispersions of 0.5 wt % were prepared as
explained in the previous section and homogenized without addition
of oil. The homogenized protein dispersion was loaded into a
disposable clear cuvette, the size was measured with a refractive index
of 1.45, and a temperature of 20 °C was set. Similarly, the protein
molecule solution size was measured under the same conditions.
Surface charges of proteins of the same dispersions were measured
with a U-shaped cuvette in the Malvern Ultra Sizer (Malvern
Instruments Ltd., Malvern, U.K.) at 20 °C. All size and charge

EXPERIMENTAL SECTION

Materials. Whole yellow ﬁeld peas (Pisum sativum L.) were
obtained from Alimex B.V. (Sint Kruis, The Netherlands). Sodium
hydroxide, hydrochloric acid (analytical grade), sodium dodecyl
sulfate (SDS) reagent, and ﬂuorescent dyes Nile red and Fast Green
were all obtained from Sigma-Aldrich (Zwijndrecht, The Netherlands). Whatman cellulose thimbles were obtained from VWR
(Amsterdam, Netherlands).
Puriﬁcation of Pea Proteins. Pea proteins were extracted from
whole yellow peas by alkaline extraction and isoelectric point
precipitation, which is commonly reported in the literature.14,18 In
brief, pea seeds were dry milled into coarse ﬂour in a coﬀee blender
(IKA, Staufen, Germany). The ﬂour was then soaked in water at a
1:10 (w:w) solids to water ratio. The pH was adjusted to 8 with a 0.5
M NaOH solution under constant stirring. After 2 h of soaking, the
slurry was blended in a kitchen blender at maximum speed for 2 min.
The resultant slurry was centrifuged at 10000g for 30 min to
precipitate solids. Further, the protein-rich supernatant was separated,
and the proteins were precipitated at pH 4.8 with a 0.5 M HCl
solution. The solution was allowed to stand for 1 h, and the
precipitate was collected by centrifugation at 10000g for 30 min. The
precipitate was diluted (1:10 w/w) with ultrapure water, and the pH
was neutralized (pH 7). The solution was further freeze-dried, and the
obtained powder was termed simply as pea protein. The protein
powder was stored in the freezer (−18 °C) for further use.
Composition Analysis. The amount of protein in the extracted
pea protein powder was determined with the use of a Dumas nitrogen
12222
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measurements were done after 120 s of equilibration and were
performed in triplicate, and the average value was reported.
Droplet Size Measurement. The individual droplet size of the
emulsions was measured with laser diﬀraction in a Malvern
Mastersizer 3000 (Malvern Instruments Ltd., Malvern, U.K.). The
samples were dispensed with a hydrodispenser, and the droplet size
was represented by the volume mean diameter.
To measure individual droplet sizes, the emulsions were treated
with 1 wt % SDS solution. Addition of SDS breaks droplet
aggregation driven by protein interaction, so the size of individual
oil droplets could be measured in this manner.26 Equal volumes (1
mL) of emulsion and 1 wt % SDS solution were mixed, and the size
was immediately measured with the use of a refractive index of 1.47.
Similarly, the droplet size distribution of the emulsions was
determined after 7 days of storage at 4 °C to assess the coalescence
stability.
Measured Protein Surface Coverage of Oil Droplets. The
amount of protein covering the oil droplet surface was measured and
reported in milligrams per square meter. The experimental surface
coverage was measured according to our earlier work.27 In brief, the
emulsion samples were centrifuged at 10000g for 30 min at 4 °C. The
cream layer was then collected by removing the serum layer from the
centrifuge tube by puncturing a hole at the bottom of the tube. The
cream was dispersed in ultrapure water (1:10 (w:w) cream to water).
The dispersion was centrifuged again at 3000g for 15 min at 4 °C.
The second washed cream layer was also collected similarly to the ﬁrst
centrifugation and dried. The amount of protein in the cream layer
was measured with the use of a Dumas nitrogen analyzer as explained
under Composition Analysis.
The protein surface load (Γs) was roughly estimated by use of the
equation28
Γ
Γs = T
ST

of legumin, 4.69 nm, and that of vicilin, 3.50 nm, was used to calculate
the theoretical radius of the protein.30 (For more details on the
protein molecule size, please refer to the Supporting Information.)
2. The density of both protein molecules and protein particles was
assumed to be 1.37 g/cm3.
3. The proteins are circles on a two-dimensional droplet surface.
Interfacial Tension and Dilatational Moduli. The interfacial
tension reduction and dilatational rheology of the oil−pea protein
dispersion interface and the oil−protein molecule solution interface
were measured with an automated drop tensiometer (Tracker, Teclis
Instruments, Tassin, France). A 0.01 wt % pea protein and
corresponding pea protein molecule solution (0.01 wt % protein
dispersion after centrifuged) were prepared as explained under Oil-inWater Emulsion Preparation.
Rapeseed oil was treated with Florisil overnight to remove
impurities and was used as the oil phase. In brief a 1:3 (w/w) ratio
of Florisil to oil was mixed overnight and centrifuged the next day to
obtain contaminant-free oil, which was used in the interfacial study.
In the drop tensiometer, the rapeseed oil was loaded onto a 500 μL
syringe ﬁtted with a J-shaped needle. The aqueous phase was ﬁlled
into a clean, 7 mL optical glass cuvette. The needle was inserted into
the aqueous phase, and a sessile drop of 15 mm2 area was made. The
shape of the oil droplet was monitored continuously with a camera.
This was converted into interfacial tension by the Wdrop software
from Teclis Instruments (Tassin, France). The dynamic interfacial
tension reduction proﬁle was monitored continuously for 3.5 h and
plotted against time in a semilog plot. The interfacial tension
reduction was modeled with the use of a curve-ﬁtting procedure using
the equation31
γt = γ∞ + γ1e−t / t1 + γ1e−t / t2

6
Voil
D(3,2)

(5)

where Voil is the volume of oil and D(3,2) is the surface mean diameter
obtained from laser diﬀraction experiments.
Theoretical Estimation of Protein Surface Coverage of Oil
Droplets. The measured surface load of the emulsions was compared
with the theoretically estimated surface load. The theoretical surface
load of protein molecules and protein particles can be calculated by
use of eq 6.29 (For more details on the mathematical considerations to
derive the formula, the reader is referred to the Supporting
Information.)
Γ=

4
ρ φ rp
3 p max

(mg/m 2)

(6)

where ρp is 1.37 g/cm , φmax is 0.91 for circles packed on a ﬂat surface
with the assumption that the droplet surface is a two-dimensional
entity, and rp is the radius of the protein/particle.
Two scenarios were considered for theoretical estimation of the
surface load. The ﬁrst was assuming that the interface was covered by
protein particles, whose radius was based on the hydrodynamic size
obtained from size measurement. The second scenario was assuming
that the interface was solely covered by protein molecules. The radius
of a protein molecule was estimated based on its molecular weight
according to the following equation.23
3

rp = 0.066M1/3

(nm)

(8)

where γt is the interfacial tension at a given time, γ∞ is the ﬁnal
interfacial tension, and γ1 and γ2 are ﬁtting constants. t is the time in
seconds; t1 is the time in seconds, related to the lag phase; and t2 is
the time in seconds, related to the rearrangement phase.
After 3.5 h of measurement of the interfacial tension, dilatational
viscoelasticity was measured by changing the surface area of the
droplet in a sinusoidal manner. The droplet was subjected to changes
in surface area with amplitudes of 5 and 10% up to 30% deformation
with respect to the initial surface area (15 mm2). Each amplitude was
applied for 100 s with ﬁve cycles next to each other. This was followed
by 500 s of rest period before the next higher amplitude was applied.
The interfacial tension change and change in area were recorded
during the oscillation, and the dilatational elastic (Ed′) and viscous
moduli (Ed″) were obtained.
Light Microscopy and Confocal Microscopy (CLSM).
Emulsions were visualized with the use of light microscopy
(Axioscope, Zeiss, Jena, Germany) using 100× magniﬁcation, with a
5 times dilution in ultrapure water. The images were captured with an
Axiovert digital camera (Zeiss, Jena, Germany) and Axiovision
imaging software (Zeiss, Jena, Germany).
The emulsions were imaged with the use of a confocal laser
scanning microscope (CLSM) with the aid of ﬂuorescent dyes to
visualize the microstructure. In brief, about 1 mL of emulsion was
mixed with 7 μL of Nile red and 7 μL of Fast green FCF in an
Eppendorf tube. The tubes were sealed and allowed to mix for 15 min.
Afterward, about 30 μL of sample was deposited on a microscopy
slide and mounted on the confocal table. A Leica SP8 confocal
microscope ﬁtted with a 63× water immersion lens and white light
laser was used to image the samples. Nile red stained the oil phase and
was excited at 488 nm, and the emission was captured between 500
and 600 nm. Rhodamine B, which stained proteins, was excited at 566
nm, and the emission was captured between 570 and 670 nm. The
images were captured in a sequential manner with Leica imaging
software.
Transmission Electron Microscopy. The emulsions were
imaged with TEM after the sample was ﬁxated on polymer resin.
Brieﬂy, the emulsions were mixed together 1:1 (v/v) with 3 wt %
agarose solution at 40 °C. Then the mixture was allowed to solidify in

(4)

where ΓT is the total measured protein content in the cream layer and
ST is the total surface area.
ST =

Article

(7)

where M is molecular weight of the protein in daltons.
The following assumptions were taken into consideration for
calculating the theoretical surface load:
1. Equal amounts of legumin (11S) and vicilin (7S) proteins were
present at the droplet surface. Therefore, an average size between that
12223
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Figure 1. (a) Particle size distribution of 10.0 wt % oil-in-water emulsion freshly prepared (solid line) and after 7 days of storage at 4 °C (dashed
line) stabilized with the use of 0.5 wt % protein, pea protein extract. (b) Light micrograph of the emulsion shown (scale bar 20 μm/diluted 5
times).
the refrigerator at 4 °C. The hardened tubes were cut into 1 mm × 1
mm cubes. The cubes were then ﬁxed with glutaraldehyde for 1 h and
then washed with 0.1 M phosphate buﬀer three times. The cubes were
subsequently ﬁxated with 1% osmium tetroxide and washed with
ultrapure water. Then dehydration protocol was started by ethanol
washing. A series of 30, 50, 70, 80%, and up to 100% ethanol washing
steps were performed each lasting for 30 min. After the last ethanol
wash, the samples were mixed with Spurr’s embedding liquid in three
steps of 2:1,1:1, and 1:2 (ethanol:Spurr’s) with each step being 30
min long. After this, the samples were left in 100% Spurr’s for 1 h and
refreshed with 100% Spurr’s again and left overnight. The following
day, Spurr’s was refreshed again for 1 h and then the sample was left
to polymerize for 8 h at 70 °C. The Spurr’s polymerized and the
samples were embedded in it. Next, the samples were sectioned with
the use of Leica EM rapid (Leica Biosystems, Nussloch, Germany).
Afterward, the samples were more precisely sectioned by the use of a
Leica ultramicrotome UC7 into 70 nm thin slices. The slices were
collected with Formvar ﬁlm 150 mesh copper TEM grids. The grids
containing the samples were loaded into a Jeol JEM1400 plus-120 kV
TEM (Jeol B.V., Nieuw-Vennep, The Netherlands) with an EM11210SQCH specimen quick change holder. The samples were
imaged at 120 kV. The protein particles after homogenization were
also viewed with the TEM. The protein particle dispersion was placed
on a copper grid. The samples were stained with 2 μL of
phosphotungstic acid (PTA) for 15 s. Then the samples were dried
with ﬁberless ﬁlter paper pieces and washed once with water and dried
again. The dried copper grid was then transferred onto a Jeol
JEM2100 TEM chamber and imaged.

shows a bimodal size distribution with a clear distinction
between the two peaks. The hypothesis is that the oil droplets
correspond to the curve in the size range between 0.5 and 5
μm. The smaller submicrometer peak between 0.01 and 0.7
μm could be related to protein particles.16
After storage for 7 days, no signiﬁcant change in the droplet
size distribution was observed (Figure 1a, dashed line),
indicating that the amount of protein present at the droplet
surface was suﬃcient to avoid droplet coalescence.
The size distribution curve between 0.01 and 0.50 μm
observed in Figure 1a could correspond to the pea protein
particles.16 To investigate the cause of the submicrometer
peak, the protein dispersion was homogenized at the same
conditions as the emulsions, but without addition of the oil.
The particle size of the homogenized dispersion is given in
Figure 2. Figure 2 shows a monomodal particle size

■

RESULTS AND DISCUSSION
The composition of the extracted pea proteins was 84 wt %
protein, 6 wt % oil, and 3 wt % ash, similar to the already
reported compositions of pea protein extracts.15,32 The
proteins were characterized for their surface charge density
(zeta (ζ) potential) and solubility as a function of pH (Figure
S1). The ζ potential and solubility curves shown were similar
to what has been reported for pea proteins, with the point of
zero charge of pH 4.6 and minimum solubility between pH 4
and 5.15,33
To further evaluate the emulsifying property of pea proteins,
oil-in-water emulsions were prepared at pH 3.0. The particle
size distribution of the resulting emulsion is shown in Figure
1a, and the corresponding light micrograph of the emulsion is
shown in Figure 1b. Figure 1a shows droplet size distributions
for fresh emulsions and after storage for 7 days. The light
micrograph shows oil droplets in fresh emulsions that
contained spherical droplets. The size distribution curve

Figure 2. Size distribution self-assembled protein particles at pH 3,
homogenized at 250 bar pressures. (inset) TEM image of protein
particles (0.5 wt % protein; scale bar 200 nm).

distribution curve in the submicrometer range. The inset in
Figure 2 shows a representative transmission electron micrograph of the homogenized protein particle dispersion with
spherical particles in light gray. The size distribution shows
that particles in the size range between 0.05 and 0.70 μm with
a peak around 0.12 μm were observed. According to the
literature, this peak could be attributed to self-assembled
protein particles present in positively charged pea protein
dispersion.16 Moreover, spherical particles observed in the
TEM correspond well with the size distribution and are most
12224
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The positively charged pea proteins self-assemble to form
particles; however, since only physical forces such as van der
Waals forces and hydrophobic forces drive the particle
formation, an equilibrium between protein molecules and
protein particles might exist.20,24 Therefore, two scenarios were
considered when calculating the theoretical surface load. The
ﬁrst one is based on a droplet surface stabilized by protein
particles of 60 nm radius, which was obtained from the particle
size analysis of homogenized pea protein dispersion, where the
peak particle size is around 120 nm (peak value from Figure 2).
The second scenario is based on a droplet surface stabilized by
protein molecules of 4.1 nm radius, which was calculated from
the molecular weight of the protein molecules according to eq
7. The two theoretical scenarios were compared with
experimentally measured surface load as shown in Figure 4.

likely protein particles since the extracted protein powder used
here contains about 85 wt % protein. The presence of protein
particles at pH 3 despite being below the isoelectric point
shows that the driving force for the formation of the protein
particles could be a combination of physical forces such as
hydrophobic and van der Waals forces that overcome the
electrostatic repulsion.
The protein particles of sizes 0.05 and 0.70 μm (Figure 2)
formed at pH 3.0 have been attributed as the droplet
stabilizing agent in pea proteins through a Pickering
stabilization mechanism.8,16,34 To investigate whether the
protein particles were adsorbed on the oil droplet surface,
confocal and electron microscopic analyses were employed
(Figure 3). The confocal micrograph (Figure 3a) shows oil

Figure 4. Comparison between measured surface load and theoretical
surface load based on two scenarios: (1) protein particle stabilization
(radius rp = 60 nm, obtained from Figure 2); (2) protein molecule
stabilization (radius rp = 4.1 nm), of 10.0 wt % oil-in-water emulsion
stabilized by pea proteins.
Figure 3. (a) Confocal micrograph showing oil droplets in red and
protein surrounding the oil droplets in green (scale bar 10 μm). (b)
TEM micrograph of emulsion droplets with protein particles encircled
(scale bar 2 μm); 10.0 wt % oil-in-water emulsion stabilized by 0.5 wt
% pea proteins at pH 3.0.

Figure 4 shows the theoretical surface load based on the two
scenarios (top left) and the experimentally measured surface
load (top right). The bottom part of Figure 4 shows the
comparison between the theoretical and experimental surface
loads for the two scenarios.
Considering the theoretical scenario that protein particles of
60 nm radius are adsorbed on the droplet surface, eq 6 suggests
that 99.7 mg/m2 protein particles would be needed for
complete surface coverage. In the theoretical scenario where
protein molecules adsorbed on the surface, 6.82 mg/m2
protein molecules would be needed for complete surface
coverage. The experimentally measured surface load of the
emulsion oil droplets was only 3.2 mg/m2 (eq 4). Moreover,
when the measured and theoretical surface loads are compared,
for protein particle stabilized surface, the surface coverage was
3.21% of the theoretical coverage. However, in the scenario
where protein molecules stabilize the droplet surface, the
fraction of surface covered was 46.94% of the theoretical
coverage.
Studies have shown that model spherical particles can
stabilize oil droplets by covering as little as 10−20% of the oil
droplet surface.35 However, in cases of protein particles such as
soy glycinin, a coverage of 40% or higher was reported.
Similarly, when whey protein nanogels were used, surface
coverage of 68% was found to critical.36,37 Therefore, the

droplets (red) surrounded by proteins (green). Figure 3a
shows that the protein particles were only found in patches at
the droplet surface and were not seen as a homogeneous layer
around the oil droplets. In addition, not all the oil droplets
were covered by the protein particles. To gain a more detailed
visualization of the droplet surface, transmission electron
microscopy analysis was employed (Figure 3b), which shows
oil droplets in gray and proteins in black. The image shows a
clear interface of oil droplets covered with denser regions,
which are proteins. Also, the protein particles are not covering
the entire droplet surface, similar to the observation from the
confocal micrograph.
From the microscopic analysis, it was not clear whether
solely protein particles were stabilizing the oil droplet surface.
Therefore, more information on the state of the proteins
adsorbed was required to understand the emulsifying
mechanism. Therefore, the surface coverage (mass of protein
per unit surface area) of the formed oil droplets was calculated
theoretically (using eq 6) and compared with the experimentally measured surface coverage.
12225
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estimated surface coverage of 3.2% for Pickering stabilization
for pea protein stabilized emulsion would not be suﬃcient to
stabilize the oil droplets and avoid further coalescence.38,39
Moreover, studies have shown that the surface load for protein
Pickering particles was between 20 and 25 mg/m2, which is
lower than what we have estimated theoretically but much
higher than the measured surface load in this research.36 The
comparison indicates that it is possible that the second
scenario takes place; that is, protein molecules are adsorbed on
the droplet surface.
To conﬁrm the hypothesis that protein molecules were also
present in the pea proteins at pH 3, the protein dispersion was
centrifuged at an ultrahigh rotation speed. The supernatant
after ultracentrifugation contained about 40 wt % of the
proteins present in the initial dispersion (measured by the
Lowry method of S3 protein solubility). The size distribution
of the resultant supernatant shows a monomodal distribution
between 3 and 20 nm (Figure 5). Figure 5 clearly shows the

Article

An important requirement of the interfacially active
molecules, such as proteins, is their ability to adsorb onto
the oil−water surface and reduce the interfacial tension.
Therefore, the pea protein particle−molecule mixture was
compared with the protein molecule solution for their
interfacial tension reducing property. The shape of the tension
reduction curve consisted of a lag phase and an adsorption
phase which is characteristic for protein adsorption at the
droplet surface.31 During the lag phase, protein molecules do
not suﬃciently cover the droplet interface and there is no
interaction between them at the interface, leading to a lack of
interfacial tension reduction.43 Such a lag phase may not exist
in a real emulsion system due to the much higher
concentration of proteins used. During the second phase
(adsorption phase), proteins adsorb and rearrange at the
droplet surface, which leads to a noticeable reduction in
interfacial tension.30
The tension curves were ﬁt to an exponential equation (eq
8), and the results are summarized in Table 1. Table 1 shows
that, for both systems, the interfacial tension decreased over
3.5 h from around 25 mN/m to around 14 mN/m. Moreover,
the lag time (t1 ∼ 150 s) was much lower than the
rearrangement time (t2 ∼ 3000 s) for both systems. This
indicated that, after the lag time, a period of gradual reduction
in interfacial tension was associated with interfacial rearrangement of proteins. The slow rearrangement has also been shown
in the literature for pea globulins at acidic conditions.44 The
slow decline has been attributed to the structural reorganization of pea globulins hexamers (and trimers) into their
monomeric subunits. Similar tension reduction proﬁles for
both protein particle−molecule mixture and the protein
molecule systems indicated that the interfacial tension
reducing property of pea protein dispersion mainly comes
from the protein molecules and not from the protein particles.
The viscoelastic properties of the ﬁlm formed at the droplet
surface give information on the interactions between the
molecules adsorbed at the droplet surface. Therefore,
interfacial dilatational experiments were performed and the
resulting dilatational elastic (Ed′) and viscous moduli (Ed″) of
pea protein particle−molecule mixture and pea protein
molecules are shown in Figure 6. The dilatational elastic
modulus (Ed′) was observed to be higher than the viscous
modulus (Ed″) over the range of amplitude tested for both
systems. The Ed′ curves of the protein particle−molecule
mixture and the protein molecule solution follow each other
closely. Therefore, it can be concluded that protein molecules
in the protein particle−molecule mixture mainly adhere to the
droplet surface and form a cohesive network.
Moreover, the modulus curves did not show a large
amplitude dependency over the tested range, indicating that
the protein−protein interactions at the droplet surface led to
the formation of a cohesive network that remained intact under
the applied surface area changes. The protein network was
probably formed by physical interactions, which overcame the
electrostatic repulsion. The protein network can prevent the

Figure 5. Particle size distribution of protein molecule solution
obtained after centrifugation of 0.5 wt % pea protein dispersion at pH
3.0.

presence of smaller proteins compared to the protein particles
seen before homogenization. Moreover, the size distribution
seen here corresponds well with the theoretical protein
molecule size of ∼8.2 nm (4.1 nm radius). Moreover, the
size distribution shown here corresponds well with what has
been experimentally reported for pea protein molecules of
legumin and vicilin (rg ∼ 4.5 nm) and for protein assembly of
three to six oligomers (rg ∼ 25 nm).40−42
The presence of protein molecules (3−20 nm) showed that
the pea proteins coexisted as particles and as protein molecules
in the pea protein dispersion at pH 3 with an equilibrium
between them. Therefore, pea proteins at pH 3 can be
described as a protein particle−molecule mixture. The fraction
of protein particles and protein molecules in our case was
60:40 (wt:wt) respectively (measured by Lowry). The
existence of protein molecules implies that a minimum protein
concentration is required for self-assembly to occur. The
concentration dependency for protein assembly indicates that
the particle formation was diﬀusion controlled and was driven
by reversible physical forces.24

Table 1. Interfacial Tension Parameters of Pea Protein Particle−Molecule Mixture and Pea Protein Molecule Solution
Measured Using Drop Tensiometer for 12 000 s at 20 °C
sample

initial tension (mN/m)

lag time (t1) (s)

rearrangement time (t2) (s)

ﬁnal tension after 12 000 s (mN/m)

protein particle−molecule mixture
protein molecule solution

24.7
23.2

154
121

3137
2845

13.41
14.49
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coalescence (Figure 7a). Moreover, the droplet size distribution of the protein molecules stabilized emulsion corresponded
well with that of the emulsions made with the pea protein
particle−molecule mixture (Figure 1a). The light micrograph
(Figure 7, inset) also showed that the droplets were spherical
and showed a similar microstructure compared to that of pea
protein particle−molecule emulsion (Figure 1b).
To investigate the microstructure of the emulsion, confocal
analysis (Figure 7c) and TEM analysis (Figure 7b) were
employed. The confocal micrograph shows oil droplets (red)
and proteins (in green), while the TEM micrograph (Figure
7b) shows oil droplets in gray and darker patches of proteins.
The confocal micrograph (Figure 7c) showed that the formed
oil droplets appeared with a homogeneous interface and no
dense protein areas could be observed. The homogeneous
droplet interface without protein particles was also conﬁrmed
from the electron micrograph (Figure 7b). Also, the electron
micrograph clearly shows that the droplet surface of the
protein molecules stabilized emulsion was identical to that of
the pea protein particle−molecule emulsion (Figure 3b). The
similarity between the droplet surfaces of the two emulsions
indicated that protein molecules in the pea protein particle−
molecule mixture were responsible for the droplet surface
stabilization. These ﬁndings clearly show that the protein
particles do not play a major role in the droplet surface
stabilization of pea proteins at pH 3.0.

Figure 6. Dilatational elastic (ﬁlled) and viscous moduli (unﬁlled) of
pea protein particle−molecule mixture (black) and pea protein
molecule solution (gray) measured after 3.5 h of steady interfacial
tension decrease as a function of amplitude of deformation.

rupture of droplet surface and subsequent destabilization of the
droplet.45
To further conﬁrm that protein molecules were the major
stabilizers of the oil droplets in the pea protein particle−
molecule mixture, emulsions were prepared using the protein
supernatant obtained after ultracentrifugation. The same initial
protein concentration was used for ultracentrifugation
compared to what was used to prepare pea protein emulsion
(Figure 1). The droplet size distribution of the resulting
emulsion is shown in Figure 7a for fresh emulsions (solid line)
and after 7 days (dashed line). The distribution curve is
monomodal with size between 500 nm and 5 μm. The inset in
Figure 7a shows a light micrograph of the formed emulsion in
the fresh state. The droplet size distribution of the formed
emulsion was stable over storage for 7 days, indicating no

■

CONCLUSIONS
In this work we investigated the interfacial and emulsifying
properties of pea proteins at pH 3.0. We showed that pea
proteins self-assembled to form particles of size between 0.05
and 0.7 μm. Most of the proteins were not present as particles,
since 40 wt % of the total protein in the protein particle−

Figure 7. (a) Droplet size distribution of emulsion prepared with protein molecule solution: day 0 (solid line) and day 7 (dashed line). (inset)
Light micrograph of the emulsion at day 0 (scale bar 20 μm/diluted 5 times). (b) TEM image of emulsion stabilized with protein molecules (scale
bar 2 μm). (c) Confocal micrograph of emulsion prepared with protein molecules at day 0 (oil, red; protein, green; scale bar 10 μm).
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molecule mixture existed as protein molecules. The size
distribution of the protein molecules (Figure 7) was between 3
and 20 nm in accordance with the calculated size of pea
globulins and with what has been reported in the literature for
globular plant proteins at pH 3.18 The protein particle−
molecule mixture reduced the interfacial tension and formed
stable oil-in-water emulsions. The measured surface load of the
emulsion was compared with the theoretical surface load. The
comparison showed that, when protein particles would
stabilize the surface, only 3.2% of the droplet surface would
be covered. On the other hand, when protein molecules would
stabilize the surface, 47% of the droplet surface would be
covered. Therefore, protein molecules are more likely the
major stabilizing agent. To verify that protein molecules were
responsible for stabilization, the emulsion was prepared with
protein molecules. The resulting emulsion was stable against
coalescence and showed a similar droplet size compared to that
of the emulsion stabilized with the protein particle−molecule
mixture. Therefore, we concluded that the mechanism of
emulsiﬁcation in pea proteins at pH 3.0 is not based on protein
particles but is based on protein molecules. In addition, we
show that, when studying the emulsifying properties of protein
aggregates/particles, the presence of protein molecules should
not be neglected.
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