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ABSTRACT
Plant biomass delignification is crucial for terrestrial carbon cycling and is essential
for incentives aiming at the valorization of lignocellulose. For understanding this
central process in nature and biorefinery, we need to elucidate and comprehend
the mechanisms that govern recalcitrance and conversion at the molecular level.
This insight can only be obtained by accurate analysis of the molecules involved,
both contentwise and structurewise. This research, therefore, aimed to advance
the quantitative mapping of lignin and employ the developed analytical toolkit to
unravel the underlying mechanisms of a process that has largely remained elusive
to date: the fungal delignification of plant biomass.
We demonstrate through careful method validation that py-GC-MS analysis can
be used for the concurrent quantification and structural characterization of grass,
hardwood and softwood lignin, when employing uniformly

13

C labeled lignin

internal standards and relative response factors for the individual pyrolysis
products.
The developed method was used to assess three white-rot fungal species in terms
of delignification effectivity and selectivity. In both important traits, Ceriporiopsis
subvermispora outperformed Lentinula edodes and Pleurotus eryngii.
Comprehensive structural analyses of the residual lignin after growth of C.
subvermispora allowed us to reconstruct various degradation routes of lignin’s
most abundant β-O-4’ ethers and determine the relative susceptibility of various
β-O-4’ substructures. Our results imply that one-electron oxidation initiates in situ
ligninolysis, which then cascades into the cleavage of C -C, C -O and O-4’-aryl
bonds. Ligninolysis was shown to depend on the electron density of the 4’-Osubunit, diastereochemistry and γ-acylation.
In addition to white-rot basidiomycete fungi, we studied the ligninolytic capacity
of the ascomycete fungus P. anserina. Substrate characterization unambiguously
confirmed lignin degradation and secretome analysis suggested that laccases and
H2O2 producing enzymes were likely involved in the observed ligninolysis.
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CHAPTER 1

General Introduction

The Circular Economy Package launched in 2017 by the Directorate General
Environment of the European Commission promotes a transition from burning plant
biomass for energy towards integrated biorefineries, in which non-food competing
agricultural and forest side-streams are valorized as source of green specialty and
platform chemicals, fuels, animal feed and biobased materials. 1-5 The crux of
biorefinery is that, in essence, this process can be carbon-neutral: emitted CO 2 is
assimilated again to new plant biomass, yielding a closed cycle. 6
However, non-edible plant biomass is highly resistant against conversion,
especially due to the presence of lignin, an extremely complex aromatic polymer. 7
Currently, biorefinery processes consume extensive amounts of chemicals and/or
energy to overcome lignin’s recalcitrance and, therefore, do not conform to the
circular premise. This has created a momentum towards plant breeding and genetic
engineering to reduce the recalcitrance of the lignin component and got us engaged
into a quest for more sustainable pretreatment alternatives. In nature, the
conversion of lignin is essential to terrestrial carbon cycling and nature, therefore,
has evolved ingenious mechanisms largely built upon fungi to degrade this
heterogeneous

macromolecule,

without

being

accompanied

by

substantial

environmental impact. 8 As such, these nature-inspired strategies might help to
meet the envisaged targets.
For exploiting plant biomass to its fullest and evaluate the above outlined
incentives, we need to understand the mechanisms that control recalcitrance and
conversion at the molecular level. This insight can only be obtained by accurate
analysis of the molecules involved, both in terms of content and structure. The aim
of this thesis, therefore, can be divided into two main facets. The first is to enable
the quantitative analysis of lignin and the second is to apply the developed analyses
to gain mechanistic insight into the fungal degradation of lignin.

In this thesis, three main plant biomass sources are distinguished: grasses (e.g.
wheat straw), hardwoods (e.g. oak wood) and softwoods (e.g. spruce wood). The
dry matter of these agricultural and forest side-streams, also referred to as
lignocellulosic biomass, mostly consists of cell wall material. The plant cell wall is
assembled into three main layers, the middle lamella, the primary cell wall and the
secondary cell wall (Figure 1). 9 The last mentioned layer makes up the largest part
of the dry matter of cell walls and, hence, is most relevant for biorefinery. The
secondary cell wall is mainly comprised of cellulose, hemicellulose and lignin, of
which the former two are polysaccharides and the latter is a heterogeneous
aromatic polymer. 10 These macromolecules form a three-dimensional network on
the basis of non-covalent and covalent interactions (Figure 1), and lignin in

particular provides the plant with mechanical strength and protection against
environmental and pathogenic attack. 11-12 Lignin is highly recalcitrant and beyond
its physiological function in the plant, its presence limits the enzymatic and
chemical conversion of the plant’s polysaccharides in biorefinery approaches. 7
In general, grasses consist of 30-40% (w/w) of cellulose with hemicellulose and
lignin accounting for another 20-40% (w/w) and 15-30% (w/w), respectively. 13-14
Woods generally contain more cellulose and lignin than grasses, approximating to
50% (w/w) and 25-35% (w/w), respectively. 15 The exact composition, threedimensional organization and molecular structure of these macromolecules is,
amongst others, dependent on the family, species, part, age, and origin of the
plant and is, furthermore, dependent on the methods used to establish them.16-18
A
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Figure 1. Schematic representation of cells (A), the cell wall (B) and secondary cell wall polymer
organization (C). Panel A is adapted from Meents et al. (2018). 19

Cellulose is a homogeneous linear polymer of β-(1→4)-linked glucosyl units (Figure
2). Each glucosyl unit rotates 180 o along the axis of the glucosidic bond and the
chains can polymerize to a degree of polymerization (DP) of over 10 4. These glucan
chains interact via hydrogen bonds and van der Waals interactions to microfibrils
with both crystalline and amorphous regions. 20

In contrast to cellulose, hemicellulose is much more heterogeneous, and its
structure is highly varied across plant species. 17,

21-22

The major part of

hemicellulose in grasses is composed of glucuronoarabinoxylan (GAX) (Figure 2).
GAX consists of a backbone of β-(1→4)-linked xylopyranosyl units that is
substituted by α-L-arabinofuranosyl units at the O-3 or O-3 and O-2 position
(disubstitution), by (4-O-methyl-)glucuronosyl units at the O-2 position and by
acetyl groups at the O-2 or O-3 position, with the degree and pattern of
substitution depending on the plant species. 22
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Figure 2. Structural representation of constituent monosaccharides (A) and polysaccharides (B) of
the secondary plant cell wall. Me = methyl, Ac = acetate, FA = ferulate, diFA = diferulate, pCA =
p-coumarate.

The arabinosyl units can be esterified at their O-5 position to ferulic or diferulic
acid and, although in much lesser extents, to p-coumaric acid. 23 The ferulate
substructures are involved in intramolecular crosslinking as well as crosslinking to
lignin, as will be elaborated in the section ‘lignin-carbohydrate complexes’. In
hardwoods the main hemicellulosic component consists of glucuronoxylan (GX)
(Figure 2). GX contains a β-(1→4)-linked xylopyranosyl backbone, O-2 substituted
by 4-O-methyl-α-D-glucuronosyl units and is generally much richer in acetyl
substituents than GAX. 17 In addition to GAX and GX, grass and hardwoods contain
minor amounts of mannans and glucomannans, consisting of a β-(1→4)-linked
mannosyl and β-(1→4)-linked mixed mannosyl-glucosyl backbone, with O-2 and/or
O-3

acetylation.17

Vice

versa,

(galacto)glucomannans

comprise

the

major

hemicellulosic polysaccharide in softwood secondary cell walls, consisting of the
same mannosyl-glucosyl backbone, O-6 substituted with α-D-galactosyl units
(Figure 2). Like grasses, softwoods contain GAX, though it structurally differs in
terms of substitution degree and pattern. Softwood GAX is generally richer in α -Larabinosyl and 4-O-methyl-α-D -glucuronosyl substituents with low amounts of
acetyl groups. 17, 22

Lignin is an aromatic heterogeneous plant cell wall polymer that is mainly built up
from the radical coupling of 4-hydroxyphenylpropanoids. 24 The precursors or
‘monolignols’ that take part in these combinatorial coupling reactions are pcoumaryl,

coniferyl

and

sinapyl

alcohol,

which

respectively

result

in

p-

hydroxyphenyl (H), guaiacyl (G) and syringyl (S) units when incorporated into the
polymer (Figure 3).

p-coumaryl alcohol

coniferyl alcohol

sinapyl alcohol

H

G

S

p-hydroxyphenyl unit

guaiacyl unit

syringyl unit

Figure 3. Precursors of and corresponding subunits when incorporated into lignin. Wavy lines
indicate main positions of further coupling. Note that in H and G units, respectively, 3 and 5 and 5
positions are available for further coupling (see Figure 5).

The relative and absolute levels of incorporation mainly depend on the taxon, but
are known to vary with species, cell type, cell wall layer, developmental phase and
even

environmental

conditions

are

reported

to

influence

the

subunit

composition. 25-26 In general, softwood lignin comprises G-units only, whereas
hardwood lignin is mainly composed of G- and S-units, with traces of H-units. Grass
lignin contains the same subunits as hardwood, but is generally richer in H-units.18
Upon synthesis from phenylalanine, the precursors are transported to the cell wall
periphery and transformed into their free radical forms by laccases and/or
peroxidases. 19,

24

The underlying biosynthetic pathways have been extensively

discussed elsewhere and are considered to be out of the scope of this thesis. 18, 27
Subsequent lignification is majorly initiated by the ‘end-wise’ coupling of two free
radicals, i.e. the coupling of monomers to a growing oligomer or polymer with
dehydrodimerization reactions being a minor event. 28 Via combinatorial radical
mechanisms various aryl-ether and carbon-carbon interunit linkages are formed,
with the β-O-4’ aryl ether as most abundant interunit linkage (Figure 4).
In the first step of β-O-4’ aryl ether formation, a phenolic and β-carbon-centered
radical resonance form react to a quinone methide intermediate creating a new
chiral center on the β-carbon. In the second step, water nucleophilically attacks
the α-carbon due to which the structure rearomatizes to the final β-O-4’ aryl ether
linkage under formation of an additional chiral center on the α-carbon. 28 The
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resulting racemic mixture, therefore, consists of two diasteromeric pairs of
enantiomers, with RR/SS and RS/SR being referred to as threo and erythro,
respectively (Figure 3). 28 The face of the planar quinone methide intermediate that
water is added to is largely determined by the degree of methoxylation of the
subunits of the interunit linkage. The formation of erythro-diastereomers is favored
for S-units, while G-units tend to link without a clear diastereomeric preference.29

monolignol + oligo/polymer radicals
radical coupling

quinone methide intermediate
H2O addition

α-S, β-S

threo β-O-4’ aryl ether

+

+

α-R, β-S

α-R, β-R

erythro β-O-4’ aryl ether

α-S, β-R

Figure 4. Combinatorial β-O-4’ aryl ether radical coupling mechanism. Dashed lines indicate
optional methoxyl groups, wavy lines indicates main position of further coupling .

β-O-4’ aryl ethers generally account for 80% of all interunit linkages, with resinols
(β-β’), phenylcoumarans (β-5’), dibenzodioxocins (4-O-β/5-5’) and spirodienones
(β-1’/α-O-α’) making up for the other interunit substructures (Figure 5). 28
Obviously, the degree of methoxylation also influences the formation of condensed
carbon-carbon bonded linkages, which requires a free 5’-carbon position for
coupling. As a consequence, softwood lignins generally contain larger amounts of
such

condensed

substructures.

30

phenylcoumaran

(β-5’)

and

dibenzodioxocin

(4-O-β/5-5’)

The latter dibenzodioxocin linkage, together with 5-5’ and 4-O-5’

linkages, have long been assumed a ‘branching point’ of lignins. 31 However, these
linkages have to date only been detected in their free-phenolic form and
consequently, lignin might be more linear than generally considered. 30, 32

β-O-4’ aryl ether

β-5’ phenylcoumaran

γ-acylated β-O-4’ aryl ether

β-β’ resinol

Cα-oxidized β-O-4’ aryl ether

β-β’ tetrahydrofuran

5-5’ biphenyl

5’-5’/4-O-β dibenzodioxocin

β-1’/α-O-α’ spirodienone

4-O-5’ biphenyl ether

Figure 5. Lignin’s interunit linkages. Dashed lines indicate optional methoxyl groups, wavy lines
indicates main confirmed positions of further coupling. R in γ-acylated β-O-4’ aryl ethers and β-β’
tetrahydrofuran can represent acetate, p-coumarate and p-hydroxybenzoate.

In addition to the ‘traditional’ subunits, grass and hardwood lignins incorporate
monolignols that are esterified at the γ-position with, respectively, acetate/pcoumarate and p-hydroxybenzoate (Figure 6). 33-34 It is important to note that these
substructures are present during lignification reactions and are not added later as
‘decorations’ and should, therefore, be considered an integral part of the lignin
macromolecule.34 The presence of these monolignol conjugates during lignification

1

results in the formation of ‘new’ interunit linkages in some grass species that are
high in such γ-acylated moieties. Due to the blocked or ‘occupied’ γ-position,
resinol linkages cannot be formed anymore and tetrahydrofuran substructures are
formed instead (Figure 5). 35-36 Yet, the β-O-4’ aryl ether linkage is still most
abundantly

formed,

and

γ-acylation

is

therefore

mostly

found

in

these

substructures. A rather surprising feature of the γ-conjugates is that they seem to
only occur as ‘free’ or pendant phenolic moieties, i.e. their 4-OH group does not
take part in radical coupling reactions. 34 The current theory to explain this
phenomenon is by a ‘radical transfer mechanism’, in which phenolic γ-conjugates
are oxidized to radicals, but these radicals then transfer quickly to the subunit they
are attached to, facilitating their participation in coupling reactions as discussed
above and leaving the γ-esters unchanged. 37
More recently, it was discovered that substructures outside the canonical
monolignol pathway can participate in the same lignification reactions. Examples
of such ‘exotic’ monomers include hydroxystilbenes in palm fruit endocarps and
spruce bark, diferuloylputrescine in corn cobs and perhaps the most striking
example is the flavonoid tricin in grasses (Figure 6). 13, 38-41

p-hydroxybenzoate

p-coumarate

ferulate

tricin

Figure 6. Structural moieties beyond the traditional monomers incorporated into the lignin
macromolecule. Wavy lines indicate main confirmed positions of further coupling. R in ferulate is
an arabinosyl unit when present as lignin-carbohydrate complex.

The incorporation of tricin has severe implications for the process of lignification in
grasses and is now considered as an initiation point of the growing lignin
polymer. 42-43 The latter function was previously only considered for ferulates
attached to glucuronoarabinoxylan, which results in the formation of so-called
lignin-carbohydrate complexes, as will be elaborated in the next section. 44 Not only
do these examples provide implications for the lignification process, they also
portray the potentially unlimited variability that can be encountered within
lignins. 28
Taking all the above-mentioned structural parameters into account, this clearly
demonstrates the wealth of physically distinct polymers a lignin chemist is
confronted with. As such, we contend that all lignin macromolecules are unequal,
but some are more unequal than others (based on George Orwell’s Animal Farm).
Overall, the timing of monolignol deposition governs the plant control, albeit
indirect, over lignin structure and might enable the plant to ‘tune’ lignin to its
purpose.45 Though lignin structure might be considered random or at least without
apparent order, this certainly does not equal uncontrolled.

Covalent linkages between lignin and hemicellulose, so-called lignin-carbohydrate
complexes (LCCs), have long been suggested and debated. 46 In woods, five main
LCC linkage types have been proposed to occur, namely α-ether, α-ester, γ-ester,
phenyl glycoside and acetal linkages, but only very recently the first unambiguous
evidence of one of such linkages was presented. 47-51 In Japanese red pine, the
direct linkage between a mannosyl unit in glucomannan and the benzylic carbon of
a β-O-4’ aryl ether via an α-ether bond was elucidated via multidimensional NMR
analyses. 52 The formation of this bond can be explained on the basis of the
reactivity of the primary hydroxyl group (C6) of the saccharide that can fulfill the
same role as water, i.e. nucleophilic attack, in the second step of interunit linkage
formation (see section ‘lignin’).
In grasses, it is generally accepted that the main LCCs are formed indirectly via
ferulate and diferulate ‘bridges’ between GAX and lignin. 53-55 Esterified at the O-5
position

of

arabinosyl

units,

the

(di)ferulates

can

participate

in

similar

combinatorial coupling reactions as described for the monolignols and monolignol
conjugates. 34,

44, 56

Alternatively, these ferulates may also be ‘passively’ incor-

porated into the lignins if their phenolic hydroxyl groups participate in nucleophilic
addition to the quinone methide intermediates (see section ‘lignin’) to yield ferulate
α-ethers. 44,

57

The various diferulate structures known to exist add to the already

vastly complex structure of grass lignins. 34, 58

The presence of lignin and lignin-carbohydrate complexes hinders the (enzymatic)
conversion of the polysaccharides contained within plant biomass. 3-4,

7

Besides

physical entrapment and covalent interactions, also the adsorption of enzymes to
lignin negatively impacts the conversion. 59 The degradation of lignin, therefore, is
crucial for terrestrial carbon recycling in Nature and is a principal goal for the
industrial

utilization

of

biochemicals and biofuels.

lignocellulose
60-62

for

the

production

of

animal

feed,

Here, we focus mainly on processes to valorize the

cell wall carbohydrates and, ergo, at pretreatments primarily aiming to degrade
and/or remove lignin. However, the chemical nature and structural heterogeneity
of lignin make the macromolecule highly recalcitrant against decomposition.

Several strategies are currently in operation for the pretreatment of plant biomass
at industrial scale. They can be roughly categorized, based on the nature by which
they disrupt the secondary cell wall matrix, into physical, thermochemical and
solvent fractionation (ionic-liquids) pretreatments or combinations thereof. 63-65 The
common denominator of these processes is that they all consume extensive
amounts of energy

and/or chemicals to overcome lignin’s recalcitrance. 66

Therefore, they cannot be considered sustainable or truly ‘green’.

1

Alternatively, Nature heavily relies on the action of bacteria and fungi for lignin
degradation, with white-rot fungi being the key players. 67 These fungi are named
after the color of the residual biomass after their growth, which is generally lighter
in color due to the degradation of lignin, especially when it exceeds the degradation
of cellulose and hemicellulose. 68-69 Brown rot fungi, in shear contrast, preferentially
target carbohydrates and leave the remaining lignin largely intact, hence the brown
color of the residue. 70-71 Due to their lignin degrading capacity, white-rot fungi are
biotechnologically most relevant. 72 Since the fungal delignification process is nonenergy intensive and unaccompanied by the production of inhibitors for down stream processes commonly produced through thermochemical pretreatments, this
biological pretreatment strategy is increasingly receiving attention. 73-74 However,
extensive fungal delignification requires long residence times, generally up to two
months, and (some) carbohydrate consumption is inherent to fungal growth. 75-78
Notably, both the extent and selectivity of delignification depend on the used
methodology to establish them (Table 1 and Table 2). Methodological details are
discussed in the section ‘the analysis of lignin’.
Table 1. Efficiency and selectivity of wheat straw delignification by selected white -rot fungi as
determined by Klason lignin and constituent monosaccharide analyses. Treatment time 3 weeks,
except reference 77 (4 weeks).
Degradation (% w/w) a
Selectivityb
Fungus

Lignin

Hemicellulose

Cellulose

L/C

L/HC

Reference

Ceriporiopsis subvermispora

30

36

13

2.3

0.8

76

Pleurotus eryngii

17

8

0

-

2.1

76

Phanerochaete chrysosporium

17

36

40

0.4

0.5

77

Pleurotus ostreatus

27

52

22

1.2

0.5

76

Trametes versicolor

46

21

23

2.0

2.2

77

Irpex lacteus

34

26

17

2.0

1.3

77

lignin based on sum of acid-insoluble and acid-soluble lignin, ash correction not specifically reported; hemicellulose based on anhydroxylose; cellulose based on anhydroglucose.
b
L/C based on lignin versus cellulose degradation; L/HC based on ligni n versus hemicellulose degradation
a

Table 2. Efficiency and selectivity of wheat straw delignification by selected white -rot fungi as
determined by Van Soest compositional analysis. Treatment time 7 weeks.
Degradation (% w/w) a
Fungus

Selectivityb

Lignin

Hemicellulose

Cellulose

L/C

L/HC

Reference

Ceriporiopsis subvermispora

63

57

3

21

1.1

78

Pleurotus eryngii

32

28

6

5.3

1.1

78

Phanerochaete chrysosporium

41

38

35

1.2

1.1

78

Pleurotus ostreatus

39

38

21

1.9

1.0

78

Trametes versicolor

62

45

45

1.4

1.4

78

Lentinula edodes

59

53

9

6.6

1.1

78

lignin based on acid detergent lignin (ADL); hemicellulose based on difference between neutral deterge nt fiber
(NDF) and acid detergent fiber (ADF); cellulose based on difference between ADF and ADL.
b
L/C based on lignin versus cellulose degradation; L/HC based on lignin versus hemicellulose degradation
a

Both the time-efficiency and selectivity of the fungal delignification process require
optimization before (most) industrial scale applications can be realized. 62,

79

Screening of the most effective and selective species combined with an improved
understanding of the underlying delignification mechanisms at the molecular level
are expected to contribute to achieving this aim. These incentives highlight the
need for accurate analyses of both lignin content and structure.

For

lignin

degradation,

white-rot

fungi

rely

on

an

intricate

extracellular

oxidoreductase machinery based on several peroxidases, laccases and accessory
H2O2 producing enzymes, although the relative dependencies widely vary among
species. 80-82 Lignin peroxidases (LiPs) were the initial enzymes held responsible for
fungal ligninolysis, hence also coined ligninases, and found in the extensively
studied white-rot fungus Phanerochaete chrysosporium (see also Table 1+2). 83-84
Due to a high redox potential, LiPs can directly oxidize lignin related molecules
after initial oxidation of the enzyme by H 2O2. A solvent-exposed tryptophan residue
was shown to be involved in the oxidative action of LiP, which allows the enzyme
to act on polymeric lignin. 85-86 However, fungal lignin degradation occurs before
cell wall porosity would allow enzymes to penetrate. 87-88 Therefore, the enzymes
have often been associated to work in concert with veratryl alcohol, that should
act as diffusible oxidant or electron shuttle, also called mediator. Though, a recent
study largely debunked this widely accepted mediator function as it was shown
that LiP-generated veratryl alcohol cation radicals were unable to oxidize the
interior of specifically designed beads with a normalized porosity. 89
Certain white-rot species, such as Ceriporiopsis subvermispora (see also Table
1+2), can degrade lignin effectively in the absence of LiP. Instead, these fungi
depend on manganese peroxidases (MnPs), enzymes that are omnipresent
amongst white-rot fungi. 90 MnPs oxidize Mn 2+ to Mn 3+ , again after ‘activation’ of
the enzyme by H2O2. The resulting Mn 3+, stabilized by chelation to oxalic acid,
mediates lignin degradation but, is, however, only able to oxidize phenolic
subunits. The enzymes have been shown to be able to degrade non-phenolic
subunits as well, when they act concerted with other mediators, presumably lipids,
although controversy on the exact nature and role of these mediators remains. 9193

The third main peroxidase type are the versatile peroxidases (VP), enzymes that

combine the catalytic properties and characteristics of LiPs and MnPs. 94
In contrast to these peroxidases, laccases do not require the presence of H 2O2 for
activity and catalyze the one-electron oxidation of aromatic substrates using
molecular oxygen as electron acceptor. 95 Laccases can only directly oxidize
phenolic subunits and require mediators, operating via different

oxidation

mechanisms, to oxidize non-phenolic subunits. 96 For the same steric hindrance
reasons described above, it can be doubted that laccases work directly on
polymeric lignin.

1

The H 2O2 required by peroxidases is largely provided by accessory enzymes
grouped

into

the

flavin-dependent

glucose-methanol-choline

oxidoreductase family, including aryl-alcohol oxidases (AAO). 69,

97

(GMC)

The latter

enzymes catalyze the oxidation of lignin-derived low molecular weight aromatics
or aromatic fungal metabolites under the reduction of molecular oxygen to
hydrogen peroxide. A cyclic redox reaction is ensured by the enzymatic reduct ion
of aromatic products resulting from AAO oxidation. 97

As a result of lignin’s structural complexity, model compounds are often used to
study the mechanisms underlying chemical and biological lignin conversion. 98-103
Through these lignin mimics, it has been established that the enzymes responsible
for fungal ligninolysis degrade lignin oxidatively via reactions that are initiated by
hydrogen atom and/or single electron transfer. 83, 93,

103-104

These reactions result

in various products that can be mainly ascribed to four pathways: I C α -oxidation;
II Cα -Cβ cleavage; III C β -O cleavage and IV O-4’cleavage (Figure 7), though arylalkyl and aromatic-ring cleavage have been described as well. Clearly, the
reactions that take place depend on the ligninolytic system, but importantly, the
structure of the model compound also largely influences the reaction outcome
(Figure 7). 83, 93, 101, 104-106

System

III

I
II

LiP + H2O2

IV
Laccase + HBT

I Cα-oxidation
III Cβ-O cleavage

II Cα-Cβ cleavage

MnP + H2O2 + FA

IV O-4’ cleavage

R1, R2

I

II

III

IV

Reference

CH3, H

+

++

-

++

83

C2H5, OCH3

-

+

-

++

105

CH3, H

++

-

++

-

101

C2H5, OCH3

++

+

++

+

104

CH3, H

++

+

-

-

106

C2H5, OCH3

++

+

++

++

93

Figure 7. Reaction outcomes for mechanistic studies on fungal lign inolysis by using lignin model
dimers. Cleavage reaction not observed (-); cleavage reaction observed (+); major cleavage
reaction (++). LiP lignin peroxidase; HBT hydroxybenzotriazole; MnP manganese peroxidase; FA
fatty acid.

Though these lignin model compound studies have formed the basis of our
understanding of fungal delignification mechanisms, it can be doubted whether the
results obtained on these simplified systems can be extrapolated directly to in situ
fungal delignification. Not only do the lignin mimics oversimplify lignin structure
and exclude the effect of the secondary cell wall matrix lignin is naturally contained
in, these studies employed individual enzymes while in situ a complex enzyme
collective is responsible for ligninolysis, as outlined in the section ‘enzymes
involved in fungal lignin degradation’.

When fungi are used directly rather than (purified) enzyme extracts to investigate
the degradation mechanisms of lignin model compounds, it cannot be excluded
that

these

compounds

are

transported

intracellularly

and

converted

via

mechanisms irrelevant to the conversion of polymeric lignin, unable to cross the
fungal cell membrane. 103, 107-108 Ideally, mechanistic insight is, therefore, obtained
through characterization of the residual lignin structures after fungal growth on
actual lignocellulosic biomass and reconstructing reaction pathways on the basis
of the elucidated reaction products and/or intermediates. Obtaining in situ
mechanistic insight has thus far found to be troublesome, particularly because of
lignin’s structural complexity and the concomitant analytical difficulties. The
advancement of lignin’s analytical toolbox is expected to contribute to the
understanding of in situ fungal delignification mechanisms.

In general, the analysis of lignin is complicated due to its insoluble nature in most
common solvents, structural heterogeneity and resistance against controlled
depolymerization. Over the past decades several qualitative and quantitative
analyses for the characterization of lignin have been developed. Yet, only more
recent advancements have begun to shed light on the polymer that had always
been considered a black box. 109-111 In the next sections, the most relevant analyses
of lignin content and lignin structure will be discussed.

Despite the developments in the lignin field, lignin content analyses still heavily
rely on traditional, unspecific gravimetric and spectrophotometric tools. 112-113 The
gravimetric approaches mainly aim to hydrolyze carbohydrates and quantify lignin
as the insoluble residue. Acid-insoluble lignin (AIL), commonly referred to as
Klason lignin, is obtained after a two-step sulfuric acid hydrolysis comprising
incubation with concentrated acid at moderate temperature (~30 °C) followed by
boiling after dilution. 114 Alternatively, acid-detergent lignin (ADL) is obtained when
the order of the two steps is reversed and a detergent is present during
hydrolysis. 115 Logically, any non-lignin acid-insoluble material remaining after
hydrolysis interferes with the analysis. Such interferences can vary and might,
amongst others, comprise of ash and protein in native plant biomass, chitin in
fungal treated material and humic substances in soil samples. Due to the severe
hydrolysis conditions a fraction of the lignin is solubilized. This acid-soluble lignin
(ASL) is truly formed during the procedure, rather than being a distinct fraction
initially present in the samples and its formation is expected to depend on the
initial lignin structure. 116 Heavily degraded lignins are likely more prone to acid
solubilization. In the Klason methodology, ASL is determined spectrophotometrically, which outcome strongly depends on the wavelength and corresponding
extinction coefficient used for quantification. 113-114 The ADL procedure generally
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results in more ASL and the fact that it is not quantified largely explains why this
methodology underestimates lignin content by a factor 2 to 5. 117-118
Contrarily, the acetylbromide method is based on complete solubilization of lignin
through derivatization prior to spectrophotometric analysis and is, besides residual
insoluble lignin, skewed by any nonlignin compounds with absorbance in the 280
nm region.119-120 These interfering compounds are also formed during the
experiment itself. 119
Given the above, one can question the delignification data presented in Tables 1
and 2. This advertises for the need of an alternative method for the determination
of lignin content, especially in fungal treated samples.

This section is limited to techniques used for the analyses of polymeric lignin and
techniques employed in this thesis are emphasized. LC-MS, GC-MS, and MALDITOF-MS analyses mainly find application for the analysis of low(er) molecular
weight lignin-derived molecules and, thus, will not be dealt with. 93, 121-122 In most
cases, the analytical tools used for the structural characterization of polymeric
lignin reveal information on specific features only (Table 3). Therefore, multiple
techniques are required to obtain comprehensive insight into lignin’s structure and
despite major advancements some serious drawbacks of the current methods still
remain.
As can be observed in Table 3, 1H-13C HSQC NMR proves most versatile with regard
to the structural information that can be obtained in a single analysis. In principle,
any compound with specific chemical shifts for C-H pairs can be detected, though
the technique is mostly applied for the analysis of lignin’s interunit linkag es. 124
However, the technique suffers from serious limitations in terms of quantification,
particularly caused by relaxation dependencies on the molecular weight and
‘pendant’

versus

‘core-lignin’

semiquantitative at best. 125,

units,

141-143

and,

consequently,

is

currently

still

For a more quantitative analysis of β-O-4’ aryl

ethers, derivatization followed by reductive cleavage (DFRC) has proven very
useful and recent advancements now also allow the accurate detection of γ acylated substructures. 138-140 In addition to the quantification challenges, HSQC
NMR analysis requires lignin isolation for detailed structural characterization. 124
Lignin isolations are always a tradeoff between yield, structural integrity and
purity. Innumerable efforts have thus far aimed to determine the optimal lignin
isolation procedure and find the perfect balance between the latter three
parameters. 144-145 Most commonly, however, lignin is still isolated via the classical
protocol developed by Björkman or modifications thereof. In these procedures
plant biomass is always planetary ball-milled and extracted by aqueous dioxane
and optionally includes enzymatic carbohydrate degradation prior to dioxane
extraction to improve yields. 146-147 Although care must be taken to avoid excessive
structural modification during ball-milling and yields are generally low, these lignin

preparations are still considered fairly representative of the total lignin structure

1

present.148-149
Table 3. Common analytical methods used for the structural assessment of lignin.

Structural features

HSQC NMR a
Subunit composition



Interunit linkages



NMR a

SECa

Py-GC-MS a

FTIR a

DFRC a





b
b



Molecular weight
γ-conjugates



C α oxidized moieties



Phenolic hydroxyl

c

d

e













c



LCCs
Diastereomer ratio f
State


dissolved/gel

Isolation required

Specification

31 P

Sample amount
Analysis time
Sample preparation
Quantitativeness
References

dissolved

dissolved

solid

solid

solid

no

yes

yes

no

no

no

20-100 mg

20-100 mg

2-10 mg

<100 μg

<5 mg

20-100 mg

<2 h

<1 h

<1 h

<1 h

<10 min

<30 min

ball-milling +
dissolution or
derivatization
dissolution
derivatization

milling +
weighing

milling +
tableting

derivatization

Relative

Absolute g

Absolute h

Relative

Relative

Absolute g

123-125

126-128

129-131

132-134

135-137

138-140

Heteronuclear Single Quantum Coherence Nuclear Magnetic Resonance; 31P Nuclear Magnetic Resonance; SizeExclusion Chromatography; Pyrolysis combined with Gas Chromatography and Mass Spectrometric detection;
Fourier Transform Infrared spectroscopy; Derivatization Followed by Reductive Cleavage
b
only β-O-4’ aryl ether linkages
c
only distinguished in presence of tetramethylammonium hydroxide (TMAH), excluding acetyl groups and tricin
d
only γ-acylating conjugates of β-O-4’ aryl ether linkages
e
only carboxylic OH
f
only β-O-4’ aryl ether linkages (erythro vs threo)
g
relative to internal standard
h
often established through system calibration with polystyrene sulfonate standards that poorly resemble lignin
structure
a

Likewise,

31

P NMR and SEC can only be applied on lignin isolates as both procedures

require complete solubility of the sample, for phosphitylating derivatization and
chromatographic separation, respectively. 128,

130

The latter chromatography is,

therefore, often performed by using strong alkaline conditions. 129 These conditions
cleave alkali-labile ester structures present in the lignins, e.g. γ-acyl groups, and
hence, are expected to influence the molecular weights observed. To avoid such
cleavage reactions, derivatization (often acetylation) of the isolated lignins has
been applied to allow solubility in organic solvents like tetrahydrofuran. 129 A major
drawback of such derivatization, however, is that the number of derivatized groups
is not known, which logically is detrimental to the accuracy of the molecular weight
determination.150 Without the need for derivatization, DMSO containing lithium
bromide was found to be able to dissolve a wide range of structurally different
lignins and therefore was considered a more-or-less universal lignin solvent and
eluent for SEC analyses. 131 All SEC variants, however, suffer from a dependency

on polystyrene sulfonate standards for system calibration, which generally tend to
poorly resemble lignin structure. Recent advancements with multi-angle light
scattering (MALS) detection now circumvent this calibration problem and enable
the more accurate assessment of lignin’s molecular weight. 151
To overcome the problems associated with lignin isolation, mainly in terms of low
recovery and chemical modifications, techniques that allow in situ lignin analysis
are seriously gaining popularity. Even though cryogenically cooled probes and
high-field (600 Hz and up) NMR analyses greatly improve resolution and start to
become general practice, these still not provide sufficient resolution to completely
resolve lignin and carbohydrate related peaks in the aliphatic region and some
lignin- and protein derived peaks in the aromatic region. Furthermore, such
measurements in the gel state still require planetary ball-milling of the samples. 125,
152

Alternatively,

pyrolysis

combined

with

gas

chromatography

and

mass

spectrometric detection (py-GC-MS) can be used for the direct characterization of
lignin contained within lignocellulose, i.e. without lignin isolation. The term
“pyrolysis” suggests the involvement of some sort of “pyro”, for fire, and “lysis”,
for separation or cleavage. Yet, only such lysis indeed occurs as the process is
defined as the decomposition of a material at elevated temperatures (for lignin
generally at 500 oC and above) in the absence of oxygen. Lignocellulose pyrolysis
yields low molecular weight, unspecific, gaseous products such as CO 2 and
methane and a solid residue called char, but importantly also results in the
formation of lignin-specific products. 153 These lignin-derived pyrolysis products can
principally be distinguished as phenolic monomers, retaining their methoxyl
substituents
propenyl).

and

132, 154

containing

various

side-chains

(e.g.

methyl,

aldehyde,

Lignin’s thermal decomposition is severely affected by the

pyrolysis conditions, with temperature, heating rate and residence time of the
released products as major parameters, and the process thus depends on the
system and setup used. 155 A temperature of 500 oC is often used for the analytical
pyrolysis of lignin. This temperature gives an optimal balance between pyrolysis
efficiency, yield of monomeric products and their structural integrity, i.e. ring
cleavage and demethoxylation reactions are kept to a minimum. 156 Combined with
sufficiently short residence times to minimize secondary (and up) reactions, this
ensures that the measured products are representative of the lignin they derive
from. 155 The advancement of micro-furnace pyrolysis systems enables robust and
reproducible analyses and especially the development of the auto-sampler setup
now allows the employment of the technique in a more routine and higher
throughput fashion (Figure 8). 155,

157

Nonetheless, py-GC-MS analyses itself have

principally remained the same since the early efforts of Faix et al. 154 and Ralph &
Hatfield 132, and mostly have been used to give qualitative insight into the relative

distributions of the released pyrolysis products, thereby providing a ‘fingerprint’ of
the lignin structure. 134
Upon pyrolysis, the hydroxycinnamic acids p-coumarate and ferulate decarboxylate
respectively to 4-vinylphenol and 4-vinylguaiacol, products that also arise from the
pyrolysis of ‘core lignin’ itself. 132 Particularly relevant for the pyrolysis of grass
lignocellulose, therefore, tetramethylammonium hydroxide (TMAH) is often added
to the samples before pyrolysis to methylate phenolic and carboxylic hydroxyl
groups and be able to deduce the origin of such vinylproducts. 36, 158-159

autosampler

micro-furnace

GC
MS
Figure 8. Schematic representation of a micro-furnace py-GC-MS setup equipped with an
autosampler.

Some

studies

have

also

attempted

to

apply

py-GC-MS

analysis

for

the

quantification of lignin content, which has, thus far, resulted in insufficient
accuracy. This inaccuracy followed from two main analytical approaches. The first
approach relates to the use of relative peak areas for the quantification of lignin,
i.e. peak area of lignin-derived products versus total peak area was used as a
quantitative measure. 160-162 Differences in pyrolysis efficiencies of the constituents
of lignocellulose, the absence of (relative) response factors of the released
products and matrix-effects yield unreliable lignin contents when following this
approach. 132 Second, monomeric internal standards were used for the absolute
quantification of the released pyrolysis products. 163-164 Although some studies
attempted to include (relative) response factors, this approach always neglects the
formation of unspecific pyrolysis products from lignin and, consequentially, greatly
underestimates lignin content. 155 In addition, matrix-effects exerted on polymeric
lignin are unlikely to similarly affect monomeric internal standards, further
contributing to the inaccuracy. 165
In spite of the analytical challenges outlined above, we do not think that the
quantitative potential of py-GC-MS analysis has been fully exploited. Furthermore,
the unique low sample investments for py-GC-MS analysis call for a broader
employment of this analytical tool for the quantitative analysis of lignin, which,
therefore, is one of the central aims of this thesis.
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The aim of this project is two-facetted. The first relates to enabling the quantitative
mapping of lignin both in terms of content and structure and sets to achieve this
aim by employing py-GC-MS analysis. Secondly, the project aims to use the
developed py-GC-MS method in parallel with various other analytical tools to obtain
comprehensive insight into fungal delignification in terms of efficiency and
selectivity, underlying mechanisms and susceptibility of specific structural motifs
towards degradation.

In Chapter 1 the relevance of this project and current state of knowledge on lignin,
lignin analysis and fungal delignification are succinctly outlined.
In Chapter 2 we demonstrate how uniformly
employed

as

internal

standard

for

13

C labeled wheat straw lignin can be

py-GC-MS

analyses

and

enables

the

quantification of lignin and its structural features.
Chapter 3 describes our efforts to further advance the

13

C internal standard py-

GC-MS method by employing high-resolution mass spectrometric detection and
extending the method to hardwoods and softwoods by using uniformly

13

C labeled

willow and douglas fir lignin, respectively.
In Chapter 4 three white-rot fungal species are compared in terms of their
efficiency

and

selectivity

of

lignin

removal

and

underlying

delignification

mechanisms by quantitative py-GC-MS and whole-cell wall NMR analyses. We show
that Ceriporiopsis subvermispora is particularly effective and selective and
achieves so via fundamentally different delignification mechanisms.
Chapter

5

describes

our

work

to

further

understand

the

delignification

mechanisms of C. subvermispora. Herein, we elucidate in situ delignification
reaction

pathways

through

selectively

extracted

and

comprehensively

characterized diagnostic substructures.
In Chapter 6 the relative susceptibilities of various structural motifs of wheat
straw lignin to degradation by C. subvermispora are delineated and we discuss our
findings in light of the underlying delignification mechanisms.
In Chapter 7 we unambiguously confirm that the ascomycte Podospora anserina
possesses ligninolytic capacity through comprehensive structural analyses of lignin
after fungal growth and analysis of the fungus’ secretome.
Finally, in Chapter 8, we discuss the (combined) results obtained in the preceding
chapters alongside some unpublished findings and present future perspectives for
the application of the novel analytical methods and fungi to valorize lignocellulose.
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CHAPTER 2

Quantification of lignin and its structural
features in plant biomass using 13C lignin as
internal standard for pyrolysis-GC-SIM-MS
Gijs van Erven, Ries de Visser, Donny W. H. Merkx,
Willem Strolenberg, Peter de Gijsel
Harry Gruppen, Mirjam A. Kabel

Based on: Analytical Chemistry, 2017, 89, 10907-10916

Understanding mechanisms underlying plant biomass recalcitrance at molecular
level can only be achieved by accurate analyses of both content and structural
features of the molecules involved. Current quantification of lignin is, however,
majorly based on unspecific gravimetric analysis after sulfuric acid hydrolysis.
Hence, our research aimed at specific lignin quantification with concurrent
characterization of its structural features. Hereto, for the first time, a polymeric
13

C lignin was used as internal standard (IS) for lignin quantification via analytical

pyrolysis coupled to gas chromatography with mass-spectrometric detection in
selected ion monitoring mode (py-GC-SIM-MS). In addition, relative response
factors (RRFs) for the various pyrolysis products obtained were determined and
applied. First,

12

C and

13

C lignin were isolated from nonlabeled and uniformly

13

C

labeled wheat straw, respectively, and characterized by heteronuclear single
quantum coherence (HSQC) nuclear magnetic resonance (NMR) and py-GC-MS.
The two lignin isolates were found to have identical structures. Second,

13

C-IS

based lignin quantification by py-GC-SIM-MS was validated in reconstituted
biomass model systems with known contents of the

12

C lignin analogue and was

shown to be extremely accurate (>99.9%, R >0.999) and precise (RSD < 1.5%).
2

Third,

13

C-IS based lignin quantification was applied to four common poaceous

biomass sources (wheat straw, barley straw, corn stover and sugarcane bagasse)
and lignin contents were in good agreement with the total gravimetrically
determined lignin contents. Our robust method proves to be a promising
alternative for the high-throughput quantification of lignin in milled biomass
samples directly and simultaneously provides a direct insight into the structural
features of lignin.

Understanding and improving the conversion of plant biomass heavily depends on
the characterization and quantification of its constituents. The major constituents
of poaceous plant biomasses are cellulose (30-50% (w/w)), hemicellulose (mainly
xylan, 20-40% (w/w)) and lignin (5-25% (w/w)). 1 Cellulose and xylan are
polysaccharides and lignin is a cross-linked phenolic macromolecule, which is
composed of p-hydroxyphenyl (H), guaiacyl (G) and syringyl (S) subunits. These
subunits are linked through multiple carbon-carbon and aryl-ether linkages,
resulting in a complex structure. 2 While characterization and quantification of the
plant carbohydrates are considered routine analyses, the quantification of lignin
and its subunit composition is not well established. 3-5
Common quantification of lignin, still, mainly relies on gravimetric analysis after
sulphuric acid hydrolysis known as Klason-lignin analysis or a variant hereof. 6-7
The outcome of such gravimetric analysis is highly disturbed by the presence of
non-lignin acid-insoluble material, e.g. proteins and chitin of fungal origin. In
addition, this analysis does not distinguish different lignin structures. 6 Therefore,
one of the main challenges for biomass analysis, is the development of an
analytical tool for the specific quantification of lignin in absolute amounts that is
able to simultaneously characterize lignins structural features in a robust and high throughput manner.
Solving this analytical challenge has been attempted with vibrational spectroscopy
and nuclear magnetic resonance (NMR), both proven powerful techniques for the
structural elucidation of lignin. 5,

8-11

For quantification of lignin, however, serious

drawbacks remained: both techniques suffered from poor accuracy, dependency
on structurally similar calibration standards and/or minimal structural information
that was obtained. 8-11 Additionally, for NMR throughput was low. 12
As alternative, our research aimed at the development of a rapid and specific lignin
quantification method via analytical pyrolysis coupled to gas chromatography with
mass-spectrometric detection (py-GC-MS). This technique requires minimal
sample amounts (10-100 μg) and only milling of the sample is needed prior to
analysis. Furthermore, py-GC-MS has been shown to enable distinguishing lignins’
subunits, i.e. H, G and S substructures. 13-15 In contrast, thus far, py-GC-MS has
been found inaccurate for the absolute quantification of lignin in plant biomass. 1620

That inaccuracy has been proposed to relate to two main aspects. The first

relates to the need for a proper internal standard (IS), that during pyrolysis
behaves like (native) lignin in biomass, together with the large number of pyrolysis
products formed. 13,

21

Secondly, different ratios of pyrolysis products ask for the

determination and use of (relative) response factors. 16, 21-22
Previously, absolute lignin quantification by py-GC-MS and py-GC-FID (Flame
Ionization Detection) was attempted by relating the relative peak area of ligninderived compounds, so-called ‘py-lignin’, to lignin content as determined by
gravimetric methods. The models that were obtained showed low and/or unstable

2

accuracy.17-20 Partially, this was a consequence of the absence of response factors
for the obtained pyrolysis products. Furthermore, the extents to which CO 2 and
other low molecular weight gasses and char were formed from both lignin and nonlignin components of the cell-wall upon pyrolysis was not accounted for. Matrixeffects

during

pyrolysis

Alternatively,

Bocchini

measurement

of

may

et

al.

have

further

influenced

approached

16

lignin-derived

pyrolysis

lignin

products

the

outcomes. 22-24

quantification

via

monomeric

by

the

internal

standards and the application of response factors, which resulted in severe
underestimation. Again, the formation of non-monomeric pyrolysis products was
excluded and matrix-effects were expected to affect the monomeric internal
standard differently than lignin macromolecules in biomass.
To specifically correct for the formation of non-monomeric pyrolysis products from
lignin and monitor matrix-effects properly, the use of polymeric lignin as internal
standard can be hypothesized for lignin quantification by py-GC-MS, a currently
unexplored field of research.
Thereto, this research aimed to apply the ‘ideal’ standard, a

13

C-labeled polymeric

lignin isolate, for the absolute lignin quantification by py-GC-MS. Relative response
factors for lignin-derived products were determined and applied to allow
quantification, via the

13

C-lignin as internal standard, of structurally diverse lignins

in four poaceous biomasses.

Materials. All chemicals were obtained from commercial suppliers and used
without further purification. Water used in all experiments was purified via a MilliQ water system (Millipore, Billerica, MA, USA). For lignin content determination
experiments, wheat straw (WS) and corn stover (CS) were kindly provided by CNC
(Milsbeek, The Netherlands). Sugar cane bagasse (SCB) and barley straw (BS)
were supplied by Sime Darby (Kuala Lumpur, Malaysia) and Unifarm Wageningen
(Wageningen,

The

Netherlands),

respectively.

Compositional

analysis

was

performed as described in Supporting Information.
Preparation of nonlabeled and
98.9 atom %

12

C) and uniformly

13

13

C-labeled wheat straw. Nonlabeled (“ 12C”,

C-labeled (“ 13C”, 97.7 atom %

13

C) spring wheat

plants (Triticum aestivum L. cv. ‘Baldus’) were produced under identical growth
conditions in modified, custom designed, air-tight, high-irradiance labeling
chambers of the facility ESPAS (Experimental Soil Plant Atmosphere System,
IsoLife, Wageningen, The Netherlands). 25 Details of wheat straw preparation are
provided in Supporting Information.
Isolation of lignin from

12

C and

13

C wheat straw. The isolation of lignin was

performed according to a modified method reported by Björkman. 26 Freeze-dried
straw (3 g), either

12

C or

13

C, was cut to a size of 1-3 mm and acetone-extracted

for 3 hours at 30 °C under magnetic stirring (750 rpm) to remove extractives.

Insoluble material was removed by filtration, dried under a stream of nitrogen and
ball-milled in a PM100 planetary ball mill (Retsch, Haan, Germany)

in a 50 mL

zirconium dioxide jar containing 17 φ10 mm zirconium dioxide balls at a frequency
of 600 rpm with a net milling time of 4 h. After every 15 min of milling a pause of
10 min was set to prevent overheating. Ball-milled material was subsequently
water-extracted in a concentration of 5% (w/w) at 50 °C for 15 hours under
magnetic stirring (750 rpm). Insoluble material (water unextractable solids, WUS)
was removed by centrifugation (60,000xg, 10 min, 20 °C) and washed 3 times
with 30 mL water.

The wet residue was suspended in dioxane and adjusted to

80% aqueous dioxane (v/v) at a material loading of 5% (w/w) and extracted twice
(2 x 24 h) at room temperature with magnetic stirring (500 rpm) under nitrogen
atmosphere. Supernatants were recovered by centrifugation (30,000xg, 5 min, 20
°C), combined and freeze-dried to obtain crude lignin isolates (ISOcrude). The
obtained crude isolates were purified by enzymatic carbohydrate removal.
ISOcrude was thereto suspended in 50 mM sodium acetate buffer at pH 4.8 at 5%
(w/w) material loading, charged with 0.075% (w/w) ViscoStar 150L (Dyadic,
Jupiter, FL, USA) (protein content 27: 40 mg mL-1) and incubated under rotary
shaking (20 rpm) at 50 °C for 4 h. Insoluble material was removed by
centrifugation (8.000xg, 5 min, 20 °C) and washed 3 times with water before
freeze-drying to obtain pure lignin isolates (LIGpure).
Compositional analysis of total biomass and lignin isolates. Carbohydrate
content and composition, protein content, ash content and lignin content were
determined by modifications of previously published procedures. 3, 15, 28 Detailed
procedures are provided in Supporting Information.
Characterization total biomass and lignin isolates
NMR Spectroscopy. NMR of the pure lignin isolates ( 12C-LIGpure and

13

C-

LIGpure) was performed according to del Río et al. 29 For NMR experiments around
12 mg

12

C-LIGpure was dissolved in 450 μL DMSO-d6, while for

13

C-LIGpure around

1.3 mg was used. The heteronuclear single quantum coherence (HSQC) NMRexperiments were recorded with a hsqcetgpsisp2.2 pulse sequence on a Bruker
AVANCE III 600 MHz NMR spectrometer (Bruker BioSpin, Rheinstetten, Germany)
equipped with a 5 mm cryoprobe. The internal temperature of the probe was set
at 298 K. The spectral widths were 6000 Hz (10-0 ppm) for the 1H-dimension and
25000 Hz (165-0 ppm) for the

13

C-dimension. The number of complex points was

2048 in the 1H-dimension, 32 scans were collected with a relaxation time of 1.5 s.
In the

13

C-dimension, 256 time increments were recorded. The 1JCH was set at 145

Hz. For the Fourier transformation in the 1H-dimension, Gaussian apodization was
used. For the

13

C-dimension, zero-filling up to 1024 was applied prior to Fourier

transformation with a squared cosine window function. Zero-order phase correction
was performed manually. The DMSO solvent-peak was set as internal reference at
δc 39.5; δH 2.49 ppm. HSQC correlation peaks were assigned by comparison with

2

literature. 29-31 Semiquantitative analysis of the volume integrals was performed
according to del Río et al. 29, by using Bruker TopSpin 3.2 software.
Py-GC-MS. Pyrolysis was performed with an EGA/PY-3030D Multi-shot pyrolyzer
(Frontier Laboratories, New Ulm, MN, USA) equipped with an AS-1020E Autoshot
auto-sampler. The pyrolyzer was coupled to GC-MS by using a Trace GC equipped
with a DB-1701 fused-silica caplillary column (30 m x 0.25 mm i.d. 0.25 μm film
thickness) coupled to a DSQ-II mass spectrometer (both Thermo Scientific,
Waltham, MA, USA). Pyrolysis, GC and MS settings were similar as previously
described. 15 Samples were weighed by using an XP6 excellence-plus microbalance
(Mettler Toledo, Columbus, OH, USA). Pyrolysis of total biomass (80-90 μg) and
lignin isolates (20-30 μg) was performed at 500 °C for 1 min with an interface
temperature of 300 °C. Pyrolysis products were injected on the column via
split/splitless injection (at 250 °C) with a splitratio of 1:133 and helium was used
as carrier gas with constant flow at 1.5 mL min -1. The GC oven was programmed
from 70 °C (2 min) to 270 °C at 5 °C min-1 and held at 270 °C for 15 min. MS
detection was used with EI at 70 eV, a source temperature of 250 °C, a scan range
of m/z 50-550 and a scan rate of 4.0 scans s-1. Compounds were identified by
comparing retention time and mass spectrum with standards, the NIST library and
data published by Ralph and Hatfield. 13 Results were combined in a ( 12C) target
library. A unique

13

C target library was built on the basis of retention time and

expected fragmentation from

12

C mass spectra and carbon number.

For qualitative identification, pyrograms were processed by AMDIS software
(version 2.71, NIST, USA). For identification and deconvolution the following
software settings were used: minimum match factor at 60 with multiple
identifications per compound, component width at 20, adjacent peak subtraction
at two, resolution at high, sensitivity at very high and shape requirements at low.
Compounds identified on the basis of reference standards were annotated by
evaluation of retention time (± 0.1 min), reverse search (≥ 80) and simple search
(≥ 45). Peak molar area was calculated as defined by del Río et al. 32 All samples
were analyzed in triplicate.
Absolute lignin quantification using py-GC-MS
Relative response factor determination of pyrolysis products. Relative
response factors of 21 (of a total of 46) lignin-derived pyrolysis products, indicated
in Table 1 with an asterisk, were determined by injecting an equimolar mixture of
authentic standards and 9-fluorenone as internal standard into the py-GC-MS
system. 21 Standards and 9-fluorenone were dissolved in 50:50 (v/v) ethanol
(EtOH):chloroform (CHCl3) in a concentration of 10 mM, taking the declared purity
of the standard into account, and mixed to give an equimolar solution of 0.45 mM.
All solutions were kept in amber vials with minimal exposure to air and kept at
-20 °C. Five microliter of the equimolar mixture was injected into a pyrolysis cup
and directly measured by py-GC-MS as described in section ‘Characterization total

biomass and lignin isolates – py-GC-MS’ in triplicate. Different injection volumes
were tested and showed similar relative response factors, confirming linearity of
the response over the used concentration range.
Table 1. Pyrolysis products and their signature fragments used for py-GC-SIM-MS analyses. Of
compounds marked with an asterisk (*) the relative response factors (RRFs) were measured .
#

Compound

1 phenol*

CAS

Retention Structural
time (min) feature
108952
9.98
H, unsub.

RRF
(-)
0.54

Mw 12 C Fragments Mw 13 C Fragments Segment
12
13
(g mol -1)
Ca
(g mol -1)
Ca
(min)
94
94, 66
100
100, 71
9.7-10.3

2 guaiacol*

90051

10.12

G, unsub.

0.67

124

124, 109

131

131, 115

3 2-methylphenol*

95487

11.10

H, methyl

0.81

108

108, 107

115

114, 115

4 4-methylphenol*

106445

12.14

H, methyl

0.76

108

107, 108

115

114, 115

5 4-methylguaiacol*

93516

12.77

G, methyl

0.70

138

138, 123

146

146, 130

6 2,4-dimethylphenol

105679

13.26

H, methyl

0.79 g

122

107, 122

130

114, 130

7 4-ethylphenol*

123079

14.32

H, ethyl

1.00

122

107, 122

130

114, 130

8 4-ethylguaiacol*

2785899

14.91

G, ethyl

0.95

152

137, 152

161

145, 161

9 4-vinylguaiacol*

7786610

16.39

G, vinyl

0.22

150

150, 135

159

159, 143

10 4-vinylphenol*

2628173

16.57

H, vinyl

0.33

120

120, 91

128

128, 98

10.3-13.0

13.0-15.4

15.4-16.8

97530

16.98

G, misc. b

0.40

164

164, 149

174

174, 158

2785877

17.05

G, misc.

0.37 h

166

137, 166

175

145, 175

13 syringol*

91101

17.73

S, unsub.

0.48

154

154, 139

162

162, 146

14 cis-isoeugenol*

97541

18.33

G, misc.

0.34

164

164, 149

174

174, 158

15 3-methoxy-5-methylphenol f 3209130

18.92

G, methyl

-

138

138, 109

146

146, 116 18.5-19.45

16 4-propenylphenol

539128

19.31

H, misc.

0.27 i

134

134, 133

143

143, 142

17 trans-isoeugenol*

97541

19.60

G, misc.

0.34

164

164, 149

174

174, 158 19.45-19.8

18 4-methylsyringol*

6638057

19.95

S, methyl

0.55

168

168, 153

177

177, 161

19 vanillin*

121335

20.08

G, C α -O c

0.66

152

151, 152

160

159, 160

20 4-propyneguaiacol

-

20.33

G, misc.

0.40 j

162

162, 147

172

172, 156

21 4-alleneguaiacol

-

20.59

G, misc.

0.40 j

162

162, 147

172

172, 156

22 hydroquinone f

123319

20.61

H, misc.

-

110

110, 81

116

23 homovanillin

5603242

21.53

G, C β -O d

0.59 k

166

137, 166

175

145, 175 21.0-21.85

24 4-ethylsyringol

14059928

21.69

S, ethyl

0.98 l

182

167, 182

192

176, 192

25 acetovanillone*

498022

22.00

G, C α -O

0.51

166

151, 166

175

159, 175 21.85-22.9

26 4-hydroxybenzaldehyde

123080

22.81

H, C α-O

0.53 m

122

122, 121

129

129, 128

28343228

23.01

S, vinyl

0.28

180

180, 165

190

190, 174

28 guaiacylacetone*

2503460

23.19

G, C β -O

0.53

180

137, 180

190

145, 190

29 4-allylsyringol*

11 eugenol*
12 4-propylguaiacol

27 4-vinylsyringol

6627889

23.41

S, misc.

0.27

194

194, 167

205

205, 176

-

24.16

G, C α -O

0.53 n

178

151, 178

188

188, 159

31 cis-4-propenylsyringol

26624135

24.55

S, misc.

0.27 o

194

194, 179

205

205, 189

-

25.19

S, misc.

0.27 o

192

192, 131

203

203, 140

-

25.39

S, misc.

0.27 o

192

192, 131

203

203, 140

26624135

25.84

S, misc.

0.27 o

194

194, 179

205

205, 189

35 syringaldehyde*

134963

26.45

S, C α-O

0.30

182

182, 181

191

191, 190

36 cis-coniferyl-alcohol

458355

26.53

G, C γ -O e

0.097 p

180

137, 180

190

145, 190

33 4-allenesyringol
34 trans-4-propenylsyringol

17.3-18.5

19.8-20.2
20.2-21.0

116, 85

30 guaiacyl vinyl ketone
32 4-propynesyringol

16.8-17.3

22.9-23.3
23.3.-24.4
24.4-26.1

26.1-27.2

-

27.42

S, C β-O

0.30 q

196

167, 196

206

176, 206 27.2-28.05

38 acetosyringone*

2478388

27.88

S, C α-O

0.44

196

181, 196

206

190, 206

39 trans-coniferyl alcohol

458355

28.23

G, C γ -O

0.097 p

180

137, 180

190

145, 190 28.05-28.7

40 trans-coniferaldehyde*

458366

28.60

G, C γ -O

0.097

178

178, 135

188

143, 188

19037582

28.79

S, C β-O

0.30 q

210

167, 210

221

176, 221 28.7-29.85

42 syringyl vinyl ketone

-

29.67

S, C α-O

0.30 q

208

208, 181

219

219, 190

43 coniferylacetate f

-

29.88

S, Cγ -O

-

222

131, 222

234

140, 234 29.85-32.6

44 cis-sinapyl-alcohol

537337

31.74

S, Cγ -O

0.068 r

210

167, 210

221

176, 221

45 trans-sinapyl alcohol

537337

33.45

S, Cγ -O

0.068 r

210

210, 167

221

176, 221

46 trans-sinapaldehyde*

4206580

33.65

S, Cγ -O

0.068

208

208, 165

219

219, 174

37 homosyringaldehyde

41 syringylacetone

32.6-34.0

most abundant fragment first; bmiscellaneous; cC α-oxygen; d C β -oxygen; eC γ-oxygen; fnot included in quantitative
analyses due to background interference; g average #3,#4; h average #11,#17; i#17/#2 x #1; j #11; kaverage
#19,#25; l average #7, #8; m#7/#2 x #1; n#28; o#29; p #40; q #35; r#46
a
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Stability of compounds during pyrolysis, i.e. the formation of a single compound
peak only, was confirmed by injecting all compounds individually at 0.4 mM mixed
with 9-fluorenone at the same concentration. Xcalibur 2.2 was used for data
analysis. The two most abundant fragments per compound were used for
quantification (Table 1). Peak areas (A i) were manually integrated to avoid
erroneous integration by method settings and normalized for molarity (M i). Areas
for cis-isoeugenol and trans-isoeugenol were summed as they were present as a
mixture. Relative response factors (RRFs) were calculated versus the highest peak
area (4-ethylphenol, A 4EP ) normalized for molarity (M 4EP ) according to equation 1.

𝑅𝑅𝐹𝑖 =

𝐴𝑖 ⁄𝑀𝑖

(1)

𝐴4𝐸𝑃 ⁄𝑀4𝐸𝑃

where i refers to compound number (Table 1). Cis- and trans-isomers were
assumed to have similar RRFs, where RRFs for pyrolysis products for which no
commercial standard was available were estimated from structurally closest
molecules (Table 1). In addition, RRFs of cis/trans-coniferyl alcohol and cis/transsinapyl alcohol, were estimated from their aldehyde analogues as they were shown
to be insufficiently stable to analyze via ‘liquid injection’. Molar RRFs ( 12C) were
assumed to be similar for
13

13

C analogues.

C lignin internal standard based lignin quantification in reconstituted

biomass model systems.

12

C-LIGpure was dissolved in 50:50 (v/v) EtOH:CHCl 3

in a concentration of 1.0 mg mL-1. 10-35 μL of this solution was added to 40-65
μg cellulose to obtain 75 μg ‘reconstituted’ biomass (m sample) with six different
lignin contents (12-43% (w/w)) and dried at 30 °C for 1 h.

13

C-LIGpure (=internal

standard, IS) was dissolved in a similar manner. Ten microliter IS solution of 1.0
mg mL -1 (mIS) was added to the reconstituted biomass and dried overnight at room
temperature before analysis. All samples were prepared and analyzed by py-GCMS in triplicate.
Py-GC-MS settings and data processing for quantitative analyses. The
pyrolysis and GC setup used was similar to the qualitative analysis. MS detection
was applied in selected ion monitoring (SIM) mode. The two most abundant
fragments per compound were monitored, with a maximum of 8 fragments (4
+4

13

12

C

C) per segment (Table 1). Dwell time was set at 25 ms to ensure at least 25

data points per peak. Data was processed by using Xcalibur 2.2. Peaks were
integrated by using ICIS peak integration with peak smoothing set at 5, area noise
factor set at 5, peak noise factor set at 10 and baseline window optimized per
compound (range 12-55). A manual correction was only applied when irregular
peak shapes led to erroneous peak integration with method settings. Peak areas
were normalized by dividing by RRFs and summed. To correct for the higher
molecular weight and concomitant lower response per weight of
products, a correction factor for detected

13

13

C pyrolysis

C total area was included. This

correction factor was determined by calculating total molar area of
the basis of

12

C and

13

13

C-LIGpure on

C pyrolysis product molecular weights (Table 1) as described

del Río et al. 32 in >25 samples. The calculated correction factor was equal to 1.057
with a standard deviation below 0.05%. Lignin content was quantified following
equation 2.

2

12𝐶

𝐿𝑖𝑔𝑛𝑖𝑛 𝑐𝑜𝑛𝑡𝑒𝑛𝑡 %(𝑤 ⁄𝑤) =

𝐴𝑖
∑46
𝑖=1

·𝑚 ·𝑃

𝑅𝑅𝐹𝑖 𝐼𝑆 𝐼𝑆
13𝐶
𝐴
𝑖
∑46
𝑖=1 𝑅𝑅𝐹 ·𝑚𝑠𝑎𝑚𝑝𝑙𝑒·1.057
𝑖

· 100

(2)

where i refers to compound number (Table 1), A is area, RRF is relative response
factor (Table 1), m IS is the amount of IS (µg;

13

C-LIGpure), m sample is the amount

of sample (µg) and P IS is a correction factor for the purity of the IS (0.895). In i
compounds 15, 22 and 23 were not included.
Application of

13

C lignin IS method for lignin quantification. Lignin in water-

unextractable solids (WUS) of WS, CS, BS and SCB, obtained as described in
Supporting Information, was quantified by using the novel method as described in
the section ‘Py-GC-MS settings and data processing for quantitative analysis’.
Approximately 75 μg of material was mixed with 10 μL
1

13

C-IS solution (1.0 mg mL-

) and dried at 30 °C for 3 h. All samples were prepared and analyzed by py-GC-

MS in triplicate and compared to Klason lignin content (AIL corrected for ash and
protein + ASL).

The quantification potential of our new approach could best be evaluated using
reconstituted biomass model systems, on the basis of structurally similar
13

12

C and

C lignins to which cellulose was added, to mimic a plant biomass matrix. This

allowed us to evaluate the performance of the novel method on samples with a
known, ‘true’ lignin content, without relying on inaccurate and unselective
procedures. Thereto, first lignin was isolated from nonlabeled (‘12C’) and uniformly
13

C-labeled (‘13C’) wheat straw that was produced under identical growth

conditions.
Compositional analysis of lignin isolates
The abundance of the main constituents of the lignin isolates is indicated in Table
2. Lignin content was calculated as the remaining content of dry matter after
subtraction of carbohydrates, protein and ash, since acetone and water extractives
were removed prior to dioxane extraction. High purity (~90%) isolates were
obtained, with carbohydrates as the most abundant impurity (~7%). Carbohydrate
contents of the isolates were approximately two times lower than previously
reported for unpurified dioxane/milled wood lignins, achieved by water extraction
prior to and enzymatic carbohydrate removal after dioxane extraction. 33 Enzymatic
purification is considered a milder and less laborious alternative compared to t he

commonly used chemical work-up procedure, maintaining efficiency. 26,

34

The

significant amount of protein (nitrogen) found in the isolates was likely the result
of protein adsorption, although co-extraction has been reported as well. 35-36
Estimated lignin contents of

12

C and

13

C wheat straw (total biomass) were 20.6 ±

0.8% (w/w) and 19.3 ± 1.3% (w/w), respectively, and used for calculation of
isolation yields. 15 Final lignin isolation yields of approximately 20% were achieved
for both isolates, which is in line with literature on lignin isolates obtained from
wheat straw with similar a extraction procedure. 29
Table 2. Composition and yield of
12 C-WS

12

C and

13

C lignin isolates % (w/w) determined in duplicate .
13 C-WS
12 C-LIGpure
13 C-LIGpure

carbohydrate

68.5 ± 0.5

67.3 ± 0.3

6.8 ± 0.2

7.1 ± 0.1

protein

0.9 ± 0.04

0.7 ± 0.1

4.3 ± 0.1

3.0 ± 0.1

ash

1.5 ± 0.2

1.4 ± 0.1

0.8 ± 0.4

0.4 ± 0.1

lignin

20.6 ± 0.8 a

19.3 ± 1.3 a

88.1 ± 0.5 b

89.5 ± 0.2 b

isolation yield (%)

-

-

19.0 ± 0.7

21.5 ± 1.4

estimated according to Jurak et al. 15
b
remaining content of dry matter after subtraction of carbohydrates, protein and ash
a

Characterization of lignin isolates
The lignin isolates were characterized by 2D-NMR to provide information on the
interunit linkages present within the lignins. Chemical shifts assignments were
based

on

previous

studies. 29-31

The

aliphatic

(δ C/δH

50-90/2.5-6.0)

and

aromatic/unsaturated (δ C/δH 90-160/6.0-8.0) regions of the recorded HSQC
spectra along with the structures of the assigned correlation peaks are shown in
Supporting Information Figure S1 and S2. Clear lignin signals could be observed in
the aromatic region (S 2,6, G 2, H2,6 and several tricin, p-coumarate and ferulate
related signals). The aliphatic region was dominated by methoxyl group- and β-O4’ substructure (A, A’ and A ox) related correlation peaks. Other interunit linkages
like phenylcoumaran (B) and resinol (C), and to lesser extent spirodienone (F) and
dibenzodioxocins (D) substructures were also observed in the HSQC spectra. α,βdiaryl ethers (E) substructures, the presence of which was confirmed by del Río et
al., 29 albeit in minor amounts, could not be detected in the isolated lignins. A
summary of relative abundance of the aromatic units and interunit linkages of the
12

C and

13

C lignin isolates, determined by semiquantitative analysis, is presented

in Table 3.
Besides lignin, multiple carbohydrate-related signals (δC/δH 65-80/2.8-3.6 ppm)
were readily detectable in both isolates, despite their relatively low abundance
(Table 2), which could provide additional information on structural features of
carbohydrates and lignin involved in lignin-carbohydrate complexes (LCC). This is,
however, not further discussed in this paper.
The distribution of aromatic units and lignin interunit linkages closely matched with
earlier reports on HSQC NMR analyses of wheat straw lignin. 29, 31, 33 Hence, it was
concluded that the isolated lignins were representative of lignin in wheat straw. In
addition, a highly similar relative abundance of lignin interunit linkages and

aromatic units was found for both isolates. This good similarity of the

12

C and

13

C

lignins was further used for py-GC-MS analysis to identify and annotate for the
first time pyrolysis products formed from

13

C lignin.

Table 3. Relative abundance of lignin interunit linkages and aromatic units of
by semiquantitative HSQC NMR analysis.

12

C/13 C lignin isolates

12 C-LIGpure

13 C-LIGpure

β-O-4' aryl ethers (A/A')

80

81

C α -oxidized β-O-4' aryl ethers (A ox)

3

3

β-5’ phenylcoumarans (B)

8

8

β-β’ resinols (C)

5

4

5-5/4-O-β dibenzodioxocins (D)

1

1

β-1’ spirodienones (F)

4

4

α,β-diaryl ether (E)

n.d.

n.d.

total

100

100

Lignin interunit linkages

2

(%) a

Lignin aromatic units b
H (%)

6 (14)

3 (13)

G (%)

58 (54)

60 (56)

S (%)
S/G

36 (30)

37 (31)

0.62 (0.56)

0.62 (0.56)

percentage of total lignin interunit linkage (A-F; see Supporting Information for details).
Molar percentages (H + G + S = 100) excluding or including p-coumaric acid (H) and ferulic acid (G) (in
parentheses); n.d.: not detected
a

b

Pyrograms for of the two lignin isolates can be found in Supporting Information
Figure S3. Due to the lack of authentic

13

C standards,

13

C pyrolysis products were

identified on the basis of expected retention time (R t,12C = Rt,13C) and molecular ion
(M+ 13C = M+12C + carbon number) and fragmentation spectra of their
counterparts. The

12

C and

13

C

12

C MS fragmentation spectra of two abundant lignin-

related pyrolysis products are shown in Figure 1. Identical fragmentation behavior
was observed for
identified

13

12

C and

13

C analogues. MS fragmentation spectra of all other

C lignin-related pyrolysis products are presented in Supporting

Information Figure S4.
Like NMR, py-GC-MS analysis revealed that the chemical composition of the
isolated

12

C and

13

C lignins was highly similar. Furthermore, all lignin-related

pyrolysis products found for the isolates were also present in ‘native’ lignin in total
biomass, although their relative distribution differed (Table 4). Note that in Table
4 the data were not corrected for relative response factors (see text below) to
allow comparison with literature. Most profound were the lower relative amounts
of unsubstituted and vinyl substituted compounds in the isolates and higher
amounts of methyl substituted and C γ-oxygen containing products, which is in line
with findings by del Río et al. 29 The lower amount of vinyl substituted products in
the isolates can be explained by the fact that a significant part of the detected
vinyl compounds arise from (di)ferulic structures that are linked to arabinoxylan
and could, therefore, have remained in the residue after dioxane extraction. 37

Furthermore, changes in the relative distribution of structural features might be
the result of modification and/or selective extraction of a specific lignin population.

Figure 1. Pyrograms (A) of 12 C-LIGpure and 13C-LIGpure where 4-vinylguaiacol (1) and syringol
are indicated (2) and EI-MS (70 eV) spectra of 12C 4-vinylguaiacol (B), 12C syringol (C), 13 C 4vinylguaiacol (D), and 13 C syringol (E). Most abundant fragments are indicated. Full size pyrograms
with peak annotation can be found in Supporting Information Figure S3 .

It should be noted that in py-GC-MS lignin interunit linkages as well as pcoumarate (pCA) and ferulate (FA) led to the formation of the same pyrolysis
products, namely 4-vinylphenol and 4-vinylguaiacol, respectively, and can
therefore not be independently quantified. 38-39 Interestingly, our findings showed
that when relative response factors for pyrolysis products, discussed in the next
section, were taken into account, the relative distribution of aromatic units by pyGC-MS (H:G:S = 15:58:26) and NMR (including pCA and FA) (H:G:S = 13:56:31)
were in good agreement. This showed that the commonly found discrepancy
between py-GC-MS and NMR partially originates from the analytical approach, and
heavily depends on the used definition of lignin. 37

Table 4. Py-GC-MS relative abundance of structural features within 12C/13 C wheat straw (WS) and
12
C/13C lignin isolates (LIGpure) on the basis of molar peak area. Structural classification is shown
in Table 1. Average and standard deviation of triplicates. Not corrected for relative response factors.
12 C-WS

13 C-WS

12 C-LIGpure

13 C-LIGpure

H

36.3±2.0

41.1±1.7

22.4±2.1

25.5±3.3

G

47.9±2.1

45.1±1.5

52.4±1.5

49.7±3.6

S

15.7±0.7
0.3

13.9±0.4
0.3

25.2±0.7
0.5

24.8±0.9
0.5

unsub.

21.6±1.6

18.5±0.5

13.9±0.5

13.5±0.6

methyl

4.1±0.2

3.8±0.2

13.3±1.0

11.9±0.4

ethyl

2.0±0.2

1.6±0.1

2.7±0.2

2.5±0.3

vinyl

49.1±2.4

52.4±2.0

28.1±2.1

30.2±3.4

C α-O a

4.4±0.2

5.0±0.5

9.5±0.2

10.4±0.3

C β -O b

2.9±0.3

2.2±0.1

4.6±0.1

4.7±0.3

C γ -O c

9.9±0.5

10.9±0.3

20.3±1.2

19.8±3.6

misc. d

6.0±0.2

5.5±0.4

8.9±0.4

8.0±0.3

Lignin subunits (%)

S/G
Structural moieties (%)

a

C α-oxygen, bC β -oxygen, c Cγ -oxygen, d miscellaneous

Lignin quantification in reconstituted biomass model systems
After establishing a complete pyrolysis product library for

12

C and

13

C products, as

explained in the previous section, a py-GC-SIM-MS method was set up for
quantification purposes. By applying

13

C lignin as internal standard, the necessity

of monitoring the formation of nonmonomeric pyrolysis products from lignin, such
as CO 2 or char, is bypassed. Furthermore, matrix-effects during pyrolysis and
system performance are corrected for properly via the use of polymeric

13

C lignin

as internal standard. In our opinion, this can be seen as huge improvement
compared to previous lignin quantification attempts by py-GC-MS. 16-20, 22
Selected ion monitoring (SIM) was used for detection as this MS-mode benefits
from a significant reduction of background noise and therefore lowers the limit of
quantification. Previously it was shown that the lignin-derived pyrolysis products
of various grasses, soft- and hardwoods are similar, although their distribution is
different. 17,

20, 29, 32

Monitoring all identified lignin-derived pyrolysis products (43,

Table 1) thereto ensured unbiased and complete quantification, also when the
method is ultimately applied on samples with different product ratios.
Quantification with
measurement of

12

13

C lignin as internal standard (IS) requires the simultaneous

C-sample derived and

13

C-IS derived products. Therefore, the

number of quantified products was equal to 86. Pyrograms were thereto divided in
segments to ensure sufficient data points per peak.
To prove the principle of

13

C lignin internal standard based quantification via py-

GC-MS, the developed method was applied on

12

C lignin with close to identical

structure (Tables 3 and 4) in reconstituted biomass systems with known lignin
content. The pyrolysis products derived from cellulose in these mixtures were

2

similar as previously reported, of which levoglucosan was the most abundant, and
did not interfere with lignin analysis. 13, 23
In the latter setup similar (molar based) relative abundances of lignin-derived
pyrolysis products in the used

12

C lignin and

13

C lignin internal standard

circumvented the need for response factor corrections and allowed the use of total
peak area for quantification directly. However, as a consequence of weight -based
quantification, a correction factor was required to compensate for the molecular
weight differences between

12

C and

13

was calculated from the difference in

C pyrolysis products. This correction factor
12

C and

13

C molecular weight based total

molar peak area calculated for the same IS sample. As a result, it was found that
13

C total areas should be multiplied with a correction factor of 1.057. Resulting

correlations for

12

C lignin input and

13

C lignin IS-based quantified

12

C lignin amount

Lignin quantified via 13C IS (μg)

are shown in Figure 2.
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Figure 2. Lignin input and quantified 13 C-IS based (total area SIM-MS) output in a reconstituted
biomass model system. Square, y 1 : uncorrected, Diamond, y 2 : corrected for RRF. Average and
standard deviation on the basis of triplicates (RSD<1.5%).

It can be observed from the slope of the equation (0.974) and excellent linearity
(R2>0.998) that

12

C lignin can be correctly quantified on the basis of the

13

C lignin

internal standard in the applied lignin content range. The high reproducibility (RSD
< 2%) was achieved by solubilizing the lignin isolates in 50:50 (v/v) EtOH:CHCl 3
and pipetting specified volumes, opposed to the use of a microbalance. Besides
improving

reproducibility,

this approach

facilitated

high-throughput sample

preparation.
To allow the ultimate use of the internal standard for the quantification of lignins
with dissimilar relative distribution of pyrolysis products as well, relative molar
response factors (RRFs) were determined and applied. RRFs are of utmost
importance since they include compound stability during pyrolysis at 500 °C,
transfer efficiency through injector and column and sensitivity of the detector as a

result of ionization efficiency and ion coverage by the monitored fragments in SIM.
An overview of the relative response factors of all lignin-derived pyrolysis products
can be found in Table 1. The relative response factors that were obtained were
different from RRFs calculated from calibration curves published by Groenewold et
al. 21 Underlying might be different ion coverages as a result of a different number
of fragments that were followed per compound. Furthermore, the lability of
compounds during pyrolysis at 500 °C was taken into account in our approach,
while Groenewold et al. determined RRFs directly with MS without pyrolysis. 21 By
applying the RRFs, correcting for small differences in the relative composition of
the pyrolysis products between the

12

C and

13

C isolates (Table 4), the obtained

slope was similar to the theoretical slope of 1 (1.001) and resulted in excellent
accuracy (>99.9%) across the measured lignin content range (Figure 2).
Surprisingly, highly similar outcomes were obtained when RRFs of Groenewold et
al. were applied (data not shown). 21
Considerations regarding the selectivity of

13

C-IS lignin quantification

In grasses, relatively high amounts of p-coumaric acid and ferulic acid are present,
that form similar products as ‘core lignin’ upon pyrolysis, and can thus not be
distinguished. 13 Both coumarylation and feruloylation of arabinoxylan and lignin
have been described in literature and potentially could be a source of error when
quantifying lignin on the basis of the formed pyrolysis products. Nevertheless, the
major part of the hydroxycinammic acids found in grasses is thought to be attached
to lignin, and is considered an integral part of it, rather than being present as ‘free
decorations’ of arabinoxylan. 37,

40

Hence, all vinylic pyrolysis products were

assumed to be fully lignin-derived.
Traces of selected masses for
detected in the

13

12

C pyrolysis products at given retention times were

C lignin isolate, and vice-versa, but did not form a significant

interference (<1% of total peak area) and were therefore neglected. Further, the
pyrolysis products phenol, 2-methylphenol, 4-methylphenol can originate from
both lignin and non-lignin components of the cell wall (like aromatic amino acids
in protein) (data not shown). These products were fully included in our lignin
quantification as they comprised only a minor part (<1% of total peak area) of
lignin-derived products. Nevertheless, to avoid significant interference in samples
that are high in protein and low in lignin it is suggested to monitor the formation
of indole as protein marker pyrolysis product (R t 17.81 min, m/z 117) and correct
detected areas for phenol, 2-methylphenol and 4-methylphenol accordingly. 41
Extensive changes in relative distribution of pyrolysis products over the applied full
range (10 to 35 µg) were not observed, indicating that besides content, valuable
information about the lignin structure can be obtained concurrently. To furth er
explore the potential of the novel quantitative method,

13

C-IS based lignin

quantification was applied on four different common poaceous biomass sources
and compared to the classical Klason method. Compositional data of these four
grasses is presented in Supporting Information Table S1 and S2.

2

Lignin quantification in poaceous biomass
In Figure 3, a comparison is shown between lignin content as quantified by the
classical Klason lignin method and the novel

13

C-IS based py-GC-SIM-MS method.

The results of Klason lignin analysis are presented as acid-insoluble lignin (AIL)
corrected for ash and protein and acid-soluble lignin (ASL). AIL determined by this
method is often not corrected or contaminated with chitin from fungal origin that
cannot be corrected for. 15,

17, 20

The importance of ash correction was clearly

demonstrated as ash contents of hydrolysis residues (AI ash) up to 25% (w/w)
were found. Even though the amount of acid insoluble protein was rather limited
(~4% of hydrolysis residue), it might be important to be taken into account for
more protein-rich samples. The spectrophotometric analysis of ASL depends highly
on the used wavelength and corresponding extinction coefficients. As a result of
different lignin compositions per biomass, extinction coefficients vary per biomass.
Since the determination of this extinction coefficient is laborious, all types of
biomass were analyzed at the same wavelength (205 nm) with an averaged
extinction coefficient (110 g L -1 cm-1), based on literature. 7,

42-43

For that reason

the ASL-content based on the common Klason protocol does not result in an
accurate lignin content. Lignin contents determined according to Klason (AIL and
ASL) agreed well with previous studies on these biomasses and were therefore
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considered valid for the evaluation of the performance of the novel method. 29, 44-45

SCB

AI protein

lignin

13

Figure 3. Lignin content determination via
C-IS based py-GC-SIM-MS (triplicate) and Klason
(duplicate). WS: wheat straw, CS: corn stover, BS: barley straw, SCB: sugar cane bagasse, AI:
acid-insoluble, AS: acid-soluble.

Lignin contents of the four biomasses quantified via the

13

C-IS py-GC-MS approach

were in good accordance with the classical Klason method (AIL + ASL) with an
insignificant relative deviation in the order of 5%. High reproducibility was obtained
for the lignin content of all biomasses (RSD < 7%). Compared to previous py -GCMS attempts on lignin quantification, our novel method thus showed greatly

enhanced

accuracy

investments. 16-20,

22

and

reproducibility,

with

acceptable

costs

and

time-

The latter is concluded from the fact that from 1 gram of

labeled wheat straw 45 mg of 90% pure

13

C

13

C lignin internal standard can be isolated

in one week, which is sufficient to perform 45.000 pyrolysis runs. Compared to
external

12

C lignin based quantification significant enhancements in terms of

accuracy were achieved by applying

13

C lignin as internal standard (Supporting

Information Figure S5), indicating the importance of matrix-effects during
pyrolysis.
The use of extractive-free biomasses ensured compounds potentially interfering
with lignin-analysis by py-GC-MS analysis to be removed. Furthermore, the
presence of ash and/or chitin (in fungal treated biomass) does not interfere with
py-GC-MS analysis as potential matrix-effects are corrected for by the internal
standard approach and all chitin-derived pyrolysis products can be distinguished
from lignin-derived products. Thereto, the sum of the lignin derived pyrolysis
products was a reliable representation of lignin content and lignin content could
thus be similarly determined as shown for reconstituted biomass sa mples. Due to
the fact that the internal standard was added as a liquid and subsequently dried,
the internal standard was well dispersed throughout the sample. The use of a
microfurnace pyrolyzer combined with low standardized particle size (<250 µm)
and standardized low sample amount (~75 µg) furthermore ensured rapid pyrolysis
with heating rates expected to be >2000 oC s-1. 23-24 The mechanisms underlying
pyrolysis were thereto expected not to differ between sample lignin and internal
standard lignin.
The application of relative response factors (Table 1) enabled us to accurately
determine the content of lignins that were structurally distinct and dissimilar to the
structure of the internal standard as well (Table 5 and Figure S5). This flexibility
is a clear benefit compared to existing alternatives for the quantification of lignin
content

in

plant

biomass,

that

depend on

structurally similar calibration

standards.8-11 Future analysis of a larger variety of biomasses, including softwoods,
hardwoods and chemically and/or enzymatically modified ones, will further improve
understanding of the performance of our

13

C-IS based novel method for lignin

quantification.
As previously discussed in the section ‘Characterization of lignin isolates’ (this
chapter), the relative composition of the lignin subunits as found by py-GC-MS
when RRFs were applied was comparable to 2D-NMR. Besides content, valuable
information on the subunit composition of the biomasses could thus be obtained
concurrently. A more accurate view on the composition of the pyrolysates was
obtained and demonstrated the importance of oxygen-containing pyrolysis
products (C α -O, Cβ-O and Cγ-O) for describing lignins structural features.

2

Table 5. Py-GC-SIM-MS relative abundance of structural features within biomasses and 13 C internal
standard ( 13C -IS) on the basis of RRF corrected molar peak area. Structural classification is shown
in Table 1. Average and standard deviation of triplicate s. WS: wheat straw, CS: corn stover, BS:
barley straw, SCB: sugarcane bagasse.
13 C-IS a
WS
CS
BS
SCB
Lignin % (w/w) b

18.5±1.3

19.3±1.0

23.9±0.6

28.5±2.0

-

H

16.3±0.8

42.8±0.8

15.4±0.7

49.0±4.2

17.1±5.0

G

66.2±1.4

47.7±1.1

59.9±1.4

35.8±1.8

60.2±3.9

S

17.5±0.4

9.5±0.2

24.7±0.7

15.3±0.7

22.7±1.2

0.3

0.2

0.4

0.4

0.4

unsub.

6.2±0.2

5.1±0.1

5.4±0.05

6.8±0.4

4.5±0.3

methyl

2.8±0.1

3.0±0.1

2.5±0.1

4.6±0.5

2.1±0.5

ethyl

0.3±0.01

0.3±0.1

0.2±0.01

0.4±0.05

0.2±0.04

vinyl

40.8±0.9

68.3±1.3

34.8±1.3

59.5±4.2

25.3±5.1

C α-O c

3.1±0.1

4.0±0.1

3.5±0.06

4.1±0.2

4.3±0.3

C β -O d

1.2±0.03

0.8±0.05

1.4±0.05

1.5±0.1

1.4±0.2

C γ -O e

42.9±1.4

15.9±0.3

49.4±1.2

17.7±1.7

58.8±3.0

misc. f

2.7±0.04

2.6±0.08

2.7±0.06

5.1±0.2

3.3±0.4

Lignin subunits (%)

S/G
Structural moieties (%)

average and standard deviation of 13C-IS added to all biomasses in triplicate
b
determined by 13 C lignin IS based py-GC-SIM-MS
c
C α-oxygen, d C β-oxygen, e Cγ-oxygen, fmiscellaneous
a

Here, we describe a novel method for the concurrent quantification of absolute
lignin content and subunit composition in plant biomass. By employing a

13

C-

labeled polymeric lignin isolate as internal standard (IS) for the first time and
correcting for relative response factors of the formed lignin-derived pyrolysis
products, py-GC-MS could be applied for this purpose. Our

13

C lignin IS based

approach was validated in biomass model system containing a structurally similar
12

C lignin analogue with known lignin contents. Structurally distinct lignins in four

common poaceous biomass sources were quantified with an insignificant relative
deviation in the order of 5% compared to classic gravimetric analysis. The
simultaneous acquirement of structural information with high reproducibility in a
more high-throughput fashion makes our method a huge improvement compared
to current alternative methods for lignin quantification. We reckon that our new
lignin quantification method opens up possibilities for more accurate analysis of
lignin content and subunit composition in various research fields dealing with lignin
containing plant biomass.
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Preparation of nonlabeled and
uniformly

13 C-labeled

(97 atom %

13C-labeled

13 C,

“13C”)

wheat straw Nonlabeled (“12C”) and

spring wheat plants (Triticum aestivum L. cv.

“Baldus”) (WS) were produced under identical growth conditions in the custom designed, airtight, high-irradiance labeling chambers of the facility ESPAS (Experimental Soil Plant
Atmosphere System, IsoLife, Wageningen, The Netherlands).1 The environmental and
atmospheric conditions were fully controlled. Plants were grown hydroponically at a
photosynthetic photon flux density (PPFD) of 900 µmol m –2 s–1 (top of plants) at a 16 h day
length, a day/night temperature of 24/16 °C and RH of 75 %, in a closed atmosphere
containing either regular CO 2 (1.1 atom %
the stable isotope

13

13

C; “12 C”) or 98 atom %

13

CO2 (CO2 labeled with

C; from pressurized cylinders, Sigma-Aldrich, St Louis, USA; “U-13 C”)

from the seedling stage until fully mature and ripened (Haun, Feeke’s and Zadoks scales
16.0, 11.4 and 92, respectively).2-4 The
continuously monitored by analysis both

13

C abundance of the CO 2 in the chamber was
13 CO
2 and
2 using Non-Dispersive Infrared

12 CO

(NDIR) throughout the culturing time (IsoLife). Minerals were supplied as Hoagland-type
nutrient solutions with micro-nutrients and iron, maintaining pH between 5 and 6. 5-6 After 14
weeks of culture, plants were harvested. Immediately after removing the plants from the
labeling facility, plants were dissected and stems cut to 3-6 cm pieces, weighed, packaged in
food-grade PE pouches and stored at -30 °C till freeze-drying (lyophilization at 0.6 mbar).
The final dried material was stored in a dry place in the dark till analysis. After freeze -drying,
subsamples were prepared for analysis of atom %

13 C

by high-abundance Isotope-ratio Mass

Spectrometry (IRMS) (Sigma-Aldrich, St Louis, USA and Stable Isotope Facility, UC-Davis,
CA, USA) and were equal to 1.1 at%

13 C

and 97.6 at%

13 C

for

12 C

and

13 C

WS, respectively.

Two spring wheat plants were used with a total of approximately 80 stalks for the nonlabeled
as well as

13 C

labeled straw. From the total material a randomly selected sample of 3 grams

(approx. 4% of total material) was taken for the isolation of the lignins.

2

Compositional analysis of total biomass and lignin isolates
Carbohydrate content and composition. was determined in duplicate as constituent
monosaccharides after acid hydrolysis by a modified method reported by Englyst &
Cummings.7 Samples were treated with 72% (w/w) H 2SO4 for 2 h at 30 °C followed by 1 M
H2SO4 for 4 h at 100 °C and diluted (20x) before analysis. Degradation of monosaccharides
during hydrolysis was corrected for by including monosaccharide standard mixtures in
hydrolysis. Analysis was performed on a High Performance Anion Exchange Chromatography
(HPAEC) Dionex ICS-5000 system (Thermo Scientific, Synnyvale, CA, USA). The system was
equipped with a CarboPac PA-1 column (250 mm x 2 mm ID) in combination with a CarboPac
guard column (50 mm x 2 mm ID) with pulsed amperometric detection (PAD) (all Dionex).
10 µL of sample was injected and eluted at a flow rate of 0.4 mL min -1 using a combination
of three mobile phases: A) 0.1 M NaOH, B) 1 M NaOAc in 0.1 M NaOH and C) H 2O. The elution
profile used was as follows: 0-35 min isocratic on 100% C; 35-50 min linearly from 100% A
to 40% B; 50-55 min isocratic on 100% B; 55-63 min isocratic on 100%A; 63-78 min isocratic
on 100% C. Post-column addition of 0.5 M NaOH at 0.1 mL min-1 was performed between 035 min and 63-78 min.
Protein content. Nitrogen content was analyzed in duplicate using the combustion method
(DUMAS) on a Flash EA 1112 Nitrogen Analyzer (Thermo Scientific, Synnyvale, CA, USA).
Methionine (Acros Organics, Geel, Belgium) was used as calibration standard. A nitrogen to
protein conversion factor of 6.25 was used. 8
Ash content. Ash content of oven dried samples (40 °C, 8 h) was determined gravimetrically
after burning samples at 550 °C for 16 h. Analyses were performed in triplicate.
Lignin content. Acetone-extractive-free wheat straw (WS) and corn stover (CS) and
unextracted barley straw (BS) and sugarcane bagasse (SCB) were milled in a Mixer Mill MM
400 (Retsch, Haan, Germany) and passed through a 0.25 mm sieve. Water unextractable
solids (WUS) were obtained by extracting as explained in the section ‘Isolation of lignin from
12 C

and

13 C

wheat straw’. Final residues were freeze-dried. Acid insoluble (Klason) lignin

corrected for ash and protein and acid soluble lignin contents of biomass WUS samples were
determined in duplicate according to Jurak et al. 9 Protein content of acid insoluble residues
was determined as described above.

A) aliphatic region
12C-LIGpure

13C-LIGpure

2

B) aromatic region
12C-LIGpure

13C-LIGpure

Figure S1. Representative HSQC-NMR spectra of 12C-LIGpure and 13 C-LIGpure. Structures of
annotated correlation peaks are presented in Figure S2. Annotated structures D and F are not visible
at this zoom level. Note that in the aromatic region of the 13C spectrum (D) significant 13C-13C
coupling is observed.

Figure S2. Structures annotated by HSQC-NMR. A: β-O-4’ aryl ether; A’: β-O-4’ aryl ether γacetylated; A ox: Cα -oxidized β-O-4’ aryl ether; B: phenylcoumaran; C: resinol; D: dibenzodioxocins;
F: spirodienone; I: cinnamyl alcohol end-group; pCA: p-coumarate; FA: ferulate; T: tricin; H: phydroxyphenyl unit; G: guaiacyl unit; S: syringyl unit. Dotted line represents –H or –OCH3 . α,βdiarylether, and cinammaldehyde end group structures were not detected.
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Figure S4. EI-MS (70 eV) spectra of 13C-labeled lignin-derived pyrolysis products. Compounds were
identified on the basis of retention time, fragmentation spectra and carbon number of 12 C analogues.
Average mass spectrum across the chromatographic peak with noise subtraction at two sides.
Indicated masses are >10% relative abundance, where the highest fragment is put at 100%. CAS
numbers of corresponding 12 C compounds are specified in Table 1.

Figure S4. Continuation.
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Figure S4. Continuation.
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Figure S5. Lignin content determination via Klason (duplicate) (Acid-insoluble lignin corrected for
ash and protein (AIL corr ) + Acid-soluble lignin (ASL)), 12 C external standard with RRF correction via
py-GC-SIM-MS (triplicate) and 13 C internal standard with RRF correction via py-GC-SIM-MS
(triplicate). WS: wheat straw, CS: corn stover, BS: barley straw, SCB: sugar cane bagasse.
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Figure S6. Lignin content determination via Klason (duplicate) (Acid-insoluble lignin corrected for
ash and protein (AIL corr ) + Acid-soluble lignin (ASL)) and 13 C-IS based py-GC-SIM-MS (triplicate)
with and without application of relative response factors (RRF) for lignin -derived pyrolysis products.
WS: wheat straw, CS: corn stover, BS: barley straw, SCB: sugar cane bagasse, AIL: acid -insoluble,
AS: acid-soluble.
Table S1. Composition of poaceous biomasses (% dry weight) determined in duplicate, except for
ash in triplicate. WS: wheat straw, CS: corn stover, BS: barley straw, SCB: sugarcane bagasse, AI:
acid-insoluble, AS: acid soluble.
WS
CS
BS
SCB
a

carbohydrate a

protein

ash

AI lignin b

AS lignin

64.72±2.26
63.53±1.20
68.60±1.33
60.71±0.40

1.70±0.01
2.20±0.01
1.49±0.02
1.26±0.02

4.45±0.21
8.01±0.11
0.97±0.09
4.99±0.68

18.5±0.2
15.6±0.01
21.0±0.1
28.1±0.2

1.5±0.3
2.8±0.9
1.8±0.8
1.9±0.3

presented as anhydrosugars, b corrected for ash and protein

Table S2. Molar composition of carbohydrates of poaceous biomasses (% mol) determined in
duplicate. BS: barley straw, WS: wheat straw, CS: corn stover, BS: barley straw, SCB: sugarcane
bagasse.
WS
CS
BS
SCB

1.
2.
3.
4.
5.
6.

7.
8.
9.

arabinose

galactose

glucose

xylose

uronic acid

3.84±0.00
4.90±0.19
3.39±0.04
0.78±0.01

0.97±0.01
1.49±0.04
0.84±0.00
0.24±0.01

53.24±0.26
49.33±0.56
56.49±0.17
66.80±0.39

37.37±0.05
40.00±0.42
35.24±0.25
29.12±0.41

4.22±0.19
4.28±0.10
4.04±0.04
3.06±0.01
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CHAPTER 3

Uniformly 13C labeled lignin internal
standards for quantitative pyrolysis-GC-MS
analysis of grass and wood
Gijs van Erven, Ries de Visser, Pieter de Waard,
Willem J. H. van Berkel, Mirjam A. Kabel

Based on: ACS Sustainable Chemistry & Engineering, 2019, 7, 20070-20076

With the ever-advancing lignocellulose valorization strategies, lignin analyses need
to advance as well. However, lignin quantification still heavily relies on unspecific,
time- and sample consuming gravimetric and spectrophotometric analyses. Here,
we demonstrate that lignin isolates from uniformly

13

C labeled wheat straw, willow

and douglas fir, serve as ‘ideal’ internal standards for py-GC-HR-MS analyses of
plant biomass, allowing the accurate and precise quantification and struc tural
characterization of lignin in grasses, hardwoods and softwoods. The

13

C lignin

internal standards were comprehensively structurally characterized by HSQC NMR
and py-GC-HR-MS analyses and their application for lignin quantification was
validated in biomass model systems and in actual plant biomass. For all botanical
origins and species, lignin content was determined within 5% relative deviation of
the Klason benchmark. These results establish the capability of the developed
analytical platform to selectively quantify and structurally characterize lignin
simultaneously and demonstrate a valuable addition to the lignin analysis toolbox.

As major constituent and main recalcitrant factor in plant biomass, lignin plays a
crucial role in terrestrial carbon recycling and the valorization of lignocellulose. 1-3
Continuous efforts, therefore, aim to understand the mechanisms underlying lignin
formation and conversion, depending strongly on analyses of lignin content and
structure. 4 Though structural characterization of lignin has greatly advanced in
recent years, mainly through developments in NMR spectroscopy, lignin content
determination has not followed suit. 5-6 This is largely due to lignin’s complex and
heterogeneous structure, which impedes its accurate and efficient quantification.
Lignin consists of p-hydroxyphenyl (H), guaiacyl (G) and syringyl (S) subunits,
with the composition primarily differing among taxa, that are linked through
various aryl-ether and carbon-carbon linkages. 7 Lignin of softwoods is composed
solely of G-units, whereas hardwood lignin is mainly composed of G- and S-units
with traces of H-units. Grass lignin consists of the same subunits as hardwood
lignin, but generally contains larger numbers of H-units.7 Independent of the
botanical origin, the β-O-4’ aryl ether is the most abundant interunit linkage.
Softwood

lignins

are

generally

richer

in

condensed

phenylcoumaran

and

dibenzodioxocin linkages. 8-9 Besides the ‘traditional’ lignin monomers, hardwoods
and grasses also incorporate p-hydroxybenzoic acid and acetate/p-coumaric acid,
respectively, as γ-esters. In addition, grass lignins contain tricin and ferulate
moieties. 9-10
As a result of this structural complexity, lignin quantification, still, heavily relies
on unspecific gravimetric and spectrophotometric methods. 11-12 Not only is there a
general demand for enhanced specificity and accuracy, advances in the genetic
engineering of lignin and lignin-active organisms and enzymes call for reduced
sample and time investments for lignin assessment. 13-16
In this context, py-GC-MS offers substantial advantages over other efforts aiming
at lignin quantification by FTIR, NIR and NMR spectroscopy as analyses are
relatively fast and sensitive, require minimal sample preparation (milling only) and
strikingly low amounts of material (~10-100 μg). 17-24 Furthermore, different
structural features can be distinguished, which enables the ‘fingerprinting’ of the
lignin structure. 23-24
Recently, we developed a quantitative py-GC-MS method that meets the above
outlined criteria by employing polymeric uniformly

13

C labeled wheat straw lignin

as internal standard ( C-WS-IS) combined with the use of relative response
13

factors for the pyrolysis products. 25 The developed method was validated on model
systems with known amounts of nonlabeled ( 12C) grass lignin and actual grass
biomass with different lignin structures, showing excellent accuracy and precision.
The method presented a major advancement of py-GC-MS analysis, that had
previously always resulted in insufficient accuracy when employed for abs olute
lignin quantification, 26-30 as discussed in detail in our recent work. 25 Furthermore,
the method facilitated the mapping of fungal delignification of wheat straw by

3

providing insight into delignification efficiencies through accurate and specific
quantification of lignin content as well as understanding of the underlying
mechanisms through accurate quantification of specific pyrolysis markers for
degraded substructures. 31-33
Despite its proven usefulness, the quantitative

13

C-IS py-GC-MS method has, thus

far, only been applied to grass lignin samples and achieved limited flexibility
because of the selected ion monitoring mode that was used for MS detection,
requiring pre-defined target compounds within particular retention time windows. 25
In this work, we extend the analytical platform to hardwoods and softwoods by
employing comprehensively characterized isolated lignin from uniformly
willow and uniformly

13

13

C labeled

C labeled douglas fir as respective internal standards. In

addition, we demonstrate an improved robustness and sensitivity of the method
by using high-resolution mass spectrometry (HR-MS) full MS detection. The

13

C-IS

py-GC-HR-MS method achieved excellent accuracy and precision in biomass model
systems and actual plant biomass for grasses, hardwoods and softwoods, while
simultaneously providing valuable structural insight.

Materials. All chemicals and enzyme preparations were obtained from commercial
suppliers and used without further purification. Wheat straw was kindly provided
by CNC (Milsbeek, The Netherlands). Sugar cane bagasse and barley straw were
supplied by Sime Darby (Kuala Lumpur, Malaysia) and Unifarm Wageningen
(Wageningen, The Netherlands), respectively. Spruce (Picea abies), red cedar
(Thuja plicata), scots pine (Pinus sylvestris), eucalyptus (Eucalyptus grandis), oak
(Quercus alba) and beech (Fagus sylvatica) samples were kindly provided by SHR
B.V. (Wageningen, The Netherlands). Willow wood, described previously, 34 was a
gift from Food & Biobased Research (Wageningen University, Wageningen, The
Netherlands). All biomass samples were milled to <250 μm and sequentially
extracted by acetone and water before further analyses. Water used in all
experiments was purified via a Milli-Q water system (Millipore, Billerica, MA, USA).
Preparation of

13

and uniformly

C-labeled (“ C”, 97.7 atom %

13

C labeled plant biomass. Nonlabeled (“ 12C”, 98.9 atom %
13

13

13

13

C-labeled (“ 13C”, 96

C) willow (Salix alba; plant age 15 weeks) and uniformly

(“ 13C”, 97 atom %

13

C)

C) spring wheat plants (Triticum

aestivum L. cv. “Baldus”; plant age 14 weeks), uniformly
atom %

12

13

C-labeled

C) douglas fir (Pseudotsuga menziesii; plant age 50 weeks)

were produced in modified, custom designed, airtight, high-irradiance labeling
chambers of the facility ESPAS (Experimental Soil Plant Atmosphere System,
IsoLife, Wageningen, The Netherlands), 35 with nutrients and climate conditions as
described elsewhere, 25 except for the douglas fir nutrient solution which contained
25% of nitrogen as ammonium at a pH maintained between 4 and 5.

Isolation of lignin from nonlabeled wood biomass. Lignin was isolated from
nonlabeled willow and spruce according to a modified method reported by
Björkman, previously described in detail. 25, 36 Briefly, extractives were removed by
consecutive extractions with acetone and water after which the extractive-free
residue was planetary ball-milled. Ball-milled material was subsequently waterextracted and freeze-dried prior to aqueous dioxane extraction (80% v/v) for 2 x
24 h at room temperature under nitrogen atmosphere. The soluble fractions were
obtained by centrifugation, combined and freeze-dried and used without further
purification. Note that planetary ball-milling can induce structural changes of lignin
and, therefore, should be carefully optimized to balance yield, purity and structural
integrity of the isolated lignins. 37
Isolation of lignin from

13

C-labeled biomass.

13

C labeled wheat straw lignin

was isolated as described previously. 25 The isolation protocol described for
nonlabeled wood biomass did not yield sufficient isolated material from

13

C-labeled

woods to allow all further analyses. Therefore, the insoluble material obtained after
dioxane extraction was treated with commercial enzyme cocktails for carbohydrate
removal prior to another dioxane extraction cycle. To homogenize the freeze-dried
insoluble residue, the material (200 mg) was planetary ball-milled in a 12 mL
stainless steel milling jar containing 40 Φ5 mm stainless steel balls for 15 min at
600

rpm

(Retsch

PM100,

Haan,

Germany).

The

ball-milled material

was

subsequently suspended in 6 mL 50 mM sodium acetate pH 5 to which 12.5 μL
ViscoStar 150 L (Dyadic, Jupiter, FL, USA) and 500 μL of a 1 mg mL -1 solution of
Rovabio Advance (Adisseo, Antony, France) were added. For douglas fir, 5 μL of
Gamanase 1.5 L (Novozymes, Bagsværd, Denmark), an enzyme cocktail aiming at
mannan degradation, was additionally included. The suspensions were incubated
for 18 h at 50 °C under rotary shaking, followed by centrifugation and freezedrying of the insoluble residue. This cycle was performed twice. The resulting
lignin-enriched residues were dioxane extracted as described above to afford

C

13

wood lignin isolates.
Carbohydrate content and composition of lignin isolates. Carbohydrate
content

and

composition

was

determined

in

duplicate

as

constituent

monosaccharides after acid hydrolysis by a modified method reported by Englyst
& Cummings (see Supporting Information for details). 38
Purity of lignin isolates. The purity of the nonlabeled lignin isolates was set to
equal the remaining dry matter content after subtraction of carbohydrates and
other nonlignin impurities (estimated at 5% w/w for wood lignin isolates). 25 The
nonlabeled wood isolates were used to determine the purity of the uniformly
labeled

13

C wood lignin isolates spectrophotometrically. Lignin isolates were

weighed on an XP6 excellence-plus microbalance (Mettler Toledo, Columbus, OH,
USA) and dissolved in 80% v/v aqueous dioxane. Absorbance at 280 nm was

3

quantified by using a Shimadzu UV-1800 spectrophotometer (Kyoto, Japan).
Nonlabeled lignin isolates of the respective botanical origins were used to construct
calibration curves for the determination of extinction coefficients. Structural
resemblance of nonlabeled and uniformly

13

C labeled isolates validate the use of

the same extinction coefficient.
Characterization of lignin isolates by NMR spectroscopy. Around 1 mg of

13

C

labeled lignin isolate was dissolved in 0.6 mL DMSO-d6 and transferred to a NMR
tube. NMR spectra were recorded at 25 °C with Bruker’s standard pulse sequences
on a Bruker AVANCE III 600 MHz NMR spectrometer (Bruker BioSpin, Rheinstetten,
Germany) equipped with a 5 mm cryoprobe located at MAGNEFY (MAGNEtic
resonance research FacilitY, Wageningen, The Netherlands) by using the adiabatic
“hsqcetgpsisp2.2” pulse sequence. Detailed acquisition and processing settings
have been reported previously. 33
Quantitative py-GC-MS with

13

C lignin as internal standard. Samples were

weighed by using an XP6 excellence-plus microbalance. Pyrolysis was performed
with an EGA/PY-3030D Multi-shot pyrolyzer (Frontier Laboratories, New Ulm, MN,
USA)

equipped

described. 25,

31

with

an

AS-1020E

Autoshot

auto-sampler

as

previously

The pyrolyzer was coupled to a Trace 1300 GC equipped with a

Restek DB-1701 fused-silica capillary column (30 m × 0.25 mm i.d. 0.25 μm film
thickness) coupled to an Exactive Orbitrap Mass Spectrometer (both Thermo
Scientific). Pyrolysis products were applied to the column via split/splitless
injection (at 280 °C) with a split ratio of 1:133 and helium was used as carrier gas
with constant flow at 1.5 mL min -1. The GC oven was programmed from 70 °C (2
min) to 270 °C at 5 °C min -1 and held at 270 °C for 15 min. The MS was always
operated in full MS mode, with EI at 70 eV, a source temperature of 275

o

C, a

resolution of 60.000, AGC target at 10 , maximum IT at ‘auto’ and a scan range of
6

m/z 35-550. Relative response factors for lignin-derived pyrolysis products on the
py-GC-HR-MS system were determined as previously described, taking relative ion
abundancies into account. 25
TraceFinder 4.0 software was used for data processing. The most abundant ion per
compound was used for quantification and peaks were automatically integrated by
using ICIS peak integration with optimized settings per compound. A manual
correction was only applied when irregular peak shapes led to erroneous peak
integration with method settings. Lignin contents (equation 1) and relative
abundances of lignin-derived pyrolysis products were calculated as described
previously, including a correction for 4-vinylphenol to cover for decarboxylation
that precedes its formation from p-coumarate moieties. 31, 33

12𝐶 ·𝑀

𝐿𝑖𝑔𝑛𝑖𝑛 𝑐𝑜𝑛𝑡𝑒𝑛𝑡 %(𝑤 ⁄𝑤) =

𝐴𝑖
∑51
𝑖=1

𝑤12𝐶
·𝑚𝐼𝑆
𝑅𝑅𝐹𝑟𝑢𝑛,𝑖
13𝐶
𝐴𝑖
·𝑀𝑤13𝐶
∑51
·𝑚𝑠𝑎𝑚𝑝𝑙𝑒
𝑖=1 𝑅𝑅𝐹
𝑟𝑢𝑛,𝑖

· 100

(1)

where i refers to compound number, 33 A is area, Mw is the molecular weight, RRF run
is the updated relative response factor, 31 mIS is the amount of IS (corrected for
purity, µg) and m sample is the amount of sample (µg).
Method validation in model systems. Validation of the py-GC-HR-MS method
(full MS mode) was performed as described previously. 25 Briefly, nonlabeled

C

12

lignin isolate (from wheat straw, willow or spruce) was dissolved in 50:50 (v/v)
ethanol:chloroform in a concentration of 1.0 mg mL -1 and added to cellulose to
give biomass model systems with four different lignin contents, always adding up
to 80 μg of dry matter. Uniformly

13

C labeled lignin isolate (from wheat straw,

willow or douglas fir) was dissolved in a similar manner and 10 μL of this solution
was added to the biomass model system samples and dried. Samples were
prepared and analyzed in triplicate.
Method validation in actual biomass. To approximately 80 μg of biomass, 10
μL of a 1.0 mg mL -1 solution of the appropriate

13

C lignin IS was added. Samples

were prepared and analyzed in triplicate. Lignin contents determined by py-GCHR-MS (full MS mode) were compared to Klason lignin contents that were
determined by a previously described procedure. 11,

25

Total lignin contents

consisting of acid insoluble lignin corrected for ash and protein combined with acid
soluble lignin were used for comparison.

Having established the accurate quantification and characterization of grass lignin,
we attempted to quantify hardwood and softwood lignin by the recently developed
13

C-wheat straw IS py-GC-MS method. 25,

evaluated

by

comparing

the

31

The performance of the method was

determined

lignin

contents

with

traditional

gravimetrical analyses (Figure S1). Though this resulted in quite decent lignin
contents and relative comparisons between lignin samples would likely be possible,
we were not satisfied with the 15-30% discrepancy to the Klason benchmark. The
latter presumably related to the substantially different structural characteristics of
grass, i.e. the

13

C wheat straw lignin IS, and wood lignin as described above. To

achieve accurate lignin contents in absolute terms, we, therefore, aimed to employ
uniformly

13

C labeled lignin internal standards being specific for each botanical

source.
In addition, we attempted to advance the method further by making use of highresolution mass-spectrometry (HR-MS) detection. By using an Orbitrap system, we
observed a significant reduction in background noise, allowing the quantification
of low-abundance pyrolysis products with greater accuracy (Figure 1).

3

Relative intensity (%)
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20.7

A) single quad full MS

S/N ~ 3

B) single quad SIM

S/N ~ 6

C) Orbitrap full MS

S/N ~ 30

20.8
20.9
Time (min)

21.0

21.1

Figure 1. Pyrograms of the low relative abundance (<0.1%) pyrolysis products 4 -propyneguaiacol
(20.70 min) and 4-alleneguaiacol (20.95 min) of wheat straw with single quad full MS detection,
EIC m/z 162 with 1 amu mass accuracy (A), single quad SIM detection m/z 147+162 with 1 amu
mass accuracy (B), Orbitrap full MS detection, EIC m/z 162.06753 (M-e) with 5 ppm mass accuracy
(C).

The enhanced sensitivity and higher scan rate of the Orbitrap system enabled us
to run the analyses in full MS mode, rather than selective ion monitoring (SIM)
mode that was used on the single quad system. Not only did this greatly improve
the robustness of the method as detection was no longer dependent on fixed
retention time windows, it also led to greater flexibility as, theoretically, an infinite
number of products can be monitored, instead of a pre-defined compound list. 25
This more robust py-GC-HR-MS method was used to set up the lignin quantification
in wood biomass.
Lignin isolation from wood biomass. Lignin isolation following the classical
protocols resulted in expected yields (~10%) and purities (>85%) for nonlabeled
(12C) willow and spruce (Table S1). 36, 39 In contrast, similarly extracted uniformly
13

C labeled woods did not yield sufficient isolated material. Lignin contents of the

13

C labeled woods were expected to be rather low as relatively young plants were

used, which likely affected the isolated amounts. To obtain sufficient
wood

lignin

isolate,

the

initially

obtained

dioxane

insoluble

13

C labeled

residue

was

enzymatically treated to remove carbohydrates and re-extracted with dioxane.
Though yields were still lower than expected for regular wood samples, the total
isolated amounts allowed all required analyses. Furthermore, the
isolate showed a high purity (~91%). The

13

13

C willow lignin

C douglas fir lignin isolate, however,

was of lower purity (~45%) than anticipated on the basis of carbohydrate content
analysis (Table S1) and relatively low abundance of carbohydrate-derived pyrolysis
products (data not shown). The latter was consistent with NMR and py-GC-MS
analyses that both showed approximately half of the lignin-specific area per weight
of isolate in comparison to the other

13

C and

12

C lignin isolates. We did not attempt

to further specify the impurities or (chemically) purify the

13

C labeled douglas fir

isolate as a limited amount of this isolate was available. Most importantly, the

13

C

labeled lignin isolates showed representative structural features of the respective
botanical classes, as will be elaborated in the next section.

Structural characterization of lignin isolates. Py-GC-HR-MS analyses of the
13

C lignin isolates showed typical structural characteristics of their respective

botanical origins (Figure 2, Table S2). Related to the presence of p-coumarate
moieties, the

13

C labeled wheat straw lignin isolate showed substantial amounts of

4-vinylphenol. 23 The high abundance of pyrolysis products with an intact α,β,γ-side
chain suggested that lignins were obtained with a high amount of intact interunit
linkages, as can be expected from the mild isolation procedure (Table S2). 31

Relative intensity (%)

l
a

c

b

10

de gh i
f

j

13C

3

m

k

20

wheat straw

13C

willow

13C

douglas fir

30

40

Time (min)
Figure 2. Py-GC-HR-MS pyrograms (TIC, full MS) of uniformly 13C labeled lignin isolates. Letters
refer to major lignin-derived compounds: a guaiacol; b 4-methylguaiacol; c 4-vinylguaiacol; d 4vinylphenol; e syringol; f trans-isoeugenol; g 4-methylsyringol; h vanillin; i 4-vinylsyringol; j transpropenylsyringol; k syringaldehyde; l trans-coniferyl alcohol; m trans-sinapyl alcohol.

HSQC NMR analyses showed typical spectra for grass, hardwood and softwood for
the isolated lignins from the respective uniformly
we have reported previously, the

13

13

C labeled plants (Figure 3). As

C wheat straw lignin showed typical signals for

acylated β-O-4’ aryl ethers and β-O-4’ aryl ethers linked to tricin in the aliphatic
region. 25 In the aromatic region, signals for the three aromatic subunits (H, G and
S) and tricin, p-coumarate and ferulate could be observed. The wood lignins were
characterized by the absence of any additional moieties besides the ‘regular’
subunits (willow G and S, douglas fir G) in the aromatic region. In the aliphatic
region, the uniformly
spirodienone

interunit

13

C labeled willow lignin showed a clear signal for
linkage

substructures,

substructures were evidently present in the uniformly

whereas
13

dibenzodioxocin

C labeled douglas fir lignin

in addition to the β-O-4’ aryl ether, β-5’ phenylcoumaran and β-β’ resinols
substructures common to all three botanical sources of lignin. The structural
features of the lignin isolates are summarized in Table S3 on the basis of
semiquantitative analyses of the volume integrals. The distribution of the aromatic
units and interunit linkages is in accordance with previous reports on HSQC NMR
analyses on nonlabeled wheat straw, willow and douglas fir. 41-43 Hence, it was
concluded that the isolated lignins were representative of lignin of the respective
biomasses. 9 The fact that these lignins were obtained from relatively young plants
could suggest a limited influence of age on lignin composition. 44 Interestingly, the

found subunit distribution matched reasonably well with py-GC-HR-MS analyses
(Table S3). Note that for comparative purposes p-CA and FA were included in the
subunit composition determinations by NMR, as regular py-GC-MS analyses without
methylating agents such as tetramethylammonium hydroxide (TMAH) cannot
distinguish vinyl products originating from hydroxycinnamic acids and ‘core
lignin’. 45 Similar structural characteristics were found for the three lignin isolates
obtained from nonlabeled plant biomass (Table S3).

Figure 3. Aliphatic (A) and aromatic (B) regions of 1 H-13C HSQC NMR spectra of lignin isolates from
uniformly 13 C labeled biomass and annotated substructures (C). Dotted lines represent –H or –
OCH 3 . Wavy lines indicate main positions for further coupling. Note that through uniform 13 C labeling
a signal enhancement of at least a factor 100 is achieved and possibly u p to 140% through additional
signal gain by neighboring 13 C atoms, though this is accompanied by abundant 13 C-13C crosscoupling, especially in the aromatic region of the spectra. 40

Lignin quantification in biomass model systems.

We have previously

established that biomass model systems, consisting of known amounts of pure
nonlabeled

12

C lignin (lignin input) mixed with cellulose, are an effective tool for

the validation and proof-of-concept demonstration of lignin quantification by
IS py-GC-MS.

25

13

C-

Accordingly, our first step in validating the extension of the method

to wood biomass was to apply the
systems (Figure 4).

13

C wood lignin internal standards in these model
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Figure 4. 13C-IS py-GC-HR-MS lignin quantification in biomass model systems. Grass (A): 12 C wheat
straw (lignin input) and 13C wheat straw IS; hardwood (B): 12 C willow (lignin input) and 13 C willow
IS; softwood (C): 12 C spruce (lignin input) and 13 C douglas fir IS. The MS was operated in full MS
mode. Average and standard deviation on the basis of triplicates.

Excellent correlations were achieved between lignin input and lignin quantified via
the

13

C internal standard for the respective botanical sources, in terms of accuracy

(slope), linearity (R2 > 0.99) and precision (RSD < 5%). Grass and softwood lignins
were quantified with excellent accuracy as 3.7% and 1.5% deviations from the
theoretical slope of 1 were obtained, respectively. Hardwood lignin was quantified
with decent accuracy, showing an average deviation across the lignin content range
of 8.2%. Presumably, the somewhat higher deviation was caused by slight
differences in the structural features, such as the subunit composition, of the
respective nonlabeled (S/G = 1.6) and

13

C labeled lignin isolates (S/G = 2.1) (Table

S3). Constant relative distributions of the nonlabeled pyrolysis products were
obtained across the content range, showing that, besides content, structural
insight can simultaneously be obtained with great accuracy as well (Table S4). The
observed structural features of the nonlabeled lignins included in these biomass
model systems matched reasonably well with semiquantitative HSQC NMR analyses
(Table S3).
Lignin quantification in actual lignocellulosic biomass. In actual plant
biomass samples the

13

C-IS py-GC-HR-MS method performed with excellent

accuracy and precision (Figure 5). Minor deviations were found when comparing
the novel method with carefully executed gravimetrical lignin content analyses for
three grasses, hardwoods and softwoods. A comparison of all botanical origins in
a single plot showed an outstanding correlation of the two methods, with an
average relative deviation of approximately 1%, although a somewhat lower
linearity (R 2 = 0.963) was obtained than in the model systems (Figure 5D). Hence,
we conclude that lignin content can be accurately determined by py-GC-HR-MS
when employing

13

C lignin of the respective botanical origin as internal standard.

Conversely, Klason lignin contents poorly correlated with total peak areas of
sample-derived (nonlabeled) pyrolysis products, even when relative response
factors were included (Figure S2). This demonstrated that substantial matrixeffects occurred during pyrolysis, affecting the amount and composition of the
pyrolysate. 46

3

In previous attempts to quantify lignin by py-GC-MS such matrix-effects and
variations in system performance were not properly accounted for, which certainly
has contributed to the inaccuracies found. 26-30 As a consequence of these matrix
and system effects, external standard quantification would not be adequate for the
determination of lignin contents by py-GC-MS. Hence, the

13

C lignin internal

standard is absolutely required for accurate quantification. For clarification, each
analysis requires only 10 µg of internal standard from which it follows that a gram
of labeled biomass would allow the isolation of sufficient lignin for thousands of

40
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Figure 5. 13C-IS py-GC-HR-MS lignin quantification in biomass model systems. Grass (A): 12 C wheat
straw (lignin input) and 13C wheat straw IS; hardwood (B): 12 C willow (lignin input) and 13 C willow
IS; softwood (C): 12 C spruce (lignin input) and 13 C douglas fir IS. The MS was operated in full MS
mode. Average and standard deviation on the basis of triplicates.

The fact that the incorporation of the

13

C lignin internal standard ensures accuracy

further corroborates the assumption that matrix-effects exerted on sample and
polymeric internal standard lignin are comparable. The latter is ensured by adding
the internal standard in liquid form, i.e. dissolved in a quickly evaporating organic
solvent, which results in proper mixing with the sample. Besides facilitating
dispersion of the internal standard throughout the sample, this approach also
improved precision and throughput.

Structural characterization of lignin in actual biomass by quantitative py GC-HR-MS. Simultaneously with accurate lignin content, valuable insight into
lignin’s structural features was obtained (Table S5). This confirmed that as long as
the internal standard is from the same botanical source or taxon, structurally
dissimilar lignins can be properly quantified. The tested grasses were structurally
more diverse than the woods and mainly differed in terms of the abundance of 4 vinylphenol derived from γ-acylating p-coumaroyl units. Future analyses will
expand to structurally diverse lignins to further develop our method.
The reasonable consistency between py-GC-MS and HSQC NMR analyses in terms
of subunit composition (Table S3 and S4) is promising for future evaluations of
both techniques for structurally different biomass samples. Initial comparisons of
both techniques suggested that information on other structural features beyond
the classical subunit composition, like oxidized functionalities and amount of intact
interunit linkages can be ‘predicted’ rather well by quantitative py-GC-MS
analyses. 31,

33, 47

Similar to what has recently been achieved with an FTIR-

chemometrics approach, we envision such a predictive role of our novel method,
significantly reducing the investments in terms of equipment and time. 48

In this work, we establish that the quantitative nature of py-GC-MS analysis of
lignin primarily lays in the use of proper internal standards. Through careful
validation we demonstrate that employing uniformly

13

C labeled lignin internal

standards specific to the botanical source in combination with high-resolution
mass-spectrometric detection, enable accurate and precise lignin quantification
and structural characterization in grasses, hardwoods and softwoods. We
anticipate that the

13

C-IS method will allow specific lignin analysis of lignocellulosic

samples that previously could not be measured, either due to limited amounts of
sample available, e.g. of transgenic plants, or due to the presence of interfering
compounds, e.g. fungal-grown samples and, therefore, will find broad application.

The authors acknowledge René Klaassen (Stichting Hout Research, Wageningen,
The Netherlands) for providing wood samples.
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Experimental details carbohydrate content and composition
Carbohydrate content and composition of lignin isolates was determined in duplicate as
constituent monosaccharides after acid hydrolysis by a modified method reported by Englyst
& Cummings.1 Samples were treated with 72% (w/w) H 2SO4 for 1 h at 30 °C followed by 1 M
H2SO4 for 3 h at 100 °C after which samples were centrifuged (9,000xg, 5 min, 20 °C) and
supernatants were analyzed after appropriate dilution. Monosaccharide degradation during
hydrolysis was corrected for by including monosaccharide standards in hydrolysis. Analysis
was performed on a High Performance Anion Exchange Chromatography (HPAEC) Dionex ICS5000 system (Thermo Scientific, Synnyvale, CA, USA). The system was equipped with a
CarboPac PA-1 column (250 mm x 2 mm ID) in combination with a CarboPac guard column
(50 mm x 2 mm ID) with pulsed amperometric detection (PAD) (all Dionex). 10 µL of sample

was injected and eluted at a flow rate of 0.4 mL min-1 by using a combination of three mobile
phases: A) 0.1 M NaOH, B) 1 M NaOAc in 0.1 M NaOH and C) H 2O. The elution profile used
was as follows: 0-35 min isocratic on 100% C; 35-50 min linearly from 100% A to 40% B;
50-55 min isocratic on 100% B; 55-63 min isocratic on 100% A; 63-78 min isocratic on 100%
C. Post-column addition of 0.5 M NaOH at 0.1 mL min -1 was performed between 0-35 min
and 63-78 min. Data was processed by using Chromeleon 7 (Thermo Scientific). Uronic acids
released after acid hydrolysis were determined in duplicate as anhydrouronic acids by an
automated meta-hydroxydiphenyl assay with addition of sodium tetraborate by using an
auto-analyzer (Skalar Analytical BV, Breda, The Netherlands). 2 Glucuronic acid (Fluka AG,
Busch, Switzerland) was used as a reference (0 – 100 μg mL-1). Total carbohydrate content
was calculated as the sum of neutral anhydrocarbohydrates and anhydrouronic acids.
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Figure S1. Lignin quantification in hardwoods and softwoods by 13C-IS py-GC-MS (triplicate)
employing 13 C wheat straw lignin as internal standard and by Klason methodology (duplicate) . Mass
spectrometric detection with a single quad DSQ-II system. 3 Total Klason lignin represents acidinsoluble lignin corrected for ash and protein plus acid-soluble lignin. 4
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Figure S2. Py-GC-HR-MS total area of lignin-derived pyrolysis products from nonlabeled biomass
samples (triplicate) versus Klason lignin content (duplicate). Areas corrected for relative response
factor. Grasses in green (a wheat straw; b barley straw; c sugarcane bagasse), hardwoods in red
(d oak; e beech; f eucalyptus), softwoods in blue (g spruce; h pine; i cedar). Klason lignin is
presented as acid-insoluble lignin corrected for ash and protein combined with acid -soluble lignin. 4
Table S1. Composition and yield of
12

carbohydrate (% w/w)

C wheat straw

a

13

12

C and

13

C wheat straw a

C lignin isolates.
12

C willow

13

C willow

12

C spruce

13

C douglas fir

6.8 ± 0.2

7.1 ± 0.1

9.4 ± 0.0

4.0 ± 0.2

6.3 ± 0.1

6.9 ± 0.5

lignin (% w/w)

88.1

89.5

85.6 b

91.2 c

88.7 b

44.7 c

isolation yield (%)

19.0

21.5

10.4 d

n.d. e

9.4 d

n.d. e

previously published in van Erven et al. 2017 4
b
remaining content after subtracting carbohydrates and other nonlignin impurities from total dry matter
c
determined spectrophotometrically
d
yield versus Klason lignin content of whole biomass sample.
e
lignin content was not determined for whole uniformly 13 C labeled woods, hence no yields could be determined.
a

Table S2. Py-GC-HR-MS relative abundance of lignin compounds in uniformly 13 C labeled lignin
isolates. Corrected for relative response factors. Sum on the bases of structural classification
according to van Erven et al. 3, 5 Average and standard deviation of analytical duplicates.
13

13

C wheat straw

13

C willow

C douglas fir

Lignin subunits (%)
H

12.2 ± 0.5

0.6 ± 0.0

2.5 ± 0.1

G

56.5 ± 0.2

27.9 ± 0.1

96.5 ± 0.0

31.3 ± 0.2

71.6 ± 0.1

1.0 ± 0.1

0.6 ± 0.0

2.6 ± 0.0

0.0 ± 0.0

Unsubstituted

7.2 ± 0.6

3.5 ± 0.0

7.0 ± 0.4

Methyl

5.9 ± 0.7

4.0 ± 0.0

11.5 ± 0.1

27.2 ± 1.5

6.9 ± 0.1

19.8 ± 0.1

9.7 ± 0.3

0.0 ± 0.0

0.2 ± 0.0

13.2 ± 0.9

3.1 ± 0.0

19.5 ± 0.1

C α -ox

4.3 ± 0.2

6.6 ± 0.1

4.0 ± 0.1

C β -ox c

2.9 ± 0.2

5.0 ± 0.4

3.7 ± 0.1

C γ -ox

46.9 ± 3.9

69.7 ± 0.5

48.1 ± 0.3

S
S/G
Structural moieties (%)

Vinyl
4-VPa
4-VG

b

Miscellaneous
PhC γd
a

4-vinylphenol.

b

5.4 ± 0.6

4.3 ± 0.0

5.9 ± 0.1

53.7 ± 3.2

76.0 ± 0.4

54.8 ± 0.4

4-vinylguaiacol.

c

excluding diketones.

d

phenols with intact α,β,γ carbon side chain.

Table S3. Py-GC-HR-MS relative abundance of lignin compounds in uniformly 13 C labeled lignin
isolates. Corrected for relative response factors. Sum on the bases of structural classification
according to van Erven et al. 3, 5 Average and standard deviation of analytical duplicates.
13

C wheat straw

12

C wheat straw

13

C willow

12

C willow

13

C douglas fir

12

C spruce

Lignin subunits (%) a
H

1 (11)

4 (14)

0

1

0

0

G

59 (53)

57 (52)

32

39

100

98

G ox
S (S ox )
S ox
S/G

0 (0)

0 (0)

0

1

0

2

39 (34)

38 (33)

68

56

0

0

2 (1)

1 (1)

0

4

0

0

0.7 (0.7)

0.7 (0.7)

2.1

1.6

0.0

0.0

Hydroxycinnamates (%) b
p-benzoate

0

0

0

1

0

0

p-coumarate

12

12

0

0

0

0

2

3

0

0

0

0

15

20

0

0

0

0

β-O-4’ G+H

32

29

23

20

66

65

β-O-4’ S

35

41

61

63

0

0

β-O-4’ Cα -ox

3

<1

0

0

0

0

β-O-4’ tricin

18

19

0

0

0

0

88

90

84

82

66

65

β-5’ phenylcoumarans

6

8

4

6

23

26

β-β’ resinols

4

3

8

11

5

4

5-5’/4-O-β’ dibenzodioxocin

0d

0

0d

0

5

5

β-1’ spirodienone

2

0

4

0

2

0

100

100

100

100

100

100

22

16

0

0

0

0

ferulate
Flavonolignin (%)

b

tricin
Lignin interunit linkages (%) c

total β-O-4’ aryl ethers

total
Side-chain γ-acylation (%)

e

relative distribution of lignin subunits (H+G+G ox+S+S ox =100). Values in parentheses include p-CA (as H-unit)
and FA (as G-unit) for comparative purposes to py-GC-MS analyses (H+p-CA+G+FA+G ox+S+S ox =100).
b
relative volume integral of substructure versus volume integral of total lignin subunits
c
relative distribution of total interunit linkages
d
not quantified due to overlap with resinol substructures
e
percentage of β-O-4’ aryl ethers
a

Table S4. Py-GC-HR-MS relative abundance of lignin compounds in nonlabeled lignin isolates across
the measured content range (10-40 μg lignin/80 μg sample) in biomass model systems. Corrected
for relative response factors and relative abundance of 13C analogues. Sum on the bases of
structural classification according to van Erven et al. 3, 5 Average and standard deviation of analytical
triplicates.
Lignin subunits (%)
H
G
S
S/G
Structural moieties (%)
Unsubstituted
Methyl
Vinyl
4-VPa
4-VGb
C α -ox
C β -ox c
C γ -ox
Miscellaneous
PhC γd
a

4-vinylphenol.

b

grass 10

grass 40

hardwood 10

hardwood 40

softwood 10

softwood 40

6.3 ± 0.0
62.7 ± 0.1
31.1 ± 0.1
0.5 ± 0.0

5.6 ± 0.0
63.0 ± 0.2
31.3 ± 0.2
0.5 ± 0.0

1.4 ± 0.0
39.9 ± 0.4
58.7 ± 0.4
1.5 ± 0.0

1.0 ± 0.0
39.8 ± 0.4
59.2 ± 0.4
1.5 ± 0.0

1.5 ± 0.0
98.3 ± 0.0
0.2 ± 0.0
0.0 ± 0.0

1.3 ± 0.2
98.6 ± 0.2
0.2 ± 0.0
0.0 ± 0.0

4.5 ± 0.0
3.4 ± 0.0
19.7 ± 0.1
4.2 ± 0.0
12.5 ± 0.2
5.7 ± 0.1
1.4 ± 0.0
61.5 ± 0.1
3.7 ± 0.0
66.5 ± 0.0

3.9 ± 0.0
3.2 ± 0.0
19.3 ± 0.1
4.0 ± 0.0
12.3 ± 0.1
5.5 ± 0.0
1.3 ± 0.0
63.0 ± 0.1
3.8 ± 0.0
68.0 ± 0.1

4.1 ± 0.0
3.4 ± 0.1
13.2 ± 0.3
0.1 ± 0.0
8.2 ± 0.2
6.0 ± 0.1
1.8 ± 0.0
67.5 ± 0.5
4.1 ± 0.0
73.5 ± 0.4

3.1 ± 0.0
2.9 ± 0.1
11.0 ± 0.3
0.1 ± 0.0
6.9 ± 0.2
6.0 ± 0.1
1.6 ± 0.0
72.0 ± 0.5
3.5 ± 0.0
77.2 ± 0.4

5.2 ± 0.1
6.7 ± 0.2
12.4 ± 0.1
0.1 ± 0.0
12.3 ± 0.1
6.7 ± 0.1
2.5 ± 0.0
61.6 ± 0.3
5.0 ± 0.0
67.9 ± 0.3

5.0 ± 0.1
6.8 ± 0.1
13.8 ± 0.1
0.1 ± 0.0
13.7 ± 0.0
6.7 ± 0.2
2.5 ± 0.1
60.1 ± 0.3
5.2 ± 0.1
66.6 ± 0.2

4-vinylguaiacol.

c

excluding diketones.

d

phenols with intact α,β,γ carbon side chain.

Table S5. Py-GC-HR-MS relative abundance of lignin compounds in grass, hardwood and softwood
biomass. Corrected for relative response factors and relative abundance of 13C analogues. Sum on
the bases of structural classification according to van Erven et al. 3, 5 Average and standard deviation
of analytical triplicates.
grass
wheat straw barley straw
Lignin content (% w/w)

hardwood
bagasse

oak

beech

25.8 ± 0.8 29.1 ± 0.7

softwood
eucalyptus
34.9 ± 1.0

spruce

pine

cedar

19.1 ± 0.9

22.9 ± 0.6

28.7 ± 0.6

30.6 ± 0.8 31.5 ± 1.9 36.3 ± 2.3

H

11.4 ± 0.1

14.0 ± 0.5

45.7 ± 1.3

0.7 ± 0.0

G

64.0 ± 0.6

56.7 ± 0.6

35.7 ± 1.4

32.8 ± 0.4 32.5 ± 0.5

33.6 ± 0.1

98.8 ± 0.0 97.0 ± 0.1 99.0 ± 0.0

24.6 ± 0.7

29.3 ± 0.4

18.6 ± 0.1

66.6 ± 0.4 66.7 ± 0.5

65.7 ± 0.1

0.2 ± 0.1

0.2 ± 0.0

0.2 ± 0.0

0.4 ± 0.0

0.5 ± 0.0

0.5 ± 0.0

2.0 ± 0.0

2.1 ± 0.0

2.0 ± 0.0

0.0 ± 0.0

0.0 ± 0.0

0.0 ± 0.0

Unsubstituted

6.5 ± 0.2

6.1 ± 0.1

8.2 ± 0.3

5.2 ± 0.1

4.9 ± 0.1

5.8 ± 0.0

3.7 ± 0.0

4.4 ± 0.0

4.0 ± 0.0

Methyl

3.0 ± 0.1

2.5 ± 0.0

3.3 ± 0.1

5.0 ± 0.1

5.9 ± 0.2

6.2 ± 0.0

8.6 ± 0.1

9.2 ± 0.2

9.0 ± 0.1

42.0 ± 0.2

40.4 ± 0.4

61.1 ± 0.6

17.8 ± 0.2 18.4 ± 0.0

4-VPa

9.3 ± 0.1

12.0 ± 0.5

40.9 ± 1.4

0.0 ± 0.0

0.0 ± 0.0

0.1 ± 0.0

0.0 ± 0.0

4-VGb

29.1 ± 0.3

24.2 ± 0.4

16.3 ± 0.9

6.2 ± 0.1

6.1 ± 0.1

6.9 ± 0.0

11.5 ± 0.0 11.7 ± 0.2 11.7 ± 0.0

C α -ox

4.0 ± 0.1

3.9 ± 0.0

4.8 ± 0.2

3.9 ± 0.0

4.5 ± 0.1

4.5 ± 0.1

5.7 ± 0.0

5.7 ± 0.0

5.2 ± 0.1

C β -ox c

1.0 ± 0.0

1.1 ± 0.0

1.2 ± 0.1

2.9 ± 0.0

2.9 ± 0.0

3.2 ± 0.0

2.7 ± 0.0

2.8 ± 0.0

3.2 ± 0.0

C γ -ox

39.9 ± 0.4

42.8 ± 0.3

17.2 ± 0.2

Lignin subunits (%)

S
S/G

0.8 ± 0.0

0.8 ± 0.0

1.1 ± 0.0

2.9 ± 0.1

0.9 ± 0.0

Structural moieties (%)

Vinyl

Miscellaneous
PhC γd
a

4-vinylphenol.

1.
2.
3.
4.
5.

b

3.5 ± 0.1

3.3 ± 0.0

4.3 ± 0.1

44.3 ± 0.3

47.0 ± 0.4

22.8 ± 0.2

4-vinylguaiacol.

c

excluding diketones.

55.9 ± 0.4 53.7 ± 0.6
9.2 ± 0.1

9.7 ± 0.2

67.7 ± 0.3 65.9 ± 0.3
d

19.2 ± 0.1

51.5 ± 0.1
9.6 ± 0.1
63.9 ± 0.0

11.5 ± 0.0 11.8 ± 0.2 11.7 ± 0.0
0.2 ± 0.0

0.0 ± 0.0

58.0 ± 0.3 55.9 ± 0.5 58.0 ± 0.2
9.8 ± 0.2

10.2 ± 0.1

8.8 ± 0.1

69.0 ± 0.0 67.4 ± 0.4 68.7 ± 0.2

phenols with intact α,β,γ carbon side chain.
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Based on: Biotechnology for Biofuels, 2018, 11, 262

The white-rot fungi Ceriporiopsis subvermispora (Cs), Pleurotus eryngii (Pe) and
Lentinula edodes (Le) have been shown to be high-potential species for selective
delignification of plant biomass. This delignification improves polysaccharide
degradability, which currently limits the efficient lignocellulose conversion into
biochemicals, biofuels and animal feed. Since selectivity and time-efficiency of
fungal delignification still needs optimization, detailed understanding of the
underlying mechanisms at molecular level is required. The recently developed
methodologies for lignin quantification and characterization now allow for the in depth mapping of fungal modification and degradation of lignin and, thereby,
enable resolving underlying mechanisms.
Wheat straw treated by two strains of Cs (Cs1 and Cs12), Pe (Pe3 and Pe6) and
Le (Le8 and Le10) was characterized by using semiquantitative py-GC-MS during
fungal growth (1, 3 and 7 weeks). The remaining lignin after 7 weeks was
quantified and characterized by using

13

C lignin internal standard based py-GC-MS

and whole cell wall HSQC NMR. Strains of the same species showed similar patterns
of lignin removal and degradation. Cs and Le outperformed Pe in terms of extent
and selectivity of delignification (Cs≥Le>>Pe). The highest lignin removal (66%
(w/w); Cs1) was obtained after 7 weeks, without extensive carbohydrate
degradation (factor 3 increased carbohydrate to lignin ratio). Further, though after
treatment with Cs and Le comparable amounts of lignin remained, the structure of
the residual lignin vastly differed. For example, C α-oxidized substructures
accumulated in Cs-treated lignin up to 24% of the total aromatic lignin, a factor
two higher than in Le-treated lignin. Contrarily, ferulic acid substructures were
preferentially targeted by Le (and Pe). Interestingly, Pe-spent lignin was
specifically depleted of tricin (40% reduction). The overall subunit composition
(H:G:S) was not affected by fungal treatment.
Cs and Le are both able to effectively and selectively delignify wheat straw, though
the underlying mechanisms are fundamentally different. We are the first to identify
that Cs degrades the major β-O-4’ ether linkage in grass lignin mainly via C β -Oaryl cleavage, while C α -Cβ cleavage of interunit linkages predominated for Le. Our
research provides new insight into how fungi degrade lignin, which contributes to
further optimizing the biological upgrading of lignocellulose.

Lignocellulosic biomass, such as wheat straw, is a highly abundant, valuable source
of polysaccharides for the production of animal feed or biofuels and biochemicals.1-4 The presence of lignin, however, hinders the conversion of these
polysaccharides and, therefore, necessitates the use of pretreatments aimed at
lignin removal or degradation. These physical and/or chemical hydrothermal
pretreatments require extensive amounts of energy and chemicals. 5 A sustainable
alternative is the use of white-rot fungi as a biological pretreatment and is
increasingly receiving attention. 2, 6-9 Among these fungi, the species Ceriporiopsis
subvermispora (Cs), Pleurotus eryngii (Pe) and Lentinula edodes (Le) were shown
to be particularly promising as they extensively and selectively removed lignin over
cell wall polysaccharides, in comparison to other more commonly studied white-rot
fungi like P. chrysosporium. 10 Such fungal delignification results in a greatly
enhanced enzymatic degradability of polysaccharides in further downstream
processes.

11-13

To optimize the pretreatment with these fungi, mainly in terms of

selectivity and time-efficiency, it is important to understand delignification and the
underlying mechanisms at a molecular level. Such mechanistic insight facilitates
the pinpointing of potential bottlenecks in the (enzymatic) process and might
provide means to circumvent them, e.g. via supplementation of co-factors for the
respective enzymes. Besides enabling control of the pretreatment process,
mechanistic insight expands our understanding of how fungi function in nature and
how they contribute to terrestrial carbon-recycling.
Lignin is a heterogeneous phenolic polymer that, in grasses, is composed of phydroxyphenyl (H), guaiacyl (G) and syringyl (S) subunits, which are linked
through a variety of carbon-carbon and aryl-ether linkages, with the β-O-4’ ether
as most abundant interunit linkage (~80%). 14-16 Structural complexity of grasstype lignin is further enhanced by the incorporation of p-coumaric acid, ferulic acid
and tricin in the macromolecule. 17-19 A schematic structure of wheat straw lignin is
presented in Figure 1.
Lignin degradation by white-rot fungi in general relies on a complex enzymatic
machinery which is, depending on the species, mainly based on lignin peroxidases
(LiP), manganese peroxidases (MnP), laccases (Lac) and the H 2O2 generating arylalcohol oxidases (AAO). Collectively, the catalytic performance of these enzymes
results in the generation of radicals, i.e. aromatic or hydroxyl radicals, which can
lead to various reactions such as C α-Cβ cleavage, breakdown of the β-O-4’ ether,
aromatic ring cleavage and demethoxylation, but also to polymerization. 20-24
Although C. subvermispora, P. eryngii and L. edodes all produce MnP, Lac and AAO,
they were shown to differ in the number of genes encoding for these enzymes,
which

suggests

different

dependencies

on

the

particular

enzymes. 25-29

Interestingly, none of these fungi possess genes encoding LiP. Instead, versatile
peroxidases were detected in Pe, whereas Cs was shown to produce two enzymes
with lignin peroxidase and versatile peroxidase like activity. 29-30 It is clear from
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this variation in ligninolytic enzyme encoding genes that these fungi employ
different strategies for delignification. However, whether these different strategies
emerge into different underlying mechanisms remains unknown. Furthermore, it is
poorly understood whether certain structural motifs of lignin are preferentially
degraded or modified by the respective enzymatic machineries and, thus, lead to
different residual lignin structures. 20, 22

Figure 1. Wheat straw lignin model. The most abundant substructures are included, attempting to
fairly represent the relative abundances of each moiety, based on literature . 14-19 H: phydroxyphenyl unit; G: guaiacyl unit; S: syringyl unit; A: β-O-4’ aryl ether; A’: β-O-4’ aryl ether
γ-acylated; A ox: Cα -oxidized β-O-4’ aryl ether; B: phenylcoumaran; C: resinol; D: dibenzodioxocin;
E: α,β-diarylether; F: spirodienone; I: cinnamyl alcohol (or aldehyde); T: tricin; pCA: p-coumarate;
FA: ferulate (R = H or arabinose). Note that γ-acylation here is only shown on β-O-4’ linkages,
while in fact any free γ-OH can by acylated. For simplicity only monomeric 8-O-4’ linked FA is
shown, though many other ferulate and diferulate linkages are known to exist. Fo r more detailed
structures see Figure 5.

To the best of our knowledge, research on the conversion of grass lignin is limited,
31-33

and studies where the fungi were compared under the same experimental

conditions are scarce. 11-12,

34

Furthermore, lignin degradation was, contentwise,

only determined by using unspecific gravimetric analysis, which is thought to be
particularly inaccurate for fungal-grown samples due to the presence of residual
chitin and this methodology includes (acid) recalcitrant lignin only. 20, 35 Moreover,
the scarce studies aimed at elucidating structural features of fungal-treated lignin
in

situ

focused

on

using

qualitative

pyrolysis

gas

chromatography

mass

spectrometry (py-GC-MS). Though considerable structural changes in fungaltreated wheat straw lignin could be revealed, mainly in terms of preference for
phenolic lignin substructures and accumulation of C α-oxidized substructures,
underlying mechanisms could not be elucidated. 11-12, 31 More accurate and in-depth
analysis of both lignin content as well as lignin structural features in fungal-treated
biomass

is

expected

to

further

resolve

the

underlying

lignin

degrading

mechanisms.
The recent development of a highly accurate pyrolysis gas chromatography mass
spectrometry (py-GC-MS) method that uses

13

C lignin as internal standard ( 13C-

IS) offers a great opportunity to specifically quantify residual lignin content in situ,
while simultaneously providing structural insight. 36 In addition, developments in
the use of heteronuclear single quantum coherence (HSQC) nuclear magnetic
resonance (NMR) allow the analysis of whole cell wall samples in situ, without prior
isolation or derivatisation of lignin.37-38 In situ analysis avoids the need for
laborious lignin isolation procedures that may lead to partial extraction and
polymer modification, especially for fungal-treated lignin.39-41
In this research, the combination of quantitative

13

C-IS py-GC-MS and whole cell

wall HSQC NMR was applied to fungal-treated wheat straw after growth of two
strains of C. subvermispora, P. eryngii and L. edodes to obtain a better
understanding of their delignification mechanisms. We found that both Cs and Le
outperform

Pe

in

terms

of

delignification

effectivity

and

selectivity

and,

furthermore, vastly differed in residual lignin structures. We were able to identify
that these lignin structures originated from fundamentally different delignification
mechanisms.

Materials. All chemicals were obtained from commercial suppliers and used
without further purification. Water used in all experiments was purified via a MilliQ water system (Millipore, Billerica, MA, USA).
Preparation of the fungal-treated wheat straw. Samples used in the present
study were collected from a main experiment on selecting the best performing
fungal strains based on their capability to improve the in vitro ruminal degradability
of the treated straw. 13 Two high potential strains from three different fungal
species were selected: Cs1 (CBS 347.63) and Cs12 (ME-485) strains for
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Ceriporiopsis subvermispora, Pe3 (Mycelia2600) and Pe6 (AL04) for Pleurotus
eryngii and Le8 (sh 03/08) and Le10 (LE75) for Lentinula edodes. Procedures for
fungal strain preparation and pretreatment of the wheat straw has been previously
described in detail. 42 Briefly, all strains were maintained on malt extract agar
before a piece of that agar (1.5 × 2.0 cm) was used to prepare the spawn for each
fungus. The spawn was prepared using sterilized sorghum grains and was
incubated at 24 °C for up to 5 weeks. Organic wheat straw (Triticum aestivum L.)
was purchased from a local farmer in the Netherlands (batch size 300 kg) and
chopped into pieces of approximately 3 cm. Approximately 5 kg of the chopped
wheat straw was soaked in water for 3 days at room temperature and excess water
was drained for 5 h, resulting in a dry matter loss of 9.3% (w/w). Each container
(185×185×78 mm, Combiness, Nevele, Belgium) was adjusted to contain 90.2 ±
0.3 g of dry matter with a moisture content of ~74% (w/w). After autoclaving at
121 °C for 1 h, the straw was inoculated with the prepared spawn at 10% of the
dry weight, thereby introducing negligible amounts of sorghum lignin. 43-44 The
wheat straw (treated and untreated with fungi) was incubated in triplicate under
solid state fermentation at 24 °C in a climate-controlled chamber (relative humidity
= 75%) for 1, 3 and 7 weeks. After weighing and thorough mixing, ~5g of fresh
sample was taken for pH measurements. The remaining sample material was
freeze-dried and ground over a 1 mm sieve using a cross beater mill (100AN,
Peppink, Olst, the Netherlands). Since biological triplicates showed ~5% RSD in
conventional compositional feed analysis, they were thoroughly mixed in equal dry
matter amounts (1 g each) to one replicate and ball-milled in a MM200 mixer mill
(Retsch, Haan, Germany) for further analyses. 13 We previously showed that
untreated straws were stable during incubation and showed minimal variation.42
Therefore, the untreated wheat straw without incubation was used as control
sample in this study.
Carbohydrate content and composition. Carbohydrate content and composition
was determined in triplicate by a modified method reported by Englyst & Cummings
(1984), using inositol as internal standard. 45 Ten mg of each sample was treated
with 72% (w/w) H2SO4 for 1 h at 30 °C followed by 1 M H 2SO4 for 3 h at 100 °C.
The constituent monosaccharides released were analyzed as their alditol-acetate
derivatives by using gas chromatography (Thermo Scientific, Synnyvale, CA, USA)
and represented as anhydromonosaccharides. The uronic acids released after the
acid hydrolysis step were determined in duplicate as anhydrouronic acid content
by an automated meta-hydroxydiphenyl assay with addition of sodium tetraborate
using an auto-analyzer (Skalar Analytical BV,

Breda,

The

Netherlands). 46

Glucuronic acid (Fluka AG, Busch, Switzerland) was used as a reference (0 – 100
μg mL -1). Total carbohydrate content was calculated as the sum of neutral
anhydrocarbohydrates and anhydrouronic acids.

Semiquantitative py-GC-MS. Pyrolysis was performed with an EGA/PY-3030D
Multi-shot pyrolyzer (Frontier Laboratories, New Ulm, MN, USA) equipped with an
AS-1020E Autoshot auto-sampler as previously described. 35-36 The pyrolyzer was
coupled to a GC-MS using a Trace GC equipped with a DB-1701 fused-silica
capillary column (30 m × 0.25 mm i.d. 0.25 μm film thickness) coupled to a DSQII mass spectrometer (both Thermo Scientific, Waltham, MA, USA). Samples were
weighed using an XP6 excellence-plus microbalance (Mettler Toledo, Columbus,
OH, USA). Pyrolysis of total biomass (~80 µg) was performed at 500 °C for 1 min
with an interface temperature of 300 °C. Pyrolysis products were injected on the
column via split/splitless injection (at 250 °C) with a splitratio of 1:133 and helium
was used as carrier gas with constant flow at 1.5 mL min -1. The GC oven was
programmed from 70 °C (2 min) to 270 °C at 5 °C min -1 and held at 270 °C for 15
min. MS detection was used with EI at 70 eV, a source temperature of 250 °C, a
scan range of m/z 50-550 and a scan rate of 4.0 scans/sec. Compounds were
identified by comparing retention time and mass spectrum with standards, the
NIST library and data published by Ralph and Hatfield. 47
For semiquantitative analysis, pyrograms were processed by Xcalibur 2.2 software.
The two most abundant fragments per compounds were automatically integrated
using ICIS peak integration with optimized settings per compound. A manual
correction was only applied when irregular peak shapes led to erroneous peak
integration

with

method

settings.

Areas

were

normalized

by

dividing by

corresponding relative response factors (RRF), as previously published, multiplied
with the molecular weight of the respective compound and summed. 36 Lignin
content was estimated on the basis of total area of lignin-derived pyrolysis
products and compared to a wheat straw reference sample with known Klason
lignin content (acid-insoluble lignin + acid-soluble lignin = 20.5% (w/w)), as
described by Jurak et al. 35 Relative abundances of lignin-derived pyrolysis products
were based on areas without molecular weight correction as previously described
by del Río et al., 15 as relative response factor (RRF) values are mole-based.
Compounds were classified according to their structural feature (Supporting
Information Table S1) and summed. All samples were prepared and analyzed in
triplicate.
Quantitative py-GC-MS with

13

C lignin as internal standard. Pyrolysis was

carried out as previously described in detail and in the section semiquantitative
py-GC-MS.36 Briefly, 10 µL of a
(1 mg mL

-1

13

C lignin internal standard (IS) solution

ethanol/chloroform 50:50 v/v) was mixed with ~80 µg of sample and

dried before analysis. Lignin-derived compounds of which fungal action increased
the content above detection limits were identified by qualitative Py-GC-MS using
full-MS detection and added to the existing SIM method. Lignin-derived pyrolysis
products were monitored in selected ion monitoring (SIM) mode on the two most
abundant fragments per compound (both

12

C and

13

C). The compound vanilloyl

acetaldehyde (VAL) was not properly detected in SIM due to a shifted segment and
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therefore was estimated from full MS analysis. The relative area of VAL versus
vanillin as measured by full MS was thereto multiplied by the area of vanillin as
measured by SIM. For correction of matrix-effects similar behavior as syringoyl
acetaldehyde (SAL) was assumed. Areas for each compound were normalized by
dividing by the respective RRF. Relative response factor values were updated to
system performance by recalculation to obtain an identical relative abundance of
lignin-derived pyrolysis products of the

13

C-IS added to a wheat straw reference

sample (Supporting Information eq 1). Lignin content (% (w/w)) was determined
from the sum of lignin-derived pyrolysis products, where RRF corrected areas for
each compound were multiplied with the molecular weight of the respective
compound and summed instead of the application of the published correction factor
of 1.057 (Supporting Information eq 2). 36 Areas were not corrected for molecular
weight before relative abundance determination as previously described by del Río
et al. 15 to allow direct comparison with data obtained by 2D-NMR analysis. Relative
abundances of lignin-derived pyrolysis products were normalized for the

13

C

analogues from the IS present in the same sample to distinguish matrix and
treatment effects (Supporting Information eq 3-5). Compounds were classified
according to their structural feature (Supporting Information Table S1) and
summed. All samples were prepared and analyzed in triplicate. Extractive-free
samples were identical to total biomass samples for Cs1 and, therefore, not
measured for the other fungi.
Whole cell wall 2D HSQC NMR spectroscopy. For NMR analysis of the whole
cell wall material, ground wheat straw (1 mm, 2 g) was successively extracted with
acetone until the solvent became clear; followed by hot water treatment (1 00 °C)
for 3 h to remove low molecular weight compounds that would interfere with the
analysis. 38 The extractive-free residues were then freeze-dried before mixing
biological replicates (1 g each) and fine milling in a PM100 planetary ball mill
(Retsch, Haan, Germany). Though lignin became increasingly extractable as fungal
action proceeded, the structural features of the remaining lignin were highly
comparable to that of the total unextracted sample, allowing comparison of NMR
and

13

C-IS py-GC-MS analyses. Two g of sample was milled in a 50 mL ZrO 2 beaker

using 17 Φ 10 mm balls of the same material at a frequency of 600 rpm with a net
milling time of 4 h. After every 15 min of milling, a pause of 10 min was set to
avoid overheating of the sample. Around 100 mg of ball-milled sample was swollen
in 0.75 mL DMSO-d6. 2D heteronuclear single quantum coherence (HSQC) NMR
was performed according to previously described methods. 15, 37-38 The spectra were
recorded at 25 °C with Bruker’s standard pulse sequence “hsqcetgpsisp2.2” on a
Bruker AVANCE III 600 MHz NMR spectrometer (Bruker BioSpin, Rheinstetten,
Germany) equipped with a 5 mm cryoprobe located at MAGNEFY (MAGNEtic
resonance facilitY, Wageningen, The Netherlands). The spectral widths were 7,200
and 30,000 Hz for the 1H and

13

C dimensions, respectively. The number of collected

complex points was 2018 in the 1H dimension with a relaxation time of 1 s. The

number of collected scans was 16 and 400 increments of time were recorded in the
13

C dimension. The 1JCH used was 145 Hz. The data were processed with Bruker

TopSpin 3.5 software. Processing used Gaussian apodization in 1H and a squared
cosine function in the

13

C dimension. For

13

C, data were zero filled up to 1024

points prior to Fourier transformation. The solvent peak (DMSO-d6) was used as
an internal reference (δC 39.5 ppm; δH 2.49 ppm). HSQC correlation peaks were
assigned by comparison with literature.15,

48-54

Semiquantitative analysis of the

volume integrals was performed according to del Río et al. 15 Alternatively, in the
aliphatic oxygenated region β-O-4’ substructures were estimated from their C β -Hβ
correlations, since they were shown to be interfered to a lesser extent by the
presence of carbohydrates.38 For phenylcoumaran and resinol substructures, their
respective Cα -Hα correlations were used. Volume integrals for resinol substructures
were logically halved. S 2,6, G 2 and H2,6 signals were used for S, G and H units,
respectively, where S and H integrals were halved as well. Oxidized analogues were
estimated in a similar manner. Tricin, pCA and FA were similarly estimated from
their respective T 2’,6’, pCA 2,6 and FA 2 signals. H 2,6 integrals were corrected for the
overlapping phenylalanine cross-peak (PHE 3,5) by subtraction of the isolated PHE 2,6
cross-peak. 55 Volume integration was performed at equal contour levels. Amounts
were calculated both as a percentage of total lignin (H + G + G ox + Gmod + S + S ox
+ S mod ) and total lignin including pCA, FA and T. 56-57
Statistical analysis. In earlier work, we showed that the biological variation in
the delignification of wheat straw by the strains used in this study was low (pooled
standard deviation of biological and analytical triplicates ~5% RSD)

13

. For the

purpose of this study, biological triplicates were thoroughly mixed (in equal dry
matter amounts) and ball-milled (as explained in the section ‘preparation of the
fungal-treated straw), thereby ensuring homogeneous samples for analyses. Albeit
low, biological variation was, therefore, not included in the outcomes of this study.
Results are presented as average ± standard deviation on the basis of analytical
triplicates (when replicates were included). Student’s t test (α = 0.05) was used
to evaluate significant differences between strains in terms of lignin and
carbohydrate removal.

Wheat straw delignification during fungal growth. The extent of wheat straw
delignification during growth of the different fungal strains was monitored by
semiquantitative py-GC-MS (Figure 2). This technique does not experience
interference from fungal cell wall material and the entire lignin population is
measured. 20,

35

In

comparison

to

conventional

gravimetric

analysis,

semiquantitative py-GC-MS, therefore, is considered to provide a more accurate
insight into the delignification characteristics of the studied fungi. Clear lignin
removal was observed from the first week of growth and all strains extensively
delignified the wheat straw within 7 weeks. Cs and Le were the most effective
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species, which is in line with the initial evaluation of these fungi by conventional
compositional feed analysis. 13 Not only were Cs and Le more effective, compared
to Pe, they also showed a distinct pattern of lignin removal in time. For Cs and Le,
the major part (>70%) of the final lignin removal occurred within the first 3 weeks,
whereas both Pe strains showed a more gradual lignin removal in time, reaching
less than 50% of the final lignin removal within 3 weeks. No significant differences
(P>0.05) were found in the extents of lignin removal after 7 weeks of growth
between strains of the same species. Though the fungal species (and strains)
varied considerably in growth pattern, as recently shown by Nayan et al., 13 the
extent of growth (amount of ergosterol formed) was not directly correla ted to the
extent of lignin degradation.

Lignin removal % (w/w)
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Figure 2. Semiquantitative py-GC-MS determination of lignin removal from wheat straw after 1, 3
and 7 weeks of fungal growth. Cs Ceriporiopsis subvermispora, Pe Pleurotus eryngii, Le Lentinula
edodes.  Cs1,  Cs12,  Pe3,  Pe6, Le8,  Le10. Average and standard deviation of analytical
triplicates on pooled biological triplicates.

Though semiquantitative py-GC-MS clearly proved useful for the comparison of the
delignification efficiency of the different fungi, we strived for more accurate and
precise quantification and characterization of the residual lignin. At the end -point
of the treatment (7 weeks), the wheat straw was most affected by fungal growth
and, for that reason, considered the most informative to further investigate the
underlying delignification mechanisms. 12,

58

Therefore, lignin in fungal-treated

wheat straw after 7 weeks of growth was quantified by the recently developed
quantitative

13

C-IS py-GC-MS method. 36

In this method, a

13

C lignin internal

standard is mixed with the sample to correct for matrix-effects and system
performance, which was previously shown to improve the accuracy of lignin
quantification in sound biomass samples.36 From the total dry matter recovered
and lignin contents in the treated material, the amount of lignin removed was
calculated (Figure 3).
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Figure 3. Lignin, glucuronoarabinoxylan (GAX) and glucan (cellulose) removal after 7 weeks of
fungal growth. Cs Ceriporiopsis subvermispora, Pe Pleurotus eryngii, Le Lentinula edodes.
Compositional analysis by using quantitative 13 C-IS py-GC-MS (lignin) and constituent
monosaccharide analysis after H 2 SO4 hydrolysis (carbohydrates). Average and standard deviation
of analytical triplicates on pooled biological triplicates. It is important to take some limitations of
the methods used for carbohydrate quantification into consideration. Firstly, the hydrolysis of
polysaccharides to constituent monosaccharides does not allow cellulose and fungal β-glucan to be
distinguished. Cellulose determination was, however, not expected to be largely affected, since
fungal biomass was present in minor amounts only, as estimated from ergosterol content . 13
Secondly, fungal treated cellulose and glucuronoarabinoxylan (GAX) were expected to be more
completely acid-hydrolyzed than untreated material, thereby resulting in underestimation of the
amount of degraded carbohydrates.

Although semiquantitative py-GC-MS gave fair estimates of lignin removal (Figure
2), the method overestimated lignin removal in all samples by approximately 15%,
mainly due to overestimation of the lignin content of the starting material
(Supporting Information Table S2). The results of quantitative py-GC-MS
confirmed the effectiveness of Cs, Le and Pe in degrading lignin, where in the case
of Cs and Le more than 60% (w/w) of lignin was removed from the wheat straw
within 7 weeks of treatment. Cs1 outperformed both Le and Pe strains whereas it
was not significantly different from Cs12 in terms of lignin removal. Pe3 removed
significantly more lignin than Pe6, while both Le strains were not significantly
different.
The three fungal species, furthermore, were capable of removing lignin highly
selectively over cell wall carbohydrates (Figure 3, Supporting Information Figure
S1). After 7 weeks of growth Pe strains were found to have degraded considerable
amounts of glucan (8% (w/w) of initial glucan), whereas Cs and Le less affected
glucan. Instead, these species degraded glucuronoarabinoxylan (GAX), but to a
lesser extent than lignin. Cs1 showed a remarkably higher degradation of GAX than
Cs12 (21 vs 5% (w/w) of initial GAX), while both Le strains degraded approximately
12% (w/w) of initial GAX. The selective removal of lignin over carbohydrates has
been described in previous studies for the three fungi used. Though, more
extensive hemicellulose degradation has been reported. 12-13,

42

This is due to the

gravimetrical method that was used in these previous studies, in which
solubilization and removal cannot be discriminated.
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Based on the removal of lignin, glucan and GAX after 7 weeks of fungal growth
(Figure 3), it was concluded that Pe removed considerably more carbohydrates
versus lignin than Cs and Le. In addition to the effectiveness of lignin removal, the
latter fungi, thus, also seem to outperform Pe in terms of selectivity.
Structural features of fungal treated lignin. Besides accurate lignin content,
quantitative

13

C-IS py-GC-MS simultaneously provided accurate insight into the

structural features of the remaining lignin.36 By correcting for any changes in the
structural features of the

13

C-IS lignin, it was ensured that the observed changes

in residual lignin were indeed fungal-induced. The same samples were also
subjected to 2D-HSQC NMR analysis allowing comparison with the

13

C-IS py-GC-

MS data, which is discussed further on. Table 1 shows the relative abundances of
the structural features of lignin of untreated and treated wheat straw ( 13C-IS pyGC-MS data). The bases of structural classification and relative abundances of
individual lignin-derived pyrolysis products can be found in Supporting Information
Table S1. The structural features of the untreated straw matched well with that of
wheat straw that was previously analyzed in a similar manner, which confirmed
that a representative wheat straw sample was used. 36
Unexpectedly, fungal treatment was found to have a minimal effect on the overall
composition of lignin subunits, with the largest effect observed for Le8 (H:G:S =
11:64:25) compared to control (H:G:S = 10:62:28), which indicates that all lignin
units were targeted in the process of lignin degradation. Although minimal, all fungi
except Cs12, showed a preference towards the removal of S units (over H- and Gunits) as demonstrated by slightly lowered S/G (e.g. 0.45 to 0.38 by Le8; Table
1). This preference was less pronounced compared to a previous study, where a
factor 2 decrease in S/G was found within 8 weeks of treatment by both Cs and
Le. 12,

58

The main difference is the higher S/G of the wheat straw used in the

previous study (S/G = 0.7) compared to our wheat straw (S/G = 0.45). Hence, the
most likely explanation of the lower S/G preference in our study was the difference
in wheat straw used, which differed not only in the overall subunit composition,
but might also have differed in the way these subunits were linked.
Preferential degradation of (sub-)structures with a higher degree of methoxylation
has been related to the corresponding lower redox potential and reduced frequency
of carbon-carbon (‘condensed’) substructures. 12, 33, 58-59 Still, as mentioned above,
Cs, Pe and Le did not show a clear preference for degrading the more methoxylated
S-units over G- and H-units in our research. Demethoxylation, due to which S units
‘transform’ into G units, and likewise G units into H units, is known to occur due to
fungal action, and might, hence, potentially have masked the preferential removal
of certain subunits.20, 24
When categorized according to structural moiety, the residual lignin structures
pointed out clear effects related to fungal growth (Table 1).

Table 1. 13 C-IS py-GC-MS relative abundance of residual lignin compounds of control and fungal treated wheat straw after 7 weeks of growth. Cs Ceriporiopsis subvermispora, Pe Pleurotus eryngii,
Le Lentinula edodes. Corrected for RRF and relative abundance of 13 C analogues. Sum on the bases
of structural classification according Supporting Information Table S1. Average and standard
deviation of analytical triplicates on pooled biological triplicates.
Control

Cs1

Cs12

Pe3

Pe6

Le8

Le10

Lignin subunits (%)
H

9.6 ± 0.4

G

62.2 ± 0.7 62.1 ± 0.5 59.3 ± 0.3 62.8 ± 1.4 63.3 ± 0.3 64.2 ± 0.2 63.0 ± 0.6

S

12.0 ± 0.7 12.1 ± 0.3 10.0 ± 0.7 10.1 ± 0.8 11.1 ± 0.5 11.3 ± 0.5

28.2 ± 0.5 26.0 ± 0.4 28.6 ± 0.1 27.2 ± 0.8 26.7 ± 0.9 24.7 ± 0.4 25.6 ± 0.1
S/G

0.45 ± 0.0 0.42 ± 0.0 0.48 ± 0.0 0.43 ± 0.0 0.42 ± 0.0 0.38 ± 0.0 0.41 ± 0.0

Structural moieties (%)
Unsubstituted

4.2 ± 0.2

9.4 ± 0.5

9.4 ± 0.4

6.1 ± 0.4

5.8 ± 0.02

7.1 ± 0.4

7.7 ± 0.4

Methyl

2.0 ± 0.0

3.2 ± 0.3

3.4 ± 0.2

2.6 ± 0.1

2.5 ± 0.2

2.9 ± 0.1

2.9 ± 0.1

Vinyl

30.6 ± 1.0 30.1 ± 1.7 30.3 ± 0.3 29.6 ± 0.1 31.6 ± 1.2 31.7 ± 0.6 31.3 ± 0.7

4-VP a

7.8 ± 0.4

4-VG b

20.3 ± 0.7 20.4 ± 1.1 20.3 ± 0.0 19.9 ± 0.6 21.4 ± 0.6 21.7 ± 0.4 21.0 ± 0.7

C α-ox

7.7 ± 0.5

7.8 ± 0.3

7.3 ± 0.4

7.8 ± 0.6

7.8 ± 0.3

7.9 ± 0.4

3.7 ± 0.1

13.6 ± 0.6 14.7 ± 0.7

6.0 ± 0.3

5.2 ± 0.3

6.6 ± 0.1

6.9 ± 0.3

C α-ox G

2.0 ± 0.1

8.0 ± 0.3

8.1 ± 0.4

3.2 ± 0.2

2.7 ± 0.2

3.9 ± 0.1

4.0 ± 0.2

C α-ox S

1.6 ± 0.0

5.6 ± 0.3

6.6 ± 0.3

2.7 ± 0.2

2.5 ± 0.1

2.7 ± 0.03

3.0 ± 0.1

Acetaldehyde

0.4 ± 0.0

7.7 ± 0.4

7.9 ± 0.5

1.9 ± 0.2

1.9 ± 0.2

2.7 ± 0.1

2.9 ± 0.2

C β -ox

1.4 ± 0.0

2.5 ± 0.1

2.7 ± 0.1

1.7 ± 0.1

1.6 ± 0.0

1.8 ± 0.0

1.8 ± 0.0

C γ -ox

54.8 ± 0.9 45.3 ± 2.3 43.9 ± 1.4 52.1 ± 0.6 51.4 ± 1.4 48.8 ± 0.6 48.6 ± 0.6

Miscellaneous

3.3 ± 0.1

PhC γ c

58.5 ± 1.0 50.0 ± 2.3 48.7 ± 0.8 56.6 ± 0.6 55.4 ± 1.6 53.3 ± 0.6 53.0 ± 0.5

PhC γ -acetaldehyde d

58.1 ± 0.9 42.4 ± 2.3 40.8 ± 1.3 54.7 ± 0.8 53.9 ± 1.7 50.6 ± 0.7 50.2 ± 0.3

3.5 ± 0.1

3.5 ± 0.1

3.9 ± 0.1

3.5 ± 0.5

4-vinylphenol. b 4-vinylguaiacol. c phenols with intact α,β,γ carbon side chain.
side chain, excluding acetaldehydes. No statistical analysis was applied.
a

d

3.8 ± 0.1

3.8 ± 0.2

phenols with intact α,β,γ carbon

Most pronounced was the increase of unsubstituted and C α -oxidized pyrolysis
products at the expense of products with three carbons in the side-chain (PhC γ) in
fungal-treated straw. The relative abundances of these moieties greatly varied
across species, with the Cs strains showing the highest increases in unsubstituted
(two-fold) and Cα -oxidized (five-fold) substructures compared to untreated wheat
straw. Again, minimal differences were found between strains of the same species.
These observations are in line with previous py-GC-MS studies on fungal-treated
biomass and have been suggested to indicate degradation of interunit linkages
within the lignin macromolecule. 12,

58-60

To add to the latter, we hypothesize that

in particular the relative abundance of PhC γ is a measure for the amount of intact
interunit linkages present, which is substantiated by the NMR data shown below.
To explain, it is well known that upon pyrolysis of lignin, the intact (β-O-4’)
interunit linkages, consisting of C α -Cβ -C γ aliphatic chains, decompose into products
with various structures and chain-lengths (unsubstituted, C α, Cβ and C γ sidechains). 47 At the pyrolysis conditions applied in our study, secondary reactions are
absent. Therefore, lignin pyrolysis mainly yields monomeric products that are a
direct result of bond-cleavage. 61 Hence, the maximum chain length of the pyrolysis
products equals the chain length of the substructures they originate from. PhC γ

4

products can, thus, only form from structures in which the three carbon side-chain
was initially present, being mainly intact interunit linkages. Furthermore, since the
content of pendant cinnamyl alcohol and cinnamyl aldehyde end-groups in wheat
straw was found to be rather low, 15,

62

their contribution to PhC γ products is

considered marginal.
Interestingly, for both Cs strains, the increase in C α-oxidized pyrolysis products
was for more than half determined by the two compounds vanilloyl acetaldehyde
(VAL) and syringoyl acetaldehyde (SAL). These compounds are respectively G and
S-unit derivatives with three carbons in the side-chain and a ketone at the C α
position (Supporting Information Table S1 and Figure S2). Analogous to the
explanation given above for PhC γ products, we hypothesize that VAL and SAL solely
formed from oxidized β-O-4’ linkages and/or their cleavage products of which the
three carbon (α, β and γ) side chain remained intact. To challenge this hypothesis,
it can be postulated that pyrolysis of tricin (Figure 5) can result in SAL from the
cleavage of the A-ring and rearrangement of the double bond. However, since we
observed no SAL in the pyrograms of tricin-enriched extracts, tricin can be ruled
out as potential (interfering) source of acetaldehyde products. If indeed
acetaldehyde products originated from cleavage products of the interunit linkages,
rather than intact oxidized β-O-4’ linkages, they should be subtracted from the
PhC γ products for a more fair representation of the intact interunit linkages (PhC γacetaldehyde in Table 1). Our results, thus, indicate that fungal-treated lignin was
considerably reduced in intact interunit linkages, in particular for Cs strains (-30%
compared to control). As Cα -oxidized products greatly accumulated, this reduction
in intact interunit linkages was likely caused by oxidative cleavage.
Semiquantitative py-GC-MS confirmed that the observed structures were a direct
effect of lignin degradation, i.e. that they accumulated during fungal growth as
lignin degradation proceeded (Supporting Information Figure S3). Intriguingly,
though Cs and Le followed a highly similar pattern of lignin degradation in time
(Figure 2), they vastly differed in the remaining lignin structures after their growth.
To further substantiate these findings, we also assessed the residual lignin
structures by whole cell wall 2D-NMR.
Sample preparation for in situ whole cell wall gel state 2D-NMR requires finely
divided, planetary ball-milled samples. Planetary ball-milling is associated with
structural changes in lignin, mainly with regards to the cleavage of β-O-4 interunit
linkages. 63
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C-IS py-GC-MS analysis of the ball-milled samples showed that the

milling did not induce structural changes in the lignin present and that the interunit
linkages

remained

unaffected

(PhC γ

constant).

Thus,

2D-NMR

could

be

appropriately used.
The aliphatic (δC/δH 50-90/2.5-6.0) and aromatic/unsaturated (δC/δH 90-160/6.08.0) regions of the recorded HSQC spectra of untreated and Cs1 treated wheat
straw are presented in Figure 4, with structures of the assigned correlation peaks
shown in Figure 5, of which chemical shift assignments were based on literature
and shown in Supporting Information Table S3. 15, 48-54

Aliphatic and aromatic/unsaturated regions of the HSQC spectra of the wheat straw
treated by the other fungi are shown in Supporting Information Figure S4. The
aliphatic regions were dominated by polysaccharide signals, mainly derived from
xylan and acetylated xylan moieties, which (partially) overlapped with β-O-4’
substructures. This overlap was more severe for fungal-treated samples, from
which lignin was selectively removed. Despite this overlap, phenylcoumaran (β-5’)
and resinol (β-β’) substructures were readily observed, whereas C α -oxidized (αketo) β-O-4’, dibenzodioxocins (5-5’/4-O-β’), spirodienones (β-1’/α-O-α’) and α,βdiaryl ether linkages were only observed at higher zoom levels. At these zoom
levels other contours were not resolved anymore, which would result in a lower
accuracy of volume integration.
In the aromatic region, clear lignin signals, typical for wheat straw, were observed
(S 2,6, G2, H2,6 and several tricin (T), pCA and FA related signals). 15, 62 Interestingly,
in the fungal-treated samples, C α -oxidized aromatic units became more apparent,
especially after treatment with Cs and is discussed in detail below. Although C α oxidized S-units (δC/δH 106.6/7.2) are commonly found in NMR studies on (native)
lignin, Cα -oxidized G-units (δC/δH 111.2/7.5) are less often described and have,
hitherto, never been observed at the levels shown here.48,

51, 64

Notably, two

different Cα -oxidized G-units substructures could be distinguished, although their
exact structures remained unidentified (GoxI 2 δC/δH 111.2/7.5, GoxII 2 δC/δH
112.4/7.4). Another structural aspect resulting from fungal action is the increased
intensity of derivatives of both S (S mod , δC/δH 103.4/6.96) and G units (G mod, δC/δH
112.8/6.76). Though the NMR database of lignin and cell wall model compounds
could confirm that these signals originated from either S or G units, their exact
structures could not be elucidated. 49 To identify both the unidentified oxidized Gunits and S and G-derivatives, future extensive NMR-research is needed, not being
the aim of the current research. A summary of the semiquantitative analysis of the
volume integrals of aromatic units and interunit linkages (see materials and
methods for details) is given in Table 2. Main trends were observed by comparing
species, though slight variations between strains of the same species could be
recognized.
Similar to
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C-IS py-GC-MS (Table 1), 2D-NMR showed minor changes in H:G:S

composition after fungal treatment (Table 2). For instance, the H:G:S composition
changed from 2:54:44 in control to 3:61:38 in Cs1-treated straw. Again a (slight)
preferential removal of S-units was observed, thereby confirming our previous
findings by py-GC-MS. However, for a fair comparison of the H:G:S composition
found by the two techniques, it should be considered that whereas the
hydroxycinnamic acids (p-CA and FA) and tricin (T) can be distinguished from
‘core-lignin’ substructures in 2D-NMR, in py-GC-MS they result in similar pyrolysis
products. Upon pyrolysis both p-CA and FA as well as interunit linkages result in
the formation of 4-vinylphenol and 4-vinylguaiacol, respectively. Analogous, tricin
is expected to result in S-unit derivatives upon pyrolysis.

4

A) Aliphatic region

Control

Cs1 7 weeks

B) Aromatic region
Control

Cs1 7 weeks

Figure 4. HSQC NMR spectra of control and 7 weeks Cs1-treated wheat straw. Structures of
annotated correlation peaks are presented in Figure 5. GoxII 2 and G oxII6 are tentatively assigned.
G mod and S mod , being unknown derivatives of G and S units, respectively, are presented in a lighter
color of the original subunit. Carbohydrate and unassigned signals are presented in gray. u:
unassigned signal overlapping A α/A’α .

4

Figure 5. Structures annotated by HSQC NMR. A: β-O-4’ aryl ether (A’: γ-acylated β-O-4’ aryl
ether); A ox: Cα -oxidized β-O-4’ aryl ether; B: β-5’ phenylcoumaran; C: β-β’ resinol; T: tricin; pCA:
p-coumarate; FA: ferulate; G: guaiacyl unit; G ox: Cα -oxidized guaiacyl unit; S: syringyl unit; S: C α oxidized syringyl unit; H: p-hydroxyphenyl unit; S ald : syringaldehyde; Dotted line represents –H or
–OCH 3 . R in Gox and Sox can be a side chain in ketones or hydroxyl in carboxylic acids. Wavy lines
indicate main positions of further coupling. Colors match the assigned contours in Figure 4.

To enable a comparison of both techniques in terms of H:G:S composition (mole
based), p-CA (H), FA (G) and T (S) were included in the determination of the
subunit composition by NMR (Table 2, numbers in parentheses). Besides analytical
comparability, the obtained subunit composition is, in our opinion, more
representative of ‘true lignin’ as these substructures were shown to be an integral
part of lignin. 17,

65

Upon inclusion of these substructures the obtained subunit

compositions found by both techniques matched better, though they remained
different (Cs1 H:G:S (NMR) = 5:59:35, H:G:S (py-GC-MS) = 12:62:26). It cannot
be expected that both techniques result in identical values, as different entities are
measured. 38 Still, because similar trends were observed, complementary structural
information can be obtained by comparing both techniques. One of the
explanations for the observed difference is that the semi-quantitative nature of the
NMR technique results in over-estimation of end-units as a result of differences in
relaxation behavior compared to ‘core-lignin’. 38 Another explanation is that
hydroxycinnamic acids are pyrolyzed more efficiently compared to ‘core-lignin’,
which results in overestimation of their abundances and contributions to lignin . 15

Table 2. Semiquantitative HSQC NMR structural characterization of residual lignin in control and
fungal-treated wheat straw after 7 weeks of growth. Cs Ceriporiopsis subvermispora, Pe Pleurotus
eryngii, Le Lentinula edodes. Volume integration of cross peaks in the aliphatic region likely suffered
from overlap with carbohydrates, especially after extensive delignification.
Control

Cs1

Cs12

Pe3

Pe6

Le8

Le10

Lignin subunits (%) a
H

2 (6)

3 (5)

3 (6)

3 (6)

2 (6)

2 (5)

3 (5)

G

52 (53)

47 (49)

42 (46)

57 (57)

53 (53)

53 (54)

57 (56)

G ox

2 (1)

11 (8)

12 (9)

2 (2)

3 (3)

6 (5)

4 (3)

Gmod

0 (0)

3 (2)

4 (3)

0 (0)

1 (1)

0 (0)

0 (0)

37 (34)

25 (26)

25 (26)

31 (30)

32 (31)

30 (29)

29 (30)

S ox

5 (4)

10 (7)

12 (9)

6 (5)

6 (5)

6 (5)

5 (4)

Smod

2 (1)

3 (2)

2 (2)

1 (1)

1 (1)

2 (2)

1 (1)

0.8 (0.7)

0.6 (0.6)

0.7 (0.6)

0.6 (0.6)

0.7 (0.6)

0.6 (0.6)

0.6 (0.6)

S

S/G
Hydroxycinnamates (%) b
p-coumarate
ferulate

6 (5)

5 (3)

5 (3)

5 (4)

5 (4)

5 (3)

4 (3)

21 (15)

19 (14)

18 (13)

15 (12)

15 (12)

16 (13)

17 (13)

10 (7)

11 (8)

9 (7)

6 (5)

7 (5)

8 (6)

10 (8)

43 (90)

37 (93)

32 (97)

39 (90)

39 (85)

40 (86)

40 (88)

3 (6)

2 (4)

1 (2)

3 (7)

5 (11)

4 (10)

3 (7)

Flavonolignin (%) b
tricin
Lignin interunit linkages (%) c
β-O-4’ aryl ethers
β-5’ phenylcoumarans
β-β’ resinols
total

1 (3)

1 (3)

0 (1)

1 (3)

2 (4)

2 (4)

2 (4)

48 (100)

40 (100)

33 (100)

43 (100)

46 (100)

46 (100)

45 (100)

percentage of subunits (H+G+G ox +Gmod +S+S ox+S mod =100), in parentheses (subunits+pCA(H)+FA(G)+T(S)=100).
percentage versus aromatic units and subunits + pCA+FA+T (see subscript a).
percentage of interunit linkages versus total subunits and in parenthesis as percentage of total interunit linkages.

a

b
c

The most pronounced change observed by NMR was the increase in C α -oxidized
aromatic units in fungal-treated samples, with a three-fold accumulation in Cstreated lignin (up to 19-24% of total aromatic units; Table 2). This increase
coincides with the increase in C α -oxidized products in py-GC-MS and these
compounds, hence, were mostly derived from C α -oxidized units initially present in
the polymer. Even relative abundances (% mol) of C α -oxidized substructures
obtained by both techniques were in fairly good accordance (Cs1 Cα -ox (NMR) =
15%, Cα -ox (py-GC-MS) = 14%). It can be assumed that the C α -oxidized
substructures accumulated in fungal-treated lignin due to the fact that, once
oxidized, these units cannot be further oxidized (by the respective fungal oxidases
present) and are, therefore, resistant to further degradation and further
metabolization. C α -oxidized S-units appeared more prone to accumulate than their
Cα -oxidized G-unit counterparts (S ox/S > G ox/G) for all fungi. This might on the one
hand be explained by their ease of formation, as discussed in the previous section.
On the other hand, S-units might be more difficult to be consumed and fully
metabolized.
Interestingly, while the C α -oxidized aromatic units clearly increased, no apparent
increase in C α -oxidized (α-keto) β-O-4’ substructures could be observed. The latter
observation shows that the C α -oxidized signals mainly originated from cleaved

linkages, and simultaneously highlights the importance of corresponding VAL and
SAL compounds in the py-GC-MS analysis. The suggestion that cleaved linkages
accumulated in the residual lignin is further substantiated by the reduced amounts
of intact interunit linkages in fungal-treated lignin. Intact interunit linkages were
severely reduced by Cs treatment (Cs1 -20%, Cs12 -34%; Table 2), which was
also observed by py-GC-MS. The abundance of the pyrolysis PhC γ products
excluding acetaldehydes, thus, seems to be a highly valuable parameter for the
investigation of intact β-O-4’ linkages in the lignin structure by py-GC-MS.
Previous studies also reported on the reduction of interunit linkages in Cs-treated
lignin.60, 66 However, these studies were conducted on wood, of which the lignin is
of a different structure. Still, in these biomasses the β-O-4’ interunit linkage is
most abundant and, therefore, can be used to compare fungal action. Guerra et
al. 66 found that Cs-treated pine was preferentially reduced in β-O-4’ linkages, while
carbon-carbon linked units were more resistant against fungal degradation. Our
results, indicated that all interunit linkages in wheat straw lignin were comparable
in their susceptibility towards fungal degradation as their relative composition was
rather stable (<10% different from control; Table 2).
Another clear result from the 2D-NMR analysis was the reduction in FA moieties
after fungal treatment, particularly by the Pe strains (around 30% reduction; Table
2). Possibly, the lignin-carbohydrate linkages in which FA participates were
targeted in a more preferential manner.17,

67

Though, the specific removal of

glucuronoarabinoxylan (GAX) linked ferulates and crosslinked diferulates cannot
be excluded. Such structures could be cleaved by feruloyl esterases, which have
been shown to occur extracellularly for Pe and Le.68
The specific targeting of FA moieties is in line with the concurrent lignin and GAX
degradation during fungal growth. The magnitudes of FA and GAX removal were,
however, not directly linked (Figure 3, Supporting Information Figure S1). In
contrast to FA, p-CA moieties were not preferentially removed.
Tricin was surprisingly shown to be specifically targeted during fungal growth, in
particular by Pe strains (-40% vs total lignin; Table 2). Tricin has recently been
suggested to play an important role in the biosynthesis of lignin in poaceous crops
by functioning as a nucleation site for lignin formation. 15,

18-19, 65

The preferential

removal of tricin suggests that, besides lignin formation, tricin may play a crucial
role in the fungal degradation of lignin as well.
Mechanistic insight into fungal delignification by combining results of
13

C-IS py-GC-MS and 2D-NMR

The combination of 2D-NMR and

13

C-IS py-GC-MS analysis provided more insight

into the reaction mechanisms underlying delignification by the studied fungi, in
particular for the Cs strains. The absence of C α -oxidized (α-keto) β-O-4’
substructures in 2D-NMR combined with decreased amounts of intact interunit
linkages (both techniques) confirmed that the C α -oxidized substructures were
present in the fungal-treated lignin macromolecule as cleavage products of the

4

interunit linkages. Upon pyrolysis, these cleavage products resulted in the
formation of the acetaldehydes VAL and SAL. Since these pyrolysis products
contain an intact α,β,γ carbon side chain, the structures they originate from should
contain this three-carbon side chain as well. Hence, we postulate that acetaldehyde
pyrolysis products originated from remaining structures after C β-O cleavage of the
β-O-4’ ether.
Cα -oxidized pyrolysis products with an α-carbon side-chain, like vanillin and
syringaldehyde, were likewise, but not specifically, formed from cleavage products
and thus are suggested to be the result of Cα -Cβ cleavage.
The high proportion of acetaldehyde pyrolysis products formed from Cs-treated
lignin suggests that C β-O-aryl cleavage was the main underlying mechanism of
lignin degradation, while for Pe and Le Cα -Cβ cleavage predominated (Figure 6).

Le/Pe

Cs

Figure 6. Proposed predominant linkages targeted by fungal action. For simplicity only the most
abundant β-O-4’ aryl ether linkage is shown where dotted lines represent –H or –OCH 3 and wavy
lines indicate main positions of further coupling. Cs Ceriporiopsis subvermispora, Pe Pleurotus
eryngii, Le Lentinula edodes. Cs Cβ -O-aryl cleavage, Le/Pe Cα -Cβ cleavage.

The latter two species, however, showed less accumulation of C α -oxidized
substructures in treated lignin, at the respective levels of lignin removal. This might
indicate that other cleavage reactions not yielding C α -oxidation might be more
dominant than previously thought. 69 On the other hand, if C β -O-aryl cleavage did
occur, but the resulting intermediate products were further degraded in follow -up
reactions, we cannot pick this up in residual lignin structures after 7 weeks of
fungal growth. Collectively, the enzymes produced by Le and Pe might thus be able
to degrade each lignin subunit further, without resulting in increased, content wise, lignin degradation. Our results clearly put forward that the delignification
mechanism of Cs is fundamentally different from Le and Pe. The explanation of the
underlying delignification mechanisms likely lays in the type of enzymes involved.
It is expected from genome sequencing of strains of Cs, Le and Pe that all rely on
manganese peroxidases (MnPs) and laccases (Lacs), though their dependency on
the particular enzymes might vary. 25-30 In vitro, MnPs were shown to degrade lignin
model compounds in the presence of unsaturated fatty acids via lipid peroxidation
into products that, upon pyrolysis, could yield the acetaldehyde products we
observed, in particular after Cs action. 70-71

Interestingly, a similar MnP-peroxidation reaction was suggested to involve
alkylitaconic acids, secondary metabolites that are abundantly produced by Cs but
not by Le and Pe.12,

72-74

It can be postulated that the presence of alkylitaconic

acids underlies the observed predominance of the C β-O-aryl cleavage reaction of
the β-O-4’ ether by Cs. However, laccases and the recently identified enzymes with
a LiP/VP like activity could have resulted in similar products, due to which
unambiguity regarding the underlying enzyme system remains. 75-78 For further
validation and interpretation of our observations, genomes of the particular strains
should be sequenced next to the application of proteomic and transcriptomic
approaches.

Ceriporiopsis subvermispora (Cs) and Lentinula edodes (Le) are more effective and
selective wheat straw lignin degrading fungi than Pleurotus eryngii (Pe). They
degraded more than 60 % (w/w) of lignin without extensive carbohydrate
degradation within 7 weeks of treatment. Though Cs and Le followed a similar
pattern of lignin degradation in time, the structural-features of residual lignin as
determined by quantitative

13

C-IS py-GC-MS and in situ HSQC NMR were vastly

different. Both techniques revealed that Cs-treated lignin was exceptionally high
in C α-oxidized substructures (up to 24% of aromatic units) and a factor two higher
than Le-treated lignin. Le and Pe, on the other hand, more specifically targeted
ferulic acid substructures, while Pe preferentially removed tricin up to 40% more
than other substructures. Furthermore, Cs delignification mainly proceeded via C βO-aryl and C α-Cβ cleavage of the lignin interunit linkages, while interunit
degradation by Le and Pe seemed dominated by Cα-Cβ cleavage with C β -O-aryl
cleavage occurring to lesser extents. We, therefore, suggest that the underlying
delignification mechanisms of these fungi are fundamentally different.
Besides assisting the further optimization of fungal pretreatment of plant biomass,
we highlight that the choice of fungus impacts the structure of residual lignin and
results in lignin with remarkable structure. Thus, fungal pretreatment not only
enhances the degradability of plant cell wall polysaccharides, but also results in an
interesting lignin fraction that can be exploited to further increase the sustainability
of the process.
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Formulae for calculation of lignin content and relative abundance by

13

C-IS py-GC-MS

𝑊𝑆 𝑅𝑒𝑓

𝑊𝑆 𝑟𝑒𝑓

𝑅𝑅𝐹𝑟𝑢𝑛,𝑖 = 𝑅𝑅𝐹𝑠𝑡𝑎𝑟𝑡,𝑖 ·

𝐴𝑖,𝑠𝑡𝑎𝑟𝑡

𝑊𝑆 𝑟𝑒𝑓

𝐴𝑖,𝑟𝑢𝑛

·

𝐴
𝑖,𝑠𝑡𝑎𝑟𝑡
∑43
𝑖=1

𝑅𝑅𝐹𝑠𝑡𝑎𝑟𝑡,𝑖
𝑊𝑆 𝑅𝑒𝑓
𝐴
𝑖,𝑟𝑢𝑛
∑43
𝑖=1𝑅𝑅𝐹
𝑠𝑡𝑎𝑟𝑡,𝑖

(1)

where i refers to compound number (Table S1) (only initially monitored products included(van Erven
et al. 1 ), A is peak area of reference wheat straw at system performance relative response factors
(RRF) were determined (‘start’) and in each run performed (‘run’). M w is the molecular weight. Run
refers to one sequence of measurements.

𝐿𝑖𝑔𝑛𝑖𝑛 𝑐𝑜𝑛𝑡𝑒𝑛𝑡 %(𝑤⁄𝑤) =

12𝐶·𝑀
𝑤12𝐶
·𝑚𝐼𝑆
𝑅𝑅𝐹𝑟𝑢𝑛,𝑖
13𝐶 ·𝑀
𝐴
𝑤13𝐶
𝑖
∑49
·𝑚𝑠𝑎𝑚𝑝𝑙𝑒
𝑖=1 𝑅𝑅𝐹
𝑟𝑢𝑛,𝑖
𝐴𝑖
∑49
𝑖=1

· 100

(2)

where i refers to compound number (Table S1), A is area, RRF run is corrected relative response
factor, m IS is the amount of IS (corrected for purity) (µg; 13 C-LIGpure), m sample is the amount of
sample (µg).

𝑅𝑒𝑙𝑎𝑡𝑖𝑣𝑒 𝑎𝑏𝑢𝑛𝑑𝑎𝑛𝑐𝑒 (𝑅𝐴) (%) =

𝐴𝑖
𝑅𝑅𝐹𝑟𝑢𝑛,𝑖
𝐴𝑖
∑49
𝑖=1𝑅𝑅𝐹
𝑟𝑢𝑛,𝑖

· 100

(3)

where i refers to compound number (Table S1), A is area, RRF run is corrected relative response
factor.

𝑅𝑒𝑙𝑎𝑡𝑖𝑣𝑒 𝑎𝑏𝑢𝑛𝑑𝑎𝑛𝑐𝑒 𝑓𝑎𝑐𝑡𝑜𝑟 (𝑅𝐴𝐹)13𝐶
=
𝑖

𝐼𝑆
𝑅𝐴13𝐶
𝑖

(4)

𝐼𝑆
𝑅𝐴13𝐶
𝑖,𝑊𝑆 𝑟𝑒𝑓

where i refers to compound number (Table S1), RA is relative abundance.

𝑅𝑒𝑙𝑎𝑡𝑖𝑣𝑒 𝑎𝑏𝑢𝑛𝑑𝑎𝑛𝑐𝑒 𝑖,𝑐𝑜𝑟𝑟𝑒𝑐𝑡𝑒𝑑 =

𝑅𝐴𝑖

𝑅𝐴𝐹𝑖13𝐶

·(

100
∑49
𝑖=1

𝑅𝐴𝑖
𝑅𝐴𝐹13𝐶
𝑖

)

(5)

where i refers to compound number (Table S1), RA is relative abundance, RAF is relative abundance
factor (eq 4).

Table S1. Identity, structural classification and relative abundance of lignin -derived pyrolysis
products by 13 C-IS py-GC-MS. Control and fungal-treated wheat straw samples after 7 weeks of
treatment. Cs Ceriporiopsis subvermispora, Pe Pleurotus eryngii, Le Lentinula e dodes. Average of
analytical triplicates on pooled biological triplicates.
#

Compound

1

phenol

2

Sidechain Mw 12 C
Control Cs1
length (g mol-1 )

CAS

Retention
time (min)

Structural
feature

Cs12

Pe3

Pe6

Le8

Le10

108952

10.03

H, unsub.

0

94

0.7

2.0

1.9

1.1

0.9

1.5

1.6

guaiacol

90051

10.31

G, unsub.

0

124

2.1

4.2

4.0

2.7

2.5

3.2

3.4

3

2-methylphenol

95487

11.29

H, methyl

Cα

108

0.2

0.4

0.4

0.2

0.2

0.3

0.3

4

4-methylphenol (+3-MP)

106445

12.23

H, methyl

Cα

108

0.5

1.1

1.2

0.8

0.7

0.9

1.0

5

4-methylguaiacol

93516

13.01

G, methyl

Cα

138

0.7

1.0

1.0

0.9

0.9

0.9

0.9

6

2,4-dimethylphenol

105679

13.46

H, methyl

Cα

122

0.1

0.2

0.2

0.1

0.1

0.1

0.2

7

4-ethylphenol

123079

14.52

H, misc.

Cβ

122

0.1

0.1

0.1

0.1

0.1

0.1

0.1

8

4-ethylguaiacol

2785899

15.19

G, misc.

Cβ

152

0.1

0.2

0.2

0.2

0.2

0.2

0.2

9

4-vinylguaiacol

7786610

16.64

G, vinyl

Cβ

150

20.3

20.4

20.3

19.9

21.4

21.7

21.0

2628173

16.77

H, vinyl

Cβ

120

7.8

7.7

7.8

7.3

7.8

7.8

7.9

97530

17.26

G, misc.

Cγ

164

0.2

0.2

0.2

0.2

0.2

0.2

0.2

2785877

17.34

G, misc.

Cγ

166

0.1

0.2

0.2

0.2

0.2

0.2

0.2

13 syringol

91101

18.00

S, unsub.

0

154

1.9

3.2

3.5

2.3

2.3

2.4

2.7

14 cis-isoeugenol

97541

18.63

G, misc.

Cγ

164

0.1

0.1

0.1

0.1

0.1

0.1

0.1

15 4-propenylphenol
16 trans-isoeugenol

539128

19.54

H, misc.

Cγ

134

0.1

0.1

0.1

0.1

0.1

0.1

0.1

97541

19.90

G, misc.

Cγ

164

0.8

1.0

0.9

1.1

1.1

1.1

1.1

17 4-methylsyringol

6638057

20.26

S, methyl

Cα

168

0.5

0.6

0.6

0.6

0.6

0.6

0.6

18 vanillin

10 4-vinylphenol
11 eugenol
12 4-propylguaiacol

121335

20.35

G, Cα -O

Cα

152

1.2

2.1

2.3

1.4

1.2

1.4

1.4

19 4-propyneguaiacol

-

20.64

G, misc.

Cγ

162

0.1

0.1

0.1

0.1

0.1

0.1

0.1

20 4-alleneguaiacol

-

20.90

G, misc.

Cγ

162

0.1

0.1

0.1

0.1

0.1

0.1

0.1

5603242

21.81

G, Cβ -O

Cβ

166

0.5

0.7

0.8

0.5

0.5

0.5

0.5

22 4-ethylsyringol

14059928

22.00

S, misc.

Cβ

182

0.0

0.0

0.1

0.1

0.0

0.0

0.0

23 acetovanillone

498022

22.27

G, Cα -O

Cβ

166

0.3

1.1

1.2

0.6

0.5

0.6

0.7

24 4-hydroxybenzaldehyde

123080

23.01

H, C α -O

Cα

122

0.2

0.3

0.3

0.2

0.1

0.2

0.2

28343228

23.32

S, vinyl

Cβ

180

2.4

2.0

2.2

2.3

2.4

2.3

2.3

26 guaiacylacetone

2503460

23.50

G, Cβ -O

Cγ

180

0.3

0.7

0.7

0.4

0.3

0.4

0.4

27 4-allylsyringol

6627889

23.75

S, misc.

Cγ

194

0.2

0.2

0.2

0.2

0.2

0.2

0.2

28 propiovanillone

1835149

24.18

S, Cα -O

Cγ

180

0.0

0.1

0.1

0.0

0.0

0.1

0.1

29 guaiacyl vinyl ketone

-

24.47

G, Cα -O

Cγ

178

0.1

0.2

0.2

0.1

0.1

0.1

0.1

30 vanilloyl acetaldehyde

-

24.69

G, Cα -O, C γ -O

Cγ

194

0.2

4.3

3.9

0.9

0.6

1.5

1.5

31 cis-4-propenylsyringol

26624135

24.88

S, misc.

Cγ

194

0.1

0.1

0.1

0.1

0.1

0.1

0.1

32 4-propynesyringol

-

25.52

S, misc.

Cγ

192

0.1

0.1

0.1

0.1

0.2

0.1

0.1

33 4-allenesyringol

-

25.73

S, misc.

Cγ

192

0.1

0.1

0.1

0.1

0.1

0.1

0.1

34 trans-4-propenylsyringol

26624135

26.19

S, misc.

Cγ

194

0.9

0.8

0.9

1.0

0.6

0.9

0.9

35 dihydroconiferyl alcohol

2305137

26.22

S, C γ -O

Cγ

182

0.1

0.1

0.1

0.1

0.1

0.1

0.1

36 syringaldehyde

134963

26.75

S, Cα -O

Cα

182

0.7

0.8

1.0

0.7

0.7

0.6

0.7

37 cis-coniferyl-alcohol

458355

26.82

G, C γ -O

Cγ

180

1.3

1.1

1.0

1.4

1.3

1.3

1.3

38 homosyringaldehyde

-

27.75

S, Cβ -O

Cγ

196

0.3

0.4

0.5

0.3

0.3

0.3

0.3

39 acetosyringone

2478388

28.20

S, Cα -O

Cβ

196

0.6

1.2

1.4

0.9

0.8

0.8

0.8

40 trans-coniferyl alcohol

458355

28.55

G, C γ -O

Cγ

180

31.6

22.4

20.0

30.0

29.8

28.3

27.7

21 homovanillin

25 4-vinylsyringol

41 trans-coniferaldehyde

458366

28.92

G, C γ -O

Cγ

178

1.8

2.0

1.8

2.1

1.9

2.0

1.9

42 syringylacetone

19037582

29.13

S, Cβ -O

Cγ

210

0.3

0.7

0.8

0.4

0.4

0.5

0.5

43 propiosyringone

5650431

29.75

S, Cα -O

Cγ

210

0.0

0.1

0.1

0.1

0.1

0.0

0.1

44 syringoyl acetaldehyde

-

29.90

S, Cα -O, C γ -O

Cγ

224

0.2

3.4

4.0

1.0

0.9

1.1

1.4

45 syringyl vinyl ketone

-

30.03

S, Cα -O

Cγ

208

0.0

0.1

0.1

0.1

0.1

0.0

0.0

20736258

30.22

G, C γ -O

Cγ

212

0.0

0.0

0.0

0.0

0.0

0.0

0.0

47 cis-sinapyl alcohol

537337

32.07

S, C γ -O

Cγ

210

0.9

0.6

0.6

0.8

0.8

0.7

0.7

48 trans-sinapyl alcohol

537337

33.79

S, C γ -O

Cγ

210

16.6

9.3

10.0

13.6

13.7

11.6

11.9

49 trans-sinapaldehyde

4206580

34.00

S, C γ -O

Cγ

208

2.0

2.3

2.4

2.4

2.3

2.1

2.0

46 dihydrosinapyl alcohol

4

Table S2. Lignin content and removal determined by semi-quantitative and quantitative 13 C-IS pyGC-MS of control and fungal-treated wheat straw after 7 weeks of fungal growth. Cs Ceriporiopsis
subvermispora, Pe Pleurotus eryngii, Le Lentinula edodes. Average and standard deviation of
analytical triplicates on pooled biological triplicates.
Dry matter (g)

Control

Cs1

Cs12

Pe3

Pe6

Le8

Le10

90.2 ± 0.3

84.4 ± 0.4

89.4 ± 0.2

87.3 ± 0.1

88.0 ± 0.2

83.7 ± 1.4

84.6 ± 3.0

30.5 ± 1.4

8.6 ± 0.4

9.3 ± 0.8

16.2 ± 1.2

15.6 ± 0.2

10.9 ± 0.9

12.2 ± 0.2

23.2 ± 0.8

8.3 ± 0.3

9.3 ± 0.3

13.7 ± 0.7

15.6 ± 1.0

10.3 ± 0.4

10.5 ± 0.2

-

73.7 ± 5.0

69.7 ± 6.5

48.6 ± 4.2

50.1 ± 2.4

66.8 ± 6.4

62.6 ± 3.8

-

66.4 ± 3.5

60.3 ± 3.0

43.0 ± 2.6

34.6 ± 2.6

58.8 ± 3.1

57.4 ± 3.2

Lignin content (% w/w)
semiquan
13

C-IS quan

Lignin removal (% w/w)
semiquan
13

C-IS quan

Figure S1. Residual lignin, glucuronoarabinoxylan (GAX) and glucan (cellulose) in fungal -treated
wheat straw during growth (1, 3 and 7 weeks). Cs Ceriporiopsis subvermispora, Pe Pleurotus
eryngii, Le Lentinula edodes. Average and standard deviation of analytical triplicates on pooled
biological triplicates.
vanilloyl acetaldehyde 151

181

Relative Abundance

Relative Abundance

syringoyl acetaldehyde

123
65

108

153

73

224

194
50

100

150
m/z

200

250 50

100

150
m/z

200

250

Figure S2. EI-MS (70 eV) spectra and structures of vanilloyl acetaldehyde (VAL) and syringoyl
acetaldehyde (SAL) observed by py-GC-MS. Compounds were identified on the basis of
fragmentation pattern and retention time. Average mass spectrum across the chromatographic peak
with noise subtraction at two sides.
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Unsubstituted
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4
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Figure S3. Structural changes of fungal-treated wheat straw lignin during fungal growth (1, 3 and 7
weeks) determined by semiquantitative py-GC-MS. Cs Ceriporiopsis subvermispora, Pe Pleurotus eryngii,
Le Lentinula edodes. Structural classification based on Table S1.  Cs1,  Cs12,  Pe3,  Pe6,  Le8,
 Le10. Average and standard deviation of analytical triplicates on pooled biological triplicates.
Table S3. Assignments of the lignin 13C-1H correlation peaks in the HSQC spectra of control and
fungal-treated wheat straw. (t) tentative assignment.
label

δ C/δ H (ppm)

Assignment a

A α (G)
70.9/4.70
C α -Hα in β-O-4’ substructures linked to G-unit
A α (S)
71.8/4.82
C α -Hα in β-O-4’ substructures linked to S-unit
A β (G)
83.5/4.25
C β -Hβ in β-O-4’ substructures linked to G-unit
A β (S)
85.9/4.09
C β -Hβ in β-O-4’ substructures linked to S-unit
Cα
84.9/4.64
C α -Hα in resinol substructures
Bα
86.9/5.42
C α -Hα in phenylcoumaran substructures
T8
94.1/6.56
C 8 -H 8 in tricin
T6
98.8/6.20
C 6 -H 6 in tricin
Smod 2,6
103.5/6.97
C 2 -H 2 and C 6-H 6 in S-unit derivative (t)
S 2,6
103.6/6.68
C 2 -H 2 and C 6-H 6 in S-unit
T 2'6'
104.0/7.31
C 2’ -H 2’ and C 6’- H 6’ in tricin
T3
104.6/6.99
C 3 -H 3 in tricin
Sox2,6
106.4/7.32
C 2 -H 2 and C 6-H 6 in C a-oxidized (C a=O) S-unit
Sox2,6
106.5/7.18
C 2 -H 2 and C 6-H 6 in C a-oxidized (C aOOH) S-unit
Sald 2,6
106.3/7.03
C 2 -H 2 and C 6-H 6 in cinnamaldehyde end-group S-unit
G2
110.5/6.94
C 2 -H 2 in G-unit
FA 2
110.9/7.32
C 2 -H 2 in ferulate
GoxI 2
111.4/7.53
C 2 -H 2 in C a-oxidized G-unit
GoxII 2
112.4/7.42
C 2 -H 2 in C a-oxidized G-unit (t)
Gmod 2
112.7/6.76
C 2 -H 2 in G-unit derivative (t)
FA β /pCA β
113.9/6.51
C β -Hβ in ferulate/p-coumarate
H 3,5 /FA 5
114.5/6.69
C 3 -H 3 and C 5-H 5 in H-unit, C 5-H 5 in FA
G 5 /G 6 /pCA 3,5 115.1/6.94 and 115.3/6.72
C 5 -H 5 and C 6-H 6 in G-unit, C 3-H 3 and C 5 -H5 of pCA
G5
118.9/6.77
C 5 -H 5 in G-unit
GoxI 6
122.8/7.49
C 6 -H 6 in C a-oxidized G-unit
FA 6
123.1/7.12
C 6 -H 6 in ferulate
GoxII 6
125.8/7.40
C 2 -H 2 in C a-oxidized G-unit (t)
H 2,6 /PHE 3,5
127.7/7.17
C 2 -H 2 and C 6-H 6 in H-unit, C 3-H 3 and C 5-H5 in phenylalanine
PHE 2,6
129.0/7.20
C 2 -H 2 and C 6-H 6 in phenylalanine
pCA 2,6
130.1/7.48
C 2 -H 2 and C 6-H 6 in p-coumarate
FA α /pCA α
145.0/7.56
C α -Hα in ferulate/p-coumarate
a
: assignment by comparison with literature. 2-10

A) Aliphatic region
Cs12 7 weeks

Pe3 7 weeks

B) Aromatic region
Cs12 7 weeks

Pe3 7 weeks

Figure S4. HSQC NMR spectra of fungal-treated wheat straw. Structures of annotated correlation
peaks are presented in Figure 5. G mod and Smod are presented in a lighter colour of G and S,
respectively. Carbohydrate and unassigned signals are presented in gray. u: unassigned signal
overlapping A α /A’α .

A) Aliphatic region
Pe6 7 weeks

Le8 7 weeks

4

B) Aromatic region
Pe6 7 weeks

Figure S4. Continued.

Le8 7 weeks

A) Aliphatic region

Le10 7 weeks

B) Aromatic region
Le10 7 weeks

Figure S4. Continued.
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CHAPTER 5

Elucidation of in situ ligninolysis
mechanisms of the selective white-rot
fungus Ceriporiopsis subvermispora
Gijs van Erven, Roelant Hilgers, Pieter de Waard,
Erik-Jan Gladbeek, Willem J. H. van Berkel,
Mirjam A. Kabel

Based on: ACS Sustainable Chemistry & Engineering, 2019, 7, 16757-16765

Lignin degradation by white-rot fungi is an essential step in terrestrial carbon
cycling and has great potential for biotechnological applications. Selective whiterot

fungi

have

been

recognized

for

their

ability

to

effectively

delignify

lignocellulose, but the underlying mechanisms, particularly in situ, have largely
remained elusive to date. In this work, we elucidate specific degradation routes of
β-O-4 aryl ethers in actual lignocellulosic biomass for the industrially relevant
selective white-rot fungus Ceriporiopsis subvermispora. Multidimensional NMR and
py-GC-MS analyses together with enzymatically synthesized model compounds
enabled, for the first time, the identification of various diagnostic lignin cleavage
products in residual wheat straw. Our results support that in situ ligninolysis by C.
subvermispora is initiated by single-electron transfer, which then cascades into the
cleavage of C -C, C-O and O-4-aryl bonds of β-O-4 aryl ethers. The high
abundance

of

1-(benzyl)-2,3-dihydroxypropan-1-ones

indicated

that

β-O-|4

cleavage is a more important pathway than previously considered. Our approach
highlights key diagnostic substructures for providing mechanistic insight into
fungal ligninolysis.

Selective delignification of lignocellulose has been a long-standing primary
objective for the valorization of plant biomass. 1-2 In Nature, this process is crucial
for terrestrial carbon recycling and relies heavily on the action of white-rot fungi.3
Unlike thermochemical industrial processes, some white-rot fungi can degrade
lignin selectively while leaving the polysaccharides largely intact, without serious
environmental impact. 4-5 Selective white-rot fungi, therefore, increasingly spark
interest for use in biotechnological applications such as biopulping 6 and biofuel
production.7
Ever since the early discovery of the fungal white-rot process, dimeric lignin model
compounds

have

been

used

to

understand

the

mechanisms

underlying

delignification as well to identify and characterize the enzymes involved. 8-9 For
lignin depolymerization, white-rot fungi rely on an intricate oxidoreductase
machinery, consisting of various peroxidases, laccases and several accessory
enzymes like H 2O2-generating aryl alcohol oxidases, acting in concert with low
molecular weight electron shuttles, also called mediators. 10-11
The action of these enzymes and enzyme-mediator systems on dimeric lignin model
compounds has been demonstrated to result in a large variety of products, which
were ascribed to multiple degradative pathways. Depolymerization of these lignin
mimics is initiated by single-electron or hydrogen atom transfer and results in the
formation of aryl cation and benzylic radical intermediates, respectively, and
consequently undergo C -C cleavage, C -oxidation, β-ether cleavage, or aromatic
ring cleavage reactions. 12-15
The insights obtained on relatively simple β-O-4 dimers can, however, not be
directly extrapolated to polymeric lignin as present in situ. In the latter case, lignin
is embedded in the secondary cell wall matrix and occurs as an extremely complex
macromolecule, consisting of p-hydroxyphenyl (H), guaiacyl (G) and syringyl (S)
subunits, depending on the botanical origin, that are linked through various aryl ether and carbon-carbon bonds. The β-O-4 aryl ether bond is the most abundant
interunit linkage.16-17 Grass-type lignin is particularly complex as it is comprised of
all three subunits and additionally contains acetate, p-coumarate, ferulate and
tricin moieties. 18
As a result of lignin’s structural complexity, the elucidation of the degradation
pathways of lignin in actual lignocellulosic biomass is challenging and is hindered
by the fact that it requires the accumulation of partially degraded substructures in
the residual material. Though a myriad of research has been dedicated to the action
of white-rot fungi on lignocellulose, thus far, the only confirmed ligninolysis route
is C -C cleavage, deduced from the presence of benzoic acid residues. 19-22
Recently, we suggested on the basis of whole-cell wall NMR and quantitative pyGC-MS analyses of wheat straw which was treated with a particularly selective and
effective white-rot fungus, Ceriporiopsis subvermispora, that besides C -C
cleavage, ether-cleavage is a major degradative route of the β-O-4 aryl ethers.23

5

To unambiguously confirm these ether-cleavage routes, we selectively extracted
and purified diagnostic substructures from fungal treated wheat straw. State -ofthe art analytical techniques were used for comprehensive structure elucidation
and quantification and provided novel insights into the in situ ligninolysis
mechanisms of C. subvermispora.

Materials. All chemicals were obtained from commercial suppliers and used
without further purification. Water used in all experiments was purified via a MilliQ water system (Millipore, Billerica, MA, USA). See Supporting Information Section
1 for details.
Preparation of fungal treated wheat straw. Procedures for fungal strain
preparation and solid-state pretreatment of the wheat straw by C. subvermispora
(CBS 347.63, Cs1) have been previously described in detail. 23-25 Biological
triplicates of wheat straw treated for 0, 1, 3 and 7 weeks were thoroughly mixed
in equal dry matter amounts to one replicate for further experiments and analyses.
Extraction and purification of diagnostic substructures. Briefly, diagnostic
substructures were selectively extracted from untreated and fungal treated wheat
straw by sequential extraction with acetone and water (Figure S1). Acetone soluble
substructures were purified by solvent extraction with hexane. Water extractable
lignin substructures were purified by enzymatic carbohydrate degradation followed
by solid phase extraction by using reversed phase (flash) chromatography. A
description of the extraction and purification strategy is presented in the
Supporting Information (Section 2 and 4).
Production and purification of guaiacyl diketone and syringyl diketone.
Diketones were formed through acidolysis of klason lignin and subsequent liquid
extraction by a method described by Govender et al. 26 Diketones were purified by
using flash chromatography (see Supporting Information Section 2 for details).
Enzymatic synthesis and purification of veratryl model compounds. Cα oxidized

veratrylglycerol--guaiacyl

ether

(VerBG ox),

hydroxypropioveratrone

(HPVer) and dihydroxypropioveratrone (DHPVer) were enzymatically synthesized
by incubating veratrylglycerol-β-guaiacyl ether (VerBG) with laccase and 1hydroxybenzotriazole (HBT), after which the reaction products were purified by
using flash chromatography (see Supporting Information Section 2 for details). 27
Analytical methods. Extracted diagnostic substructures and synthesized model
compounds were comprehensively analyzed by using quantitative py-GC-MS with
13

C

lignin

as

internal

standard,

NMR

spectroscopy,

and

size-exclusion

chromatography, based on previously reported procedures as described in detail
in the Supporting Information (Section 3; Table S1). 18, 23, 28-35

We have recently described that fungal action on wheat straw resulted in extensive
lignin degradation and removal up to 70% (w/w) after seven weeks of fungal
growth and that degraded substructures accumulated in the residual material. 23
Here, we aimed to selectively extract these degraded substructures to gain further
mechanistic insight into the fungal delignification process (for details see
Supporting Information Section 4; Figure S1-3 and Table S2-6).
Py-GC-MS analysis indicated that after seven weeks of fungal growth, C α -oxidized
compounds comprised 38% of the abundance of pyrolysis products in the water
extracts (Table S2 and S5). 42% of these C α -oxidized products was comprised of
benzyl diketones, compounds we, as others have, previously annotated as benzoyl
acetaldehydes (Figure S4, Table S7). 23, 36-37 Besides correct identification, we also
ascertained their accurate quantification by the determination of relative response
factors for py-GC-MS analyses. Being particularly rich in diagnostic substructures,
the water extracts were used for detailed structural characterization.
The structural features of the untreated water-extractable lignin greatly resembled
that of native wheat straw lignin as occurring in situ, albeit that the waterextractable lignin was remarkably low in tricin (Figure 1). 18,

38

In contrast, after

seven weeks of fungal growth, the extracts were fully devoid of initial intact
interunit linkages and all regular structural features of wheat straw lignin were
replaced by C -oxidized guaiacyl and syringyl substructures (Figure 1).
Although heavily degraded, the extracted lignin structures remained oligomeric, as
confirmed by MALS-corrected SEC analyses (Figure S9). 34-35 This might point
towards the relative accumulation of interunit linkages not detected or resolved in
HSQC NMR analyses and/or to the occurrence of repolymerization reactions. There
was no spectral evidence, in both the HSQC and HMBC spectra, for the presence
of repolymerized substructures in the extracts. However, it cannot be excluded
that such reactions might have resulted in products that cannot be detected in
these spectra.
The C -oxidized substructures were analyzed to consist of benzoic acids, aldehydes
and ketones, as concluded from their respective signature δ 13C correlations at 167,
191 and 198 ppm in the HMBC spectrum (Figure 2). The structural assignments
were

validated by additional

correlations

between

the

ring carbons

unprecedented completeness for actual biomass-derived samples.

with

39-41

To further clarify the identity of the C -ketones, we performed a 3D TOCSY-HSQC
NMR experiment (Figure 3), which confirmed the annotation of several new peaks
that appeared in the aliphatic region of the HSQC spectrum of the treated sample
(Figure 1A). In the resulting 3D spectra, the peaks presented clear correlations
between Cβ and C γ protons. The presence of 1-(benzyl)-2,3-dihydroxypropan-1one (Figure 3B) and 3-hydroxy-1-(benzyl)propan-1-one (Figure 3C) was further
confirmed by NMR analyses of enzymatically synthesized model compounds, which

5

showed a close correspondence in cross-peaks in HSQC and HMBC spectra
compared to the extracts (Figure S10-S14).

Figure 1. Aliphatic (A) and aromatic (B) regions of 1 H-13 C HSQC NMR spectra of purified water
extracts from untreated (left) and seven weeks C. subvermispora treated (right) wheat straw and
annotated substructures (C). Unassigned signals in grey, amino acid residues in black. Note that
the A Tβ correlation peak might overlap with other β-O-4 substructures bound to S-units with an
electron-withdrawing moiety. 39 See Supporting Information for spectra of other extracts (Figure
S5), semiquantitative analyses of volume integrals (Table S8-10) and the annotation of
cyclohexadiene ketal (CHK) substructures (Section 5; Figure S6 -8; Table S11-12).

Yet,

the

HSQC

and

HMBC

spectra

proved

inconclusive

on

whether

the

phenylketones occurred both as guaiacyl and syringyl analogues. Therefore, we
tested whether the enzymatically synthesized model compounds, resembling the
structures annotated in Figure 3, would form specific marker products upon
pyrolysis to enable the verification of G- and S- phenylketones in actual samples

(Figure 4). Upon pyrolysis, all model compounds underwent dehydration reactions.
In the case of the intact C α -oxidized veratrylglycerol--guaiacyl ether (VerBGox),
this resulted in acetoveratrone and extensive ‘unproductive’ pyrolysis yielding an
intact dimer–H2O, as previously observed. 42

5

Figure 2. Aromatic region of 1 H-13C HMBC spectrum of purified water extract from seven weeks C.
subvermispora treated wheat straw (A), annotated substructures (B) and overlaid sections of
spectra of untreated and fungal treated extracts (C). Unassigned signals in grey. ad: benzoic acid
derivative. Typical annotated signals clearly appeared upon treatment (B).

Pyrolysis

of hydroxypropioveratrone

(HPVer) resulted

in the formation

of

acetoveratrone and the dehydration derivate veratryl vinylketone. In a similar
fashion,

veratryl

propanedione

was

formed

as

single

product

from

dihydroxypropioveratrone (DHPVer). The latter product was neither formed from
VerBGox and HPVer. We, therefore, conclude that benzyl diketones are markers
for

the

presence

of

1-(benzyl)-2,3-dihydroxypropan-1-ones

and

that,

consequently, they can be used as markers for O-4-cleavage of β-O-4 aryl ethers.
The presence of both G- and S-diketones confirms that the cleavage reactions
occurred on both guaiacyl and syringyl subunits (Table S4-S6).
Both py-GC-MS and semiquantitative analysis of the HSQC spectra established that
the phenylketols DHPV and DHPS steadily accumulated during fungal growth at the
expense of intact interunit linkages and reached 20% of the aromatic units after
seven weeks of fungal growth (Table S8-S10). Given the fact that C -C cleavage
is often considered only, the abundance of these products clearly indicates that we
need to unravel the routes leading to their formation for a better understanding of
in situ fungal ligninolysis mechanisms.

Figure 3. 3D 1H-13 C TOCSY-HSQC spectra of purified water extract from seven weeks C.
subvermispora treated wheat straw. Cross-peaks in 1Hβ planes A-C match closely with those
reported previously. 39, 43-45 Note that in panel C the chemical shift of the β-protons of HPV/HPS and
resinol substructures (C β ) coincide.

Figure 4 Pyrograms (TIC) (A) of VerBG ox, HPVer and DHPVer and EI-HR-MS spectra of derived
pyrolysis products (B). The benzotriazole (*) in the pyrogram of DHPVer remained as impurity after
laccase-HBT incubations of VerBG.

Our observations allow a reconstruction of the in situ cleavage routes of β-O-4 aryl
ethers through action of C. subvermispora at a level of detail previously only
attained for lignin model dimers and sets the stage for in situ fungal delignification
pathways

in

general. 14-15,

46

Even

though

our

analyses

suggested

that

phenylcoumaran and resinol linkages were susceptible to degradation as well, we
did not detect specific degradation products diagnostic for pathways underlying
their cleavage. However, their degradation might have contributed, albeit slightly,
to the same product pool attributed to β-O-4 aryl ether C -C cleavage reactions.
To describe ligninolysis mechanisms of polymeric lignin, we here considered
reaction pathways for the smallest β-O-4 aryl ether oligomer, a trimer, with the
oxidation of the middle aromatic ring, ring B, as starting point (Figure 5). Dimeric
structures do not suffice to exemplify that the effects of subunit oxidation can be
exerted on linkages present at both the 1 as well as the 4 position, i.e. B -ring
oxidation can initiate cleavage between ring A and B and between ring B and C.
Four main pathways are proposed to follow one-electron oxidation of the B-ring: I
C -oxidation, II C -C cleavage, III β-|O-4 cleavage and IV β-O-|4 cleavage.
The presence of benzaldehydes and benzoic acids (Figure 2) confirmed that C -C
cleavage was a major reaction underlying ligninolysis. Benzaldehydes are a direct
result of spontaneous cleavage of the C -C bond after aryl cation formation, which
due to their instability in oxidative environments likely react further to benzoic
acids. 8,

47

The C -C cleavage reaction results in an unstable hemiacetal structure

bound to ring C, which decomposes to release hydroxyacetaldehyde and yields ring
C as phenolic subunit. 48
B-ring oxidation can, upon elimination of the adjacent benzylic proton, also lead to
the

formation

of

1-benzylpropene-1,3-diols,

which

through

keto-enol

tautomerization accumulate as 3-hydroxy-1-(benzyl)propan-1-ones (Figure 3C)
(route III). 13 If elimination of the benzylic proton is followed by reaction with
molecular oxygen and subsequent release of a hydroperoxy radical, C -oxidized
products are formed (route I). 13 As routes I and III might involve benzyl radical
intermediates they could, in theory, also be the result of initial hydrogen
abstraction at the benzyl position and thus follow a hydrogen atom transfer (HAT)
mechanism instead. 49 These routes are, however, far less prominent than routes
II and IV and, therefore, are considered of lesser importance.
The substructures resulting from route III, HPV and HPS, have previously been
described to result from a reductive reaction cascade involving β-etherases,
intracellular enzymes recently also shown to occur in white-rot fungi. 50-51 We,
however, do not expect that the latter enzymes were responsible for HPV/HPS
formation in our samples as the substructures were observed in oligomeric
fractions (> 2000 Da, i.e. approximately decameric, Figure S9), unable to be
transported across the fungal cell-membrane.
Though we are the first to establish such a detailed overview of in situ cleavage
reactions, we would like to emphasize route IV. We infer that the latter route is

5

seriously underrepresented in the literature, but clearly shown here to be a major
reaction in in situ fungal ligninolysis.
Note that route IV has previously been suggested for wheat straw ligninolysis by a
bacterial DyP-type peroxidase on the basis of LC-MS product analysis, 52 though
several isomers of the annotated product can be devised with similar mass
spectrometric behavior, including those resulting from C -Cβ cleavage.
Route IV is proposed to proceed via an initial reaction of the aryl cation radical
with adjacent C -OH or C γ-OH groups to produce cyclohexadienone ketals
(tentatively assigned, Figure 1) or with H 2O, which induces β-O-|4 cleavage and
yields phenylglycerols as initial products. 12-13 Phenylglycerols have previously been
demonstrated in brown-rotted wood, but seemed absent in our samples. 40
Presumably, these structures directly reacted further upon formation and instead
accumulated in the residue as 1-(benzyl)-2,3-dihydroxypropan-1-ones (Figure 3B).
The latter structures can also be formed directly from C -oxidized β-O-4 aryl
ethers.
Route IV might be especially prevalent on β-O-4 aryl ethers with two adjacent C carbonyls (Figure 3A), as these α-ketones are expected to prevent pathways I-III
from occurring. However, C -oxidation also decreases the redox potential of the
aromatic ring(s) and thereby largely influences the reactivity towards oxidation by
ligninolytic enzymes. 12-13 Hence, only if an electron can still be withdrawn from
these B-rings, subsequent cleavage would likely follow route IV. Whether the
enzyme-mediator machinery of C. subvermispora holds such oxidative capacity
remains to be elucidated. 11, 53
C. subvermispora is expected to mainly depend on manganese peroxidases (MnPs)
for ligninolysis, based on the number of MnP-encoding genes (13) and secretome
analysis. 11,

53

Given the fact that chelated Mn 3+ is only able to oxidize phenolic

substructures, this would not allow the fungus to degrade lignin as extensively and
effectively as observed (70% w/w lignin removal within seven weeks of fungal
growth). 54 Instead, the fungus presumably depends on MnP-mediated lipid
peroxidation reactions, which likely involve secondary metabolites of the fungus,
alkylitaconic acids also referred to as ‘ceriporic acids’. 55-56
However, no consensus has been reached on the radical species that initiate this
ligninolytic cascade nor on the initial reaction pathway. 57-59 Ohashi et al. calculated
that the bond-dissociation energy (BDE) of the benzylic C-H bond of the erythrodiastereomer of a lignin model compound is substantially lower than that of the
threo-analogue. For that reason, if hydrogen abstraction (HAT) would be the sole
underlying mechanism, a preference for the erythro-form can be expected.
However, Nishimura et al. and Yelle et al. showed, for a non-phenolic dimer and
actual spruce lignin, respectively, a clear preference for the threo-diastereomer. 15,
22

The latter is consistent with other oxidants known to operate via single-electron

transfer (SET). 60-61 Therefore, the currently available evidence favors mechanisms
that are initiated by SET rather than HAT. 14, 22, 46

Figure 5. Reconstruction of in situ cleavage routes of -O-4 aryl ethers initiated by single-electron transfer through action of C. subvermispora.
Identification of diagnostic substructures in Figure 2 and 3. Primary reaction products and final diagnostic structures are i ndicated in dashed
boxes. Primary reaction products after route I, II and III and secondary products after route I+IV are represented by structure (a) for follow up reactions. Colored arrows indicate which ring is oxidized by single -electron transfer to an aryl cation intermediate.

5

However, we would like to stress that HAT and SET do not, per se, exclude one
another and might occur concurrently in the delignification by C. subvermispora.
The high abundance of the β-O-|4 cleavage reaction in comparison with previous
studies conducted on wood might relate to the initial lignin structure as present in
wheat straw. 22 Lignin in grass differs fundamentally from wood, and particularly
from softwood lignin, which consists solely of guaiacyl units. 16 For lignin model
compounds, it was previously shown that the pattern and degree of methoxylation
of the aromatic rings not only influenced the oxidizability, but also impacted the
prevalence of degradation routes. 12,

14-15

The difference in electron-donating

substituents of the aromatic rings of wheat straw and wood lignin might have
resulted in substantially more β-O-|4 cleavage reactions for the former substrate.

In summary, we have provided mechanistic insight into in situ ligninolysis by the
selective white-rot fungus C. subvermispora. Through key diagnostic structures,
we obtained compelling evidence for the occurrence of multiple degradation routes
initiated by single-electron oxidation, of which β-O-|4 cleavage was confirmed as
major route in actual plant biomass for the first time. We reckon that these
diagnostic structures now enable the comparison of fungi in terms of in situ
delignification mechanisms. Our work contributes to understanding how selectiv e
white-rot fungi, and C. subvermispora in particular, function in Nature and how we
can exploit their ligninolytic capacity for the valorization of lignocellullose.
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1. Chemicals and materials
All chemicals were obtained from commercial suppliers and used without further purification.
Acetone, acetonitrile (ACN), chloroform, ethanol (EtOH), n-hexane, methanol (MeOH),
petroleum ether 40-60 oC and toluene were all of HPLC grade and purchased from Biosolve
BV (Valkenswaard, The Netherlands). Acetic acid (glacial, 100%), citric acid monohydrate
(99%), dioxane (anhydrous, 99.8%), ethanol (99.5%), formic

acid (98-100%), 1-

hydroxybenzotriazole (HBT, wetted with 14% w/w water), laccase from Trametes versicolor,
lithium bromide (LiBr, 99%) and sodium acetate (99%) were purchased from Sigma Aldrich
(St. Louis, MO, USA). DMSO was purchased from Duchefa Biochemie BV (Haarlem, The
Netherlands).

Veratrylglycerol-β-guaiacyl

ether

(VerBG)

was

purchased

from

ABCR

(Karlsruhe, Germany). Hydrochloric acid (37%) and dimethyl sulfoxide-d6 (99.8% atom D)
were purchased from Merck (Darmstadt, Germany). Di-sodium hydrogen phosphate dihydrate
was purchased from VWR (Radnor, PA, USA). Sodium hydroxide (50%) was purchased from
Boom BV (Meppel, The Netherlands). The xylanase-enriched commercial enzyme cocktail
Rovabio Advance was purchased from Adisseo (Antony, France). Water used in all
experiments was purified via a Milli-Q water system (Millipore, Billerica, MA, USA).
2. Experimental methods
Lignin fractionation. Lignin in untreated and fungal-treated wheat straw was fractionated
according to Figure S1. Ground wheat straw (~13 g) was soxhlet-extracted in triplicate with
acetone in a B-811 system (BÜCHI, Flawil, Switzerland) in Whatman® cellulose extraction
thimbles for 3 h. The residue was further extracted with 200 mL of acetone at 40 oC for 4.5
h and centrifuged (18,600xg, 10 min, 20 °C). The pellet was dried overnight under reduced
pressure (30 ºC, 0.2 bar) to obtain acetone insoluble material (R1). Triplicates of R1 were
subsequently mixed and water-extracted in duplicate with 350 mL of water (dry matter
loading 5% (w/w)) with rotary shaking (20 rpm) at 50 °C for 17 h. Insoluble material was
removed by centrifugation (18,600xg, 10 min, 20 °C) and washed 3 times with 200 mL of
water before the material was freeze-dried to obtain R2. Dried duplicates were then mixed
and ball-milled by using a PM100 planetary ball mill (Retsch, Haan, Germany) in batches of
3 g per 50 mL zirconium dioxide (ZrO 2) grinding jar containing 17 φ10 mm ZrO 2 balls. Milling
was performed at 600 rpm with a net milling time of 4 h. After every 15 min of milling, a
pause of 10 min was set to prevent the material from overheating. The fractionation was
continued in duplicate with two portions of 12 g milled material (R3). R3 was water-extracted
at 5% (w/w) dry matter loading under rotary shaking (20 rpm) at 50 °C for 18 h. Insoluble
material was removed by centrifugation (38,400xg, 10 min, 20 °C) and washed twice with
130 mL of water before the material was freeze-dried to obtain R4. All soluble fractions were
stored at -20 oC until further analyses.
Purification of acetone extractable lignin. Acetone soluble fractions (S1, 30 mL) were
dried under a stream of nitrogen and extracted twice with hexane (10 mL) for 10 min under
continuous sonication (Bransonic ultrasonic MH, Branson, Danbury CT, USA). The pellet was
collected through centrifugation (4,700xg, 10 min, 20 °C) and dried under a stream of
nitrogen. Residual hexane was removed from the insoluble material by the addition and
subsequent evaporation of petroleum ether (40-60 oC) to obtain S1pure .
Purification of water extractable lignin. Water extractable lignin fractions were treated
with the xylanase-enriched commercial enzyme cocktail Rovabio Advance to degrade
carbohydrates prior to solid phase extraction by using reversed phase chromatography.
Hereto, 100 mL of S2 and 250 mL of S4 were concentrated by freeze-drying to approximately
30 mL and sonicated for 10 min, prior to the addition of 3 mL 550 mM sodium acetate buffer
(pH 5.5). Enzyme powder was suspended at 12 mg mL -1 in a 50 mM sodium acetate buffer
pH 5.5 with rotary shaking (20 rpm, 20 min, 20 °C). The suspension was centrifuged (4700xg,
10 min, 20 °C) and 10 mL of the supernatant was added to each sample. Samples were
subsequently incubated with rotary shaking (20 rpm) at 40 oC for 25 h. Any insoluble material
was removed by centrifugation (4700xg, 10 min, 20 °C) before loading the material on the
reversed phase chromatography system.
Enzyme treated water extracts S2 and S4 were purified on a Grace Reveleris Flash
chromatography system (Grace, Columbia, MD, USA), equipped with an ELSD and UV detector
(recording 280 nm and 310 nm). Samples (40 mL) were manually injected onto a Reveleris
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C18 reversed phase cartridge (80 g, particle size 40 μm) (Büchi Labortechnik AG, Flawil,
Switzerland). Water (A) and acetonitrile (B), both containing 1% (v/v) formic acid were used
as eluents. After activation of the cartridge with eluent B and conditioning of t he column with
at least 5 column volumes eluent A, the sample was injected. The flow rate was 60 mL min -1
at room temperature. The following gradient was used: 0-3 min, isocratic on 0% B; 3-13
min, linear gradient from 0-60% B; 13-17 min, linear gradient from 60-100% B; 17-25 min,
isocratic on 100% B; 25-27 min linear gradient from 100-0% B, 27-31 min, isocratic on 0%
B. For S2 of untreated straw (S2-0), the gradient was as follows: 0-3 min, isocratic on 0%
B; 3-11 min, linear gradient from 0-48% B; 11-12 min, linear gradient from 48-100% B; 1220 min, isocratic on 100% B; 20-21 min linear gradient from 100-0% B, 21-25 min, isocratic
on 0% B. For S4 after 7 weeks of fungal growth (S4-7), the gradient was as follows: 0-3 min,
isocratic on 0% B; 3-33 min, linear gradient from 0-60% B; 33-37 min, linear gradient from
60-100% B; 37-45 min, isocratic on 100% B; 45-47 min linear gradient from 100-0% B, 4751 min, isocratic on 0% B. In all cases, 20 mL fractions were collected. Fractions between 28
and 60% B were pooled, except for S4-7, for which the fractions between 16.6 and 50% B
were pooled. Pools were diluted with water to <20% (v/v) ACN, flash frozen in liquid nitrogen
and freeze-dried to obtain S2 pure and S4 pure.
Saponification of purified water extract after fungal growth (S2-7). To 25 mg of S27 2.5 mL 0.2 M NaOH was added and kept at 4 oC for 2 h. Subsequently, 2.5 mL 0.2 M HCl
was added to neutralize the sample, while keeping the sample on ice. The saponified lignin
products were obtained by solid-phase extraction using a 2 g SEP-PAK C18 cartridge (Waters,
Milford, MA, USA). The column was activated with methanol (12 mL), washed with water (60
mL), loaded with the sample (5 mL), washed with water (30 mL) and sequentially eluted by
using 25% ACN (8 mL), 50% ACN (8 mL), 75% ACN (8 mL) and 100% ACN (8 mL). The
eluates were pooled, diluted with water to <20% (v/v) ACN, flash frozen in liquid nitrogen
and freeze-dried.
Production and purification of guaiacyl diketone and syringyl diketone. Diketones
were formed through acidolysis of klason lignin and subsequent liquid extraction by a method
described by Govender et al. 1 Klason lignin was obtained as previously described. 2 Mixed
softwood klason lignin was used for the production of guaiacyl diketone, whereas for syringyl
diketone mixed hardwood klason lignin was used. Klason lignin was dispersed in 0.2 M HCl in
aqueous dioxane (90 % v/v dioxane) and incubated for 4 h at 100 ºC with shaking every 30
min. After reaction, the samples were cooled to room temperature and partially neutralized
by 0.4 M Na2 CO3. The reaction products were extracted by toluene, dried under a stream of
nitrogen, dispersed in 4% methanol and centrifuged to obtain a pre-purified diketone extract
in the soluble phase. The extracts were further purified by using flash chromatography.
Hereto, the centrifuged extracts were injected onto a Grace Reveleris Flash chromatography
system, equipped with a 4 g Reveleris RP Flash cartridge, ELSD detector and UV detector.
The eluents used were water (eluent A) and ACN (eluent B), both containing 1% (v/v) formic
acid. After activation of the cartridge with eluent B, and washing with 5 column volumes of
eluent A, the reaction mixtures were injected. The reaction products were separated by using
the following gradient profile: 0-1 min at 3% B (isocratic), 1-12 min linear from 3 to 22% B,
12-14 min linear from 22 to 60% B, 14-14.5 min linear from 60 to 100% B, 14.5-15.7 min
at 100% B (isocratic). The flow was set at 18 mL min -1 and fractions of 7 mL were collected.
The resulting fractions were analyzed by using RP-UHPLC-PDA-MS as previously described. 3
Fractions that contained the reaction products and that were free of by-products were pooled,
flash frozen in liquid nitrogen and freeze-dried.

Enzymatic synthesis and purification of veratryl model compounds. C α-oxidized
Veratrylglycerol--guaiacyl
ether
(VerBG ox),
hydroxypropioveratrone
(HPVer)
and
dihydroxypropioveratrone

(DHPVer)

were

enzymatically

synthesized

by

incubating

veratrylglycerol-β-guaiacyl ether (VerBG) with laccase and 1-hydroxybenzotriazole (HBT),
after which the reaction products were purified. Two batches of 50 mg VerBG and 125 mg
HBT were incubated in 40 mL phosphate citrate buffers at pH 4 and pH 6 (prepared from 100
mM phosphate and 50 mM citrate stock solutions). Laccase was added to obtain a final activity
of 10 U mL-1 .3 After 48 h, the reaction mixtures were centrifuged (5000xg, 20 ºC, 10 min)
and the soluble products were purified by using flash chromatography as described for the
benzyl diketones, using a different gradient.
The reaction products and remaining VerBG were separated by using the following gradient
profile: 0-5 min at 0% B (isocratic), 5-33 min from 0 to 32% B (linear gradient), 33-33.6
min from 32 to 100% B (linear gradient), 33.6-36 min at 100% B (isocratic). Fractions of 4
mL were collected.
The diketone 1-(3,4-dimethoxyphenyl)propane-1,2-dione was prepared by using VerBG ox as
a starting material (prepared as described above). VerBG ox was then converted to the
diketone based on the procedure reported by Rahimi et al. 4 Hereto, 5 mg of VerBG ox was
dissolved in 1.5 mL of aqueous formic acid (90% v/v). The solution was incubated for 20 h
at 110 ºC, after which the solution was cooled down and formic aci d was evaporated under a
flow of nitrogen. The remaining sample was analyzed by using UHPLC-MS and contained the
diketone, guaiacol and a VerBG ox-formate ester (data not shown). The diketone was then
purified using the same flash chromatography procedure as described above and lyophilized.
3. Analytical methods
Quantitative py-GC-MS with

13C

lignin as internal standard. Pyrolysis was performed

with an EGA/PY-3030D Multi-shot pyrolyzer (Frontier Laboratories, New Ulm, MN, USA)
equipped with an AS-1020E Autoshot auto-sampler as previously described. 5-6 Samples were
weighed using an XP6 excellence-plus microbalance (Mettler Toledo, Columbus, OH, USA).
Ten µL of a

13 C

wheat straw lignin internal standard (IS) solution (1

mg mL-1

ethanol/chloroform 50:50 v/v) was mixed with ~80 µg of sample and dried before analysis.
Pyrolysis was performed at 500 °C for 1 min with an interface temperature of 300 °C. For
the analyses of unextractable residues (R1-R4), the pyrolyzer was coupled to a Trace GC
equipped with a DB-1701 fused-silica capillary column (30 m × 0.25 mm i.d. 0.25 μm film
thickness) coupled to a DSQ-II mass spectrometer (both Thermo Scientific, Waltham, MA,
USA). Pyrolysis products were injected on the column via split/splitless injection (at 250 °C)
with a splitratio of 1:133 and helium was used as carrier gas with constant flow at 1.5 mL
min-1 . The GC oven was programmed from 70 °C (2 min) to 270 °C at 5 °C min-1 and held at
270 °C for 15 min. MS detection was used with EI at 70 eV, a source temperature of 250 °C,
a scan range of m/z 50-550 and a dwell time of 25 ms to ensure at least 25 data points per
peak. Compounds were identified by comparing retention time and mass spectrum with
standards, the NIST library and data published by Ralph and Hatfield (1991). 7 Lignin-derived
pyrolysis products were monitored in selected ion monitoring (SIM) mode on the two most
abundant fragments per compound (both

12 C

and

13 C).5

The compound guaiacyl diketone

(GDK) was monitored on its m/z 194 fragment rather than its two most abundant fragments
(m/z 153, 123) due to the fact that the closely eluting compounds in that region of the
pyrogram did not allow further segmenting. The area of GDK was multiplied by 25 (relative
intensity m/z 194/ m/z (153+123) = 25) to be comparable to the other compounds. For
correction of matrix-effects similar behavior as syringyl diketone (SDK) was assumed.
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For the analyses of (purified) extracts (~40 µg) and synthesized compounds (~5 µg, no

13 C-

IS was added), the pyrolyzer was coupled to a Trace 1300 GC coupled to an Exactive Orbitrap
Mass Spectrometer (both Thermo Scientific). The same column, injection and oven settings
were used, with the only difference being the injection temperature at 280 oC. The MS was
operated in full MS mode, with EI at 70 eV, a source temperature of 275 oC, a resolution of
60.000, AGC target at 10 6, maximum IT at ‘auto’ and a scan range of m/z 35-550. Relative
response factors (RRF) for lignin-derived pyrolysis products on the py-GC-HR-MS system
were determined as previously described. 5 RRFs for newly synthesized guaiacyl and syringyl
diketones, were determined relative to vanillin and syringaldehyde, respectively.
Data was processed as previously described. 6 DSQ-II pyrograms were processed by Xcalibur
2.2 software. Orbitrap pyrograms were processed by TraceFinder 4.0 software. In both
programs, the selected ions (two most abundant on DSQ-II, single most abundant on
Orbitrap, Table S1) per compound were automatically integrated using ICIS peak integration
with optimized settings per compound. A manual correction was only applied when irregular
peak shapes led to erroneous peak integration with method settings. Lignin contents and
relative abundances of lignin-derived pyrolysis products were calculated as described
previously. 6
NMR spectroscopy. NMR spectra were recorded at 25 °C with Bruker’s standard pulse
sequences on a Bruker AVANCE III 600 MHz NMR spectrometer (Bruker BioSpin, Rheinstetten,
Germany) equipped with a 5 mm cryoprobe located at MAGNEFY (MAGNEtic resonance
research FacilitY, Wageningen, The Netherlands) and based on previously reported
procedures. 8-12 Around 20 mg of purified extracts (see Figure S1) was dissolved in 0.6 mL
DMSO-d6 and transferred to an NMR tube. 1 H-13 C HSQC NMR spectra were recorded by using
the adiabatic “hsqcetgpsisp2.2” pulse sequence using the following parameters: spectral
width of 7,200 Hz (12 ppm) in F1 ( 1 H) using 2018 increments for an acquisition time (AQ) of
0.14 s and interscan delay (D1) of 0.86 s and a spectral width of 33,000 Hz (220 ppm) in F2
(13 C) using 400 increments with an AQ of 6 ms with 16 scans per increment. The 1J CH used
was 145 Hz. Processing used Gaussian apodization (GB = 0.001, LB = -0.2) in

1H

and a

squared cosine function and one level of linear prediction (32 coefficients) in the
dimension. Multiplicity edited

1 H- 13 C

13C

HSQC NMR spectra were recorded by using the

“hsqcedetgpsisp2.2”, with D21 set to 1/2 1J CH to obtain spectra with opposite signals for –
CH/–CH3 groups and –CH2 groups. D21 was set to 1/3 1J CH to obtain spectra with opposite
signals for –CH and –CH3 groups.
1

H-13C HMBC NMR spectra were recorded by using the “hmbcgplpndqf” pulse sequence using

the following parameters: spectral width of 7,200 Hz (12 ppm) in F1 (1H) using 8192
increments with an AQ of 0.57 s and D1 of 1.5 s and a spectral width of 39,200 Hz (260 ppm)
in F2 ( 13 C) using 400 increments with an AQ of 10 ms with 64 scans per increment, using a
76 ms long-range coupling delay (D6). Processing used Gaussian apodization (GB = 0.8, LB
= -5.0) in 1 H and a squared sine function and one level of linear prediction (32 coefficients)
in the

13 C

dimension.

The 3D 1 H-13 C-TOCSY-HSQC spectrum was recorded by using the “mlevhsqcetgp3d” pulse
sequence using the following parameters: spectral width of 7,200 Hz (12 ppm) in F3 ( 1 H)
using 2018 increments with an AQ of 0.14 s and D1 of 0.86 s, a spectral width of 9000 Hz
(35-95 ppm) in F2 ( 13 C) using 200 increments with an AQ of 11 ms, a spectral width of 7,200
Hz (12 ppm) in F1 ( 1H) using 128 increments with an AQ of 8.9 ms, with 8 scans per
increment, using a 100 ms TOCSY spin lock period (D9). Processing used Gaussian
apodization (GB = 0.001, LB = -0.2) in F3 ( 1 H) and a squared cosine function and in the F2
(13 C) and F3 (1 H) dimension.

1 H- 1 H

COSY NMR spectra were recorded for synthesized model compounds by using the

“cosygpqf” pulse sequence using the following parameters: spectral width of 6,000 Hz (10
ppm) in F2 ( 1 H) using 8192 increments with an AQ of 0.68 s and D1 of 1 s and a spectral
width of 6,000 Hz (10 ppm) in F1 ( 1H) using 400 increments with an AQ of 66 ms with 2
scans per increment.
For all experiments, the solvent peak (DMSO-d6) was used as an internal reference (δC 39.5
ppm; δH 2.49 ppm) and the data were processed with Bruker TopSpin 4.0.5 following manual
phase correction and automatic baseline correction. Correlation peaks were assigned by
comparison with literature. 9, 13-17
Semiquantitative analysis of the HSQC volume integrals was performed according to del Río
et al. (2012).9 S2,6, G2 and H 2,6 signals were used for S, G and H units, respectively, where S
and H integrals were logically halved. Oxidized analogues were estimated in a similar manner.
Tricin, pCA and FA were similarly estimated from their respective T 2’,6’, pCA2,6 and FA2 signals,
respectively. H 2,6 integrals were corrected for the overlapping phenylalanine cross-peak
(PHE3,5) by subtraction of the isolated PHE 2,6 cross-peak.14 Alternatively, in the aliphatic
oxygenated region β-O-4 substructures were estimated from their C β-Hβ correlations, since
they were shown to be interfered to a lesser extent by the presence of carbohydrates. 6, 8 C αoxidized analogues of the β-O-4 substructures were estimated from their C β-Hβ correlations
as well. For phenylcoumaran and resinol substructures, their respective C α-H α correlations
were used. Volume integrals for resinol substructures were logically halved. DHPV/DHPS and
HPV/HPS were estimated from their C β-Hβ correlations. Volume integration was performed at
equal contour levels. Contour levels were normalized at equal size of the –OCH3 integral.
Amounts were calculated as a percentage of total lignin (H + G + G ox + S + S ox) (per 100
aromatic rings).
Size-exclusion chromatography. Alkaline size-exclusion chromatography (SEC) was
performed as described by Constant et al. (Method D). 18 Briefly, freeze-dried samples were
dissolved (1 mg mL -1) in 0.5 M NaOH and separated with the same solvent by using two
TSKgel GMPWxl columns at 30 oC with a 1 mL min -1 flowrate. Absorption was monitored at
280 nm with an ultraviolet spectroscopy detector. Sodium polystyrene sulphonate (PSS)
standards and phenol were used for calibration. Protobind ™ 1000 lignin (GreenValue S.A,
Switzerland) was used as reference. For organic SEC analyses, freeze-dried samples were
dissolved (10 mg mL-1) in DMSO containing 0.5% w/v LiBr, filtered through a 0.45 μm PTFE
syringe filter and analyzed as previously described using PSS standards for system calibration
and RI and UV (280 nm) for detection. 19 Multi-angle light scattering (MALS) correction factors
were applied to obtain a more accurate description of the absolute molar masses of the
extracted lignin fractions as described by Zinovyev et al. 20
4. Extraction and purification of diagnostic substructures
As fungal action proceeded, lignin substructures became selectively extractable from the
remaining wheat straw by acetone and water (Figure S1, Figure S2 and Table S2). Ball-milling
of fungal treated wheat straw yielded additional water-extractable lignin and resulted in
similar recoveries of lignin in the insoluble residue (R4) after sequential extraction for all time
points of fungal growth (∼70% w/w) (Figure S2). This result became apparent by performing
an additional water extraction, a step that is uncommon in classical lignin isolation
procedures. 21-24 The water extractability could simply have originated from an increased
surface contact between the straw particles and the solvent, while it might also point to lignin
degradation during ball-milling.25 Based on py-GC-MS analyses, it is suggested that ballmilling did not induce major structural changes (Table S3). The degradation of a few linkages
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within the macromolecule might, however, have profound consequences for its molecular
weight distribution, especially when lignin is more linear than generally considered. 26
Analytical tools that measure the abundance of occurring bonds cannot pick up these
relatively subtle changes, and as such are not conclusive for evaluating ball -milling effects
on lignins macromolecular structure. 8 All determinations of lignins molecular weight
distribution, however, require lignin to be soluble in a particular solvent system, and,
therefore, require some extent of ball-milling. 27 In fact, the effects of ball-milling on the
macromolecular lignin structure can, thus, not be properly evaluated. The origin of water
extractable lignin, therefore, remains to be further elucidated.
For detailed structural characterization of lignin degradation products, the obtained extracts
were purified (Figure S1). Acetone solubles were washed with hexane, primarily to remove
ceriporic acids, which are known secondary metabolites produced by the fungus (Figure S3). 28
Water-soluble extracts were purified by enzymatic carbohydrate degradation and subsequent
reversed phase chromatography. Decent recoveries were achieved for all extracts and, more
importantly, the C -oxidized structures indicative of fungal action were fully preserved (Table
S4-S6). Being particularly rich in diagnostic substructures, the purified water extract obtained
before ball-milling from seven weeks treated straw was used for further extensive structural
characterization.
5. Tentative annotation of cyclohexadienone ketals
Besides the phenylketols, a clear correlation peak at δ C/δH 51.6/3.6 could be observed in the
HSQC spectrum of the fungal treated straw extract (Figure 3B). Multiplicity edited HSQC
analysis demonstrated that the signal originated from a methyl group and saponification of
the extract showed that this group was part of a base-labile substructure (Figure S6, Figure
S7 Table S11, Table S12). The correlation peak at δ C/δH 51.6/3.6 might, therefore, partially
originate from methyl esters, as judged from a characteristic HMBC cross-peak at 172 ppm,
part of which might be benzoic acid methyl esters, although no correlation peak was visible
in the aromatic region of the spectrum. 13 Based on the reappearance of intact -O-4 aryl
ethers and non-oxidized guaiacyl and syringyl subunits upon saponification together with
chemical shift predictions, we tentatively assigned the correlation peak to methoxyl groups
of cylcohexadiene ketal substructures (Figure S8). These structures have previously been
suggested to result from aryl cation radical formation in lignin model compounds. 29-31
However, further diagnostic peaks in HSQC, HMBC or 3D-TOCSY-HSQC spectra could not be
observed. Further analyses are, therefore, required for confirming the presence of these
substructures.
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Figure S2. Dry matter and lignin recovery versus starting material during fractionation. Average
and standard deviation of duplicates. Codes refer to Figure S1.

Figure S3. Pyrograms (TIC) of acetone extractives (Figure 1, S1) from untreated (A) and 7 weeks
C. subvermispora treated (B) wheat straw and structures of annotated ceriporic acids (C). Numbers
refer to major lignin-derived compounds: (1) guiacol; (2) 4-methylguaiacol; (3) 4-vinylguaiacol;
(4) 4-vinylphenol; (5) syringol; (6) vanillin; (7) acetovanillone; (8) acetosyringone; (9) transconiferyl alcohol; (10) trans-coniferaldehyde; (11) trans-sinapaldehyde. Letters refer to annotated
ceriporic acids presented in (C). 28 GDK: guaiacyl diketone. Note that 13 C-IS lignin was added to
these samples, which is included in TIC of these pyrograms.
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Figure S4. Extracted ion chromatograms (EIC) of purified water extract from seven weeks C.
subvermispora treated wheat straw and synthesized standards (A) and corresponding EI -HR-MS
spectra (B). Letters refer to the following compounds: a propiovanillone; b guaiacyl vinyl ketone; c
syringaldehyde; d syringic acid methyl ester; e acetosyringone; f propiosyringone; g syringyl vinyl
ketone. Note that benzyl diketones have previously been annotated as benzoyl acetaldehydes on
the basis of MS spectra and retention times published by Ralph & Hatfield. 6-7 The synthesized
standards enabled us to unambiguously annotate these compounds as guaiacyl - and syringyl
diketones. Furthermore, standards were obtained in sufficient amounts to determine their relative
response factors which allowed for a more accurate quantification. See Table S12 for NMR
characterization data of the synthesized benzyl diketones.

5

Figure S5. Aliphatic (A) and aromatic (B) regions of 1 H-13 C HSQC NMR spectra of purified acetone
(S1) and purified water-extracts after planetary ball-milling (S4) from untreated (0) and seven
weeks C. subvermispora treated (7) wheat straw.

Figure S6. Aliphatic region (δ C /δH 50-90/2.5-6.0) of multiplicity edited 1 H-13C HSQC NMR spectra
of purified water extract from seven weeks C. subvermispora treated wheat straw. A: D21 set to
1/2 1 JCH, B: D21 set to 1/3 1 JCH .

Figure S7. Aliphatic (A) (δ C /δ H 50-90/2.5-6.0) and aromatic (B) (δ C /δH 90-150/6.0-8.0) region of
1
H-13 C HSQC NMR spectra of saponified purified water extracts from seven weeks C. subvermispora
treated wheat straw. See Figure 1 for comparison to sample before saponification and abbreviations
for annotated signals.

Figure S8. Tentatively assigned cyclohexadiene ketal substructures. Structure (a) and structure
(b),(c) originate from cyclization with C α -OH and C γ-OH, respectively. Annotated –OCH3 is presented
in green.
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Figure S9. Normalized alkaline SEC chromatograms of S1 (A), S2 (B), S4 (C), organic SEC
statistical moments of molar masses calculated based on PSS standards (D) and organic SEC
statistical moments of molar masses calculated based on MALS-corrected standards (E).

Figure S10. 1H-13C HSQC (blue) and 1 H-13C HMBC (red) annotation of VerBGox.

Figure S11. 1H-13C HSQC (blue) and 1 H-13C HMBC (red) annotation of HPVer.

Figure S12. 1H-13C HSQC (blue) and 1 H-13C HMBC (red) annotation of DHPVer.

Figure S13. Overlaid aliphatic region (δ C /δH 50-90/2.5-6.0) of 1 H-13C HSQC NMR spectra of purified
water extracts from seven weeks C. subvermispora treated wheat straw (blue) and enzymatically
synthesized dihydropropioveratrone (DHPVer, red).
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Figure S14. Sections of 1 H-13 C HSQC (blue) and 1 H-13C HMBC (red) spectra of purified water extract
from seven weeks C. subvermispora treated wheat straw showing the main correlations with the
diagnostic carbonyl signals.

Table S1. Identity and structural classification of lignin-derived pyrolysis products by
GC-HR-MS.
#

Compound

CAS

12

Sidechain Mw C
length (g mol -1)

13

Quan ion
Mw C
C [M-e] (g mol -1)

13

C-IS py-

Retention
time (min)

Structural
feature

108952
90051
95487
106445
93516
105679
123079
2785899
7786610
2628173

9.79
10.03
11.03
12.00
12.71
13.18
14.25
14.83
16.29
16.46

H, unsub.
G, unsub.
H, methyl
H, methyl
G, methyl
H, methyl
H, misc.
G, misc.
G, vinyl
H, vinyl

0
0
Cα
Cα
Cα
Cα
Cβ
Cβ
Cβ
Cβ

94
124
108
108
138
122
122
152
150
120

94.04132
124.05188
108.05698
107.04914
138.06753
107.04914
107.04914
137.05971
150.06753
120.05697

100
131
115
115
146
130
130
161
159
128

100.06145
115.04853
115.08045
114.07263
146.09437
114.07263
114.07263
145.08654
159.09754
128.08381

12

Quan ion
C [M-e]

13

1
2
3
4
5
6
7
8
9
10

phenol
guaiacol
2-methylphenol
4-methylphenol (+3-MP)
4-methylguaiacol
2,4-dimethylphenol
4-ethylphenol
4-ethylguaiacol
4-vinylguaiacol
4-vinylphenol

11
12
13
14
15
16
17
18
19
20
21
22
23
24
25

eugenol
4-propylguaiacol
syringol
cis-isoeugenol
4-propenylphenol
trans-isoeugenol
4-methylsyringol
vanillin
4-propyneguaiacol
4-alleneguaiacol
homovanillin
4-ethylsyringol
vanillic acid methyl ester a
acetovanillone
4-hydroxybenzaldehyde

97530
2785877
91101
97541
539128
97541
6638057
121335
5603242
14059928
3943746
498022
123080

16.89
16.99
17.64
18.25
19.24
19.50
19.86
19.99
20.23
20.49
21.44
21.58
21.82
21.89
22.76

G, misc.
G, misc.
S, unsub.
G, misc.
H, misc.
G, misc.
S, methyl
G, C α -O
G, misc.
G, misc.
G, C β -O
S, misc.
G, C α -O
G, C α -O
H, C α-O

Cγ
Cγ
0
Cγ
Cγ
Cγ
Cα
Cα
Cγ
Cγ
Cβ
Cβ
Cα
Cβ
Cα

164
166
154
164
134
164
168
152
162
162
166
182
182
166
122

164.08318
137.05971
154.06245
164.08318
133.06479
164.08318
168.07810
151.03897
162.06753
162.06753
137.05971
167.07022
182.05736
151.03897
121.02848

174
175
162
174
143
174
177
160
172
172
175
192
191
175
129

174.11673
145.08654
162.08928
174.11673
142.09498
174.11673
177.10829
159.06581
172.10108
172.10108
145.08654
176.10046
191.08766
159.06581
128.05189

26
27
28
29
30
31
32
33
34
35
36
37
38
39

4-vinylsyringol
guaiacylacetone
4-allylsyringol
propiovanillone
guaiacyl vinyl ketone
guaiacyl diketone
cis-4-propenylsyringol
4-propynesyringol
4-allenesyringol
trans-4-propenylsyringol
dihydroconiferyl alcohol
syringaldehyde
cis-coniferyl-alcohol
homosyringaldehyde

28343228
2503460
6627889
1835149
2034608
26624135
26624135
2305137
134963
458355
-

22.90
23.10
23.31
23.79
24.09
24.32
24.43
25.06
25.27
25.72
25.81
26.34
26.42
27.32

S, vinyl
G, C β -O
S, misc.
S, C α-O
G, C α -O
G, C α -O, C β-O
S, misc.
S, misc.
S, misc.
S, misc.
S, Cγ -O
S, C α-O
G, C γ -O
S, C β-O

Cβ
Cγ
Cγ
Cγ
Cγ
Cγ
Cγ
Cγ
Cγ
Cγ
Cγ
Cα
Cγ
Cβ

180
180
194
180
178
194
194
192
192
194
182
182
180
196

180.07810
137.05971
194.09373
151.03897
151.03897
151.03897
194.09373
192.07810
192.07810
194.09373
137.05971
182.05736
137.05971
167.07027

190
190
205
190
188
204
205
203
203
205
192
191
190
206

190.11164
145.08654
205.13065
159.06581
159.06581
159.06581
205.13065
203.11500
203.11500
205.13065
145.08654
191.08755
145.08654
176.10046

40
41
42
43
44
45
46
47
48
49
50
51

syringic acid methyl ester a
884355
acetosyringone
2478388
trans-coniferyl alcohol
458355
trans-coniferaldehyde
458366
syringylacetone
19037582
propiosyringone
5650431
syringyl diketone
6925651
syringyl vinyl ketone
dihydrosinapyl alcohol
20736258
cis-sinapyl alcohol
537337
trans-sinapyl alcohol
537337
trans-sinapaldehyde
4206580

27.66
27.76
28.11
28.50
28.68
29.29
29.43
29.57
31.13
31.63
33.31
33.54

S, C α-O
S, C α-O
G, C γ -O
G, C γ -O
S, C β-O
S, C α-O
S, C α-O, Cβ -O
S, C α-O
G, C γ -O
S, Cγ -O
S, Cγ -O
S, Cγ -O

Cα
Cβ
Cγ
Cγ
Cγ
Cγ
Cγ
Cγ
Cγ
Cγ
Cγ
Cγ

212
196
180
178
210
210
224
208
212
210
210
208

212.06793
181.04954
137.05971
147.04406
167.07027
181.04954
181.04954
181.04954
168.07841
167.07027
167.07027
208.07301

222
206
190
188
221
221
235
219
223
221
221
219

222.10147
190.07973
145.08654
156.07425
176.10046
190.07973
190.07973
190.07973
177.10829
176.10046
176.10046
219.10994

a

: not included in py-GC-MS analyses on DSQ-II system.
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Table S2. 13 C-IS py-GC-MS relative abundance of lignin derived pyrolysis products in unpurified
acetone and water extracts of untreated and C. subvermispora treated wheat straw. Corrected for
RRF and relative abundance of 13 C analogues. Sum on the bases of structural classification (Table
S1) according to van Erven et al. (2018). 6 Average and standard deviation of analytical duplicates
on pooled biological triplicates. Codes refer to Figure 1.
S1 (weeks)
0

S2 (weeks)
7

0

S4 (weeks)
7

0

7

Lignin subunits (%)
H

11.7 ± 0.2

7.9 ± 0.8

14.1 ± 0.0

14.8 ± 0.5

7.7 ± 0.2

10.2 ± 0.2

G

65.6 ± 0.0

61.7 ± 4.4

63.1 ± 0.1

54.2 ± 0.3

69.1 ± 0.3

61.8 ± 0.5

S

22.7 ± 0.2

30.4 ± 5.1

22.8 ± 0.0

31.1 ± 0.2

23.2 ± 0.4

28.0 ± 0.7

0.35 ± 0.0

0.50 ± 0.1

0.36 ± 0.0

0.57 ± 0.0

0.34 ± 0.0

0.45 ± 0.0

Unsubstituted

4.7 ± 0.2

7.1 ± 0.6

13.8 ± 0.1

31.9 ± 0.4

5.1 ± 0.4

12.0 ± 0.6

Methyl

1.7 ± 0.1

1.7 ± 0.2

5.9 ± 0.0

4.0 ± 0.0

2.1 ± 0.2

2.8 ± 0.2

Vinyl

19.4 ± 0.2

10.2 ± 0.8

35.6 ± 0.2

6.7 ± 0.1

47.9 ± 1.5

35.2 ± 1.7

4-VP a

8.9 ± 0.2

3.1 ± 0.3

7.1 ± 0.0

1.7 ± 0.0

5.5 ± 0.2

5.7 ± 0.1

4-VG b

9.2 ± 0.0

5.7 ± 0.4

26.2 ± 0.2

4.1 ± 0.1

40.2 ± 1.2

27.3 ± 1.5

S/G
Structural moieties (%)

C α -ox

8.0 ± 0.3

12.7 ± 1.1

6.0 ± 0.1

38.2 ± 0.0

9.8 ± 0.8

20.7 ± 0.8

G-diketone

0.5 ± 0.0

2.4 ± 0.0

0.3 ± 0.0

8.0 ± 0.1

0.4 ± 0.0

2.9 ± 0.2

S-diketone

0.3 ± 0.0

1.6 ± 0.1

0.8 ± 0.0

8.1 ± 0.1

0.3 ± 0.0

3.3 ± 0.0

vinylketone

0.2 ± 0.0

0.4 ± 0.0

0.2 ± 0.0

3.4 ± 0.1

0.5 ± 0.1

0.6 ± 0.0

C β -ox c

5.5 ± 0.2

2.2 ± 0.1

2.9 ± 0.0

8.1 ± 0.3

3.5 ± 0.2

7.7 ± 0.0

C γ -ox

58.6 ± 1.1

64.4 ± 3.0

32.8 ± 0.1

10.2 ± 0.8

29.3 ± 1.4

19.5 ± 1.8

Miscellaneous

2.1 ± 0.1

1.7 ± 0.2

2.9 ± 0.0

1.0 ± 0.0

2.3 ± 0.2

2.1 ± 0.1

PhC γ d

62.2 ± 0.9

71.0 ± 2.6

37.0 ± 0.0

33.0 ± 0.6

33.2 ± 1.3

30.0 ± 1.9

PhC γ -corrected e

61.1 ± 1.0

66.6 ± 2.7

35.8 ± 0.0

13.5 ± 0.7

32.0 ± 1.3

23.2 ± 1.7

a

4-vinylphenol. b 4-vinylguaiacol. c excluding diketones. d phenols with intact α,β,γ carbon side chain.
with intact α,β,γ carbon side chain, excluding diketones and vinylketones.

e

phenols

Table S3. 13 C-IS py-GC-MS relative abundance of lignin compounds before (R2) and after (R3)
planetary ball-milling of wheat straw treated with C. subvermispora. Corrected for RRF and relative
abundance of 13C analogues. Sum on the bases of structural classification (Table S1) according to
van Erven et al. (2018). 6 Average and standard deviation of analytical duplicates on pooled
biological triplicates. Codes refer to Figure 1.
Before ball-milling (weeks)
0

1

3

After ball-milling (weeks)
7

0

1

3

7

Lignin subunits (%)
H

12.5 ± 1.4

12.5 ± 0.0

13.3 ± 1.0

17.7 ± 0.4

10.9 ± 0.5

12.4 ± 0.9

12.9 ± 0.4

14.6 ± 0.5

G

61.2 ± 3.1

60.1 ± 1.4

60.2 ± 0.6

57.5 ± 0.8

62.0 ± 0.6

59.5 ± 0.1

59.8 ± 0.1

61.6 ± 0.3

S

26.3 ± 1.7

27.4 ± 1.5

26.5 ± 0.4

24.8 ± 0.5

27.1 ± 0.1

28.1 ± 0.8

27.3 ± 0.4

23.8 ± 0.2

0.43 ± 0.0

0.46 ± 0.0

0.44 ± 0.0

0.43 ± 0.0

0.44 ± 0.0

0.47 ± 0.0

0.46 ± 0.0

0.39 ± 0.0

Unsubstituted

4.0 ± 0.2

4.3 ± 0.2

7.0 ± 0.5

8.3 ± 0.0

4.1 ± 0.5

4.7 ± 0.0

6.8 ± 0.2

7.8 ± 0.0

Methyl

2.1 ± 0.2

2.2 ± 0.1

3.4 ± 0.1

3.3 ± 0.0

2.1 ± 0.0

2.2 ± 0.1

2.9 ± 0.3

3.3 ± 0.1

34.1 ± 0.1

32.8 ± 0.5

35.5 ± 0.8

37.4 ± 0.0

31.7 ± 1.2

33.4 ± 2.1

34.0 ± 1.4

36.5 ± 1.2

4-VPa

10.9 ± 1.4

10.9 ± 0.1

10.7 ± 0.7

14.0 ± 0.3

9.2 ± 0.4

10.6 ± 0.9

10.3 ± 0.3

11.1 ± 0.6

4-VGb

20.8 ± 1.6

19.4 ± 0.6

21.9 ± 0.3

20.9 ± 0.2

20.1 ± 0.7

20.3 ± 1.1

20.9 ± 1.0

22.7 ± 0.5

3.1 ± 0.1

3.7 ± 0.2

7.8 ± 0.4

9.5 ± 0.1

4.4 ± 0.4

4.8 ± 0.0

8.6 ± 0.0

10.3 ± 0.1

G-diketone

0.0 ± 0.0

0.0 ± 0.0

0.4 ± 0.1

0.8 ± 0.1

0.1 ± 0.0

0.1 ± 0.0

0.3 ± 0.0

0.7 ± 0.0

S-diketone

0.1 ± 0.0

0.1 ± 0.0

1.1 ± 0.1

1.5 ± 0.0

0.1 ± 0.0

0.2 ± 0.0

1.0 ± 0.0

1.4 ± 0.0

vinylketone

0.2 ± 0.0

0.2 ± 0.0

0.3 ± 0.0

0.3 ± 0.0

0.2 ± 0.0

0.2 ± 0.0

0.3 ± 0.0

0.3 ± 0.0

C β -ox c

1.3 ± 0.1

1.5 ± 0.0

2.6 ± 0.0

2.8 ± 0.1

1.4 ± 0.0

1.6 ± 0.0

2.6 ± 0.2

2.9 ± 0.0

C γ -ox

52.1 ± 0.7

52.0 ± 0.8

39.6 ± 1.7

34.9 ± 0.5

52.9 ± 1.4

49.6 ± 2.4

41.0 ± 2.2

35.0 ± 1.2

S/G
Structural moieties (%)

Vinyl

C α -ox

Miscellaneous

3.3 ± 0.1

3.5 ± 0.1

4.2 ± 0.3

3.9 ± 0.1

3.5 ± 0.1

3.7 ± 0.2

4.1 ± 0.2

4.1 ± 0.0

PhCγd

56.7 ± 0.5

57.2 ± 0.6

48.4 ± 1.6

44.8 ± 0.2

58.1 ± 1.5

55.3 ± 2.2

49.6 ± 1.9

45.0 ± 1.1

PhC γ-corrected e

56.5 ± 0.5

56.9 ± 0.7

46.6 ± 1.9

42.2 ± 0.3

57.7 ± 1.4

54.8 ± 2.2

48.0 ± 1.9

42.5 ± 1.2

4-vinylphenol. b 4-vinylguaiacol. c excluding diketones. d phenols with intact α,β,γ carbon side chain.
with intact α,β,γ carbon side chain, excluding diketones and vinyl ketones.
a

e

phenols

Table S4. 13C-IS py-GC-MS relative abundance of lignin derived pyrolysis products in purified
acetone extracts of untreated and C. subvermispora treated wheat straw. Corrected for RRF and
relative abundance of 13C analogues. Sum on the bases of structural classification (Table S1)
according to van Erven et al. (2018). 6 Average and standard deviation of analytical duplicates on
pooled biological triplicates. Codes refer to Figure 1. Recoveries could not be determined because
lignin contents of unpurified samples were severely underestimated.
S1 pure (weeks)
0

1

3

7

Lignin subunits (%)
H

15.4 ± 0.1

11.7 ± 0.1

10.4 ± 0.1

11.3 ± 0.3

G

62.5 ± 0.0

64.7 ± 0.1

59.6 ± 0.0

61.5 ± 0.1

S

22.2 ± 0.1

23.6 ± 0.1

30.0 ± 0.1

27.2 ± 0.3

0.36 ± 0.0

0.37 ± 0.0

0.50 ± 0.0

0.44 ± 0.0

Unsubstituted

6.1 ± 0.1

6.1 ± 0.1

10.3 ± 0.1

13.3 ± 1.6

Methyl

2.2 ± 0.0

2.4 ± 0.1

3.0 ± 0.0

3.1 ± 0.1

27.7 ± 0.2

22.8 ± 0.1

20.4 ± 0.7

18.1 ± 0.5
6.3 ± 0.1

S/G
Structural moieties (%)

Vinyl
4-VPa

13.1 ± 0.1

9.5 ± 0.1

7.0 ± 0.1

4-VGb

13.1 ± 0.1

11.5 ± 0.0

11.2 ± 0.5

9.8 ± 0.3

6.5 ± 0.0

6.4 ± 0.1

13.8 ± 0.0

20.2 ± 0.4

G-diketone

0.2 ± 0.0

0.2 ± 0.0

1.8 ± 0.1

4.0 ± 0.2

S-diketone

0.5 ± 0.0

0.5 ± 0.0

4.8 ± 0.2

7.3 ± 0.3

vinylketone

0.2 ± 0.0

0.3 ± 0.0

0.5 ± 0.0

0.7 ± 0.0

C β -ox c

2.8 ± 0.0

1.6 ± 0.0

2.5 ± 0.0

2.2 ± 0.1

C γ -ox

52.3 ± 0.1

57.9 ± 0.0

47.3 ± 0.5

40.4 ± 2.6

C α -ox

Miscellaneous
PhC γd
PhC γ-corrected e

2.4 ± 0.0

2.8 ± 0.0

2.9 ± 0.0

2.7 ± 0.0

55.8 ± 0.1

61.8 ± 0.0

56.1 ± 0.7

51.8 ± 2.3

60.9 ± 0.0

49.0 ± 0.4

39.8 ± 2.8

54.9 ± 0.2

4-vinylphenol. 4-vinylguaiacol. excluding diketones. phenols with intact α,β,γ carbon side chain.
with intact α,β,γ carbon side chain, corrected for acetaldehydes and vinylketones.
a

b

c

d

e

phenols

Table S5. 13C-IS py-GC-MS relative abundance of lignin derived pyrolysis products in purified water
extracts (before ball-milling) of untreated and C. subvermispora treated wheat straw. Corrected for
RRF and relative abundance of 13 C analogues. Sum on the bases of structural classification (Table
S1) according to van Erven et al. (2018). 6 Average and standard deviation of analytical triplicates
on pooled biological triplicates. Codes refer to Figure 1.
S2 pure (weeks)
Recovery % (w/w) a

0

1

3

7

44

33

39

48

Lignin subunits (%)
H

9.7 ± 0.4

10.7 ± 0.2

11.7 ± 0.2

10.1 ± 0.1

G

63.2 ± 0.2

58.2 ± 0.1

50.6 ± 0.5

57.3 ± 0.8

S

27.2 ± 0.2

31.1 ± 0.3

37.7 ± 0.2

32.6 ± 0.8

0.43 ± 0.0

0.53 ± 0.0

0.74 ± 0.0

0.57 ± 0.0

Unsubstituted

8.6 ± 0.1

11.1 ± 0.2

12.7 ± 0.4

14.0 ± 0.2

Methyl

2.6 ± 0.0

3.1 ± 0.2

2.7 ± 0.1

2.8 ± 0.1

30.1 ± 0.3

23.5 ± 0.2

10.8 ± 0.3

8.3 ± 0.4

4-VPb

5.4 ± 0.0

4.6 ± 0.1

2.7 ± 0.1

2.1 ± 0.1

4-VG c

22.1 ± 0.3

16.3 ± 0.3

6.4 ± 0.2

5.0 ± 0.2

5.5 ± 0.2

9.3 ± 0.2

44.4 ± 0.3

45.2 ± 1.8

G-diketone

0.3 ± 0.0

0.6 ± 0.0

5.4 ± 0.1

8.1 ± 0.5

S-diketone

0.3 ± 0.0

1.1 ± 0.0

8.1 ± 0.3

6.9 ± 0.3

vinylketone

0.2 ± 0.0

0.3 ± 0.0

1.1 ± 0.0

1.2 ± 0.0

C β -ox d

3.5 ± 0.0

4.1 ± 0.0

4.7 ± 0.1

4.2 ± 0.2

C γ -ox

47.0 ± 0.3

46.3 ± 0.8

23.0 ± 1.2

23.9 ± 1.7

S/G
Structural moieties (%)

Vinyl

C α -ox

Miscellaneous

2.7 ± 0.4

2.6 ± 0.1

1.7 ± 0.1

1.7 ± 0.1

PhC γe

50.7 ± 0.3

51.5 ± 0.7

41.1 ± 0.8

43.8 ± 1.1

PhC γ-corrected f

50.0 ± 0.3

49.5 ± 0.7

26.5 ± 1.1

27.6 ± 1.8

of lignin in unpurified extracts. b4-vinylphenol. c 4-vinylguaiacol. d excluding diketones. e phenols with intact α,β,γ
carbon side chain. f phenols with intact α,β,γ carbon side chain, corrected for diketones and vinylketones.
a

5

Table S6. 13C-IS py-GC-MS relative abundance of lignin derived pyrolysis products in purified water
extracts (after ball-milling) of untreated and C. subvermispora treated wheat straw. Corrected for
RRF and relative abundance of 13 C analogues. Sum on the bases of structural classification (Table
S1) according to van Erven et al. (2018). 6 Average and standard deviation of analytical triplicates
on pooled biological triplicates. Codes refer to Figure 1.
S4 pure (weeks)
Recovery % (w/w) a

0

1

3

7

37

50

65

52

Lignin subunits (%)
H

7.4 ± 0.1

7.6 ± 0.0

8.3 ± 0.1

8.2 ± 0.1

G

67.8 ± 0.1

65.2 ± 0.4

58.9 ± 0.6

64.1 ± 0.4

24.8 ± 0.2

27.2 ± 0.4

32.8 ± 0.7

27.3 ± 0.4

0.37 ± 0.0

0.42 ± 0.0

0.56 ± 0.0

0.43 ± 0.0

Unsubstituted

3.5 ± 0.1

3.9 ± 0.1

5.6 ± 0.0

12.2 ± 0.1

Methyl

1.3 ± 0.0

1.4 ± 0.1

1.9 ± 0.0

2.3 ± 0.1

44.7 ± 0.4

39.8 ± 0.5

31.8 ± 0.9

37.3 ± 0.5

S
S/G
Structural moieties (%)

Vinyl
4-VP

b

4-VG c
C α -ox

5.6 ± 0.0

5.6 ± 0.0

5.3 ± 0.1

5.1 ± 0.0

37.3 ± 0.3

32.2 ± 0.6

23.9 ± 0.8

30.2 ± 0.5

12.6 ± 0.4

13.3 ± 0.2

23.2 ± 0.3

22.7 ± 0.2

G-diketone

0.3 ± 0.0

0.4 ± 0.0

1.4 ± 0.0

2.0 ± 0.1

S-diketone

0.3 ± 0.0

0.4 ± 0.0

2.1 ± 0.2

5.3 ± 0.2

vinylketone

0.4 ± 0.0

0.5 ± 0.0

0.7 ± 0.0

0.7 ± 0.0

2.2 ± 0.0

2.5 ± 0.1

4.0 ± 0.0

3.2 ± 0.2

33.9 ± 0.1

37.2 ± 0.3

31.3 ± 1.1

20.1 ± 0.6

C β -ox

d

C γ -ox
Miscellaneous

1.8 ± 0.0

1.9 ± 0.1

2.2 ± 0.0

2.1 ± 0.1

PhC γe

37.1 ± 0.1

40.8 ± 0.4

38.6 ± 1.2

29.4 ± 0.4

PhC γ-corrected f

36.0 ± 0.1

39.5 ± 0.4

34.5 ± 1.1

21.4 ± 0.7

of lignin in unpurified extracts. b 4-vinylphenol. c 4-vinylguaiacol. d excluding diketones e phenols with intact α,β,γ
carbon side chain. f phenols with intact α,β,γ carbon side chain, corrected for diketones and vinylketones.
a

Table S7. 1H-13C HSQC NMR and 1 H-13C HMBC NMR assignments of guaiacyl- and syringyl diketones
in DMSO-d 6 . Assignments are in accordance with previously reported spectra by Rahimi et al. 4
GDK
δ c (ppm)

SDK
δ H (ppm)

δ c (ppm)

δ H (ppm)

1

-

-

-

-

2

111.1

7.34

107.7

7.15

3

-

-

-

4

148.6

-

148.0

5

115.4

6.75

-

-

6

126.7

7.36

107.7

7.15

α

190.2

-

190.3

-

β

202.6

-

202.3

γ

26.4

2.42

26.4

2.44

-OCH 3

55.1

3.77

55.9

3.78

Table S8. Semiquantitative 1 H-13 C HSQC NMR structural characterization of purified acetone
extracts of untreated and C. subvermispora treated wheat straw.
S1-pure
0

1

3

7

Lignin subunits (%) a
H

4

6

1

1

G

62

59

43

30

G ox
S
S ox
S/G

0

1

13

40

29

30

25

13

4

4

18

17

0.5

0.6

0.8

0.4

13

10

4

2

8

3

0

0

39

46

23

13

Hydroxycinnamates (%) b
p-coumarate
ferulate
Flavonolignin (%) b
tricin
Lignin interunit linkages (%) b,c
β-O-4 G+H

8 (16)

8 (16)

6 (30)

0

β-O-4 S

10 (21)

12 (23)

7 (36)

3 (100)
0

β-O-4 C α -ox

5 (10)

3 (5)

0 (0)

β-O-4 tricin

19 (39)

23 (44)

6 (28)

0

42 (86)

46 (87)

19 (94)

3 (100)

β-5 phenylcoumarans

3 (6)

3 (6)

0 (0)

0

β-β resinols

4 (8)

3 (6)

1 (6)

0

49 (100)

53 (100)

21 (100)

3 (100)

1.4

0

0.8

10.9

0

0

3.3

10.5

total β-O-4 aryl ethers

total
β-O-aryl cleavage products (%)

b

HPV/HPS
DHPV/DHPS
a
b
c

relative distribution of lignin subunits (H+G+G ox +S+S ox =100)
relative volume integral of substructure versus volume integral of total lignin subunits
relative distribution of total interunit linkages in parentheses

Table S9. Semiquantitative 1 H-13 C HSQC NMR structural characterization of purified water extracts
(before ball-milling) of untreated and C. subvermispora treated wheat straw.
S2-pure
0

1

3

7

Lignin subunits (%) a
H

0

0

0

G

59

53

9

0

0

0

44

69

34

36

11

0

6

10

35

31

0.7

0.9

0.9

0.4

G ox
S
S ox
S/G

0

Hydroxycinnamates (%) b
p-coumarate

4

3

0

0

13

0

0

0

1

0

0

0

β-O-4 G+H

17 (38)

12 (34)

0

0

β-O-4 S

18 (41)

20 (55)

0

0

0 (0)

0 (0)

0

0d

ferulate
Flavonolignin (%)

b

tricin
Lignin interunit linkages (%) b,c

β-O-4 C α -ox
β-O-4 tricin

2 (5)

< 1 (< 1)

0

0

38 (85)

32 (89)

0

0

β-5 phenylcoumarans

4 (9)

2 (6)

0

0

β-β resinols

2 (5)

2 (5)

0

0

44 (100)

36 (100)

0

0

0.4

3.2

3.2

2.1

0

0.4

16.4

18.1

total β-O-4 aryl ethers

total
β-O-aryl cleavage products (%)
HPV/HPS
DHPV/DHPS

b

relative distribution of lignin subunits (H+G+G ox +S+S ox =100)
relative volume integral of substructure versus volume integral of total lignin subunits
relative distribution of total interunit linkages in parentheses
d
Due to required zooming, β-O-4 aryl ethers with two adjacent C α -carbonyls (A” ox) were not included in
semiquantitative analyses
a

b
c

5

Table S10. Semiquantitative 1H-13C HSQC NMR structural characterization of purified water extracts
of ball-milled untreated and C. subvermispora treated wheat straw.
S4-pure
0

1

3

7

Lignin subunits (%) a
H

3

2

1

1

G

43

44

29

28

G ox

16

15

23

32

S

29

29

28

20

S ox

10

10

19

18

0.7

0.7

0.9

0.6

S/G
Hydroxycinnamates (%) b
p-coumarate

8

7

5

4

45

37

27

20

<1

1

1

1

β-O-4 G+H

14 (45)

15 (44)

7 (57)

0

β-O-4 S

14 (47)

14 (42)

5 (43)

3 (100)

β-O-4 C α -ox

0 (0)

0 (0)

0

0

β-O-4 tricin

1 (5)

3 (9)

0

0

30 (97)

33 (95)

13 (100)

3 (100)

β-5 phenylcoumarans

1 (2)

1 (2)

0

0

β-β resinols

0 (0)

1 (2)

0

0

30 (100)

34 (100)

13 (100)

3 (100)

2.4

2.9

1.9

3.9

0

0.5

3.3

6.3

ferulate
Flavonolignin (%) b
tricin
Lignin interunit linkages (%) b,c

total β-O-4 aryl ethers

total
β-O-aryl cleavage products (%)
HPV/HPS
DHPV/DHPS
a
b
c

b

relative distribution of lignin subunits (H+G+G ox +S+S ox =100)
relative volume integral of substructure versus volume integral of total lignin subunits
relative distribution of total interunit linkages in parentheses

Table S11. 13C-IS py-GC-MS relative abundance of lignin derived pyrolysis products in saponified
purified water extract (before ball-milling) of seven weeks C. subvermispora treated wheat straw.
Corrected for RRF and relative abundance of 13C analogues. Sum on the bases of structural
classification (Table S1) according to van Erven et al. (2018). 6 Average and standard deviation of
analytical triplicates on pooled biological triplicates. Codes refer to Figure 1.
S2 pure ( 7 weeks)
Recovery % (w/w) a

without saponification

with saponification

n.a.

71

Lignin subunits (%)
H

10.1 ± 0.1

9.1 ± 0.2

G

57.3 ± 0.8

60.9 ± 0.7

32.6 ± 0.8

30.0 ± 0.7

0.57 ± 0.0

0.49 ± 0.0

S
S/G
Structural moieties (%)
Unsubstituted

14.0 ± 0.2

30.3 ± 4.1

Methyl

2.8 ± 0.1

3.2 ± 0.1

Vinyl

8.3 ± 0.4

9.9 ± 0.6

4-VPb

2.1 ± 0.1

2.3 ± 0.1

c

5.0 ± 0.2

6.4 ± 0.4

45.2 ± 1.8

35.3 ± 2.0

G-diketone

8.1 ± 0.5

2.8 ± 0.1

S-diketone

6.9 ± 0.3

5.7 ± 0.3

vinylketone

1.2 ± 0.0

1.3 ± 0.1

4-VG
C α -ox

C β -ox d

4.2 ± 0.2

3.6 ± 0.2

C γ -ox

23.9 ± 1.7

16.5 ± 1.4

Miscellaneous

1.7 ± 0.1

1.3 ± 0.1

PhC γe

43.8 ± 1.1

26.2 ± 1.7

PhC γ-corrected f

27.6 ± 1.8

16.4 ± 1.4

of lignin in purified extract. b4-vinylphenol. c 4-vinylguaiacol. d excluding diketones. e phenols with intact α,β,γ
carbon side chain. f phenols with intact α,β,γ carbon side chain, corrected for diketones and vinylketones.
a

Table S12. Semiquantitative 1 H-13 C HSQC NMR structural characterization of saponified purified
water extract (before ball-milling) of C. subvermispora treated wheat straw.
S2-pure (7 weeks)
without saponification

with saponification

Lignin subunits (%) a
H

0

G

0

9

G ox

69

58

0

S

0

6

S ox

31

27

0.4

0.5

p-coumarate

0

0

ferulate

0

0

0

0

β-O-4 G+H

0

4

β-O-4 S

0

2

β-O-4 C α -ox

0

0

β-O-4 tricin

0

0

0

0

β-5 phenylcoumarans

0

0

β-β resinols

0

0

0

0

HPV/HPS

2.1

1.0

DHPV/DHPS

18.1

4.7

S/G
Hydroxycinnamates (%) b

Flavonolignin (%) b
tricin
Lignin interunit linkages (%) b

total β-O-4 aryl ethers

total
β-O-aryl cleavage products (%)

a
b

b

relative distribution of lignin subunits (H+G+G ox +S+S ox =100)
relative volume integral of substructure versus volume integral of total lignin subunits
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The white-rot fungus Ceriporiopsis subvermispora delignifies plant biomass
extensively and selectively and, therefore, has great biotechnological potential. We
previously demonstrated that after 7 weeks of fungal growth on wheat straw 70%
w/w of lignin was removed and established the underlying degradation mechanisms
via selectively extracted diagnostic substructures. In this work, we fractionated the
residual (more intact) lignin and comprehensively characterized the obtained
isolates to determine the susceptibilities of wheat straw lignin’s structural motifs
to fungal degradation. By using
analyses,

it

was

shown

13

that

C-IS py-GC-MS, HSQC NMR,
β-O-4’

ethers

and

the

31

P NMR, and SEC

more

condensed

phenylcoumarans and resinols were equally susceptible to fungal breakdown.
Interestingly, for β-O-4’ ether substructures marked cleavage preferences could
be observed: β-O-4’-syringyl substructures were degraded more frequently than
their

β-O-4’-guaiacyl

and

β-O-4’-tricin

analogues.

Furthermore,

diastereo-

chemistry (threo > erythro) and γ-acylation (γ-OH > γ-acyl) influenced cleavage
susceptibility. These results indicate that electron density of the 4’-O-coupled ring
and local steric hindrance are important determinants of oxidative β-O-4’ ether
degradation. Our findings provide novel insight into the delignification mechanisms
of C. subvermispora and contribute to improving the valorization of lignocellulosic
biomass.

Most of the terrestrial fixed carbon is contained in lignocellulosic biomass,
consisting mainly of cellulose, hemicellulose and lignin. The aromatic lignin
polymer plays a pivotal role in carbon recycling as it protects the polysaccharides
within lignocellulose against (enzymatic) conversion. Degradation of lignin is a
crucial step in nature and is a principal goal for the industrial upgrading of
lignocellulosic biomass aiming at the efficient utilization of cellulose, hemicellulose
and lignin to produce biomaterials, animal feed, biochemicals and biofuels. 1-4
Whereas nature’s strategy to overcome lignin’s recalcitrance is largely ba sed on
white-rot fungi, industry currently relies on severe thermochemical pretreatments
that consume extensive amounts of energy and chemicals. 5-7 Unaccompanied by
such environmental impact, several white-rot fungal species degrade lignin
selectively,

without

extensively

modifying

and/or

degrading

cellulose

and

hemicellulose. 8-9 Biological pretreatment as a more sustainable alternative to the
physical and/or chemical pretreatment processes that are currently applied in
industry is, therefore, increasingly receiving attention.10-12
A particularly promising white-rot fungus is Ceriporiopsis subvermispora. The
unique effectivity and selectivity of this fungus for plant biomass delignification
greatly

improves

ruminal

and

enzymatic

degradability

of

the

remaining

polysaccharides. 13-17 Furthermore, this biological delignification is not resulting in
inhibitory compounds for downstream processes commonly produced through
chemical pre-treatment. 18-19 The potential of this fungus has, therefore, been
tested for a range of biotechnological applications, including biofuel production 18
and biopulping.20-21
An unsolved issue, impairing its industrial application thus far, is the low time efficiency of fungal delignification processes, i.e. fungal growth for extensive
delignification can take up to ten weeks. 4,

22

be

understanding

achieved

through

increasing

our

Improving this time-efficiency might
of

the

delignification

mechanisms at the molecular level. This insight contributes to the identification of
the rate-limiting step(s) in the (enzymatic) oxidative process and, furthermore,
might enable the selection of substrates that are more fit-for-purpose. Yet, the
underlying delignification mechanisms are far from completely understood.
Most of our understanding of the delignification strategies employed by C.
subvermispora is deduced from lignin model compound studies combined with
genomics and proteomics research, rather than through characterization of its
action on native lignin as present in lignocellulosic biomass. 23-28 As lignin model
compounds usually comprise of simple dimeric structures, such structures can
never fairly represent degradation reactions of polymeric lignin contained in
lignocellulose.
Within plant biomass, lignin occurs as a heterogeneous cross-linked macromolecule
that, in grasses, is composed of p-hydroxyphenyl (H), guaiacyl (G) and syringyl
(S) subunits. These subunits are linked through a variety of aryl ether and carbon-

6

carbon interunit linkages, of which the β-O-4’ aryl ether is the most abundant
(∼80%). The latter β-O-4’ aryl ethers are present as two diastereomeric pairs of
enantiomers, threo (RR/SS) and erythro (RS/SR), of which the ratio is largely
determined by the subunits of the interunit linkage (Figure 1). 29-32.

B
A

B

B

A

erythro α-R, β-S

B

A

A

threo α-R, β-R

erythro α-S, β-R

threo α-S, β-S

Figure 1. Diastereomers of β-O-4’ aryl ethers. Dotted lines represent –H or –OCH 3 in guaiacyl and
syringyl units, respectively. Wavy lines indicate main positions of further coupling wit hin lignin.

To add to the structural complexity of lignin, in grasses, these interunit linkages
are partially esterified at the γ-OH position with acetate and p-coumarate.30,

33

Additionally, a variety of ferulate and diferulate substructures is etherified to grasstype lignin, functioning as cross-linking agents between lignin and carbohydrate
moieties, thereby resulting in so-called lignin-carbohydrate-complexes (LCCs). 34-35
Recently, the view on grass-type lignins complexity was even further extended, as
the flavonoid tricin was found to be an integral part of this macromolecule. 30, 36-37
Although the structure of grass lignin is highly complex, C. subvermispora is able
to effectively degrade this aromatic polymer. 13 For this purpose, the fungus relies
on an oxidative enzymatic machinery that mainly depends on manganese
peroxidases (MnP) and H 2O2 generating aryl alcohol oxidases (AAO) and to a lesser
extent on laccases, while lignin peroxidases (LiP) and versatile peroxidases (VP),
commonly found in other white-rot fungi, are absent. 23-25 Instead, the fungal
genome was found to encode two enzymes with LiP/VP-like activity, though
secretome and transcriptome analyses failed to confirm their actual production
during fungal growth on lignocellulose. 23-25 The collective action of the oxidative
enzymes likely concerts with diffusible low-molecular weight mediators, as lignin
degradation occurs before the secondary cell wall porosity would allow enzymes to
penetrate.38-41 The exact nature and role of these mediating oxidants as well as
the reactions they catalyze, however, remain unresolved. 39-40, 42-44
So far, few studies have been dedicated to the structural modification of actual
lignocellulosic biomass during degradation by C. subvermispora. The studies that
were conducted focused on the biodegradation of wood, of which the lignin
structurally strongly differs from grasses. Some studies demonstrated that β -O-4’
aryl ethers were cleaved during fungal growth, but the underlying cleavage
mechanisms and relative susceptibilities of the various substructures could not be
elucidated. 45-47 Yelle et al. found that spruce wood β-O-4’ aryl ethers were majorly
degraded

through

C α -Cβ

cleavage

and

that

this

degradation

proceeded

diastereoselectively for the threo-form. 48 Contrarily, by analyzing entire fungaltreated wheat straw samples in situ, we recently showed that grass lignin is
degraded through a combination of C α -Cβ and Cβ -O-aryl ether cleavages. 13 The
ligninolysis pathways were unambiguously confirmed through multidimensional
NMR analyses of extracts containing diagnostic substructures. 49 Despite this
unprecedented

in

situ

mechanistic

insight,

detailed

information

on

the

susceptibility of specific structural motifs within the lignin macromolecule,
particularly those exclusively occurring in grass lignins, is yet to be obtained.
Understanding of such cleavage preferences might be derived from remaining
intact substructures.
To shed further light on lignin deconstruction by C. subvermispora, this research
aimed to comprehensively map the remaining intact lignin structures during the
fungus’ growth on wheat straw. Thereto, lignin in untreated and fungal-treated
wheat straw after 1, 3 and 7 weeks of fungal growth was quantitatively fractionated
and extensively characterized by using quantitative
31

P NMR,

and

size-exclusion

chromatography

13

C-IS py-GC-MS, HSQC and

(SEC).

We

show

that

C.

subvermispora degraded wheat straw lignin with a marked preference for β-O-4’S substructures over their β-O-4’-G and β-O-4’-tricin counterparts. These β-O-4’
ethers were, furthermore, diastereoselectively removed with a clear threopreference. Acylation of the γ-OH moieties was shown to yield substructures more
resistant against fungal attack, and as a result these substructures accumulated in
the fungal-treated residue.

Materials. All chemicals were obtained from commercial suppliers and used
without further purification. Water used in all experiments was purified via a MilliQ water system (Millipore, Billerica, MA, USA).
Preparation of fungal-treated wheat straw. Ceriporiopsis subvermispora (CBS
347.63, Cs1) was used in this study. 13, 15, 50 Procedures for fungal strain preparation
and solid-state pretreatment of the wheat straw have been previously described in
detail. 13, 15, 50 Biological triplicates of wheat straw treated for 0, 1, 3 and 7 weeks
showed minimal variation and, therefore, were thoroughly mixed in equal dry
matter amounts to one replicate for further experiments and analyses. 15.
Lignin fractionation. Lignin in untreated and fungal-treated wheat straw was
fractionated according to modified procedures of Björkman and Chang et al. as
presented in Figure 2. 51-52 Fractionation steps 1-4 have been described in our
previous work, and therefore, will only be briefly described here. 49 Ground wheat
straw (~13 g; untreated and fungal-treated) was soxhlet-extracted in triplicate
with acetone and the residue was dried under reduced pressure to obtain R1.
Triplicates of R1 were mixed to one replicate and extracted with water in duplicate.
Residues obtained through centrifugation were freeze-dried to obtain R2. Dried

6

duplicates were combined and planetary ball-milled by using a PM100 planetary
ball mill (Retsch, Haan, Germany) in batches of 3 g per 50 mL zirconium dioxide
(ZrO 2) beaker containing 17 φ10 mm ZrO 2 balls, at 600 rpm with a net milling time
of 4 h (excluding 10 min pauses after every 15 min of milling).

Untreated/Fungal-treated straw R0
1. Acetone extraction

S1

R1
2. Water extraction

S2

R2
3. Planetary ball milling
R3
4. Water extraction

S4

R4
5. Aqueous dioxane extraction

S5: free

R5
6. Enzymatic carbohydrate removal

S6

R6
7. Aqueous dioxane extraction

S7: bound

R7: residue
Figure 2. Fractionation scheme for untreated and C. subvermispora treated wheat straw.
Fractionation steps 1-4 have been described in our previous work. 49 This works describes
fractionation steps 4-7, indicated with a dashed box. R: insoluble residue, S: soluble fraction.

The fractionation was continued in duplicate with two portions of 12 g milled
material (R3). The remainder of the fractionation procedure was continued using
these duplicates, i.e. samples were never mixed after the respective steps. R3 was
water-extracted at 5% (w/w) dry matter loading under rotary shaking (20 rpm) at
50 °C for 18 h. Insoluble material was removed by centrifugation (38,400xg, 10
min, 20 °C) and washed twice with 130 mL of water before the material was freeze-

dried to obtain R4. The dried residue (R4) was subsequently suspended in 80%
(v/v) aqueous dioxane at 10% (w/w) dry matter loading and extracted twice (2 x
24 h) at room temperature with magnetic stirring (500 rpm) under nitrogen
atmosphere. The supernatants were recovered by centrifugation (30,000xg, 5 min,
20 oC) and combined. The resulting combined supernatants and the residue were
freeze-dried, washed with water to remove traces of dioxane, and freeze-dried
again to obtain the dioxane soluble fraction S5, further referred to as ‘free lignin’,
and the dioxane insoluble fraction R5. R5 was incubated at 5% (w/w) dry matter
and 0.025% (w/w) ViscoStar 150L protein loading in 170 mL 50 mM sodium acetate
at pH 4.8 with rotary shaking (20 rpm) at 50 °C for 16 h. Insoluble material was
removed by centrifugation (30,000xg, 5 min, 20 °C) and washed twice with 170
mL of water before the material was freeze-dried to obtain R6. R6 was dioxane
extracted in the same manner as described for R4, but without pooling the
supernatants after both extraction cycles. The resulting dioxane soluble fractions
(S7-1 and S7-2) and the insoluble fraction (R7) are further referred to as ‘bound
lignin’ and ‘residual lignin’, respectively. After every fractionation step about 150
mg freeze-dried material was kept apart and stored at -20 oC for further analyses.
Quantitative py-GC-MS with

13

C lignin as internal standard. Analytical

pyrolysis coupled to gas chromatography with mass spectrometric detection (DSQII,

Thermo

Scientific,

Waltham,

MA,

USA)

was

performed

described. 13, 49, 53 To each sample (~80 µg), 10 µL of a

13

as

previously

C lignin internal standard

(IS) solution (1 mg mL -1 ethanol/chloroform 50:50 v/v) was added and dried prior
to analysis. All samples were prepared and analyzed in triplicate. Lignin-derived
pyrolysis products were monitored in selected ion monitoring (SIM) mode on the
two most abundant fragments per compound (both

12

C and

13

C). Pyrograms were

processed by Xcalibur 2.2 software. Lignin contents and relative abundances of
lignin-derived pyrolysis products were calculated as described previously. 13, 49
2D HSQC NMR spectroscopy. Around 25 mg of lignin isolate was dissolved in
0.25 mL DMSO-d6 containing 0.01 M chromium(III) acetylacetonate (Cr(acac) 3)
and pipetted into a Shigemi microcell. 2D heteronuclear single quantum coherence
(HSQC) NMR was performed according to previously described methods. 30, 54-55 The
spectra

were recorded at 25 °C

with Bruker’s standard pulse sequence

“hsqcetgpsisp2.2” on a Bruker AVANCE III 600 MHz NMR spectrometer (Bruker
BioSpin, Rheinstetten, Germany) equipped with a 5 mm cryoprobe located at
MAGNEFY (MAGNEtic resonance research FacilitY, Wageningen, The Netherlands)
using the same settings as described elsewhere. 49 HSQC correlation peaks were
assigned by comparison with literature. 30,

56-61

Semiquantitative analysis of the

volume integrals was performed according to del Río et al. by using TopSpin 4.0.5
software (Bruker), with previously published modifications. 13,
colorized by using Adobe Illustrator software.

30, 49

Contours were

6

31

P NMR spectroscopy.

30 mg of lignin

31

P NMR was performed as previously described. 62 Around

isolate was mixed with 100 μL

N,N-dimethylformamide

(DMF)/pyridine (50:50 v/v) and 100 μL pyridine containing 15 mg mL-1
cyclohexanol as internal standard and 2.5 mg mL-1 Cr(acac) 3 as relaxation agent
and stirred overnight to dissolve. Derivatization of the dissolved lignins was
performed by the addition of 2-chloro-4,4,5,5-tetramethyl-1,3,2-dioxaphopholane
(100 μL pre-mixed with 400 μL of deuterated chloroform). The phosphitylated
lignins were measured on a Varian 400 MHz spectrometer using a standard
phosphorus pulse sequence with 30° pulse angle (zgig30), inverse gated proton
decoupling, interscan delay of 5 s and 256 scans. Signals were assigned according
to Granata and Agyropoulos (1995) and integrated by using MestReNova 10
software. 63
Size-exclusion chromatography (SEC).
described by Constant et al. (Method D).

64

Alkaline SEC was performed as

Briefly, lignin isolates were dissolved in

0.5 M NaOH (eluent) in a concentration of 1 mg mL -1 and the separation was
performed by using two TSKgel GMPWxl columns (7.8 x 300 mm, particle size 13
μm) in series equipped with a TSKgel guardcolumn PWxl (6.0 x 40 mm, particle
size 12 μm). Absorption was monitored at 280 nm with an ultraviolet spectroscopy
detector. Sodium polystyrene sulphonate (PSS) standards and phenol were used
for calibration. Protobind ™ 1000 lignin (GreenValue S.A, Switzerland) was used as
reference.
Organic SEC analyses were performed as previously described. 65 Briefly, lignin
isolates were dissolved in DMSO containing 0.5% (w/v) LiBr (eluent) in a
concentration of 10 mg mL -1 and filtered through a 0.45 μm PTFE filter before
injection. The separation was performed by using a Agilent PL gel guard column
(7.5 x 50 mm) and three Agilent PolarGel M columns (7.5 x 300 mm, particle size
5 μm) in series. 66 Protonated PSS standards were utilized for calibration of the
columns and RI and UV (280 nm) for detection. In order to obtain a more accurate
molar mass correction factors from multi-angle light scattering (MALS) were
applied as previously described. 65
Carbohydrate content and composition. Carbohydrate content and composition
was determined in duplicate as constituent monosaccharides after acid hydrolysis
by a modified method reported by Englyst & Cummings (see Supporting
Information for details). 67

Fungal delignification of wheat straw. We previously described that C.
subvermispora is able to effectively and selectively delignify wheat straw during
seven weeks of growth (70% (w/w) lignin removal, 90% (w/w) carbohydrate
retention) and showed through in situ analyses that the residual lignin was
extensively altered in structure (see Figure S1 and Table S1 for new data of

additional time-points). 13 Though the use of these in situ analyses ensured that
the entire sample was analyzed, the whole-cell wall NMR analyses suffered from
overlapping carbohydrate signals in the interunit linkage region. To allow a more
comprehensive and in-depth structural characterization of residual lignin in fungal
treated straw, lignin was fractionated according to the scheme presented in Figure
2. In recent work, we showed that diagnostic truncated structures were selectively
extracted in fractionation steps 1-4, which enabled us to elucidate multiple in situ
delignification pathways. 49 In the current work, we focused on the intact structural
motifs that remained after fungal action to determine their relative susceptibilities
to degradation. To that end, we analyzed the lignin remaining in the ball-milled
water insoluble residue (R4). Similar relative amounts of lignin (∼70% w/w) were
recovered in this fraction for all time-points, allowing a fair comparison. 49
Fractionation of untreated and fungal-treated wheat straw lignin. Lignin in
the ball-milled water-insoluble residue (R4) was quantitatively fractionated into
‘free’, ‘bound’ and unextractable (residue) lignin, achieving > 90% recovery in
these three fractions at all time-points (Figure 3).

Lignin recovery
% (w/w) of R4

100
80

60

6

40

20
0
0

1

3

7

Time (weeks)
free

bound

residue

Figure 3. Recovery of lignin isolates. Recoveries were determined by using 13 C-IS py-GC-MS.
Average and standard deviation of analytical duplicates of fractionation duplicates. One
fractionation replicate was obtained for bound and residue fractions of the week 1 sample. See
Figure 2 and the experimental section for lignin fractionation details. ‘Free’ directly dioxane extractable, ‘bound’ dioxane-extractable after enzymatic carbohydrate degradation, ‘residue’
dioxane unextractable.

A slight, but significant (P < 0.05) increase in unextractable lignin (res) was found
after 3 and 7 weeks of fungal treatment, although at all time-points the combined
extractable fractions (free + bound) summed up to ~80% of R4. Hence, the lignin
fractions obtained were considered highly representative of the total lignin as
present in the (residual) starting material. Yields for ‘free’ and ‘bound’ lignin were
comparable to what has previously been reported for similar lignin isolations from
untreated wheat straw. 30,

68-69

In order to obtain a representative sample without

unintentional degradation and further fractionation, the lignin isolates were not
chemically purified. 51-52 The purities of the crude isolates were comparable to what
has previously been achieved with isolation schemes in which chemical workup was

omitted (Table S2).51-52,

69

In all isolates, carbohydrates were the major impurity

and ranged from 14-26% (w/w). Other impurities most likely comprised fungal
metabolites, especially in free lignin fractions.
Structural features of lignin isolates. Besides yield, also structure-wise the
obtained isolates were highly representative of the lignin present in R4 (Table S3
and Table S4). Note that in regular py-GC-MS analyses, i.e. in the absence of
methylating agents such as tetramethylammonium hydroxide (TMAH), the origin
of vinyl products cannot be deduced. 70-71 Upon pyrolysis, these products arise from
lignin’s

interunit

linkages

as

well

from

decarboxylation

reactions

of

hydroxycinnamic acids, in grasses mainly ferulate and p-coumarate, yielding 4vinylguaiacol and 4-vinylphenol, respectively. 30,

71

Compared to R4, the isolates

showed very similar relative distributions of pyrolysis products, except for a
decrease in such vinyl products. As ferulates and to lesser extents p-coumarates
are attached to polysaccharides, they were more retained in the dioxane-insoluble
residue R7 (Table S5). Furthermore, these substructures were partially solubilized,
and hence removed, during enzymatic carbohydrate removal (data not shown).
The fact that the fractions R4 and R7 showed close to identical relative distributions
of pyrolysis products, further highlights that representative isolates were obtained.
Additionally, this implied that R7, with low lignin contents (6-13% w/w), could be
fairly excluded from detailed structural analyses without affecting the overall
insights obtained.
SEC analyses of the isolates confirmed that polymeric lignins were obtained, also
after fungal growth (Figure S2). Alkaline SEC of free lignin isolated from untreated
straw showed a weight-average (M w) molecular mass of 3535 g mol -1 and a
number-average (M n) molecular mass of 1650 g mol -1, resulting in a relatively
narrow dispersity (M w /Mn, Ð) of 2.1, which is in agreement with previous lignin
isolations from wheat straw. 30,

69

Bound lignin of untreated straw showed

considerably larger molar masses, with 5280 g mol -1 and 2155 g mol-1, for M w and
M n, respectively, again displaying a relatively narrow dispersity (Ð ~2.5).
Considerably higher molecular weights of the untreated isolates were obtained by
organic SEC analyses, in particular after employing correction factors for the
conventional calibrant calculated on the basis of SEC-MALS (multi-angle light
scattering) analyses (Mw,free 17630 g mol -1, Mw,bound 29920 g mol -1).65 Although
higher dispersities were obtained by organic SEC analyses (Ð ~3.6), they were still
lower than reported for a comparable lignin isolate (Ð ~5) that was analyzed in
the same manner. 65 All lignin isolates of fungal treated samples exhibited
comparable dispersities and displayed only a slightly decreasing trend in M w over
fungal growth time (Figure S2).
A closer look at the py-GC-MS analyses indicated a slight decrease of S-units in
the lignin isolates during fungal growth (H:G:S t=0 9:63:29 vs H:G:S t=7 9:67:24 in
‘free’ isolates), besides an increase of C α -oxidized and unsubstituted pyrolysis
products at the expense of products with an intact three-carbon side-chain (PhCγ)

(Table S4). As discussed previously for the whole samples, these observations
indicated the presence of degraded interunit linkages. 13 The presence of truncated
structures was further demonstrated by substantial levels of benzyl diketones ,
pyrolysis

markers

for

dihydroxypropiovanillone/syringone

substructures. 49

Assignment of the specific linkages that were degraded during fungal growth was
further substantiated by HSQC NMR analyses. Representative HSQC NMR spectra
of ‘free’ isolates of untreated and 7 weeks C. subvermispora treated wheat straw
are presented in Figure 4, for which assignments were based on literature. 30, 56-61

6

Figure 4. Aliphatic (A) and aromatic (B) regions of 1 H-13C HSQC NMR spectra of ‘free’ lignin isolates
from untreated (left) and seven weeks C. subvermispora treated (right) wheat straw and annotated
substructures (C). Dotted lines represent –H or –OCH 3 . Wavy lines indicate main positions for
further coupling. Chemical shift assignments are reported in Table S6. Unassigned signals in grey;
amino acid residues (Phe, phenylalanine) in black. The aromatic regions of ‘free’ lignin isolates
presented correlation peaks of impurities and/or isolation artifacts, at similar intensities in
untreated and treated samples. These unassigned peaks could be removed by classic Björkman
chemical purification, but this purification also led to further fractionation of the lignin due to the
fact that a major part of the lignin remained insoluble in 2:1 dichloroethane:ethanol (data not
shown). 51 As the unassigned peaks were well resolved and therefore expected not to interfere with
our analysis, purification of the samples was not performed.

As mentioned above, especially the aliphatic region (δC/δH 50-90/2.5-6.0)
benefitted from lignin isolation and showed clear lignin-derived signals (Figure 4A).
Several substructures of the β-O-4’ interunit linkages could be resolved. Besides
the often-reported distinction between acylated (A’ γ) and non-acylated, γ-OH
substructures (A γ), we also distinguished β-O-4’ linkages to tricin (A T) from those
linking lignin subunits (A), by their respective C β /Hβ correlations. 61 Note that other
β-O-4’ aryl ether substructures bound to S-units with electron-withdrawing
substituents might overlap with the A Tβ correlation peak. 56 However, most, if not
all

of the signal is constituted by S/G-β-O-4’-T

units as deduced

from

semiquantitative analyses of the volume integrals of the A Tβ and T 2’,6’ peaks.
S/G-β-O-4’-S and S/G-β-O-4’-G linkages, where the 4’-linked subunit represents
ring B in Figure 1, were, furthermore, clearly resolved. In addition, the C β /Hβ
correlations of the erythro and threo diasteromers of S/G-β-O-4’ linkages to Sunits presented well-isolated signals. The diastereomers linked to G-units could,
as expected, not be discriminated. 56 Phenylcoumaran (β-5’) and resinol (β-β’)
substructures were readily observed as well, whereas C α -oxidized (α-keto) β-O-4’
substructures required higher zoom levels in the isolates of 7 weeks treated straw.
Dibenzodioxocins

(5-5’/4-O-β’)

and

spirodienones

(β-1’/α-O-α’)

were

only

observed at zoom levels where other correlation peaks started to overlap, and
were, therefore, excluded. In the aromatic region (Figure 4B), typical wheat straw
lignin signals were observed (S2,6, G2, H2,6 and several tricin (T), pCA and FA related
signals). 30,

72

Several signals related to C α -oxidized aromatic units became more

apparent in fungal treated samples. 13 A summary of the semiquantitative analyses
of the volume integrals (Figure 4) is presented in Table 1 for main aromatic units
and in Figure 5 for interunit linkages.
Table 1. Semiquantitative HSQC NMR structural characterization of lignin isolates of residual wheat
straw during growth of C. subvermispora.
Free (weeks)
0
Lignin subunits (%)

1

3

Bound (weeks)
7

0

1

3

7

a

H

3

3

3

2

3

3

3

3

G

59

60

55

55

57

56

57

62

G ox
S
S ox
S/G

0

1

6

11

0

1

2

4

35

33

28

23

40

38

33

28

3

3

7

9

1

2

5

4

0.6

0.6

0.6

0.5

0.7

0.7

0.6

0.5

10

9

11

13

5

5

4

4

5

5

6

4

5

6

6

6

13

12

14

15

6

6

7

9

Hydroxycinnamates (%) b
p-coumarate
ferulate
Flavonolignin (%) b
tricin
a
b

relative distribution of lignin subunits (H+G+G ox +S+S ox =100)
relative volume integral of substructure versus volume integral of total lignin subunits

Besides the use of an adiabatic pulse sequence, semiquantitative analyses
benefited from the relatively similar polydispersities of the lignin isolates, given
the fact that quantification accuracy is largely dependent on the molecular weight
distribution of the components in the sample. 73-74 In an attempt to further improve
the accuracy, the HSQC spectra were recorded in the presence of Cr(acac) 3, a
relaxation agent that is commonly employed in 1D NMR analyses, like

13

C and

31

P

NMR, but is, to the best of our knowledge, not considered for application with HSQC
NMR analysis. 64,

75

We found that the presence of Cr(acac) 3 reduced the

overestimation of pendant/end-group units attached to the lignin polymer (p-CA,
FA, and T; Table 1 and Table S7). 30, 37, 55 In addition, we noticed a suppression of
resinol substructructures in the presence of Cr(acac) 3, which could analogously
indicate that they occur as pendant units. The other structural characteristics,
including those targeted by fungal action were not extensively affected (Table S7).
Therefore, the addition of Cr(acac) 3 might help to provide more accurate insight
into the actual distribution of lignin’s structural features by HSQC NMR.
The overall lignin subunit composition of both the ‘free’ and ‘bound’ isolates (Table
1) matched very well with what we previously observed by using whole cell wall
NMR on unfractionated samples. 13 Again, a preference for the removal of S units
could be recognized (H:G:S t=0 3:59:38 vs H:G:S t=7 2:66:32 in ‘free’ isolates). C α oxidized substructures steadily accumulated upon fungal action and were
predominantly found in ‘free’ lignin isolates, where they comprised up to 20% of
all lignin subunits after 7 weeks of fungal growth (Table 1). Tricin and p-CA
substructures accumulated during fungal growth as well, whereas ferulates
appeared rather stable. These findings will be further discussed in the next section.
Susceptibility of lignin’s structural motifs to fungal degradation. Fungal
action resulted in a clear reduction of intact interunit linkages in both ‘free’ (71 to
50 per 100 subunits) and ‘bound’ (68 to 53 per 100 subunits) lignin fractions during
7 weeks of treatment (Figure 5). With the decrease in intact interunit linkages, C αoxidized substructures increased, without concomitant increase in C α -oxidized βO-4’ interunit linkages. Therefore, we imply that the signal of C α-oxidized
substructures originated from cleavage products that remained attached to the
polymer. The latter is inferred from the fact that no low molecular weight material
was present in the lignin isolates (Figure S2). Though the intact interunit linkages
clearly decreased upon fungal action, the molecular weight of isolated lignins
remained rather constant, which might point to the occurrence of repolymerization
reactions (Figure 5 and Figure S2). Such repolymerization reactions, presumably
driven by radical chemistry, might also have involved some (initially released) C αoxidized substructures.
In accordance with these findings,

31

P NMR showed an increase in carboxylic acid

residues during fungal growth as well as an increase in phenolic hydroxyl groups
(Table S8). Neither py-GC-MS, nor HSQC-NMR analyses suggested the presence of
demethylated subunits and, therefore, we infer that the increase in phenolic

6

hydroxyl groups was solely due to the cleavage of phenolic and non-phenolic
interunit linkages. 76 We conclude that the rate of formation of free phenolic
hydroxyl groups exceeded the rate of removal and consequently that free phenolic
subunits were not preferentially targeted over their non-phenolic analogs, even
though the former subunits are generally regarded to be more susceptible to
(enzymatic) oxidative degradation. 77-78
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Figure 5. Semiquantitative HSQC NMR analysis of intact interunit linkages in lignin isolates of
residual wheat straw during growth of C. subvermispora. A, B: free lignin isolates; C, D: bound
lignin isolates. Ar: aromatic rings.

Our results showed that the relative proportion of β-O-4’ aryl ethers (total) to β5’and β-β’ substructures was relatively constant during fungal growth (Figure
5B,D). The more condensed C-C linked structures, thus, appeared to have a similar
susceptibility to fungal degradation/removal as compared to β-O-4’ aryl ethers.
Conflicting results have previously been reported on the susceptibility of condensed
linkages to degradation by C. subvermispora. Using model compounds, Daina et
al. showed that a phenolic β-5’ phenylcoumaran structure was efficiently degraded,
whereas its non-phenolic counterpart was almost completely resistant. 28 In actual
biomass, a preferential removal of β-O-4’ aryl ethers as compared to condensed
linkages was found in loblolly pine, whereas β-5’ phenylcoumarans and β-β’
resinols seemed more effectively removed from white spruce. 45, 48 It is important
to note that the latter observations were derived from isolates that were obtained
in low yields (< 5%), due to which it cannot be excluded that certain lignin

populations were underrepresented. Not only the type of interunit linkage, but also
the substructures the linkage consists of, e.g. the A and B-ring subunits, might
influence the susceptibility to degradation.
Indeed, in wheat straw, the different substructures of the β-O-4’ aryl ethers
showed pronounced differences in cleavage susceptibility. β-O-4’ aryl ethers linked
to S-units (ring B, Figure 1) were found to be considerably more degraded by C.
subvermispora than their counterparts linked to G-units (S/G-β-O-4’-S > S/G-βO-4’-G). After 7 weeks of fungal growth, β-O-4’-S units were depleted by
approximately 40% in both ‘free’ and ‘bound’ fractions, whereas β-O-4’-G units
were depleted by 19% and 6% in these fractions, respectively (Figure 5).
S-units have previously been described to be more susceptible to fungal action
than G-units and this was suggested to be caused by a lower redox potential and
absence of condensed carbon-carbon linked structures as an effect of the additional
methoxyl group in S-units.79 We show that the preferential degradation of S-units
was maintained also within interunit linkages of the same type and, thus, that the
preference is not only due to the degree of condensation. More specifically, our
results indicated that the cleavage of β-O-4’ aryl ether linkages was influenced by
the degree of methoxylation of the 4’-O-coupled subunit. Due to the fact that β-O4’ ethers differing in degree of methoxylation of subunit A are not resolved in
(regular) HSQC NMR spectra of non-acetylated samples, it cannot be further
specified whether the degree of methoxylation also affected the cleavage of
linkages attached to the 1’-position of that subunit.
In addition, when the 4’-O-coupled ring was part of a tricin molecule that was
incorporated into the lignin polymer, the susceptibility to degradation was reduced
even further. In ‘free’ as well as ‘bound’ lignin fractions β-O-4’-tricin aryl ethers
relatively accumulated and this effect was largest in the latter fractions (Figure 5D,
β-O-4’-tricint=0 10% vs β-O-4’-tricin t=7 15%).
Besides the structure of the B-ring, diastereochemistry was shown to impact the
susceptibility to degradation of β-O-4’ aryl ethers (Table 2). By comparing the
threo and erythro-diastereomers of β-O-4’-S units during fungal growth we found
that these linkages were depleted with a marked threo-preference. This gave rise
to an increase in the erythro/threo ratio in the ‘free’ lignin isolates from 2.2 to 4
after 7 weeks of fungal growth (Table 2). ‘Bound’ lignin isolates also displayed the
diastereoselective removal of β-O-4’ units, although to much lower extents.
Table 2. Degree of γ-acylation and diastereomer ratio of β-O-4’ aryl ethers in lignin isolates of
residual wheat straw during growth of C. subvermispora. Determined by using semiquantitative
HSQC NMR.
Free (weeks)

Bound (weeks)

0

1

3

7

0

1

3

7

γ-acylation (%)

10

13

14

16

23

24

23

25

erythro/threo a

2.2

2.6

2.8

4.0

2.6

2.5

2.9

2.9

ratio of A β (S/G-S) erythro and A β (S/G-S) threo , diastereomers for β-O-4’ aryl ethers coupled to G-units were not
resolved
a

6

The formation of threo or erythro diastereomers during lignin biosynthesis is
determined by both of the subunits (ring A and B) the linkage is bound to. While
S-units

preferentially

form

erythro

diastereomers,

also

reflected

in

the

erythro/threo ratio of untreated straw lignin isolates, G-units link without a
diastereomeric preference. 31 Based on selectivity for threo-diastereomers alone, a
preferential removal of β-O-4’ aryl ethers linked to G-units might, thus, be
expected. The fact that a total preference for the removal of β-O-4’-S units still
prevailed, could indicate that the degree of methoxylation of the B-ring is a
stronger determinant for susceptibility than stereoisomerism. Diastereoselectivity
for the degradation of the threo-isomers by C. subvermispora has been
demonstrated before on spruce wood, consisting entirely of G-units. 48
Even though tricin takes part in the same combinatorial radical coupling processes
that occur between monolignols, with its dimethoxylated ring acting like a regular
S-unit, it is uncertain whether tricin’s B-ring steers the formation of diastereomers
in a similar fashion. 31,

36

Tricin is considered to be incorporated in the

macromolecule majorly via binding to G-units (G-β-O-4’-tricin), so it can be
postulated that the tricin bound β-O-4’ aryl ethers should be present without a
clear diastereomeric preference. 31,

37

The latter was also observed in tricin

oligolignols extracted from maize and biomimetic coupling reactions between
coniferyl alcohol and tricin. 36, 80 Thus, the fact that tricin-containing substructures
appeared more resistant against fungal degradation, is unlikely to be an effect of
stereochemistry alone. A slight shift in the ratio of the correlation peaks belonging
to β-O-4’ tricin substructures was observed, which does suggest a different
susceptibility of the different isoforms of tricin-containing substructures. C β -Hβ
peaks of β-O-4’ tricin substructures are, however, not sufficiently resolved to
further speculate which substructure was degraded more extensively. 61
In addition to tricin incorporation, the incorporation of acyl groups at the γ-OH
position of β-O-4’ aryl ethers influenced the susceptibility to degradation. In ‘free’
lignin isolates, γ-acylated substructures accumulated from 10% to 16%. Acylation
levels in untreated straw were comparable to what has previously been reported
for similar wheat straw lignin isolates. 30,

72

From the relatively low levels of p-

coumarate in ‘bound’ isolates, it is deduced that γ-acyl groups were largely
comprised of acetates. Due to the fact that the levels of γ-acylation remained
rather constant in bound isolates, the presence of γ-acetates seems to have
influenced the degradability to a lesser extent than p-coumarates, which might be
explained by the bulkiness of the esterifying group. The fact that tricin
incorporation and γ-acylation yielded substructures more resistant against
degradation, might (partially) explain why we previously observed that C.
subvermispora more efficiently degraded wheat straw lignin as plant maturity
increased. 16 In younger plant tissues, the relative levels of tricin and γ-acylated
substructures are higher. 33,36, 59

Mechanistic

insight

into

the

delignification

mechanisms

of

C.

subvermispora. The clear difference in susceptibility of various β-O-4’ aryl ether
substructures provided new insight into the underlying delignification mechanisms.
The apparent B-ring dependence indicated that the effects of subunit oxidation
were, at least for a substantial part, exerted on the linkages attached to the 4’
position. Not only is this in line with the previously reported high abundance of β O-|4’ aryl ether cleavage reactions, it supports the very argument that ligninolysis
is initiated by single-electron transfer (SET) oxidation. 49 In accordance with SET
oxidation, the decreasing susceptibility in the order β-O-4’-S > β-O-4’-G > β-O-4’tricin suggests that electron-density of the 4’-O-coupled ring is an important
driving force for degradability. Whereas methoxyl groups increase the electron
density of the B-ring, the conjugated system of tricin is expected to withdraw
electrons.
The early onset of lignin degradation (within 1 week) found in this work, further
corroborates the presumption that the collective enzymatic machinery of C.
subvermispora acts in concert with diffusible low-molecular-weight oxidants. 38-41
Such a proximal oxidant role has been ascribed to alk(en)ylitaconic acids,
sometimes referred to as ‘ceriporic acids’, secondary metabolites produced
abundantly by C. subvermispora.39, 42-43 These alkylitaconic acids can take part in
ligninolytic MnP-mediated lipid peroxidation reactions, which were shown to
proceed threo-diastereopreferentially. 44 As also discussed previously, the observed
threo-preference

in

this

work

further

corroborates

the

suggestion

that

delignification by C. subvermispora is initiated by single-electron transfer. 48-49
Enzymatic and chemical oxidations of lignin model compounds via an electron
transfer mechanism have consistently shown a clear preference for the conversion
of the threo-form, though it must be noted that this is based on the disappearance
of the initial substrate only. 25,

44, 81-82

Cho et al. showed that SET-oxidation of

diastereomerically pure β-O-4’ dimers resulted in substantially more C α -oxidized
intact dimers for the threo-form, demonstrating that in fact the erythrodiastereomer was cleaved to a further extent. 83 Such ‘intact’ oxidation products
did not accumulate in our residual fungal treated material, from which it is
established that diastereoselective cleavage had indeed occurred.
The observations that threo diastereomers of β-O-4’ aryl ethers were preferentially
degraded and incorporation of p-coumarate (p-CA) at the γ-OH position increased
resistance suggest that local steric hindrance and conformation might be major
determinants for susceptibility against fungal degradation. Langer et al. showed
that threo forms of β-O-4’ aryl ethers exist in a more ‘extended’ or ‘open’ form
and, consequently, might be more accessible to or promote interaction with the
diffusible oxidants. 84 To the best of our knowledge, conformational studies on
structural motifs exclusively occurring in grass lignin have not been performed.
However, steric hindrance by γ-acylating p-coumaryl groups can be easily
conceived. We postulate that this steric hindrance at the molecular level might
affect diffusible oxidants as well as ligninolytic enzymes. Both need to be able to

6

approach the structure in close enough proximity and/or in a certain configuration
that allows for interaction and electron transfer.

This study has provided new insight into the delignification mechanisms of the
biotechnologically relevant white-rot fungus C. subvermispora. We demonstrated
that several structural motifs of wheat straw lignin differed in susceptibility to
degradation. Our results imply that electron density of the 4’-O-coupled ring and
local steric hindrance were underlying the cleavage susceptibility of β -O-4’ aryl
ethers. The susceptibility of these β-O-4’ aryl ether substructures is consistent with
ligninolysis mechanisms that are initiated by single-electron transfer. We anticipate
that the insights obtained will aid future efforts to improve the valorization of
lignocellulosic biomass, first and foremost by presenting a structural rationale for
selecting substrates that are more fit-for-purpose.
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Carbohydrate content and composition. Carbohydrate content and composition was
determined in duplicate as constituent monosaccharides after acid hydrolysis by a modified
method reported by Englyst & Cummings. 1 Ten mg of each sample was treated with 72%
(w/w) H2SO4 for 1 h at 30 °C followed by 1 M H 2SO4 for 3 h at 100 °C. Subsequently, samples
were centrifuged (9,000xg, 5 min, 20 °C) and the supernatants were diluted (20x) before
analysis. Degradation of monosaccharides during hydrolysis was corrected for by including
monosaccharide standard mixtures in hydrolysis. Analysis was performed on a High
Performance Anion Exchange Chromatography (HPAEC) Dionex ICS-5000 system (Thermo
Scientific, Synnyvale, CA, USA). The system was equipped with a CarboPac PA-1 column (250
mm x 2 mm ID) in combination with a CarboPac guard column (50 mm x 2 mm ID) with
pulsed amperometric detection (PAD) (all Dionex). 10 µL of sample was injected and eluted
at a flow rate of 0.4 mL min-1 using a combination of three mobile phases: A) 0.1 M NaOH,
B) 1 M NaOAc in 0.1 M NaOH and C) H 2O. The elution profile used was as follows: 0-35 min
isocratic on 100% C; 35-50 min linearly from 100% A to 40% B; 50-55 min isocratic on 100%
B; 55-63 min isocratic on 100% A; 63-78 min isocratic on 100% C. Post-column addition of
0.5 M NaOH at 0.1 mL min-1 was performed between 0-35 min and 63-78 min. Data was
processed by using Chromeleon 7 (Thermo Scientific). The uronic acids released after the
acid hydrolysis step, were determined in duplicate as anhydrouronic acid content by an
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automated meta-hydroxydiphenyl assay with addition of sodium tetraborate using an auto analyzer (Skalar Analytical BV, Breda, The Netherlands). 2 Glucuronic acid (Fluka AG, Busch,
Switzerland) was used as a reference (0 – 100 μg mL -1). Total carbohydrate content was
calculated as the sum of neutral anhydrocarbohydrates and anhydrouronic acids.
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Figure S1. Lignin, glucuronoarabinoxylan (GAX) and glucan (cellulose) removal during fungal
growth. Compositional analysis by using quantitative 13 C-IS py-GC-MS (lignin) and constituent
monosaccharide analysis after H 2 SO4 hydrolysis (carbohydrates). Average and standard deviation
of analytical triplicates on pooled biological triplicates. The negative values for glucan are caused
by the production of fungal β-glucan, which cannot be distinguished from cellulose in constituent
monosaccharide analysis. Note that the 7 weeks fungal treated sample has been previously analyzed
and reported in van Erven et al. (2018). 3 This time-point was reanalyzed for this work.

Compositional analyses showed that lignin degradation by C. subvermispora was evident from
the first week of growth on wheat straw (Figure S1). In the early stage, lignin and
hemicellulose (glucuronoarabinoxylan, GAX) were removed to similar extent (~ 5% (w/w)),
while cellulose appeared unaffected. The relatively unselective action in the initial stage of
growth is explained by the availability of (more) easily degradable carbohydrates. As soon as
these were depleted, lignin degradation became more selective. After 3 weeks of growth, up
to 45% (w/w) lignin was removed at the expense of 9% (w/w) GAX. During further growth,
delignification continued and reached 71% (w/w) after 7 weeks, while GAX removal increased
to 19% (w/w). 3 Still, after 7 weeks of treatment more than 90% of the initial carbohydrates
were retained in the residue, from which it is concluded that C. subvermispora delignified
wheat straw in a highly effective and selective manner.
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Figure S2. Normalized alkaline SEC chromatograms of free (A) and bound (B) isolates, weight
average molecular weight (M w ) of lignin isolates (C). Statistical moments of molar masses of lignin
isolates by organic SEC analyses calculated based on PSS standards (D) and statistical moments of
molar masses of lignin isolates by organic SEC analyses calculated with MALS-corrected standards
(E). Average and standard deviation in (C) of analytical duplicates of mixed isolation duplicates.
For estimation of M w the small shoulders appearing in the alkaline SEC traces were excluded .
Table S1. 13C-IS py-GC-MS relative abundance of lignin compounds in unfractionated wheat straw
during growth of C. subvermispora. Corrected for relative response factors and relative abundance
of 13 C analogues. Sum on the bases of structural classification according to van Erven et al . 3-4
Average and standard deviation of analytical duplicates on pooled biological triplicates. Additional
data (timepoints 1 and 3 weeks) compared to van Erven et al. (2018). 3
Total sample (weeks)
0

1

3

7

Lignin subunits (%)
H

10.3 ± 0.0

11.7 ± 0.3

13.1 ± 1.2

15.6 ± 0.2

G

64.0 ± 0.7

61.1 ± 1.2

59.6 ± 1.0

60.3 ± 1.3

S

25.7 ± 0.7

27.2 ± 0.9

27.3 ± 0.3

24.1 ± 1.1

0.40 ± 0.0

0.44 ± 0.0

0.46 ± 0.0

0.40 ± 0.0

Unsubstituted

4.2 ± 0.1

4.9 ± 0.1

8.5 ± 0.5

10.7 ± 0.3

Methyl

2.4 ± 0.0

2.2 ± 0.1

2.8 ± 0.3

3.1 ± 0.2

30.9 ± 0.5

31.9 ± 0.9

34.0 ± 0.4

32.7 ± 1.3

S/G
Structural moieties (%)

Vinyl
4-VP

a

8.7 ± 0.0

10.0 ± 0.3

10.2 ± 1.1

11.5 ± 0.0

19.7 ± 0.5

19.3 ± 1.3

20.8 ± 0.5

18.9 ± 1.3

3.7 ± 0.0

3.8 ± 0.1

8.2 ± 0.2

11.4 ± 0.8

0.1 ± 0.0

0.2 ± 0.1

1.6 ± 0.1

3.1 ± 0.6

C β -ox c

1.5 ± 0.0

1.5 ± 0.0

2.5 ± 0.1

2.8 ± 0.2

C γ -ox

53.7 ± 0.6

52.5 ± 1.2

40.3 ± 0.3

35.8 ± 0.3

4-VGb
C α -ox
diketones

a
e

Miscellaneous

3.6 ± 0.1

3.3 ± 0.2

3.7 ± 0.0

3.4 ± 0.1

PhC γd

58.9 ± 0.6

57.4 ± 1.1

48.8 ± 0.2

46.1 ± 0.6

PhC γ-diketones e

58.8 ± 0.6

57.3 ± 1.0

47.1 ± 0.2

43.0 ± 0.1

4-vinylphenol. b 4-vinylguaiacol. c excluding diketones. d phenols with intact α,β,γ-carbon side chain.
phenols with intact α,β,γ carbon side chain, excluding diketones.
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Table S2. Composition of free and bound lignin isolates. Lignin (% w/w) was determined by 13C-IS
py-GC-MS in duplicate on fractionation duplicates. Carbohydrates (% w/w) were determined by
constituent monosaccharide analysis after H 2SO 4 hydrolysis in duplicate on pooled fractionation
duplicates and are presented as anhydrosugars. Values given represent averages and standard
deviation. Note that 13C-IS py-GC-MS resulted in slight overestimation of lignin contents of bound
lignin isolates (week 0 and 1).
Lignin

Glucose

Xylose

Arabinose

Uronic acid

Galactose

0

75.1 ± 2.5

4.5 ± 0.2

18.1 ± 1.4

1.5 ± 0.1

2.1 ± 0.1

0.2 ± 0.0

1

74.7 ± 5.8

3.4 ± 0.2

18.6 ± 1.2

1.6 ± 0.1

2.0 ± 0.1

0.2 ± 0.0

3

54.8 ± 1.6

2.6 ± 0.1

15.8 ± 1.6

1.1 ± 0.1

2.0 ± 0.1

0.2 ± 0.0

7

45.0 ± 1.3

2.8 ± 0.2

12.7 ± 0.8

1.1 ± 0.1

1.7 ± 0.1

0.2 ± 0.0

0

103.7 ± 5.4

1.3 ± 0.1

10.6 ± 0.6

2.0 ± 0.1

1.4 ± 0.2

0.2 ± 0.0

1

102.1 ± 2.2

1.6 ± 0.1

10.9 ± 0.8

2.1 ± 0.1

1.3 ± 0.2

0.1 ± 0.0

3

79.7 ± 3.9

1.5 ± 0.1

11.0 ± 0.7

2.0 ± 0.1

1.2 ± 0.2

0.1 ± 0.0

7

70.8 ± 1.8

1.5 ± 0.1

10.1 ± 0.8

1.8 ± 0.1

1.1 ± 0.2

0.0 ± 0.0

Free lignin (weeks)

Bound lignin (weeks)

Table S3. 13C-IS py-GC-MS relative abundance of lignin compounds in ball-milled water extracted
residue R4 of wheat straw during growth of C. subvermispora. Corrected for relative response
factors and relative abundance of 13 C analogues. Sum on the bases of structural classification
according to van Erven et al. 3-4 Average and standard deviation of analytical duplicates on pooled
biological triplicates.
R4 (weeks)
0

1

3

7

H

11.3 ± 1.0

11.2 ± 0.4

11.7 ± 0.6

13.0 ± 0.7

G

59.4 ± 0.5

58.8 ± 0.4

60.6 ± 0.6

64.3 ± 0.4

S

29.3 ± 0.9

30.1 ± 0.1

27.7 ± 0.6

22.7 ± 0.4

0.49 ± 0.0

0.51 ± 0.0

0.46 ± 0.0

0.35 ± 0.0

Unsubstituted

3.9 ± 0.3

4.4 ± 0.2

6.9 ± 0.6

7.3 ± 0.4

Methyl

2.1 ± 0.0

2.2 ± 0.2

3.4 ± 0.8

3.6 ± 0.7

Vinyl

29.1 ± 2.2

28.6 ± 0.9

32.5 ± 3.0

34.5 ± 0.7

Lignin subunits (%)

S/G
Structural moieties (%)

4-VPa

10.1 ± 0.9

9.9 ± 0.4

9.1 ± 0.4

9.4 ± 0.7

4-VGb

17.0 ± 1.2

16.6 ± 0.7

20.3 ± 2.5

21.9 ± 0.8

3.9 ± 0.2

4.1 ± 0.1

7.0 ± 0.3

8.2 ± 0.4

0.1 ± 0.0

0.2 ± 0.0

1.1 ± 0.1

1.6 ± 0.1

1.5 ± 0.1

1.5 ± 0.1

2.4 ± 0.2

2.6 ± 0.2

56.3 ± 2.9

55.6 ± 1.5

43.6 ± 5.4

39.3 ± 1.4

C α -ox
diketones
C β -ox

c

C γ -ox

a
e

Miscellaneous

3.5 ± 0.3

3.6 ± 0.1

4.2 ± 0.6

4.5 ± 0.4

PhC γd

61.3 ± 2.6

61.1 ± 1.3

51.8 ± 4.7

48.6 ± 1.1

PhC γ-diketones e

61.2 ± 2.7

60.9 ± 1.3

50.6 ± 4.7

47.0 ± 1.2

4-vinylphenol. b 4-vinylguaiacol. c excluding diketones. d phenols with intact α,β,γ-carbon side chain.
phenols with intact α,β,γ carbon side chain, excluding diketones.

Table S4. 13C-IS py-GC-MS relative abundance of lignin compounds in lignin isolates of wheat straw
during growth of C. subvermispora. Corrected for relative response factors and relative abundance
of 13 C analogues. Sum on the bases of structural classification according to van Erven et al. 3-4
Average and standard deviation of analytical duplicates on pooled biological triplicates.
Free (weeks)
0

1

Bound (weeks)

3

7

0

1

3

7

Lignin subunits (%)
H

8.6 ± 0.1

8.4 ± 0.1

8.6 ± 0.2

9.2 ± 0.1

7.9 ± 0.1

8.0 ± 0.0

7.8 ± 0.2

8.5 ± 0.1

G

62.8 ± 0.4

62.0 ± 0.4

64.7 ± 0.7

67.2 ± 0.8

57.1 ± 0.1

57.3 ± 0.4

60.6 ± 0.2

63.7 ± 0.3

28.6 ± 0.4

29.6 ± 0.4

26.6 ± 0.7

23.6 ± 0.6

35.0 ± 0.1

34.7 ± 0.4

31.7 ± 0.1

27.8 ± 0.5

0.45 ± 0.0

0.48 ± 0.0

0.41 ± 0.0

0.35 ± 0.0

0.61 ± 0.0

0.61 ± 0.0

0.52 ± 0.0

0.44 ± 0.0

Unsubstituted

4.6 ± 0.1

4.5 ± 0.0

5.8 ± 0.0

6.8 ± 0.2

3.7 ± 0.1

3.8 ± 0.0

4.8 ± 0.1

5.0 ± 0.4

Methyl

1.5 ± 0.0

1.6 ± 0.0

1.9 ± 0.0

2.0 ± 0.1

1.5 ± 0.0

1.6 ± 0.0

1.9 ± 0.1

2.0 ± 0.1

Vinyl

18.8 ± 0.2

19.0 ± 0.0

19.0 ± 0.3

19.1 ± 0.5

19.8 ± 0.2

20.1 ± 0.1

21.5 ± 0.2

22.5 ± 0.5

S
S/G
Structural moieties (%)

4-VPa

6.8 ± 0.0

6.5 ± 0.2

6.2 ± 0.2

6.4 ± 0.4

6.8 ± 0.1

6.9 ± 0.1

6.3 ± 0.1

6.9 ± 0.2

4-VGb

10.3 ± 0.2

10.5 ± 0.2

11.0 ± 0.1

11.3 ± 0.1

10.7 ± 0.1

11.0 ± 0.1

12.9 ± 0.3

13.5 ± 0.3

3.9 ± 0.1

4.2 ± 0.1

6.7 ± 0.1

9.0 ± 0.1

3.4 ± 0.0

3.6 ± 0.0

5.1 ± 0.1

5.3 ± 0.0

0.1 ± 0.0

0.2 ± 0.0

0.7 ± 0.0

1.8 ± 0.1

0.1 ± 0.0

0.1 ± 0.0

0.5 ± 0.0

0.7 ± 0.0

1.3 ± 0.0

1.3 ± 0.0

1.7 ± 0.0

1.8 ± 0.1

1.2 ± 0.0

1.2 ± 0.0

1.6 ± 0.0

1.6 ± 0.0

67.0 ± 0.3

66.4 ± 0.1

61.9 ± 0.4

59.3 ± 0.2

67.4 ± 0.3

66.6 ± 0.1

62.0 ± 0.3

60.6 ± 0.8

C α -ox
diketones
C β -ox

c

C γ -ox
Miscellaneous

2.8 ± 0.0

2.9 ± 0.0

3.0 ± 0.0

3.1 ± 0.0

2.9 ± 0.0

3.0 ± 0.0

3.1 ± 0.0

3.1 ± 0.0

PhCγd

71.8 ± 0.3

71.4 ± 0.1

68.4 ± 0.4

66.4 ± 0.2

72.0 ± 0.3

71.3 ± 0.1

67.7 ± 0.3

66.5 ± 0.7

PhC γ-diketones e

71.7 ± 0.3

71.2 ± 0.1

67.7 ± 0.4

64.5 ± 0.2

71.9 ± 0.3

71.2 ± 0.1

67.2 ± 0.3

66.0 ± 0.7

4-vinylphenol. b 4-vinylguaiacol. c excluding diketones.
with intact α,β,γ carbon side chain, excluding diketones.
a

d

phenols with intact α,β,γ carbon side chain.

e

phenols

Table S5. 13 C-IS py-GC-MS relative abundance of lignin compounds in unextractable residue R7 of
wheat straw during growth of C. subvermispora. Corrected for relative response factors and relative
abundance of 13C analogues. Sum on the bases of structural classification according to van Erven
et al. 3-4 Average and standard deviation of analytical duplicates on pooled biological triplicates.
R7: dioxane insoluble residue (weeks)
0

1

3

7

Lignin subunits (%)
H

12.7 ± 0.3

13.3 ± 0.6

12.4 ± 0.4

14.8 ± 0.6

G

55.3 ± 0.5

54.7 ± 0.3

56.8 ± 0.3

60.2 ± 1.0

S

32.1 ± 0.6

32.0 ± 1.0

30.7 ± 0.7

24.9 ± 0.5

0.58 ± 0.0

0.58 ± 0.0

0.54 ± 0.0

0.41 ± 0.0

Unsubstituted

4.5 ± 0.1

4.9 ± 0.1

6.3 ± 0.3

7.4 ± 0.5

Methyl

2.5 ± 0.1

2.5 ± 0.1

2.8 ± 0.2

3.5 ± 0.1

Vinyl

27.1 ± 0.4

27.7 ± 1.1

27.9 ± 0.7

31.2 ± 1.3

4-VPa

10.8 ± 0.3

11.3 ± 0.5

9.9 ± 0.3

11.2 ± 0.7

4-VGb

13.5 ± 0.1

13.7 ± 0.5

15.0 ± 0.4

17.2 ± 0.5

3.6 ± 0.1

3.9 ± 0.2

6.0 ± 0.1

7.0 ± 0.2

0.1 ± 0.0

0.2 ± 0.0

0.9 ± 0.1

1.2 ± 0.1

1.7 ± 0.1

1.7 ± 0.1

2.2 ± 0.1

2.6 ± 0.1

56.7 ± 0.5

55.3 ± 1.6

50.8 ± 1.2

44.1 ± 1.5

S/G
Structural moieties (%)

C α -ox
diketones
C β -ox

c

C γ -ox

a
e

Miscellaneous

4.0 ± 0.0

4.0 ± 0.3

3.9 ± 0.1

4.2 ± 0.1

PhC γd

62.5 ± 0.4

61.3 ± 1.3

58.3 ± 1.0

52.6 ± 1.5

PhC γ-diketones e

62.4 ± 0.4

61.1 ± 1.3

57.4 ± 1.0

51.4 ± 1.4

4-vinylphenol. b 4-vinylguaiacol. c excluding diketones. d phenols with intact α,β,γ-carbon side chain.
phenols with intact α,β,γ carbon side chain, excluding diketones.
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Table S6. Assignments of the lignin 13C-1 H correlation peaks in the HSQC spectra of untreated and
fungal-treated wheat straw lignin fractions.
label

δ C /δ H (ppm)

Assignment a

CHK
Bβ
Cβ
-OCH 3
Aγ
Iγ
A’γ
Cγ
A α (G)
A α (S)
A oxβ
A β (H)
A β (G)
A β (S) erythro
A β (T)
A β (S)threo
Cα
Bα
T8
T6
T free3
S 2,6
T 2'6' /T free2'6'
T3
Sox 2,6
Sox 2,6
G2
FA 2
GoxI 2
GoxII 2
FA β /pCA β
H 3,5 /FA 5
G 5 /G 6/pCA 3,5
G5
GoxI 6
FA 6
GoxII 6
H 2,6 /PHE 3,5
PHE 2,6
pCA 2,6
FA α /pCA α

51.5/3.58
53.0/3.43
53.6/3.05
55.6/3.72
59.6/3.37, 59.8/3.59, 59.9/3.22
61.4/4.09
62.8/4.23, 63.9/4.18
71.0/4.16, 71.1/3.80
70.9/4.71
71.8/4.81
82.8/5.10
83.1/4.49
83.5/4.27
85.9/4.09
86.2/4.36 and 86.7/4.26
86.9/3.97
84.9/4.64
86.9/5.43
94.1/6.57
98.8/6.21
103.5/6.96
103.9/6.68
104.0/7.31
104.6/7.02
106.4/7.30
106.5/7.19
110.8/6.96
110.9/7.34
111.4/7.51
112.4/7.44
113.6/6.26
114.5/6.69
115.0/6.93 and 115.5/6.78
119.0/6.78
122.7/7.47
123.1/7.12
125.8/7.42
127.8/7.18
128.9/7.21
130.1/7.42
145.1/7.57

C-H in methoxyls of cyclohexadienone ketals (t)
C β -Hβ in phenylcoumaran substructures
C β -Hβ in resinol substructures
C-H in methoxyls
C γ -H γ in β-O-4’ substructures
C γ -H γ in cinnamyl alcohol end-groups
C γ -H γ in γ-acylated β-O-4’ substructures
C β -Hβ in resinol substructures
C α -Hα in β-O-4’ substructures linked to G-unit
C α -Hα in β-O-4’ substructures linked to S-unit
C β -Hβ in Cα -oxidized β-O-4’ substructures
C β -Hβ in β-O-4’ substructures linked to H-unit
C β -Hβ in β-O-4’ substructures linked to G-unit
C β -Hβ in β-O-4’ substructures linked to S-unit
C β -Hβ in β-O-4’ substructures linked to tricin
C β -Hβ in β-O-4’ substructures linked to S-unit
C α -Hα in resinol substructures
C α -Hα in phenylcoumaran substructures
C 8 -H 8 in tricin
C 6 -H 6 in tricin
C 3 -H 3 in free tricin
C 2 -H 2 and C 6-H 6 in S-unit
C 2’ -H 2’ and C6’- H 6’ in tricin and in free tricin
C 3 -H 3 in tricin
C 2 -H 2 and C 6 -H 6 in C a -oxidized (C a=O) S-unit
C 2 -H 2 and C 6 -H 6 in C a -oxidized (C aOOH) S-unit
C 2 -H 2 in G-unit
C 2 -H 2 in ferulate
C 2 -H 2 in C a -oxidized G-unit
C 2 -H 2 in C a -oxidized G-unit
C β -Hβ in ferulate/p-coumarate
C 3 -H 3 and C 5 -H 5 in H-unit, C 5 -H 5 in FA
C 5 -H 5 and C 6 -H 6 in G-unit, C 3 -H3 and C 5 -H 5 of pCA
C 5 -H 5 in G-unit
C 6 -H 6 in C a -oxidized G-unit
C 6 -H 6 in ferulate
C 2 -H 2 in C a -oxidized G-unit
C 2 -H 2 and C 6 -H 6 in H-unit, C 3 -H 3 and C 5 -H5 in phenylalanine
C 2 -H 2 and C 6 -H 6 in phenylalanine
C 2 -H 2 and C 6 -H 6 in p-coumarate
C α -Hα in ferulate/p-coumarate

a

: assignment by comparison with literature. 4-11 (t): tentatively assigned

Table S7. Semiquantitative HSQC NMR structural characterization of wheat straw lignin isolates in
the absence and presence of chromium (III) acetylacetonate (Cr(acac) 3 ) as relaxation agent. Note
that the untreated and C. subvermispora treated wheat straw lignin isolates shown here originate
from a different batch of straw and should therefore solely be used for comparisons of Cr(acac) 3
effects.
Untreated wheat straw (free + bound)
Without Cr(acac) 3

With Cr(acac) 3

7 weeks fungal treated wheat straw (free)
Without Cr(acac) 3

With Cr(acac) 3

Lignin subunits (%) a
H

3

3

3

2

G

62

63

53

55

G ox

0

0

10

11

S

35

34

24

23

S ox

0

0

9

9

0.6

0.5

0.5

0.5

p-coumarate

8

6

17

13

ferulate

5

3

6

4

15

9

21

15

β-O-4’ G+H

20 (35)

22 (37)

18 (38)

19 (38)

β-O-4’ S

22 (38)

24 (40)

14 (29)

16 (32)

β-O-4’ Cα -ox

1 (1)

1 (2)

0 (0)

0 (0)

β-O-4’ tricin

8 (15)

8 (13)

11 (22)

11 (23)

S/G
Hydroxycinnamates (%)

b

Flavonolignin (%) b
tricin
Lignin interunit linkages (%) b,c

total β-O-4’ aryl ethers

51 (89)

55 (92)

43 (89)

46 (93)

β-5’ phenylcoumarans

5 (8)

4 (6)

3 (7)

2 (5)

β-β’ resinols

1 (2)

1 (2)

2 (4)

1 (2)

57 (100)

60 (100)

49 (100)

50 (100)

total
Side-chain γ-acylation (%) d

21

20

17

16

Erythro/threo of β-O-4’ e

2.6

2.5

3.9

4.0

a
b
c
d
e

relative distribution of lignin subunits (H+G+G ox +S+S ox =100)
relative volume integral of substructure versus volume integral of total lignin subunits
relative distribution of total interunit linkages in parentheses
percentage of β-O-4’ aryl ethers
ratio of A β (S/G-S) erythro and A β (S/G-S) threo , diastereomers for β-O-4’ aryl ethers coupled to G-units are not resolved

Table S8. Hydroxyl group content of lignin isolates of wheat straw during growth of C.
subvermispora determined by 31P NMR after phosphitylation.
Free (weeks) (mmol/g lignin) a

Bound (weeks) (mmol/g lignin) a

0

1

3

7

0

1

3

7

Aliphatic OH + carb. OH

7.49

7.77

9.40

10.15

5.81

5.86

6.73

7.28

S-OH + 5-sub. G-OH

0.56

0.62

0.95

1.23

0.39

0.43

0.63

0.71

G-OH

0.74

0.72

0.88

1.01

0.53

0.53

0.61

0.71

H-OH + pCA-OH

0.57

0.57

0.78

0.93

0.42

0.42

0.53

0.65

Total phenolic OH

1.87

1.91

2.61

3.17

1.34

1.38

1.76

2.07

COOH

0.28

0.36

0.79

1.33

0.14

0.17

0.34

0.43

a

contents per g biomass corrected for lignin contents as determined by quantitative

1.
2.
3.

4.

13

C-IS py-GC-MS
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The ascomycete fungus Podospora anserina has been appreciated for its targeted
carbohydrate-active enzymatic arsenal. As a late colonizer of herbivorous dung,
the fungus acts specifically on the more recalcitrant fraction of lignocellulose and
this lignin-rich biotope might have resulted in the evolution of ligninolytic activities.
However, the lignin-degrading abilities of the fungus have not been demonstrated
by chemical analyses at the molecular level and are, thus far, solely based on
genome and secretome predictions. To evaluate whether P. anserina might provide
a novel source of lignin-active enzymes to tap into for potential biotechnological
applications, we comprehensively mapped wheat straw lignin during fungal growth
and characterized the fungal secretome.
Quantitative
lignin

13

C lignin internal standard py-GC-MS analyses showed extensive

removal during seven days of fungal

carbohydrates

were

selectively

targeted

growth

(58%

w/w

(24%

w/w),

removal).

though

Structural

characterization of residual lignin by using py-GC-MS and HSQC NMR analyses
demonstrated that C α -oxidized substructures significantly increased through fungal
action, while intact β-O-4’ aryl ether linkages, p-coumarate and ferulate moieties
decreased. Proteomics analyses indicated that the presence of lignin induced
considerable changes in the secretome of P. anserina. This was particularly
reflected in a strong reduction of cellulases, while H 2O2 producing enzymes clearly
increased. The latter enzymes, together with laccases, were likely involved in the
observed ligninolysis.
For the first time, we provide unambiguous evidence for the ligninolytic activity of
the ascomycete fungus P. anserina and expand the view on its enzymatic repertoire
beyond carbohydrate degradation. Our results are of significance for the
development of biological lignin valorization technologies and expedite the quest
for novel lignin-active enzymes and organisms.

With the increasing interest in biological lignocellulose valorization strategies,
there is a quest for novel lignocellulose-acting enzymes and organisms producing
such enzymes. 1 The ascomycete fungus Podospora anserina has long been studied
for its lifecycle characteristics, particularly regarding its short growth phase, but
more recently also has sparked biotechnological interest. 2-6 The fungus produces a
wide variety of carbohydrate-active enzymes,

including several cellulases,

xylanases and lytic polysaccharide monooxygenases (LPMOs) and promises to be
an efficient microbial enzyme factory because of its ease of genetic manipulation
and fast

growth. 5-8 Indeed,

the fungus’ enzymes

were shown

to

be of

biotechnological potential, being able to enhance the saccharification efficiencies
of enzymes commonly used in industry. 9-10
As a late colonizer of herbivorous dung, P. anserina is expected to specifically
degrade the more recalcitrant fraction of lignocellulose. 11 Besides its well-studied
carbohydrate degrading enzymatic arsenal, the fungus may, therefore, also
possess ligninolytic activity, which could broaden the scope of the fungus’
exploitation in biomass upgrading approaches. 12 The suggestion of possible
ligninolytic activity is based on the ability of the fungus to grow on a variety of
lignocellulosic substrates, including nearly pure lignin, and its genome that encodes
several putative lignin-active enzymes including laccases and H 2O2-producing
oxidoreductases.5,

13-14

Actually,

the

genome

of

P.

anserina

is,

amongst

ascomycetes, characterized by the highest number of genes encoding auxiliary
activities (AA),

encompassing oxidoreductases only, accommodated in the

carbohydrate-active

enzymes

database

(CAZy;

www.cazy.org). 15 Secretome

analyses revealed that some of these enzymes were produced and secreted during
growth on lignocellulose. 10,

16

Furthermore, deletion of some of the laccase-

encoding genes reduced the ability of the fungus to grow on wood shavings,
suggesting that they are indeed involved in wood degradation. 17 However, the
actual degradation of lignin has not been shown by chemical analyses of the
substrates; and as such, the ligninolytic capability of P. anserina remains to be
further elucidated.
Recently, we have demonstrated that quantitative pyrolysis-GC-MS analysis is
exceptionally useful for mapping the extent of fungal plant biomass delignification
as well as for unravelling the underlying ligninolysis mechanisms. 18-19 Importantly,
this technique can highlight minor structural changes in the remaining lignin after
short periods of fungal growth, an unconditional requirement when studying the
structural changes induced by micro-organisms with a short growth cycle. 19
In this work, the ligninolytic activity of P. anserina was unambiguously confirmed
through comprehensive substrate analyses after growth of the fungus on wheat
straw lignin. Quantitative py-GC-MS analyses revealed substantial lignin removal
and an in increase in C α -oxidized moieties indicative of oxidative degradation.
HSQC NMR analyses further substantiated these findings by showing a decrease of

7

intact β-O-4’ aryl ether linkages concomitant with the increase of C α -oxidized
substructures. In addition, p-coumarate and ferulate moieties were decreased,
which suggests feruloyl esterase activity during fungal growth. Secretome analyses
indicated that ligninolysis likely involved laccases and H 2O2-producing enzymes.

Materials. All chemicals and solvents were obtained from commercial suppliers
and used as supplied. Water used in all experiments was purified via a Milli-Q water
system (Millipore, Billerica, MA, USA).
Preparation of wheat straw lignin isolate. Lignin was isolated from wheat
straw by modifications of the classical lignin isolation procedures. 20-21 Extractives
were removed from milled wheat straw (< 1 mm) by sequential extraction with
acetone and water. Extractive-free wheat straw (3 x 30 g) was planetary ballmilled (PM100, Retsch, Haan, Germany) in a 500 mL zirconium dioxide jar
containing 100 Φ 10 mm zirconium dioxide balls at a frequency of 600 rpm for a
net milling time of 1 h in 10 min milling/20 min break interval cycles to prevent
overheating of the material. Note that milling in the 500 mL jar setup proceeds
with a higher intensity compared to routine 50 mL scale and, therefore, the same
extent of milling is achieved in a much shorter time. The ball-milled material was
subsequently water-extracted in a concentration of 5% (w/w) at 50 oC for 20 h
under

rotary

shaking.

The

water-insoluble

residue

was

obtained

through

centrifugation (18,000xg, 10 min, 20 oC) and washed two times with water before
being suspended in 50 mM sodium acetate buffer pH 5 at a concentration of 5%
(w/w). The suspension was incubated with the commercial enzyme cocktail
ViscoStar 150 L (Dyadic, Jupiter, FL, USA) (0.125 mL/g biomass) at 50 oC for 24 h
to degrade the cell wall polysaccharides. The insoluble material after incubation
was obtained through centrifugation (18,000xg, 10 min, 20 oC), resuspended in
buffer, loaded with fresh enzyme and incubated for another 24 h. After incubation,
the suspension was centrifuged and the insoluble residue was washed three times
with water before freeze-drying. The freeze-dried material was subsequently
suspended in 80% (v/v) aqueous dioxane at 5% (w/w) dry matter loading and
extracted at room temperature under nitrogen atmosphere for 24 h. The
supernatant was recovered by centrifugation (30,000xg, 10 min, 20 oC) and the
residue was extracted again. The supernatants were combined, freeze-dried,
washed with water to remove traces of dioxane and freeze-dried again to yield the
wheat straw lignin isolate.
Growth of Podospora anserina on wheat straw lignin. Media and growth
conditions for P. anserina were based on previously described procedures. 22-23
Water-insoluble wheat glucuronoarabinoxylan (GAX, Megazyme, Wicklow, Ireland,
100 mg) and GAX (100 mg) combined with wheat straw lignin isolate (100 mg)
were dispersed in 5 mL M2 minimal medium in 40 mL flasks and autoclaved prior

to inoculation. P. anserina strain S mat+ (CBS 143333) was grown on Luria-Bertani
agar at 27

o

C for five days before 0.5 cm plugs were taken from the formed

mycelium to inoculate the samples. Flasks were statically incubated at 27 oC for
three or seven days. All experiments were performed in triplicate. After incubation
mycelium was scooped out with a sterile loop and stored at -20 oC. Culture samples
(2.5 mL) were taken and centrifuged (10,000xg, 10 min, 4 oC) to separate the
solid fraction from the supernatant for proteome analysis. Both fractions were
stored at -20 oC. The residual substrate in the flasks was removed by dispersion in
water. Residual substrate and mycelium were water-extracted for 1 h at 4 oC under
continuous stirring before centrifugation (60,000xg, 5 min, 20

o

C) to separate

water-soluble and insoluble fractions. The obtained fractions were flash frozen in
liquid nitrogen and freeze-dried.
Quantitative py-GC-MS with

13

C lignin as internal standard. Analytical

pyrolysis coupled to gas chromatography with high-resolution mass spectrometric
detection (Exactive Orbitrap, Thermo Scientific, Waltham, MA, USA) was performed
as previously described. 19, 24 To each sample (~50 µg), 10 µL of a

13

C wheat straw

lignin internal standard (IS) solution (1 mg mL -1 ethanol/chloroform 50:50 v/v)
was added and dried prior to analysis. All samples were prepared and analyzed in
duplicate. Lignin-derived pyrolysis products were monitored in full MS mode on the
most abundant fragment per compound (both nonlabeled and uniformly

13

C

labeled). Pyrograms were processed by TraceFinder 4.0 software. Lignin contents
and relative abundances of lignin-derived pyrolysis products were calculated as
described previously. 18-19
HSQC NMR spectroscopy. For NMR analyses, biological triplicates were mixed in
equal dry matter amounts to a single replicate. HSQC NMR spectra were recorded
on a Bruker AVANCE III 600 MHz NMR spectrometer equipped with a cryoprobe as
previously described. 19 Spectra were processed according to del Río et al. 25
Carbohydrate content and composition. Constituent monosaccharides released
after acid hydrolysis were determined in duplicate as previously reported by
Englyst & Cummings with reported modifications.26-27
Secretome extraction, protein preparation and analysis. For secretome
analyses, triplicate samples after three days of fungal growth were used. A 900 μL
aliquot of water-soluble culture fraction was mixed with two volumes of methanol
and proteins were left to precipitate overnight at -20

C. The precipitates were

o

pelleted by centrifugation, washed with 60% (v/v) cold aqueous methanol, pelleted
again and resuspended with 30 μL of anionic acid labile surfactant II (Protea
Biosciences, Morgantown, WV, USA) in 200 mM ammonium bicarbonate. Twenty
microliters of the resolubilized proteins were mixed with 5 μL 5X SDS-PAGE loading
buffer (0.125 M Tris-HCl pH 6.8, 50% glycerol, 5% w/v SDS, 0.02% bromophenol
and 0.35 M dithiothreitol), heated at 95 oC for 5 min before being loaded onto a 12%
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w/v acrylamide SDS-containing separating gel. Proteins were separated by
electrophoresis until the 250 kDa marker of the BLUelf prestained protein ladder
(FroggaBio, North York, Toronto, Canada) entered the separating gel. After the gel
was stained with Coomassie blue, about 1 cm of the gel lane was cut out and
polypeptides were in-gel digested with trypsin as described previously. 28 Peptide
mixtures were resuspended in 45 μL 5% (v/v) aqueous acetonitrile with 0.1% (v/v)
formic acid, containing 4 fmol/μL predigested bovine serum albumin. Five
microliters of the peptide extract solution were subsequently injected onto a 75
μm x 15 cm C18 column and analyzed by LC-MS/MS by using an Easy-LC II Nano
HPLC system in-line connected to a Velos LTQ-Orbitrap Mass spectrometer (Thermo
Fisher) as previously described. 29 Peptide and protein identification was performed
by using Proteome Discoverer 2.2 software (Thermo Fisher) applying the precursor
ion quantification workflow with pairwise precursor ion peak area value-based
protein abundance calculation. As additional criterion for protein abundance
calculation, protein abundances were used only for those samples where at least
one replicate had a minimum of two unique peptides identified. The relative
abundance of the detected proteins was estimated by using the extracted precursor
ion chromatogram peak areas of the identified peptides that were assigned to each
protein. The Podospora anserina mat+ v1.0 database from JGI was used.
Functional annotations were assigned on the basis of InterPro descriptions
(https://www.ebi.ac.uk/intrpro/) and Signal P prediction from JGI.

Cultivation setup. To simplify the detection of early markers of ligninolytic
activity of P. anserina we used cultivation conditions that would allow us to
evaluate changes in both lignin structure and in the fungal secretome. 23 To that
end, we incubated the fungus on pre-isolated lignin from wheat straw that was
combined with the hemicellulose fraction of the straw, i.e. glucuronoarabinoxylan
(GAX), instead of growing the fungus on unfractionated wheat straw. This enabled
us to characterize the residual substrates directly by detailed HSQC NMR analyses,
which would otherwise require lignin isolation to reach the same level of structural
insight.18 In addition, the secretome of P. anserina could be compared to growth
on GAX alone. The isolated lignin was structurally representative of wheat straw
lignin and of high purity (90% w/w) (Figure S1, Table S1). 24 The hemicellulose that
was used in the fermentations introduced negligible amounts of lignin and only
slightly contributed to the total ferulate content as inferred from the 4vinylguaiacol product in the pyrogram (Figure S1). HSQC NMR analysis of the GAX
failed to show any ferulate specific correlation peaks (data not shown), presumably
due to poor solubilization/gelling of the sample. A total esterified amount of
(di)ferulates of 2.9% (w/w) was estimated by our research group in earlier
research. 30

Fate of carbohydrates and lignin after growth of P. anserina. After seven
days of growth of P. anserina, substantial amounts of mycelium could be observed
by visual inspection. Mass balance analyses revealed that the fungus had degraded
and removed considerable amounts of the initial substrate (Figure 1A). As fungal
mycelium is generally comprised of carbohydrates which do not contain the
glucuronosyl, arabinosyl and xylosyl moieties of the hemicellulosic substrate, we
analyzed the recoveries of GAX and other carbohydrates separately. 31 P. anserina
was able to degrade and remove substantial amounts of lignin (24% w/w) besides
GAX (58% w/w) during growth (Figure 1B).
A
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Figure 1. Absolute recoveries (A) and removal (B) of lignin and glucuronoarabinoxylan (GAX) after
7 days of growth of P. anserina on wheat straw lignin isolate and insoluble wheat
glucoronoarabinoxylan. Total insoluble and water-soluble fractions based on compositional analysis
by using quantitative 13 C-IS py-GC-MS (lignin) and constituent monosaccharide analysis afte r H 2 SO4
hydrolysis (carbohydrates). Others represent residual dry matter. Note that the initial lignin isolate
contained some residual carbohydrates (10% w/w) and initial hemicellulose contained some residual
cellulose (16% w/w). 30

As expected from its wealth of carbohydrate-active enzymes, 5 the fungus degraded
the hemicellulosic carbohydrates with a clear preference. Still, though ligninolytic
activity of P. anserina has previously been considered, 12 this is the first evidence
that the fungus is actually able to degrade and remove the aromatic biopolymer.
The ligninolytic capacity of P. anserina, i.e. the extent of lignin removal during 7
days of fungal growth, was remarkably high for an ascomycete fungus. However,
it should be taken into account that the fungus was grown on pre-isolated lignin
under submerged fermentation conditions, in which lignin was presumably more
accessible compared to whole cell wall preparations or solid-state incubations.
Whether P. anserina completely mineralized lignin to CO 2 or ‘only’ depolymerized
it to such an extent that the resulting volatile degradation products were removed
during freeze-drying remains to be further investigated.
Structural characterization of lignin after growth of P. anserina. The
structural features of the residual lignin further substantiated the ligninolytic action
of P. anserina (Table 1). A slight, but significant, increase (10%) in C α -oxidized
substructures suggested that oxidative degradation forms the basis of the lignin
removal

observed.

Interestingly,

diketone

products,

pyrolysis

markers

for

dihydroxyphenylketones, 19 had increased significantly after fungal growth from
0.16±0.00% to 0.25±0.00% of the relative abundance of lignin-derived pyrolysis
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products, which consequently explained a major part of the increase of the C α oxidized substructures. These markers have also been observed after the action of
the white-rot fungus Ceriporiopsis subvermispora and for laccase-mediator
systems, suggesting that O-4’-cleavage of β-O-4’ aryl ethers is likely one of the
involved ligninolysis routes. 19,

32

However, at the observed extents of lignin

removal (24% w/w, Figure 1), we would have expected to see more prominent
changes in the structural characteristics of the residual lignin. For several whiterot fungal treated samples we, and others, have previously observed an
approximate doubling of total C α -oxidized moieties at comparable extents of
delignification, 18, 33-34 and C. subvermispora showed a 16-fold increase in diketone
markers. 27 These observations would suggest that different (or additional)
degradation routes underlie delignification, as elaborated below.
Table 1. Quantitative 13C-IS py-GC-MS structural characterization of untreated and 7 days P.
anserina treated wheat straw lignin; corrected for relative response factors and relative abundance
of 13C analogues. Sum based on structural classification according to van Erven et al. 18-19 Average
and standard deviation of analytical duplicates of biological triplicates. Structural features for the
combined fractions weighted on the basis of the lignin ma ss balance. Significant differences
calculated by two-tailed t-test (* p<0.05, ** p<0.01).
control

7 days

Lignin subunits (%)
H

8.9 ± 0.1

8.6 ± 0.0**

G

60.9 ± 0.5

59.3 ± 0.2**

30.2 ± 0.5

32.1 ± 0.2**

0.50 ± 0.0

0.54 ± 0.0**

S
S/G
Structural moieties (%)
Unsubstituted

6.4 ± 0.3

6.6 ± 0.1

Methyl

3.0 ± 0.2

3.3 ± 0.0*

Vinyl

32.4 ± 1.1

30.4 ± 0.3*

4-VP a

7.2 ± 0.1

6.6 ± 0.0**

4-VG b

21.7 ± 1.1

19.9 ± 0.3

C α -ox
diketones

e

4.3 ± 0.1*

0.16 ± 0.0

0.25 ± 0.0**

C β -ox c

2.5 ± 0.1

2.5 ± 0.0

C γ -ox

48.2 ± 1.1

49.1 ± 0.4

Miscellaneous

a

4.0 ± 0.1

3.6 ± 0.1

3.8 ± 0.0

PhC γ d

52.6 ± 1.1

53.9 ± 0.4

PhC γ -diketones e

52.4 ± 1.1

53.6 ± 0.4

4-vinylphenol. b 4-vinylguaiacol. c excluding diketones. d phenols with intact α,β,γ-carbon side chain.
phenols with intact α,β,γ-carbon side chain, excluding diketones.

Besides increased C α -oxidized substructures, the action of P. anserina led to a
substantial decrease in vinyl products (Table 1), which largely derived from the
decarboxylation of hydroxycinnamates upon pyrolysis. 35-36 In particular the
decrease of 4-vinylphenol, primarily formed from p-coumarate, suggests that these
moieties were targeted, at least to some extent, during fungal growth. Likewise,
the decrease in 4-vinylguaiacol suggests the removal of ferulic acid moieties.

To further corroborate our findings, we structurally characterized the lignin
fractions in more detail by

1

H-13C HSQC NMR analysis. Indeed, clear structural

changes could be observed in the spectra and were further resolved by
semiquantitative analyses of the volume integrals (Figure 2).

7

Figure 2. Aliphatic (A) and aromatic (B) regions of 1 H-13C HSQC NMR spectra of untreated and 7
days P. anserina treated wheat straw lignin water-insoluble residues. Unassigned signals are shown
in grey. Colored boxes show semiquantitative analysis of the volume integrals, with interunit
linkages per 100 subunits (aromatic rings, Ar), relative distribution of subunits (%) and T, pCA and
FA relative to total subunits (%). Dotted lines represent –H or –OCH 3 . Wavy lines indicate main
positions for further coupling. Unassigned signals are shown in gray.

In the aromatic region of the NMR spectra of the treated lignin residue samples,
Cα -oxidized

substructures

became

evident

and

were

shown

to

comprise

approximately 4% of the total subunits. Concurrently with the increase of C αoxidized substructures, intact β-O-4’ aryl ether interunit linkages decreased from
62 to 54 linkages/100 subunits, implying that the oxidized substructures resulted
from interunit bond cleavage (Figure 2). In contrast to the β-O-4’ aryl ether
substructures, the more condensed phenylcoumaran (β-5’) and resinol (β-β’)

structural elements appeared to be more resistant against degradation by P.
anserina and as a result they relatively accumulated in the fungal-grown residues,
albeit slightly (Figure 2, Table 2).
In line with our observations by py-GC-MS analyses, p-coumarate moieties
decreased during fungal growth. Because these p-coumarates are solely present
as γ-esters, their removal implies hydroxycinnamic acid esterase activity. 37 Similar
activity likely also caused the slight reduction in ferulates, in the case of ester bound moieties to GAX, though oxidative degradation of ether-bound ferulates
cannot be excluded. 37 When the structural features were weighted for the
contributions of the various fractions to the total remaining lignin, the structural
changes mediated by fungal action could still be discerned (Table 2).
Table 2. Semiquantitative 1 H-13C HSQC NMR structural characterization of untreated and 7 da ys P.
anserina treated wheat straw lignin. Structural features for the combined fractions weighted on the
basis of the lignin mass balance.
control

7 days

Lignin subunits (%) a
H

4

4

G

61

59

G ox
S
S ox
S/G

0

2

35

34

0

2

0.6

0.6

Hydroxycinnamates (%) b
p-coumarate
ferulate

8

6

10

8

14

15

Flavonolignin (%) b
tricin
Lignin interunit linkages (%) b,c
β-O-4’ aryl ethers

63 (93)

59 (92)

β-5’ phenylcoumarans

4 (5)

4 (6)

β-β’ resinols

1 (2)

1 (2)

68 (100)

64 (100)

total
a
b
c

relative distribution of lignin subunits (H+G+G ox +S+S ox =100)
relative volume integral of substructure versus volume integral of total lignin subunits
relative distribution of total interunit linkages in parentheses

Note that even though in HSQC NMR spectra C β -Hβ correlation peaks are resolved
for various substructures of β-O-4’ aryl ether linkages, 27 the hemicellulosic
substrate presented an overlapping peak with the β-O-4’-S/G-S signal at δ C/δH
85.97/3.96 ppm in this experimental setup. Therefore, we quantified the C α -Hα
correlation peaks instead, as previously described by del Río et al. 25
The aforementioned structural observations by py-GC-MS and HSQC NMR analyses
might be the result of a preferential degradation of phenolic subunits. These
subunits generally comprise 10-30% of the lignin polymer and are more susceptible
to oxidation. Hence, these phenolic subunits might be degraded to a greater extent

than their non-phenolic counterparts. 38-39 However, the oxidation of phenolic
moieties might also drive (re)polymerization reactions. 40
In the absence of mediators it can be expected that laccases, the only ‘true’
ligninolytic

enzymes

of

P.

anserina,

are

only

able

to

oxidize

phenolic

substructures. 41 With the necessity of being the end-groups of the growing lignin
polymer, the cleavage of these units might have proceeded in a sort of ‘peeling
pattern’, leaving the remaining polymer principally intact, or at least not
distinguishable from native lignin apart from a slight reduction of molecular
weight. 42 Consequently, this could explain why we observed relatively limited
structural modification of the residual lignin after partial delignification.
Structural changes in light of the fungal secretome. In order to relate the
observed structural changes to potential enzymatic action and evaluate whether P.
anserina induces a dedicated ligninolytic machinery in the presence of lignin, we
performed proteomics analyses of the secreted proteins during growth of the
fungus on GAX and GAX+Lignin. These analyses identified a total of 430 proteins,
of which 196 (46%) could be assigned to CAZymes. Of these CAZymes, 167
enzymes were annotated to a putative plant cell wall active function based on the
JGI database. Most of these enzymes were secreted in both growth conditions,
while the number of unique enzymes for GAX (18 enzymes) and GAX+Lignin (16
enzymes) was comparable. For both growth substrates, these unique plant cell wall
active enzymes summed up to 1% of the total relative abundance only. The total
relative abundance of plant cell wall active enzymes was approximately 66% and
55% for GAX and GAX+Lignin, respectively (Figure S2).
Irrespective of the presence of lignin, carbohydrate hydrolases made up the
majority of the detected plant cell wall active enzymes during growth (Figure 3).
However, lignin did induce a relative shift from a hydrolytic towards a more
oxidative

enzymatic

degradation

pattern.

Most

strikingly,

cellulases

were

approximately 3.4-fold decreased in the presence of lignin, while multicopper
oxidases (20-fold) and H 2O2 producing enzymes (3-fold) were strongly increased
(Figure 3).
The decrease in cellulases was predominately explained by a reduction in
cellobiohydrolases (5.4-fold), while endoglucanases decreased far less (1.7-fold)
and

β-glucosidases

increased

(1.5-fold)

(Figure

3B).

The

reduction

in

cellobiohydrolases was primarily caused by two enzymes (GH7 #368104, 23-fold
and GH6 #301916, 20-fold) (Figure S3A), while the reduction in endoglucanases
could be ascribed to a single enzyme (GH5 #382814) that was basically absent in
the presence of lignin (Figure S3B). Though the overall β-glucosidase abundance
was not largely affected, a GH3 β-glucosidase (#166682) decreased 32-fold, while
another GH3 β-glucosidase (#330692) increased 14-fold in the presence of lignin
(Figure S3C).

7

Relative abundance (% of total protein)

40

A) Plant cell wall active enzymes

30

20

**
10

**
**

20

Cellulases

Xylanases

CEs

LPMOs

FAEs

MCOs

(16)

(25)

(23)

(16)

(7)

(4)

B) Cellulases

15
10
5

**

*

*

CBH

EGL

BGL

(7)

(6)

(3)

0

GAX

Rel. abundance
(% of total protein)

Rel. abundance
(% of total protein)

0

8

H2O2H2O2
prod. enz.
producing
(33)

C) H2O2 producing enzymes

**

6
4

**

2
0

**
CDH

GMC

GLOX

FADO
GOX

(5)

(12)

(1)

(15)

GAX + lignin

Figure 3. Proteomics analyses of secreted plant cell wall active enzymes during growth of P.
anserina on glucuronoarabinoxylan (GAX) and GAX+Lignin with number of detected enzymes per
group in parentheses. Enzymes were grouped on the basis of overall functionality (A) and further
subdivided into more specific activities in (B) and (C) according to the JGI database (P. anserina
mat+ v1.0). CEs carbohydrate esterases; LPMOs lytic polysaccharide monooxygenases; FAEs
feruloyl esterases; MCOs multicopper oxidases; CBH cellobiohydrolase s; EGL endoglucanases, BGL
β-glucosidases; CDH cellobiose dehydrogenases; GMC glucose-methanol-choline oxidoreductases;
GLOX glyoxal oxidases; FADO FAD-linked oxidases. Significant differences calculated by two-tailed
t-test (* p<0.05, ** p<0.01).

Overall, LPMOs did not decrease concurrently with the cellulase system, which
supports the hypothesis that these enzymes are produced with another function
than oxidatively degrading cellulose alone. 43-44 It is worth mentioning that one
LPMO (AA9, #179198, characterized as PaLPMO9B) was 2.7-fold decreased while
three other AA9 LPMOs, #403339 (PaLPMO9C), #307960 (PaLPMO9E) and
#287378 (PaLPMO9A), increased 10.7, 9.7 and 4.5-fold, respectively (Figure
S3D). 7,

45

The increase in PaLPMOs 9A and 9E, characterized to work on cellulose

rather strictly, is interesting given the severe reduction in cellulases. 7 This could
indicate that the fungus produces LPMOs ahead of cellulases and that the enzymes
might act synergistically, but not necessarily concurrently. The activity of the

induced

LPMOs

has

been

demonstrated

to

be

boosted

by

cellobiose

dehydrogenases (CDHs) and they have been considered to function together in
vivo. 7, 45 However, the overall abundance of cellobiose dehydrogenases (CDHs) was
2.6-fold reduced in the presence of lignin, which contends their putative concerted
action with LPMOs. Alternatively, the LPMOs might depend on other electron
transfer systems including the H2O2 producing enzymes that were strongly induced
in the presence of lignin, as will be elaborated below. 46-47
The total xylanase machinery was not significantly affected by the presence of
lignin and the production of various endoxylanases and arabinofuranosidases
allowed the fungus to efficiently degrade GAX during its growth (~60%, Figure 1).
Even though the grouped xylanases did not show an overall significant change in
the presence of lignin, clear differences could be observed at the individual enzyme
level (Figure S3E-F). A GH10 endo-xylanase (#388128) was 46-fold reduced
together with the reduction of two GH11 endo-xylanases (#405228 5-fold,
#428889 74-fold) in the presence of lignin, while two other GH10 endo-xylanases
increased (#333275 5.6-fold and #176471 1.8-fold) (Figure S3E). Even though in
terms of total endoxylanase abundance these effects cancel out, it is interesting to
observe that the presence of lignin can trigger a shift in the production of certain
endo-xylanases, with potentially different functionalities and/or specificities.
Likewise, the presence of lignin induced a 2.9-fold reduction in two predicted GH43
arabinofuranosidases (#438134 and #300046), while the GH51 (#109488,
PaAbf51A) and GH62 (#434801, PaAbf62A) arabinofuranosidases respectively
increased by 6-fold and 4.8 fold (Figure S3F). In line with the induction by lignin,
Mäkelä et al. showed that when P. anserina was grown on wheat straw, the latter
GH62 arabinofuranosidase was produced in greater abundance than when grown
on cottonseed and soybean hulls. 10 The increase of the two arabinofuranosidases
(PaAbf51A and PaAbf62A) is remarkable in the sense that they have been
characterized to exhibit low activity on polymeric substrates, including wheat
arabinoxylan (low viscosity), and were shown to cleave terminal arabinosyl units
only. 9
The overall relative abundance of carbohydrate (mostly acetyl xylan, AXE) and
feruloyl esterases (FAEs) was not significantly different in the presence and
absence of lignin (Figure 3). Still, a putative CE15 4-O-methyl-glucuronyl
methylesterase (#118359) was not produced in the presence of lignin, while a
putative CE12 rhamnogalacturonan acetylesterase (#381424) was decreased by a
factor

6.1

(Figure

S3G).

Conversely,

four

other

carbohydrate

esterases

significantly increased (CE1 putative acetylxylan esterase (AXE) with carbohydrate
binding module specific for cellulose (CBM1) #284003 3-fold, CE3 #281974 12fold, CE5 with CBM1 #110452 5-fold and CE5 putative cutinase #36734 24-fold).
Apart from a severe reduction in CE1 feruloyl esterase (FAE) #312581 (71-fold),
the abundance of FAEs was not significantly different in the presence of lignin
(Figure S3H). These FAEs have often been suggested to be involved in
disentangling lignin and hemicellulose, and therefore, their production might be

7

induced by the presence of lignin or related substructures. 10,

48

Apparently, the

hemicelullosic substrate used in the current cultivations without lignin already
induced these enzymes and the presence of lignin did not further increase their
production. Although not changed in relative abundance, the FAEs were still most
likely responsible for the reduction in ferulate and p-coumarate moieties in the
residual lignin after growth of P. anserina (Table 2). 30
The highly significant increase in H 2O2 producing enzymes (2.9-fold) was
particularly due to a single putative AA5_1 glyoxal oxidase (GLOX, #15405) which
increased 7.3-fold (Figure 3C). In addition, FAD-linked oxidases (FADO) overall 4fold increased in the presence of lignin (Figure 3C). This was due to three putative
AA7 oxidoreductases all having a vanillyl-alcohol oxidase (VAO)-type FAD domain
(#439950 20-fold, #446722 12-fold and #379025; no signal P 9-fold) that were
strongly induced in the presence of lignin (Figure S3J). 49 A respective 3.7-fold and
7.7-fold increase in two putative AA3 GMC oxidoreductases (#401428 and
#420563; no signal P) further contributed to the overall increase in H 2O2 producing
enzymes (Figure S3K). P. anserina has previously been shown to respond
differently on various biomass sources regarding the induction of H 2O2 producing
enzymes. 10,

16

Our observations clearly show that lignin is amongst the inducing

agents for these enzymes and this report constitutes the first experimental
evidence of induction of AA7 oxidoreductases of P. anserina.
Characterized AA7 oxidoreductases have been listed in the CAZy database as FAD linked oligosaccharide oxidases, and are structurally related to berberine-bridge
enzyme (BBE)-like enzymes. 50 However, phylogenetic analysis according to Ewing
et al. 51 revealed that the AA7 oxidoreductases of P. anserina which were induced
upon growth on lignin belong to other clades of the subfamily of BBE-like enzymes
and more likely are involved in the production of secondary metabolites.
The presence of lignin caused a 20-fold overall increase in multicopper oxidases,
which was primarily due to a 63-fold induction of an AA1_3 laccase (#430065)
(Figure S3L). This enzyme has previously been annotated as a putative bilirubin
oxidase, named bod1, but it was later found to actually correspond to a ‘new’
thermotolerant

laccase

characterization. 5,

52

after

heterologous

production

and

biochemical

The biotechnologically interesting thermotolerancy was later

further demonstrated by enzymatic assays following targeted mutations. 53 A
mutant lacking the bod1 enzyme, furthermore, showed a mildly decreased ability
to grow on lignin next to a decreased ability to resist various phenolics and H 2O2. 53
The strong induction of this enzyme in the presence of lignin observed here further
underlines its potential involvement in the degradation of lignin. Another laccase
(#99820) was only produced in lignin’s presence, albeit in relatively low abundance
still (Figure S3L). Xie et al. have shown through targeted mutations that this
enzyme is involved in the fungus’ ability to grown on wood shavings. 17 Note that,
as already mentioned above, the (expected) relatively low redox potentials
consequently would only allow these enzymes to act ‘directly’ on phenolic moieties.

Alternatively, some lignin-derived phenols could have acted as mediators, or socalled electron-shuttles, indirectly broadening the oxidative range of these
laccases.54-55
Knowing that specific enzyme activities are not taken into account, t he extensive
induction of H 2O2 producers at least suggests some involvement in the observed
ligninolysis (Figure 3). Although H 2O2 producing enzymes have often been
considered an accessory to peroxidases, a recent reevaluation of the P. anserina
mat+ gene annotations eliminated the only putative peroxidase from its genome.
As such, a sole facilitating role of these H2O 2 producers to enzymes involved in
ligninolysis can be excluded. Alternatively, the produced H 2O2 might have been
involved in Fenton chemistry. The Fenton reaction describes the conversion of H 2O2
to hydroxyl radicals in the presence of iron at acidic conditions. These highly
reactive radicals are expected to result in ‘untargeted’ or ‘nonselective’ ligninolysis,
a

mechanism

that

is

often

associated

with

the

action

of

brown-rot

basidiomycetes. 56-57 The fungal metabolite 2,5-dimethoxyhydroquinone has been
shown to drive the Fenton reaction in the latter fungi and, accordingly, has been
used as marker for the possible involvement of Fenton chemistry. 56,

58-59

Though

LC-MS analyses of the culture supernatants failed to detect these metabolites,
other (lignin-derived) products might have fulfilled the same role in P. anserina
biodegradation reactions. Although these secretome analyses cannot provide a
definite answer on the underlying ligninolysis mechanisms, they do highlight
potentially involved enzymes that are interesting candidates for follow-up geneknockout and enzyme production/characterization studies.

In summary, we have for the first time, provided unambiguous confirmation of the
ligninolytic activity of the ascomycete fungus Podospora anserina through
comprehensive substrate analyses of wheat straw lignin that was grown with the
fungus. Fungal growth resulted in substantial lignin removal and the accumulation
of oxidatively degraded substructures. The insights obtained through substrate
characterization agreed well with complementary proteomics analyses. Most
importantly, these analyses showed that the secretome of P. anserina was
considerably altered in the presence of lignin, with a strong reduction of cellulases
in particular, and suggested the potential involvement of laccases and H 2O2
producing enzymes in ligninolysis reactions. Our work highlights several interesting
candidate enzymes for further biochemical characterization and employment in
biotechnological applications.
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Table S1. Py-GC-HR-MS relative abundance of lignin compounds in wheat straw lignin isolate used
for fermentations with P. anserina. Corrected for relative response factors and relative abundance
of 13 C internal standard analogues. Sum on the bases of structural classification according to van
Erven et al. 1-2 Average and standard deviation of analytical duplicates.
wheat straw lignin
Lignin subunits (%)
H

8.6 ± 0.3

G

58.9 ± 0.2

S

32.4 ± 0.2
S/G

0.55 ± 0.0

Structural moieties (%)
Unsubstituted
Methyl

3.4 ± 0.1

Vinyl
4-VP

27.0 ± 0.5
a

4-VGb
C α -ox

d

4.8 ± 0.0
1.1 ± 0.0

C γ -ox

55.7 ± 0.8

PhC γd
c

7.1 ± 0.3
16.4 ± 0.1

C β -ox c
Miscellaneous
a

5.6 ± 0.2

3.5 ± 0.1
60.1 ± 0.7

4-vinylphenol. b 4-vinylguaiacol.
excluding diketones.
phenols with intact α,β,γ carbon side chain.

Table S2. Semiquantitative 1H-13C HSQC NMR structural characterization of wheat straw lignin
isolate used for fermentations with P. anserina.
wheat straw lignin
Lignin subunits (%) a
H

3

G

63

G ox

0

S

34

S ox

0
S/G

0.5

Hydroxycinnamates (%) b
p-coumarate

8

ferulate

6

Flavonolignin (%) b
tricin

15

Lignin interunit linkages (%) b,c
β-O-4’ aryl ethers
β-5’ phenylcoumarans
β-β’ resinols
total
a
b
c

56 (91)
4 (7)
1 (2)
62 (100)

relative distribution of lignin subunits (H+G+G ox +S+S ox =100)
relative volume integral of substructure versus volume integral
of total lignin subunits
relative distribution of total interunit linkages in parentheses

1.

2.

Van Erven, G.; Nayan, N.; Sonnenberg, A. S.; Hendriks, W. H.; Cone, J. W.; Kabel, M. A.,
Mechanistic insight in the selective delignification of wheat straw by th ree white-rot fungal
species through quantitative 13 C-IS py-GC–MS and whole cell wall HSQC NMR. Biotechnol
Biofuels 2018, 11, 262.
Van Erven, G.; Hilgers, R.; de Waard, P.; Gladbeek, E.-J.; van Berkel, W. J. H.; Kabel, M.
A., Elucidation of in situ ligninolysis mechanisms of the selective white-rot fungus
Ceriporiopsis subvermispora. ACS Sustainable Chem Eng 2019, 7, 16757-16764.
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CHAPTER 8

General Discussion

In this thesis, we have aimed to improve the quantitative analysis of lignin and
strived for deepening our understanding of the fungal delignification process,
particularly in situ, by employing the developed analytical tools.

As outlined in Chapter 1, the complex structure of lignin, amongst others,
hampers its accurate quantification, which therefore, still is largely based on
unspecific gravimetric and spectrophotometric methods. Besides interference by
nonlignin components, these methods generally require substantial sample
investments and do not provide any insight into lignin’s structural composition.
Chapter 2 and 3 described our efforts to circumvent these drawbacks by
employing py-GC-MS analysis. Therein, we demonstrated that lignin-derived
pyrolysis products can be used as a quantitative measure for specific lignin content,
once corrected for their individual relative response factors and, most innovatively,
their total peak area was related to that of a polymeric

13

C lignin internal standard.

We, furthermore, showed that lignin can be properly quantified as long as internal
standards are employed from the same botanical origin or taxon, even if the lignins
are structurally different. Yet, some challenges to the application of our method
remain, which will be discussed in the next sections.

In Chapter 1, we described that the grass cell wall differs substantially from that
of woods, first and foremost by the incorporation of hydroxycinnamic acids in its
lignin and hemicellulose. 1-4 This difference in cell wall composition poses additional
challenges for the accurate quantification of lignin in grasses.
Hydroxycinnamic acids. As has been mentioned in Chapter 2, one of the
remaining challenges in the application of the quantitative

13

C-IS py-GC-MS

method to grasses is the fact that the origin of vinylic pyrolysis products cannot be
deduced directly. Grasses contain substantial levels of p-coumaric acid and ferulic
acid that upon pyrolysis, respectively yield 4-vinylphenol and 4-vinylguaiacol. 5
These two pyrolysis products, however, can also be formed from lignin’s interunit
linkages (Figure 1). Hence, these compounds could potentially interfere with the
determination of lignin content. Yet, when these products were fully included in
the quantification of lignin, excellent accuracy was achieved, even for grass species
that are known to be relatively rich in hydroxycinnamic acids, such as corn stover
and sugarcane bagasse. 6-9 That is, the quantitative

13

C-IS py-GC-MS method did

not significantly differ from the Klason benchmark, to date considered to be the
‘golden standard’ for the quantification of lignin (Chapter 2 and 3). 9
Given the above, one might have expected a discrepancy between the two
methods, but the fact that they agree this well could potentially lie in the very
structure of lignin and lignocellulose itself as well as in the nature of the analyses.

It can be fairly expected that most, if not all, detected 4-vinylphenol originated
from p-coumaric acid involved in esterifying the Cγ position of lignin’s interunit
linkages (Chapter 1, Figure 5).3, 10 These moieties should, thus, be considered an
integral part of the polymer and should be quantified as such.

TMAH-py-GC-MS

trans-3-(4-methoxyphenyl)-3propenoic acid methyl ester

p-coumaric acid
+ other products

4-vinylphenol

TMAH-py-GC-MS

p-hydroxyphenyl-β-O-4’ ether

4-methoxystyrene

TMAH-py-GC-MS

guaiacyl-β-O-4’ ether

+ other products

+ other products

3,4-dimethoxystyrene

+ other products

4-vinylguaiacol
TMAH-py-GC-MS

ferulic acid

trans-3-(3,4-dimethoxyphenyl)3-propenoic acid methyl ester

Figure 1. Schematic representation of pyrolysis products resulting from p-hydroxyphenyl-β-O-4’
ether and p-coumaric acid and guaiacyl-β-O-4’ ether and ferulic acid substructures in the absence
and presence of TMAH.

In contrast, in the case of the pyrolysis product 4-vinylguaiacol, the corresponding
(di)ferulic acid is not necessarily only involved in crosslinking to lignin. Part of this
(di)ferulic acid might be contained within the carbohydrate fraction, solely
esterified to hemicellulose. This ‘nonlignin’ ferulic acid fraction might have
interfered with lignin quantification. To check the maximum interference by this
fraction, wheat straw and corn stover samples were saponified and the released
ferulates and diferulates were quantified by LC-MS analyses. It can be fairly
assumed that all released (di)ferulates originated from the carbohydrate fraction
as esterification to lignin has been found to hardly occur and the content of

8

‘unbound’

ferulates

was

negligible. 11

Saponification

released

2.2%

w/w

(di)ferulates from the dry matter of wheat straw and 5.0% w/w from corn stover,
which contentwise, respectively, is equal to approx. 12% and 26% of the
determined lignin contents of the same samples by py-GC-MS (Chapter 2).12
Clearly, the saponifiable fraction is substantial and cannot be ignored. If the py GC-MS method, however, indeed overestimates lignin due to this ferulate fraction,
the Klason methodology apparently overestimates lignin as well, as both methods
have consistently produced similar lignin contents.
In principle, ‘nonlignin’ ferulates could also affect the Klason lignin determination.
In particular the quantification of acid-soluble lignin (ASL) would be affected,
because such ferulates are solubilized upon acid hydrolysis of the carbohydrate
fraction and co-quantified with the released lignin. The release of (di)ferulates
upon acid-hydrolysis is supported by work of Hatfield et al., 13 who analyzed the
acid-insoluble residue after Klason hydrolysis by py-GC-MS and found a severe
reduction in 4-vinylguaiacol (and 4-vinylphenol) in comparison to the initial
sample. In accordance with these findings and amounts of releasable ferulates, we
found that the corn stover sample contained almost double the amount of ASL
(2.8% w/w) versus the wheat straw sample (1.5% w/w) (Chapter 2).
The advised wavelength for the quantification of ASL is 205 nm, since commonly
formed

carbohydrate

acid-degradation

products,

such

as

furfural

and

hydroxymethylfurfural do not or negligibly interfere at this wavelength. 14 Albeit not
their absorption maximum, (di)ferulates show considerable absorbance at this
wavelength. Obviously, quantifying ASL as advised is not free of interferences.
Though it is a great reassurance that the py-GC-MS and Klason methodologies
gave comparable outcomes, both methods, in fact, still might not provide the ‘real’
lignin content, which leaves the lignin chemist with a substantial challenge.
Solving this analytical challenge is even more pressing for the quantification of
lignin in samples that are relatively rich in ferulic acids, while lignin contents are
relatively low. Relevant samples include plant tissues containing more primary cell
wall material, like leaves and edible parts such as wheat grains and maize kernels,
but also applies to certain woody samples, like barks that are rich in suberins
containing ferulic acid. 15-17 Consequently, lignin quantification in food and feed
requires an adaption of the currently available methods, before accurate analysis
can be achieved.
Having already discussed the benefits of py-GC-MS over Klason lignin analysis and
existing alternatives (Chapter 1-3), here we want to primarily focus on the
optimization of the former method. As briefly introduced in Chapter 1 and 5, the
introduction of methylating agents such as tetramethylammonium hydroxide
(TMAH) during pyrolysis, would allow the origin of vinyl products to be deduced
(Figure 1). 18 In this procedure, the decarboxylation of hydroxycinnamic acids is
avoided by converting the carboxylic acids to their corresponding methyl esters,
while hydroxyl groups are converted to methoxyl groups.

The application of TMAH has proven very useful in various py-GC-MS studies,
including those conducted at our department. 6,

19-20

Still, these analyses have

mainly provided qualitative insight and the adaptation to quantitative analyses
involving a

13

C labeled lignin internal standard is far from straightforward.

The quantitative

13

C-IS py-GC-MS method heavily relies on relative response

factors (RRFs) of the lignin-derived pyrolysis products (Chapter 2, Figure S6).
Hence, when TMAH is applied, new RRFs should be determined for the methylated
analogues, for which standards are not as widely available commercially as for the
‘regular’ products.
To circumvent the need for RRF determination of all methylated products, one could
think of determining the ratio of vinyl products originating from hydroxycinnamic
acids and ‘core lignin’ in a separate TMAH-py-GC-MS analysis and correcting the
peak areas in

13

C-IS quantitative py-GC-MS analyses accordingly. Note that when

following this approach the RRFs should still be determined for the products
involved

in

these

determinations,

i.e.

4-methoxystyrene

(for

4-VP),

3,4-

dimethoxystyrene (for 4-VG), trans-3-(4-methoxyphenyl)-3-propenoic acid methyl
ester (for p-CA) and trans-3-(3,4-dimethoxyphenyl)-3-propenoic acid methyl ester
(for FA) (Figure 1).
It has, furthermore, been demonstrated that TMAH-pyrolysis does not proceed via
methylation of products upon release by ‘true’ pyrolysis, but rather proceeds via a
thermally assisted chemolysis. 19 As the two processes are inherently different, it
can be doubted that matrix-effects exerted in both cases are similar, and the
outcomes cannot be corrected in the absence of an internal standard.
Additionally, the application of TMAH is prone to contaminate the py-GC-MS
system, especially when equipped with an autoshot sampler, and maintenance of
the MS-source should be performed frequently. Altogether, the application of TMAH
negatively impacts the throughput of the analytical platform and requires
significant method development before being applicable in any quantitative sense.
Tricin. The flavonoid tricin (Chapter 1, Figure 6) was demonstrated to be an
integral part of the lignin macromolecule in certain grasses, with wheat straw in
particular.

6, 21

Its content, however, is severely overestimated by HSQC NMR

analyses (up to 15% of lignin’s subunits) 22-23, as also shown in Chapter 4 and 6
and will be touched upon in the section ‘Structural characterization of lignin by
HSQC NMR’. Quantification by LC-MS analysis after acidolysis showed more realistic
tricin contents at approx. 0.6% w/w of extractive-free wheat straw. 24 To be able
to exclude a potential interference in (quantitative) py-GC-MS analyses, pure tricin
(PhytoLab, Vestenberggreuth, Germany) was pyrolyzed and the results were
compared to a wheat straw reference sample. The pyrolysis of tricin did not yield
significant amounts of products used for the quantification of lignin. Only traces of
S-derived products were formed, with syringol and acetosyringone accounting for
75% of the relative abundance, whose total area was well below 0.1% of the
normal peak area of these products in wheat straw. We conclude that tricin’s

8

pyrolysis efficiency is low and the interference for lignin quantification is negligible.
Unfortunately, this also implies that specific pyrolysis markers for tricin are not
formed, due to which its content cannot be estimated by py-GC-MS analysis.

In Chapters 4-7, the newly developed

13

C-IS py-GC-MS tool was applied to fungal

treated wheat straw samples. Though the lignin was from the same botanical
source, the treated lignin was structurally highly different in comparison to native
lignin and, thus, also different in comparison to the used

13

C lignin internal

standard (Chapter 2 and 4). Still, we think that fungal degraded wheat straw
lignin resembled the native

13

C labeled wheat straw lignin internal standard more

than native softwood lignin, which was overestimated by the

13

C wheat straw IS

by 15% ‘only’ (Chapter 3).
As any internal standard method is based on the assumption that the analyte and
internal standard behave similarly, upon sample workup, detection, storage, etc.,
we asked ourselves the question whether native

13

C wheat straw lignin is, in fact,

a proper internal standard for these samples. Ideally, every treated sample is
quantified by an internal standard that received exactly the same treatment. As
ideal situations go, this is infeasible in reality and a compromise must be made.
Thinking inside the box 1.

Actually, one can pose the question whether a quantitative internal standard
method can be truly universal and specific at the same time. That question
must unfortunately always be answered by ‘not really’. Yet, this does not, per
se, disqualify the use of that method, as long as the deviations or inaccuracies
are known and accounted for.
In Chapter 2 and 3, we showed that validation of the

13

C-IS py-GC-MS method

for native biomass samples was relatively straightforward, i.e. via quantification of
lignin in model systems with known amounts of added lignin and via benchmarking
to carefully executed gravimetrical analyses. However, this approach does not work
for fungal treated samples. First of all, the Klason benchmark is known to be
disturbed by any acid insoluble nonlignin material. Fungal grown samples contain
substantial amounts of mycelium, which is largely constituted by acid -resistant
chitin (and glucan). To alleviate these disturbances one could think of removing
chitin beforehand or quantifying it in the acid-insoluble residue (AIR) afterwards.
The former could potentially be achieved by employing chitinases. This, however,
would require planetary ball-milling of the sample, to decrease chitin’s crystallinity
and increase its susceptibility to enzymatic degradation. 25-26 As discussed in
Chapter 5 (supporting information), planetary ball-milling can induce changes in
the lignin structure, especially at the milling severities required for decrystallizing
chitin,

which

might

affect

lignin’s

susceptibility

towards

acid

hydrolysis.

Alternatively, the quantification of chitin in AIR might be achieved by employing
the same enzymatic treatment or by increasing the severity of the acid-hydrolysis
conditions, i.e. boiling the sample in concentrated HCl for several hours. 27 Yet, in
both cases, a full conversion of chitin to quantifiable monomers is still difficult to
achieve and, hence, a proper correction is currently not possible.
Not only is the acid insoluble lignin disturbed by the presence of compounds of
fungal origin, the highly degraded lignin structure affects the quantification as well.
Importantly, ASL should not be considered an isolable fraction present within
lignocellulose, but rather should be viewed as a degradative fraction that is formed
during the acid-hydrolysis step itself. 14 Heavily degraded, lower molecular weight,
lignins are more susceptible to end up in the acid-soluble part, and as such, a
larger fraction of the lignin is quantified with lesser certainty, as also illustrated in
the previous section. All inaccuracies combined, we opted not to invest time in
benchmarking the py-GC-MS method for fungal treated lignin against the Klason
methodology.
Instead, the need for such an unspecific method could be circumvented, when
known amounts of fungal treated lignin are employed in biomass model systems,
similar to our approach for native lignins (Chapter 2 and 3).
In Chapter 4 and 5 we showed that the lignin fraction of particular interest for
this purpose, i.e. the fraction containing most degraded substructures, was waterextractable. Despite the application of dedicated purification strategies based on
enzymatic carbohydrate degradation and reversed phase chromatography, we
could not completely purify these samples (average final purity ~50% w/w). Note
that this purity was determined by the very py-GC-MS method we wished to
validate. We did not attempt to quantify the remaining impurities to indirectly
estimate the lignin content of the extracts by subtracting their contents from the
total dry matter, as performed for the lignin isolates in Chapter 2 and 3, simply
because we did not know what the impurities were. Hence, we were left with a
lignin fraction that was not of use for method validation.
In the same line of reasoning, attempting to achieve a full closure mass balance
would unlikely bring us closer to our validation aim. With lignin contents in the
order of 5-10% w/w, a mass balance closure of 98% (extremely high), could still
mean an underestimation of 40% and an overestimation can still not be excluded.

A potential source of error in the quantification of lignin in fungal treated samples
could be the presence of condensed structures, of which the relative accumulation
was hinted at in Chapters 4-7. Note that these linkages might already be present
within the lignin macromolecule initially, and ‘simply’ accumulate, or be formed
through repolymerization reactions.

8

C-C (e.g. 5-5’) and C-O-C (e.g. 4-O-5’) linkages between aromatic rings are
expected to be considerably more resistant against pyrolysis depolymerization than
β-O-4’ aryl ethers. The latter has been predicted from theoretical calculations of
the bond dissociation energies (BDEs) and was demonstrated experimentally by
pyrolyzing various lignin model dimers. 28-29 Although pyrolysis reactions for dimer
models cannot be one-on-one translated to polymeric lignin, as was also shown in
Chapter 5, they do provide a fair indication of the underlying reaction
mechanisms. 30 Hence, condensed substructures are expected to be more prone to
remain in the pyrolysis cup as ‘char’ or might be released as dimeric products that
are not quantified, either due to condensation onto the pyro-tube, liner and/or
column, or due to elution during column bake-out. An accumulation of condensed
substructures, therefore, is expected to result in underestimation of lignin content
and might, consequently, lead to an overestimation of delignification extents. The
extent of such an accumulation in fungal treated samples can, however, not be
properly evaluated, particularly because these linkages containing tertiary or
quaternary carbon atoms without bearing any HSQC NMR detectable C-H bonds.
Alternatively,

13

C NMR would be able to detect carbons involved in such linkages,

though the single dimension of this technique does not provide sufficient signal
dispersion for the particular carbons to be resolved.
The lack of substantial cross-peak shifts of lignin’s subunits in the aromatic region
of HSQC (and HMBC) spectra might, nonetheless, indicate that such condensed
substructures did not abundantly accumulate (Chapter 5 and 6). Recent
multidimensional NMR approaches taken for elucidating the structural motifs of
heavily condensed Kraft lignins might be of guidance for better understanding the
occurrence (and scale) of repolymerization reactions. 31-32
To further evaluate the applicability of the developed

13

C-IS py-GC-MS tool, we

employed the method to samples containing more severely modified lignin. An
example of such samples, is those resulting from the treatment of plant biomass
with laccase and the mediator hydroxybenzotriazole (HBT). Laccase-induced
polymerization reactions have been observed quite extensively between wheat
straw lignin and HBT, a process also referred to as grafting. 33-35 Also here, the
exact extent of polymerization is difficult to quantify, but benzotriazole was clearly
observed in py-GC-MS and HSQC NMR analyses of extensively washed samples,
suggesting covalent attachment. 36 Besides, dumas analyses showed a strong
accumulation of nitrogen in these samples, more than can be attributed to protein
(laccase) adsorption alone. As a consequence of this presumably quite severe
polymerization, the

13

C-IS py-GC-MS and Klason analyses of HBT-grafted lignin

produced divergent extents in delignification, 51% vs 32%, respectively. 36

We

propose that HBT grafting affects the accuracy of both methods in opposite
directions, suggesting that the actual extent of delignification lays somewhere
between both outcomes.

The performance of the analytical platform was further explored by applying the
method to industrial lignins, collectively referred to as ‘technical lignins’ in the
literature (Figure 2). Here, we chose to use two relevant lignin streams:
Protobind™ 1000 (P1000), obtained from soda pulping of a mixture of wheat straw
and sarkanda grass and Futurol lignin, the residue of acid-catalyzed steamexploded Miscanthus x giganteus used for simultaneous enzymatic hydrolysis and
monosaccharide fermentation. 37-38.
Thinking inside the box 2.

Technically, the term ‘technical lignins’ might be somewhat inappropriate as
the resulting structures are no longer recognizable as lignin, due to the
extensive processing they have undergone.

Clearly, the py-GC-MS method underestimated the lignin content compared to the
Klason benchmark (Figure 2). The fact that the relative deviation obtained for
P1000 lignin (-40%) exceeded that of Futurol lignin (-30%), presumably related to
the fact that the P1000 lignin was more extensively degraded and condensed, with
less than one intact β-O-4’ aryl ether linkages per hundred subunits. 37-38 The latter
can also be observed from the relatively low abundance of P1000 pyrolysis products
with an intact α,β,γ carbon side chain, as elaborated in Chapter 4.
A) Content determination

B) Structural characterization
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Figure 2. Lignin content determination (A): py-GC-SIM-MS using

13

C wheat straw lignin as internal

standard (triplicate) and Klason methodology. Klason lignin content is presented as acid -insoluble
lignin corrected for ash and protein combined with acid-soluble lignin. Structural characterization
(B): Relative abundance of lignin compounds corrected for relative response factors and behavior
of the
b

13

C-IS. Sum on the basis of structural classification according to Chapter 3. a4-vinylphenol.

4-vinylguaiacol. c excluding diketones. d phenols with intact α,β,γ carbon side chain.
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Noteworthy, py-GC-MS showed quite some residual p-coumarate moieties in the
P1000 lignin, deduced from the abundance of the 4-VP pyrolysis product,
something that was not expected from the alkaline nature of the process to obtain
the lignin. Probably, some p-coumarate moieties are attached to the lignin
macromolecule through other linkages than γ-esters only, as also mentioned by
Reinoso et al., though these linkages do not per se occur naturally. 39
It is safe to state that the native internal standard does by no means resemble
these ‘lignins’. We do, however, anticipate that the

13

C-IS py-GC-MS method could

form a valuable addition to the technical lignin analytical toolbox, once proper
internal standards are available. Therefore, we propose to follow the same strategy
as applied for hard and softwoods (Chapter 3), i.e. the production of uniformly
13

C labeled technical lignins. We infer from Chapter 2 and 3 that a single species

can in principle cover for an entire taxon. To that end, we suggest that uniform ly
13

C labeled wheat straw,

13

C labeled willow and

13

C labeled spruce are excellent

candidates for processing by the currently most relevant industrial technologies,
i.e. sulfite, kraft, soda and organosolv pulping. 40-41 As py-GC-MS analyses require
extremely little sample and internal standard investments (~10 μg IS/sample), the
processes can be downsized to lab or benchscale and for that reason also remain
economically feasible. We envision applications of these uniformly

13

C labeled

technical lignins beyond their sole function as ‘ideal’ internal standard for py -GCMS analyses as the uniform

13

C labeling also potentiates multidimensional NMR

analyses of these lignins.

As already introduced in Chapter 1 and demonstrated throughout the chapters
that followed, 1H-13C HSQC NMR is the most versatile technique for the structural
characterization of lignin. The versatility primarily lays in the signal dispersion that
is provided by the two dimensions as compared to 1D 1H or
signal overlap is a significant issue.

8, 42

13

C analyses in which

Opposite to the 1D methods that are

generally quantitative, i.e. volume integrals are directly proportional to the
concentration of the specific chemical moiety within the structure, HSQC NMR
generally lacks such quantitativity and is, therefore, often used for relative
comparisons only. 42-45 Such comparisons are based on the relative expression of
volume integrals of specific cross-peaks versus reference signals that are present
within the lignin molecule itself, most commonly the aromatic subunits (H 2/6, G2
and S 2/6), hence explaining the semiquantitative nature of these analyses. 43-44
The lack of quantitative output in the absolute sense of HSQC NMR analyses is,
amongst others, due to differences in T 1 and T 2 relaxation times, coupling constant
deviations and homonuclear coupling of the different structural moieties present
within the lignin population. 43 Many variations of the HSQC NMR experiment have,
thus far, been proposed to solve (some) quantitative issues, including quick quantitative HSQC, 46-47 combinatorial HSQC and

13

C NMR,23,

48

HSQC 0, 49-50 and

molecular-size tolerant HSQC, 51 but it goes beyond the scope of this thesis to
discuss them all in detail. Thus far, no general consensus on ‘the best’ NMR method
has been reached, although it did become more or less standard practice to use
adiabatic pulse sequences to improve the uniformity of response factors across the
entire spectrum. 44, 52
Recently, HSQC 0 analysis seems to gain popularity and is appraised for its
accuracy.49-50 The principle of this NMR experiment is based on the recording of a
series of HSQC spectra with incremental pulse repetitions, corresponding to
different relaxation times, that are linearly extrapolated to a zero-relaxation
time.49-50 Though, it must be noted that also these analyses still suffer from
differences in relaxation behavior of ‘pendant’ and end-groups compared to ‘core’
lignin units and are strongly biased by molecular weight differences. 32,

45, 53

Furthermore, compared to regular HSQC NMR analysis, the recording and
processing of HSQC 0 spectra is not straightforward and, additionally, the
measurements are far more time-consuming.32
Given the above, we attempted in Chapter 6 to improve the accuracy of regular
HSQC NMR analysis. Inspired by the use of relaxation agents for 1D NMR analyses
of lignin, such as

13

C and

31

P NMR, 37, 54 we investigated whether HSQC NMR analysis

could benefit from the presence of chromium (III) acetylacetonate (Cr(acac) 3) as
relaxation agent to ‘normalize’ the relaxation behavior of various structural
moieties.
This directly linked to the fact that, thus far, always remarkably low amounts of
interunit linkages per 100 subunits have been detected by HSQC NMR analyses,
even in ‘native’ polymeric lignins (40-60 linkages/100 rings). 23, 55 Especially when
lignins are more linear than generally considered, the actual linkages appear to be
severely underrepresented, as we should theoretically expect n-1 linkages for n
subunits.56-57 It is well-known that HSQC NMR detects only those interunit linkages
bearing C-H groups, which might to some extent explain this underestimation. 42
Yet, it might also relate to the ‘quantitativeness’ of the technique itself, potentially
due to differences in the relaxation behavior of aromatic rings and the linkages
connecting them.
A related ‘problem’ that might be solved in the presence of the paramagnetic
chromium

coordination

complex

is

the

abundance

of

end-units

that

are

encountered within grass lignins. Tricin, ferulate-arabinosyl LCC linkages, cinnamyl
alcohol and aldehydes all terminate a lignin chain, as illustrated in the lignin
structure in Chapter 4. It has recently been suggested that dibenzodioxocin, 5-5’,
and 4-O-5’ linkages all occur in their free-phenolic form and, as such, do not
constitute ‘branching’ points of the lignin macromolecule. 57 Additionally, it was
proposed that α,β-diaryl ether linkages, element ‘E’ in the structure of Chapter 4,
would not be formed during regular lignification reactions in planta. 57 This is in line
with studies that failed to show their existence by multidimensional NMR
analyses58-59,

but

implies

that

the

substructure

has

previously

been

misannotated.6, 23 Importantly, these reconsiderations leave lignin with practically
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no known possibilities to branch. To accommodate the level of detected end-units,
monocot lignins, therefore, should be of lower molecular weight than generally
assumed and might be richer in the aforementioned linkages that provide every
linear lignin chain with two ‘end-units’. Alternatively, this very anomaly might be
due to the fact that end-units are overestimated.
Indeed, in the presence of Cr(acac) 3, we observed a clearly reduced overestimation
of the pendant and end-group units (p-coumarate, ferulate and tricin) (Chapter
6, Table S7). This decrease was substantiated by the fact that after Cr(acac) 3
addition, the volume integrals of tricin’s T 2’,6’ cross-peak matched more closely with
that of the C β -Hβ cross-peak of the β-O-4’ aryl ether linkage through which it is
primarily bound to lignin (A Tβ ). 60-61 Vice versa, we observed that β-O-4’ aryl ethers
were slightly increased, while resinol substructures were suppressed as well.
To gain further insight into these findings, we compared the semiquantitative
analyses of HSQC spectra of lignin isolates from wheat straw, willow and spruce
that were recorded in the absence and presence of Cr(acac) 3 (Figure 3).
A) Aliphatic region wheat straw

B) Semiquantitative analyses
With Cr(acac)3

Without Cr(acac)3
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5-5’/4-O-β dibenzodioxocin
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End-groups (%)d
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0 (0)
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34 (72)
0
0
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Figure 3. HSQC NMR spectra of wheat straw lignin in the absence and presence of chromium (III)
acetylacetonate (Cr(acac) 3 ) as relaxation agent (A) and semiquantitative analyses of wheat straw,
willow and spruce lignin isolates (B). Wheat straw lignin isolate from Chapter 4; willow and spruce
lignin isolates from Chapter 3. a relative distribution of lignin subunits (H+G+G ox+S+Sox =100);
b
relative volume integral of substructure versus volume integral of total lignin subunits, known as
‘per 100 Ar’; c relative distribution of total interunit linkages in parentheses; d relative volume
integral of substructure versus volume integral of total interunit linkages.

In all lignins, the known end-groups and resinol substructures were strongly
reduced, while total β-O-4’ aryl ethers increased, albeit only slightly for the spruce
lignin. Hence, our observations were not coincidental for the particular wheat straw
or for grasses only. In Figure 3A, it is evident that the C α -Hα , Cβ -Hβ and C γ-Hγ
correlation peaks were all suppressed in the presence of Cr(acac) 3. Due to their
different chemical environments, we consider it unlikely that all correlations would

be equally affected by a spectral artifact. 42 Could it therefore be the case that
resinol units have thus far always been overestimated and that they are more
abundantly present as end-units of the lignin macromolecule? Resinol units have
frequently been suggested to start a growing lignin chain through monolignol
dimerization, but they still could be present anywhere within the molecule. 62 The
sequencing of lignin, indeed referring to the determination of its ‘primary’
structure, might help to partially resolve this question. This analytical approach,
however, is still in its infancy and can only be readily applied to relatively lowmolecular-weight lignin oligomers. 63-64 Without alternative methods for the
quantification of the resinol content and their position within the lignin chain, we
must reside in the fact that the posed question remains unanswered.

In Chapter 2-7 we have shown that the quantitative

13

C-IS py-GC-MS method,

besides accurate lignin content, can also provide valuable insights into lignin’s
structural features. We were not the first to consider that py-GC-MS analysis can
provide a structural fingerprint of lignin. 65 However, we did show for the first time
that, when properly corrected for the behavior of the

13

C lignin internal standard,

structural information can be derived from py-GC-MS analyses that matches very
decently with NMR spectroscopy analyses. Here, the outcomes of both techniques
are further integrated to evaluate the performance of the novel py-GC-MS method
in terms of structural characterization of lignin.
As mentioned several times before in this thesis, in py-GC-MS analyses
hydroxycinnamic acids cannot be distinghuished from ‘core-lignin’ while in NMR
analysis they can. To allow a better comparison of both techniques, therefore, pCA and FA were included in the NMR ‘total abundance’. However, as elaborated
also in the previous section, it should be taken into account that these units tend
to be overestimated by HSQC NMR analyses.
In Chapter 4, tricin was also included in the NMR analyses’ relative abundance of
lignin’s subunit, fair enough from the perspective it constitutes an integral part of
the macromolecule. Though, in the previous section, we described that it does not
contribute to the lignin-derived products in py-GC-MS. For comparative purposes,
tricin was, therefore, excluded from the NMR subunits, and the data presented in
Chapter 4 was recalculated (Figure 4). The py-GC-MS data of that chapter was,
furthermore, recalculated with proper relative response factors for the diketone
pyrolysis products (Chapter 5), products we, and others, initially had annotated
as benzoyl acetaldehydes. 5, 66
Taking these considerations into account, py-GC-MS and NMR analyses provided
very similar information regarding lignin’s subunit composition, in particular when
Cr(acac) 3 was included in the NMR analyses (Figure 4A). Even though H-units are
relatively easily overestimated by py-GC-MS analyses, mainly because aromatic
amino acids produce similar phenol derivatives, both techniques agreed rather
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Figure 4. Comparison of subunit composition of lignin as characterized by 13 C-IS py-GC-MS and HSQC NMR. Py-GC-MS
data is corrected for behavior of the 13C-IS. In HSQC NMR determinations (A), p-coumaric acid and p-hydroxybenzoic
acid were included as H-units and ferulic acid as G-unit. Other not included samples of Chapter 4-6, overall, showed a
similar correlation. For explanation of abbreviations, see corresponding chapters of this thesis.
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well. H-units, indeed, were overestimated in the acetone/water extractable

fractions of Chapter 5, in which peptide or protein interference likely played a

larger role.

Inversely, when 4-vinylphenol and/or 4-vinylguaiacol were excluded from the pyGC-MS analyses for isolated lignins, solid correlations were achieved as well (Figure
4B). This further demonstrated the ability of py-GC-MS to correctly estimate the
subunit composition. However, a sample set of larger structural variation is needed
to further establish the performance of the py-GC-MS method.
Interestingly, other more in-depth structural features beyond the ‘traditional’
subunit information also fitted rather well when the outcomes of the two techniques
were compared (Figure 5). That is, a linear correlation between both techniques
was apparent, but they essentially did not provide similar ‘absolute’ values. This is
clearly visible in the intercepts of the y-axis, which relates to the fact that Cαoxidized products and products with an intact α,β,γ-sidechain (PhCγ) are also
derived from substructures having other than oxidized and intact interunit
linkages, respectively. However, as the graphs of Figure 5 demonstrate, they do
strongly correlate with these substructures. Decent correlations were achieved for
Cα -oxidized moieties, even for whole cell wall NMR analyses (Chapter 4 in Figure
5A). This presumably related to the fact that the information on these moieties
was solely derived from the aromatic region of the spectra, which is only mildly
affected by the presence of nonlignin components. The graph of Chapter 5 in
Figure 5A showed that, even when going to extreme degrees of oxidation, an
appropriate model can be designed. The isolates obtained in Chapter 6 showed an
excellent correlation (R 2 ≈ 0.99). Two wood isolates, analyzed in the same way
(Section ‘Structural characterization of lignin by HSQC NMR’), did, however, not fit
the same model (Figure 5A). Apparently, more C α -oxidized pyrolysis products were
formed from their nonoxidized substructures, in comparison to wheat straw lignin.
When plotted in one figure, an overall reasonable correlation is achieved, though
it must be noted that the model was heavily skewed by the ‘extremities’ included.
In Chapter 4, we postulated that pyrolysis products with an α,β,γ-sidechain
(PhCγ) can be a useful measure for mapping lignin’s intact interunit linkages by
py-GC-MS, when excluding pyrolysis markers for cleaved substructures, primarily
diketones in these samples (Chapter 5). Figure 5B shows that a relatively weak
correlation (R2 ≈ 0.67) was obtained for the samples of Chapter 4 and 5. The
poorer correlations could relate to the lower purity of these samples, impacting
both the accuracy of py-GC-MS and NMR analyses. Conversely, the lignin isolates
of Chapter 6 and 8 strongly correlated (R 2 ≈ 0.96), which corroborated the initial
hypothesis.
Figure 4 and 5 demonstrate that, even though entirely different entities are
measured, py-GC-MS and NMR analyses can provide corresponding structural
information. We anticipate that, when a proper ‘training’ set of samples is used to
establish a model, py-GC-MS might to some extent displace the need for NMR
analysis. Not only would this significantly reduce time and equipment investments,
it might enable the analysis of samples of which insufficient material is available
for recording an HSQC NMR spectrum (within acceptable amounts of time) (see
section ‘future perspectives’).
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Figure 5. Comparison of C α -oxidation and intact interunit linkages of lignin as characterized by 13CIS py-GC-MS and HSQC NMR. Py-GC-MS data is corrected for behaviour of the 13C-IS. PhCy*: sum
of pyrolysis products with an intact α,β,γ-sidechain, corrected for diketones. Intact interunit
linkages by HSQC NMR are expressed relative to the sum of subunits, p-CA, p-BA and FA.

If we assume that the entire lignin macromolecule is measured by NMR
spectroscopy, the reasonable consistency with py-GC-MS analysis would indicate
that the pyrolysate should be representative of the entire molecule as well. 44
Accordingly, the part of the sample that is retained in the pyrolysis cup, ‘char’,
should also be representative of the entire lignin population. As discussed in section
‘Quantification of fungal treated lignin’, we would have expected that G-units,
being more prone to undergo condensation, would have selectively accumulated in
the pyrolysis char if they had indeed been involved in condensation reactions. In
fact, the consistency of py-GC-MS and NMR analyses could, thus, imply that
condensation reactions did not occur at a substantial scale and further strengthens
our statement that lignin could be accurately quantified in fungal-treated samples
with our

13

C-IS py-GC-MS method.

In this thesis, we investigated the delignification mechanisms of three promising
white-rot fungi for the biological pretreatment of lignocellulosic biomass (Chapter
4) and studied the ligninolysis mechanisms of Ceriporiopsis subvermispora in detail
(Chapter 5 and 6). With the fungal kingdom being extremely rich in species and
ample examples known of white-rot fungi that have been applied to valorize
lignocellulosic biomass, why were these particular fungal species and strains
selected?67-68

Tuyen et al. showed that Ceriporiopsis subvermispora, Pleurotus eryngii and
Lentinula edodes delignified wheat straw more extensively and selectively in
comparison

to

other

white-rot

fungi

like

the

well-studied

Phanerochaete

chrysosporium, as based on conventional compositional analyses, as also briefly
discussed in Chapter 1.69 As such, these fungal species were selected for further
assessing their potential for improving the feed-value of plant biomass by the
Animal

Nutrition and Plant Breeding

groups of Wageningen University &

Research. 70-72 As part of that research and to advance our understanding of their
delignification performance and underlying mechanisms, the remaining lignin after
growth of these fungal species was compared in Chapter 4. Therein, we showed
that C. subvermispora and L. edodes outperformed P. eryngii both in efficiency and
selectivity of delignification, which matched with the ruminal degradability of the
treated straws. 72-73 The former two fungal species hardly differed with regard to
their final delignifying performance (after 7 weeks of fungal growth) and also their
rates/kinetics of lignin removal were very comparable. Still, a slightly higher lignin
degradation and selectivity versus cellulose removal could be recognized for C.
subvermispora in comparison to L. edodes.

Note that, as also mentioned in

Chapter 4, 6 and 7, the determination of cellulose removal might have been
interfered by the presence of β-glucan that is contained within the fungal cell wall,

8

because

analyses

were

based

on

constituent

monosaccharides

after

acid

hydrolysis. As fungal glucan is mostly comprised of β-(1→3) and β-(1→6)-linked
glucosyl units, glycosidic linkage analyses might help to distinguish these from
cellulose’s β-(1→4)-linked units. 74-75 The (molar) ratio of these glucosyl units
might provide some insight into the extent of interference.
Although the exact amount of fungal biomass is difficult to quantify, visually, the
mycelia of L. edodes and P. eryingii appeared substantially thicker in comparison
to those of C. subvermispora (Figure 6). Possibly, the interference of fungal glucan
was larger for the former two fungi and the fact that they still showed a ‘posi tive’
glucan removal (Chapter 4, Figure 3), could suggest that they removed more
cellulose than C. subvermispora.
week 0

week 1

week 3

week 7

Control

32x magnification

Ceriporiopsis
subvermispora

Lentinula
edodes

Pleurotus
eryngii

Figure 6. Mycelium formation on wheat straw after inoculation with C. subvermispora (CBS 347.63,
Cs1), L. edodes (sh 03/08, Le8) and P. eryngii (Mycelia2600, Pe3). The same uninoculated week 0
sample is shown for comparative purposes. Images provided by Nazri Nayan, John W. Cone and
Anton S. M. Sonnenberg (Wageningen University & Research).

Besides delignification performance, our choice for in-depth characterization of C.
subvermispora (Chapter 5 and 6) was motivated by the observation in Chapter
4 that its in situ ligninolysis mechanisms seemed to fundamentally differ from what
had previously been demonstrated and was considered for white-rot fungi in
general.76-79
Despite the outperformance by C. subvermispora, we would, however, still consider
L. edodes, also known as the edible shiitake mushroom, as preferred candidate
species if we were to focus only on the production of animal feed through fungal
pretreatment. This is primarily based on the GRAS (generally regarded as safe)
status of the fungus and its mycelium, which might expedite putting the technology
into practice by avoiding lengthy safety approval studies. 80

An important consideration is that white-rot fungi, in fact, might perform their own
pretreatment to enable carbohydrate conversion and consumption as lignin itself
cannot be used as sole carbon and energy source. 81 It is hypothesized that lignin
is primarily targeted during the initial growth stages, so that cellulose becomes
available and can be efficiently utilized during later growth phases and in fruiting
body formation. 82-83 Consequently, ‘overgrowth’ must be controlled to avoid the
loss of valuable carbohydrates from the raw material for valorization strategies
aiming at their conversion.
An additional factor to consider in the choice of fungus, is the amount of mycellium
formation (Figure 6). Whereas mycellium itself is degradable by rumen microbes,
and thus is expected not to negatively impact the feed-value of the treated straws,
its influence on other applications remains to be further elucidated. 73,

84

As many

other strategies aiming at the valorization of lignocellulose without the requirement
of a safety status could benefit hugely from fungal pretreatment, including the pulp
and paper (biopulping), 85 bioethanol86 and biogas 87 industries, our fungus of choice
would be C. subvermispora.

In the Chapters 4-6, we have dealt extensively with the mechanisms underlying
delignification by C. subvermispora and elaborately discussed the implications of
our findings on the supposed ligninolysis reactions. Chapter 5 and 6 evidently
demonstrated

how

complementary

information

about

fungal

ligninolysis

mechanisms can be obtained from both the ‘degraded’ and ‘intact’ perspectives.
These chapters provided insight into in situ fungal ligninolysis mechanisms that
model compounds studies and transcriptomic and/or proteomic analyses could
never have. We do, however, want to highlight that these insights could only be
derived from the fact that substructures relatively accumulated in the treated
residue, both in terms of the formation of diagnostic truncated structures and in
the preferential removal of intact structures.
Thinking inside the box 3.

If all linkages are equally susceptible to degradation and degradation products
are fully metabolized, the remaining lignin will appear ‘intact’ and, thus,
information on the underlying pathways cannot be deduced. Luckily, most
processes follow pathways of deconstruction that allow their reconstruction.

In Figure 7, the obtained results of Chapter 4-6 are integrated with the available
literature to provide comprehensive insight into the strategies and performance of
C. subvermispora to delignify plant biomass. In this figure, we separated effectivity
and selectivity of delignification, both important traits when assessing the
performance of fungi and pretreatments in general.
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• effect pH

Figure 7. Overview of the actors involved in delignification by C. subvermispora.
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Plant biomass delignification by Ceriporiopsis subvermispora

The excellent selectivity of C. subvermispora, in particular regarding the minimal
consumption of cellulose, likely relates to a diminished cellulolytic enzymatic
machinery

in

comparison

to

other,

well-known

nonselective

carbohydrate degrading white-rot fungi, such as P. chrysosporium.

88

lignin

and

An important

feature of the cellulolytic system of C. subvermispora is the timing of its
‘activation’. Hori et al. 89 showed that, when grown on ball-milled aspen wood, the
fungus produced its ligninolytic arsenal clearly ahead of cellulases. Hemicellulolytic
enzymes were also produced in advance of cellulases. 89 Indeed, we also observed
concurrent lignin and hemicellulose removal and the selectivity for ligninolysis
decreased as fungal growth continued over extended periods of time (Chapter 4
and 6).
Next to the targeted enzymatic cellulose degradation, ‘untargeted’ cellulolysis
might be prevented by suppression of the Fenton reaction. As also briefly discussed
in Chapter 7, the Fenton reaction describes the conversion of hydrogen peroxide
into hydroxyl radicals in the presence of iron as catalyst at acidic pH (Fe 2+ + H2O2
→ Fe3+ + OH- + OH). These highly reactive radicals can depolymerize both lignin
and polysaccharides and are generally considered to underlie lignocellulose
degradation by brown-rot fungi. 90-91 Secondary metabolites produced by C.
subvermispora have been associated with the silencing of the Fenton reaction. 92-94
These alkyl- and alkenylitaconic acids, also referred to as ceriporic acids, were
observed in acetone extracts of the straw that was treated with the fungus
(Chapter 5, Figure S3). The mode-of-action has been ascribed to their ability to
chelate Fe 3+. This chelation protects Fe 3+ against reduction and, therefore,
decelerates the reductive half-cycle known to catalyze the reaction. 92-94
Importantly, the Fenton reaction has been described to result in similar ligninolysis
products as observed in Chapter 5. 91 From the clear threo-diastereoselectivity
observed in Chapter 6, we could, however, rule out a large contribution of the
Fenton

reaction,

as

it

had

previously

been

shown

not

to

exhibit

any

diastereoselectivity. 95 Conversely, in Chapter 7, we proposed that Fenton
chemistry was likely involved in delignification by Podospora anserina. We,
therefore, do think that it could be of interest to study the Fenton reaction in more
detail, aiming to ultimately elucidate structures diagnostic for its occurrence.
Besides involvement in the suppression of the Fenton reaction, ceriporic acids were
also attributed to lignin degradation as they likely governed C. subvermipsora the
ability to oxidize nonphenolic subunits through MnP-mediated lipid peroxidation
reactions, which was elaborated in Chapter 5 and 6.96-98 The involvement of MnPmediated

lipid

peroxidation

reactions

is

further

corroborated

by

the

co-

transcription of genes encoding manganese peroxidases and genes putatively
involved in fatty acid metabolism during growth of C. subvermispora on ball-milled
aspen wood. 88
Given the central role of ceriporic acids to the ligninolytic performance of C.
subvermispora, it is important to further understand and characterize their action,
preferably in model systems with isolated lignin or whole cell wall preparations that
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extend beyond a simple lignin model dimer, and by using the fungus’ manganese
peroxidases. 98
For ligninolysis, the fungus is expected to mainly depend on the latter enzymes,
as based on the number of genes and secretome analysis, as was already indicated
in Chapters 4-6. 88-89 However, different strains of the same fungal species can
differ in genome composition and ligninolytic capacities and, in addition,
secretomes are known to depend on the substrate and other environmental
triggers. 72,

78, 99

Therefore, we propose to sequence the genome of the particular

(monokaryotic) strain used in this research (CBS 347.63), in particular because it
was shown to outperform the sequenced strain. 72,

88

Furthermore, we propose to

investigate the fungus’ secretome under solid-state fermentation conditions
(elaborated in the next section). Following secretomics, the involved enzymes
could be obtained through purification from fungal grown biomass extracts or after
heterologous production for detailed biochemical characterization.
Such heterologous production and characterization has previously been used to
establish that MnPs from C. subvermispora exhibit remarkable acid-resistance. 100
This acid-resistance guaranteed that ligninolysis continued, even after the pH
severely dropped during fungal growth (pH 3weeks ≈ 3.7; pH 7weeks ≈ 3.3). 72 This pH
was considerably lower than observed for L. edodes (pH3weeks ≈ 4.1; pH7weeks ≈ 3.9)
and P. eryngii (pH3weeks ≈ 5.1; pH 7weeks ≈ 4.4), when grown under identical
circumstances (Chapter 4). Besides an expected difference in the excreted
ligninolytic enzymes, possibly this low pH influenced the occurrence of certain
ligninolysis reactions. To better understand the high abundance of the β-O-|4
cleavage pathway observed for ligninolysis by C. subvermispora in comparison to
the other two fungi (Chapter 4 and 5), potential pH effects should be considered
and investigated.
Related to the fungus’ dependence on MnPs and ceriporic acids for efficient
ligninolysis, we propose supplementation with Mn 2+ during fungal growth, as
proven effective by van Kuijk et al. 101, and additionally with the precursors of the
proximal oxidants produced by the fungus. Guitérrez et al. proposed that the
underlying biosynthesis of ceriporic acids is based on the condensation of
oxaloacetate onto acetyl-CoA-activated fatty acids, catalyzed by alkylcitrate
synthases,

that

after

dehydration

and

subsequent

decarboxylation

yield

alkylitaconic acids. 102 Hence, we reason that supplementation by oxaloacetate and
fatty acids could enhance the production of ceriporic acids. However, oxaloacetate
is also involved in other fungal metabolic routes and its supplementation,
therefore, might be ineffective. 103 Therefore, means to upregulate the involved
synthases or boost their activity might be more effective. Alternatively, to
circumvent the need of metabolic engineering of the fungus, supplementation by
chemically synthesized ceriporic acids can be attempted. 98, 104

In Chapter 7 we described the use of proteomic analysis of the secretome to better
understand the mechanisms and enzymes involved in fungal ligninolysis reactions,
complemented by substrate analyses to strengthen the proposed action of the
secreted enzymes. This combination enabled us to unambiguously confirm the
ability of the ascomycete fungus P. anserina to degrade lignin. Although proteomic
analyses can without doubt help to pinpoint the involved enzymatic players, some
challenges and points of attention remain.

The most common setup used for secretome analysis is a submerged cultivation,
i.e. the substrate is dispersed or dissolved in a relatively large amount of
medium. 89,

105

This setup allows fast fungal growth and facile protein extraction,

but is of lesser resemblance to ‘reality’ than a solid-state incubation, neither from
the perspective on how fungi function in nature, nor how they can be applied for
the valorization of plant biomass. 106 Of particular importance is the use of
(planetary) ball-milled substrates in these incubations, which in general tend to be
highly accessible to the fungus and its produced enzymes, in shear contrast to
“natural” decay. 107 Alternatively, semi-submerged or solid-state cultivations have
been applied successfully, although more care must be taken with the extraction
of the proteins as they tend to suffer more from adsorption to the substrate, with
lignin in particular. 108-110 This very protein adsorption disabled comparative
proteomic analyses of the different fungi described in Chapter 4. Although the
respective genomes of the fungi included in that chapter suggest different
dependencies on laccases, manganese peroxidases and H2O2-producing arylalcohol oxidases for lignin degradation, it would only be correct to associate the
actual production and secretion of these enzymes with the different ligninolysis
mechanisms observed. 88,

111-114

Unfortunately, secretome analyses were not part

of the initial experimental set-up and treated wheat straw samples, therefore, were
directly freeze-dried after incubation. This freeze-drying probably negatively
affected the extractability of the proteins.
Proteolytic activity presents an additional consideration for secretome analysis.
Fungi, in general, recycle their precious nitrogen. To facilitate this recycling, fungi
might excrete proteases to degrade other extracellular enzymes and regulate their
reuptake as nitrogen-rich peptides. 115 Proteomic analyses, therefore, in fact, only
provide a snapshot of the constantly changing fungal secretome. Indeed,
extracellular proteases were detected in Chapter 7 (Figure S2).

Secretome analysis heavily relies on the species’ genome sequence data, and as
mentioned above, the genomic composition can vary substantially within strains of
the same species. 72,

99

This directly impacts the assignment of detected peptides
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to a parent protein and, as such, increases the number of “unknown proteins”.
Furthermore, (putative) functional annotations are often based on sequence
homology only and, therefore, should be taken with great caution. 116-119
Additionally, approximate protein abundancies, besides often being based on peak
area only rather than absolute quantities, ignore (specific) enzymatic activities. 106
Highly abundant enzymes can be irrelevant from an activity perspective and vice
versa, essential activities might be overlooked based on a low relative abundance.
Furthermore, secretome analysis overlooks the role mediators might play in the
reactions the mapped enzymes catalyze. Still, important information can be
derived from shifts in the relative abundance of individual enzymes, as clearly
demonstrated in Chapter 7.

The

highly

accurate

lignin

contents

and

simultaneous

valuable

structural

information that can be obtained from extremely low amounts of sample (10-100
µg) make the quantitative

13

C-IS py-GC-MS method an unparalleled addition to the

lignin analysis toolbox. As briefly introduced in Chapter 3 and section ‘Structural
characterization of lignin by quantitative

13

C-IS py-GC-MS’, we anticipate that

these features will allow the specific lignin analysis of lignocellulosic samples with
critical sample amounts available and will enable studies demanding routine lignin
assessment. In this section, we would like to briefly deal with some examples that
could benefit from the developed analytical platform.

Technical lignins currently constitute the main industrial lignin stream and their
quality assurance and evaluation of potential material applications requires
frequent lignin assessment, in terms of chemical and structural composition. 37, 45
Quantitative py-GC-MS analysis is particularly interesting from the accuracy and
throughput point-of-view, as generally, the amount of sample is not an issue with
these ton scale streams. Once proper

13

C internal standards are available (see

section ‘Condensed linkages and lignin quantification by py-GC-MS’) the method
can be extended and validated. Considerable improvement of the method’s
throughput can still be achieved, for example by optimizing the chromatographic
separation to focus on lignin-derived pyrolysis products, though this decreases the
ability to pick up artifacts and contaminations. Alternatively, a so-called ‘backflush’ system can be implemented. The technology is based on reversing the gas
flow once the last compound of interest has entered the analytical/separation
column, through which a considerable reduction in run time can be achieved, next
to preventing column degeneration and contamination.

This improvement in throughput would also considerably aid the analysis of plant
lines obtained through breeding and/or transgenic engineering, in which the
number of samples is often a limiting factor. Though, we reckon that even without
further improvement of the throughput, these fields could already hugely benefit
from the developed method, as intended effects on lignin content and structure
can now be evaluated from a single analysis.

Furthermore, also specific parts of a plant can now be analyzed, as sample amounts
are often limited, especially for laboratory-grown plants under strictly fixed
conditions. This could, for example, include the analysis of compression and/or
tension wood, where ‘reaction’ and ‘opposite’ stem segments can be compared at
exactly the same stem height. 120-121
In the same line, samples could be ‘harvested’ at a single cross-section of a plants
stem at different distances from the pith or centre of that particular section. This
might resolve lignin deposition patterns or in other words help to finally decipher
what lignin is deposited when, where and in which amounts (Figure 8).
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Figure 8. Sampling of annual rings for assessing lignin deposition patterns by quantitative
py-GC-MS.

We expect that a further exploration of uniformly

13

13

C-IS

C labeled plants and derived

lignin isolates will improve our understanding of lignin conversion processes.
Needless to say, labeled plants are also laboratory-grown and, consequently, often
relatively limited amounts of material are available.

However, as also mentioned in Chapter 3, the uniform
a factor 100 signal enhancement in

13

13

C labeling yields at least

C and H- C HSQC NMR analyses. As such,
1

13

reactions could be downscaled to microtiter scale, while still allowing quantitative
py-GC-MS and NMR analyses of the substrates. This is likely to open up possibilities
for evaluating (engineered) lignin-active enzymes. Logically, the quantitative pyGC-MS would then operate ‘inversely’ by using

12

C lignin as internal standard.

Alternatively, the improved selectivity in comparison to conventional lignin
analyses can be of use for the analysis of biologically treated lignins and plant
samples, and this is surely not limited to fungi (as studied in this thesis), but can
extent to bacteria and termites. 122-124 Along this line, another ‘biological treatment’
could be the passage of plant biomass through an animals’ gastrointestinal tract.
If lignin is inert during passage, it can be hypothesized that it could function as an
intrinsic tracer to map gastrointestinal transit behavior and digestion of animal
feed. As elaborated in the section ‘Quantification of (native) grass lignin’, this
application would still require some method development in order to fully
distinguish lignin and nonlignin-derived pyrolysis products.

The applicability of quantitative py-GC-HR-MS analysis can possibly even be
extended beyond the analysis of plant biomass and lignin. We anticipate that
especially the high-resolution mass spectrometric detection, in combination with
multivariate analyses, could be of use for the determination of food, feed and
(historical) material authenticity. 125-127

The results obtained in this thesis have contributed to the understanding of in situ
fungal delignification mechanisms, with that of C. subvermispora in particular. The
diagnostic substructures elucidated (Chapter 5) now allow the comparison of fungi
in terms of these mechanisms and could enable the exploration of how the
ligninolysis reactions relate to the fungal secretomes. However, only by further
expanding the set of diagnostic structures, will it ultimately be possible to fully
map fungal delignification pathways. We reckon that the approaches outlined in
this thesis can be of guidance for accomplishing this goal. Additionally, these
approaches can also be used to extract, purify and characterize other oligomeric
soluble products, not diagnostic per se, to be used as models in detailed
mechanistic

studies

of,

for

example,

enzymatic

conversion,

grafting

or

repolymerization or pyrolytic reaction pathways, studies that are now often
conducted by using ‘too simple’ dimeric lignin mimics. However, we do like to
mention that this task is not as simple as it might sound. Lignin’s overwhelming
structural variety (Chapter 1) yields a complex pool of physically distinct
oligomers that are difficult to separate chromatographically.

We strongly believe that white-rot fungi can contribute to exploiting plant biomass
to its fullest, already in the near future. Whereas for some applications the time efficiency of fungal delignification is still impeding the competition with current
thermochemical processes, for example in the bioethanol industries, some other
applications are not (yet) hindered by the required time-investment. 68 One of the
most promising applications of fungal pretreatment, to our opinion, would be for
the production of biogas. Biogas production is increasing, is actively encouraged
and selective lignin removal can substantially improve gas yields. 87, 128-129 At largescale anaerobic digestion facilities, the to be fermented plant biomass is usually
stored on-site for considerable amounts of time. As fungal pretreatment, in
essence, is an easy implementable technology, we expect that on-site treatment
should be feasible. However, requirements of sterility, temperature-control and
aeration should be considered.
Due to this low-tech character, we also envisage that fungal treatment can be
realized in developing countries and might even be ‘brought to the people’. 130 That
is, community garden and organic wastes or compost can be treated in
underground containers before being transported to biogas plants, contributing
positively to the time-efficiency, logistics and costs of transportation. Also here,
the process should be carefully monitored and critically evaluated for the potential
need of implementing safety and/or quality measures.
Otherwise, large-scale fungal pretreatment facilities might be more efficient, and,
in fact, they already exist in The Netherlands. However, currently, these facilities
are solely used for producing compost substrate for the mushroom cultivation
industries. These or similar facilities could be set up for large scale fungal
pretreatments for other applications.
Such other applications should also focus on those ‘off the beaten tracks’, for
example the fungal growth on animal manure or on mushroom-spent compost.
Fungal pretreatment can on the one hand valorize these materials into celluloseenriched streams, but can on the other hand also reduce their volumes and capture
nitrogen. The latter is especially relevant for fungal growth on animal manure, and
might directly be used to reduce nitrogen emissions, critical during the recent
‘crisis’ the Dutch got themselves enrolled in.
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Bunzel, M.; Schüß ler, A.; Tchetseubu Saha, G. r., Chemical characterization of
Klason lignin preparations from plant-based foods. J Agric Food Chem 2011, 59,
12506-12513.
Bernards, M. A., Demystifying suberin. Can J Bot 2002, 80, 227-240.
Del Río, J. C.; Rencoret, J.; Gutiérrez, A.; Kim, H.; Ralph, J., Structural
characterization of lignin from maize (Zea mays L.) fibers: evidence for
diferuloylputrescine incorporated into the lignin polymer in maize kernels. J Agric
Food Chem 2018, 66, 4402-4413.
Del Río, J. C.; Gutiérrez, A.; Rodríguez, I. M.; Ibarra, D.; Martínez, A. T.,
Composition of non-woody plant lignins and cinnamic acids by Py-GC/MS,
Py/TMAH and FT-IR. J Anal Appl Pyrolysis 2007, 79, 39-46.
Del Río, J.; Martin, F.; Gonzalez-Vila, F., Thermally assisted hydrolysis and
alkylation as a novel pyrolytic approach for the structural characterization of

20.
21.
22.
23.
24.
25.
26.
27.
28.
29.
30.

31.
32.

33.
34.
35.
36.
37.

38.

natural biopolymers and geomacromolecules. TrAC Trends Anal Chem 1996, 15,
70-79.
Martínez, P. M.; Punt, A. M.; Kabel, M. A.; Gruppen, H., Deconstruction of lignin
linked p-coumarates, ferulates and xylan by NaOH enhances the enzymatic
conversion of glucan. Bioresour Technol 2016, 216, 44-51.
Lan, W.; Lu, F.; Regner, M.; Zhu, Y.; Rencoret, J.; Ralph, S. A.; Zakai, U. I.;
Morreel, K.; Boerjan, W.; Ralph, J., Tricin, a flavonoid monomer in monocot
lignification. Plant Physiol 2015, 167, 1284-1295.
Zikeli, F.; Ters, T.; Fackler, K.; Srebotnik, E.; Li, J., Successive and quantitative
fractionation and extensive structural characterization of lignin from wheat straw.
Ind Crops Prod 2014, 61, 249-257.
Zeng, J.; Helms, G. L.; Gao, X.; Chen, S., Quantification of wheat straw lignin
structure by comprehensive NMR analysis. J Agric Food Chem 2013, 61, 1084810857.
Lan, W.; Rencoret, J.; Lu, F.; Karlen, S. D.; Smith, B. G.; Harris, P. J.; del Río,
J. C.; Ralph, J., Tricin‐lignins: occurrence and quantitation of tricin in relation to
phylogeny. Plant J 2016, 88, 1046-1057.
Rinaudo, M., Chitin and chitosan: properties and applications. Prog Polym Sci
2006, 31, 603-632.
Yabushita, M.; Kobayashi, H.; Kuroki, K.; Ito, S.; Fukuoka, A., Catalytic
depolymerization of chitin with retention of N‐acetyl group. ChemSusChem 2015,
8, 3760-3763.
Dolgopyatova, N.; Novikov, V. Y.; Konovalova, I.; Putintsev, N., Mechanism of
acid hydrolysis of N-acetyl-D-glucosamine. Russ J Appl Chem 2013, 86, 986991.
Kawamoto, H., Lignin pyrolysis reactions. J Wood Sci 2017, 63, 117-132.
Kawamoto, H.; Horigoshi, S.; Saka, S., Pyrolysis reactions of various lignin model
dimers. J Wood Sci 2007, 53, 168-174.
Choi, Y. S.; Singh, R.; Zhang, J.; Balasubramanian, G.; Sturgeon, M. R.;
Katahira, R.; Chupka, G.; Beckham, G. T.; Shanks, B. H., Pyrolysis reaction
networks for lignin model compounds: Unraveling thermal deconstruction of βO-4 and α-O-4 compounds. Green Chem 2016, 18, 1762-1773.
Crestini, C.; Lange, H.; Sette, M.; Argyropoulos, D. S., On the structure of
softwood kraft lignin. Green Chem 2017, 19, 4104-4121.
Lancefield, C. S.; Wienk, H. L.; Boelens, R.; Weckhuysen, B. M.; Bruijnincx, P.
C., Identification of a diagnostic structural motif reveals a new reaction
intermediate and condensation pathway in kraft lignin formation. Chem Sci
2018, 9, 6348-6360.
Rencoret, J.; Pereira, A.; del Río, J. C.; Martínez, Á. T.; Gutiérrez, A., Laccasemediator pretreatment of wheat straw degrades lignin and improves
saccharification. BioEnergy Res 2016, 9, 917-930.
Munk, L.; Sitarz, A. K.; Kalyani, D. C.; Mikkelsen, J. D.; Meyer, A. S., Can
laccases catalyze bond cleavage in lignin? Biotechnol Adv 2015, 33, 13-24.
Munk, L.; Punt, A.; Kabel, M. A.; Meyer, A. S., Laccase catalyzed grafting of–N–
OH type mediators to lignin via radical–radical coupling. RSC Adv 2017, 7, 33583368.
Hilgers, R.; Van Erven, G.; Boerkamp, V.; Sulaeva, I.; Potthast, A.; Kabel, M. A.;
Vincken, J.-P., Understanding laccase/HBT-catalyzed grass delignification at the
molecular level. Green Chem 2020; 22, 1735-1746.
Constant, S.; Wienk, H. L. J.; Frissen, A. E.; de Peinder, P.; Boelens, R.; van Es,
D. S.; Grisel, R. J. H.; Weckhuysen, B. M.; Huijgen, W. J. J.; Gosselink, R. J. A.,
New insights into the structure and composition of technical lignins: a
comparative characterisation study. Green Chem 2016, 18, 2651-2665.
Auxenfans, T.; Crônier, D.; Chabbert, B.; Paës, G., Understanding the structural
and chemical changes of plant biomass following steam explosion pretreatment.
Biotechnol Biofuels 2017, 10, 36.

8

39.

40.
41.
42.
43.
44.
45.

46.
47.
48.
49.

50.

51.
52.
53.

54.
55.
56.
57.
58.

Reinoso, F. A.; Rencoret, J.; Gutiérrez, A.; Milagres, A. M.; del Río, J. C.; Ferraz,
A., Fate of p-hydroxycinnamates and structural characteristics of residual
hemicelluloses and lignin during alkaline-sulfite chemithermomechanical
pretreatment of sugarcane bagasse. Biotechnol Biofuels 2018, 11, 153.
Hendriks, A.; Zeeman, G., Pretreatments to enhance the digestibility of
lignocellulosic biomass. Bioresour Technol 2009, 100, 10-18.
Lora, J., Industrial commercial lignins: sources, properties and applications. In
Monomers, polymers and composites from renewable resources, Belgacem, M.
N.; Gandini, A., Eds. Elsevier: Oxford, UK, 2008; pp 225-241.
Ralph, J.; Landucci, L. L., NMR of lignins. In Lignin and Lignans: Advances in
Chemistry, Heithner, C.; Dimmel, D.; Schmidt, J. A., Eds. CRC Pres, Taylor &
Francis: Boca Raton, FL, USA, 2010; pp 137-244.
Wen, J.-L.; Sun, S.-L.; Xue, B.-L.; Sun, R.-C., Recent advances in
characterization of lignin polymer by solution-state nuclear magnetic resonance
(NMR) methodology. Materials 2013, 6, 359-391.
Mansfield, S. D.; Kim, H.; Lu, F.; Ralph, J., Whole plant cell wall characterization
using solution-state 2D NMR. Nat Protoc 2012, 7, 1579-1589.
Rinaldi, R.; Jastrzebski, R.; Clough, M. T.; Ralph, J.; Kennema, M.; Bruijnincx,
P. C.; Weckhuysen, B. M., Paving the way for lignin valorisation: recent advances
in bioengineering, biorefining and catalysis. Angew Chem Int Ed 2016, 55 (29),
8164-8215.
Peterson, D. J.; Loening, N. M., QQ‐HSQC: a quick, quantitative heteronuclear
correlation experiment for NMR spectroscopy. Magn Reson Chem 2007, 45, 937941.
Sette, M.; Wechselberger, R.; Crestini, C., Elucidation of lignin structure by
quantitative 2D NMR. Chem - Eur J 2011, 17, 9529-9535.
Zhang, L.; Gellerstedt, G., Quantitative 2D HSQC NMR determination of polymer
structures by selecting suitable internal standard references. Magn Reson Chem
2007, 45, 37-45.
Hu, K.; Westler, W. M.; Markley, J. L., Simultaneous quantification and
identification of individual chemicals in metabolite mixtures by two-dimensional
extrapolated time-zero 1 H-13C HSQC (HSQC 0 ). J Am Chem Soc 2011, 133, 16621665.
Cheng, K.; Sorek, H.; Zimmermann, H.; Wemmer, D. E.; Pauly, M., Solution state 2D NMR spectroscopy of plant cell walls enabled by a dimethylsulfoxided6 /1-ethyl-3-methylimidazolium acetate solvent. Anal Chem 2013, 85, 32133221.
Okamura, H.; Nishimura, H.; Nagata, T.; Kigawa, T.; Watanabe, T.; Katahira, M.,
Accurate and molecular-size-tolerant NMR quantitation of diverse components in
solution. Sci Rep 2016, 6, 21742.
Kupče, E.; Freeman, R., Compensated adiabatic inversion pulses: broadband
INEPT and HSQC. J Magn Reson 2007, 187, 258-265.
Amiri, M. T.; Bertella, S.; Questell-Santiago, Y. M.; Luterbacher, J. S.,
Establishing lignin structure-upgradeability relationships using quantitative 1 H–
13
C heteronuclear single quantum coherence nuclear magnetic resonance (HSQC NMR) spectroscopy. Chem Sci 2019, 10, 8135-8142.
Xia, Z.; Akim, L. G.; Argyropoulos, D. S., Quantitative 13 C NMR analysis of lignins
with internal standards. J Agric Food Chem 2001, 49, 3573-3578.
Sette, M.; Lange, H.; Crestini, C., Quantitative HSQC analyses of lignin: a
practical comparison. Comput Struct Biotechnol J 2013, 6, e201303016.
Crestini, C.; Melone, F.; Sette, M.; Saladino, R., Milled wood lignin: a linear
oligomer. Biomacromolecules 2011, 12 (11), 3928-3935.
Ralph, J.; Lapierre, C.; Boerjan, W., Lignin structure and its engineering. Curr
Opin Biotechnol 2019, 56, 240-249.
Kilpeläeinen, I.; Sipilä, J.; Brunow, G.; Lundquist, K.; Ede, R. M., Application of
two-dimensional NMR spectroscopy to wood lignin structure determination and

59.
60.
61.
62.

63.
64.
65.
66.

67.

68.
69.
70.

71.

72.
73.

74.

identification of some minor structural units of hard-and softwood lignins. J Agric
Food Chem 1994, 42, 2790-2794.
Crestini, C.; Argyropoulos, D. S., Structural analysis of wheat straw lignin by
quantitative 31 P and 2D NMR spectroscopy. The occurrence of ester bonds and αO-4 substructures. J Agric Food Chem 1997, 45, 1212-1219.
Lan, W.; Morreel, K.; Lu, F.; Rencoret, J.; del Río, J. C.; Voorend, W.; Vermerris,
W.; Boerjan, W.; Ralph, J., Maize tricin-oligolignol metabolites and their
implications for monocot lignification. Plant Physiol 2016, 171, 810-820.
Lan, W.; Yue, F.; Rencoret, J.; del Río, J.; Boerjan, W.; Lu, F.; Ralph, J.,
Elucidating tricin-lignin structures: assigning correlations in HSQC spectra of
monocot lignins. Polymers 2018, 10, 916.
Ralph, J.; Brunow, G.; Harris, P. J.; Dixon, R. A.; Schatz, P. F.; Boerjan, W.,
Lignification: are lignins biosynthesized via simple combinatorial chemistry or via
proteinaceous control and template replication? In Recent Advances in
Polyphenol Research, Lattanzio, V.; Daayf, F., Eds. Wiley-Blackwell: Oxord,
2009; Vol. 1, pp 36-66.
Morreel, K.; Dima, O.; Kim, H.; Lu, F.; Niculaes, C.; Vanholme, R.; Dauwe, R.;
Goeminne, G.; Inzé, D.; Messens, E., Mass spectrometry-based sequencing of
lignin oligomers. Plant Physiol 2010, 153, 1464-1478.
Kiyota, E.; Mazzafera, P.; Sawaya, A. C., Analysis of soluble lignin in sugarcane
by ultrahigh performance liquid chromatography–tandem mass spectrometry
with a do-it-yourself oligomer database. Anal Chem 2012, 84, 7015-7020.
Rencoret, J.; del Río, J. C.; Nierop, K. G.; Gutiérrez, A.; Ralph, J., Rapid PyGC/MS assessment of the structural alterations of lignins in genetically modified
plants. J Anal Appl Pyrolysis 2016, 121, 155-164.
Rencoret, J.; Gutiérrez, A.; Nieto, L.; Jiménez-Barbero, J.; Faulds, C. B.; Kim,
H.; Ralph, J.; Martínez, Á. T.; del Río, J. C., Lignin composition and structure in
young versus adult Eucalyptus globulus plants. Plant Physiol 2011, 155, 667682.
Floudas, D.; Binder, M.; Riley, R.; Barry, K.; Blanchette, R. A.; Henrissat, B.;
Martínez, A. T.; Otillar, R.; Spatafora, J. W.; Yadav, J. S., The Paleozoic origin of
enzymatic lignin decomposition reconstructed from 31 fungal genomes. Science
2012, 336, 1715-1719.
Wan, C.; Li, Y., Fungal pretreatment of lignocellulosic biomass. Biotechnol Adv
2012, 30, 1447-1457.
Tuyen, V.; Cone, J.; Baars, J.; Sonnenberg, A.; Hendriks, W., Fungal strain and
incubation period affect chemical composition and nutrient availability of wheat
straw for rumen fermentation. Bioresour Technol 2012, 111, 336-342.
Van Kuijk, S. J. A.; Sonnenberg, A. S. M.; Baars, J. J. P.; Hendriks, W. H.; Cone,
J. W., Fungal treatment of lignocellulosic biomass: Importance of fungal species,
colonization and time on chemical composition and in vitro rumen degradability.
Anim Feed Sci and Technol 2015, 209, 40-50.
Van Kuijk, S. J. A.; Sonnenberg, A. S. M.; Baars, J. J. P.; Hendriks, W. H.; del
Río, J. C.; Rencoret, J.; Gutiérrez, A.; de Ruijter, N. C. A.; Cone, J. W., Chemical
changes and increased degradability of wheat straw and oak wood chips treated
with the white rot fungi Ceriporiopsis subvermispora and Lentinula edodes.
Biomass Bioenergy 2017, 105, 381-391.
Nayan, N.; Sonnenberg, A. S.; Hendriks, W. H.; Cone, J. W., Screening of white ‐
rot fungi for bioprocessing of wheat straw into ruminant feed. J Appl Microbiol
2018, 125, 468-479.
Nayan, N.; van Erven, G.; Kabel, M. A.; Sonnenberg, A. S.; Hendriks, W. H.;
Cone, J. W., Evaluation of fungal degradation of wheat straw cell wall using
different analytical methods from ruminant nutrition perspective. J Sci Food Agric
2019, 99, 4054-4062.
Fesel, P. H.; Zuccaro, A., β-glucan: Crucial component of the fungal cell wall and
elusive MAMP in plants. Fungal Genet Biol 2016, 90, 53-60.

8

75.
76.

77.

78.

79.

80.
81.
82.
83.
84.

85.
86.
87.
88.

Ciucanu, I.; Kerek, F., A simple and rapid method for the permethylation of
carbohydrates. Carbohydr Res 1984, 131, 209-217.
Choi, J.; Choi, D.; Ahn, S.; Lee, S.; Kim, M.; Meier, D.; Faix, O.; Scott, G. M.,
Characterization of trembling aspen wood (Populus tremuloides L.) degraded with
the white rot fungus Ceriporiopsis subvermispora and MWLs isolated thereof. Holz
Roh Werkst 2006, 64, 415-422.
Yelle, D. J.; Kapich, A. N.; Houtman, C. J.; Lu, F.; Timokhin, V. I.; Fort, R. C.;
Ralph, J.; Hammel, K. E., A highly diastereoselective oxidant contributes to
ligninolysis by the white rot basidiomycete Ceriporiopsis subvermispora. Appl
Environ Microbiol 2014, 80, 7536-7544.
Daly, P.; López, S. C.; Peng, M.; Lancefield, C. S.; Purvine, S. O.; Kim, Y. M.;
Zink, E. M.; Dohnalkova, A.; Singan, V. R.; Lipzen, A., Dichomitus squalens
partially tailors its molecular responses to the composition of solid wood. Environ
Microbiol 2018, 20, 4141-4156.
Martínez, Á. T.; Speranza, M.; Ruiz-Dueñas, F. J.; Ferreira, P.; Camarero, S.;
Guillén, F.; Martínez, M. J.; Gutiérrez, A.; del Río, J. C., Biodegradation of
lignocellulosics: microbial, chemical, and enzymatic aspects of the fungal attack
of lignin. Int Microbiol 2005, 8, 195-204.
Van Kuijk, S. J. A.; Sonnenberg, A. S. M.; Baars, J. J. P.; Hendriks, W. H.; Cone,
J. W., Fungal treated lignocellulosic biomass as ruminant feed ingredient: a
review. Biotechnol Adv 2015, 33, 191-202.
Hammel, K. E., Fungal degradation of lignin. In Driven by nature: plant litter
quality and decomposition, Cadish, G.; Giller, K. E., Eds. CAB-International:
Wallingford, 1997; pp 33-47.
Kües, U.; Liu, Y., Fruiting body production in basidiomycetes. Appl Microbiol
Biotech 2000, 54, 141-152.
Kabel, M. A.; Jurak, E.; Mäkelä, M. R.; De Vries, R. P., Occurrence and function
of enzymes for lignocellulose degradation in commercial Agaricus bisporus
cultivation. Appl Microbiol Biotech 2017, 101, 4363-4369.
Cone, J. W.; van Gelder, A. H.; Visscher, G. J.; Oudshoorn, L., Influence of rumen
fluid and substrate concentration on fermentation kinetics measured with a fully
automated time related gas production apparatus. Anim Feed Sci and Technol
1996, 61, 113-128.
Ferraz, A.; Guerra, A.; Mendonça, R.; Masarin, F.; Vicentim, M. P.; Ag uiar, A.;
Pavan, P. C., Technological advances and mechanistic basis for fungal biopulping.
Enzyme Microb Technol 2008, 43, 178-185.
Wan, C.; Li, Y., Microbial pretreatment of corn stover with Ceriporiopsis
subvermispora for enzymatic hydrolysis and ethanol production. Bioresour
Technol 2010, 101, 6398-6403.
Amirta, R.; Tanabe, T.; Watanabe, T.; Honda, Y.; Kuwahara, M.; Watanabe, T.,
Methane fermentation of Japanese cedar wood pretreated with a white rot
fungus, Ceriporiopsis subvermispora. J Biotechnol 2006, 123, 71-77.
Fernández-Fueyo, E.; Ruiz-Dueñas, F. J.; Ferreira, P.; Floudas, D.; Hibbett, D.
S.; Canessa, P.; Larrondo, L. F.; James, T. Y.; Seelenfreund, D.; Lobos, S.;
Polanco, R.; Tello, M.; Honda, Y.; Watanabe, T.; Watanabe, T.; Ryu, J. S .;
Kubicek, C. P.; Schmoll, M.; Gaskell, J.; Hammel, K. E.; St. John, F. J.; Vanden
Wymelenberg, A.; Sabat, G.; Splinter Bondurant, S.; Khajamohiddin, S.; Jagit,
Y. S.; Doppapaneni, H.; Subramanian, V.; José, L. L.; Oguiza, J. A.; Perez, G.;
Pisabarro, A. G.; Ramirez, L.; Santoyo, F.; Master, E.; Coutinho, P. M.; Henrissat,
B.; Lombard, V.; Magnuson, J. K.; Kües, U.; Hori, C.; Igarashi, K.; Samejima,
M.; Held, B. W.; Barry, K. W.; Labutti, K. M.; Lapidus, A.; Lindquist, E. A.; Lucas,
S. M.; Riley, R.; Salamov, A. A.; Hoffmeister, D.; Schwenk, D.; Hadar, Y.;
Yarden, O.; de Vries, R. P.; Wiebenga, A.; Stenlid, J.; Eastwood, D.; Grigoriev,
I. V.; Berka, R. M.; Blanchette, R. A.; Kersten, P.; Martínez, A. T.; Vicuna, R.;
Cullen, D., Comparative genomics of Ceriporiopsis subvermispora and
Phanerochaete chrysosporium provide insight into selective ligninolysis. Proc Natl
Acad Sci 2012, 109, 5458-5463.

89.

90.

91.
92.

93.

94.

95.

96.
97.
98.

99.
100.
101.

102.
103.
104.

Hori, C.; Gaskell, J.; Igarashi, K.; Kersten, P.; Mozuch, M.; Samejima, M.; Cullen,
D., Temporal alterations in secretome of selective ligninolytic fungi Ceriporiopsis
subvermispora during growth on aspen wood reveal its strategy of degrading
lignocellulose. Appl Environ Microbiol 2014, 80, 2062-2070.
Wei, D.; Houtman, C. J.; Kapich, A. N.; Hunt, C. G.; Cullen, D.; Hammel, K. E.,
Laccase and its role in production of extracellular reactive oxygen species during
wood decay by the brown rot basidiomycete Postia placenta. Appl Environ
Microbiol 2010, 76, 2091-2097.
Yelle, D. J.; Wei, D.; Ralph, J.; Hammel, K. E., Multidimensional NMR analysis
reveals truncated lignin structures in wood decayed by the brown rot
basidiomycete Postia placenta. Environ Microbiol 2011, 13, 1091-1100.
Watanabe, T.; Teranishi, H.; Honda, Y.; Kuwahara, M., A selective lignindegrading fungus, Ceriporiopsis subvermispora, produces alkylitaconates that
inhibit the production of a cellulolytic active oxygen species, hydroxyl radical in
the presence of iron and H 2O2 . Biochem Biophys Res Commun 2002, 297, 918923.
Rahmawati, N.; Ohashi, Y.; Watanabe, T.; Honda, Y.; Watanabe, T., Ceriporic
acid B, an extracellular metabolite of Ceriporiopsis subvermispora, suppresses
the depolymerization of cellulose by the Fenton reaction. Biomacromolecules
2005, 6, 2851-2856.
Ohashi, Y.; Kan, Y.; Watanabe, T.; Honda, Y.; Watanabe, T., Redox silencing of
the Fenton reaction system by an alkylitaconic acid, ceriporic acid B produced by
a selective lignin-degrading fungus, Ceriporiopsis subvermispora. Org Biomol
Chem 2007, 5, 840-847.
Bohlin, C.; Andersson, P.-O.; Lundquist, K.; Jönsson, L. J., Differences in stereopreference in the oxidative degradation of diastereomers of the lignin model
compound 1-(3, 4-dimethoxyphenyl)-2-(2-methoxyphenoxy)-1, 3-propanediol
with enzymic and non-enzymic oxidants. J Mol Catal B: Enzym 2007, 45, 21-26.
Hofrichter, M., Review: lignin conversion by manganese peroxidase (MnP).
Enzyme Microb Technol 2002, 30, 454-466.
Enoki, M.; Watanabe, T.; Nakagame, S.; Koller, K.; Messner, K.; Honda, Y.;
Kuwahara, M., Extracellular lipid peroxidation of selective white-rot fungus,
Ceriporiopsis subvermispora. FEMS Microbiol Lett 1999, 180, 205-211.
Nishimura, H.; Sasaki, M.; Seike, H.; Nakamura, M.; Watanabe, T., Alkadienyl
and alkenyl itaconic acids (ceriporic acids G and H) from the selective white-rot
fungus Ceriporiopsis subvermispora: a new class of metabolites initiating
ligninolytic lipid peroxidation. Org Biomol Chem 2012, 10, 6432-6442.
López, S. C.; Theelen, B.; Manserra, S.; Issak, T. Y.; Rytioja, J.; Mäke lä, M. R.;
de Vries, R. P., Functional diversity in Dichomitus squalens monokaryons. IMA
fungus 2017, 8, 17.
Fernández-Fueyo, E.; Ruiz-Dueñas, F. J.; Martínez, Á. T., Engineering a fungal
peroxidase that degrades lignin at very acidic pH. Biotechnol Biofuels 2014, 7,
114.
Van Kuijk, S.; Sonnenberg, A.; Baars, J.; Hendriks, W.; Cone, J., The effect of
adding urea, manganese and linoleic acid to wheat straw and wood chips on lignin
degradation by fungi and subsequent in vitro rumen degradation. Anim Feed Sci
and Technol 2016, 213, 22-28.
Gutiérrez, A.; del Río, J. C.; Martínez-Íñigo, M. J.; Martínez, M. J.; Martínez, Á.
T., Production of new unsaturated lipids during wood decay by ligninolytic
basidiomycetes. Appl Environ Microbiol 2002, 68, 1344-1350.
Shimada, M.; Akamtsu, Y.; Tokimatsu, T.; Mii, K.; Hattori, T., Possible
biochemical roles of oxalic acid as a low molecular weight compound involved in
brown-rot and white-rot wood decays. J Biotechnol 1997, 53, 103-113.
Nishimura, H.; Tsuda, S.; Shimizu, H.; Ohashi, Y.; Watanabe, T.; Honda, Y.;
Watanabe, T., De novo synthesis of (Z)-and (E)-7-hexadecenylitaconic acids by
a
selective
lignin-degrading
fungus,
Ceriporiopsis
subvermispora.
Phytochemistry 2008, 69, 2593-2602.

8

105.

106.
107.

108.

109.

110.

111.
112.
113.
114.
115.

116.
117.
118.
119.
120.

121.

Mäkelä, M. R.; Bouzid, O.; Robl, D.; Post, H.; Peng, M.; Heck, A.; Altelaar, M.;
de Vries, R. P., Cultivation of Podospora anserina on soybean hulls results in an
efficient enzyme cocktail for plant biomass hydrolysis. New Biotechnol 2017, 37,
162-171.
Alfaro, M.; Oguiza, J. A.; Ramirez, L.; Pisabarro, A. G., Comparative analysis of
secretomes in basidiomycete fungi. J Proteomics 2014, 102, 28-43.
Vanden Wymelenberg, A.; Gaskell, J.; Mozuch, M.; BonDurant, S. S.; Sabat, G.;
Ralph, J.; Skyba, O.; Mansfield, S. D.; Blanchette, R. A.; Grigoriev, I. V.,
Significant alteration of gene expression in wood decay fungi Postia placenta and
Phanerochaete chrysosporium by plant species. Appl Environ Microbiol 2011, 77,
4499-4507.
Salvachúa, D.; Martínez, A. T.; Tien, M.; López-Lucendo, M. F.; García, F.; De
Los Ríos, V.; Martínez, M. J.; Prieto, A., Differential proteomic analysis of the
secretome of Irpex lacteus and other white-rot fungi during wheat straw
pretreatment. Biotechnol Biofuels 2013, 6, 115.
Fernández-Fueyo, E.; Ruiz-Dueñas, F. J.; López-Lucendo, M. F.; Pérez-Boada,
M.; Rencoret, J.; Gutiérrez, A.; Pisabarro, A. G.; Ramírez, L.; Martínez, A. T., A
secretomic view of woody and nonwoody lignocellulose degradation by Pleurotus
ostreatus. Biotechnol Biofuels 2016, 9, 49.
Patyshakuliyeva, A.; Post, H.; Zhou, M.; Jurak, E.; Heck, A. J.; Hildén, K. S.;
Kabel, M. A.; Mäkelä, M. R.; Altelaar, M. A.; De Vries, R. P., Uncovering the
abilities of Agaricus bisporus to degrade plant biomass throughout its life cycle.
Environ Microbiol 2015, 17, 3098-3109.
Nagai, M.; Sakamoto, Y.; Nakade, K.; Sato, T., Isolation and characterization of
the gene encoding a manganese peroxidase from Lentinula edodes. Mycoscience
2007, 48, 125-130.
Sakamoto, Y.; Nakade, K.; Sato, S.; Yoshida, K.; Miyazaki, K.; Natsume, S.;
Konno, N., Lentinula edodes genome survey and postharvest transcriptome
analysis. Appl Environ Microbiol 2017, 83, e02990-3016.
Park, S.-G.; il Yoo, S.; Ryu, D. S.; Lee, H.; Ahn, Y. J.; Ryu, H.; Ko, J.; Hong, C.
P., Long-read transcriptome data for improved gene prediction in Lentinula
edodes. Data in brief 2017, 15, 454-458.
Yang, R.-H.; Li, Y.; Wáng, Y.; Wan, J.-N.; Zhou, C.-L.; Wāng, Y.; Gao, Y.-N.;
Mao, W.-J.; Tang, L.-H.; Gong, M., The genome of Pleurotus eryngii provides
insights into the mechanisms of wood decay. J Biotechnol 2016, 239, 65-67.
Kuuskeri, J.; Häkkinen, M.; Laine, P.; Smolander, O.-P.; Tamene, F.; Miettinen,
S.; Nousiainen, P.; Kemell, M.; Auvinen, P.; Lundell, T., Time-scale dynamics of
proteome and transcriptome of the white-rot fungus Phlebia radiata: growth on
spruce wood and decay effect on lignocellulose. Biotechnol Biofuels 2016, 9, 192.
Gerlt, J. A.; Babbitt, P. C., Can sequence determine function? Genome Biol 2000,
1, reviews0005. 1.
Lombard, V.; Golaconda Ramulu, H.; Drula, E.; Coutinho, P. M.; Henrissat, B.,
The carbohydrate-active enzymes database (CAZy) in 2013. Nucleic Acids Res
2013, 42, D490-D495.
Levasseur, A.; Drula, E.; Lombard, V.; Coutinho, P. M.; Henrissat, B., Expansion
of the enzymatic repertoire of the CAZy database to integrate auxiliary redox
enzymes. Biotechnol Biofuels 2013, 6, 41.
Nagao, C.; Nagano, N.; Mizuguchi, K., Prediction of detailed enzyme functions
and identification of specificity determining residues by random forests. PLoS One
2014, 9, e84623.
Alves, A.; Rodrigues, J.; Wimmer, R.; Schwanninger, M., Analytical pyrolysis as
a direct method to determine the lignin content in wood: Part 2: Evaluation of
the common model and the influence of compression wood. J Anal Appl Pyrolysis
2008, 81, 167-172.
Brennan, M.; McLean, J. P.; Klingberg, A.; Altaner, C.; Harris, P. J., Pyrolysis
gas-chromatography mass-spectrometry (Py-GC/MS) to identify compression
wood in Pinus radiata saplings. Holzforschung 2014, 68, 505-517.

122.
123.
124.

125.
126.
127.
128.
129.
130.

Gall, D. L.; Ralph, J.; Donohue, T. J.; Noguera, D. R., Biochemical transformation
of lignin for deriving valued commodities from lignocellulose. Curr Opin
Biotechnol 2017, 45, 120-126.
Kamimura, N.; Sakamoto, S.; Mitsuda, N.; Masai, E.; Kajita, S., Advances in
microbial lignin degradation and its applications. Curr Opin Biotechnol 2019, 56,
179-186.
Tarmadi, D.; Tobimatsu, Y.; Yamamura, M.; Miyamoto, T.; Miyagawa, Y.;
Umezawa, T.; Yoshimura, T., NMR studies on lignocellulose deconstructions in
the digestive system of the lower termite Coptotermes formosanus Shiraki. Sci
Rep 2018, 8, 1290.
Radovic, B. S.; Goodacre, R.; Anklam, E., Contribution of pyrolysis -mass
spectrometry (Py-MS) to authenticity testing of honey. J Anal Appl Pyrolysis
2001, 60, 79-87.
Garcia-Wass, F.; Hammond, D.; Mottram, D. S.; Gutteridge, C. S., Detection of
fruit juice authenticity using pyrolysis mass spectroscopy. Food Chem 2000, 69,
215-220.
Degano, I.; Modugno, F.; Bonaduce, I.; Ribechini, E.; Colombini, M. P., Recent
advances in analytical pyrolysis to investigate organic materials in heritage
science. Angew Chem Int Ed 2018, 57, 7313-7323.
Zheng, Y.; Zhao, J.; Xu, F.; Li, Y., Pretreatment of lignocellulosic biomass for
enhanced biogas production. Progress in energy and combustion science 2014,
42, 35-53.
Scarlat, N.; Dallemand, J.-F.; Fahl, F., Biogas: Developments and perspectives
in Europe. Renewable Energy 2018, 129, 457-472.
Lynd, L. R.; Sow, M.; Chimphango, A. F.; Cortez, L. A.; Cruz, C. H. B.; Elmissiry,
M.; Laser, M.; Mayaki, I. A.; Moraes, M. A.; Nogueira, L. A., Bioenergy and
African transformation. Biotechnol Biofuels 2015, 8, 18.

8

SUMMARY

SUMMARY

The aim of this project was to advance the structural characterization and
quantification of lignin and employ the developed analytical tools to mechanistically
understand fungal delignification at the molecular level. Therefore, this thesis
describes a great deal of method development and validation, besides efforts to
put the abstract lignin analyses in a more biological (and perhaps more tangible)
context.
In Chapter 1, the background and aim of this PhD-research are explained and the
current state of knowledge on lignin analysis and fungal delignification of
lignocellulosic biomass is outlined. Therein, we start with a general description of
the secondary cell wall structure and its components and composition followed by
describing strategies for the valorization of lignocellulose and highlight how whiterot fungi can be exploited for that purpose. We describe the current understanding
of the fungal delignification process with emphasis on the involved enzymes and
chemistry. Furthermore, we present an overview of analytical techniques used to
comprehensively characterize lignin, including the analytical challenges the field is
faced with.
Chapter 2 describes our efforts to develop a method for the quantification and
structural characterization of lignin by means of py-GC-MS analysis. Herein, we
demonstrate how uniformly

13

C labeled wheat straw lignin can be employed as

internal standard and, when combined with relative response factors for the
individual pyrolysis products, enables quantitative lignin analysis. We present a
careful validation of the developed method in biomass model systems as well as
actual grass biomass samples.
In Chapter 3, we advanced the novel

13

C-IS py-GC-MS method further by

employing high-resolution mass spectrometric detection and extending the method
to hardwoods and softwoods. We show through complete method validation that
uniformly

13

C labeled lignin internal standards specific to the botanical source

enable the accurate and precise quantification of lignin in grasses, hardwoods and
softwoods.
Chapter 4 describes the application of in situ analyses to provide mechanistic
insight into the delignification of wheat straw by three white-rot fungal species.
We show that Ceriporiopsis subvermispora and Lentinula edodes outperformed
Pleurotus eryngii both in terms of effectivity as well as selectivity of delignification.
Based on the structural characteristics of the residual lignin after growth of the
three fungal species, we conclude that fundamentally different mechanisms were
underlying delignification. Quantitative py-GC-MS and whole cell-wall NMR
analyses suggested that ether cleavage reactions were more abundant for C.
subvermispora than for the other two fungi.
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In Chapter 5 we elucidated in situ delignification mechanisms of C. subvermispora
through selective extraction, purification and structural characterization of
diagnostic substructures. Multidimensional NMR and py-GC-MS analyses in
combination with enzymatically synthesized model compounds were used to
reconstruct various degradation routes of β-O-4’ ethers in actual lignocellulosic
biomass. Our results imply that one-electron oxidation initiated in situ ligninolysis,
which consequently lead to the cleavage of C α-Cβ, Cβ-O and O-4’-aryl bonds of βO-4’ aryl ethers. We demonstrate that ether cleavage and more specifically
β-O-|4 cleavage is a more important pathway than previously considered.
Chapter 6 provides further insight into the delignification mechanisms of C.
subvermispora by delineating the susceptibility of various structural motifs of
wheat straw lignin to degradation. We show that the susceptibility of β-O-4’ aryl
ethers depended on the 4’-O-subunit and increased with electron density of that
ring. Furthermore, diastereochemistry and the presence of γ-esters were shown to
influence cleavage susceptibility. Our findings are discussed in light of the
underlying delignification mechanisms.
In Chapter 7 we show evidence for the ligninolytic activity of the ascomycete
Podospora anserina, a fungus that was long suggested to possess lignin degrading
capacity, but which had never been proven. Comprehensive structural analyses
unambiguously confirmed the occurrence of ligninolysis, which was put in
perspective of the fungus’ secretome as obtained by proteomics analyses. These
analyses showed that the presence of lignin induced a clear shift in the fungal
secretome, in particular reflected in a strong reduction of cellulases, while H2O2
producing enzymes and laccases clearly increased.
Finally, Chapter 8 merges the results described in the preceding chapters and puts
our findings in broader context with some unpublished results. We discuss the
validation and application of our developed quantitative

13

C-IS py-GC-MS method.

Alongside, we present future perspectives for its use and the opportunities
associated with the use of uniformly

13

C labeled lignocellulose to enable the

mapping of lignin. In addition, we discuss the observed fungal delignification
mechanisms in the context of lignin chemistry and the responsible enzymatic
machineries. Lastly, we discuss how our insights into fungal lignification can be
used to expedite the biological valorization of lignocellulosic biomass.
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