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SUMMARY

Considerable progress has been made in understanding the influence of physical and genetic factors on the

patterns of cell division in various model systems. However, how each of these factors directs changes in

subcellular structures has remained unclear. Generic machineries for the execution of cell expansion and

division have been characterized, but how these are influenced by genetic regulators and physical cell prop-

erties remains an open question. To a large degree, the complexity of growing post-embryonic tissues and

a lack of precise predictability have prevented the extraction of rigid correlations between subcellular struc-

tures and future orientation of cell division. The Arabidopsis embryo offers an exquisitely predictable and

simple model for studying such correlations, but so far the tools and methodology for studying subcellular

structures in the early embryo have been lacking. Here, we describe a set of markers to visualize a range of

subcellular structures in the early Arabidopsis embryo. We have designed a series of fluorescent cellular

reporters optimized for embryos, and demonstrate the effectiveness of using these ‘ACE’ reporters with

simple three-dimensional imaging procedures that preserve delicate cellular structures. We describe the

ontogeny of subcellular structures in the early embryo and find that central/peripheral cell polarity is estab-

lished much earlier than suspected. In addition, we show that the actin and microtubule cytoskeleton has

distinct topologies in the embryo. These tools and methods will allow detailed analysis of the events of cel-

lular reorganization that underlie morphogenesis in the Arabidopsis embryo.
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INTRODUCTION

Morphogenesis in multicellular organisms depends on the

decisions of individual cells about the direction in which

growth or division occurs. Particularly in plants, where

rigid cell walls prevent cell migration, pre-mitotic control

of cell division orientation makes a crucial contribution to

organized three-dimensional development (Sablowski,

2016). A key question in plant developmental biology,

therefore, is what regulates the decision of individual cells

about the direction in which to divide? It has been estab-

lished that three major factors drive the orientation of cell

division: (i) the initial geometry of a cell biases the pre-

ferred orientation of cell division (Besson and Dumais,

2011); (ii) tissue-scale stresses influence cell division orien-

tation (Landrein et al., 2015; Louveaux et al., 2016); and (iii)

genetic factors can drive defined orientations of cells divi-

sions such that cell division orientation is an output of

developmental regulations (De Rybel et al., 2013; van Dop

et al., 2015). Whatever triggers the oriented cell division,

the input signal must be translated into cellular re-organi-

zation to facilitate re-orientation of division plane. A key

challenge is therefore to identify the cellular components

that are being modulated by regulatory input to effect cell

division orientation.

From various different model systems it is clear that

there is a core cell division machinery that executes pre-

mitotic orientation cues (Rasmussen et al., 2011; Busch-

mann and Zachgo, 2016). This core mechanism – the

mitotic and cytokinetic machinery – forms a spindle
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perpendicular to the preprophase band to segregate chro-

mosomes. Following chromosome segregation, the mid-

line of the spindle is targeted by Golgi-derived vesicles

along microtubule and actin filaments, thus forming a

phragmoplast to build a cell plate between the newly

divided nuclei (Smertenko et al., 2017).

Thus, three key cytoskeletal indicators of oriented cell

division are (i) the preprophase band, whose position and

orientation forecast the phragmoplast (Pickett-Heaps and

Northcote, 1966a,b), (ii) cortical actin and actin cables

anchoring the spindles during mitosis and later daughter

nuclei during cytokinesis (Traas et al., 1987; Lloyd and

Traas, 1988), and (iii) phragmoplast that determines the

physical division plane (Gunning and Wick, 1985). These

cytoskeletal structures follow both the microtubule and

actin cytoskeleton that are important for determining the

division plane (Rasmussen et al., 2013). Indeed there is

ample evidence for the involvement of these structures in

different contexts (Buschmann and Zachgo, 2016). How the

cytoskeleton is manipulated to modify the orientation of

division, however, is not well understood.

Essentially all organelles and cellular structures are coor-

dinately orchestrated to allow cell division (Boruc and Van

Damme, 2015; Smertenko et al., 2017). Thus, each of these,

especially the vacuole (Cutler and Ehrhardt, 2002) and the

nucleus (Murata and Wada, 1991), can either facilitate or

constrain choices for cell division orientation. The roles

that these structures play in oriented cell division have

remained largely unexplored. In addition to subcellular

structures that mediate the execution of cell division, the

perception of cellular coordinates relative to the body–tis-
sue axis could serve as a reference for protein polar trans-

port–localization and the determination of cell division

orientation. How polarity information is established and

integrated into the division plane is also far from clear.

Analysis of the contributions of any cellular structure to

oriented cell division requires that cellular morphology is

relatively simple and/or predictable. Alternatively, struc-

tures should be followed over time in order to draw corre-

lations between changes in these structures and future cell

division orientation. Thus far, most analysis of oriented cell

division has been performed in meristematic tissues of

generally complex topologies with limited predictability

(Sablowski, 2016). Here we use the early Arabidopsis

embryo as a model for oriented cell division. During the

first rounds of cell division, a highly regular pattern of cells

emerges from which the precursors of all seedling tissues

and organs are formed (Palovaara et al., 2016). From ear-

lier 3D analysis, it has become clear that some cell divi-

sions are symmetric, following only the geometry of the

cell, while others are highly asymmetric, following tight

genetic control to deviate from a default, symmetric divi-

sion (Yoshida et al., 2014). In this system, the choice of cell

division orientation is influenced by the plant hormone

auxin, whose activity favors asymmetric division (Yoshida

et al., 2014). While this is an excellent model system for

studying symmetric and asymmetric division, as well as

switches in cell division orientations, a key open question

is which cellular structures are subject to auxin-dependent

regulation. However, thus far it has been impossible to

address this question, as few if any tools were available to

visualize subcellular structures in early embryos.

Here we have generated the tools required to answer

this important question and to study cellular (re)organiza-

tion in early Arabidopsis embryos.

RESULTS

A set of fluorescent cellular markers for embryogenesis

To develop a panel of markers for subcellular structures in

the Arabidopsis embryo we first selected a set of estab-

lished reporters (Table S1 in the online Supporting Infor-

mation) that includes: (i) uniformly distributed plasma

membrane proteins for highlighting cell contours (Nelson

et al., 2007; Geldner et al., 2009); (ii) plasmodesmata-speci-

fic proteins for evaluating connectivity between cells

(Simpson et al., 2009); (iii) organelle-specific proteins label-

ing endosomes, the trans-Golgi network or tonoplast (Geld-

ner et al., 2009); (iv) nuclear pore markers (Tamura et al.,

2010); (v) cytoskeletal markers labeling either F-actin (Riedl

et al., 2008; Era et al., 2009) or tubulin (Ueda et al., 1998).

In addition to the dynamics of cellular components, in

order to evaluate the establishment of polarity, which could

provide spatial information to the cell, we also include (vi)

a set of polar-localized proteins labeling the apical (Truernit

et al., 2012), basal (Dong et al., 2009), central (Takano et al.,

2010) or peripheral (Takano et al., 2010) plasma membrane

in post-embryonic tissues. To achieve embryo-specific

expression of reporters, each was expressed from the

embryo-specific Arabidopsis WOX2 promoter (Breuninger

et al., 2008) as well as from the meristematic Arabidopsis

RPS5A promoter (Weijers et al., 2001). These markers were

named ACE (for ‘Arabidopsis cellular markers for embryo-

genesis’; Table S1). Though ACE driven by pRPS5A (ACE-

R) were uniformly expressed in the complete embryo, the

high activity of pRPS5A in the endosperm and maternal tis-

sues made imaging difficult because fluorescence intensity

was very high in cells surrounding embryos in embryo

preparations (Figure 1a). In contrast, pWOX2-driven ACE

markers (ACE-W) were specifically expressed in the pro-

embryo, two uppermost suspensor cells and the chalaza

from the two-cell to early globular stage, with a higher

expression level than ACE-R (Figure 1b–i). After the early

globular stage, activity of pWOX2 started to decrease in the

basal part of the embryo and two topmost cells in the sus-

pensor (Figure 1h). These properties made ACE-R more

suitable for dissecting cell biology in the suspensor and the

embryo proper after early globular stage and in seed
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development while ACE-W were more suitable for dissect-

ing cell biology in the early embryo proper and thus were

used here unless mentioned otherwise.

Optimizing preservation of delicate cellular structures

Using common microscopy procedures (Llavata-Peris

et al., 2013; Musielak et al., 2015) we examined the expres-

sion of ACE-W lines in the embryos. We found that particu-

larly lines that mark delicate cellular structures did not

show the expected patterns. Microtubule and actin archi-

tectures were either fragmentary or completely depolymer-

ized, with reporter protein only in the cytosol (Figure 2a,

b). Intact microtubule and actin architectures could be

observed in the corresponding ACE-R root apical meristem

(Figure S1), suggesting that the markers’ capacities to label

each component were not compromised. Given that a

structured cytoskeleton must exist in embryos, we con-

clude that a different procedure is required to preserve

such structures.

To preserve microtubule architectures for qualitative

and quantitative analysis we tested various mounting

media (Table S2) and various sample preparation proce-

dures. Intact microtubule architectures in live protoplasts

and late embryos had been achieved with 0.55 M mannitol

(Shi et al., 2011) and 10% glucose (Wang and Huang,

2014), respectively. However, although embryos extracted

with the established procedure (Llavata-Peris et al., 2013;

Musielak et al., 2015) with 5% glycerol in 1 9 PBS solu-

tion replaced with either 0.55 M mannitol or 10% glucose

showed no sign of plasmolysis nor swelling with pre-

served spindles and preprophase band, intact cortical

microtubule arrays were rarely found. In the rare cases

that the cortical microtubule arrays remained intact, they

showed no clear sign of deterioration after 60 min of

exposure in 0.55 M mannitol and 10% glucose (Figure 2e).

Therefore, since both 0.55 M mannitol and 10% glucose

provided conditions to preserve microtubule architectures

in the embryo for at least 60 min, microtubule depolymer-

ization must have occurred before exposure of the

embryos to the mounting medium, probably due to the

pressure applied during the extraction of embryos from

seeds. To stabilize microtubules, microtubule stabilizing

buffer (MTSB) (Soltys and Borisy, 1985) and 10 lM micro-

tubule stabilizer paclitaxel (Taxol) (Baskin et al., 1994)

were included, creating embryo microtubule mounting

(EMTM) solution. While Taxol treatment could alter micro-

tubule architecture and cause the swelling of cells after

prolonged (2–24 h) treatment (Baskin et al., 1994; Mathur

and Chua, 2000; Bannigan et al., 2006), no significant dif-

ferences in microtubule orientation or microtubule aniso-

tropy were detected between root epidermal cells

incubated with or without Taxol, even after 90 min of

treatment (Figure S2, Table S3). Seeds incubated in

EMTM solution for 15 min before embryo extraction pre-

served the microtubule architectures homogeneously

labelled by TUA6-GFP in over 90% (n = 74/81) of extracted

embryos for at least 60 min after extraction (Figure 2f).

However, while this procedure allowed visualization of

(a) (b) (i)

(h)(g)(f)

(e)(d)(c)

ACE-R014

ACE-W014ACE-W014ACE-W014 ACE-W014

ACE-
W014

ACE-
W014

ACE-
W014

ACE-
W014

Figure 1. Expression of Arabidopsis cellular markers for embryogenesis (ACE) driven by pRPS5A (ACE-R) and by pWOX2 (ACE-W) during embryogenesis

(a) Maximum intensity projection of actin filaments labeled by ACE-R14 (Lifeact:tdTomato) in the 16-cell embryo. (b)–(h) Maximum intensity projections of

actin filaments labeled by ACE-W14 (Lifeact:tdTomato) in 1-cell (b), 2-cell (c), 4-cell (d), 8-cell (e), 16-cell (f), early-globular (g), and late-globular (h) embryos.

(i) Overview of ACE-W14 (Lifeact:tdTomato) expression in the seed. Different acquisition settings were used to accommodate high expression in chalaza. Inset:

maximum intensity projection of the 2-cell embryo in the main panel marked by a dashed box with the acquisition setting used for embryos. Scale bar for

(a)–(h) = 5 lm. [Colour figure can be viewed at wileyonlinelibrary.com]
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microtubules, the topology of the network relative to cell

shape could not be inferred without counterstaining the

plasma membrane or the cell wall. Thus, we included

0.1% of the cell wall stain Renaissance SR2200 in EMTM

(named the embryo microtubule counterstaining solution,

EMTC). This led to depolymerization of cortical micro-

tubules (Figure 2g) and suggests that Renaissance SR2200

may compromise Taxol-dependent microtubule stabiliza-

tion. To circumvent the negative effect of SR2200, seeds

were first incubated in EMTM for 15 min to stabilize

microtubules, and an equal volume of EMTC was then

added immediately before embryo extraction. With this

modification, microtubule architectures were preserved

(Figure 2h).

Actin architectures, on the other hand, could be preserved

in all tested mounting media except for 5% glycerol in

1 9 PBS solution with actin filaments and cables homoge-

nously labelled by Lifeact (Figure 2i–k). Since Taxol specifi-

cally targets tubulin (Manfredi et al., 1982), we thus tested

omitting MTSB and Taxol in EMTM and EMTC [named

(a)

ACE-W015

ACE-W014

(b)

(e)

ACE-W015

(h)

ACE-W015

(g)

ACE-W015

(f)

ACE-W015

y

z

x

(c)

y

z

x

(d)

ACE-W014

(i)

ACE-W014

(k)

ACE-W014

(j)

ACE-W014

(l)

Figure 2. Effects of mounting media on cytoskeletal integrity in embryos

(a), (b) Maximum intensity projections of microtubule (a; ACE-W15; mGFP:AtTUA6) and actin (b; ACE-W14; Lifeact:tdTomato) markers in 8-cell embryos in 5%

glycerol and 4% paraformaldehyde in 1 9 PBS solution. (c), (d) Depth color coding key of all panels illustrated by rotating embryos in (a) and (b), respectively,

by 90°. The look-up table shows color values corresponding to the depth of the image in the z-dimension. (e)–(l) Maximum projections of microtubule (e–h;
ACE-W15; mGFP:AtTUA6) and actin (i–l; ACE-W14; Lifeact:tdTomato) markers in 8-cell embryos imaged in embryo general mounting solution (EGM) (e, i),

embryo microtubule mounting solution (EMTM) (f, j), embryo microtubule counterstaining solution (EMTC) (g), embryo general counterstaining solution (EGC)

(k) or EMTM followed by the addition of EMTC (h, l).

All images from the same markers were acquired with the same acquisition settings. Scale bar = 5 lm. [Colour figure can be viewed at wileyonlinelibrary.com]
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embryo general mounting solution (EGM) and embryo gen-

eral counterstaining solution (EGC), respectively] and found

no clear negative effect on the integrity of actin architecture

(Figure 2l).

Having established optimized imaging media and meth-

ods, we next imaged a panel of ACE-W for subcellular

structures (Figure S3). Reporters marking plasma mem-

brane domains, plasmodesmata, organelles or nuclei were

imaged in EGC. Plasma membrane-localized protein PIP2,

NPSN12, BOR1 and NIP5;1 evenly labelled their corre-

sponding domains, although PIP2, NPSN12 and NIP5;1

were also found intracellularly (Figures 3a–c and S3).

Markers derived from Rab protein families labelled various

stages of endosomes that appeared as punctate, dot-like

structures in the cytoplasm (Figure 3d) with minor varia-

tion in fluorescence intensity between each endosome

labeled by RabF2b and RabC1 when compared with those

labeled by VTI12 (Figure S3). Golgi bodies labelled by

GOT1p and SYP32 also appeared as punctate, dot-like

structures in the cytoplasm but with uniform fluorescence

intensity among all labeled Golgi bodies (Figures 3e and

S3). Tonoplast-specific VAMP711 evenly labelled the tono-

plast marking the contour of vacuoles (Figures 3f and S3).

NUP54 and NUP75 labelled the nuclear pore complexes as

dots embedded in the nuclear envelope and in the cyto-

plasm (Figures 3g and S3). Finally, plasmodesmata cal-

lose-binding PDCB1 labelled the plasmodesmata as dots

on the interfaces between cells (Figures 3h, i and S3). All

markers labelled patterns consistent with their designated

cellular components, and in line with morphologies

described in other organs (Ueda et al., 1998; Takano et al.,

2005, 2006, 2010; Hunter et al., 2007; Nelson et al., 2007;

Era et al., 2009; Geldner et al., 2009; Simpson et al., 2009;

Tamura et al., 2010; van der Honing et al., 2011; Benitez-

Alfonso et al., 2013; Ivanov and Harrison, 2014; Wang

et al., 2017).

Thus, with this panel of markers, and an optimized imag-

ing procedure, we can now visualize both robust and frag-

ile subcellular structures in the early Arabidopsis embryo.

Early establishment of central/peripheral polarity

To answer the question of when polarity axes are estab-

lished and implemented in each cell during embryogene-

sis, we studied four polar-localized proteins, OPS (Truernit

et al., 2012), BASL (Dong et al., 2009), BOR1 (Takano et al.,

2010) and NIP5;1 (Takano et al., 2010), that labelled the api-

cal, basal, central and central side of the cells relative to

the body axis, respectively. While ACE lines harboring

BOR1 (ACE-W03) and NIP5;1 (ACE-W04) were obtained,

and showed clear fluorescence signals (Figure 4a–c, g–i),
no transgenic plants were obtained from reporters contain-

ing OPS nor BASL despite multiple attempts.

We hypothesized that polarity was established at the lat-

est before the 16-cell stage, when protoderm is separated

ACE-W013

(i)

ACE-W011

(g)

ACE-W013

(h)

ACE-W10

(f)

ACE-W09

(e)

ACE-W07

(d)

ACE-W04

(c)

ACE-W03

(b)

ACE-W01

(a)
Figure 3. Arabidopsis cellular markers for embryo-

genesis driven by pWOX2 (ACE-W) markers label

cellular compartments in embryos.

Single optical sections of plasma membrane (a;

ACE-W01; AtPIP2A:GFP), inner membrane (b; ACE-

W03; BOR1:mCitrine), outer membrane (c; ACE-

W04; mCherry:NIP5;1), trans-Golgi network and

early endosomes (d; ACE-W07; eYFP:VTI12), Golgi

complex (e; ACE-W09; eYFP:GOT1p), tonoplast and

vacuole (f; ACE-W10; eYFP:VAMP711), nuclear pore

complex (g; ACE-W11; AtNUP54:GFP) and plasmod-

esmata (h, i; ACE-W13; mCherry:AtPDCB1) markers.

Note that all markers are imaged in the center of

one of the lower-tier cells in an 8-cell embryo,

except panel (i), which is imaged at the upper cell

surface. Scale bar for all panels = 5 lm. [Colour fig-

ure can be viewed at wileyonlinelibrary.com]
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from inner cells in a genetically regulated asymmetric cell

division (Yoshida et al., 2014). It was likely that polarity

perception would be involved in positioning the cell divi-

sion plane parallel to the embryo surface.

The BOR1 marker was found most abundantly on plasma

membrane facing toward the central axis and the suspensor

with the lower fluorescence intensity in the peripheral

plasma membrane at the 4- and 8-cell stages (Figure 4a, b).

Fluorescence became exclusive to the plasma membrane

facing toward the central axis and the suspensor in 16-cell

embryos (Figure 4c). However, the higher BOR1 levels

found in plasma membrane facing toward the central axis

and towards the suspensor could be due to the sum of

fluorescence intensity from two neighboring plasma mem-

branes compared with the single peripheral plasma mem-

brane. To non-invasively verify the polar localization of

BOR1 in the early embryo, we compared the fluorescence

intensity profiles with that of the homogeneous plasma

membrane proteins PIP2 (Nelson et al., 2007) (ACE-W01)

and NPSN12 (Geldner et al., 2009) (ACE-W02). A 5-lm wide

cross section across the embryo was selected for fluores-

cence intensity profiles, and the central/peripheral fluores-

cence intensity ratios were calculated (Figure 4j). If there

was any preferential localization, the fluorescence intensity

profile of the given protein would be different from the fluo-

rescence intensity profiles of homogeneous plasma mem-

brane proteins. We first compared fluorescence profiles and

central/peripheral fluorescence intensity ratios between

PIP2 and NPSN12 to validate this approach. From the 4- to

16-cell stages fluorescence profiles of PIP2 and NPSN12 all

had peaks at positions corresponding to the plasma mem-

brane with comparable height and sometimes even a lower

(a)

ACE-W03

(c)

ACE-W03

(b)

ACE-W03

(f)

ACE-W01

(e)

ACE-W01

(d)

ACE-W01

(j) I C I CI C I PI PI PI P I PI P

2550

(i)

ACE-W04

(h)

ACE-W04

(g)

ACE-W04

Figure 4. Early establishment of inner–outer cell polarity in embryos.

Single optical sections through 2-cell (a, d, g), 8-cell (b, e, h) and 16-cell (c, f, i) embryos expressing the inner membrane marker ACE-W03 (a–c; BOR1:mCitrine),

general plasma membrane marker ACE-W01 (d–f; AtPIP2A:GFP) or outer membrane marker ACE-W04 (g–i; mCherry:NIP5;1). Images are shown in an intensity

color scale according to the look-up table in the bottom left. In each panel, the fluorescence intensity profile is shown in a graph on the right side. Positions of

each region for intensity profiles are indicated in panel (j) underneath each row of embryos. Fluorescence intensity profiles of upper (magenta) and lower (blue)

tier cells were generated by averaging the fluorescence intensity of each pixel with the same x coordinate in the regions of interest (ROI) shown as dashed

boxes. The fluorescence intensity ratios are ratios between IC and IP. Images from the same markers were acquired with the same acquisition setting and are in

same scale. Scale bar = 5 lm. [Colour figure can be viewed at wileyonlinelibrary.com]
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peak at the central plasma membrane (Figure 4d–f). There
was no significant difference in their central/peripheral fluo-

rescence intensity ratios (Table S4). When compared with

the fluorescence intensity profiles of PIP2, BOR1 had a dis-

tinct peak at the center and lower peaks at the flanks of the

fluorescence intensity profile in 4- and 8-cell embryos, while

no peaks remain in the flanks with a distinct peak in the cen-

ter and middle of the fluorescence intensity profile for the

16-cell embryo (Figure 4a–f). The differences in the fluores-

cence intensity profiles were further supported by the sig-

nificantly higher central/peripheral fluorescence intensity

ratios of BOR1 compared with those of PIP2 and NPSN12

from 4- to 16-cell embryos (Table S4). We thus concluded

that BOR1 was localized at the pole on the central faces of

plasma membranes from at least as early as the 4-cell

embryo.

We next analyzed NIP5;1 which had previously been

shown to mark outer membranes (Takano et al., 2010).

Unlike the consistent polar plasma membrane-localized

BOR1, NIP5;1 was not only found on the peripheral

plasma membrane but also accumulated in intracellular

compartments in 4- to 16-cell embryos (Figure 4g–i). The
fluorescence intensity profiles of NIP5;1 in most 4- and

8-cell embryos had three peaks with comparable height,

with additional peaks when the sampling area crossed the

intracellular compartment with accumulated NIP5;1. The

fluorescence intensity profiles of NIP5;1 in most 4- and

8-cell embryos were similar to those of PIP2 (Figure 4g,

h). In 16-cell embryos, the peripheral localization of

NIP5;1 became more consistent and distinct (Figure 4i).

The fluorescence intensity profiles of NIP5;1 had a central

peak lower than the flanking peaks (Figure 4i) and its cen-

tral/peripheral fluorescence intensity ratios, though having

a lower average, were not significantly different from

those of PIP2 and NPSN12 until 16-cell and 8-cell

embryos, respectively (Table S4). These results suggested

that while NIP5;1 could be localized polewards to the

peripheral plasma membrane from the 4-cell embryo its

peripheral localization only became robust in the 16-cell

embryo.

In conclusion, BOR1 was robustly centrally localized

from the 4-cell embryo onwards while NIP5;1, although

peripheral localization was observed from 4-cell embryos,

was only robustly peripherally localized in the upper tier of

embryos from 16-cell embryos. These results suggest that

the ability to distinguish between central and peripheral

plasma membrane and to deploy specific proteins to their

corresponding locations is already established in the 4-cell

embryo.

Crowded embryo cells show no preferential organelle

position

To determine if there was any preferential localization or

morphological change of the endomembrane system

during early embryogenesis, we examined the distribu-

tion and morphology of the Golgi complex, various

stages of endosomes and vacuoles from the 4-cell to 16-

cell stage.

Endosomes marked by ACE-W07 and Golgi complexes

marked by ACE-W09 were both loosely distributed close to

the plasma membrane in 4- and 8-cell embryos, and their

density in each cell seemed to increase in 16-cell embryos

(Figure 5a, b). This increased density suggested an

increased secretion and endocytosis activity to accommo-

date the increase in embryo volume from the 16-cell stage

onward (Yoshida et al., 2014). However, no distinguishable

local aggregation of Golgi complexes and endosomes was

observed from 4- to 16-cell embryos (Figure 5a, b).

Vacuoles marked by tonoplast specific ACE-W10, on the

other hand, showed a wide range of morphologies and dis-

tributions during early embryogenesis. Three types of vac-

uole morphologies were found in 4- to 16-cell embryos.

Type 1 represented large foil-like vacuoles with distin-

guishable transvacuolar strands, but without distinct bulbs

(Figure 5c, d). This type of vacuole tightly enclosed a

spherical space in the cell, presumably the nucleus (Fig-

ure 5d). Type 2 vacuoles were also large but with several

distinguishable bulbs emanating from the spherical space,

which the vacuoles loosely enclosed (Figure 5e, f). Type 3,

unlike the former two, was composed of vacuoles with

many small bulbs seemingly filling the cell (Figure 5 g, h).

All types of vacuole morphologies were observed from the

4- to 16-cell stages and could vary between cells in each

embryo (Figure 5c, e, g). Though all cells in most embryos

have the same vacuole morphology, combinations of dif-

ferent vacuole morphologies could occasionally be found

(Figure 5g). Similar changes of vacuole morphology were

also observed in earlier findings in shoot meristem cells

(Segu�ı-Simarro and Staehelin, 2006), suggesting that

embryos might share vacuole dynamics with meristematic

cells.

Nuclear envelopes marked by ACE-W11 revealed that

nuclear envelope morphology also changed as cellular

development progressed in 4- to 16-cell embryos. Two

types of nuclear envelope morphologies were found in

both embryo proper and suspensor at all stages examined.

The first type had a smooth surface with NUP54 evenly dis-

tributed and enclosing a spherical space (Figure 5i), while

the second type showed a wavy surface (Figure 5j). Both

types could be found in the same embryo (Figure 5k). To

confirm the identity/nature of the spherical space sur-

rounded by the vacuole and determine if the movement of

nuclei was involved in the asymmetric cell division

between 8- and 16-cell embryos, we measured the diame-

ter of the nuclei in 8-cell embryos to determine if it was

consistent with the diameter of the spherical space encom-

passed by the vacuoles. The average diameter of the nuclei

in an 8-cell embryo was 5.6 � 0.7 lm (n = 131 nuclei) at
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the 8-cell stage. Therefore, with the relatively large nuclei

in the embryo cells and the similarity in both shape and

positioning with the spherical space surrounded by the

vacuole, it was likely that the spherical space encompassed

by the vacuole could only be the nucleus but also sug-

gested very limited room for movement of the nucleus

without deforming it.

In conclusion, each cell in 4- to 16-cell embryos was

filled with non-polar localized endosome and Golgi close

to the plasma membrane, with vacuoles, either tightly or

loosely enclosing the nucleus, which showed no clear

movement during symmetric and asymmetric division

between 4- and 8-cell embryos and between 8- and 16-cell

embryos, respectively. The lack of polar aggregation of

endosomes and Golgi complexes or preferential position-

ing of vacuoles suggested that there might not be direc-

tional cell growth or expansion at early embryogenesis.

While the lack of nuclear movement of nuclei suggested

that such movement might not be required for asymmetric

cell division between 8- and 16-cell embryos.

Cytoskeletal organization during embryogenesis

To understand how the cytoskeleton is rearranged to

accommodate the constant change of division plane dur-

ing early embryogenesis, we examined actin and micro-

tubule architecture labelled by Lifeact (ACE-W14) and

TUA6 (ACE-W15) in 4-cell to early globular embryos.

We found that actin architectures in early embryos were

very different from earlier studies in post-embryonic meris-

tem and differentiated cells (Ketelaar et al., 2004; Sheahan

et al., 2004; Wang et al., 2004, 2008; Voigt et al., 2005; Rah-

man et al., 2007; Era et al., 2009; Dyachok et al., 2014). In

mitotic cells in the root apical meristem, actin is found

mainly as a fine and dense meshwork without F-actin bun-

dles (Sheahan et al., 2004; Voigt et al., 2005). In the

embryo, however, cells had thick F-actin bundles forming a

dense meshwork throughout the cytoplasm without promi-

nent orientation (Figure 6a–e). From early-globular

embryos, the F-actin meshwork seemed more organized

than in younger embryos (Figure 6e). Notably, F-actin bun-

dles stretched around the nuclei at later stages (Figure 6c).

In addition, from the 8-cell embryo onwards, a thick arched

F-actin bundle could be found in each embryo proper cell

(Figure 6c–e). These arch structures were associated with

the nuclei, although not always at the equator of the

nucleus, and orientations were not correlated to the orien-

tations of previous or following cell divisions (Figure 6c–e).
In suspensor cells, the noticeable difference is the absence

of the peri-nuclear arch and the cortical actin filaments

when compared with those in embryo proper cells (Fig-

ure 6a–e). In addition, the F-actin bundle meshworks in the

suspensor cells were looser than in embryo proper cells

and also showed no prominent orientation (Figure 6a–e).
Microtubules in early embryos were straight cables (Fig-

ure 7a). Microtubule structures including cortical micro-

tubule arrays, cytoplasmic microtubule bundles, pre-

prophase bands, spindles and phragmoplast were present

with mitotic- and cytokinesis-related structures with their

orientations consistent with expected cell division orienta-

tion (Figure 7b). Due to technical limitations only cortical

microtubule arrays on the periclinal faces could be exam-

ined (see Discussion), and pro-embryo cells and suspensor

cells showed obvious differences in their cortical micro-

tubule arrangements. In pro-embryo cells, the cortical

microtubule arrays were dense and seemed to lack promi-

nent orientation during most of the interphase, although

occasionally, presumably at early G1 or/and late G2 phase,

they became more organized (Figure 7c–f). In suspensor

cells, cortical microtubule arrays were less dense and

seemed more organized with their orientation being

perpendicular to the embryo axis (Figure 7c–e). With the

uniform periclinal cortical microtubule array and the sin-

gle-cell-layer nature of suspensor cells, the periclinal corti-

cal microtubule array of suspensor cells could be readily

analysed with FibrilTool (Boudaoud et al., 2014); the

results supported the dominant orientation (Figure 7g–i).
In conclusion, all mitotic and cytokinetic cytoskeletal

structures were found in early embryos and their orienta-

tions followed the expected cell division orientations. This

suggests that both F-actin meshwork and microtubules in

embryo cells behave as described in late and post-embryo-

nic cells.

DISCUSSION

In this study we have generated a comprehensive set of

cellular reporters driven by RPS5A and WOX2 promoters

that were specifically designed for imaging cellular reorga-

nization in early Arabidopsis embryos. With these cell

Figure 5. Endomembrane morphologies in early embryos.

(a), (b) Single optical sections (top rows) and depth-coded maximum intensity projections (bottom rows) of endosomes and the trans-Golgi network (a; ACE-

W07; eYFP:VTI12) and Golgi complex (b; ACE-W09; eYFP:GOT1p) in 4-cell (left row), 8-cell (middle row) and 16-cell (right row) embryos. (c)–(h) Maximum inten-

sity projections of depth-coded stacks of vacuoles labeled by ACE-W10 (eYFP:VAMP711) in 4-cell (c, e, g; left rows), 8-cell (c, e, g; middle rows) and 16-cell (c, e,

g; right rows) embryos. Panels (d), (f), (h) represent zoomed in images of single cells representing corresponding vacuole morphologies in (c), (e) and (g),

respectively, and are shown as single optical sections (left row) or depth-coded maximum intensity projections (right row). Distinct vacuole morphologies are

Type 1 (c, d), Type 2 (e, f) and Type 3 (g, h). (i)–(k) Maximum intensity projection of depth-coded stacks of nuclear envelopes labeled by the nuclear pore com-

plex marker ACE-W11 (AtNUP54:GFP) in 4-cell (left row in i, j), 8-cell (middle row in i, j) and 16-cell (right row in i, j) embryos. Panel (i) represents embryos with

smooth nuclear envelopes and panel (j) shows embryos with wavy nuclear envelopes. (k) Maximum projection of a depth-coded stack of an 8-cell embryo with

both smooth (arrows) and wavy (thick arrow) nuclear envelopes, and nuclear pore complexes accumulating in the spindle during mitosis (arrowhead). All

images of the same marker were acquired with identical acquisition settings. Scale bars = 5 lm. [Colour figure can be viewed at wileyonlinelibrary.com]
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type-specific promoters, the expression level of the repor-

ter genes could be maximized while minimizing the back-

ground signal from surrounding cells and preventing the

morphological defects commonly found when using con-

stitutive and ubiquitous reporters (Abe and Hashimoto,

2005; Dyachok et al., 2014). This feature allowed us to cap-

ture clear cellular structures to dissect the cellular organi-

zation and regulation in embryos. The combination of

embryo-specific ACEs and our optimized imaging proce-

dure allowed the preservation of delicate cellular structures

and detailed documentation of their three-dimensional

architectures, and thus overcomes the major obstructions

involved in dissecting cellular reorganization in embryos.

Using this panel of markers we addressed a number of

questions. First, we found that central–peripheral cellular

polarity is established extremely early in the embryo. This

Shallow Deep

(a) (b) (c)

(d) (e)

Figure 6. Actin topology in early embryos.

Maximum intensity projections of depth-coded stacks of actin labeling (ACE-W14; Lifeact:tdTomato) in 2-cell (a), 4-cell (b), 8-cell (c), 16-cell (d) and early globular

(e) embryos. The inset in panel (c) shows a peri-nuclear actin arch.

Images were acquired with the same acquisition settings and are in the same scale. Scale bar = 5 lm. [Colour figure can be viewed at wileyonlinelibrary.com]
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was evident from the polar localization of BOR1 and, later,

NIP5;1 proteins. Both are polarity probes that were mis-

expressed in early embryos and still targeted to expected

inner or outer domains based on imaging in multi-layered

post-embryonic tissues (Takano et al., 2010). This suggests

that a polar transport and/or sorting mechanism is already

established in early embryos, but also that the central–

peripheral faces of early embryo cells are molecularly dis-

tinguished as early as from the second, and perhaps even

the first, cell division. Importantly, establishment of the

outer–inner polarity of a cell does not depend on the pres-

ence of multiple cell layers. In addition, a large portion of

embryonic cells is occupied by the nucleus, vacuoles and

other organelles along with the dense F-actin bundle

s

Shallow Deep

(a) (a)

(c) (d) (e)

(g) (h) (i)

(f)

Figure 7. Microtubule topologies in early embryos.

Labeling of microtubules with the ACE-W15 (mGFP:AtTUA6) marker reveals filaments (a), as well as cytoplasmic signals (thin arrows in the left image of panel

b), phragmoplast (arrowhead in the left image of panel b), preprophase band (thick arrows in both left and right images in panel b) and spindles (triangles in the

right image in panel b) in early embryos. (c)–(i) Microtubules in 4-cell (c, g), 8-cell (d, h), 16-cell (e, i) and early globular (f) embryos shown either as depth-coded

stacks (c–f) or maximum intensity projections (g–i). The orientation of cortical microtubules in the suspensor is marked by red lines in (g)–(i). Images were

acquired with same acquisition settings and are in the same scale, except for (a) and (b). Scale bar = 5 lm. [Colour figure can be viewed at wileyonlinelibrary.com]
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meshwork. This suggests that cytoplasmic volume is very

limited, and therefore intracellular trafficking and active

cytoplasmic streaming may be relatively efficient in early

embryonic cells. These properties of early embryonic cells

make it unlikely that gradients of small-molecule diffusible

morphogens in each cell serve as a guide for the establish-

ment of polarity. Therefore, polarity establishment in the

early embryo might be caused by other factors, such as a

combination of the molecular properties of cell walls and

genetic regulation.

Besides limiting the small molecule gradients within the

cells, the small sizes of embryo proper cells with their

relatively large nuclei also restrict nuclear movement. In an

8-cell embryo, with a diameter of 5.6 lm, each nucleus

could only move within a sphere with a diameter 6.4 lm,

or 0.4 lm in each direction when the nucleus is in the cen-

ter of this sphere, without deforming the nucleus as we

observed. This suggests that nuclear movement might not

occur nor be required for asymmetric cell division between

8- and 16-cell embryos to establish the central and periph-

eral cell layers for proper pattern formation. The position

of the nucleus has been shown to be correlated with the

division plane in asymmetric divisions (Robinson et al.,

2011; Kimata et al., 2016), where the division plane goes

through the center of the previous position of the nucleus.

However, both symmetric and asymmetric divisions in

early embryo cells can be generated following this princi-

ple without moving the nucleus.

Our finding that the mitotic and cytokinetic microtubule

architectures aligned with the expected division orientation

in the early embryo suggested that microtubule dynamics

may be similar to those in post-embryonic cells. Given that

early embryo cells can easily be segmented in three

dimensions (Yoshida et al., 2014), and that cell division

patterns in Arabidopsis embryos are highly predictable,

this now opens the possibility of determining contributions

of genetically regulated cytoskeletal remodeling to the con-

trol of cell division. However, there are limitations to imag-

ing microtubules in the embryo that can not be easily

overcome. Firstly, all outer membranes are curved, and

thus cytoskeletal topology cannot easily be extracted. Sec-

ondly, high-resolution imaging is limited to those mem-

branes that lie in the x–y plane because resolution along

the z-axis is much lower using confocal microscopy, and

embryos cannot easily be tilted during observation. There-

fore, instead of treating each cell as a plane and processing

images through maximum projection, three-dimensional

reconstruction and analysis will be the next technical chal-

lenge for any quantitative analysis of cytoskeletal organiza-

tion during embryogenesis.

Beyond these examples, we expect that many outstand-

ing questions related to the cell biology of tissue pattern-

ing can now be addressed using this set of marker lines.

EXPERIMENTAL PROCEDURES

Plasmid construction and plant material

All constructs, reporter cassettes and their corresponding DNA
templates as well as all oligonucleotides used in this study are
listed in Table S5. pGIIB/pWOX2::LIC:tNOS was generated
through excising the pRPS5A cassette in pPLV28 (de Rybel et al.,
2011) with Acc65I digestion and ligated with an Acc65I-digested
pWOX2 cassette. The pWOX2::LIC cassette in pGIIB/pWOX2::LIC:
tNOS was then excised with Acc65I and NotI double digestion
and ligated with pGIIN (a kind gift from T Laux, University Frei-
burg, Germany) linearized with the same restriction digestion to
generate pGIIN/pWOX2::LIC:tNOS. All reporting cassettes except
Lifeact were introduced into HpaI linearized pPLV28 and pGIIN/
pWOX2::LIC:tNOS through ligation-independent cloning (Aslani-
dis and de Jong, 1990) to generate ACE reporter constructs with
the corresponding promoter. pGIIB/pRPS5A::Lifeact:tdTomato:
tNOS was generated by introducing the oligonucleotide dimer
Lifeact into pGIIB/pRPS5A::LIC:tdTomato:tNOS through ligation-
independent cloning. pGIIB/pRPS5A::LIC:tdTomato:tNOS was
generated by ligating BamHI-linearized pPLV28 with tdTomato
excised from pPLV23 (de Rybel et al., 2011). pGIIN/pWOX2::Life-
act:tdTomato:tNOS was generated by introducing Lifeact:tdTo-
mato amplified from pGIIB/pRPS5A::LIC:tdTomato:tNOS into
HpaI-linearized pGIIN/pWOX2::LIC:tNOS via ligation-independent
cloning.

All ACE reporting constructs were introduced into A. thaliana
ecotype Col-Utrecht with the mpB4149 mutation (Willemsen et al.,
2003) heterozygous in the background, through floral dip (Clough
and Bent, 1998). T1 transgenic plants of ACE-R markers were
selected with DL-phosphinotricin (Sigma, http://www.sigmaaldric
h.com/), and T1 transgenic plants of ACE-W markers were selected
with Norflurazon (Supelco, https://www.sigmaaldrich.com/catalog/
product/supelco/ps1044?lang=en&region=NL) (Misawa et al., 1993).
T3 homozygotes without the mpB4149 allele were used in this
study.

Seeds harboring p35S:: GFP: TUA6 were sterilized by incubating
in five times dilution of household bleach containing approxi-
mately 5% sodium hypochlorite with demineralized water for
10 min followed by washing five times with sterilized demineral-
ized water. The sterilized seeds were plated on 1/2 MS0 medium
plates containing 0.8% agar. After stratification at 4°C for 2 days,
the plates were transferred to a phytochamber (22°C, 16 h light
and 8 h dark). After 6 days of growth in the phytochamber the
seedlings were used to test the short-term effect of Taxol on
microtubule organization.

Microscopy and image analysis

Embryo samples were prepared as described in Figure S4 with
mounting and counterstaining solutions listed in Table S2. Fluo-
rescence intensity profiles used for verifying polar localization of
BOR1 and NIP5;1 were generated through the ‘Analyze/plot pro-
file’ function in Fiji (Schindelin et al., 2012). A 5-lm wide band per-
pendicular to the suspensor axis that crossed a region directly
above or under the cell wall, which separates the upper and lower
tiers of embryo proper, was defined as the region of interest (ROI)
for quantification. The ROIs and results were saved, and the fluo-
rescence intensity profiles were exported and plotted in MS
ExcelTM. Plasma membrane signals of each face in each fluores-
cence intensity profile were defined by examining the correspond-
ing confocal image and identifying the coordinate ranges of each
face in the ROI; the maximum intensity in each coordinate range
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was then extracted using MS ExcelTM to calculate the central-per-
ipheral fluorescence intensity ratio.

Root treatments with paclitaxel (Sigma) were conducted
through live imaging and the samples were prepared as described
in Figure S5, and microtubule orientation and anisotropy were
analyzed as described in Boudaoud et al. (2014).

Images were acquired in 8-bit format using a Leica TCS SP5II
confocal laser scanning microscope with a 63 9 NA = 1.20 water-
immersion objective with pinhole set to 1.0 Airy unit. mGFP and
mCitrine were excited by an argon-ion laser and tdTomato and
SCRI Renaissance Stain 2200 (SR2200) (Renaissance Chemicals,
http://www.renchem.co.uk/) were excited using a diode laser, and
their emissions were detected sequentially with a Leica HyD in
photon counting mode. Excitation and detection of fluorophores
were configured as follows: mGFP was excited at 488 nm and
detected at 498–528 nm; Venus was excited at 514 nm and detected
at 524–554 nm; tdTomato was excited at 561 nm and detected at
571–630 nm; Renaissance 2200 was excited at 405 nm and detected
at 430–470 nm.
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