Propositions
1. Total phenolics content and polyphenol oxidase activity in leaves do no predict enzymatic
browning
(this thesis)
2. D
 ue to the high phlorotannin molecular weight and their abundance of isomers, complete
mapping of their structures is currently limited by resolution of analytical equipment
(this thesis)
3. A
 s the best way of learning is by playing games (C. Miller, 2013, Developments in Business
Simulation and Experimental Learning, 40), gamification requires more attention in higher
education
4. L anguage is an inseparable part of culture (Y. Wang, 2016, International Journal of Applied
Linguistics and English Literature, 5(1), 215-223) and the increased use of English into
other languages threatens cultural diversity
5. The contemporary society emphasises the value of labels given to people and items too
much
6. Contact with volunteers enhances rehabilitation of forensic psychiatric inpatients
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Abstract
Upon extraction of proteins from sugar beet leaves (Beta vulgaris L.) and oarweed (Laminaria
digitata) for animal food and feed purposes, endogenous phenolics and proteins can interact with
each other, which might affect the protein’s applicability. Sugar beet leaf proteins might become
covalently modified by phenolics through polyphenol oxidase (PPO) activity. Oligomeric phenolics
from seaweed (so-called phlorotannins (PhT)) might bind non-covalently to protein. The first aim of
this thesis was to study factors involved in protein modification by phenolics. The second aim was to
investigate the effect of PhT supplementation to feed on in vitro ruminal fermentation.
Besides PPO activity and the amount of low molecular weight phenolic substrates present, brown
colour formation in sugar beet leaves was dependent on the amount of phenolics, which do not
serve as a substrate of PPO. These non-substrate phenolics can engage in browning reactions by
oxidative coupling and subsequent coupled oxidation of the products formed. Similar reactions
might also be involved in covalent protein modification by phenolics, and therewith protein
properties.
High molecular weight PhT from L. digitata could potentially modify protein properties by
non-covalent interactions. L. digitata contained PhT with subunits mainly connected via C-O-C
linkages, as determined using NMR spectroscopy. Further mass spectrometric analysis revealed the
presence of a wide range of oligomers with degrees of polymerisation between 3 and 27. The
interaction between PhT and proteins (β-casein and bovine serum albumin) was studied using model
systems with different pH values, representing the various environments throughout the ruminants
digestive tract. Phlorotannins bound to protein independent of pH, and broadened the pH range of
protein precipitation from 0.5 to ∼1.5 pH unit around the protein’s pI. At the pH of the abomasum of
2-3, the proteins re-solubilised again, presumably by increase in their net charge. Due to their ability
to form water insoluble complexes, PhT could improve ruminal fermentation in vitro in a dose
dependent manner, resulting in lower methane production and ammonia (NH3) concentration. The
decreased NH3 concentration reflected decreased dietary protein breakdown in the rumen, which is
considered a nutritional and environmental benefit.
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Chapter 1
General introduction

CHAPTER 1
The expected increase in world population as well as increase in affluence in many countries comes
with increased needs for feed and food proteins. This increasing demand has been a driver for
research into alternative protein resources [1]. The alternative resources can consist of novel
resources primarily used for proteins or can consist of side streams after industrial processing. Over
the years, proteins from terrestrial plant and marine micro- and macro- algal resources have gained
more attention as so-called ‛green proteins’.
In order to increase the application potential of green protein resources, one or more processing
steps are often required. If proteins or other components (e.g. carbohydrates) from green sources
are to be extracted, their cells are to be ruptured and their contents released. Cell rupture brings
otherwise separated proteins and secondary metabolites together, initiating reaction cascades
which can result in modification of proteins. These modified proteins have altered techno-functional
and nutritional properties which can be either non-desired or desired. Within both terrestrial and
marine resources, phenolics are an important part of these secondary metabolites which can
interact with proteins either covalently via the action of polyphenol oxidase (PPO), or non-covalently
in case of oligomeric phenolics such as tannins. In this thesis, two green protein resources, PPO
containing sugar beet leaves (Beta vulgaris L., terrestrial), and tannins containing oarweed
(Laminaria digitata, marine), will be investigated. Both sugar beets and oarweed can be cultivated
within the Netherlands

Green protein resources for feed and food
Green protein resources or fractions thereof after processing can be applied in both the food and
feed industry. Sugar beet leaf and brown seaweed proteins have the potential to replace some of
the conventional protein resources. Ultimately, this can contribute to decreased cultivation or
breeding of conventional resources. Especially the alternatives for soy protein are interesting, which
are known to have good techno-functional and nutritional properties and, therefore, they are
applied widely in both the food and feed industry [2]. One of the reasons for replacement is that soy
has to be imported from Asia and South America as these countries are the best for soy cultivation
[3]. Table 1 presents an overview of the gross chemical composition and presence of phenolics of
some conventional and potential alternative resources from which proteins might be isolated.
When the proteins are extracted from its source, the protein concentrates or isolates can be used in
food applications. Important properties for food applications are related to techno-functional
aspects such as ability to stabilise foams and emulsions [4]. Alternatively, extracted proteins can be
used to feed pets and infant animals [5] as the extracts are considered as the highest quality
proteins. These animals have higher requirements for amino acids or due to their still immature
gastrointestinal tract, a need for highly digestible proteins and amino acids [5]. Proteins of lower
nutritional value can be used in feeds for more mature animals such as grower or finished pigs or
ruminants as rumen microbes are able to synthesise proteins from non-protein nitrogen (NPN) [6].
Of the daily dry matter intake of ruminants, approximately 68% consists of cellulosic and
hemi-cellulosic carbohydrates and 16% of nitrogenous material (proteins and NPN) [7]. In many
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countries the feeding of ruminants relies for a large part on forages and corn. These feed resources
supply mainly fermentable carbohydrates with a small amount of amino acids. Often, in order to
increase milk production, rations are supplemented with soybean- or rapeseed meal. These meals
are side streams of oil extraction [8].

Table 1 Chemical composition (% DM) of currently used and alternative feed resources, together with an
overview of the molecular weight of the respective phenolics and presence of polyphenol oxidase (PPO)
Source

Protein

Carbohydrate

Ash

Phenolics

Reference

Content

Sizea

PPO

Resources currently used in the feed industry
Rye grass
8-10
79

10

0.07-0.15

L

+

[9, 10]

Red clover

16

72

9

3-4

L

+

[10, 11]

Soy bean

40-46

31

6

3.5-6

L

-

[12]

Fat extracted soy
bean
Rapeseed meal

54-55

37

7

3.5-6

L

-

[10, 13, 14]

43

48

8

6-13

L

-

[10, 15]

5-18

0.2-1.2

L

+

[16]

Potential resources for the feed industry
Sugar beet leaves 15-18
58-77

Laminaria
4-15
59-82
24-35
0-20
H
[17-19]
digitata
Alginate
10-36
58-85
0-40
H
extracted
L. digitata
a L = low molecular weight phenolics, phenolic acids and flavonoids, functioning as potential
substrates for PPO; H = high molecular weight polymeric phenolics, tannins
Leafy proteins can be used in both the food and feed industry. These proteins have good foaming
and emulsification properties [4] which makes them suitable for applications in food products after
extraction. To my knowledge, sugar beet leaf proteins are not industrially produced yet. The
presence of PPO and phenolics is one limitation in the application of sugar beet leaf proteins in food
products as the enzyme activity can result in formation of reactive phenolics which create brown
pigments. In the feed industry, sugar beet leaves are used for their high nutritional value in rations
for ruminants. Digestibility of organic matter is approximately 75% and that of nitrogen
approximately 64% [16, 20]. Its protein content is within the range of that of currently consumed
fodder crops such as rye grass and red clover (Table 1). When sugar beet leaf proteins would be
applied as extracts, protein contents comparable to those in soybean meal can be reached.
Brown macroalgae protein extracts have, so far, limited applications in food products as these algae
are primarily cultivated for carbohydrate extraction [21]. More often, macroalgae are consumed as
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such [17]. Macroalgae are often part of ruminant rations in coastal areas where cattle are kept [22].
Additionally, it has been found to be a good resource for minerals (Table 1) [22]. L. digitata as such
has moderate protein levels, but the protein is of a high quality for ruminants [18]. The protein level
increases after carbohydrate extraction [21] to reach contents in the range of currently used fodder
crops. The macroalgae contain phlorotannins (PhT) which influence their applicability within feed
mixtures. Depending on the type of tannin and the dose, the presence of tannins in feed can be
desirable or undesirable.

Terrestrial resource - Sugar beet leaves
Sugar beets and cultivation
Sugar beets (Beta vulgaris ssp vulgaris) belong to the family of Amaranthaceae and subfamily of the
Betoideae. It includes the cultivar groups of beetroot and leafy vegetables, such as spinach beet and
chard [23]. Sugar beet cultivation is mainly directed to the development of beets with high sugar
content and is the third most cultivated arable crop in The Netherlands [24]. The Dutch sugar beet
production in 2015 equalled 6.9·106 tonnes [25]. Sugar beet harvest yields high volumes of beet
leaves which can either be left on the field as fertiliser and to improve the soil’s structure. On a dry
weight basis, the leaves contain approximately 17-35% protein depending on the developmental
stage [16, 26]. Due to their relatively high protein content, sugar beet leaf material is attractive for
protein extraction and development of protein isolates for food and feed applications. For feed
applications, protein isolates have higher value in monogastric than in ruminant species as the
former require higher quality proteins [5]. When sugar beet leaf proteins are used in ruminant diets,
the leaves are often ensiled [16]. Currently, mild procedures for protein extraction are under
development [27] in order to maintain nutritional and techno-functional protein quality.

Sugar beet leaf phenolics
Sugar beet leaves contain mainly phenolic acids, and flavonoids (Figure 1). The phenolic acids are
mostly present as glycosylated derivatives of hydroxycinnamic acids and important flavonoids are
vitexin (8-C-glycosyl-apigenin) derivatives [28, 29]. The content and composition of phenolic acids
and flavonoids in B. vulgaris are dependent on the developmental stage and environmental
conditions. Overall, the total phenolics content varies from 2-8 mg/g fresh weight [26, 30, 31].
The quantification of phenolics is often performed by colorimetric or chromatographic methods. In
colorimetric assays, the quantification relies on a chemical reaction between the phenolics and the
reagent, resulting in colour formation. The Folin-Ciolalteu (FC) assay is most commonly used [32]. A
more detailed annotation and quantification can be performed using chromatography combined
with UV-detection and mass spectrometry [28, 33]. Mass spectrometric analysis allows
characterisation and quantification of individual phenolic compounds. Information on the
composition enables prediction of the potential reactivity of multicomponent mixtures of phenolics,
which are co-extracted with proteins. Often such information is not available, which makes it
challenging to predict whether for instance enzymatic browning [34] can occur during protein
extraction.
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B

R4
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O

Vitexin: R1=Glc, R2=R3=R6=OH, R4=R5=H
Quercetin: R1=H, R2=R3=R4=R5=R6= OH

Figure 1 Phenolic acids and flavonoids present in Beta vulgaris

Marine resource – L. digitata
Macroalgae and cultivation
Macroalgae are multicellular algae which are usually attached to rocks or other substrates. They are
classified based on their colour as Chlorophyta (green), Rhodophya (red) and Phaeophyta (brown)
macroalgae, depending on their main pigments [35]. Their gross chemical composition is highly
dependent on season and growing conditions [17]. Brown macroalgae have generally lower protein
contents than green and red macroalgae [21], but the former contain PhT which can potentially
modify the properties of (extracted) proteins. Macroalgae have a long use in history. In Asia, they
are an important part of the diet while in Europe, macroalgae were used as animal feed or mixed
with soil as fertiliser [22].
One of the suitable orders of brown macroalgae is kelp (Laminariaceae), of which oarweed is one of
the species. As these weeds are more often referred to by its Latin name, L. digitata, this term will
be used throughout this thesis. The cultivation of L. digitata in the Dutch North Sea and the Eastern
Scheldt is promising but not yet performed at a sufficiently large scale [36]. Worldwide,
Laminariaceae contribute to 34% of the dry algal mass harvested and 70% of these are harvested in
France, Scotland and Norway [37]. L. digitata is used as a resource for extraction of carbohydrates
such as laminarin, alginates, cellulose and mannitol [19, 37].

Laminaria phenolics
In L. digitata, the phenolics are present in the form of phlorotannins which are comparable to
terrestrial condensed tannins (CT). Phlorotannins are composed of phloroglucinol (MW = 126 Da)
subunits which are interconnected via C-C (fucol-type) (Figure 2A) and C-O-C (phlorethol-type)
(Figure 2B) linkages. Terrestrial CT consist of catechin and gallocatechin monomers inter-connected
via the same linkage types [38]. Some algal species (Ecklonia cava) can contain double C-O-C
linkages, resulting in dibenzo-p-dioxin linkages (eckol-types) (Figure 2C) [39]. In this way, oligomers
ranging from 250-6,000 Da can be formed, with high variation in degree of polymerisation [39].
Phlorotannin contents in brown macroalgae up to 20% on dry matter basis have been reported [40]
(Table 1).
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Figure 2 Phloroglucinol trimers of the fucol- (A) and phlorethol- (B) type, and a dimer of the eckol-type (C)

For both PhT and terrestrial CT, structural analysis and quantification is challenging due to the
similarities between individual oligomers. These similarities do not allow efficient chromatographic
separation based on polarity, as with for instance reversed phase chromatography. For terrestrial
hydrolysable ellagitannins (subunit pentagalloyl glucose, MW = 940 Da, consisting of gallic acids
connected to a glucose via ester linkages) [41] and condensed proanthocyanidins (subunit catechin,
MW = 290 Da, connected via C-C and C-O-C linkages) [38], size based separation was successful and
allowed purification of individual oligomeric sizes. Ellagitannins and proanthocyanidins have larger
subunit molecular weights than PhT, which makes separation of PhT based on molecular weight
more challenging. Efficient isolation of PhT has been obtained by combining NP- and
RP-chromatography [42]. Structural information can be obtained by mass spectrometry [42],
allowing fragmentation of the molecules. Electrospray mass spectrometric techniques are often
limited in their size detection range which results in underestimation of the degree of
polymerisation. The use of MALDI-TOF-MS for detection of larger oligomers has only been limitedly
applied [43]. Alternatively, NMR spectroscopy can be used. After laborious purification, single
molecules can be obtained for detailed structural characterisation [44]. This way provides, however,
no general structural or quantitative information on the PhT present. Generic structural and
quantitative information can be obtained from the combination of 13C and 1H NMR spectroscopy
[45]. The former provides information on the types of linkages and branched oligomers present
within the tannins and the latter might be used to determine extract purities.
Similarly to low molecular weight terrestrial phenolics, PhT are mostly quantified by colorimetric
assays. Besides the FC-assay, the 2,4-dimethoxybenzaldehyde (DMBA) assay [46] is used. The
advantage of the DMBA-assay is the higher specificity towards PhT as the reagent reacts only with
m-diphenolics. The disadvantage of the use of colorimetric assays for PhT quantification is the lack
of appropriate standards. The only available standard is the monomeric phloroglucinol which reacts
stronger to the reagent than oligomeric PhT [46], and, therefore, leads to underestimation of the
PhT content.
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Protein modifying reactions
The main interactions between both low molecular weight phenolics and tannins with proteins and
potential effects on food and feed proteins are represented in Figure 3 [47]. Via low molecular
weight phenolics and PPO activity, proteins can become covalently modified. Via tannins, proteins
can become non-covalently modified. The PPO-modified proteins become coloured, which is often
undesired in food applications [48]. For feed applications, the colour of the proteins is not an
important quality parameter, but the modification reactions are associated with decreased solubility
[49, 50] and digestibility [51]. A lower digestibility decreases bioavailability of amino acids [52]. The
latter aspects have detrimental consequences for both food and feed applications.

Terrestrial resources

Marine resources

HO

OH
OH
HO

O

OH
O

O

O

O

R

O

OH

O

O

OH

OH

O

HO

HO
OH

HMW phenolics - Tannins
H-bridges, stacking

Non-covalent

c complex

Feed
↓ Solubility
↓ Digestibility
↓ Essential amino acid availability
↑ Ruminal fermentation
Tannin toxicity
Figure 3 Formation of covalent and non-covalent protein-phenolic complexes and consequences for protein
properties

Covalent protein modification by phenolics
The activation of the plant’s defence system upon wounding of the plant material [47] can result in
covalent modification of proteins. Part of a plant’s defence mechanism consists of PPO and
phenolics. When these components come together in the presence of oxygen, the phenolics are
enzymatically converted into quinones which can react with amino acid residues on proteins [53].
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These reactions negatively affect plant protein quality by decreasing protein palatability and
nutritional value [47]. With cell rupture during protein extraction [54] and during the wilting period
before ensiling grass and leaves [55], PPO can be active.
During enzymatic oxidation, phenolic compounds having a single hydroxyl group or a dihydroxyl
function in ortho- or para-position, can act as substrate for PPO [56, 57]. Both tyrosinases (E.C.
1.14.18.1) and laccases (E.C. 1.10.3.2) are distinguished as PPOs [53]. Tyrosinases can have both
cresolase (E.C. 1.14.18.1) and catecholase (E.C. 1.10.3.1) activity (Figure 4). Cresolase hydroxylates
monophenolics into o-diphenolics. These are then substrates for catecholase activity which converts
o-diphenolics into o-quinones.
1/2 O2

1/2 O2

O

OH

OH
R

H 2O

R

OH

R

O

Complex
formation

Figure 4 Schematic overview of oxidation of phenolics by tyrosinases which often can perform both cresolase
(o-hydroxylation) and catecholase (o-diphenol oxidation) reactions

Ultimately, the PPO substrates are converted into electron deficient and highly reactive o-quinones,
which will be part of non-enzymatic continuation reactions. Quinones can be attacked by
nucleophiles during oxidative coupling [58] such as amino acids or other phenolics. Within proteins,
the side groups of cysteine (sulphuric) and lysine (ε-amino group) are the strongest nucleophiles
[59]. Additionally, phenolic acids and flavonoids present in the mixture can serve as nucleophiles,
the strength of which depends on the substituents present on the phenolic ring [60]. Within fruits,
oxidative coupling is often associated with coupling of substrates to each other [34]. The
non-substrate phenolics, however, are also nucleophiles and might participate in the reaction as
well. This aspect is not well studied. Oxidative coupling results in formation of phenolic dimers (with
the subunits covalently linked to each other) or covalent attachment of phenolics to proteins. All
these oxidation and complexation reactions can result in the formation of larger complexes with a
brown colour, referred to as ‘enzymatic browning’. Due to covalent binding of phenolics to amino
acid side chains, the protein structure and accessibility of amide bonds changes, which in turn
affects the hydrolysis of proteins [52] by pepsin and trypsin upon ingestion. As a consequence, the
nutritional value might be altered.
The activity of PPO in plants and therewith, the extent of covalent protein modification is dependent
on the amount of enzyme and the presence of substrates. These parameters are related to the
physiological stage of the plant. It has been reported that the total amount of phenolics, as well as
their composition, can fluctuate during plant development, and so does PPO activity. The combined
increase in PPO activity and total phenolics content during plant development has been reported for
the green leafy vegetables kale [61] and lettuce [62]. There are, however, limited literature reports
connecting the activity of PPO to the amount and composition of phenolic substrates. In cases
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where the relationship has been investigated, total contents of chlorogenic acid or catechin did
usually not correlate to PPO activity and browning [63, 64].
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Figure 5 Pentagalloyl glucose (A) and punicalagin (B), representative structures for hydrolysable gallotannins
and ellagitannins, respectively. Catechin dimer (C), representative structure for condensed tannins. The arrows
indicate bonds around which free rotation is possible

Non-covalent protein modification by phenolics
An alternative defence mechanism of terrestrial plants and marine brown macroalgae is the
presence of tannins. These tannins can be hydrolysable or condensed and both are known to
interact non-covalently with proteins [65]. By this non-covalent interaction, the solubility of proteins
decreases [66] and palatability is reduced due to tannin-induced astringency [67]. The interactions
are based on the hydrophobicity of tannins. The tannins bind to proline residues of proteins by
hydrophobic CH-π stacking interactions, which are subsequently stabilised by hydrogen bridges
induced by the high abundance of hydroxyl groups [65, 68]. There are three important phenolic
properties determining their binding affinity to proteins. (i) Molecular weight; tannins of
intermediate molecular weight (~1,500 Da) have usually the highest binding affinities [69, 70]. (ii)
Molecular flexibility [41]; gallotannins (Figure 5A) have usually higher binding affinities than
ellagitannins (Figure 5B) and CT (Figure 5C). The lower binding affinity of ellagitannins than
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gallotannins relates to the presence of additional C-C bonds interconnecting gallic acid residues,
resulting in decreased rotational freedom or flexibility. Condensed tannins have more bonds with
free rotation than ellagitannins, resulting in higher binding affinity for proteins. (iii) Degree of
hydroxylation; increased number of hydroxyl groups increases potential for hydrogen bonding and,
therewith, stabilisation of the interaction [71]. As a general factor, affecting both phenolics and
proteins, the pH is considered important. It is often postulated that the binding between tannins
and proteins depends on the pH where binding strength is highest at a pH around the pI of the
protein [49]. The binding has been shown to be reversible, and it has been suggested that proteins
are released into solution when the pH decreases [72].
Tannin-protein connections formed can result in both soluble and insoluble complexes (Figure 6). At
a low tannin-to-protein ratio, not all binding sites on the proteins are occupied by single tannin
molecules. By increasing the tannin-to-protein molar ratio, the tannins can link proteins to each
other, increasing the aggregate size. When the aggregate size becomes sufficiently high, it will cause
turbidity of the solution. Increasing the tannin-to-protein ratio even further creates large complexes
which are no longer soluble and precipitation occurs [65]. The actual molar ratio at which
precipitation occurs is dependent on the tannin molecular weight, the properties of the protein and
the pH of the solution. Precipitation is stronger close to the pI of the protein due to decreased
electrostatic repulsion [66].
The association between terrestrial tannins and proteins has been widely studied using molecular
techniques [68]. Fluorescence quenching is often applied where the decrease in intrinsic
fluorescence of tryptophan residues within proteins is measured and can be used to determine
binding constants for bimolecular mixtures [70], or to study binding of tannin mixtures to proteins
[73].
The direct binding of PhT to proteins has so far not been studied; there is only indirect evidence for
their binding to proteins [74]. When tannins are applied in food and feed matrices, it is important to
gain information on the binding of these tannins to proteins. The binding behaviour of PhT is
expected to be comparable to that of terrestrial tannins.

Increasing tannin-to-protein ratio
Protein
Tannin

Soluble

Turbid

Precipitated

Figure 6 Phlorotannins binding non-covalently to proteins at increasing tannin-to-protein ratio (based on [68])

10

GENERAL INTRODUCTION

Digestive processes in ruminants
Ruminal fermentation
When PPO- and tannin-containing resources are incorporated in ruminant feed, their effects on the
overall digestion need to be studied. The ruminants’ digestive system differs from that of
monogastrics in that microbial fermentation occurs prior to the actual digestion and absorption of
nutrients in the former, whereas microbial fermentation occurs post digestion and absorption in the
latter [75]. This fermentation enables ruminants to utilise large quantities of cellulose-rich materials
which, in the case of monogastrics, is, in general, more limited. The majority of the fermentation
occurs in the rumen, where pH is around 6-7 (Figure 7) [75] and cellulose, hemicellulose and starch
are transformed into volatile fatty acids (VFA) by the residing microflora. The VFA are absorbed in
the rumen and used by the animal as an energy source for growth, maintenance, reproduction and
production. The rumen is combined with the reticulum where indigestible materials such as stones
and wood particles are captured. The omasum which follows is physically separated from the
rumen, and consists of lamellae absorbing high amounts of water and reducing the volume of the
feed material, which enters the abomasum. In the abomasum, the pH is decreased to 2-3 and
proteases partially digest the fermented feed material. From the abomasum onwards, the digestion
is similar to that in monogastrics [75].
The fermentation efficiency of ruminants is generally low and results in emission of ammonia (NH3)
and methane (CH4). Of the ingested nitrogen, 55-95% is excreted in the urine or faeces [76]. The
excretion of CH4 decreases feed energy efficiency by 8-12% and, therewith, contributes to 14.5% of
the global CH4 emission [77].
During ruminal fermentation, cellulose and proteins are degraded into CO2, H2 and VFA and
converted into NADPH (Figure 7) [78]. Methanogenic bacteria reduce the H2 to CH4 and, therefore,
the formation of CH4 is an essential hydrogen sink [78]. The extent of CH4 excretion depends on dry
matter (DM) intake and diet composition [79].
The important VFA formed upon microbial fermentation are acetic-, propionic, butyric-, and valeric
acid, being the primary energy source for the animal [75]. The branched chain VFA iso-valeric- and
iso-butyric acid are degradation products of the amino acids valine and leucine, respectively. These
branched chain VFA function as growth factors for cellulolytic bacteria and formation of longer
branched chain fatty acids [80].
The microbial population is significantly influencing animal performance and, therewith, feed
conversion efficiency and excretion. The H2 released upon cellulose fermentation needs to be
removed as it is toxic at high concentrations. The deposition of H2 can go via formation of CH4 and
propionic acid. There will be, therefore, a competition between methanogenic archaea and
propionic acid bacteria. Methanogens are the most sensitive bacteria and their deactivation is
reflected by a shift towards propionic acid production [78, 81]. With the increasing pressure on
reduction of CH4 [82] into the environment, strategies to reduce CH4 excretion by modulation of the
feed composition have been investigated. Especially the use of tannins has been highlighted as these
components affect ruminal CH4 synthesis [83].
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A way to study the efficiency of fermentation and effects on microbial population is by monitoring
gas production in vitro. The total gas formation as a result of fatty acid synthesis by ruminal
microbiota is a measure of fermentation efficiency [84]. Monitoring techniques for gas production
are often combined with determinations of NH3 (reflecting protein breakdown) and VFAs (reflecting
carbohydrate fermentation) providing valuable information on the direction of the fermentation in
relation to the substrate used. Alternatively, diets are tested in situ in which nylon bags containing
test feed are incubated within the rumen [85], or in vivo by feeding the test diets [86].

Feed
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Non-protein N

Non-protein N

Proteins

Carbohydrates

Sugars
Rumen
pH 6-7
Fermentation

Microbial protein
Branched chain
fatty acids

H2
↓
CH4

Acetic acid
Propionic acid
Butyric acid
Abomasum
pH 2-3
Digestion

Lungs
Blood
stream

Microbial Ruminal escape
protein
protein

Figure 7 Schematic overview of ruminal fermentation of dietary proteins and carbohydrates

Rumen escape protein
Dietary proteins can be divided into rumen degradable and ungradable protein. The latter is also
referred to as ‛rumen escape protein’ [6, 87]. The microbes can obtain nitrogen for their own
metabolism from either the breakdown of dietary proteins or from non-protein nitrogen (NPN) in
the form of urea or NH3 [29]. The NPN in the rumen originates from production of NH3 from protein
breakdown, or from recycling of urea via the blood stream and saliva (19-96% of the nitrogen is
recycled [88]). The cow herself is not able to synthesise essential amino acids from NPN and relies
on protein hydrolysis in the abomasum. In high protein diets, the excess of protein above the
requirement of the animal is excreted in the urine as urea. In low protein diets, NPN is used for the
synthesis of microbial mass and as such supplies amino acids to the animal and, therewith, the
excretion of urinary nitrogen is decreased [6]. The proportion of rumen escape protein can be
modulated in several ways [87] (Table 2), which rely on covalent and non-covalent protein
modification.

12

GENERAL INTRODUCTION
Table 2 Effects and drawbacks of strategies to create ruminal escape protein
Strategy

Effect a

Drawback

Reference

Covalent modification
Heating

Chemical
modification

Polyphenol
oxidase b

Lysine protection
Inactivate protease
inhibitors

Lysine protection

Lysine protection

↓ Digestibility and lysine
availability at extensive heating
Protein-protein crosslinking
Difficult to control

[87, 89]

↓ Digestibility and lysine
availability at high formaldehyde
levels
Protein-protein crosslinking
Chemicals used can be unsafe

[87]

↓ Digestibility and lysine
availability at high degree of
modification
Sufficient PPO levels needed

[55, 90]

Non-covalent modification
Lipid
encapsulation

Physical barrier between
dietary protein and microbial
proteases

Encapsulation in
pH sensitive
polymers

Physical barrier between
dietary protein and microbial
proteases
High release post-rumen
Polymers generally not
absorbed

Tannins c

↓ carbohydrate fermentation
↓ CH4 excretion (inhibit
methanogens)
Protein release post-rumen

Low release post-rumen

High cost

Toxic at high doses
Astringent

[87]

[87]

[84, 85,
90]

a The

main aim of treatment is to decrease ruminal protein solubility and ruminal protein fermentation
PPO is endogenously present in plant resources, active during ensiling
c Tannins are endogenously present in some plant resources and in brown macroalgae
b

The covalent and non-covalent protein modification approaches have in common that the protein
solubility and, therefore, accessibility to microbial enzymes decreases [87]. Within the acidic
abomasum, protein unfolding is expected to induce post rumen digestibility as peptide bonds
become available for hydrolysis. Soy protein covalently crosslinked by formaldehyde had decreased
solubility at rumen pH whereas solubility at abomasum pH was not affected [91]. All covalent
treatments are able to protect lysine from ruminal fermentation. For formaldehyde modified
proteins, lysine was absorbed in modified form as ε-N-methyl lysine [92]. Lysine is an essential
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amino acid, but moderate modification did not significantly influence lysine absorption and total
protein digestibility [93]. Too extensive modification, however, leads to losses in bioavailability of
amino acids (Table 2) [87, 89, 94]. Non-covalent modification strategies target mainly proline and
have overall interaction with protein via hydrophobic interactions. Of the strategies to create rumen
escape protein, there are two which use endogenous properties of the feed materials, or, more
specifically, they use the plant/algal pool of secondary metabolites: (i) The covalent modification by
linking polyphenols to proteins by PPO. (ii) The non-covalent binding of tannins to proteins.
By utilising the modified proteins in the feed industry, reactions that are in some food applications
considered to be detrimental can become beneficial. Both the resources studied in this thesis
appear to be applicable for creation of ruminal escape protein which might be reflected by a
decrease in ruminal NH3 concentration. Additionally, some treatments can modulate CH4 excretion
(Table 2). Sugar beet leaves, can provide dietary proteins and contain PPO, therewith creating
opportunity for covalent modification of proteins. L. digitata applied directly or as industrial side
stream after carbohydrate extraction, can provide dietary protein and creates opportunity for
non-covalent modification due to the presence of PhT.

Thesis aim and outline
The currently available literature indicates that both covalent and non-covalent modifications by
phenolics can have detrimental effects for food applications or for protein digestion, and can have
positive effects during ruminal fermentation. The extent of both types of modification and the
potential effects on the applicability of the proteins depend on the phenolics present in the
resources used and the physiological state of this resource. When sugar beet leaves are used to
extract proteins or to be ensiled, there might be significant batch-to-batch variation regarding PPO
activity and subsequent browning. This is related to the varying potential for covalent protein
modification. Terrestrial tannins have been widely studied as additives in ruminant feed.
Information on the effects of PhT in ruminant feed, together with information regarding its
protein-complexing and protein release-behaviour is limited. Therefore, this thesis has two main
aims:
(i) To study factors involved in protein modification by phenolics.
In sugar beet leaves, phenolics contribute to enzymatic browning. It is hypothesised that sugar
beet leaves are a good protein resource in terms of amino acid composition and can, therefore,
be a valuable protein source in the food and feed industry. The applicability of these proteins is
dependent, however, on the extent of enzymatic browning during isolation which increases with
plant age. It is hypothesised that the variation in PPO activity combined with the phenolics
composition affect enzymatic browning.
In brown macroalgae, PhT modify proteins non-covalently by binding to them. It was aimed to
gain information on the complex formation between PhT and proteins together with the
re-solubilisation of proteins from these complexes. These interactions might affect fermentation
and digestibility in ruminants. Literature reports determining effects of terrestrial tannins in feed
in vivo, mention limited detrimental effects on total digestive tract protein availability. It is,
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therefore, hypothesised that the complex between PhT and proteins can be formed at ruminal
pH and that the interactions weaken in the acidic environment of the abomasum.
(ii) To study the effects of PhT supplementation to feed on ruminal fermentation in vitro.
Determine the optimal level of PhT addition to feed, a level at which formation of CH4 and NH3
decrease without hampering fermentation of carbohydrates and VFA formation.
Regarding PPO mediated modification, the extraction of proteins from sugar beet leaves is taken as
example. In Chapter 2, the effects of the plant age at harvest on the chemical composition, PPO
activity and quality of the extracted proteins in terms of colour is investigated. As the differences
observed in these experiments could not provide satisfactory explanations for the difference in
colour, a detailed investigation on the phenolic quantities and substrate composition and enzymatic
activities is performed in Chapter 3.
To study non-covalent modification, the PhT from the brown seaweed L. digitata were used. A
method for extraction, purification, quantification and determination of the oligomeric composition
of these PhT was developed in Chapter 4. Information on the potential binding of PhT to proteins
and release of proteins throughout the digestive tract is investigated in Chapter 5. The relation
between pH and binding of PhT to proteins combined with the reversibility of the binding is
investigated using a model system consisting of the extracted PhT and animal derived proteins. The
purified PhT extract is accordingly tested for its potential to create ruminal escape protein and
decrease of CH4 production in vitro in Chapter 6. In Chapter 7, the results obtained are discussed in
relation to the various techniques to study phenolics extracted from natural materials. Furthermore,
the implications of both covalent- and non-covalent protein modification on ruminal fermentation
characteristics will be elaborated.
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Effect of plant age on the quantity and quality of the proteins
extracted from sugar beet (Beta vulgaris L.) leaves
Effects of the developmental stage (e.g. young, mature or senescent) of leaves on their chemical
composition have been described in literature. This study focuses on the variation in chemical
composition and quantity and quality of proteins extracted from leaves due to variation in plant age
(i.e. harvesting time), using leaves from sugar beets grown in field (Rhino, Arrival) and in greenhouse
(Isabella). Within the same variety (Rhino-field, Arrival-field, Isabella-greenhouse) the protein
content was similar for leaves from young and old plants (22±1, 16±1, and 10±3% w/w DM,
respectively). Variation in final protein isolation yield was mostly due to variation in nitrogen
extractability (28-56%), although no consistent correlation with plant age was found. A significant
effect of the plant age was observed on the quality (colour) of the extracted protein; i.e. brown
(indicative of polyphenol oxidase activity) and yellow for extracts from old and young plants,
respectively.

Based on: Alexandra Kiskini, Anne Vissers, Jean-Paul Vincken, Harry Gruppen, Peter Alexander
Wierenga, J. Agric. Food Chem. 2016. 44: 8305-8314

CHAPTER 2

Introduction
Leaves from various plants have long been considered as a source of protein for both food and feed
applications [1], due to their nutritional value (e.g. adequate amounts of essential amino acids) [2],
good techno-functional properties (e.g. high solubility at a wide pH range) [3] and high abundance in
nature. For instance, in the Netherlands in 2011 the sugar beet cultivation area was 72,000 ha [4],
which translates to approximately 2.2 Mt leaves per year. The quantity and quality of the proteins
extracted from leaves depend on different factors, one of which is the overall chemical composition
of the leaves. This composition has been shown to differ among leaves of different age
(developmental stages) e.g. young, old or senescent [5-8]. However, when leaves are obtained
collectively during harvest of the plants, as for example in the case of sugar beet leaves, an array of
leaves of different developmental stages is collected. Also, the harvesting time may vary, since for
instance in Northern Europe the harvest of the sugar beets usually takes place from September until
December. Therefore, when sugar beet leaves are to be used as a source of protein for food or feed
applications it is important to test whether harvesting time; i.e. the plant age, has an effect on the
overall chemical composition of the whole foliage, and consequently on the protein quantity and
quality of the proteins extracted.
Differences in protein content of whole foliage with varying plant age have been observed. In sugar
beet leaves the protein content increased from 26.4% to 31.0% w/w DM in leaves collected 60 and
100 days after sowing, respectively [5]. For alfalfa leaves it was reported that the protein content of
the foliage initially increased with plant age by 24% and subsequently decreased by 19% [9].
The protein extractability can be hindered due to the presence of intact cell walls. It was reported
that protein extraction from dehulled rapeseed meal was 33% lower when no cell wall degrading
enzymes were used [10]. Also, even after the cell wall opening, pectins, that constitute a large part
of cell walls of dicotyledon plants, can still hamper the protein isolation due to their interaction with
proteins. Overall, it is expected that differences in carbohydrate content will lead to differences in
protein extractability. It has been shown that in sugar beet leaves the carbohydrate content
decreased from 41% to 31% w/w DM in leaves collected 60 days to 100 days after sowing,
respectively [5].
Other compounds present in leaves, like phenolic compounds, are also expected to influence
protein extractability [11]. The naturally present phenolic compounds in leaves can, upon cell
rupture, be oxidized by endogenous polyphenol oxidases (PPOs), such as catecholase and cresolase
[12]. This reaction leads to quinones that can polymerise with phenolic compounds [13] or
covalently link to proteins [11]. The latter can potentially hinder protein extractability. The reaction
products are dark coloured, thus the colour is an indication of protein modification. Protein
modification can negatively affect the quality of the proteins, e.g. decrease their solubility. It has
been shown that covalent linkage of enzymatically oxidised phenolic compounds to proteins, like
lysozyme or α-lactalbumin, significantly decreased protein solubility at pH values ranging between 3
and 5 [11].
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Similar to proteins and carbohydrates, the content of phenolic compounds may also vary with plant
age. For example, the total content of phenolic compounds in sugar beet leaves collected 100 days
after sowing was approximately 1.5 times higher than that in leaves collected after 60 days [5]. In
contrast, in lettuce leaves it was reported that the phenolic compounds content in leaves collected
59 days after sowing was 8.5 times lower than in leaves collected 28 days after sowing, although at
73 days after sowing it was similar to that of 28 days. While the phenolic compounds content
showed a fluctuation over time, the PPO activity determined in these leaves showed a constant
increase with the lettuce age [14].
From the above, it is evident that the plant age has an effect on the chemical composition of the
leaves. The aim of the present research was to determine the effect of plant age on the chemical
composition of the sugar beet leaves and thereby its effect on the protein quantity and quality
(colour) of the extracted proteins. It was hypothesised that: (i) plant age affects the chemical
composition of the sugar beet foliage, (ii) the quantity of protein from sugar beet leaves obtained
from old plants is lower than that from leaves from young plants and (iii) in leaves from old plants
there is higher PPO activity, which leads to brown colour formation during protein extraction from
these leaves.

Materials and Methods
Chemicals and sugar beet leaves
The sugar beet leaves were obtained either from sugar beets grown in a field (Beta vulgaris L. var.
Rhino, var. Arrival) or grown in a greenhouse (Beta vulgaris L. var. Isabella) at Unifarm (Wageningen,
The Netherlands). The seeds were provided by Royal Cosun (Breda, The Netherlands; purchased
from Kws Saat, Einbeck, Germany). Chlorophyll a (purity of 90% w/w, based on HPLC as provided by
the supplier) was purchased from Wako Pure Chemical Industries (Osaka, Japan). Gallic acid (purity
of 98.5% based on GC as provided by the supplier), (+)-Catechin hydrate (purity of ≥ 98%, based on
HPLC as provided by the supplier) and L-tyrosine (purity of ≥ 98% w/w, based on HPLC as provided
by the supplier) were purchased from Sigma Aldrich (St. Louis, MO, USA). All other chemicals used
were purchased from either Merck (Darmstadt, Germany) or Sigma-Aldrich.

Growth conditions
Field
The sugar beet seeds (pelleted seeds containing fungicides and insecticides) were sown in April 2013
(Beta vulgaris L. var. Rhino) and April 2014 (Beta vulgaris L. var. Arrival). The plants were protected
against weed and fungi. In both years, there was no need for pest control. In 2013, the sugar beet
leaves (no stems) were collected 3 and 6 months after sowing and were denoted as LF3R and LF6R,
respectively. In 2014, the collection of the leaves took place 3 and 8 months after sowing and the
leaves were respectively denoted as LF3A and LF8A. The subscript indicates the age, in months, of the
sugar beet and the variety of the sugar beet. The leaves, at the different harvesting times, were
collected from different spots in the field to ensure that leaves from regrowth were not used.
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Senescent leaves were discarded. The leaves collected in 2013 and 2014 were collectively denoted
as field leaves (LF).

Greenhouse
Fifteen seeds of sugar beets (Beta vulgaris L. var. Isabella) were sown, each month from December
2012 to July 2013. Seeds were sown in pots (12 x 12 x 20 cm) containing normal soil for flowering
plants. The plants were grown in these pots until their first leaf fell off. Next, they were transplanted
to trays (40 x 30 x 25 cm) and grown until they had two true leaves. Eight healthy seedlings were
then randomly selected and thinned to one per pot (25 x 25 x 25 cm). The plants were grown under
a natural photoperiod, with a minimum of 16 h light exposure. In case of shorter natural
photoperiod, artificial light was used (SON-T Agro, Philips, Eindhoven, The Netherlands). The
humidity in the greenhouse was 65-75% and the temperature was set at 16-18 °C. The plants were
watered with tap water twice a day. Pest was biologically controlled using swirski-mite (Koppert
biological systems, Berkel en Rodenrijs, The Netherlands). All sugar beets were sown at different
time points and harvested at the same time (September 2013) resulting in leaves ranging from 2
(LG2I) to 9 (LG9I) months. In this way, variations due to different storage times before analysis were
avoided. The sugar beet leaves (no stems) that were collected from the sugar beets grown in the
greenhouse were collectively denoted as greenhouse leaves (LG). Similarly to the collection of leaves
from the field, senescent leaves were discarded. The LG9I leaves were mostly senescent leaves,
hence, they were excluded from the analyses.

Sugar beet leaves handling
After the sugar beets leaves were collected, the leaves were washed using tap water and stored at
4 ˚C until the excess water was completely drained off (not longer than 36 h). Part of the leaves was
stored in vacuum sealed bags at -20 °C until further analysis. The rest of the leaves were
freeze-dried. The freeze-dried leaves were ground in an ultra-centrifugal mill (Retsch ZM 200, Haan,
Germany) at 6,000 rpm with a 0.5 mm or 0.2 mm sieve, for the leaves grown in the greenhouse and
in the field, respectively. The freeze-dried powders were stored at -20 °C until further analyses.

Protein isolation
Sugar beet leaves grown in the field
Frozen sugar beet leaves (13 ± 2.4% w/w DM) were blended for 2 min in a household-type blender
with 150 mM sodium phosphate buffer pH 8.0 containing 0.8 M NaCl, using a leaves:buffer ratio of
1:3 (w/w). In another experiment, LF6R was blended under the same conditions in the same buffer
supplemented with 0.17% (w/v) Na2S2O5 and denoted LF6R, SO3. The pH of the suspension was
readjusted to 8.0 after supplementation of the Na2S2O5. The pulp obtained after blending the leaves
was left for 1 h at 4 ˚C and subsequently filtered through a Büchner funnel (no filter paper). The
filtrate was centrifuged (38,400 × g, 4 °C, 30 min) and the supernatant (juice) obtained was
subsequently dialysed (MWCO 12,000 - 14,000 Da, Medicell International, London, UK) at 4 °C for
18-24 h against 35 mM sodium phosphate buffer pH 8.0 (LF3R, LF3A, LF6R, LF8A) or against the same
buffer containing 0.13% (w/v) Na2S2O5 (LF6R, SO3). Next, the dialysed juices were further dialysed
against distilled water at 4 °C for 24 h. The pH of the dialysed juice was lowered to 4.5 using 0.5 M
HCl at room temperature. The acidified dialysed juice was kept at 4 °C for at least 1 h and
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subsequently centrifuged (5,000 × g, 4 °C, 10 min). The pellet obtained was re-dispersed in distilled
water and solubilised by adjusting the pH to 8.0 using 0.5 M NaOH at room temperature and
subsequently freeze-dried. The obtained leaf soluble protein concentrates obtained were denoted
as LSPCLF3F, LSPCLF6R, LSPCLF6R,SO3, LSPCLF3Aand LSPCLF8A. Extractions were performed in duplicate.

Sugar beet leaves grown in the greenhouse
A similar process as for field leaves was followed, albeit with some adaptations; i.e. freeze-dried
(96.9 ± 0.4% w/w DM) instead of frozen leaves were used. The leaves were suspended in distilled
water at 13 % (w/w). From this point onwards, the same procedure that is described for the protein
isolation from the leaves grown in field was followed. The leaf soluble protein concentrates obtained
from sugar beet leaves grown in the greenhouse were denoted as LSPCLG2I, LSPCLG3I. LSPCLG4I,
LSPCLG5I, LSPCLG6I, LSPCLG7I, LSPCLG8I. Extractions were performed twice in two consecutive years.
Dialysed juices obtained from frozen LG were used for the determination of the presence of
coloured compounds and PPO activity. The same process as described for the dialysed juices from LF
was followed. Extractions in the presence of Na2S2O5 were not performed.

Compositional analyses
For each analysis at least two independent samples were taken and each analysis was carried out at
least in duplicate. The average and the standard deviation (stdev) obtained from the two
independent samples were calculated. All values were expressed on a dry matter basis (DM).

Dry matter content
Dry matter content was determined gravimetrically by drying the samples at 105 °C overnight.

Total nitrogen content
Total nitrogen content (NT) was determined by the Dumas method using a Flash EA 1112 N analyser
(Thermo Fisher Scientific, Waltham, MA, USA), according to manufacturer’s protocol. Methionine
was used as standard for the quantification.

Amino acid analyses
Amino acid composition was determined based on ISO 13903 (2005) [15] method, adjusted for
micro-scale. The amide nitrogen from asparagine and glutamine and nitrogen from aspartic acid and
glutamic acid were not determined separately. Therefore, nitrogen recovered from these amino
acids was calculated assuming that ASX (asparagine/aspartic acid) and GLX (glutamine/glutamic acid)
were present as either 100% ASN/GLN or 100% ASP/GLU.

Nitrogen-to-protein (N-prot) conversion factor
Based on the amino acids analysis two N-protein (N-Prot) factors; i.e. kp and ka were determined, as
described previously [16]. The kp is the ratio of the sum of amino acid residue weights determined
by amino acid analysis to total nitrogen (NT) weight, determined by the Dumas method. The ka is the
ratio of the sum of amino acid residue weights to nitrogen weight from recovered amino acids.
Given that the nitrogen recovered from asparagine/aspartic acid and glutamine/glutamic acid was
calculated assuming that ASX and GLX were present as either 100% ASN/GLN or 100% ASP/GLU, two
kp and two ka values were calculated for each sample. The values for ka are presented as a range

25

CHAPTER 2
between a lower and an upper limit, calculated with ASX/GLX = 100% ASN/GLN and ASX/GLX = 100%
ASP/GLU, respectively. The values for kp are presented as average between the values calculated
with ASX/GLX = 100% ASN/GLN or 100% ASN/GLN because the standard deviations were found to be
on average <0.2% of the average values. The kp/ka ratio represents the ratio proteinaceous (NAA)
over the total nitrogen (NT). The kp calculated for the leaves was used as the N-Prot factor for the
respective leaves, whereas the average kp calculated for the LSPCLF3R and LSPCLF6R was used as the
N-Prot factor for all LSPCs.

Carbohydrate composition and total uronic acid content
Carbohydrate content was determined as the sum of the uronic acid and the neutral carbohydrate
contents. Freeze-dried leaves and LSPC (10-13 mg) were treated with 72% (w/w) H2SO4 (1 h, 30 °C)
followed by hydrolysis with 1 M H2SO4 for 3 h at 100 °C. The suspensions were then centrifuged
(16,000 × g, 20 °C, 10 min) and the supernatants were used for uronic acid and neutral carbohydrate
determinations. Uronic acid content was determined as described previously [17]. A calibration
curve with galacturonic acid (12.5-100 mg/L) was used for quantification. Neutral carbohydrates
were analysed as free monosaccharides using high performance anion-exchange chromatography on
a Dionex Ultimate 3000 system (Thermo Scientific, Sunnyvale, CA, USA) equipped with a CarboPac
PA-1 column (2 mm × 250 mm i.d.) in combination with a CarboPac guard column (2 mm × 50 mm
i.d.) and a pulsed amperometric detection, as described previously [18] with adaptations. The
elution profile that was used for the elution (0.4 mL/min) was as follows: 0-35 min 100% H2O, 35-50
min from 100% 0.1 M NaOH to 100% 1 M NaOAc in 0.1 M NaOH, 50-55 min 100% 1 M NaOAc in 0.1
M NaOH, 55-63 min 100% 0.1 M NaOH, 63-78 min 100% H2O. From 0 to 35 min and from 63 to 78
min a post column addition of 0.5 M NaOH at a flow rate of 0.1 mL/min was performed to detect
and quantify the monosaccharides eluted. Rhamnose, arabinose, xylose, mannose, galactose,
glucose; calibration curves (2-75 mg/L)) were used for the quantification. The total neutral
carbohydrate content was calculated as the sum of the weight of the total anhydrous
monosaccharides.

Phenolic compounds content
Phenolic compounds were extracted from freeze-dried leaves using 5 consecutive extractions of 30
min at 4 °C in 50% (v/v) aqueous methanol containing 0.5% (v/v) acetic acid, at a leaves to extractant
ratio of 1:10 (w/v) [19]. In each extraction, the pellet was separated from the supernatant by
centrifugation (8,000 × g, 4 °C, 10 min). Fresh solvent was added to the solids after each
centrifugation step. The supernatants obtained were combined and filtered (0.45 μm cellulose
filter), to yield the final extract. Phenolic compounds content was determined in the final extract
using the Folin-Ciocalteu phenol reagent method [20] with adaptations. The extract (20 μL) was
diluted with 1.58 mL distilled water and incubated with 100 μL Folin-Ciocalteu reagent for 20 min.
Subsequently, 300 μL Na2CO3 (20% w/v) were added to the mixture and after 2 h incubation the
absorbance at 725 nm was measured. A gallic acid calibration curve (0-100 mg/L) was used for the
quantification.

Ash content

Ash content was determined gravimetrically by incinerating the dried samples at 525 °C overnight.
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Lipid content
Lipid content was determined gravimetrically using the Folch method [21] with adaptations. In
detail, the freeze-dried samples were extracted twice using a methanol/CHCl3 (1:2 v/v) solution at
room temperature. The washing of the combined extracts was done by addition of 5 mL of 0.88%
(w/v) aqueous KCl solution. The weight of the lipid extract was determined after the solvents were
evaporated using a rotary evaporator. From this weight the mass of chlorophyll a (described below)
was subtracted to obtain the total lipid content.

Lignin content
Acid insoluble lignin was determined gravimetrically, as described previously [22].

Chlorophyll a content
Chlorophyll a content was determined after dissolving the lipid extract into 1 mL 90% (v/v) aqueous
acetone. The absorbance of the solution was measured at 664 nm [23]. For the quantification a
calibration curve of chlorophyll a in 90% (v/v) aqueous acetone was used.

Nitrogen recovery
To study the plant age effect on nitrogen extraction, the nitrogen extractability; i.e. the proportion
of N that was recovered in the juice (nitrogen recovery in the juice%) was calculated as the amount
of nitrogen in the juice divided by the amount of nitrogen in the respective pulp*100%. The pulp,
rather than the frozen or the freeze-dried leaves, was used as initial reference material for the
nitrogen recovery calculation, to avoid any differences caused by leaf to leaf variation. To study the
plant age effect on nitrogen isolation, the recovery after dialysis and acid precipitation was
calculated as the amount of nitrogen in the dialysed juice or in the LSPC divided by the amount of
nitrogen in the juice*100%.

Protein composition
The protein composition was determined using SDS-PAGE under reducing conditions. All samples
(freeze dried LG and LF, LF Rhino juice, LF Rhino dialysed juice, LF Rhino protein concentrates; 5.0 g
protein/L) were prepared according to the manufacturer’s protocol. They were then applied to the
gels (any kD, Mini-protean TGX precast protein gels, Bio-Rad Laboratories, Hercules, CA, USA). The
proteins were separated on a Mini-protean II system (Bio-Rad Laboratories, Hercules, CA, USA)
according to the manufacturer’s protocol and visualized by staining the gels using coomassie blue
stain (InstantBlue, Expedeon, San Diego, CA, USA).

Presence of coloured compounds
The presence of coloured compounds in the dialysed juice was determined by measuring the
absorbance from 250 to 750 nm in 1 cm quartz cuvettes using a UV-1800 Shimadzu
spectrophotometer and UV Probe 2.00 software (Shimadzu, Kyoto, Japan).

PPO activity assay
PPO-cresolase activity was determined by incubation of the dialysed juice with tyrosine, while PPOcatecholase activity was determined by incubation of the dialysed juice with catechin. The dialysed
juice (200 µL) was mixed with 100 µL tyrosine (2 mM in 0.1 M sodium phosphate buffer, pH 6.7) or
catechin solution (2 mM in 0.1 M sodium phosphate buffer, pH 6.7) in a 96-well plate. The formation
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of oxidation products after the addition of tyrosine was monitored at 520 nm [24] over 1,200 min
using a TECAN Infinite F500 spectrophotometer (Männedorf, Switzerland). The formation of
oxidation products after the addition of catechin was monitored at 420 nm [25] over 300 min. The
formation of oxidation products after the tyrosine addition was monitored over a longer period of
time because prior experiments showed that in this case there is a long lag phase before the
coloured compounds are formed. Incubation of dialysed juice with buffer was used to verify for
autoxidation. Another control was performed by adding tyrosine or catechin to the buffer (0.1 M
sodium phosphate, pH 6.7). Reaction rate constants of cresolase and catecholase were calculated
from the slopes of the linear segment of the absorbance vs time curves (corrected for the protein
content of the sample) and were expressed as AU·min-1·(mg N)-1.
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Results and Discussion
Composition of the sugar beet leaves
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Protein, Carbohydrate, Ash
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The protein content did not considerably vary between the LF (field leaves) from young and old
plants (Table 1). In the LG (greenhouse leaves), the protein contents for plants of 3-8 months were
also quite constant (on average 9.6 ± 2.5% w/w DM) (Figure 1). Only the youngest plants (2 months)
had a deviating high protein content (22.2 ± 0.2% w/w DM) (Figure 1). Overall, the protein content
in the LG (LG2I excluded) was 41-59% lower than the protein content in the LF, which shows that the
growth conditions have an effect on the protein content in the leaves. That was expected since it is
known that environmental conditions; e.g. temperature, rainfall, light etc., can affect the growth
response, and thus the chemical composition of the plants [26]. These data suggest that the protein
content in the leaves depends on the growth conditions and possibly on the variety, but not on the
plant age.
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Figure 1 Protein (■), carbohydrate (▲), ash (●) and phenolic compounds contents (◆) in the greenhouse
leaves. Error bars indicate stdev
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Chlorophyll a
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p
d Determined as ChCl /MeOH soluble material, corrected for chorophyll a concentent
3
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A

A
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Dry matter b
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n.d.

n.d.

n.d.

10.1
(±0.6)
13.0
(±0.2)
15.8
(±0.3)
n.d.

6.4 (±0.1)

Lignin

Table 1 Chemical composition (w/w % DM) of field leaves (LF) and corresponding protein concentrates (LSPCs)a
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10.50
(±0.03)
10.74
(±0.02)
10.61
(±0.05)
10.00
(±0.05)
10.35
(±0.02)
10.67
(±0.06)
10.69
(±0.08)
10.40
(±0.06)
10.51
(±0.07)
10.62
(±0.01)
10.59
(±0.04)
10.52
(±0.21)
10.10
(±0.07)
10.16
(±0.02)
10.13
(±0.05)

LF3R

a

5.20
(±0.01)
5.20
(±0.01)
5.17
(±0.01)
4.96
(±0.01)
5.08
(±0.03)
4.96
(±0.03)
5.04
(±0.00)
5.01
(±0.01)
4.99
(±0.04)
4.97
(±0.00)
4.94
(±0.01)
5.05
(±0.10)
5.71
(±0.06)
5.50
(±0.00)
5.60
(±0.15)

THR
4.90
(±0.00)
4.92
(±0.02)
4.95
(±0.02)
5.32
(±0.03)
4.76
(±0.00)
5.18
(±0.01)
5.24
(±0.04)
5.12
(±0.05)
5.20
(±0.00)
5.30
(±0.02)
5.29
(±0.00)
5.11
(±0.19)
4.14
(±0.03)
4.52
(±0.00)
4.33
(±0.26)

SER

GLX a
12.09
(±0.05)
12.03
(±0.03)
11.49
(±0.07)
11.21
(±0.03)
12.47
(±0.00)
11.64
(±0.06)
11.66
(±0.11)
11.79
(±0.06)
11.85
(±0.14)
12.15
(±0.05)
12.26
(±0.06)
11.88
(±0.37)
11.12
(±0.45)
11.30
(±0.00)
11.21
(±0.13)

No separate analysis of ASP/ASN and GLU/GLN

Average
(±stdev)

LSPCLF6R

Average
(±stdev)
LSPCLF3R

LG8I

LG7I

LG6I

LG5I

LG4I

LG3I

LG2I

LF8A

LF3A

LF6R

ASX a

Sample
6.26
(±0.02)
6.43
(±0.02)
6.25
(±0.00)
7.28
(±0.02)
6.02
(±0.02)
6.35
(±0.00)
6.34
(±0.03)
6.32
(±0.04)
6.38
(±0.05)
6.44
(±0.02)
6.47
(±0.02)
6.41
(±0.31)
5.56
(±0.04)
5.79
(±0.00)
5.67
(±0.16)

GLY
6.56
(±0.02)
6.30
(±0.01)
6.59
(±0.02)
6.39
(±0.02)
6.28
(±0.01)
6.09
(±0.01)
6.10
(±0.02)
6.08
(±0.01)
6.13
(±0.03)
6.03
(±0.03)
6.07
(±0.03)
6.24
(±0.20)
6.25
(±0.00)
6.17
(±0.00)
6.21
(±0.06)

ALA
6.26
(±0.03)
6.24
(±0.00)
6.31
(±0.01)
5.92
(±0.02)
6.23
(±0.00)
6.13
(±0.01)
6.14
(±0.07)
6.05
(±0.02)
6.04
(±0.06)
5.96
(±0.02)
6.03
(±0.00)
6.12
(±0.13)
6.56
(±0.00)
6.48
(±0.00)
6.52
(±0.06)

VAL
4.93
(±0.02)
4.85
(±0.01)
4.95
(±0.01)
4.79
(±0.00)
4.95
(±0.05)
5.09
(±0.00)
5.08
(±0.01)
4.97
(±0.00)
4.99
(±0.03)
4.94
(±0.00)
4.92
(±0.03)
4.95
(±0.09)
4.66
(±0.04)
4.77
(±0.00)
4.72
(±0.07)

ILE
9.47
(±0.01)
9.39
(±0.01)
9.51
(±0.05)
8.71
(±0.00)
9.50
(±0.01)
9.16
(±0.02)
9.15
(±0.07)
9.10
(±0.02)
9.17
(±0.05)
8.94
(±0.00)
9.01
(±0.04)
9.19
(±0.26)
9.50
(±0.05)
9.31
(±0.00)
9.40
(±0.14)

LEU
4.40
(±0.00)
4.52
(±0.04)
3.96
(±0.03)
4.69
(±0.01)
4.23
(±0.05)
4.17
(±0.02)
4.12
(±0.00)
4.28
(±0.02)
4.11
(±0.04)
4.18
(±0.06)
4.08
(±0.04)
4.25
(±0.21)
5.08
(±0.05)
4.90
(±0.00)
4.99
(±0.13)

TYR
5.99
(±0.01)
6.02
(±0.02)
5.99
(±0.06)
5.64
(±0.06)
6.05
(±0.01)
5.94
(±0.03)
5.83
(±0.13)
5.95
(±0.07)
5.96
(±0.11)
5.72
(±0.11)
5.77
(±0.02)
5.90
(±0.14)
5.97
(±0.04)
5.82
(±0.00)
5.90
(±0.11)

PHE
3.09
(±0.01)
3.10
(±0.01)
2.96
(±0.03)
3.49
(±0.02)
2.95
(±0.00)
3.31
(±0.09)
3.26
(±0.02)
3.32
(±0.04)
3.21
(±0.05)
3.32
(±0.03)
3.28
(±0.03)
3.21
(±0.17)
3.02
(±0.02)
2.97
(±0.00)
2.99
(±0.03)

HIS
5.81
(±0.01)
5.65
(±0.01)
6.72
(±0.03)
6.68
(±0.03)
6.76
(±0.00)
6.66
(±0.03)
6.71
(±0.01)
6.62
(±0.01)
6.66
(±0.01)
6.60
(±0.04)
6.64
(±0.04)
6.50
(±0.38)
6.97
(±0.01)
7.05
(±0.00)
7.01
(±0.05)

LYS
5.44
(±0.02)
5.44
(±0.00)
5.28
(±0.03)
5.27
(±0.01)
5.37
(±0.01)
4.83
(±0.03)
4.87
(±0.07)
5.39
(±0.10)
4.98
(±0.04)
4.76
(±0.08)
4.69
(±0.12)
5.12
(±0.30)
6.28
(±0.08)
6.21
(±0.00)
6.24
(±0.04)

ARG
1.72
(±0.00)
1.74
(±0.01)
1.80
(±0.02)
2.28
(±0.02)
1.57
(±0.02)
2.02
(±0.00)
2.04
(±0.03)
1.85
(±0.05)
2.07
(±0.01)
2.28
(±0.00)
2.34
(±0.03)
1.99
(±0.26)
1.58
(±0.02)
1.62
(±0.00)
1.60
(±0.03)

CYS

2.15
(±0.00)
2.00
(±0.01)
2.01
(±0.01)
2.08
(±0.01)
2.04
(±0.01)
1.96
(±0.06)
2.01
(±0.03)
2.08
(±0.09)
2.22
(±0.02)
2.25
(±0.00)
2.24
(±0.02)

2.22
(±0.02)
2.21
(±0.00)
2.14
(±0.05)
2.09
(±0.05)

MET

Table 2 Amino acid profile (w/w % protein) and amino acid (AA) content (w/w % DM) of filed leaves (LF), greenhouse (GH) and protein concentrates (LSPC) obtained from field Rhino leaves

5.17
(±0.07)
5.24
(±0.05)
5.31
(±0.07)
5.28
(±0.05)
5.28
(±0.04)
5.79
(±0.02)
5.73
(±0.07)
5.63
(±0.02)
5.7
(±0.08)
5.82
(±0.22)
5.62
(±0.15)
5.51
(±0.25)
5.29
(±0.00)
5.2
(±0.00)
5.25
(±0.07)

PRO

87.34
(±0.16)
74.93
(±0.26)

Total
AA
24.68
(±0.15)
23.69
(±0.04)
16.12
(±0.55)
18.07
(±0.69)
26.75
(±0.06)
10.93
(±0.22)
9.92
(±0.42)
16.53
±0.16)
12.16
(±0.03)
9.37
(±0.09)
9.16
(±0.15)
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The amino acid composition did not differ between the leaves of different plant ages, both for LF
and LG samples (Table 2). Based on the amino acid analysis the two N-Prot factors kp and ka were
determined. In the LF, the kp was 8-13% higher for young than for old plants (Table 3). For the LG,
the kp varied between 4.12 and 4.57, while no clear effect of the plant age was identified. Overall,
the average kp calculated for the sugar beet leaves was 4.41 ± 0.26 for all leaves (Table 3). This value
is similar to the average kp value (4.46 ± 0.40) reported for other leafy materials [27]. For ka a
minimal and maximal value were calculated for each sample, assuming all ASX/GLX to be present as
ASP/GLU or as ASN/GLN, respectively (Table 3). The ka factor was similar for all leaves tested (Table
3). The average ka factor (average lower limit and average upper limit) for all leaves (both LF and LG)
was 22-43% higher than the average kp. This indicates the presence of substantial amounts of
non-proteinaceous nitrogen (NPN), such as inorganic nitrogen, hormones, chlorophyll and nucleic
acids. From the ratio NAA/NT, it was estimated that the leaves from old plants from Rhino and
Arrival contain 24-46% and 43-150%, respectively, more NPN than the leaves from young plants
(Table 3).
Table 3 Proteinaceous nitrogen and nitrogen-to-protein conversion factors ka and kp for different materials
Sample

NAA/NT (%)b,c

N-Prot factor kpd

N-Prot factor kpe

LF3R

75 < x < 87

4.72 (±0.01)

5.40 < y < 6.31

LF6R

69 < x < 81

4.36 (±0.01)

5.39 < y < 6.31

LF3A

79 < x < 92

4.95 (±0.01)

5.39 < y < 6.28

LF8A

70 < x < 80

4.32 (±0.01)

5.37 < y < 6.21

LG2I

66 < x < 77

4.15 (±0.01)

5.39 < y < 6.31

LG3I

73 < x < 85

4.57 (±0.01)

5.41 < y < 6.31

LG4I

66 < x < 77

4.16 (±0.01)

5.40 < y < 6.30

LG5I

66 < x < 77

4.12 (±0.01)

5.38 < y < 6.26

LG6I

68 < x < 79

4.29 (±0.01)

5.40 < y < 6.30

LG7I

68 < x < 80

4.31 (±0.01)

5.39 < y < 6.31

LG8I
Average (±stdev)
LSPCLF3R
LSPCLF6R
Average (±stdev)
a LF:

72 < x < 84

4.53 (±0.01)

5.40 < y < 6.32

70 (±4) < y < 82 (±5)

4.41 (±0.26)

5.39 (±0.01)< y < 6.29 (±0.03)

85 < x < 99

5.33 (±0.01)

5.39 < y < 6.24

82 < x < 95

5.13 I±0.01)

5.38 < y < 6.23

84 (±2) < x < 97 (±2)

5.23 (±0.14)

5.39 (±0.01)<y<6.23 (±0.01)

field leaves, LG: greenhouse leaves, LSPC: protein concentrates
Proteinaceous nitrogen (NAA) as proportion (%) of total nitrogen (NT)
c
Lower and upper limits represent values calculated with ASX/GLX = 100% ASP/GLU and ASX/GLX = 100%
ASN/GLN, respectively
d k as the average value of k calculated with ASX/GLX = 100% ASP/GLU and with ASX/GLX = 100% ASN/GLN
p
p
e Lower and upper limits represent values calculated with ASX/GLX = 100% ASN/GLN and with ASX/GLX = 100%
ASP/GLU, respectively
b
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The total carbohydrate content in LF Arrival was higher in LF3A than in LF8A (31.4 ± 0.9 vs 27.3 ± 0.4%
w/w DM), whereas in LF Rhino the carbohydrate content did not differ considerably between the
two plant ages (Table 1). For the LG an increase from 18.0 ± 1.3% (for 2 months old plants) to 28.2 ±
3.1% w/w DM (for 3-8 months old plants) was observed (Figure 1). The main monosaccharides
present in all leaves after hydrolysis were glucose and uronic acids (Table 4), which are building
blocks of cellulose and pectins, respectively.
Table 4 Constituent monosaccharide composition (mol%) of field (LF) and greenhouse (LG) leaves
Sample
LF3R
LF6R
LF3A
LF8A
LG2I
LG3I
LG4I
LG5I
LG6I
LG7I
LG8I

Arabinose
17
18
22
22
12
15
15
16
18
19
18

Rhamnose
0
0
0
0
0
0
0
0
0
0
0

Galactose
11
10
5
8
7
4
5
6
6
6
6

Glucose
38
43
46
44
33
35
36
42
41
36
37

Xylose
4
3
3
3
4
5
5
5
5
5
5

Mannose
0
0
0
0
0
0
0
0
0
0
0

Uronic acid
29
26
23
23
43
41
39
30
30
34
34

The overall protein composition was similar for the leaves of both plant ages (both Rhino and
Arrival), as shown by SDS-PAGE under reducing conditions (Figure 2A). The most distinctive bands
were observed around 50 and 12 kDa, which are indicative of the large and small Rubisco subunits,
respectively [28, 29]. In addition two less intense bands were observed at around 37 and 25 kDa,
which are indicative of respectively the photosystem II protein D1 (PSII) [30] and to the chlorophyll
a/b binding protein that have been identified in B. vulgaris species [31]. In the greenhouse leaves
the most distinctive bands were observed around 50 and 25 kDa, whereas no bands were observed
at 39 and 12 kDa (with the exception of LG4) (Figure 2A).
For both LF Rhino and LF Arrival, the phenolic compounds content was on average 1.7 times higher
in leaves obtained from old than in leaves from young plants (Table 1). This is line with previous
research [5]. Similar to LF and to literature [5], the phenolic compounds content in leaves from older
plants (LG3I-LG6I) was on average 2 times higher than that measured in leaves from younger plants
(LG2I) (Figure 1). Interestingly, it was observed that with further increase in plant age (leaves from
7-8 months old plants) the phenolic compounds analysed content decreased to the initial value
measured, i.e. in leaves from 2 months old plants (Figure 1).
The ash content did not differ between the two plant ages, neither for LF Rhino nor for LF Arrival
(Table 1). For the LG an increase in the ash content from 18.7 ± 0.2% to 23.6 ± 0.2% w/w DM was
observed as the plant age increased (Figure 1).
For both LF Rhino and LF Arrival, the lipid and lignin contents increased with plant age (with 90 and
54% for lipids and with 58 and 22% for lignin, respectively). The chlorophyll content did not differ
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between the two plant ages for LF Arrival, whereas an increase from 0.3 ± 0.1% in LF3R to 0.8 ± 0.2%
in LF6R (Table 1) was observed, for LF Rhino.
In total, 71-81% of the total dry matter in the LF samples was annotated (Table 1). This incomplete
mass balance cannot be explained. It should be noted that such incomplete analysis is often
observed in literature [1, 32], and it should be taken into account when explaining variations in
chemical composition among different samples.

Nitrogen recovery
The nitrogen that was extracted in the juice; i.e. the nitrogen extractability, of LF Rhino was quite
constant for both plant ages (53.0 ± 5.0 vs 45.6 ± 2.9% for LF3R and LF6R, respectively, Table 5). In
contrast, for LF Arrival a 39% decrease in the nitrogen extractability was observed as the plant age
increased from 3 to 8 months (Table 5A). For the LG samples a decrease of even 50% was observed
as the plant age increased from 2 to 5 months (Table 5B). It must be noted that the absolute age of
the plants grown in the field and in the greenhouse may perhaps not represent exactly the same
developmental stage of the plant, given the fact that based on previous observations at Unifarm the
growth of the sugar beets; i.e. time until harvest, in a greenhouse was faster than in a field. For the
LG samples, it was observed that the nitrogen extractability increased again at higher plant age.
Other researchers have also reported that the nitrogen extractability (nitrogen recovered in the
juice/nitrogen in the pulp) from bean leaves initially decreased with plant age and subsequently
increased [33]. For other species, e.g. lucerne, the nitrogen extractability was shown to be constant
(on average 78 ± 5%) with age, whereas for sunflower leaves the nitrogen extractability showed a
sharp decrease from 62% (leaves collected in July) to 22% (leaves collected in September) [33].
Overall, it was shown that nitrogen extractability from leaves of different species changes with age,
but not always in the same way [33]. In this study, we also show that nitrogen extractability changes
with age, even within the same species. Despite the variation in the nitrogen extractability, the
nitrogen recovery in the dialysed juice was quite constant with plant age (Table 5). This shows that,
given the fact that the low molecular N-containing compounds were removed after dialysis, the
protein recovery was quite constant with plant age. The nitrogen recovery in the subsequent stage
(LSPC) was also quite constant with plant age, with the exception of LF Rhino for which the nitrogen
recovery in LSPCLF6R was 13% higher than in LSPCLF3R (Table 5A).
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Figure 2 SDS-PAGE gels stained by coomassie blue; (A) leaves from field (B) leaves from greenhouse (C) j. = juice,
d.j. = dialysed juice, LSPC = leaf soluble protein concentrates extracted from the field (Rhino) leaves
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Table 5 Nitrogen recovery (%) at each processing step in field (A) and greenhouse (B) leaves
A
Extraction

Recovered in:
Juice

Isolation

Dialysed juice
LSPC

B
Extraction

Recovered in:
Juice

Isolation

Dialysed juice
LSPC

LF3Ra
53.0
(±5.0)
62.2
(±3.5)
44.9
(±1.7)

LF6Ra,b
45.6
(±2.9)
63.9
(±3.2)
50.9
(±0.4)

LF3Aa
48.3
(±1.4)
59.9
(±6.1)
41.6
(±1.7)

LG8Aa
29.3
(±3.8)
57.7
(±2.9)
42.8
(±4.3)

LG2Ic
55.6
(±0.3)
44.8
(±6.0)
38.6
(±7.0)

LC3Ic
44.4
(±4.2)
55.5
(±6.1)
45.2
(±7.1)

LG4Ic
41.1
(±5.7)
45.0
(±3.6)
34.7
(±9.7)

LG5Id
27.7
44.4
34.4

LG6Ic
40.1
(±7.4)
52.3
(±2.3)
43.5
(±1.8)

LG7Ic
46.1
(±6.5)
59.5
(±1.4)
45.6
(±4.2)

LG8Ic
46.1
(±6.0)
62.1
(±5.5)
n.d.e

Average (±stdev) of two repeated extractions in the same year
Similar values were also obtained when proteins were extracted in the presence of disulfite
c
Average (±stdev) of two repeated extractions in two consecutive years
d Extraction done once
e Not determined
a

b

Chemical composition of the protein concentrates obtained from field leaves
In protein concentrates obtained from LF of both varieties the protein contents did not differ
between the two plant ages (Table 1). The kp factors calculated for LSPCLF3R and LSPCLF6R were quite
similar; on average 5.23 ± 0.14 (Table 3). The ka factors calculated for these samples ranged from
5.39 ± 0.01 to 6.23 ± 0.01 for both LSPCLF3R and LSPCLF6R (Table 3). It was observed that the ka factor
for the protein concentrates (LSPC) was 3-19% higher than the respective kp factor, whereas for the
leaves (LF) this difference was higher (22-43%), as discussed previously. This indicates that the
isolation method leading to the concentrates indeed led to removal of NPN.
The total carbohydrate content in LSPCLF8A was higher than in LSPCLF3A (5.1 ± 0.4 vs 3.7 ± 0.2% w/w
DM), whereas for LF Rhino the carbohydrate content was similar in protein concentrates from both
plant ages (on average 3.5 ± 0.5% w/w DM) (Table 1).
In protein concentrates obtained from LF Rhino the lipid content was higher for leaves from young
than for leaves from old plants (Table 1). For protein concentrates obtained from LF Arrival the
opposite was the case (Table 1). The ash content in LSPCLF8A was higher than in LSPCLF3A, whereas in
protein concentrates from LF Rhino the ash content was the same for both plant ages (Table 1).

Protein composition of the protein concentrates obtained from field leaves
The overall protein composition was similar for the protein concentrates (from LF Rhino) of both
plant ages, as shown by SDS-PAGE under reducing conditions (Figure 2). For all samples (juice,
dialysed juice, protein concentrate) the most distinctive bands were observed around 50 and 12 kDa
(large and small subunits of Rubisco, respectively [28, 29]). This suggests that the isolation method
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did not lead to loss of Rubisco. The band at around 25 kDa present in leaves was not apparent in this
case. This indicates that the isolation method was adequate for the removal of the green colour.

PPO-mediated browning in extracts of field and greenhouse leaves from old plants
A striking observation was that the juice obtained from leaves of old sugar beets (LF6R) was brown,
whereas the juice from leaves of young sugar beets (LF3R) was yellow (Figure 3A, insert). The same
effect was observed for LF Arrival and for LG (Figures 3A, B inserts).

A
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Figure 3 UV-vis spectra of the dialysed juices obtained from the field leaves. Insert: cuvettes containing dialysed
juice from: LF3R (1a), LF6R, SO3 (2a), LF6R (3a) and protein concentrates: LSPCLF3R (1b), LSPCLF6R,SP3 (2b),
LSPCLF6R (3b) (A), UV-vis spectra of the dialysed juices obtained from the greenhouse leaves. Insert: cuvettes
containing dialysed juice from 1-7: LG2I to LG8I (B)
The brown colour observed in these juices was still present in the high molecular mass (> 12 kDa)
fraction after dialysis and acid precipitation (Figure 3A, insert). Hence, it is stated that most of the
brown colour observed was associated with high molecular weight compounds. In another study, it
was shown that the brown colour observed during protein extraction from potato tubers was due to
oxidised phenolics [34]. In the same study, it also was shown that most of the oxidized phenolics
were associated with high molecular weight compounds, which is in line with our observation.
Therefore, it was hypothesised that the brown compounds observed in our study were formed by
quinones, which were produced via PPO-mediated oxidation of the phenolic compounds. To test
whether PPO activity (catecholase/cresolase activity) was indeed the reason for the brown colour
formation in the juices from the old plants, juice from LF6R was prepared in the presence of sulfite.
Sulfite is known to prevent enzymatic browning, by inactivating the PPO and/or by formation of
sulfo-adducts that do not contribute to browning [24]. Indeed, in the presence of sulfite, the juice
from the leaves of old plants (LF6R, SO3) was not brown (Figure 3), which indicates that the PPO
activity was responsible for the brown colour formation. The PPO activity was determined in the
dialysed juice of LF6R, SO3 and surprisingly, after the removal of sulfite, the PPOs were still active
(Figures 4A, C). It has been shown previously that when chlorogenic acid was incubated with
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tyrosinase and sulfite, the enzyme was irreversible inactivated, while no colour development was
observed [35]. As discussed before, sulfite can lead to the formation of sulfo-adducts that do not
contribute to browning. Hence. the latter is suggested to be the case in the present study.

Catecholase activity

Catecholase activity

0.3
0.2
0.1
0.0

LF3R

LF6R

LF6R,SO3

LF3A

0.03
0.02
0.01

LF3R

LF6R

LF6R,SO3

LF3A

0.8
0.4
0.0

0.16

C

LF8A

B

1.2

LF8A

Cresolase activity

Cresolase activity

0.04

0

1.6

A

0.4

LG8
LG2 LG3
LG3 LG4
LG4 LG5
LG5 LG6
LG6 LG7
LG7 LG8
LG2

D

0.12
0.08
0.04
0

LG2 LG3
LG3 LG4
LG4 LG
LG6 LG7
LG7 LG8
LG8
5
LG2
LG5
LG6

Figure 4 Catecholase (on catechin) (AU·min-1·(mg N)-1) (A, B) and cresolase (on tyrosine) (AU·min-1·(mg N)-1)
(C, D) activity measured in the dialysed juice obtained from the field (A, B) and the greenhouse (B, D) leaves
Given the fact that the brown colour formation in the (dialysed) juices from the leaves of the old
plants was attributed to PPO activity, the lack of brown colour formation in the (dialysed) juice of
the leaves from young plants was consequently thought to be due to absence of PPO activity.
Surprisingly, the catecholase activity measured in the dialysed juice from leaves of young plants was
similar to that in the dialysed juice of leaves from old plants (Figure 4A). The cresolase activity was
higher in the dialysed juice of leaves from old plants than in that of leaves from young plants (0.005
AU·min-1·(mg N)-1 in LF6R vs 0.002 AU·min-1·(mg N)-1 in LF3R and 0.023 AU·min-1·(mg N)-1 in LF8A vs
0.004 AU·min-1·(mg N)-1 in LF3A) (Figure 4C). In the LG dialysed juices both the catecholase and the
cresolase activity were higher in leaves from old plants than in leaves from young plants (Figures 4B,
D). The values determined for LG5I (0.47 AU·min-1·(mg N)-1 and 0.007 AU·min-1·(mg N)-1, for
catecholase and cresolase activity, respectively) deviated very strongly from the values determined
for the other samples (LG3I-LG4I and LG6I-LG8I) and were, therefore, not included in further
considerations. Interestingly, the cresolase activity measured in LF3A (yellow juice and dialysed juice)
was similar to the cresolase activity measured in LF6R (brown juice and dialysed juice) (Figure 4C).
This indicates that the cresolase activity itself does not explain the colour difference between the
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juices of leaves from old and young plants. Furthermore, the catecholase activity in LG2I dialysed
juice (yellow juice and dialysed juice) was 1.2-4.4 times higher than the catecholase activity in the
brown juices and dialysed juices obtained from the field leaves. Thus, the PPO activity (cresolase
and/or catecholase) per se, as determined with the typical methods used throughout literature,
cannot explain the striking difference in colour between the (dialysed) juices and the LSPC from
young and old plants.
Overall, it is concluded that the age of the sugar beets does not affect the protein content in the
whole foliage. The nitrogen extractability varies with plant age, although no consistent correlation
with plant age is found. The nitrogen recovery in the subsequent isolation stages is independent of
plant age. Thus, the variation in the final yield of protein extraction is mostly due to the variation in
nitrogen extractability. A significant effect of the plant age is observed on the quality (colour) of the
protein extracted from the sugar beet leaves; i.e. the protein extracted from leaves of older plants is
brown, whereas the protein extracted from leaves from young plants is yellow.
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Chapter 3
The content of caffeic acid derivatives, oxidative coupling and
coupled oxidation drive enzymatic browning in sugar beet
(Beta vulgaris L.) leaves
Sugar beet (Beta vulgaris L.) leaves of 8 month (8m) plants showed more enzymatic browning than
those of 3 month (3m). Total phenolic content increased from 4.6 to 9.4 mg/g FW in 3m and 8m,
respectively, quantified by RP-UHPLC-UV-MS. The PPO activity was 6.7 times higher in extracts from
8m than from 3m leaves. Substrate content increased from 0.5 to 2.4 mg/g FW in 3m and 8m,
respectively, of which caffeic acid glycosyl-esters were most important, increasing 10 fold with age.
Caffeic acid glycosides and vitexin derivatives were no substrates. In 3m and 8m, non-substrate-tosubstrate ratios were 8:1 and 3:1, respectively. A model system showed browning at 3:1 ratio due to
formation of products with extensive conjugated systems through oxidative coupling and coupled
oxidation. The 8:1 ratio did not turn brown as oxidative coupling occurred without much coupled
oxidation. We postulate that differences in non-substrate-to-substrate ratio and therewith extent of
coupled oxidation explain browning.

Based on: Anne Vissers, Alexandra Kiskini, Roelant Hilgers, Marina Marinea, Peter Alexander
Wierenga, Harry Gruppen, Jean-Paul Vincken – Submitted to J. Agric. Food Chem.
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Introduction
For future protein demand, sugar beet leaves (Beta vulgaris L.) seem an attractive new protein
source [1]. For the extraction of proteins present, cell rupture is needed [2]. Cell rupture brings
polyphenol oxidases (PPOs) stored within chloroplasts and phenolics stored within vacuoles
together in the presence of oxygen [2]. In such situations, PPOs oxidise phenolics into highly reactive
quinones, which engage in browning reactions. Also, these quinones are prone to nucleophilic
attacks by e.g. cysteine and lysine residues, resulting in covalent binding to proteins [3]. These
reactions affect the final techno-functional properties of the proteins extracted [4]. Often, PPO
activity varies with plant age, environmental influences and activation of latent enzymes in plants [5,
6]. Currently, there is limited information on the PPO activity in Beta vulgaris species [1].
Beta vulgaris belongs to the family of Amaranthaceae. Phenolics found in this family can be divided
into phenolic acids and flavonoids. Phenolic acids (e.g. hydroxybenzoic and hydroxycinnamic acids),
together with the flavonoid subclasses flavonols (e.g. quercetins) and flavones (e.g. vitexins) have
been reported in Beta vulgaris beets and leaves [7, 8]. Similar to PPO activity, the content of total
phenolics in leaves has been reported to vary with plant age. In lettuce, the total phenolic content
decreased by 88% from 28 to 59 days after planting, followed by an increase to the starting content
73 days after planting. The increase in total phenolic content coincided with increases in PPO activity
and browning [5]. To our knowledge, no investigations on the relation between the phenolic
composition and extent of brown colouring have been performed.
Plants contain reducing agents that can, in principle, delay enzymatic browning. Of these, ascorbic
acid (AA) and glutathione (GSH) are the most abundant [9]. These molecules can reduce the
enzymatically formed quinones back into o-diphenolics, upon which AA and GSH are converted into
dehydro-ascorbic acid (DHA) and glutathione disulfide (GSSG), respectively. During plant growth and
development, changes in AA and GSH contents have been reported [5, 10]. The content of AA and
GSH may affect the extent of enzymatic browning.
Earlier studies in our laboratory [1] showed that aqueous extracts made from leaves of 3-month old
sugar beet plants had a yellow colour, whereas similar aqueous extracts made from leaves of
8-month old plants were brown. The observations did not depend on year of harvest or growing
condition (field or greenhouse). Neither the twofold increase in PPO activity, measured as cresolase
(hydroxylation of monophenolics into o-diphenolics) and catecholase (oxidation of o-diphenolics
into o-quinones) activities, nor the twofold increase in total phenolic content could satisfactorily
explain the differences in colour between the two plant ages [1]. Hence, the main aim of this
research was to find explanations for the difference in colour formation upon cell rupture in sugar
beet (Beta vulgaris L.) leaves harvested after 3 and 8 months. It was hypothesised that the
composition of individual phenolics changes over time, which might lead to increased quantities of
mono- and o-diphenolic substrates in leaves of older plants.
In this research, the composition of substrate phenolics was determined in leaves from 3- and
8-month old plants. Subsequently, the oxidative enzyme activity towards various classes of
endogenous phenolic compounds was measured. In addition, the reaction products were analysed.

42

PHENOLICS COMPOSITION AND ENZYMATIC BROWNING

Materials and Methods
Chemicals
UHPLC-grade water and acetonitrile were obtained from Biosolve (Valkenswaard, The Netherlands).
Vitexin was obtained from Rotichrom® TLC (Karlsruhe, Germany). All other chemicals and extraction
solvents used were of analytical grade and purchased from either Merck (Darmstadt, Germany) or
Sigma–Aldrich (St. Louis, MO, USA).

Sugar beet leaves harvesting and storage
The leaves of sugar beets (Beta vulgaris L. var. Arrival) harvested in 2014, 3 (3m) and 8 months (8m)
after sowing the seeds, and used in our previous research [1], were used. After collecting the leaves,
one part was stored in vacuum sealed bags at -20 °C. The other part of the leaves was freeze dried,
ground into powder in an ultracentrifugal mill (Retch ZM 200, Haan, Germany) at 6,000 rpm. The
freeze dried powders were stored at -20 °C. Dry matter contents of the leaves were determined
gravimetrically after drying overnight at 105 °C. Dry matter contents were 10.6% (±0.4) and 15.8%
(±0.2) w/w fresh weight for 3m and 8m, respectively.

Preparation of the phenolics extracts
Phenolics were extracted (w/v ratio 1:10) from freeze dried leaves with 50% (v/v) methanol
containing 0.5% (v/v) acetic acid using four consecutive extractions. During each extraction, samples
were first sonicated in an Elmasonic S40H sonicator (Elmasonic, Zwolle, The Netherlands) for 5 min
and then stirred for 30 min at 4 °C in darkness. After centrifugation (4 °C, 5 min, 5,000 × g), fresh
solvent was added to the pellet, after which the procedure was repeated. The four extracts were
combined and methanol was removed by evaporation under reduced pressure at 40 °C. The
aqueous residue was freeze dried and used for further analyses. For each plant age, samples were
extracted in triplicate and analysed separately.

Fractionation of phenolics
One gram of freeze-dried phenolic extract was fractionated using a Flash chromatography system
(Grace, Deerfield, IL, USA) equipped with a 40 g Reveleris C18 Flash cartridge (45 mL column volume
(CV), particle size 40 µm, Grace). Elution of phenolic compounds (30 mL/min) was performed using
milliQ water containing 1% (v/v) acetic acid (eluent A) and with acetonitrile containing 1% (v/v)
acetic acid (eluent B). The cartridge was equilibrated with 3 CVs eluent B, followed by 3 CVs eluent
A. Elution conditions were as follows: 0-2 min, 0% B; 2-10 min, 0-60 % B; 10-11 min, 60-100% B;
11-13 min, 100% B. Fractions (10 mL) were collected and pooled into 4 pools based on ELS and/or
A280 nm responses. Pools 1-4 were taken between 0-3.5 min, 3.5-5.5 min, 5.5-8 min and 8-13 min,
respectively. Pools 2 and 3 were used for further analyses. Acetonitrile was evaporated from the
pools under reduced pressure at 40 °C. The remaining aqueous phase was freeze-dried and stored at
-20 °C prior to further analyses. For both 3m and 8m, two fractionation runs were performed.

Annotation and quantification of phenolics
The phenolic fractions were analysed using UHPLC-UV-MS on an Accela system (Thermo Scientific,
San Jose, CA, USA) equipped with a pump, degasser, auto-sampler (set at 15 °C) and photodiode

43

CHAPTER 3
array detector. Samples (10 µL, 1 g/L in 50% (v/v) aqueous methanol) were injected onto a Hypersil
Gold aQ column (Thermo Scientific; 150 x 2.1 mm i.d.; particle size 1.9 µm). The column oven
temperature was set at 30 °C. Elution of phenolic compounds (400 µL/min) was performed using
water containing 1% (v/v) acetic acid (eluent A) and acetonitrile containing 1% (v/v) acetic acid
(eluent B). The elution profile for the pool enriched in phenolic acids (pool 2) was as follows: 0-4
min, 1% B; 4-16 min, 1-22% B; 16-18 min, 22-100% B; 18-20 min, 100% B; 20-21 min, 100-1% B;
21-24 min, 1% B. The elution profile for the pool enriched in flavonoids (pool 3) was as follows: 0-4
min, 1% B; 4-8 min, 1-17% B; 8-25 min, 17-30% B, 25-27 min, 30-100% B; 27-29 min, 100% B; 29-30
min, 100-1% B; 30-32 min, 1% B. For both pools, throughout elution, PDA spectra (200-600 nm)
were recorded.
Mass spectrometric (MSn) data were obtained by analysing samples on a LTQ-XL Velos mass
spectrometer (Thermo Scientific) equipped with a heated electrospray ionisation probe coupled to
the UHPLC system. The instrument was tuned with caffeic acid for pool 2 and with apigenin for pool
3, with capillary temperature at 350 °C, source heater temperature at 230 °C, and source voltage at
3.5 kV. A full mass spectrum was recorded over an m/z range of 150-1500. The annotation of
compounds was performed based on the parent molecular ion, MSn data and UV-vis spectra. Data
acquisition and reprocessing were performed with Xcalibur 2.07 software (Thermo Scientific). For
quantification of phenolics, external calibration curves were used. Quantities of phenolic acids were
expressed as caffeic acid equivalents as 42% w/w of the phenolic acid derivatives found contained a
caffeic acid backbone. Quantities of flavonoids were expressed as vitexin (IUPAC: (1S)-1,5-anhydro1-[5,7-dihydroxy-2(4-hydroxyphenyl)-4-oxo-4H-chromen-8-yl]-D-glucitol) equivalents as 78% w/w of
the flavonoids found were vitexin derivatives. For both compounds, 7 concentrations were taken for
calibration, based on full MS intensity and measured in duplicate. For caffeic acid: 1.15-115.0 mg/L,
R2 0.91, limit of quantification (LOQ) was 0.3 mg/L. For vitexin: 0.1-13.5 µg/mL, R2 0.97, LOQ was
0.05 mg/L. For quantification of individual compounds, correction factors were determined by
dividing the molecular weight of the analyte by that of the calibrant (Table 1). The MS response was
multiplied by the correction factor to obtain the amounts present [11]. Amino acid derivatives were
quantified using caffeic acid as the standard. The phenolic contents in the leaves were expressed in
mg/g fresh weight (FW).

Phenolics identification strategy
Phenolics were identified using UV-vis spectra and mass spectra. Phenolic acids show absorbance
around 280 nm and often a shoulder around 320-355 nm [12]. Flavonoids show absorbance around
both 265 and 350 nm [12]. Diagnostic ion screening allowed annotation of hydroxycinnamic acid [13,
14] and flavonoid [7, 15] backbones. The presence of phenolic derivatives was determined by the
presence of characteristic neutral losses upon MS2 and MS3 fragmentation. Phenolic acid-glycosides
(Figure 1A) and flavonoid O-glycosides were annotated by a neutral loss of 162 (O-hexose) or 132
(O-pentose) [16]. Glycosylation in phenolic acid glycosyl-esters (Figure 1B) was annotated by a
neutral loss of 162 (O-hexose) [14, 16] and additional polyol fragment ions (-30, -60, -90) [13] in MS2,
originating from fragmentation within the glycosyl residue. C-glycosylation could be distinguished
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from O-glycosylation by a neutral loss of 120 (C-hexose) [7, 16, 17]. Acetylation and malonylation
were annotated by neutral losses of 42 and 86, respectively [16].

A

O
Glc-O
HO

OH

B

O
HO

O-Glc

HO

Figure 1 Structures of caffeic acid glycoside (A) and caffeic acid glycosyl-ester (B)

Preparation of the enzyme extracts
For enzyme extraction, 50 g frozen leaves from the 3 and 8 months old plants were used, extracted
and described previously [1]. Dialysed enzyme extracts were used immediately for enzyme activity
assays.

PPO activity assay and quantification of reacting phenolics
PPO activities in sugar beet leaves were determined by oxygen consumption. The oxygen
consumption analyses were performed using an Oxytherm System (Hansatech, Kings Lynn, UK).
Aliquots (700 µL) of dialysed enzyme extract were incubated with 200 µL (5 g/L) Flash-fractionated
phenolics, 1.2 g/L catechin or 0.9 g/L vitexin. Substrates were dissolved in 150 mM sodium
phosphate buffer pH 6.7. Oxygen consumption was monitored over 30 min. The rate of oxygen
consumption during the first 10 s was taken as measure for PPO activity, expressed as nmole
O2/(s·g) FW.
Quantification of phenolics before and after reaction with leaf dialysed enzyme extracts was
performed using RP-UHPLC-UV-MS, as described above. An aliquot (200 µL) of dialysed enzyme
extract was incubated with 100 µL of Flash-fractionated phenolics (5 g/L), dissolved in 150 mM
sodium phosphate buffer pH 6.7. After 20 h the reaction was stopped by addition of 300 µL
methanol. A sample at t0 was prepared in the same way to correct for trace amounts of phenolics
present in the dialyzed enzyme extract. In this sample, methanol was added directly to prevent
enzyme reaction.
Contributions of non-substrate phenolics to browning via oxidative coupling was investigated using a
model system containing combinations of chlorogenic acid (ChA) and ferulic acid (FerA), ChA and
sinapic acid (SinA), the three phenolic compounds combined, or each phenolic compound
individually. Equimolar contents of phenolics ChA:SinA and ChA:FerA:SinA (1 mM) and different
molar ratios of ChA:FerA (1:1, 1:3, 1:8) in 10 mM sodium phosphate buffer pH 6.7, were incubated
with 15 U [18] mushroom tyrosinase for 30 and 60 min. Reaction products were diluted 10 times in
50% (v/v) aqueous methanol. The reaction mixtures with 1:1 molar ratios were analysed using
RP-UHPLC-UV-MS as described above with an altered gradient: 0-1 min, 5% B; 1-9 min, 5-50% B;
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9-10 min, 50-100% B; 10-12 min, 100% B, 12-13 min, 100-5% B; 13-15 min, 5% B. Injection volume
was 5 μL. The UV-vis spectra of all reaction mixtures were recorded using a UV-1800 Shimadzu
spectrophotometer and UV Probe 2.00 software (Shimadzu, Kyoto, Japan).

Ascorbic acid and GSH quantification
The method to quantify ascorbic acid (AA) and dehydro-ascorbic acid (DHA) in leaves was adapted
from Davey et al. (2003) [9]. Freeze dried leaves (50 mg) ground in liquid nitrogen using a ball mill
(Retch MM 4400, Haan, Germany) and 0.5 mm stainless steel beads. Next, 1.5 mL 3.3% (w/v)
meta-phosphoric acid was added and the mixture was sonicated on ice for 10 min. The mixture was
centrifuged (25,000 × g, 10 min, 4 °C) and the supernatant was filtered (0.45 μm cellulose filter,
Whatman®, Dassel, Germany) prior to AA and GSH analysis. To convert DHA and GSSG into AA and
GSH, respectively, 100 μL of the filtered supernatant was mixed with 5 mM DTT in 400 mM Tris base
pH 9.0 and incubated at room temperature in the dark for 15 min. The reaction was stopped by
addition of 50 μL 8.5% (w/v) o-phosphoric acid. Four samples of both ages were injected onto a
ProntoSIL 120-3 C18 AQ (Knauer, Berlin, Germany) column and eluted isocratically with water
containing 0.04% (v/v) H3PO4, 0.25% (v/v) methanol, and 0.1 mM EDTA. Flow rate was 0.35 mL/min
and elution was followed by a wash step with 30% (v/v) aqueous acetonitrile. AA and GSH were
detected at 243 nm and 197 nm, respectively. For quantification, external AA and GSH calibration
curves were used (0-0.1 g/L in 3% (v/v) m-phosphoric acid containing 2.5 mM DTT, R2 = 0.98 for both
AA and GSH). The DHA and GSSG contents were determined by the differences in AA and GSH
contents after and before DHA and GSH reduction, respectively.
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Results
Annotation of phenolics
The phenolics composition was analysed in 3m and 8m sugar beet leaves. In order to facilitate
annotation of phenolics, the crude extract was fractionated into 4 pools using RP-Flash
chromatography. Pool 1 contained sugars, as annotated in LC-UV-MS; components eluted in the void
of the column, and had no A280 nm absorbance. During MS/MS fragmentation, characteristic neutral
losses of -162 for sugars were observed. Pool 4 contained saponins, which had high column
retention and no A280 nm absorbance.
Pool 2 (Figure 2A, Table 1) consisted mainly of O-glycosylated derivatives of caffeic- (2, 4, 6), ferulic(20, 23, 26-28) and sinapic acid (21, 24). Glycosylated coumaric acids were not annotated. Trace
amounts of dopamine (3, 5, 8-10, 16) and tryptophan (13) derivatives were annotated. Pool 3
(Figure 2B) consisted mainly of iso-rhamnetin, quercetin and vitexin (8-C-glycosides of apigenin)
derivatives. Vitexins have been previously identified in Swiss chard (Beta vulgaris subsp. cycla) [7],
passiflora [17] and tea leaves [19]. The vitexin derivatives included those which contained an
extended C-glycosyl residue: vitexin-2”-O-glycoside (33), vitexin-2”-O-pentoside (34), glycosylmalonylvitexin (38) and pentosyl-malonylvitexin (40).
Based on the phenolic structure, PPO substrates were annotated (Table 1). Phenolics containing a
free hydroxyl (e.g. coumaric acid) or a free o-dihydroxyl (e.g. caffeic acid) motif on the benzene ring
could be considered as potential substrates. The presence of mono- or o-dihydroxyl motifs in a
phenolic molecule does not necessarily mean that it is a PPO substrate, as other substituents may be
present. Phenolics containing a single hydroxyl- and additional o-methyl substituents on the
benzene ring (e.g. ferulic acid) are not considered to be substrates, because an o-diphenol, and
subsequently an o-quinone, cannot be formed. Additionally, phenolic acid glycosides (Figure 1A) and
phenolic acid glycosyl-esters (Figure 1B) were distinguished. In the former, the glycosyl residue is
connected via an acetal linkage to an OH group on the phenolic ring, which thereby hinders quinone
formation. In the latter, the glycosyl residue is esterified to the carboxyl group, maintaining the
o-diphenol function. Caffeic acid-glycoside (2) and dopamine-glycosides 3 and 5 were tentatively
annotated as glycosides (Table 1). The derivatives of caffeic- (4, 6), sinapic- (24) and ferulic acid (27,
28) were tentatively annotated as glycosyl-esters. Derivatives of ferulic acid, sinapic acid and
iso-rhamnetin are not substrates for PPOs, as one or more of the hydroxyl oxygens are methylated.
Qualitatively, the phenolics profile obtained (Table 1) correlated with those of Beta vulgaris species,
determined previously [8, 20, 21].
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UV max

215
341
773

[M-H]-

6
279, 339
383
7
255, 273
297
11
279, 339
261
18
300
487
Amino derivatives
3
280
330
5
280
314
8
261
344
9
255, 277
282
10
279
192
13
280
203
16
284
354
Sinapic acid derivatives
12
310
439
320
21
651
24
252, 322
445 d
489
29
325
5-OH Ferulic acid derivatives
14
309
355
355
15
311
Coumaric acid derivatives
17
355
305
22
284
337
25
284
337

Caffeic acid derivatives
1a
355
2
267, 379
4
280

Comp
no.

97, 139, 223
208, 179
223, 153, 161, 179
164, 179
85, 147
85, 147

241
223, 489
385
223, 205
191, 209, 147
191, 209, 111
165, 181, 147
225, 165, 97
191, 289, 163,
85, 147, 173
173, 191, 163, 130 85, 57, 111

150, 135, 109
152
133, 107
133
150, 121
131, 148
150, 174. 192, 232

220, 240, 255
224, 278, 194
150, 133
150
192, 150
159, 131, 203
192, 264, 294

Dihydro-p-coumaric acid derivative
5-p-Coumaroylquinic acid [19]
4-p-Coumaroylquinic acid

5-OH Ferulic acid derivative
5-OH Ferulic acid derivative

Sinapic acid derivative
Sinapic acid-O-glycosyl-derivative
Sinapic acid-glycosyl ester [14]
Sinapic acid derivative

Dehydro-dopamine derivative
Dopamine glycoside
Dehydro-dopamine derivative
Dehydrodopamine-pentose
Dehydrodopamine acetyl derivative
Tryptophan [21]
Dehydrodopamine glycoside

179, 161, 119
161, 89, 135
163, 135, 119

341, 343, 179
179, 161, 237
181, 199, 215
307, 161, 179

Identification

Caffeic acid derivative
Caffeic acid glycoside [13,14]
Caffeoyl-spermine-glycosyl-ester derivative
[14]
Caffeic acid acetyl-glycosyl-ester derivative
Caffeic acid derivative
Dihydrocaffeic acid sulfate-ester
Caffeic acid derivative

MS3 fragments

179b, 161
161, 89
281, 179, 161, 119 89, 161, 119
661, 306
306, 593, 272, 481, 179

MS2 fragments

Table 1 Phenolics annotated and quantified in the aqueous methanolic extract from sugar beet leaves

1.70
1.88
1.88

1.98
1.98

2.45
3.64
2.49
2.73

1.84
1.75
1.92
1.58
1.07
1.13
1.98

2.14
1.66
1.46
2.72

1.20
1.91
4.32

MWCF

8m

0.01
0.28

n.q.

n.q
n.q.

n.q.
0.70
0.34
0.21

n.q.
0.17
0.06
n.q.
n.q.
n.q.
n.q.

0.18
0.02
0.03
1.47

0.17
2.12
0.02

0.2 e

n.q
n.q.

n.q.
0.01
0.16
0.24

n.q.
0.12
0.02
n.q.
n.q.
n.q.
n.q.

n.q.c
0.01
n.q.
n.q.

0.08
0.94
0.04

(mg/g FW) (mg/g FW)

3m
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UV max

315, 300, 271, 255 300, 315, 287, 272, 107, 151 Isorhamnetin-O-diglycoside [7, 15]
315, 300
300
Isorhamnetin derivative [28]

639
609

293
293
283, 311, 191
311, 413
455, 413, 293, 269
455, 311, 473, 563, 269
293, 161

431, 293
413, 443, 311, 293
311, 341, 191
473, 311
635, 593
605, 455
413, 293

593
563
431
635
679
649
473

Vitexin-2”-O-glycoside [17,19]
Vitexin-2”-O-pentoside [7,17]
Vitexin
Vitexin-O-glycoside
Glycosyl-malonylvitexin
Pentosyl-malonylvitexin [7]
Vitexin acetyl derivative

Quercetin-O-diglycoside [8,15]

301, 300, 273, 179 179, 257, 151

Ferulic acid-O-glycosyl-derivative
Ferulic acid-O-pento-glycoside
Ferulic acid-O-glycosyl-derivative
Ferulic acid-glycosyl ester
Ferulic acid-glycosyl ester
Ferulic acid derivative [14]
Ferulic acid derivative

Identification

625

149, 178, 134
149, 178, 193, 134
138, 165, 193, 286
134, 149, 178
134, 149, 178
249, 113, 175
249, 113, 175

MS3 fragments

193, 459, 445, 265
193, 355, 149
283, 343, 301, 401
193, 175, 217, 134
193, 355, 337
267, 193, 134
267, 193

MS2 fragments

621
487
445
355
517
443
473

[M-H]-

c

b

a

The numbers correspond to the peak numbers in Figure 2. MWCF: molecular weight correction factors used for quantification
Bold numbers represent a relative abundance of 100%. Values underlined represent diagnostic ions for the respective compounds [14, 15, 17]
n.q. = not quantified, concentration was below the limit of quantification
d Parent ion for compound 24 is supposed to be an acetic acid adduct (M+60-H]e For quantification, 22 and 25 were combined

Ferulic acid derivatives
20
325
23
314
26
284, 330
27
325
28
287, 323
30
323
31
326
Quercetin derivatives
32
271, 201, 395
Vitexin derivatives
33
269, 331
34
269, 332
35
269, 330
36
269, 330
38
269
40
269, 330, 395
41
268, 331
Iso-rhamnetin derivatives
37
254, 351
39
267, 341

Comp
no.

Table 1 continued

1.48
1.41

1.38
1.31
1.00
1.47
1.58
1.51
1.10

1.45

3.47
2.72
2.49
1.98
2.89
2.47
2.64

MWCF

3m

8m

0.14
0.13

0.34
0.34
n.q
0.30
n.q.
0.13
0.03

0.03

0.04
n.q.
n.q.
0.32
0.4
0.29
0.39

0.35
0.09

0.41
0.36
0.02
0.20
n.q.
0.13
n.q.

0.05

0.63
n.q.
0.26
0.46
0.13
0.12
0.53

(mg/g FW) (mg/g FW)
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Quantification of phenolics
The majority of the crude methanolic extract consisted of mono- and disaccharides which were
collected in pool 1 (49.5 (±2.9) % w/w of the extract) by Flash fractionation. For 3m and 8m, pools 2
and 3 represented 8.7 (±1.7) % w/w and 14.8 (±1.5) % w/w of the methanolic extract, respectively.
The total contents of phenolics quantified were 4.6 (±0.7) mg/g FW and 9.4 (±0.8) mg/g FW in 3m
and 8m, respectively (Table 2). Contents were comparable to those found in Swiss chard (Beta
vulgaris, subsp. cycla) [8]. Phenolic acid derivatives represented the major part of the phenolics and
increased upon aging from 3.1 mg/g FW in 3m to 7.6 mg/g FW in 8m. Of the phenolic acids, caffeic
acid glycosyl-ester content showed the largest increase from 0.2 mg/g FW in 3m to 1.9 mg/g FW in
8m. The overall content of coumaric acid derivatives was 0.3 mg/g FW for both ages. Sinapic acid
derivatives content increased, from 0.4 mg/g FW in 3m to 1.2 mg/g FW in 8m leaves. Contents of
quercetin- (0.04 mg/g FW), vitexin- (1.1 mg/g FW) and iso-rhamnetin (0.4 mg/g FW) derivatives did
not change with age. In both plant ages, amino acid derivatives (3, 5, 8-10, 16) comprised 2% w/w of
the total phenolics.
Table 2 Contents of phenolic acids and flavonoids (mg/g fresh weight) in leaves of sugar beets
harvested 3 and 8 months after sowing
Phenolic class
Amino acids
Dopamine derivatives
Tryptophan

Sub-total
Phenolic acids
Coumaric acid
derivatives
Caffeic acid glycosides
Caffeic acid-esters
Ferulic acid derivatives
Sinapic acid derivatives

Sub-total
Flavonoids
Vitexin derivatives
Quercetin glycoside
Isorhamnetin
derivatives

3m

8m

Substrate for PPO

0.1 (± 0.04)
n.q. 1

0.2 (± 0.05)
n.q.

Yes
No

0.1

0.2

0.2 (± 0.05)
0.9 (± 0.2)
0.2 (± 0.03)
1.4 (± 0.07)
0.4 (± 0.03)

0.3 (± 0.1)
2.1 (± 0.2)
1.9 (± 0.1)
2.1 (± 0.1)
1.2 (± 0.06)

3.1

7.6

1.1 (± 0.3)
0.03 (± 0.00)

1.1 (± 0.1)
0.05 (± 0.0)

Yes

0.3 (± 0.03)

0.4 (± 0.1)

Sub-total

1.4

1.6

Total

4.6

9.4

1

No
Yes
No
No

No
Yes
No

n.q. = not quantified, concentration below quantification limit
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The overall PPO substrate composition was categorized by taking into account that caffeic acid
glycosides, ferulic- and sinapic acid derivatives were not substrates for PPO and were referred to as
non-substrates. The 3m leaves consisted of 1.3 mg/g FW cresolase substrates, 0.3 mg/g FW of
catecholase substrates and 3.0 mg/g FW non-substrates. The 8m leaves consisted of 1.4 mg/g FW
cresolase substrates, 2.2 mg/g FW catecholase substrates and 5.8 mg/g FW non-substrates. The
non-substrates represented 65% w/w and 62% w/w of the total phenolics in 3m and 8m, respectively.
Expressing the contents on molar basis gave similar results.

PPO activity
The PPO activity was analysed by incubation of the dialysed enzyme extracts with catechin and
Flash-fractionated phenolic pools and monitoring the oxygen consumption (Figure 3). The reaction
continued until all oxygen was depleted. For catechin, reaction rates (0.03 ± 0.01 nmole O2/(s·g) FW)
were similar for 3m and 8m dialysed enzyme extracts. Activity differences observed were comparable
to those determined previously, with a colorimetric activity determination [1].

100

[O₂] %
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40
20
0
0

500

1000

Time (s)
3m
3mPool
Pool22
3mPool
Pool33
3m
8
Catechin
m
8m Catechin

8m
8mPool
Pool22
8mPool
Pool33
8m

Figure 3 Monitoring of oxygen consumption over time during incubations of dialysed leaf enzyme extract from
sugar beet leaves of 3- and 8-month old plants with pool 2 (1.0 g/L), pool 3 (1.0 g/L) and catechin (1.2 g/L) (only
8m is presented; 3m leaf extracts gave similar profiles)
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The dialysed enzyme extracts had a higher activity towards pool 2 than towards pool 3. The colour
changes and reaction rates were high in the beginning, especially for 8m incubated with pool 2. For
this pool, the initial rates were 6.7 ± 0.6 times higher in 8m than in 3m, i.e. 0.05 nmole O2/(s·g) FW
and 0.29 nmole O2/(s·g) FW for 3m and 8m, respectively. For both 3m and 8m, incubations with pool 2
resulted in a red/brown colour (SI Figure S1A). For both plant ages, the dialysed enzyme extracts
had low activity towards pool 3 and rates were similar, 0.02 and 0.04 nmole O2/(s·g) FW for 3m and
8m, respectively. During the reaction, the colour did not change (SI Figure S1A). The lack of activity
towards pool 3 was not expected as vitexin was the main flavonoid present (Table 2).
Potentially, vitexin is a cresolase substrate due to the monohydroxylated benzene ring, which might
be converted into an o-diphenol. The lack of activity raised the question whether vitexin is indeed a
cresolase substrate. This was tested by incubating vitexin with dialysed enzyme extract and
determination of oxygen consumption (data not shown). No activity was observed and the
non-reactivity of vitexin is most likely related to the 8-C-glycosyl function, which hinders access to
the active site.
As both pools consisted of mono- and o-diphenolics, no distinction between cresolase and
catecholase activity could be made. In order to distinguish these enzyme activities, UHPLC-UV-MS
analysis, determining the contents of individual phenolics upon incubation, was performed.

Quantitative fate of phenolics during incubation with PPO
Regarding the quantification of the incubations with Flash pools, only results obtained with pools 2
and 3 from 3m plants are shown (Figure 4), as those obtained from 8m were comparable. Prior to
incubation, pool 2 from 3m contained 8 mol% mono-, 12 mol% o-diphenolics and 80 mol%
non-substrate phenolics. After incubation of this pool with dialysed enzyme extract of both plant
ages, the total amount of phenolics originally present decreased (Figure 4A, SI Table S1) by 42%, for
enzyme extract of both plant ages. Amino acid-derivatives were not quantified as the amounts
found were below the limit of quantification. No UV- or MS-peaks indicating the formation of
particular oxidative condensation products were annotated. The solution gave increased signal
intensity above 400 nm after incubation, indicating formation of compounds with large conjugated
systems. The caffeic acid glycosyl-esters content in pool 2 was about 12 mol% and these molecules
were the main reactants (Figure 4A). The total content of caffeic acid esters decreased by 60% and
49% in 3m and 8m, respectively. No changes in compound 2 (caffeic acid glycoside) were found (SI
Table S1), confirming that it is not a catecholase substrate. The total concentration of coumaric acid
derivatives did not change in 3m and decreased by 79% in 8m. All three components (17, 22 and 25)
reacted. Ferulic- and sinapic acid derivatives decreased for both plant ages, except the
ferulic-O-glycoside (27). Overall, sinapic acid diglycosides (23, 28) decreased by 30%, while sinapicand ferulic acid monoglycosides (21, 24, 20, 26, and 27) decreased by 60%. This demonstrated that
non-substrate phenolics also participate in the reaction.
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Prior to incubation, pool 3 from 3m contained 16 mol% mono-, 9 mol% o-diphenolics and 75 mol%
non-substrate phenolics, taking into account that vitexin was not a substrate. The pool contained 69
mol% vitexin derivatives and about 2 mol% caffeic acid esters (Figure 4B, SI Table S1). The total
decrease (26% for both plant ages) in phenolics quantified after reaction was mainly caused by a
decrease in the concentration of the vitexin derivatives, which were not substrates. It is likely that
the decrease in vitexin derivatives was caused by coupling to enzymatically formed quinones of
caffeic acid esters.

[Phnolics] mM
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A

8
6
4
2
0
t0

t20
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Caffeic acid esters

Caffeic acid glycosides
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Sinapic acids

Flavonoids

B
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6
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0
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8m
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Vitexins

Quercetins
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Figure 4 Contents (mM) of phenolics pool 2 (A) and pool 3 (B) before (t0) and after (t20) incubations with
oxidative enzymes extracted from 3 (3m) and 8 (8m) month old leaves
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Model incubations
As ferulic acid, sinapic acid (pool 2) and vitexin derivatives (pool 3) were not PPO substrates, their
decrease might be related to their participation in non-enzymatic continuation reactions forming
oxidative coupling products [22]. In this process, nucleophilic phenolics, which are not necessarily
PPO substrates, attack the enzymatically formed quinones and form a covalent bond. To test
whether this could indeed explain the observed decrease of non-substrates, a model system was
used in which chlorogenic acid (ChA) was incubated with tyrosinase either with or without an
equimolar amount of ferulic acid (FerA) or sinapic acid (SinA). After 30 min, a ChA-dimer (m/z 705)
was annotated in all samples. In addition, when a mixture of phenolics was incubated, products with
m/z values of 545 (ChA-FerA) (Figure 5A) and 575 (ChA-SinA) (SI Figure S2B) were annotated. This
was indicated by MSn fragmentation spectra showing the loss of ChA and diagnostic ions for ChA,
FerA, and SinA (SI Figure S3). After 60 min of incubation, (FerA)2-ChA with m/z 737 and (ChA)2(SinA)2
with m/z 1153 were tentatively annotated. Sinapic acid was somewhat more reactive than FerA as
after 30 min of incubation all SinA and 85% of the initial FerA had reacted. Sinapic acid was also
more reactive than FerA when all three compounds were incubated together (data not shown). The
final reaction mixtures showed absorbance around 400 nm (Figures 5B, SI Figure S2), which was
expected to relate to formation of coupling products with enlarged conjugated systems. The PDA
spectra of the dimers (λmax 320-340 nm) themselves had no absorbance in the visible wavelength
range. With increasing FerA-to-ChA molar ratio, the colour formation decreased (Figure 5C).

Reducing agent levels
The freeze-dried 3m leaves contained less AA than 8m ones, i.e. 5.5 ± 1.5 mg/100 g FW and 17.5 ± 4.1
mg/100 g FW in 3m and 8m, respectively. GSH was not detected. After reduction with DTT, the
contents of AA and GSH did not increase, indicating that both DHA and GSSG were not initially
present.
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Figure 5 RP-UHPLC-PDA traces of chlorogenic acid (ChA) (0.1 mM) and ferulic acid (FerA) (0.1 mM) at several
time points after incubation with mushroom tyrosinase (A) and absorbance spectra of the reaction mixtures
before and after 60 min incubation (B). Absorbance spectra of ChA after 60 min incubation with mushroom
tyrosinase at increasing molar ratios of FerA-to-ChA (C)
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Discussion
In this study, three aspects that can influence the extent of enzymatic browning in leaves from sugar
beet plants were considered.

PPO activity and substrates
In our previous study [1], we observed that the cresolase activity increased 6 fold from 3-8 months,
whereas the catecholase activity did not change. The cresolase activity in 8m was still 10 times lower
than catecholase activity. Activities were determined using pure catechin and tyrosine of which it is
unknown whether these are ideal substrates for PPO from sugar beet leaves, as these substrates are
normally not present in high amounts. In the present research, pools of endogenous leaf phenolics
were used, which were assumed to be better PPO substrates than catechin and tyrosine. The leaf
extracts had highest activity towards pool 2 (Figure 3A) and the activity increased 6.7 fold with age.
The compositions of residual phenolics after incubation (Figure 4) were similar for both plant ages,
indicating that the enzymes by themselves had similar substrate specificities. The difference in
activity might be caused by activation of latent enzymes in 8m leaves, resulting in higher absolute
amounts of PPO. Similar observations have been made for red clover and wheat leaves [6, 23]. The
amounts of PPO, however, were not quantified. The difference in activity might explain part of the
differences in browning behaviour of sugar beet leaves. Nevertheless, also an influence of substrate
composition is expected.
Of the PPO substrates annotated in the leaves, mainly the caffeic acid esters reacted, independent
of the enzyme extract applied (Figure 4A). Monophenolic derivatives decreased three times less
than o-diphenolic derivatives. Tyrosinase-like enzymes possess both the cresolase and catecholase
activity within a single enzyme. The use of o-diphenolics is preferred and the hydroxylation step
(cresolase activity) is known to be rate limiting [24]. Within the 8m leaves the total amount of
diphenolic substrates was 10 fold higher than in 3m and we propose that this contributed to higher
browning potential. There were no changes in total monophenolic content and this represented on
average only 3.5% of the total phenolics pool. Therefore, cresolase activity is expected to have
minor influence. Additionally, low monophenolic content might explain the low cresolase activity
observed previously as the same leaves were used for this research [1].

Contributions of non-substrates
The majority of the leaf phenolics were not substrates for PPO. The decreases observed in these
derivatives were caused by combinations of oxidative coupling [22] and coupled oxidation [25]
reactions, as evidenced with the model substrate ChA. The mechanisms are proposed in Figure 6A,
in which ChA is displayed more generically as caffeic acid ester (CafAe). Initially, monomeric CafAe is
enzymatically oxidised into a quinone. Subsequently, there are two continuation reactions in which
this quinone can participate. The first one is oxidative coupling, in which the quinone is attacked by
nucleophiles. Nucleophiles present in the model system were CafAe, FerA and SinA. The reaction of
these phenolics towards quinones is expected to follow their nucleophilic strength; i.e. CafAe = SinA
> FerA [26]. These differences in nucleophilicity can explain the faster decrease of SinA than of FerA
in the leaf phenolic extracts upon incubation with the dialyzed enzyme extract (Figure 4A).
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The nucleophilic attack on the quinone yields a dimer, such as (CafAe)2 or FerA-CafAe. Thereby, the
quinone motif is reduced back into its o-diphenol. This o-diphenolic dimer has potential to be
oxidised. Due to its size, it is unlikely that enzymatic oxidation occurs directly. The re-oxidation of
the o-diphenolic motif can occur via coupled oxidation [25]. This coupled oxidation is the second
continuation reaction for the CafAe quinone (Figure 6A). In this reaction, the enzymatically formed
quinone of monomeric CafAe can oxidise the dimer and reduce back into a monomeric CafAe again.
For CafAe-FerA or CafAe-SinA dimers, only the CafAe motif will be oxidised. As FerA and SinA do not
possess an o-diphenolic structure, they are not expected to be oxidised by quinones. These oxidised
dimers can participate in further oxidative coupling reactions.
The oxidative coupling and coupled oxidation reactions can comprise various cycles, the number of
which depends on the ratio of non-substrates-to-substrates present in the mixture. The elongation
of phenolics by subsequent cycles of oxidative coupling and coupled oxidation are schematically
shown in Figure 6B. At high ratio (8:1 in the model system), mainly CafAe-FerA dimers will be
formed. Due to the relatively low CafAe concentration, all CafAe is consumed after a few reaction
cycles and connected to non-substrate phenolics. This results in small oligomers without an
extensive conjugated system. The dimers found during the model incubations did not show
absorbance in the visible wavelength range. The formation of smaller oligomers explains the
decreased colour formation at increased FerA:CafAe ratio in the model system (Figure 5C). At low
FerA:CafAe molar ratios (3:1 and 1:1 in the model system), there is increased probability of (CafAe)2
formation (Figure 6B). This dimer is prone to further coupled oxidation as there is sufficient CafAe
present, which can be oxidised into quinones by PPO. The monomeric CafAe quinones oxidise the
dimers into quinones. These dimeric quinones are then further elongated by oxidative coupling.
During the oxidative coupling, a dimer can be attacked by a monomeric as well as a dimeric
nucleophile, resulting in the formation of many different coupling products, which are not
necessarily a linear chain as depicted in Figure 6B.
In the same way, the non-substrate-to-substrate ratio is suggested to influence the degree of
browning in sugar beet leaves. In 3m leaves, the molar non-substrate-to-phenolic acid-ester ratio
was 8:1, whereas in 8m leaves this ratio was 3:1. The high ratio in 3m leaves inhibits extensive
polymerisation and browning.

Reducing agents
Taking into account the presence of reducing agents, AA and GSH were potential candidates. It was
hypothesised that the AA content was higher in the younger leaves. The hypothesis had to be
rejected as the AA content was 3- fold higher (w/w) in 8m than in 3m. On a molar basis, the substrate
contents were 8 and 3 times higher than AA contents in 3m and 8m leaves, respectively. Therefore,
the activity of AA as reducing agent cannot be a major factor of importance. Plants possess the
capacity to reduce DHA back into AA by the expression of dehydroascorbate reductase. This enzyme
reduces DHA back to AA by oxidising GSH into GSSG [27]. This mechanism does not seem to be at
play in sugar beet leaves as GSH was not detected.
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To conclude, there are several factors influencing the extent of enzymatic browning in plant
materials. The increases in enzyme activity and phenolics content have been reported earlier. With
the observations in this research, we postulate that besides PPO the ratio between the
non-substrate-to-substrate phenolics drive enzymatic browning, rather than the absolute quantities
of phenolics.

A

Figure 6 Proposed mechanism of enzymatic oxidation of a caffeic acid ester, followed by oxidative coupling to
ferulic acid, and subsequent coupled oxidation (A). Schematic representation of coupled oxidation and oxidative
coupling reactions at high and low non-substrate-to-substrate ratio (B). At high ratio, the limited substrate
concentration restricts quinone formation and the number of subsequent elongation cycles, resulting in smaller
oligomers without an extensive conjugated system. At low ratio, elongation to phenolics with a more extensive
conjugated system, and consequently brown colour formation, can occur. For clarity, only linear reaction
products are depicted, but it cannot be excluded that also branched products are formed
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Caffeic acid derivative
Caffeic acid-glycoside
Caffeoyl-spermine-glycosyl-ester
Caffeic acid acetyl-glycosyl-ester
Caffeic acid derivative
Dihydrocaffeic acid sulfate-ester
Caffeic acid derivative
Sinapic acid derivative
Sinapic acid-O-glycosyl derivative
Sinapic acid-O-glycoside
Sinapic acid derivative

215
341
773
383
297
261
487
439
651
445
489

305
337
337
621
487
445
355
517
443
473
625
593
563
431
635
679
473
639
609

1
2
4
6
7
11
18
12
21
24
29

17
22
25
20
23
26
27
28
30
31
32
33
34
35
36
38
41
37
39

Dihydro-p-coumaric acid derivative
5-p-Coumaroylquinic acid
4-p-Coumaroylquinic acid
Ferulic acid-O-glycosyl derivative
Ferulic acid-O-pento-glycoside
Ferulic acid-O-glycosyl derivative
Ferulic acid-glycosyl ester
Ferulic acid-glycosyl ester
Ferulic acid derivative
Ferulic acid derivative
Quercetin-O-diglycoside
4”-O-Glycosylvitexin
Vitexin-O-pentosyl derivative
Vitexin
Vitexin-O-glycoside
Glyosyl-malonylvitexin
Vitexin acetyl derivative
Isorhamnetin-O-diglycoside
Isorhamnetin derivative

Compound

No. [M-H]-

0.06
0.62
0.22
0.26
0.50
0.94
0.60
1.52
0.63
0.38
0.03
0.03
0.02
0.02
0.04
0.06
0.00
0.00
0.12

3m t0
0.03
0.10
0.12
0.01
0.94
0.01
0.07
0.15
0.85
2.80
0.67
0.00
0.52
0.20
0.10
0.36
0.38
0.59
0.99
0.40
0.30
0.02
0.00
0.01
0.01
0.01
0.02
0.04
0.00
0.03

0.07
0.64
0.22
0.27
0.51
1.01
0.67
1.56
0.63
0.44
0.03
0.03
0.03
0.02
0.07
0.07
0.12
0.01
0.07

Pool 2 (mM)
3m t20
8m t0
0.02
0.02
0.12
0.11
0.09
0.12
0.00
0.01
0.38
1.01
0.00
0.04
0.00
0.12
0.07
0.14
0.50
0.92
1.00
2.79
0.23
0.78
0.00
0.10
0.07
0.09
0.36
0.42
0.66
1.13
0.50
0.32
0.04
0.00
0.01
0.01
0.02
0.03
0.02
0.01
0.00

8m t20
0.03
0.11
0.10
0.01
0.42
0.01
0.08
0.00
0.7
1.09
0.33
0.00
0.02
1.42
0.03
0.02
0.11
0.14
0.79
0.08
0.03
0.52
0.35
0.65
0.79
1.24
1.28
1.62
0.03
0.48

3m t0
0.01
0.03
0.05
0.00
0.11
0.00
0.00
0.00
0.26
0.09
0.53
0.00
0.01
0.00
0.01
0.01
0.04
0.03
0.62
0.07
0.03
0.53
0.00
0.35
0.45
1.1
1.19
1.21
0.02
0.00

0.01
0.04
1.42
0.03
0.03
0.54
0.20
0.83
0.08
0.10
0.53
0.35
0.65
0.78
1.27
1.29
1.73
0.03
0.43

Pool 3 (mM)
3m t20
8m t0
0.064
0
0.08
0.05
0.10
0.04
0.00
0.00
0.04
0.54
0.00
0.03
0.00
0.05
0.00
0.00
0.19
0.33
0.00
0.08
0.06
0.64

Table S1 Quantification of phenolics (mM) in pools 2 and 3 during incubations with endogenous leaf oxidases from 3m and 8m leaves

0.00
0.01
0.00
0.04
0.01
0.18
0.05
0.83
0.07
0.01
0.50
0.00
0.24
0.52
1.28
1.27
1.24
0.03
0.35

8m t20
0.02
0.08
0.04
0.00
0.18
0.00
0.01
0.05
0.25
0.00
0.09
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Phenolic acids
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Figure S1 Colours of pool 2 (phenolic acids) and 3 (flavonoids) upon incubation with dialyzed leaf enzyme
extract at start (t0) and after 60 min (t60) (A). Colours of chlorogenic acid (ChA) increasing molar proportion of
ferulic acid upon incubation with tyrosinase after 60 min (B)
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Figure S2 RP-UHPLC-DAD traces of chlorogenic acid (ChA) (0.1 mM) and sinapic acid (SinA) (0.1 mM)
incubated with mushroom tyrosinase at several time points (A) and absorbance spectra of the reaction mixtures
before and after 60 min incubation (B)
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Chapter 4
Phlorotannin composition of Laminaria digitata
Phlorotannins (PhT) are complex mixtures of phloroglucinol oligomers connected via C-C (fucols) or
C-O-C (phlorethols) linkages. Their uniformity in subunits and large molecular weight hampers their
structural analysis. To obtain quantitative and structural information on PhT in a methanolic extract
from Laminaria digitata, several techniques were applied. With 13C NMR spectroscopy, a
fucol-to-phlorethol linkage ratio of 1:26 was found. The extract purity was determined to be 60%
using quantitative 1H NMR spectroscopy, and PhT content in L. digitata was around 5% DM. The
extract purity was used to calibrate the responses obtained with the colorimetric
2,4-dimethoxybenzaldehyde (DMBA) and Folin-Ciocalteu (FC) assays. For the DMBA-assay, there was
a difference in λmax for the phloroglucinol monomer and crude extract. There were no difference in
λmax for the FC-assay. By accounting for the differences in response, the colorimetric assays are
applicable for quantification using phloroglucinol as a standard for calibration.
Using NP-Flash chromatography, fractions separated on degree of polymerisation were obtained
which enabled detailed structural analysis by ESI-MS. With characteristic fragmentation spectra,
fucol and phlorethol type of linkages were annotated. Structural isomers of PhT oligomers up to
DP18 were annotated and identification of several isomers hinted at branched phloroglucinol
oligomers. This was confirmed by 13C NMR spectroscopy in which the average number of H atoms
per benzene ring was determined to be 1.5. With MALDI-TOF-MS larger PhT up to DP27 were
annotated.

Based on: Anne Vissers, Augusta Caligiani, Stefano Sforza, Jean-Paul Vincken, Harry Gruppen –
Accepted for publication in Phytochem. Anal. 2017
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Introduction
Laminariaceae, a family within the brown macroalgae (class Phaeophyceae), is of interest for
polysaccharide and protein extraction regarding future needs of feed and food. Usually, brown
macroalgae are used for polysaccharide extraction as 38-61% of their dry matter consists of
polysaccharides. Protein contents vary from 3-16% DM [1]. When the macroalgae are used for
polysaccharide extraction, the by-product can be used as animal feed. The protein content of the
by-product has increased up to 10-36% DM, comparable to that of rye grass and red clover [2], often
consumed by cattle. Seaweed proteins are rich in the essential amino acids lysine and methionine.
Additionally, brown seaweeds are rich in phlorotannins (PhT) [3].
Phlorotannins are polymers of phloroglucinol (1,3,5-trihydroxybenzene, 126 Da) subunits, which are
biosynthesised in the acetate-malonate pathway and polymerised via oxidative coupling [3]. They
resemble terrestrial condensed tannins (also referred to as proanthocyanidins). The subunits can be
linked in two ways: aryl-aryl linkages (C-C, fucol-type), aryl-ether linkages (C-O-C, phlorethol-type).
Additionally, two subunits can be linked via double aryl-ether linkages, creating dibenzo-p-dioxins
(eckol-type) (Figure 1). Within the polymers, combinations of these linkages are possible. Besides,
the PhT may contain additional hydroxyl (fuhalols) and halogenic substituents [3, 4]. The PhT
content in brown macroalgae varies between 0.5 and 20% DM [3].
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Figure 1 Representative linkage types within phloroglucinol oligomers: fucol- (A), phlorethol- (B) and eckol-type
(C). Adapted from [3]

Phlorotannins are usually extracted in aqueous organic solvents and purified by liquid-liquid
partitioning steps, thin layer chromatography or preparative chromatography. The combination of
NP-preparative chromatography and RP-UHPLC for PhT characterisation was found to be a
successful approach [5, 6]. For terrestrial proanthocyanidins, it has been found that NP-preparative
chromatography separated oligomers based on their molecular weight [7].
Structural characterisation of PhT is usually performed using liquid chromatography coupled to mass
spectrometry or NMR spectroscopy. For chromatography, RP-C18 columns [4, 8] and HILIC columns
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[9] have been used. In all cases, chromatographic separation was followed by UV-detection at
ranges between 260-280 nm and mass detection. The mass detectors attached to currently used
chromatographic systems, have a detection limit of approximately 2,000 Da and become a limiting
factor as PhT are known to be larger than that [10]. For the analysis of larger oligomers, above 500
Da, MALDI-TOF-MS has been reported as suitable technique [11].
NMR spectroscopy is generally used for structural characterisation of isolated PhT [12], but has also
been explored as a way to quantify PhT [13], as alternative for colorimetric assays. In analogy to
lignin, linkage typologies can be quantified using 13C NMR [14], and can provide important structural
information.
The PhT content of the Laminariacaea family is found to be 0.3-6% DM using the Folin-Ciocalteu (FC)
assay [15]. Further information on the structure and molecular weight range of PhT in this species is
lacking. Hence, the present research was performed to characterise the content, molecular weightand isomer variation of PhT from Laminaria digitata by combining information obtained from
several analytical techniques. The application of NP-chromatography was expected to separate PhT
themselves on their degree of polymerisation, creating pools enriched in certain size ranges and
improving analysis by RP-UHPLC-UV-MS and MALDI-TOF-MS. The combination of techniques was
expected to give an overview of the size and isomeric variation of PhT in L. digitata, as complete as
possible with currently available technology.

Materials and Methods
Macroalgae material
L. digitata was obtained from Bristol Botanicals (Bristol, United Kingdom) as air dried powder
(moisture content 8% w/w).

Chemicals
Methanol, ethyl acetate, hexane, acetone, acetonitrile + 0.1% v/v formic acid (FA), water + 0.1% v/v
FA, and trifluoro acetic acid (TFA, 99.0% w/w) were of analytical grade and obtained from Biosolve
(Valkenswaard, The Netherlands). Phloroglucinol (99.0% w/w), 2,4-dimethoxybenzaldehyde (DMBA,
98.0% w/w), glacial acetic acid (99.0% v/v), hydrochloric acid (35.0-37.0% w/v), sodium chloride
(99.0% w/w), dimethylsulphoxide-d6, acetonitrile-d3, sodium trimethylsilylpropionate-d4 (TSP) and
chromium (III) acetylacetonate, were obtained from Sigma Aldrich (St. Louis, MO, USA).
MALDI-TOF-MS grade 2,5-dihydroxybenzoic acid was obtained from Bruker Daltonics (Bremen,
Germany). Maltodextrin DP20 was purchased from AVEBE (Veendam, The Netherlands).

Sample preparation
L. digitata powder was suspended in 80% (v/v) aqueous methanol (25 g/L) and bead-milled using a
DYNO®-mill, type MULTI-LAB (Bachhofen AG, Muttenz, Switzerland). The grinding chamber was filled
(65% v/v) using 0.5 mm silica beads and the macroalgal suspension was ground for 1.5 h at a
flowrate of 0.3 L/min. Afterwards, the suspension was filtered over a cellulose filter (cut off: 8-12
µm Whatman®) and methanol was evaporated by rotary-evaporation. The concentrated extract was
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diluted with 0.1 M sodium chloride (1:1 v/v) and partitioned with ethyl acetate (1:1 v/v). After
separation, both layers were collected separately. The organic phase was cleaned twice with 100 mL
0.2 M sodium chloride. The aqueous phase was cleaned twice with 200 mL ethyl acetate. The
organic phases were pooled and subsequently dried by rotary evaporation to yield the crude extract.
The extract was dissolved in methanol at 10 g/L and stored at -20 °C until further analyses.

NP-Flash chromatography
The crude extract was subjected to NP-Flash chromatography (Grace, Deerfield, IL, USA), equipped
with an ELS- and UV detector (400 nm; due to absorbance of acetone at 280 nm, this wavelength
could not be used), using a 12 g silica column (18 mL column volume, particle size 40 µm, Grace).
The extract (250 mg) was mixed with silica (2.5 g) and injected via dry loading. The compounds were
eluted using a combination of hexane (A), acetone (B) and methanol (C) at a flow rate of 30 mL/min.
The elution profile was as follows: 0-1 min, isocratic at 100% A; 1-4 min, 0-80% B; 4-9 min, 80-100%
B; 9-12 min, isocratic at 100% B; 12-19 min, 0-20% C; 19-23 min, 20-100% C; 23-25 min, isocratic at
100% C. Fractions (10 mL) were collected in pre-weighed tubes. In total, 51 fractions were collected
of which fractions 6-44 contained sufficient material for further analyses.

RP-UHPLC-UV-MS analysis
Flash fractions 6-44 were analysed using an Accela UHPLC system (Thermo Scientific, San Jose, CA,
USA) equipped with a pump, autosampler (cooled to 15 °C) and PDA detector (200-700 nm).
Samples (2 µL, 3 g/L in methanol) were injected onto a UHPLC-BEH-C18 column (2.1 x 150 mm i.d.,
particle size 1.7 µm, Waters, Milford, MA, USA) at 30 °C. Water containing 0.1% (v/v) formic acid (A)
and acetonitrile containing 0.1% (v/v) formic acid (B) were used as eluents. The elution profile was
as follows: 0-1 min, 1% B; 1-1.5 min, 1-8% B; 1.5-24 min, 8-55% B; 24-25 min, 55-100% B; 25-28 min,
100% B; 28-29 min, 100-1% B; 29-33 min, 1% B. The flow rate was 400 µL/min. The elution was
monitored at 266 nm.
MSn analysis was performed on a Thermo Scientific LTQ-XL using electrospray ionisation in negative
mode, over a mass range from 300-2000 Da. The instrument was tuned using phloroglucinol and the
following operation parameters were applied: capillary T 350 °C, source heater T 230 °C; for
recording MS2 spectra, the source voltage was 3.5 kV. Compound annotation was based on the MSn
data and UV-vis spectra.
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MALDI-TOF-MS analysis
The crude extract and purified PhT fractions were dissolved in methanol (2 g/L).
2,5-Dihydroxybenzoic acid was used as matrix (10 g/L in 50% (v/v) aqueous acetonitrile acidified
with 0.3% (v/v) TFA). Before spotting on the stainless steel target plate (Bruker Daltonics), sample
and matrix were premixed in a 1:1 (v/v) ratio. Spotting was performed by pipetting 0.5 µL sample
matrix mixture and drying under an air flow. Subsequently, this procedure was repeated with
another 0.5 µL and finally with 1.0 μL 1 mM sodium acetate. MALDI-TOF-MS spectra were recorded
using an Ultraflextreme workstation controlled by Flexcontrol 3.3 software (Bruker Daltonics)
equipped with a N2 laser of 337 nm and operated in positive mode. The system was calibrated using
maltodextrin DP20. Spectra were recorded by automated operation, using positive mode detection
over a mass range from 700-4,000 Da.

Determination of total phlorotannin content
NMR spectroscopy
The crude extract was dissolved (35-60 g/L) in a mixture of dimethylsulfoxide-d6:acetonitrile-d3 3:1
(v/v) containing a relaxation reagent, chromium(III) acetylacetonate (6 g/L), and sodium
trimethylsylilpropionate-d4 (TSP) (2.55 g/L) as internal standard. Both 1H and 13C NMR spectra were
recorded at 303 K in quantitative conditions on a Bruker Avance III 400 MHz NMR Spectrometer
(Bruker BioSpin, Rheinstetten, Karlsruhe, Germany) operating at a magnetic field-strength of 9.4 T.
13C NMR spectra were acquired with Inverse Gate Detection, 90° pulse width and 4000 scans. 1H
NMR spectra were acquired with a 90° pulse width, 32 scans, 1.4 s acquisition time and 5 s
relaxation delay. In order to apply 1H NMR spectroscopy for quantification, the average number of
H-atoms on the benzene ring should be known. This was determined using 13C NMR spectroscopy.
The value obtained from this technique was then used in 1H NMR spectroscopy for quantification
purposes. For quantification, the entire PhT zone was integrated and compared to the area of the
internal standard TSP and converted to a mass value according to calculation methodology
previously reported [16].
The PhT content was also determined by two different colorimetric methods: the DMBA assay [5]
and the Folin-Ciocalteu assay [17]. For both assays, a calibration curve of phloroglucinol was
prepared (0-0.25 g/L in methanol). The crude extract was dissolved at the same concentration of
phenolics, after accounting for the purity of PhT as obtained by NMR spectroscopy. This allowed
comparison of the response of the phloroglucinol calibration to that of the crude extract.

DMBA-assay
The DMBA-assay was performed as described previously [5], with the adaptation that absorbance
after 1 h was read at 510 nm using a SpectraMax® M2e plate-reader (Molecular devices, Sunnyvale,
CA, USA).
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FC-assay
The FC-assay was performed as described previously [17], with adaptations. The sample (20 μL) was
diluted with 1.58 mL deionised water and incubated with 100 μL FC reagent for 20 min.
Subsequently, 300 μL disodium-carbonate (20% w/v) was added to the mixture and after 2 h of
incubation the absorbance was read at 765 nm using a UV-1800 Shimadzu spectrophotometer
(Shimadzu, Kyoto, Japan).

Results and discussion
Characterisation of the crude extract
The presence of PhTs in the crude methanolic extract of L. digitata after ethyl acetate partitioning
was determined using UV-vis spectroscopy and 13C NMR spectroscopy. The UV-vis spectrum (data
not shown) showed λmaxs at 270 nm, 410 nm and 664 nm. The latter two maxima indicated the
presence of xanthophylls and chlorophylls [18]. The maximum around 270-280 nm is indicative for
phenolics. The band around 270 nm represented PhT as the absorbance maximum of phloroglucinol
is 269 nm [4].
It is well known that the phloroglucinol subunits within PhT can be connected via fucol and
phlorethol type of linkages [3]. In order to obtain information on the types of linkages, 13C NMR
spectroscopy was used. In a 13C NMR spectrum for PhT, the signals for benzene-based motifs appear
from 90-165 ppm. Within PhT, the benzene rings can contain the following linkages: C-C (fucol-type),
C-O-C (phlorethol-type), C-H, and C-OH. The latter two are referred to as benzene ring substituents.
These four linkages resonate at characteristic wavelengths and based on the ratios between these
signals, the technique can be used to determine the proportion of each linkage present [12].
Resonances of C-H and C-OH substituents of the phloroglucinol standard were registered at 94.41
and 159.14 ppm, respectively (data not shown). The 13C NMR spectra were interpreted based on
phloroglucinol chemical shifts and literature data [12, 19]. Within the spectrum (Figure 2A), the
chemical shifts of C-C linkages (99-103 ppm) could be distinguished from those of C-O-C linkages
(121-128 ppm and 156-158 ppm) and from C-H substituents (92-97 ppm). As resonances of C-OH
(151-160 ppm) signals overlapped with those of C-O-C (156-158 ppm), the proportion of the C-O-C
linkages was estimated by the signals at 121-128 ppm. Based on the observed signals, the presence
of eckol linkage types could be excluded as these would resonate at 140 ppm. The proportion of
C-OH subunits was estimated by the difference between the overall intensities at 151-160 ppm and
those at 121-128 ppm. The relative abundancies of C-H, C-OH, C-C and C-O-C linkages were 22.0%,
32.2%, 1.7% and 44.1%, respectively, corresponding to a molar fucol-to-phlorethol ratio of 1:26. To
our knowledge, the ratio between the two subunit linkage types within a mixture has not been
reported elsewhere.
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Figure 2 Full 13C (A) and 1H (B) NMR spectra (400 MHz) of the crude extract (30 mg in DMSO/CD3OD 3:1)

Phlorotannin quantification
The purity of the crude extract and therewith the PhT content of L. digitata was assayed using
several techniques. Colorimetric assays, such as the DMBA- [20] and the FC-assay [17], are often
used for PhT quantification. NMR spectroscopy is a technique less frequently applied for this
purpose [13]. From the relative abundancies of different carbon typologies within the PhT obtained
by 13C NMR spectroscopy, the average number of hydrogens on the benzene ring could be
determined. This number was determined to be 1.5 and applied in 1H NMR spectroscopy for
quantification [13]. As most of the linkages were of the phlorethol type, represented by the 44.1%
C-O-C linkages present in our sample, the value of 1.5 was lower than expected. Theoretically, this
number would be around 2, as only one terminal unit within phlorehol type chains contains 3
hydrogens on the benzene ring, whereas all other units contain 2 hydrogens (Figure 1B). For fucol
types, both terminal units contain 2 hydrogens, whereas the internal units contain one hydrogen
(Figure 1A). When additional OH substituents or branched chains (one phloroglucinol subunit
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connected to ≥ 3 subunits) are present, the average number of hydrogens per benzene ring
decreases. The proportion of additional OH groups could not be calculated as the proportion of each
oligomeric DP could not be verified. As the average number of H atoms on the ring was < 2, it is
likely that branched PhT were present.
In 1H NMR spectroscopy, PhT gave signals at 5.70-6.24 ppm (Figure 2B), which are characteristic for
the hydrogens on phenolic rings. For quantification, the entire PhT zone was integrated and related
to the area of the internal standard TSP [13]. This area was then converted to a mass value. Our
results were in line with Parys et al. (2007), who performed similar assays for different types of
brown macroalgae. The purity of the L. digitata crude extract was determined to be 60.1% ± 0.3
(w/w), corresponding to a PhT content of 4.3% DM in the seaweed.
The extract purity, as determined by 1H NMR spectroscopy, was used to evaluate the accuracy and
therewith applicability of colorimetric quantification assays for PhT in L. digitata. The DMBA-reagent
reacts specifically with m-diphenolics. The DMBA-reagent is therefore more specific than the
commonly used FC-reagent, as the latter reagent reacts additionally with both mono- and
o-diphenolics [20]. Due to lack of polymeric standards, phloroglucinol is mostly used as standard for
the calibration curve in both assays. In the DMBA-assay, monomeric phloroglucinol is known to react
stronger to the reagent than PhT oligomers, resulting in underestimation of the purity [13, 20]. A
reaction between phloroglucinol and the reagent yielded a λmax at 495 nm, whereas the crude
extract yielded a λmax at 515 nm (SI Figure S1A). In literature, 510 nm is used for colorimetric
determination, to compromise for the difference and be close to the λmax of the extract [20]. To be
able to compare our data to literature, 510 nm was used in this research as well. The difference in
response between phloroglucinol and the crude extract was calculated by the ratio between the
slope of the phloroglucinol calibration curve and the slope of the crude extract curve. The
phloroglucinol curve was 12 times steeper than that of the crude extract (data not shown), despite
the fact that the PhT purity in the crude extract was corrected for. This difference in response was
applied as correction factor for further quantifications. A similar result was obtained by the
developers of the assay, who found PhT reactivities in extracts of 3-11 times lower than that of
monomeric phloroglucinol, depending on the algal species [20]. The crude extract contained 63.2 ±
4.2% (w/w) PhT, and content in L. digitata was estimated to be 4.5% DM.
For the FC-assay, there was no shift in λmax (SI Figure S1B) between the monomeric standard and the
extract. Quantifying the crude extract based on the FC-assay, resulted in 81.5 ± 2.4 % (w/w)
phenolics, the content in L. digitata corresponded to 5.7% DM.
Comparing all quantification assays, the purities found with the FC-assay were the highest, indicating
the presence of mono- and o-diphenolics. For PhT quantification in Laminariaceae, the FC-assay is
mostly used and content determined in our assay were similar to those reported previously [20, 21].
The difference in PhT content between the FC- and DMBA-assay gives an estimation of the amount
of non-phloroglucinol phenolics or fuhalol type of tannins. Due to their extra OH group, fuhalol units
within the phloroglucinol oligomers do not bear a m-diphenolic function and do therefore not react
with the DMBA-reagent.
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In reports using colorimetric quantification, the differences in response between monomeric
phloroglucinol and extracts is only limitedly highlighted [20]. In this study, the methodology for
determining a correction factor for quantification of oligomeric PhT using the DMBA-assay with a
phloroglucinol calibration curve was further refined. Nevertheless, it remains necessary to
determine purities by 1H NMR spectroscopy as the PhT composition is species dependent, which
makes the response factor species dependent as well.

Characterisation of the Flash-fractions
To obtain structural and oligomer size information of PhT additional to 13C NMR spectroscopy, the
crude extract was fractionated by NP-Flash chromatography (Figure 3A).
Fractions 6-44 contained sufficient material for analysis by RP-UHPLC-UV-MS. Fractions 6-15, which
had yellow and green colours, contained chlorophylls, xanthophylls and lipid components (SI Table
S1) and were not included in further analyses. Within the A266 nm chromatograms of fractions 16-27
(Figure 3B), two main regions were distinguished. The compounds in the first region, from 0-12 min,
eluted in separate peaks. The peaks were annotated as PhT based on their UV-vis spectra with
absorbance around 270 nm [4] and ESI-MS/MS spectra in negative mode characterised by losses of
126 Da upon fragmentation, corresponding to the monomeric phloroglucinol subunits [5]. The
second region, from 12-24 min, was an unseparated hump containing compounds with low mass
signal intensity, albeit with similar absorbance maxima (270 nm). The presence of such an
unseparated hump is common for PhT mixtures [4, 6]. A shift in proportion between separated
peaks and hump of unseparated compounds with increasing fraction numbers was observed. To
determine the proportions of separated peaks and the unseparated hump in each fraction, the total
area under the A266 nm chromatogram from 2-12 min was taken as percentage of the total A266 nm
area from 2-24 min. In fractions 16-18, the area from 2-12 min made up 35% of the total area, which
increased to 40% in fraction 19. After this fraction, the proportion decreased to be constant around
5% for fractions 22-27. The hump was not present in fractions 28-44 and these fractions contained
carbohydrates as determined by MALDI-TOF-MS analysis (data not shown).
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Figure 3 NP-Flash separation of pigments and phlorotannins in the crude extract of Laminaria digitata (A) and
RP-UHPLC-UV chromatograms of fractions 18, 20, 22 at 266 nm (B)
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Table 1 Molecular ions and mass fragments of phlorotannins annotated NP-Flash chromatography fractions in a
Laminaria digitata extract using RP-UHPLC-MS
No
DP3
2a
3
6
DP4
1
4
22
DP5
7
8
15
27
DP6
5
10
11
19
33

[M-H]-

MS2

Type

373
373
373

305b, 247, 229c
305, 231d
247, 233, 229, 125

Fucol
Phlorethol
Fucophlorethol

16
16
16

497
497
509

461, 435, 371, 353, 231
371, 353, 339, 249, 229
441, 384, 373, 305, 261

Fucol
Fucol
Fuhalol

16
16-18
16

621
621
621
651

495, 479, 461, 373, 355, 229
373, 357, 447, 339, 229
495, 477, 371, 229
607, 582, 509, 465, 413, 339

Fucophlorethol
Fucophlorethol
Fucol
Fuhalol

16-19
16
16
16

745
745
745
745
775

709, 601, 579 , 455, 437, 289
619, 601, 497, 479, 353, 335, 229,
603, 497, 478, 371, 355, 229,
619, 601, 479, 461 355
731, 633, 586, 537, 463

Fucol
Fucol
Fucophlorethol
Fucophlorethol
Di-fuhalol

16-19
16-22
16, 17
16
16, 17

869
869

Fucol
Phlorethol

16-20
16

869
869
899

833, 708, 579, 455
833, 743, 725, 707, 619, 601, 495, 477, 371,
355, 335
743, 727, 621, 603, 479, 353
743, 725, 477, 355
589, 663, 855, 537, 463, 373

Phlorethol
Phlorethol
Di-fuhalol

20
16
16

993
993

957, 849, 831, 709, 603, 353
957, 832, 371

Fucophlorethol

17
17-21

DP9
17
18

1117
1117

Fucophlorethol
Phlorethol

18-22
17-22

26

1117

1081, 973, 849, 833, 707, 353
1081, 956, 745, 727, 621, 603, 582, 497, 477
371, 351
1081, 973, 993, 745, 727, 709, 621, 603,
583, 495, 459, 247, 353

Fucophlorethol

17

DP10
20
21

1241
1241

1205, 1097, 1079, 975, 745, 727, 601, 495,
1205, 1097, 1079, 745, 727, 601, 477

Fucophlorethol
Phlorethol

17-23
17, 18

DP7
9e
13
16
24
38
DP8
12
14e

Fractions
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Table 1 continued
[M-2H]DP11
30
DP12

682

610, 601, 495, 469, 229

Fucophlorethol

17

23
24

744
744

673, 663, 621, 601, 495, 477, 371, 229
673, 663, 601, 495, 477, 229

Phlorethol
Phlorethol

19-25
17

DP13
28
33

806
806

745, 734, 725, 662, 601, 477, 371, 353
725, 734, 724, 672, 663, 601, 477, 229

Phlorethol
Phlorethol

18-27
18

DP14
31
35

868
868

796, 787, 745, 477, 495, 353
796, 744, 619, 477

Phlorethol
Phlorethol

18-27
18-27

DP15
25
37
39

930
930
930

859, 849, 745, 734, 725, 495, 477, 371
859, 796, 495, 477
867, 805, 726, 495, 477, 371, 354

Fucphlorethol
Fucophlorethol
Phlorethol

20-25
18
18

DP16
29
36

992
992

Fucophlorethol
Phlorethol

19-27
18

39

992

911, 849, 725, 477, 353
957, 911, 867, 849, 816, 743, 727, 707, 619, 603,
477, 495,
911, 858, 851, 477, 353

Phlorethol

18

DP17
32

1054

973, 955, 913, 725, 477

Phlorethol

19-27

DP18
34

1116

1035, 975, 477

Phlorethol

19-27

numbering is according to elution order in time
fragments in bold represent the main fragment ion
c fragments underlined represent diagnostic ions for phlorotannins
d fragments in italic represent diagnostic ions for phlorethols
e poor fragmentation
a

b
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Variability in phlorotannin size and structure
The full-MS and MS2 fragmentation spectra were used to obtain in depth information on the PhT
structures present. Within fucol- and phlorethol types of PhT, the molecular weight of the
phloroglucinol oligomers follows equation (1):
MW = 126 ∙ DP − (2 ∙ (DP − 1))

(1)

in which 126 represents the molecular weight of the phloroglucinol subunit and DP represents the
degree of polymerisation of the oligomer. This results in [M-H]- ions with m/z values 373, 497, 621,
745, 869, 993, 1117, 1241 for DP 3 to 10, respectively. These masses were annotated in the different
fractions (Table 1). In case of eckol types, the molar mass of the subunit decreases two Da with each
extra linkage, as two H atoms per monomer are lost during oxidative coupling of subunits [3]. Eckol
types, however, were not annotated by LC-MS, confirming results of 13C NMR spectroscopy.
Oligomers containing more than 10 subunits appeared as doubly charged ions; [M-2H]2- at m/z
values 682, 774, 806, 868, 930, 992, and 1054 corresponding to DP11 to 18 (Table 1), respectively [5,
9]. The composition of each fraction varied, changing from low polymerisation degrees towards
higher degrees when Flash elution progressed. The increased DP with increasing fraction showed
that NP-Flash indeed separated PhT based on their DP, similar to proanthocyanidins.
The maximum degree of polymerisation detected by ESI-MS in our samples was 20. Oligomers of
DP19 and DP20 had very low signal-to-noise ratio and, therefore, their fragmentation could not be
further studied in MS2. Due to decreasing ionisation potential with increasing molecular weight [22],
oligomers >DP20 were possibly not detected.

Phlorotannin isomers
The oligomeric fucol- and phlorethol linkage types differed in fragmentation behaviour. Fucol types
(Figure 4A) fragmented at the aryl linkage, visible in the MS/MS spectrum by -125 for a
deprotonated subunit or -126 for an uncharged subunit. Additionally, losses of 124n (with n the
number of subunits) for oligomeric fragments [5, 23] were identified. These fragmentation patterns
are indicative for PhT in general [5, 23, 24]. With phlorethol type fragmentation (Figure 4B), the
pattern becomes more ambiguous than with fucol types as fragmentation can occur on either site of
the ether-oxygen. There were the losses of 124n resulting from cleavage of phloroglucinol units, not
including the ether oxygen. In addition, there were fragments at -142 (phloroglucinol + OH) for the
uncharged and -141 for the deprotonated ion, resulting from cleavage including the ether oxygen.
Both types of linkages were annotated in the fractions.

79

CHAPTER 4
497

619

HO
OH

OH
OH

371

745

A

745

B

R
OH
OH HO

HO

0

497
353
335
371

0

300

479
619

400
HO

500
m/z
HO

OH
HO

497

0

600

700

OH
OH

R

603

OH

O

619

OH

371
603
479497
585
619

353
229
0

OH

300

400

500
m/z

600

700

Figure 4 Mass fragmentation patterns and spectra [M-H]- for a DP6 fucol type (A) and fucophlorethol type (B).
Structures are hypothetical, R = additional attachment of three subunits

Single charged ions
Single charged PhT oligomers from DP3 to DP10 were annotated in fractions 16-23 (Table 1).
Monomers and dimers were not annotated during initial screening and, therefore, full mass spectra
from 300-2,000 Da were recorded during further experimentation. DP3 was found in fraction 16
only, and consisted of one fucol type (2) and two phlorethol type (3, 6) oligomers. With increasing
fraction number, the lowest DP annotated increased and for each DP, several isomers were
annotated. The oligomers 1, 4 (both DP4), 9, 15 (both DP5), 5 and 10 (both DP6), were fucols. All
other single charged oligomers contained either phlorethol type of linkages, or were fucophlorethol
type of oligomers. Fucophlorethol types contain both fucol and phlorethol linkages in their
structure. Additionally, two fuhalol type of oligomers (22, DP4 and 29, DP5) were annotated.
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Within fucol type oligomers, the 2-, 4-, and 6-positions of phloroglucinol are available for extension
of the molecule. Linking via these positions creates chains in which subunits are connected at
meta-positions. Within phlorethol type oligomers the 1-, 3- or 5- hydroxyl positions generally couple
to the 2-, 4- or 6-carbon position of the next ring. By using all six available linkage positions, two
subunits flanking a central phloroglucinol subunit can extend this central subunit in ortho-, meta-, or
para-fashion. In addition, if a phloroglucinol subunit is linked to ≥ 3 other subunits, branched
oligomers are formed. The formation of branched oligomers can be expected as these are created
by radical coupling which follows random patterns [3]. Taken together, the various possibilities for
connecting subunits can create a plethora of isomers. Our mass fragmentation data gave
information on the type of linkages present within the oligomer, but were not conclusive on linkage
positions. The isomers differed in their retention times. It is expected that oligomers with linkages in
ortho-positions or with branches had lower hydrodynamic volumes than those with meta- or
para-connected subunits, and consequently eluted earlier. This would be in accordance with the
elution of branched and linear carbohydrates in which branched ones elute before linear ones on
RP-C18 columns [25].

Doubly charged ions
The doubly charged ions of DP ≥ 11 oligomers were present from fraction 17 onwards. In fractions
19-27, DP18 was the largest oligomer annotated. All compounds annotated contained phlorethol
type of linkages. The annotation of isomers correlated to the data obtained by 13C NMR
spectroscopy, which also showed higher abundance of phlorethol type of linkages. With increasing
DP, the intensity of the peaks observed dropped, and only trace amounts of higher DPs were visible
in the chromatograms. The intensity was too low for fragmentation and confirmation of the PhT
structure. In fractions 28 and beyond, no ionisable PhT were detected.

Phlorotannin degree of polymerisation
The use of MALDI-TOF-MS generally allows annotation of molecular weights beyond the detection
limit of the ESI-MS [22]. The poor ionisation of components under the A266-hump hinted at presence
of PhT > DP18. MALDI-TOF-MS analysis on the crude extract (Figure 5) and individual fractions
showed presence of oligomers from DP7 to DP27, [M+Na]+ 890-3370. The mass differences between
peaks resembled 124, the monomeric mass of phloroglucinol minus two H atoms to create a
covalent bond. With increasing fraction number, larger DPs were detected, but with low intensities
(SI Figure S2A). No m/z values above 3500 were visible. In fraction 42, the co-elution of
carbohydrates from the Flash column might have hindered ionisation of PhT due to a high
carbohydrate proportion in the fraction (SI Figure S2B). Due to the decrease in ionisation potential
with increasing molecular weight, it cannot be excluded that PhT ≥ DP27 were present. To our
knowledge, this is the first time that PhT up to DP27 were annotated. MALDI-TOF-MS analysis on
PhT has been reported once before, on Sargassum ringgoldianum, in which tannins built from
bifuhalol (264 Da) oligomers up to DP8 [M+Na]+ 2136 were visualised [10].
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To conclude, the PhT in L. digitata were successfully separated on DP using NP-Flash
chromatography, and further characterised. Usually, the dominant linkage types of monomers are
not reported. In this case it was demonstrated by 13C NMR spectroscopy and mass spectrometry
that PhT in L. digitata consist mostly of phlorethol linkage types. Additionally, the oligomeric size of
DP27 is the highest annotated so far.
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Figure S1 Absorbance spectra of 0.1 g/L phloroglucinol (solid line) and 0.15 g/L crude extract (dotted lines) in
methanol, for the DMBA assay (A) and Folin-Ciocalteu assay (B)
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Table S1 Molecular ions and fragment ions for compounds annotated in Laminaria digitata extract
Ion

UVmax

m/z

MS2

Identification

Fraction

[M-H]-

281,
318,
380

587

541, 507,

Peridininol

12-16

[M-H]-

339

339, 295

Dihydroxy-prostaenoic
acid

15

[M-H]-

337

337, 319, 301, 275,
191, 145

5,6-Dihydroxyeicosatrienoic acid

10

[M-H]-

315

271, 253, 315, 203

9-Oxo-prostatetraenoic
acid

10

[M-H]-

311

311, 243, 183

Eicosatetaenoic acid

6 - 16

[M-H]-

317

317, 299, 273, 255,
219, 163

Hydroxyeicosopentaenoic acid

6 - 10

[M+Na]+

409

391, 353, 325, 181

Cholesterol

14, 15

[M+Na]+

435

417, 379, 351, 199,
181

Fucosterol

14, 15

[M-H]-

327

327, 283, 265, 117

Dococahexaenoic acid

11 - 13

[M+Na]+

487

487, 469, 403, 329

β-Sitosterol

14, 15,

[M-H]-

355

355, 311, 293, 117

Trihydroxy-prostaenoic
acid

6-11

[M-H]-

381

381, 345, 337, 319,
117
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Re-solubilisation of protein from water insoluble phlorotanninprotein complexes upon acidification
Marine phlorotannins (PhT) from Laminaria digitata might protect feed proteins from ruminal
digestion by formation of insoluble non-covalent tannin-protein complexes at rumen pH (pH 6-7).
Formation and disintegration of PhT-protein complexes was studied with β-casein (random coil) and
bovine serum albumin (BSA, globular) at various pH. Phlorotannins had similar binding affinity for
β-casein and BSA as pentagalloyl glucose and higher than ellagic acid, as studied by fluorescence
quenching. The affinity of PhT for both proteins was independent of pH (pH 3.0, 6.0 and 8.0).
Addition of PhT increased the pH range of protein precipitation from 0.5 to ∼1.5 pH unit around the
proteins’ pI. Complete protein re-solubilisation from insoluble PhT-protein complexes, was achieved
at pH 7 and 2 for β-casein and BSA, respectively. It was demonstrated that PhT modulate the
solubility of proteins at neutral pH, and that re-solubilisation of PhT-protein complexes at acidic pH
is mainly governed by the charge state of the protein.

Based on: Anne Vissers, Annelies Blok, Adrie Westphal, Wouter Hendriks, Harry Gruppen, Jean-Paul
Vincken – Submitted to J. Agric. Food Chem.
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Introduction
Oligomeric phenolics, usually referred to as tannins, occur in both terrestrial and marine resources.
In terrestrial resources, hydrolysable (e.g. ellagitannins (Figure 1A) and gallotannins like pentagalloyl
glucose (Figure 1B)) [1] and condensed (CT) (e.g. proanthocyanidins, built from catechin and/or
gallocatechin subunits) tannins [2] are distinguished. In marine resources, only brown macro algae
contain tannins [3]. These latter tannins phlorotannins (PhT) and differ from terrestrial CT in their
building block, i.e. phloroglucinol (Figure 1C). The phloroglucinol subunits are interconnected by
carbon-carbon (C-C) or ether (C-O-C) bonds (Figure 1D) [3]. Phlorotannins with molar mass up to
1,738 Da have been fully characterised [3]. There are, however, indications that PhT can be larger
[4]. In contrast to terrestrial tannins, there is little knowledge on the interactions between PhT and
proteins. Terrestrial tannins can bind non-covalently to proteins and, in some cases, induce
precipitation [5].
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Figure 1 Ellagic acid (A), pentagalloylglucose (building blocks glucose and gallic acids) (B), as representatives
of hydrolysable tannins. Phloroglucinol (C), the building block of phlorotannins and a representative
phloroglucinol trimer in which phloroglucinol subunits are connected via C-C and C-O-C bonds (D)
The interaction between tannins and proteins is hydrophobically driven [6]. Tannins bind mainly to
proline residues [5, 7], via CH-π stacking [8]. The connections are then reinforced by hydrogen
bridges between the carbonyl oxygens of the peptide bonds, flanking the proline residue, and the
phenolic hydroxyl groups of the tannin [5]. The resulting complexes can be either water soluble or
water insoluble. Insoluble complex formation can occur at high tannin-to-protein molar ratios [5].
Additionally, increasing the molar mass of tannin (up to ∼3,000 Da) [7], molecular flexibility [9] and a
pH close to the protein’s pI favor precipitation of complexes [10, 11]. Effects of pH on tannin-protein
binding as such have not been reported [12] and are unlikely given the drivers for binding
mentioned above. Tannins have higher affinity for polyethylene glycol (PEG) than for proteins due to
the abundance of ether oxygens within the linear PEG polymers, which create ample hydrogen
bonding opportunities along with hydrophobic interactions [13]. Challenging of tannin-protein
complexes with PEG has shown that the interaction between tannin and protein is reversible [14].
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Several adverse and beneficial effects of non-covalent tannin-protein complexation have been
reported, i.e. reduced protein digestibility [15] and altered sensorial properties [16]. In the
ruminants’ digestive system, tannins are reported to have beneficial effects. Due to tannin-protein
binding and formation of insoluble complexes, protein degradation within the rumen decreases,
thereby, enabling delivery of intact protein further down the digestive tract [17]. It is generally
assumed that the interactions within tannin-protein complexes leaving the rumen are weakened
upon pH changes further down the digestive tract [11, 14]. It has been reported [14] that no protein
was released from an insoluble CT-protein complex at pH 4-7, correlating to the rumen pH of 6-7
[18]. At pH 1-3, which is in the range of abomasum pH, proteins were released. This pattern suggests
a diminished affinity of tannins to protein at low pH.
The binding of tannin to protein in the presence and absence of PEG at different pH is schematically
presented in Figure 2. The properties of proteins are influenced by pH. At their pI, proteins have
zero net charge and a lack of electrostatic repulsion [19], resulting in low solubility. Away from the
pI, the net charge of the proteins increases resulting in enhanced protein solubility due to
electrostatic repulsion. Important proteins in ruminant feed originate from grass and soy, which
have wide pI ranges from 4.5-7 [20, 21]. The pH conditions, where no protein release from the
tannin-protein complex was observed previously [14], correlate to pI values of the feed proteins.
In the absence of tannins, proteins precipitate in a range ∼0.5 pH unit around their pI [22]. In the
presence of tannins, the pH range for precipitation of tannin-protein complexes widens to 1-1.5 pH
unit around the protein’s pI [10, 23]. The more distant the pH is from the pI, the more charged the
proteins become, as a result of which the tannin-protein complex can become water soluble (Figure
2A). In presence of PEG, tannins preferentially bind to PEG instead of protein, and the pH range for
protein precipitation is similar to that without tannin, i.e. pI ± ∼0.5 (Figure 2B). The wider pH range
for protein precipitation by tannins is assumed to explain the protective effect against proteolysis
during ruminal fermentation. Little is known about the behaviour of PhTs in relation to protein
binding as affected by pH.
The aim of this research was to (i) determine the pH dependency of PhT to protein binding, and (ii)
to map the release of protein from PhT-protein complexes as a function of pH. Based on the
knowledge of terrestrial tannin-protein binding mechanisms and protein charge effects in relation to
pH, it is hypothesised that PhT will bind to proteins in a similar manner as terrestrial tannins and
that their binding affinities are independent of pH. The solubility of PhT-protein complexes in
relation to pH is hypothesised to be related to the charge state of the protein. Despite the presence
of PhT, protein solubility increases when pH << pI or pH >> pI, and protein can re-solubilise.
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The experiments were conducted using β-casein, a random coil protein as this has been shown to be
a good phenolics-binding protein [24]. In addition, bovine serum albumin (BSA), a model for globular
proteins, was chosen because of its known binding of phenolics and its physiological function as
transport protein [25]. Both proteins have a similar pI value, i.e. 5.1 [24] and 4.9 [26] for β-casein
and BSA, respectively. The effect of tannin molar mass on binding to protein was tested by
comparison of a PhT extract to ellagic acid (EA) and pentagalloyl glucose (PGG) (Figure 1A and B),
representing building blocks for ellagitannins and gallotannins.
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Figure 2 Model for tannin-protein complexation at pH < pI, pH = pI, pH > pI, without polyethylene glycol (PEG)
(A) and with PEG (B)
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Materials and methods
Materials
Bovine β-casein (98% w/w), BSA (96% w/w), EA (95% w/w) and PGG (96% w/w) were obtained from
Sigma-Aldrich (St. Louis, MO, USA). Kelp powder (Laminaria digitata) was obtained from Bristol
Botanicals (Bristol, UK). Organic solvents used were of UHPLC-MS grade and obtained from Biosolve
BV (Valkenswaard, The Netherlands). Water was obtained from a milli-Q system (Millipore, Billerica,
MA, USA). All other chemicals were obtained from Sigma-Aldrich or Merck (Darmstadt, Germany).

Phlorotannin extraction
L. digitata powder (100 g) was suspended in 80% (v/v) aqueous methanol (25 g/L) and bead-milled
using a DYNO®-mill, type MULTI-LAB (Bachhofen AG, Muttenz, Switzerland). The grinding chamber
was filled (65% v/v) using 0.5 mm silica beads and macro algae were ground for 1.5 h using a flow
rate of 0.3 L/min. Afterwards, the suspension was filtered over a cellulose filter (cut off: 8-12 µm
Whatman®) and methanol was evaporated by rotary-evaporation (R-210/215, Büchi Labortechnik,
Flawil, Switzerland). The concentrated extract was diluted with 0.1 M sodium chloride (1:1 v/v). This
suspension was partitioned with ethyl acetate (1:1 v/v) and after separation, both layers were
collected separately. The aqueous phase was cleaned twice with 200 mL ethyl acetate while the
organic phase was cleaned twice with 100 mL 0.2 M sodium chloride. The three organic phases were
pooled and dried by rotary evaporation, dissolved in methanol and stored at -20 °C until further
analysis. This material was denoted as PhT extract solution.

NP-Flash chromatography
The PhT extract solution was subjected to a NP-Flash chromatography unit (Grace, Deerfield, IL,
USA), equipped with an ELS detector and an UV detectors (set at 400 nm), using a 12 g silica column
(18 mL column volume, particle size 40 µm, Grace). The extract (250 mg) was mixed with 2.5 g silica
and injected via dry loading. The compounds were eluted using a combination of hexane (A),
acetone (B) and methanol (C) at a flow rate of 30 mL/min. The elution profile was as follows: 0-1 min
isocratic at 100% A, 1-9 min 0-100% B, 9-11 min, isocratic at 100% B, 11-19 min 0-20% C, 19-23 min
20-100% C and 23-25 min isocratic at 100% C. Phlorotannins eluted between 8-25 min. Between 811 min, PhT co-eluted with pigments while PhT eluting between 20-25 min co-eluted with sugars
(annotated by MALDI-TOF-MS). In order to limit contamination with pigments and sugars, only the
PhT fraction eluting between 11-20 min was used for further experimentation.

Fluorescence quenching assay
Non-covalent tannin-protein binding was studied by fluorescence quenching, using the intrinsic
fluorescence of tryptophan residues. The tryptophan emission around 350 nm [27] is quenched by
binding of ligands. Sodium phosphate buffers (10 mM) of pH 3.0, 6.0, and 8.0 were prepared by
mixing 10 mM Na2HPO4 and 10 mM NaH2PO4 solutions in the correct amounts to obtain the set pH
values. Protein stock solutions of either 10 μM β-casein or BSA were prepared these buffers. Protein
concentration was determined using molar absorption at 280 nm and molar extinction coefficients
of 11,443 M-1cm-1 [24] and 43,824 M-1cm-1 [28] for β-casein and BSA, respectively were used. Tannin
solutions were prepared by dissolving a PhT Flash fraction (1 g/L) in 10 mM sodium phosphate
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buffer pH 8.0, 6.0 and 3.0 containing 10% (v/v) methanol. These were further diluted in the same
buffers to obtain concentration ranges from 0-0.1 g/L. Ellagic acid and PGG solutions (0-100 μM)
were prepared in the three buffers, mentioned above.
Quenching experiments were performed in SterilinTM black microtiter plates (Thermo Scientific, San
Jose, CA, USA). For determination of the binding curves, 100 µL protein solutions were mixed with
100 µL tannin solutions, in triplicate. These mixtures were incubated for 10 min in the dark at 25 °C
under continuous shaking at 300 rpm (Thermomixer comfort, Eppendorf, Hamburg, Germany).
Intrinsic protein fluorescence was measured in a Spectramax M2e microplate reader (Molecular
Devices, Sunnyvale, CA, USA) at 25 °C, with λex = 280 nm, λem = 300-600 nm with 10 nm band width.
When performing fluorescence quenching, inner filter effects related to absorbance of the ligand in
both the excitation and emission wavelengths were corrected when necessary [29]. Corrections
were performed using equation (1) [30, 31].

𝐹𝐹𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐 = 𝐹𝐹𝑜𝑜𝑜𝑜𝑜𝑜 × 10(𝐴𝐴𝑒𝑒𝑒𝑒 × 𝑑𝑑𝑒𝑒𝑒𝑒 + 𝐴𝐴𝑒𝑒𝑒𝑒 × 𝑑𝑑𝑒𝑒𝑒𝑒)

(1)

in which Fcorr = corrected fluorescence intensity, Fobs = observed fluorescence intensity at emission
wavelength, Aex and Aem are the absorbances measured at excitation and emission wavelength,
respectively, dex and dem refer to the relative path lengths in excitation and emission direction,
respectively. The actual path length was determined according to the manual of the supplier [32],
using the pH 8.0 buffer. The path length was determined to be 0.05 cm and assumed to be equal for
both dem and dex.
After correction, data were analysed using least square regression analysis with a 1:1 binding model
assuming the formation of a non-fluorescent protein-tannin complex using equation (2) [30].

[𝑃𝑃𝑃𝑃] =

([𝑃𝑃] + [𝑇𝑇] + 𝐾𝐾𝑑𝑑 )−�([𝑃𝑃] + [𝑇𝑇] + 𝐾𝐾𝑑𝑑 )2 −4 × [𝑃𝑃] × [𝑇𝑇]
2

(2)

In which [PT] is the molar concentration of the protein-tannin complex, [P] is the molar protein
concentration, [T] is the molar tannin concentration and Kd the dissociation constant. As the exact
molar weight of the PhT mixture was not known, an apparent Kd (Kd-app) was determined under that
assumption of an average PhT MW of 2,000 Da.

Protein precipitation assay
Sodium phosphate buffers (10 mM) of pH 3.0, 4.0, 5.0, 6.0, 6.5, 7.0 and 8.0 were prepared as
described above. The PhT Flash pool (10 g/L in methanol) was diluted up to 1 g/L in the different
buffers. β-Casein and BSA were each dissolved in water at 2 g/L. To induce complexation, 1 mL
buffer, 1 mL protein solution and 1 mL PhT solution were mixed in a glass tube and incubated at
room temperature for 15 min. Final pH was measured after complexation and, to avoid dilution, not
adapted when changes occurred. In those cases, the actual pH values are provided in the results
section. The tubes were centrifuged (4,000 × g, 10 min, 20 °C). The PhT content in the supernatants
was assayed using a colorimetric 2,4-dimethoxybenzladehyde assay [4]. The PhT concentration was
determined using a calibration curve (0-0.8 g/L) of a PhT extract of known purity (60% w/w [33]).
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Reversibility of phlorotannin-protein binding
The re-solubilisation of protein from the PhT-protein complex was determined based on a previously
described protocol [14], with adaptations. Briefly, 2 g/L BSA or 1 g/L β-casein solution in 10 mM
sodium phosphate buffer (pH 6.0) were prepared. Of these solutions, 1 mL was mixed with 0.1 mL
(for BSA) or 0.05 mL (for β-casein) PhT Flash pool (10 g/L in methanol). The mixtures were incubated
for 24 h at 39 °C and then centrifuged (10,000 × g, 5 min, 20 °C). The supernatant was carefully
removed with a pipet. For the first series, PEG (10 mg) was added as powder to the pellet and mixed
1 mL 10 mM sodium phosphate buffer of various pH values (pH = 2.0-8.5). For the second series,
only buffers were used. The mixtures were incubated for 2 h at 39 °C and 500 rpm (Thermomixer
comfort, Eppendorf) and centrifuged (10,000 × g, 5 min, 20 °C). Controls using only protein were
treated in the same way. The protein content in the supernatant was determined using the DUMAS
method with a Flash EA 111 NC analyser (Thermo Fisher Scientific, Waltham, MA, USA) according to
the manufacturer’s protocol. Nitrogen conversion factors were 6.37 and 6.08 for β-casein and BSA,
respectively. The factors were calculated based on the amino acid sequences. As only 75% of the
initial protein present precipitated, the re-solubilisation of BSA from the precipitate was corrected
for protein loss in the supernatant. For β-casein, all the proteins precipitated and no corrections
were required. The percentage of protein re-solubilised into solution was calculated using equation
(3).

𝑃𝑃𝑟𝑟 =

𝑃𝑃𝑠𝑠

𝑃𝑃𝑝𝑝

× 100%

(3)

in which Pr, Ps and Pp represent the amounts of protein (mg) re-solubilised, present in solution after
re-solubilisation, and present in the initial pellet, respectively. The PhT content in the supernatants
was determined colorimetrically as described above. Interactions between proteins and PEG were
determined using fluorescence quenching as described above. Determination was done at pH 7.0 for
PEG-to-protein weight ratios of 0.5, 1, 2, 4, 8, 16 and 32.
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Results and Discussion
For the application of PhT in ruminant feed, their protein binding behaviour was studied. It was
hypothesised that the binding behaviour of PhT from L. digitata was similar to terrestrial tannins and
that binding would not be affected by pH.

Binding of phlorotannin, ellagic acid and pentagalloyl glucose
The binding behaviour of PhT (polydisperse mixture with estimated average MW 2,000 Da) to
β-casein and BSA was compared to those of EA of 302 Da and PGG of 904 Da. Binding was studied
using fluorescence quenching at pH 8.0. The intensity of the tryptophan fluorescence emission
spectra of both β-casein (Figure 3A) and BSA (Figure 3B) decreased upon addition of tannins. For
some tannins, shifts in maximum emission wavelength can occur upon binding to proteins [30], but
this was not observed for the tannins tested. For comparison (Figures 3C and 3D), the normalised
relative emissions at 350 nm were plotted versus the tannin concentration. The fluorescence
decreased steeply at low tannin concentrations, and levelled off at higher concentrations. A similar
relationship has been obtained in other model systems using proteins combined with catechins [30],
terrestrial condensed [34] and hydrolysable tannins [9].
The binding parameters of the ligands (Kd for PGG and EA, Kd-app for PhT) for both proteins at pH 8.0
are summarised in Table 1. A lower Kd value reflects stronger binding. For both proteins, binding
affinity for PGG and PhT was in similar order of magnitude. Ellagic acid had a low binding affinity for
both proteins. Binding of EA to β-casein was similar to that of epigallocatechin gallate to this
protein.[30] For both proteins, an increase in binding affinity correlated with phenolic molecular
weight and molecular flexibility. Flexible phenolics, like PGG have high binding affinity to proteins as
they can orient themselves towards the protein. Ellagic acid is relatively small and rigid; it does not
contain groups with rotational freedom. For EA, there were no differences in binding affinity
between proteins. In case the protein is flexible as well, like β-casein, the protein can orient itself
towards the phenolic compounds. Bovine serum albumin, however, has usually higher binding
affinities than expected for globular proteins as it contains hydrophobic sites with high affinity for
phenolics [7, 35]. These factors could have resulted in similar affinities for both proteins.
Within the PhT mixture used, phloroglucinol oligomers DP3-27 (250-3,348 Da) have been annotated
[33]. It is likely that medium size PhT (~ 600-1,500 Da, DP 5-12) have the highest affinity to proteins,
in analogy to ellagitannin oligomers [9]. Karonen et al. (2015) found that purified ellagitannin
oligomers from tetramers to octamers had similar binding affinities to BSA, whereas those of dimers
and trimers were lower. Ellagitannin flexibility was more determinant for binding than the actual
molar mass [9]. Following these relations, it was expected that PhT behaved similarly to flexible
terrestrial tannins. Phlorotannins in L. digitata all consist of phoroglucinol units linked by C-C and
C-O-C linkages [3]. With each additional subunit, one or two additional free rotating bond(s),
respectively, are incorporated in the PhT oligomer. For the PhT mixture, results were comparable to
those obtained previously [36, 37], based on binding of crude tannin mixtures to salivary α-amylase.
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Figure 3 Fluorescence emission spectra (λex = 280 nm) of β-casein (A) and BSA (B) quenched by increasing tannin
concentration. Normalised fluorescence (λem = 350 nm) binding curves for binding of phlorotannins (0-25 μM, assuming
an average MW = 2,000 Da) (●), pentagalloylglucose (0-50 μM) () and ellagic acid (0-50 μM) (◊) to β-casein (B) and
BSA (D) at pH 8.0
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Effect of pH on phlorotannin-protein binding
With decreasing pH, the emission maxima of BSA (Figure 4A) shifted from 345 nm at pH 6.0 and 8.0
to 355 nm at pH 3.0, in accordance with earlier observations [27, 38]. The Kd-app values (Table 1)
showed no pH-effect for binding of PhT to either β-casein (Figure 4B) or BSA (Figure 4C). For the
occurrence of PhT-protein binding, it did not matter whether the protein had a net negative (pH >
pI) or positive (pH < pI) charge, as binding affinities were in similar orders of magnitude and showed
no trend. The results indicated that pH as such was not a significant contributor to affinity of PhT for
proteins, in analogy to terrestrial tannins [37].
Table 1 Summary of the interactions (Kd and Kd-app) of pentagalloyl glucose (PGG), ellagic acid (EA) and
phlorotannins (PhT) to β-casein and BSA at various pH conditions, determined using fluorescence quenching

Ligand

pH

PGG
EA
PhT 1
PhT
PhT

8.0
8.0
8.0
6.0
3.0

Kd (× 10-6 M)
β-Casein
15.9 (±0.04)
261.8 (±40.7)
11.4 (±0.5)
12.9 (±1.8)
18.1 (±0.9)

BSA
5.6 (±0.6)
290.0 (±33.4)
9.5 (±0.2)
6.0 (±0.03)
10.7 (±0.1)

for PhT, Kd-app was determined assuming an average MW = 2,000
Da
1

Protein precipitation by phlorotannins
As PhT-protein binding occurred at every pH, the effects of the pH on the type of aggregate formed
(soluble or insoluble) was studied. The formation of insoluble aggregates was studied by performing
a precipitation assay [23]. Phlorotannins were able to precipitate both β-casein and BSA at pH
conditions around the proteins’ pIs. Upon PhT addition, the initially transparent solutions turned
turbid immediately, indicating rapid complexation.
β-Casein. Around its pI, β-Casein alone precipitated, whereas in the presence of PhT the pH range at
which this protein precipitated was broadened, as expected (Figure 5A). After complexation, 60-90%
of the initial PhT was still detected in the supernatant from pH 3.0-6.4 (Figure 5B), consistent with
the range of protein precipitation. In all cases, supernatants were turbid. The turbidity of the
supernatant indicated the presence of smaller complexes which did not precipitate upon
centrifugation [5].
BSA. Without tannins, BSA was soluble over the entire pH range (Figure 5C). In presence of PhT,
complete protein precipitation occurred around the pI. The PhT co-precipitated with the protein for
78% (Figure 5D), resulting in transparent colourless solutions after centrifugation. The samples at pH
< 4.8 and > 5.5 were yellow, suggesting that not all tannins had precipitated.
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Protein re-solubilisation
Phlorotannins and proteins were incubated at pH 6.0 and 39 °C, and after 24 h the suspensions were
centrifuged. Subsequently, the insoluble PhT-protein complexes (pellets) were exposed to various
pH conditions, in presence or absence of PEG, to study re-solubilisation of these insoluble
PhT-protein complexes. As it was impossible to determine whether solubilised protein and PhT were
still bound to each other, we prefer to speak of protein re-solubilisation rather than of protein
release. There were no interactions between PEG and proteins as determined by fluorescence
quenching (data not shown). The addition of PEG resulted in formation of soluble PhT-PEG
complexes as no pellet was formed upon centrifugation of PhT/PEG combinations. It should be
noted that the PhT concentration could no longer be quantified in presence of PEG as reactivity
towards the DMBA reagent decreased.
Re-solubilisation in absence of PEG. When PEG was absent in the solution, there was complete
re-solubilisation of β-casein at pH 7, with and without PhT (Figure 6A). At pH 4 and 5 there was no
re-solubilisation, independent of PhT, correlating to the pI range of β-casein. Unexpectedly, even at
pH 2 only 4% of the β-casein was re-solubilised, whereas that value was 26% in absence of PhT. At
pH 2, the protein has a net positive charge of +22, which should be sufficient for re-solubilisation,
considering that a charge of -7.7 at pH 7 yielded only soluble protein (complexes).
For the BSA/PhT combination (Figure 6B), there was no re-solubilisation at pH 4 and 5, around BSA’s
pI. There was complete re-solubilisation in pH 2, whereas 43% BSA released at pH 7. The higher
re-solubilisation further away from BSA’s pI might be related to the charge of the protein. At pH 3,
BSA (mature protein) has a charge of +164 while at pH 7, the charge is only -29 [39]. The higher
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positive charge at pH 3 compared to the negative charge at pH 7 might result in higher protein
solubility. For both proteins, complete protein re-solubilisation was associated with minor PhT
re-solubilisation, 24% for the PhT/β-casein combination and 12% for PhT/BSA. The tannins remained
insoluble in fully aqueous solutions as opposed to the 10% (v/v) methanolic buffers used to prepare
the complexes.
Re-solubilisation in presence of PEG. In presence of PEG, the proteins re-solubilised from the
tannins due to the high affinity of tannins for PEG, depending on the pH. In presence of PEG, there
was a slightly higher re-solubilisation of β-casein from the PhT-β-casein complexes than in its
absence (Figure 6A), 20% and 14% for pH 2 and 3, respectively. For BSA, PEG increased the protein
re-solubilisation from PhT-BSA complexes with 28-67% from pH 3-7 (Figure 6B) without affecting the
overall shape of the BSA solubility curve. Even around the pI of BSA, 30% protein re-solubilised.
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Figure 6 Protein (%) re-solubilisation from precipitated protein (), PhT/protein combinations () and
PhT/protein/PEG combinations (◊) for β-casein (A) and BSA (B) as function of pH
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The results of the PEG treatment agree with a previous study [14]. Despite PEG addition, not all
proteins re-solubilised and it might be that the insoluble PhT-protein complex consisted of proteins
entangled with PhT, thereby, maintaining their insolubility. When no complete protein
re-solubilisation was achieved, it was assumed that the strength of electrostatic repulsions within
the protein were insufficient to bring large aggregates into solution.
Overall, our results show that the proteins re-solubilise together with minor amounts of PhT, but our
experiments are inconclusive about their actual release. In presence of PEG, our results show that
proteins indeed re-solubilise more extensively. The addition of PEG is not required to assess protein
re-solubilisation behaviour, but its addition confirms that PhT is able to delay the re-solubilisation of
proteins, until more extreme pH conditions are reached.

Extrapolation to protein protection and digestion in ruminants
Regarding the application of tannins in ruminal feed to act as protein protecting agents, the various
pH regimes along the digestive tract need to be taken into account. Due to the widening of the pH
range for protein precipitation by PhT, insoluble PhT-protein complexes are created at rumen pH.
When the pH decreases to far below the pI for globular proteins (as in the abomasum), the
increased charge of proteins re-solubilises protein again. As there is minor tannin re-solubilisation,
minor re-complexation of tannins and proteins can be expected. The re-solubilisation is determined
by the charge of the proteins, rather than by their release from tannins as reported previously [14]
(Figure 2). The re-solubilisation of proteins is expected to facilitate efficient digestion of feed
proteins after ruminal fermentation.
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Chapter 6

Laminaria digitata phlorotannins decrease protein degradation
and methanogenesis during in vitro ruminal fermentation
Phlorotannins (PhT) are marine condensed tannins consisting of phloroglucinol subunits connected
via C-C and C-O-C linkages. They have non-covalent protein binding properties and are, therefore,
expected to be beneficial in protecting protein from hydrolysis during ruminal fermentation. In this
study, the effectiveness of a methanolic PhT extract from Laminaria digitata was investigated in
vitro on reduction of CH4 and protection of dietary protein in ruminal fluid. A 7 × 2 factorial design of
treatments was used to test 6 levels of tannin addition (10, 20, 40, 50, 75 and 100 g/kg tannin free
grass silage) with or without addition of polyethylene glycol (PEG). Total gas production (GP) was
monitored continuously for 72 h and at multiple time points headspace samples were analysed for
CH4. The GP and CH4 curves were fitted through a modified multiphasic Michaelis-Menten model.
Total volatile fatty acids (VFA) compositions and ammonia (NH3) were measured as end point
parameters.
Addition of PhT had a linear (P < 0.0001) and quadratic (P = 0.0003) effect on GP and CH4,
respectively. Optimal dosage of PhT was 40 g/kg grass silage as at this point CH4 decreased
significantly from 24.5 to 15.2 mL/g organic matter (OM) (P < 0.0001), without significantly affecting
GP (P = 0.3115), total VFA (P = 1.000), and pH (P = 1.000). A trend (P = 0.0903) was observed for a
decrease in NH3 from 0.49 to 0.39 mmol/g OM indicating protection of protein. Addition of PEG
inhibited the effect of tannins and did not change the various parameters compared to the control.
Effectiveness of PhT was compared to hydrolysable and terrestrial condensed (CT) tannins on a
molar basis using literature data. Phlorotannins behaved similar to CT with respect to CH4 reduction
and protein protection but appeared to be less effective.

Based on Anne Vissers, Wilbert Pellikaan, Anouk Bouwhuis, Wouter Hendriks, Harry Gruppen,
Jean-Paul Vincken – to be submitted
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Introduction
Cattle provide valuable resources for human consumption, such as milk and meat. Keeping cattle
has a large environmental impact due to excretion of methane (CH4) and ammonia (NH3). Ruminal
carbohydrate fermentation releases hydrogen gas (H2) and methanogenic archaea utilise H2 to
reduce CO2 to CH4 and keep low H2 pressure in the rumen. This CH4 formation, however, limits
overall energy-efficiency by 8-12% and contributes significantly to the environmental CH4 emission
as ruminants have been estimated to contribute approximately 14.5% to the global CH4 emission
[1]. In addition, ruminal nitrogen (N) use is relatively inefficient as 55-95% of the ingested N is
excreted via the urine or faeces [2]. The excreted urea can be hydrolysed and is susceptible to NH3
volatilisation and emission [3].
The current increase in world population and, therewith, the demand for agricultural raw materials,
increases the need to find strategies to improve the efficiency of ruminant feed conversion and
decrease CH4 excretion. One of the strategies is the use of tannins [4]. These phenolic compounds
produced by plants and macro algae as secondary defence metabolites, range in molecular weight
between 250-3,000 Da [5]. There are several types of tannins of terrestrial and marine origin.
Hydrolysable (HT) and condensed (CT) tannins are both present in terrestrial plants. Hydrolysable
tannins, e.g. gallotannins (Figure 1A) and ellagitannins (Figure 1B), consist of phenolic building
blocks linked via esters and are sensitive to acid hydrolysis. The CT, e.g. proanthocyanidins (Figure
1C), are connected by carbon-carbon (C-C) and sometimes additional ether (C-O-C) bonds. In
addition, there are the marine phlorotannins (PhT) (Figure 1D) produced solely by brown macro
algae. These tannins are built from phloroglucinol subunits (126 Da) connected via either C-C bonds,
C-O-C bonds or both [6]. As their building blocks are different from terrestrial proanthocyanidins,
but contain similar linkages between subunits, PhT can be considered as the marine version of CT.
Tannins are known to have a non-covalent binding ability to both proteins and fibres, of which
affinity towards proteins is the highest [7]. By binding both dietary proteins and microbial digestive
enzymes via proline residues, ruminal fermentation of proteins and carbohydrates decreases. The
application of terrestrial tannins to improve ruminal fermentation has been studied extensively,
both in vitro [8-11], and in vivo [12-14]. Low dosage addition of tannins to the feed improved the use
of non-protein N (NPN) for microbial metabolism in the rumen and decreased N excretion. In
addition, it increased the fraction of ‛ruminal escape protein’ and absorption of dietary amino acids
post-rumen [4, 15]. It also resulted in decreased ruminal methanogenesis [2].
In contrast to terrestrial tannins, the effect of PhT on ruminant feed efficiency has received far less
attention [16]. In the present study, the effect of PhT dose on in vitro rumen fermentation of grass
silage was studied. Total gas and CH4 production, VFA formation and ammonia nitrogen (NH3)
content were taken as indicators for efficient conversion of ruminant feed. The efficiency is known
to be influenced by type of tannin, being hydrolysable or condensed [17], tannin size [18], and
variation in subunit composition of terrestrial CT [19]. The PhT in Laminaria digitata range in degree
of polymerisation from 3-27 units, linked by single linkages [20]. The occurrence of C-C and C-O-C
linkages between subunits allows rotational freedom and, therewith, oligomer flexibility. As the PhT
subunits are smaller than those of terrestrial CT, the rotational freedom within PhT is expected to be
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higher. Consequently, it is anticipated that PhT are more effective in CH4 reduction and protecting
protein from hydrolysis than terrestrial CT.
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Figure 1 Structure of the hydrolysable tannins, pentagalloyl glucose (A) and punicalagin (B). Structural
characteristics of terrestrial condensed tannin dimer (C) and phlorotannin oligomer DP5 (D)

Materials and methods
Phlorotannin extraction
L. digitata was obtained as air dried powder (8% w/w moisture) from Bristol Botanicals Ltd. (Bristol,
United Kingdom). The powder was suspended (25 g/L) in 80% (v/v) aqueous methanol and beadmilled using a DYNO®-mill, type MULTI-LAB (Bachofen AG, Mittenz, Switzerland). The grinding
chamber (65% v/v) was filled with 0.5 mm silica beads and the macro algae suspension was ground
in about 1.5 h at a flow rate of 0.3 L/min. Afterwards, the suspension was filtered over a cellulose
filter (cut off: 8-12 μm Whatman®) and methanol was evaporated by rotary-evaporation. The
concentrated extract was diluted with 0.1 M sodium chloride (1:1 v/v). This suspension was
partitioned with ethyl acetate (1:1 v/v). After phase separation, both layers were collected
separately. The organic phase was cleaned twice with 200 mL 0.2 M sodium chloride (1:1 v/v). The
aqueous phase was cleaned twice with 200 mL ethyl acetate. The three organic phases were pooled,
dried by rotary-evaporation and stored in a desiccator until further use. The aqueous phase was not
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used for further experimentation. The extract purity was analysed by the
2,4-dimethoxybenzaldehyde assay as described previously [21]. For the calibration curve, a 60%
(w/w) pure PhT extract was used, The extract purity was determined using quantitative 1H NMR
spectroscopy [20].

Experimental design
The effect of the PhT dose on fermentation characteristics was tested with tannin-free grass silage
as substrate, using a 7 × 2 factorial arrangement of treatments. The chemical composition of the
silage was: dry matter (DM) = 890 g/kg; organic matter (OM) = 893 g/kg DM; crude protein (CP) =
197 g/kg DM; neutral detergent fibre (NDF) = 459 g/kg DM, acid detergent fibre (ADF) = 280 g/kg
DM; acid detergent lignin (ADL) = 21 g/kg DM. The PhT extract was added to the substrate to reach
an effective tannin concentration of 10, 20, 40, 50, 75 or 100 (g/kg substrate), with (+PEG) and
without (-PEG) polyethylene glycol (PEG; MW 6000) at PhT:PEG = 1:10 w/w [9]. As the extract could
contain impurities influencing in vitro fermentation, PEG was included as tannin binding agent which
counteracts the effect of tannins [22]. A control without addition of PhT was included within the
same run. Incubations were performed in 250 mL bottles (Schott bottle, GL45, Mainz, Germany)
containing 250 mg grass silage. For each treatment, triplicate bottles were used within one run and
two separate runs were performed. Each run was performed using the same PhT extract. All
components were combined in a dry state just before addition of the rumen buffer, the latter which
was prepared as described previously [23].
Each of the two runs was performed using the combined rumen fluids from two different rumen
cannulated lactating Holstein-Friesian cows (in total, 4 different animals were used), which were fed
a grass and corn silage diet (1:1 ratio based on product), with the following nutrient composition
(g/kg DM): CP = 119; NDF = 394; ADF = 235; ADL = 16; starch = 175. In addition, animals received
concentrates. Animals were fed in the morning and the diet was provided ad libitum with access to
water at all times. The handling of the animals was approved by the Institutional Animal Care and
Use Committee of Wageningen University & Research (Wageningen, The Netherlands), and in
accordance with the Dutch legislation on use of experimental animals. Rumen fluid was collected
before the morning feeding in pre-warmed and CO2-filled thermos flasks and transported within 15
min to the laboratory. All further handling was performed under a constant flow of CO2 in order to
maintain anaerobic conditions. To monitor anaerobic conditions, resazurin was used as an indicator.
For each run, the rumen fluids of the two cows were pooled 1:1 (v/v), filtered through two layers of
cheese cloth, mixed 1:15 (v/v) [18] with a freshly prepared buffer as described by Williams et al. [23]
and Pellikaan et al. [24].
Thirty mL of buffered rumen fluid was added to the bottles, which were incubated for 72 h in
shaking water baths at 39 °C, with individual bottles connected to an automated gas production (GP)
measuring system [24]. Blanks were included. In the rumen buffer without substrate and tannins,
gas productions were 3.8 ± 6.5 mL and 4.8 ± 1.7 mL in run 1 and 2, respectively. Gas production with
PhT extracts without PEG and substrate were 0.6 mL in run 1 and 4.8 mL in run 2 while GP in PhT
extracts with PEG were 0.9 mL in run 1 and 3.0 mL in run 2.
After 72 h incubation, the pH of the mixture was recorded and fermentation fluid from each bottle
was analysed for volatile fatty acids (VFA) and ammonia (NH3) concentration.
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Cumulative gas and methane production
For CH4 production, aliquots of 10 μL were taken during several time points (0, 2, 4, 6, 8, 10, 12, 24,
30, 36, 48, 56, 72 h) from the head space of the fermentation bottles using a gas tight syringe
(Hamilton 1701N, point style 5 needles, 51 mm, Hamilton, Bonaduz, Switzerland) as described
previously [24]. Samples were directly injected onto a GC, which was equipped with a stainless steel
column (PoraPack Q, 50-80 mesh, 6 m × 0.53 mm i.d., 25 μm film thickness, Grace Altech, Breda, The
Netherlands) and connected to a flame ionisation detector maintained at 150 °C. Oven temperature
was maintained at 60 °C, N2 was used as carrier gas. Before, during and after analysis, a CH4
standard from a synthetic air mixture (CH4 = 7,524 ppm, Linde Gas Benelux, Schiedam, the
Netherlands) was injected and used as external calibrant. The cumulative gas and CH4 data obtained
were plotted against time and data points were fitted through a non-linear modified MichaelisMenten model [25]. Biphasic and monophasic models were used to fit the curves for GP and CH4
(GPCH4) production, respectively [25]. With this equation, the asymptotic gas concentrations and
fermentation half times (GP-T21/2 and CH4-T1/2, respectively), were determined. The T1/2 represents
the exponential phase of the monophasic model, T21/2 represents the second exponential phase in
the biphasic model.

Chemical analyses
The chemical composition of the grass silage was analysed according to the procedures described
previously [19]. The OM was calculated as: DM – crude ash. For NH3 determination, 750 µL reaction
fluid was deproteinised by 750 µL trichloroacetic acid (100 g/L of trichloroacetic acid neutralised by
NaOH). Samples were centrifuged at 14,000 × g at 20 °C for 10 min. Concentration of NH3 in the
supernatant was determined in duplicate as described previously [26]. For VFA analysis, 750 µL
reaction fluid was acidified with 750 µL internal standard (isocaproic acid) in a 4% (w/w)
o-phosphoric acid solution. Gas chromatography was conducted as described previously [9].

Statistical analyses
The effect of PhT dose (T) in combination with PEG (P) treatment was analysed by analysis of
variance using the MIXED procedure of SAS (2012). The average of triplicate bottles within one run
were taken as statistical units and analysed as a 7 × 2 factorial design including run as random
factor. The following statistical model was applied:
Yij = µ + Ti + Pj + (T × P)ij + εij

in which Yij = the dependent variable, µ = the overall mean, Ti = the PhT dose (i = 1 to 7), Pj = the
effect of PEG (j = 1 or 2), (T × P)ij = the PhT dose and PEG interaction, and εij = the residual error
term. Differences in means were analysed by the Tukey-Kramer’s test using the LSMEANS statement
and values were significant at P < 0.05. To test linear (L) and quadratic (Q) effects of tannin dose
with or without PEG addition, non-linear polynomial contrasts were used.
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Results
Effect on total gas and methane production
The overall fermentation performance upon inclusion of PhT in grass silage was determined by total
GP (Figure 2A, Table 1). Phlorotannin addition changed the characteristics of fermentation. For the
control, 10 and 20 g PhT/kg grass silage addition, curves were similar and only one exponential
phase was visible. At 40 g PhT/kg and higher additions the shapes of the fermentation curves started
to deviate from the control and became biphasic (Figure 2A). The GP after 72 h (GP72h) production of
the control was 186.7 mL/g OM and was not affected up to 50 g PhT/kg addition (P = 0.1097) (Table
1). Afterwards, GP started to decline linearly (P < 0.001), resulting in 42% GP72h reduction at 100 g
PhT/kg addition, compared to the control. Patterns were similar for GP24h and GP72h with increasing
PhT addition. For the control and 10 g PhT/kg addition, similar GP24h and GP72h values were
obtained.
The data for CH4 production could all be fitted with a monophasic model (Figure 2B). There was a
similar direction of the effect of PhT on CH4 (GPCH4) production, with the difference that production
decreased significantly from additions of 40 g PhT/kg onwards (Table 2). After 24 h, GPCH4 decreased
(P = 0.0002) from 19.0 g/kg OM in the control to 7.6 ml/g OM at 40 g PhT/kg addition. The decrease
(P < 0.001) in GPCH4 after 72 h followed a quadratic trend, and decreased with 39% at a 40-50 g/kg
addition and with 73% at a 100 g PhT/kg addition. The half time (T1/2) is the time-point at which half
the asymptotic gas or CH4 volume is produced (mL/g OM), which provides information on the rate of
microbial fermentation for GP (Table 1) and GPCH4 (Table 2). For both GP and GPCH4, fermentation
delayed with PhT addition. For total GP, GP-T21/2 increased (P < 0.001) from 11 h for the control to
38 h for 100 g PhT/kg addition. For CH4 production CH4-T1/2 increased (P = 0.0013) from 15 h for the
control to 38 h at 100 g PhT/kg addition. The proportion of CH4 in the total gas decreased by 45-50%
at 75-100 g PhT/kg addition which was significant.

Effect on volatile fatty acid production
There was a linear effect on decrease in total VFA production upon PhT addition (Table 3). All
proportions of individual VFAs decreased (acetic acid (HAc), butyric acid (HBu), branched chain fatty
acids (HBr)) or increased (propionic acid (HPr) and valeric acid (HVa)) quadratically with tannin
addition. The HAc proportion stabilised at additions of 40 g PhT/kg and higher around 53 mol%,
corresponding to a decrease of 8% compared to the control. The HPr proportion increased (P <
0.0001) from 29 mol% in the control to 35 mol% at 40 g PhT/kg addition and remained stable with
further PhT addition. Butyric acid decreased (P < 0.0001) from 8.1 mol% in the control to 6.1 mol%
at 40 g PhT/kg and further to 5.0 mol% at 100 g PhT/kg addition. The proportion of HVa was only
affected at 100 g PhT/kg addition. HBr represents the sum of iso-butyric and iso-valeric acid which
are fatty acids formed by the breakdown of the amino acids valine and leucine. Their relative
proportion decreased quadratically (P = 0.0366) from 3.3 mol% in the control to 2.6 mol% at 40 g
PhT/kg and stabilised with further tannin addition.

Effect on ammonia nitrogen and pH
Ammonia nitrogen (NH3) (Table 3) decreased (P = 0.0951) from 0.49 to 0.39 mmol/g OM at 50 g
PhT/kg addition. The pH was not affected.
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Effect of PEG addition
Addition of PEG to the fermentation mixtures counteracted the effect of PhT. Gas production
kinetics were identical for all PhT levels and for most parameters studied. The addition of PEG
started to deviate significantly from –PEG (Table 1-3) at 50 g PhT/kg addition. Addition of PEG did
not change the values of the parameters compared to the control and for all parameters the
interaction term (Dose × PEG) was significant except for total VFA (P = 0.0802) and NH3 (P = 0.0538)
for which a trend was observed.
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Figure 2 Kinetics of total gas- (A) and methane production (B) of grass silage with increasing phlorotannin
concentration (g PhT/kg grass silage)
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GP24h, GP72h = total gas volume produced per gram OM initial grass silage after 24 h and 72 h of incubation; GP-T21/2 = half time of asymptotic gas production
in the second phase of the fermentation; S.E.M. = standard error of the mean; Dose L = linear PhT effect, Dose Q = quadratic PhT effect
abc similar superscripts in a column indicate no difference (P > 0.05) between PhT doses
* P< 0.05, **P < 0.01; ***P < 0.001 indicates difference to corresponding PEG values
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Table 1 Total gas (GP) production after 24 and 72 h, gas production half time (GP-T21/2) from fermentations containing increasing phlorotannin (PhT) dose
without (–) and with (+) polyethylene glycol (PEG) addition
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GPCH4-24h, GPCH4-72h = total methane volume produced per gram OM initial grass silage after 24 h and 72 h of incubation; GPCH4-T1/2 = half time of asymptotic
methane production; CH4% = methane percentage in total gas after 72 h; S.E.M. = standard error of the mean; Dose L = linear PhT effect, Dose Q = quadratic PhT
effect
abc similar superscripts in a column indicate no difference (P > 0.05) between PhT doses
**P < 0.01; ***P < 0.001 indicates difference to corresponding PEG value
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Table 2 Methane (GPCH4) production after 24 and 72 h, methane production half time (GPCH4-T1/2) and calculated CH4 proportions (CH4%) from fermentations
containing increasing phlorotannin (PhT) dose without (–) and with (+) polyethylene glycol (PEG)
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chain fatty acids
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Table 3 Fatty acids and NH3-N produced during in vitro fermentations containing increasing phlorotannin (PhT) dose without (-) and with (+)
polyethylene glycol (PEG)
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Discussion
Phlorotannis can reduce methane excretion
For environmental reasons, CH4 reduction is beneficial [1], and as total GP is a measure of OM
digestion, it should preferably not decrease. Within a normal fermentation process, initially the
small and easily degradable sugars are fermented in the timespan of several hours. Afterwards a
second fermentation phase of larger carbohydrates starts, correlating to the exponential second
phase [19], visualised in Figure 2. Due to the higher contribution of the second phase to the total gas
production, GP data were fitted using a biphasic modified Michaelis-Menten model [25].
Phlorotannin addition at 40 g/kg grass silage reduced the CH4 production by 40% after 24 h
fermentation without hampering OM degradation as reflected by GP, GP-T21/2 (Table 1) and total
VFA (Table 2). The PhT inhibitory effects were not observed when the doses were tested in presence
of PEG. Polyethylene glycol is able to quench tannins from the fermentation mixture as tannins have
higher binding affinity for PEG than for proteins [22, 27]. Incubating the PhT blanks with rumen
buffer did not result in GP. Additionally, PEG addition was able to revert the action of PhT and
maintain GP. These two observations indicated that the 40% impurities present in the PhT extract
did not influence the fermentation. These results agree with those found previously [16], where
addition of 40 g/kg PhT from Ascophyllum nodosum improved in vitro fermentation and where PEG
addition counteracted the dose effect. In their case, however, the optimum could not be verified as
no higher dosages were investigated.
The CH4 reducing effect of tannins can be due to three mechanisms. (i) Tannins could decrease fibre
digestibility by either binding to the fibres or by binding to the microbial fibre digesting enzymes
[28], resulting in less H2 release and, therewith, CH4 formation. (ii) The population of methanogens
themselves could be reduced [29]. (iii) A relative increase in HPr synthesis at the expense of HAc and
HBu. This results in competition between formation of HPr and CH4 as both require H2 [30].
The first effect seemed to play a role in the present study as both GP and VFA decreased linearly
with PhT addition. Both parameters are related to carbohydrate digestion [30]. Even though the final
VFA level was not affected at 40 g PhT/kg, there were changes in the VFA profile. Acetic acid
decreased from 57 to 54 mol%. Usually HAc makes op 50-60% of the fatty acids and is mainly used
for gluconeogenesis [30]. The HAc proportion was still within this range (Table 3).
No conclusions regarding the second effect could be drawn as in the present study the microbial
population was not determined. There are, however, indications that methanogens were negatively
affected by PhT addition [31].
Regarding the third effect, there was a 20% increase in HPr proportion (Table 3) at 40 g PhT/kg
addition. The results correlate with earlier studies which showed that when the activity of
methanogens is inhibited, H2 is directed more into HPr production [18].

Phlorotannins can protect protein from hydrolysis during fermentation
At 40 g PhT/kg addition, the NH3 was decreased by 21% (Table 3), indicating protection of protein
from degradation. A decrease in NH3 indicates a decrease in dietary protein digestion and increase
in use of NPN for microbial protein synthesis [30]. Decreased dietary protein breakdown in the
rumen results in higher amounts of protein available for digestion in the abomasum. In addition, the
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increased use of NPN for microbial protein synthesis increases the flow of microbial protein towards
the abomasum. The NH3 reduction reflects the binding of PhT to dietary proteins and to microbial
excreted digestive enzymes [32] and direct inhibition of bacterial growth [33]. Additional evidence of
the protein protective effect was provided by the decrease in proportion of HBr, which was lowered
by 20% (Table 3). The proportion of HBr consisted of the combined proportions of iso-butyrate and
iso-valerate, degradation products from valine and leucine, respectively, These fatty acids function
as co-factors for cellulolytic bacteria and their synthesis of long chain fatty acids [30, 34]. The HBr
content should, therefore, not decrease substantially. Additionally, rumen microbes do not grow
optimally on NH3 alone and fermentation efficiency improves when proteins and peptides can be
used as well [35].

Improvement effects of condensed-, hyrolysable- and phlorotannins
In most in vitro ruminal fermentation studies, the dosages of CT, HT or PhT were added on a weight
bases. Mostly, levels around 40 g PhT/kg were applied when no dose response tests were performed
[19, 36]. Dosage of tannins on weight base alone complicates the comparison of effectiveness as
within the different types of tannins used there is variation in molecular weight of the tannin
building blocks as well as the range of oligomer length (Table 4), which are important factors
influencing tannin effectivity. Building blocks of HT are usually larger than those of CT, as the former
are built from galloyl-glucose units [37].

Table 4 Characteristics of phloro- condensed and hydrolysable tannins
Tannin type

Subunit

Subunit
MW (Da)

Linkages

DP
range

No.
rotating
bonds per
dimer

Microbial
fermentation

Condensed

Catechin
Gallocatechin
Pentagalloyl
glucose a
Phloroglucinol

290
458
940

C-C

2->10

3

[38, 39]

Ester

2-10

Variable b

[40] c

C-C,
ether

3-27

1

Not reported

Hydrolysable
Phlorotannin

126

Pentagalloyl glucose represents the intermediate building block for both gallo- and ellagitannins [37]
number of free rotating bonds within the dimer depends on the extent of gallic acid crosslinking
c Toxicity reported upon in vivo ruminal inoculation at 3 mg/kg body weight
a

b The

The effects of L. digitata PhT were compared to other studies in which A. nodosum PhT [16], sainfoin
(Onobrychis viciifolia) CT [41] or both HT and CT from various sources [42] were tested in vitro. For
all tannin dosages, molar additions were estimated based on monomeric equivalents for which the
assumptions are summarised in Table 4. The reductions in CH4 production and NH3 concentration
were calculated as change relative to the control substrate without tannin addition and were
plotted versus the molar tannin dose (Figure 3). On weight basis, all tannins would have been
equally effective. All three types of tannins were effective in reducing GP and CH4 production as well
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as NH3 concentration, with HT [42] being more effective. Already at 5 mmole additions, 20% CH4
reductions were achieved while for CT and PhT these reductions were achieved at around 20
mmole. Effects of PhT and CT showed similar trends. The PhT from A. nodosum [16] were similar to
those of L. digitata. The lowest NH3 reduction was obtained by PhT, followed by CT and then HT. To
achieve 50-60% NH3 reduction, < 10 mmol HT were needed while 60 mmol PhT monomers would be
necessary to reach this same reduction. For CT, approximately 15 mmole would be sufficient.

Reduction CH4 (%)
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Figure 3 Comparison between effectivity of phlorotannin (PhT), condensed- (CT) and hydrolysable tannin (HT)
on reduction of CH4 (A) and NH3 (B) when added to feed during in vitro fermentation. Data sources for chestnut,
valonea, accacia and quebracho: [42]; sainfoin: [41] A. nodosum: [16]
There are several molecular properties of tannins which are important in terms of the effects on
fermentation. The first is the abundance of hydroxyl groups which are important for protein-tannin
and carbohydrate-tannin complexation [7, 43, 44]. For CT, there is a positive effect of the
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contribution of gallocatechin units within the tannin oligomer [19], probably related to increased
binding by the increase in hydroxyl groups per monomeric unit. The second is the degree of
polymerisation (DP). Although it has been reported that tannin oligomers in higher molecular weight
ranges bind proteins more effectively, there is an optimum DP. For ellagitannins, trimers to
pentamers showed positive effects on fermentation while dimers and hexamers to nonamers were
less effective or even decreased fermentation [18]. As all the extracts used in these studies were
mixtures, the set-up of the current trial cannot discriminate for potential effects of DP. The third
property is molecular flexibility which is related to presence of free rotational bonds. This property is
most likely one of the reasons for higher effectivity of HT. Hydrolysable tannins have a higher
binding affinity to proteins compared to PhT and CT [20] caused by the presence of galloyl groups
with high rotational freedom (Figure 1, Table 4). These can, therefore, orient themselves to the
protein, creating stronger connections [43]. Ellagitannins are expected to have less rotational
freedom compared to gallotannins due to the multiple connections between subunits (Figure 1B).
The HT used for comparison originated from chestnut and valonea and in both, ellagic acid and gallic
acid units were identified [42]. Comparing HT to CT and PhT, the latter two have fewer free rotating
bonds within their oligomers (Table 4). The resulting lower flexibility of CT and PhT might reflect
lower protein binding affinity and, therewith, a smaller reduction in NH3 can be reached (Figure 3).
A last potential parameter of influence can be the potential metabolism of tannins (Table 4), which
has mainly been reported for HT [39]. Metabolism of HT can occur both in the rumen and further
down the GI tract [40]. The possibility of microbial fermentation of HT and release of toxic reaction
products also contributes to their toxicity [45]. To our knowledge, microbes able to break down PhT
oligomers have not been identified. As the PhT tend to have lower potential to be metabolised by
ruminal microbes, there are probably lesser toxic effects compared to HT.

Conclusions
Application of a PhT extract from L. digitata at 40 g/kg to grass silage effectively reduced CH4
production without significantly decreasing organic matter degradation as reflected by total gas
production and volatile fatty acid formation. Additionally, PhT decreased protein degradation and
additionally, ruminal microbes used NPN for their metabolism, reflected by reduction in NH3.
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In this thesis, sugar beet leaves (Beta vulgaris L.) and the brown macroalgae Laminaria digitata were
investigated as terrestrial and marine resources for protein use, respectively, in relation to their
interactions with phenolics. Both resources can provide high quality food and feed material. When
the resources are processed for protein extraction, proteins can interact with phenolics, leading to
modified proteins with lesser value. Within sugar beet leaves, the modifications take place via
polyphenol oxidases (PPO) and endogenous phenolic substrates which make sugar beet leaf proteins
prone to covalent modification by attachment of phenolics to proteins. Within L. digitata, high
molecular weight phlorotannins (PhT) are prone to non-covalent binding to protein. A schematic
representation of both types of interactions is shown in Figure 1. Covalent and non-covalent protein
modifications are reported to have both detrimental and beneficial effects regarding their
techno-functional and nutritional properties. In this thesis, the first aim was to study factors
involved in protein modification by phenolics. For sugar beet leaves, the composition of phenolics
was investigated in relation to brown colour formation. Moreover, the non-covalent binding of PhT
to proteins was studied in model systems. The second aim was to investigate the effect of PhT
supplementation to feed on in vitro ruminal fermentation. In this chapter, the analysis of phenolics
and factors involved in phenolic-mediated protein modification will be discussed in relation to
consequences for both food and feed applications.
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Figure 1 Schematic representation of covalent modification of proteins by phenolics via lysine or cysteine,
resulting in crosslinking of proteins (A) or non-covalent binding of phlorotannins to proline residues via CH-π
stacking (shaded oval), stabilised by hydrogen bridges (dashed lines) (B). The structures shown are
hypothetical, adapted from [1]
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Implications for PPO mediated protein modification
The results obtained in Chapters 2 and 3, indicated that changes in polyphenol oxidase (PPO) activity
and phenolic content and composition influenced the degree of enzymatic browning upon cell
damage and subsequent protein extraction. Both the PPO activity and total amount of phenolics in
the leaves increased twofold when the age of sugar beet plants increased from 3- to 8-months. In
Chapter 2, the total phenolic content in sugar beet leaves was quantified in the crude methanolic
extract using the Folin Ciocalteu (FC) assay, but the twofold increase measured did not explain the
differences in browning observed to a satisfactory extent.

Non-substrate phenolics participate in browning by oxidative coupling and coupled
oxidation
The quantification of individual phenolics in Chapter 3 revealed differences in phenolic composition
between the two plant ages, particularly in the ratio of PPO substrates to non-substrates. These
differences in composition matched well with the PPO mediated browning observed. The results in
this thesis highlight the importance of detailed compositional analysis of phenolics in order to
predict or explain reactivity of phenolics in enzymatic browning reactions.
Often, phenolics are quantified as total phenolics using colorimetric assays, such as the FC assay
(Chapter 2) [2], but this does not provide an accurate prediction of the amount of PPO substrate
present. Individual phenolics can be assayed using chromatographic separation and quantification
by UV-detection at characteristic wavelengths [3] or mass intensity signals (Chapter 3). Within
UV-quantification, the molar extinction coefficient of reference compounds is used. The molar
extinction coefficient at a certain wavelength is compound specific and can vary between
compounds with the same phenolic skeleton. For the caffeic acid derivatives annotated in Chapter
3, the molar extinction coefficients have not been reported. It has been reported that when
chlorogenic acid is bound to a sulfite group, the extinction coefficient decreases from 18.4 M-1cm-1
to 9.4 M-1·cm-1 [4]. Often, quantities are represented as equivalents of the reference compound but
differences in molar extinction coefficient induced by variations in the UV-vis spectrum can result in
under- or overestimations of the individual phenolic content. Additionally, structural information
cannot be obtained from the UV-vis spectrum as this does not provide information on the type of
and position of the substituent. Detailed structural information of isomers can only be obtained by
mass fragmentation.
It was demonstrated (Chapter 3) that the non-enzymatic continuation reactions were the main
drivers for colour formation. The substitution of phenolics determines participation in enzymatic
oxidation, oxidative coupling reactions, or coupled oxidation reactions [5]. The phenolics not able to
act as a PPO substrate, e.g. ferulic acids and caffeic acid glycosides, participated in oxidative coupling
reactions. The PPO substrates, e.g. caffeic acid glycosyl esters, were able to participate in all three
reactions due to their o-dihydroxyl function on the phenolic ring. Phenolics with monohydroxylated
functions, such as coumaric acid- or vitexin derivatives, are potential PPO substrates or participated
in oxidative coupling reactions. The reactivity as a PPO substrate was mainly influenced by
substituents present. In vitexin, the bulky 8-C-glycosyl function induced steric hindrance [6] and
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made vitexin effectively a non-substrate, despite the monohydroxylated B-ring. Due to this and their
inability to form quinones, vitexins could, therefore, only participate in oxidative coupling reactions.
The coupled oxidation reactions were the main drivers for colour formation by formation of large
phenolic complexes. During tea leaf fermentation [5] and browning of fruits [7, 8], these oxidative
coupling and coupled oxidation reactions in relation to colour formation have already been
described. In these studies, however, the focus was mainly on the reactions between PPO substrates
[8], and only potential substrate phenolics were quantified. This PhD thesis underlines that the
composition of non-substrate phenolics should not be neglected, when trying to understand the
browning of leaf materials.

Required conjugate size for browning
In Chapter 3, it was demonstrated that high non-substrate-to-substrate ratios inhibited browning by
the formation of small oxidative coupling products without significant absorbance in the visible
wavelength range (400-800 nm). For instance, the chlorogenic acid-ferulic acid dimers formed
during the model incubations did not absorb in the range from 400-500 nm (Figure 2). During the
reaction, minor amounts of trimers were identified, and insoluble material was formed. The latter
could not be analysed using RP-UHPLC-UV-MS. Due to the low trimer quantity, their PDA spectra
could not be obtained. It has been demonstrated previously [9] that catechin trimers formed upon
oxidation by PPO showed absorbance from 400-550 nm, whereas monomers and dimers did not. At
low non-substrate-to-substrate conditions, nascent phenolics can enter multiple cycles of coupled
oxidation and oxidative coupling, increasing the size of the oligomeric products and create colour
(Chapter 3). The fact that dimeric oxidation products do not yet show colour should be taken into
account when measuring PPO activity colorimetrically. In both Chapters 2 and 3, higher PPO activity
correlated to more browning. In Chapter 2, the PPO activity determinations were based on colour
formation by the oxidised coupling products. The use of colorimetric determination of PPO activity
in the visible wavelength (420 nm is often used [10], Chapter 2) might result in underestimation of
the actual activity. In order to determine enzyme activities as such, oxygen consumption
determinations as performed in Chapter 3 are better, as they do not rely on formation of coloured
conjugates.
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Figure 2 Absorbance spectra of 0.1 mM ChA, 0.1 mM FerA, and a dimer formed from ChA and FerA upon
coupled oxidation during incubation with tyrosinase. As the dimer is formed during oxidation, the exact
concentration is unknown

Participation of phenolics and amino acids in oxidative coupling
The sugar beet leaves under study contained mixtures of phenolics (phenolic acids, flavonoids),
various amino acids, and proteins. An important question is whether the phenolic quinones will
react with nucleophilic amino acid residues (free amino acids [11] or amino acids as part of protein)
or with other nucleophilic phenolics in solution. For potential covalent protein modifications, free
amino acids will not be considered in this discussion. Important factors affecting nucleophilicity of
molecules are the presence of electron donating or withdrawing groups in the structure [12], the
type of solvent, the solvent pH [12] and presence of bulky groups inducing steric hindrance [13].
With such a complex set of parameters affecting nucleophilicity, it is difficult to accurately predict
which compounds in the mixture are most prone to react.
In the model incubations with sugar beet leaf phenolics, the phenolic acid derivatives were more
reactive than the flavonoids as 50% of the phenolic acids participated versus only 30% of the
flavonoids (Chapter 3). Electron donating groups on hydroxycinnamic acids are hydroxyls and
O-methyls. The expected reactivity, based on nucleophilic substituents directly attached to the
phenolic ring and presence of bulky groups within the molecule, decreases: caffeic acid > sinapic
acid > ferulic acid > coumaric acid > vitexin. It has been shown previously [13] that the reactivity of
hydroxycinnamic acid aglycons and flavonoid aglycons depended more on the position and number
of hydroxyl functions than on the phenolic skeleton. The ranking is based on potential reactivity of
the phenolic aglycones. Potential steric effects of substituents are omitted. All the phenolics can
participate in oxidative coupling to quinones. Caffeic acid ester derivatives are the only phenolic
acids present which are able to react with nucleophilic amino acid residues on proteins as these can
form o-quinones. Nucleophilic amino acids on proteins reported to react with o-quinones are
cysteine, lysine, tryptophan [13], tyrosine, proline, methionine and histidine [14]. The sulphur
containing cysteine is expected to be the most reactive due to its high nucleophilicity followed by
lysine, which contains an ε-amino group [15]. Amino acids with carboxylic acid- and aliphatic side
chains are the least nucleophilic [15].
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When non-substrate phenolics and proteins are present, it is likely that both the non-substrate
phenolics and nucleophilic amino acid side chains on proteins participate in oxidative coupling. In
cases that caffeic acid quinones react with e.g. cysteine or lysine, the reduced quinone can
participate in coupled oxidation. The resulting o-quinone can participate in oxidative coupling with
another amino acid residue of the same or a second protein. In case of a second protein, the second
cycle of coupled oxidation and oxidative coupling can ultimately crosslink proteins (Figure 1A) [16],
resulting in increased molecular weights and potential for protein precipitation. It should be noted,
however, that reactivity of cysteine can be limited when poorly accessible inside proteins [17] and
when part of disulfide bridges [18].

Consequences of covalent protein modification in feed applications
As mentioned in the introduction of this thesis, the activity of PPO in forages and grasses can be
used for the benefit in ruminant feed. In food applications, the reaction is referred to as enzymatic
browning, and often undesired. In that respect, it is associated with decreased solubility [19] and
digestibility [20]. The PPO can become active when proteins are extracted (Chapters 2 and 3) or
when silage [21] is created from leafy resources. When silage is produced from grasses or legumes,
it starts with a wilting process. In this step, leaves are cut and aerated. This aeration of damaged
cells allows PPO to work. The resulting attachment of phenolics to proteins has been hypothesised
to be the reason for limited proteolysis during ensiling [22] and during ruminal fermentation [23].
The decrease in ruminal proteolysis is thought to contribute to the increased amount of rumen
escape protein. Consequently, more protein will be available for digestion in the abomasum and
further [22]
Besides covalent modification through PPO activity, proteins can become covalently modified upon
heating (Maillard reaction) [24] and by treatment with formaldehyde [25]. In all situations,
electrophilic groups react with nucleophilic amino acid residues (Table 1). These covalent
modifications can significantly affect the suitability of proteins for both food and feed applications.
Formaldehyde treatment is only applied for feed purposes, and aims to stabilise proteins within the
rumen to protect them from ruminal fermentation.

Table 1 Overview of covalent protein modification treatments and reactive groups involved

Source

Reactive group

Reactive amino acids

Maillard reaction [24]

α-Dicarbonyl

Lys > N-terminal amino groups

Formaldehyde crosslinking [25,
26]

Formaldehyde

Cys2 > Lys > His > Trp > Nterminal group

PPO oxidation [27, 28]

o-Quinone
(also α-dicarbony)l

Cys2 > Lys > His > Trp > Nterminal group > Pro > Tyr

1
2

Amino acids in Italic are essential amino acids
Only Cys which is not part of disulfide bridges can react
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Comparing the reactivity’s of amino acids in all three reactions, attachment of phenolics to proteins
tends to have higher risk for detrimental effects than Maillard reaction, due to the higher
participation of essential amino acids. The initial stage of the Maillard reaction involves carbonyl
formation and attachment of the reducing sugar to lysine. Upon further heating, formation of
α-dicarbonyl Amadori compounds can react with other substituents, mainly amino acids, in the
mixture. Cysteine has been reported in the formation of advanced glycation product [29], formed
during continuation reactions with Amadori compounds formed after linkage of the sugar to the
amino group. During modification of phenolics by PPO, cysteine is expected to react first, when not
present in disulfide bridges, followed by lysine. For both food and feed applications, lysine is an
essential amino acid and its presence and availability needs to be controlled. By overheating [24] or
extensive modification by PPO [30], bioavailability of (essential) amino acids might de decreased.

Factors affecting tannin-mediated protein modification
Structural characterisation of phlorotannins
There is evidence that tannin structure (including size) significantly alters its interactions with
proteins. Techniques for detailed characterisation of both terrestrial and marine tannins are,
therefore, required. In Chapter 4, PhT extracted from L. digitata were successfully analysed using
several techniques, which all provided information regarding tannin structure (Table 2). According
to our knowledge, the DP27 annotated is the largest PhT oligomer identified. MALDI-TOF-MS was a
good tool to be used as it allows characterisation of larger oligomers.
The use of pyrolysis GC-MS was tested for its suitability to analyse the subunit composition of PhT.
Pyrolysis at 650 °C resulted in cleavage of the ether (C-O-C) bonds within phlorethol types of tannins
(data not shown). The fucol type (C-C) of linkages were not fragmented as these would need
pyrolysis at 1100 °C [31], above the maximum temperature of the pyrolyser used (Tmax = 950 °C). As
not all bonds were cleaved, the technique provided solely information on the presence of
phlorotehol types of linkages, and was not conclusive on the presence of C-C linkages. If the desired
high temperatures can be reached and C-C bonds would be cleaved, pyrolysis GC-MS might be used
to quantify the ratio between fucol and phlorethol type of linkages.

Table 2 Overview and applicability of techniques used to characterise the structure of phlorotannins in L. digitata
Technique
13C

NMR
RP-UHPLC-UV-MS
MALDI-TOF-MS
Pyrolysis GC-MS

Information on
Molecular size
+
+
++
--

Linkage type
++
++
-+
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Taking all the results of Chapter 4 together, the combination of 13C and 1H NMR spectroscopy was
the most suitable analytical technique, applicable for determination of the PhT content of the
extract, and to quantify the linkages (C-C, C-O-C) and benzene ring substituents (C-H, C-OH) present.
Additionally, the average number of hydrogens on the phenolic ring provided information on the
structure and indicated presence of branched PhT, phloroglucinol subunits linked to three other
phloroglucinol subunits. The occurrence of these branched PhT has been described before [32] and
some structures were characterised by NMR spectroscopy after acetylation and purification [33].
The fact that branched PhT exist within mixtures aids in the understanding of the complexity of
LC-MS/MS profiles. Nevertheless, LC-MS/MS analysis is not conclusive on the position of the linkages
and the point of branching cannot be identified. Branching of PhT might also influence their affinity
to proteins. Branched PhT are more compact than linear ones, and consequently they display less
rotational freedom of the subunits, and, therewith, lower affinity for proteins.

Phlorotannin isomers binding to proteins
Different PhT are expected to vary in binding affinities towards proteins. The isomers can vary in
their linkage types between subunits, either C-C or C-O-C. Additionally, the subunits can be attached
at different positions on the benzene ring. With respect to each other, subunits can be linked via,
e.g. ortho-, meta or para fashion (Figure 3). Both aspects might influence protein binding.
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Figure 3 Phloroglucinol trimers with subunits connected via ortho- (A), meta- (B) and para- (C) fashion

The binding of tannins to proteins occurs via hydrophobic interaction (stacking) and subsequent
stabilisation by hydrogen bridges between the phenolic rings and the proline residues of the protein
(Figure 1B). Rotational freedom of tannin subunits and intermediate tannin size are positively
correlated to binding affinity to proteins [34]. Both the linkage types and linkage fashions influence
the PhT flexibility. Within the linkage types, C-O-C linked subunits are expected to be more flexible
than C-C linked subunits. The ether contains two linkages around which free rotation is possible. For
the various linkage fashions, the order of flexibility is expected to have the following order: para >
meta > ortho. The former two are expected to be less affected by steric hindrance. The o-connected
isomers have the phenolic rings close to each other, decreasing ability to orient themselves towards
the protein molecule. Within individual phloroglucinol oligomers, the subunits are not necessarily
linked by a single linkage type or single fashion. Together with branching, the various bonds
between subunits (C-C, C-O-C) and the various fashions by which the subunits are connected make it
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difficult to predict the binding affinity of PhT mixtures for proteins, not in the least because it is
difficult to analyse the precise composition of the PhT mixture.
In Chapter 3, the coupling of phenolics to each other via repeated cycles of oxidative coupling and
coupled oxidation was described. This process creates large phenolic structures which do resemble
tannins to a certain extent. The structures are high in molecular weight with increased
hydrophobicity and do contain phenolic groups. These properties make non-covalent interaction
between the enlarged phenolic structures and proteins likely (Figure 1B). These aspects should be
considered when the application of PPO modified protein extracts is studied

Assay phlorotannin-protein binding affinity
By studying the binding between PhT and proteins using fluorescence quenching and protein
precipitation in Chapter 5, the first direct evidence for interaction between these molecules was
provided. The fluorescence quenching assay was conducted using a microplate set-up, scaling down
conventional fluorescence quenching assays [35-37]. It allowed the use of small sample volumes
and, therefore, allowed for rapid screening of binding affinities under various conditions. In
conventional fluorescence quenching assays, the ligands are often stepwise titrated into the protein
solution [35], or mixtures are prepared in large volumes within cuvettes [38]. The former is a time
consuming process as only one sample at a time can be measured. The large sample volumes
required in the latter method can be a disadvantage when low amounts of phenolic ligand are
available. These methodologies are therefore less applicable for screening purposes. A potential
complicating factor in the study of tannin-protein interaction by fluorescence quenching are inner
filter effects. An important cause for inner filter effects are the absorbance of quenchers in the
wavelength range of emission [39]. When substantial absorbance takes place, the fluorescence
intensity measured needs to be corrected for ligand absorbance at both excitation and emission
wavelength [35]. For PhT (Chapter 5), only minor corrections were needed as the tannins showed
minor absorbance at the emission wavelength used (λem = 350 nm).
Besides fluorescence quenching, techniques such as isothermal titration calorimetry (ITC) [34],
ultrafiltration [40], mass spectrometry [41] and NMR spectroscopy [42] are used for analysis of
tannin-protein interactions. For bimolecular tannin-protein systems, ITC is a suitable technique [34].
Together with conventional fluorescence quenching assays [35], ITC is seen as low throughput
method and not suitable for the analysis of PhT mixtures. In this laboratory, ultrafiltration has been
applied for bimolecular systems [40]. For phlorotannins it was found to be not suitable as the high
hydrodynamic volumes of tannins clogged the membrane pores. Additionally, the tannins interacted
with the cellulosic membrane material [43]. LC-MS can be useful when binding of tannin mixtures to
proteins is studied, to identify preferential binding. The results obtained in Chapter 4 highlighted
that UHPLC-MS was not sufficient in analysing all the tannins present due to the high numbers of
isomers and limiting detection range of the mass detector and, therefore, UHPLC-MS was not
applicable for binding studies. NMR spectroscopy can be used to determine the phenolic’s binding
site within a protein, visualised by specific chemical shifts, but it requires high sample volumes and it
is sensitive to precipitations [44]. Overall, fluorescence quenching appears to be the most suitable
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method when phlorotannins are to be assayed, given that the protein under study contains at least
one tryptophan residue.

Protein precipitation by tannins and effects on post-rumen digestibility
In Chapter 5, the re-solubilisation of the protein from the insoluble PhT-protein complexes upon
changes in the pH was shown to be mainly dependent on protein solubility. The presence of PhT
widened the pH range for precipitation from 0.5 to 1-1.5 pH unit around the proteins’ pI. Due to
structural similarities between terrestrial and marine tannins (high abundance of hydroxyl groups
and high molecular weight [1]), the broadening of the pH range for protein precipitation observed
for PhT was similar to that for terrestrial hydrolysable and condensed tannins [45]. When the pH
decreased far (≥ 2 pH units) below the pI, electrostatic interactions were sufficient to induce
tannin-protein complex re-solubilisation with globular proteins such as BSA. The random coil
β-casein showed poor re-solubilisation, probably related to protein-protein interactions rather than
tannin presence.
The precipitation and re-solubilisation of proteins and therewith potential influence on post-rumen
protein digestibility are probably dependent on the types of proteins present in the feed. Feed
proteins are usually a mixture of different proteins with varying pI values. Proteins consumed by
ruminants originate from forages and from soy or rapeseed present in the concentrate supplements
[46]. Within the forages, approximately 70% of the proteins in forages resemble rubisco which has a
pI between 5.1-5.7 [47]. The pI of soybean proteins ranges between 4.5-5.6 [48] and those of
rapeseed have a wide pI range between 5.2-8 [49]. At the normal ruminal pH of 6-7, these proteins
are predominantly present in an insoluble form when bound to tannins, despite their pI values
below the rumen pH. In a previous study [50], pepsin (pI 2.0-2.8 [51]) and lysozyme (pI 11.35 [52])
were used as models for acidic and alkaline proteins, respectively. There was minor protein
precipitation by tannins at pH 6-7 for both proteins [50]. It can, therefore, be postulated that
potential feed proteins with pI values in the acidic or alkaline range are less likely to be present in an
insoluble tannin-protein complex within the rumen as these proteins are still sufficiently charged. In
the acidic abomasum, insoluble proteins regain their charge and electrostatic repulsions will bring
the proteins and bound tannins back into solution. It might be assumed that soluble tannin-protein
complexes are easier to degrade by proteases than insoluble complexes.

Practical applicability of phlorotannin from L. digitata
The NH3 and CH4 mitigating properties of PhT in Chapter 6 showed that PhT can be applied as
effective strategy in creating ruminal escape protein and decrease CH4 excretion. The effective
dosages required for reduction in CH4 and protein protection for terrestrial HT [53] were lower and
more effective than terrestrial CT and PhT. These hydrolysable tannins, however, can be
metabolised within both the rumen [54] and further down the GI tract [55]. Tannases, produced by
microorganisms in the gastrointestinal tract, are able to utilise HT and produce volatile fatty acids
which can then, when absorbed by the animals, be further used in the citric acid cycle to provide
energy [56]. The microbial fermentation also contributes to the higher toxicity level of HT [57], as
the metabolites formed can be toxic. Terrestrial CT are only metabolised to a minor extent [58]. For
PhT, metabolism has, to our knowledge not been reported in the scientific literature. Due to the
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highly condensed structure, metabolism of the oligomers seems unlikely. The terrestrial CT and PhT
were equally effective in CH4 reduction and PhT were slightly less effective in protein protection.
Despite the slightly lower effectiveness in protein protection, the applicability of PhT in ruminant
feed seems feasible, due to low risks of becoming toxic.
The effects of PhT were assayed in vitro, using a 60% pure PhT extract (Chapter 4). Even though the
PhT were highly effective in protecting dietary protein from ruminal degradation, the application of
such a highly purified extract would be challenging in practice. The gross composition of L. digitata
used in this thesis is provided in Table 3. The protein content was determined by DUMAS with a
nitrogen-to-protein conversion factor of 5.13 [59]. The fat content was determined gravimetrically
by extraction in chloroform/methanol [60]. The ash content was not determined, but in literature it
was estimated to be 30% DM [61].

Table 3 Macro and micronutrient composition of L. digitata before and after extraction of alginates

1

Nutrient (g/kg DM)

L. digitata

Residue after alginate extraction

protein and non-protein nitrogen
Carbohydrate
Fat
Phlorotannin
Ash

142
468
45
45
300 1

266.9
84.6
84.6
563.9

Ash content taken from Schiener et al. 2015

Assuming that a lactating dairy cow of 680 kg consumes roughly 28 kg dry feed on a daily basis [62],
of which 4.5 kg is nitrogenous material and PhT are incorporated at 40 g/kg diet, the daily tannin
intake would be roughly 1.1 kg. The PhT content of L. digitata is approximately 45 g/kg DM. To
extract the required 1.3 kg PhT and creating a 60% pure extract, 24.8 kg dry seaweed would be
needed. The DM content of macroalgae is approximately 150 g/kg fresh weight [63]. To reach the
daily tannin amount, ~166 kg fresh L. digitata would be needed, which is challenging in practice.
When a side stream after extraction of carbohydrates (often performed in hot acid or alkaline
solutions [64]) would be used, the picture changes. Cell wall bound PhT are extracted in alkaline or
acidic solutions without hampering the tannin structure [65]. After extraction of carbohydrates, the
remaining pellet is enriched in PhT and proteins. The contents of all nutrients are roughly doubled
(Table 3). When this pellet is taken as such or as a starting point for further purification, the
macroalgae have increased applicability. Its applicability, however, is still challenging in practice. The
application of the residue can theoretically provide substantial amounts of protein and other
nutrients (Table 4). In order to meet the daily tannin requirements, 13.2 kg of the residue has to be
fed. At these levels, however, there is overfeeding of ash (Table 4). Additionally, it is likely that the
proteins present in the residue have a decreased value due to the hot acidic or alkaline extraction
treatment. Proteins have usually limited stability at these conditions [18]. Due to the decreased
protein quality and the overfeeding of ash, further purification of the tannins by an additional
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extraction step in organic solvent would be beneficial, to decrease the ash content and enrich the
extract in PhT.
Despite the effectiveness of PhT in feed, practical applicability of L. digitata PhT as purified extract
or side stream after carbohydrate extraction is challenging as the PhT content in L. digitata is
generally low. The use of macroalgae which are higher in PhT content are in that respect preferred.
Examples of other species are Ascophyllum nodosum and Ecklonia cava, containing ∼9% [66] and
∼20% [67] PhT on a dry matter basis. The resulting residue after carbohydrate extraction would yield
a higher tannin content in the residue, decreasing feeding requirements. There is, however, still
extensive processing required. These high processing and feeding requirements limit the
applicability of brown macroalgal tannins with the purpose PhT addition to the ruminant’s diet.

Table 4 Daily intake of nitrogen, carbohydrates, fats, ash and phlorotannins by lactating dairy cow and supply of
these by addition of the residue of L. digitata after carbohydrate extraction
Nutrient

Total daily intake 1 (kg)

Supply by residue after extraction 2 (kg)

Nitrogen
Carbohydrate
Fat
Ash
Phlorotannin

4.5
18.8
1.2
2.2
1.3

3.5
1.3
7.4
1.3

Daily intake is based on a lactating cow of 680 kg, consuming 27.3 kg DM feed [62]
(phlorotannins not included)
2
Supply is based on feeding 13.2 kg of the L. digitata residue after carbohydrate extraction
1

Prospects
Green protein resources as animal feed
The determination of the amino acid composition of sugar beet leaf proteins in Chapter 2 showed
that these have a good amino acid composition to be applied in food and feed. After extraction, the
proteins can be applied in pet food or young animals. When applied as silage or just as the
unprocessed source, the resources can be utilised in ruminant feed. When ruminants are
considered, lysine and methionine are usually the first limiting amino acids [46, 68]. The amino acid
composition of sugar beets is comparable to that of soybeans, being slightly higher in lysine and
slightly lower in arginine content (Table 5). Just like rye grass, sugar beet leaf proteins contain more
lysine than red clover and corn. With respect to the high similarity between amino acid composition
of sugar beet leaf and soy, sugar beet leaf proteins are a very good source for replacement of
soybean proteins. In all cases, the cysteine content is limited [17].
For L. digitata, the amino acid composition was not determined and values from literature were
used. Macroalgae harvested in colder climates had similar lysine and a higher methionine content
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[69-71] compared to soy. Macroalgae collected in warmer climates contain more lysine than soy, but
have a similar methionine content [56] (Table 5). Despite the lower lysine content in macroalgae
than in soy, macroalgal proteins are still potentially valuable for animal feed purposes. They might
be used to supplement lysine poor corn.
When the proteins from sugar beet leaves and L. digitata can be extracted without modification of
proteins by phenolics, either covalently via PPO or non-covalently via PhT, respectively, the extracts
might be applied in food for pets or young animals. For these purposes, leafy resources with low
PPO activity, low phenolics content and high phenolic non-substrate-to-substrate ratio are useful.
These resources do not show extensive browning and polymerisation of phenolics (Chapter 3).
Regarding macroalgal applications, brown ones are less suitable for protein extraction due to
relatively low protein content and presence of PhT. Other macroalgal sources, e.g. green and red,
are more suitable as these are higher in protein content and do not contain PhT [63].

Table 5 Composition of essential amino acids and cysteine in agricultural and marine resources
Source
Soybean b
Corn silage
Rye grass

b

Arg

His

Ile

Leu

Lys

Met

Phe

Thr

Trp

Val

Cysa

7.3

2.8

4.6

7.8

6.3

1.4

5.3

3.9

1.3

4.6

1.5

1.9

1.8

3.3

8.6

2.5

1.5

3.8

3.2

1.2

4.4

1.3

6.0

2.2

4.7

9.4

5.6

2.2

5.7

5.2

n.d.

6.5

1.4

Red clover d

4.4

3.1

4.8

6.9

4.7

1.9

3.9

1.7

1.3

4.1

1.8

Sugar beet leaf e

5.4

3.2

4.9

9.3

6.2

2.2

5.9

5.1

n.d.

6.2

1.9

L. digitata (Norway) f

5.5

1.9

4.3

8.4

5.9

2.9

5.5

6.1

n.d.

5.8

n.d.

L. digitata (Japan) g

5.3

4.3

4.7

8.0

8.6

2.7

5.1

6.1

0.3

10.8

2.0

c

Composition expressed as % total protein
n.d. = not determined
a

Cys is not an essential amino acid but can participate in covalent protein modification

b NRC

2001, c Edmunds (2012) d Purwin (2015) 2 Chapter 2, f Mæhre (2014), g Kolb et al. (2004)

Applications for covalently and non-covalently modified proteins
When proteins are modified during processing, or when resources are fractionated into fractions
enriched in e.g. PhTs, both resources can be applied in ruminant feed. Modification of proteins by
phenolics provide opportunity to protect protein from ruminal degradation and can in some cases
even mitigate CH4 excretion.
For sugar beet leaves, their application after ensiling is most promising. Ensiling allows PPO to be
active and create covalently modified protein. Additionally, ensiling is an economically valuable
process due to limited processing [72]. Especially the leaves with low non-substrate-to-substrate
ratio are suitable, as these showed extensive browning, polymerisation of phenolics and potentially
attachment of phenolics to proteins. In vivo, the use of silage from red clover in which PPO had been
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active reduced the ruminal NH3 content by 20-66% with respect to silages from alfalfa, which is
known to contain no PPO [21, 73]. It might even be considered to ensile corn or other forage
sources in presence of these leaves. For the co-ensiling of alfalfa and red clover, nitrogen utilisation
and rumen NH3 improved compared to ensiling either alfalfa or red clover alone [21]. Overall, the
feeding improvement effects were related to decreased ruminal protein digestibility rather than
carbohydrate digestibility. The total dry matter digestibility, VFA production and the
acetate-to-propionate ratios were not affected by covalently modified proteins, but the proportions
of branched chain fatty acids decreased [74], indicating decreased protein breakdown. Additionally,
the polymerisation of phenolics via oxidative coupling and coupled oxidation might create tannin
like compounds providing opportunity for non-covalent protein modification. The extent at which
this occurs is unknown.
For macroalgae, application of purified PhT or extracts enriched in PhT are useful. In vivo and in situ
trials using proteins non-covalently modified by CT from quebracho (83 g/kg DM feed) showed a
25% reduction in ruminal NH3 concentration without influencing the overall protein digestibility [75].
Application of condensed tannins from Lotus species (22-55 g/kg feed DM) increased duodenal flow
of NH3 by 27-62%. Higher doses (75-100 g/kg DM feed) reduced concentrations even further, but
hampered voluntary feed intake and weight gain [76]. In all cases, both carbohydrate and protein
fermentation were affected. The former correlated to decrease in CH4 formation.
In Table 5, the consequences of covalent and non-covalent protein modification for application in
ruminant feed are compared. Based on the scientific literature and the results of Chapter 6, the
application of tannins seems to be more beneficial than the use of PPO modified proteins related to
the additional decrease in CH4. Additionally, the ability to control the extent of modification [73] is
important. It is likely that high PPO activity and PPO substrate contents combined with long
incubation times increase the risk of over-modification of the protein and significant loss of amino
acid bioavailability [27].

Table 6 Comparison between applicability of PPO modifications and tannins in protecting protein from ruminal
fermentation
Protein protection
CH4 mitigation
Availability essential amino acids
Ability to control modification
Toxicity
Endogenous enzyme activity
Phenolic composition and content
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PPO modification

Tannins

Yes
Unknown
Lys availability ↓
Challenging due to non-enzymatic
continuation reactions
No
Variable
Variable

Yes
Yes
Not affected
By dose adjustment
Potentially
Not relevant
Variable

GENERAL DISCUSSION
To summarise, the potential application of sugar beet leaves and macroalgae in food and feed
require different strategies regarding control of protein modification. For food and animal feed
applications requiring high protein quality, browning and covalent protein modification is undesired
as these aspects are attributed to decreased protein quality regarding techno-functionality and
nutritional value. For these purposes, leafy resources high in non-substrate-to-substrate ratio or
leafy resources in which the activity of PPO is inhibited (e.g. by sulphite [77]), are useful.
Alternatively, green and red macroalgae can be considered as these are usually higher in protein
content and lack tannins [63]. For feed applications, covalent modification of proteins can be
beneficial as the modified proteins are more resistant against ruminal fermentation. Non covalently
modified proteins, by PhT from seaweeds are preferred over covalently modified proteins as the
non-covalent modification has additional benefits in addition to formation of rumen bypass protein:
it hinders CH4 formation, does not involve losses of amino acid bioavailability and dosage can be
better controlled.
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SUMMARY
With the increasing world population, the demand for food and feed proteins increases. The use of
novel plant based and marine protein resources has been increasingly investigated. These resources
can be fractionated into streams enriched in proteins and the fractions can be applied in food and
feed products. Plant and marine resources contain phenolic secondary metabolites (including
tannins) which can interact with proteins, altering their functional and nutritional properties. In
order to maintain the desired quality of the protein extracts, knowledge on the factors affecting
such modification by phenolics need to be unraveled. Hence, the first aim of this thesis was to study
factors potentially involved in protein modification (both covalently and non-covalently) by
phenolics. The second aim was to investigate the effect of tannin supplementation to feed on in
vitro ruminal fermentation, and to link this to the altering pH conditions throughout the ruminant’s
digestive system.
In Chapter 1, sugar beet leaves (Beta vulgaris ssp vulgaris) as terrestrial and the brown seaweed
Laminiaria digitata as marine resource of proteins were explored for their applicability as ingredient
in food and feed, as well as the composition of phenolic compounds of these resources and factors
influencing the applicability of these resources. Proteins in sugar beet leaves can become covalently
modified by relatively small phenolics in presence of polyphenol oxidase (PPO). In L. digitata, the
phenolic compounds are represented by oligomeric phlorotannins (PhT), which can alter protein
properties by non-covalent binding. The changes in functional and nutritional properties of modified
proteins are usually associated with deterioration of protein quality. Nevertheless, the modification
of proteins might also be applied for the benefit in ruminal fermentation.
In Chapter 2, sugar beet leaves differing in variety, growing environment (field and greenhouse) and
plant age (3, 6 or 8 months old) were used. The focus was on the variation in chemical composition
of these leaves combined with the quantity and quality of proteins extracted. Within the same
variety, the gross composition was not affected by plant age; protein contents were 10-22% w/w
DM, depending on the variety. Variation in nitrogen extractability was 28-56%, and did not show a
relation to plant age. The plant age significantly affected the enzymatic browning in which proteins
extracted from young plants (3 months) were yellow and those from old plants (6 and 8 months)
were brown. Both the yellow and brown protein extracts contained active PPO. There were twofold
increases in PPO activity and total phenolics content with age, independent of the variety. The
occurrence of enzymatic browning could not be explained by variation in gross composition as such.
An in depth analysis on the phenolics composition and their quantities present in 3 month (3m) and 8
month (8m) old sugar beet leaves was performed by RP-UHPLC-MS in Chapter 3. From 3m to 8m,
there was 6.7 fold increase in PPO activity towards endogenous substrates; total phenolic content
increased twofold. The PPO substrate content increased from 0.53 to 2.45 mg/g FW from 3m to 8m,
respectively. Caffeic acid glycosyl-esters were the most important, increasing tenfold with age. In
addition to substrate phenolics, non-substrate phenolics played an important role in enzymatic
browning through participation in oxidative coupling and coupled oxidation reactions. Rather than
the absolute amounts of phenolics, it is postulated that enzymatic browning was driven by the
non-substrate-to-substrate ratio. These ratios determine the number of consecutive oxidative
coupling and coupled oxidation cycles taking place and hence the size of the conjugated system of
the coupling products. In 3m and 8m the non-substrate-to-substrate ratios were 8:1 and 3:1,
respectively. A model system using these ratios showed browning at the 3:1 molar ratio, due to
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formation of phenolics with extensive conjugated systems through numerous oxidative coupling and
coupled oxidation cycles.
In Chapter 4, several analytical techniques were employed to characterise and quantify PhT in L.
digitata. The combined use of 13C NMR and 1H NMR spectroscopy was suitable for determination of
the fucol and phlorethol linkage ratios and sample purity. The fucul:phlorethol linkage ratio was 1:26
and the extract contained 60% (w/w) of PhT. The purity determined by NMR spectroscopy allowed
determination of a correction factor to be applied in the colorimetric DMBA assay. The response of
the oligomeric mixture was 12 times lower than that of the PhT monomeric subunit phloroglucinol.
Further structural information was obtained by ESI-MS. Structural isomers of PhT oligomers up to
DP18 were annotated and the presence of several isomers hinted at branched phloroglucinol
oligomers. The use of MALDI-TOF-MS allowed annotation of PhT up to DP27.
Tannins are known to modulate protein nutritional properties due to non-covalent binding to
proteins. Throughout the ruminant’s digestive tract the pH varies. Therefore, the effect of pH on
complex formation between PhT and proteins was investigated in Chapter 5. The use of
fluorescence quenching was employed to compare the binding of PhT to β-casein and bovine serum
albumin (BSA) with pentagalloyl glucose (PGG) and ellagic acid (EA). Phlorotannins and PGG showed
binding affinities for the two proteins in similar orders of magnitude, whereas EA showed lower
binding affinity. The binding of PhT to both β-casein and BSA were independent of pH. Within a
precipitation assay, PhT-protein complexes aggregated at high tannin-to-protein ratios and
broadened the pH range of protein precipitation from 0.5 pH unit to ∼1.5 pH unit around the pI of
the proteins. Protein re-solubilisation from complexes versus pH was studied in presence and
absence of the tannin binding agent polyethylene glycol (PEG). After preparing the PhT-protein
complexes at ruminal pH of 6.0, complete re-solubilisation was observed for BSA at pH 2, and for
β-casein at pH 7. Complete protein re-solubilisation coincided with partial tannin re-solubilisation,
hinting at potential re-complexation or re-solubilised PhT and proteins. These results suggest that
some proteins might escape ruminal fermentation (pH 6-7) by binding to PhT. In the abomasum (pH
2-3), these proteins can become available for further digestion and absorption.
The application of the extracted PhT as agent to improve ruminal fermentation was assayed in
Chapter 6. The effects were visualised by creating a dose-response curve (10, 20, 40, 50, 75 and 100
g PhT/kg tannin free grass silage) in vitro, including and excluding the tannin binding agent PEG. The
reduction of CH4 production and NH3 concentration were used as parameters to study decrease in
methanogenic activity and protection of protein from ruminal fermentation, respectively. The
optimal dosage of PhT was 40 g/kg grass silage. At this point. CH4 decreased significantly from 24.5
to 15.2 mL/g organic matter), without significantly affecting fermentation performance as
determined by total gas production and formation of volatile fatty acids. The concentration of NH3
decreased from 0.49 to 0.39 mmol/g organic matter, indicating protection of dietary protein.
Addition of PEG inhibited the effect of tannins and did not change the fermentation parameters
compared to the control. Effectiveness of PhT was compared to terrestrial hydrolysable and
condensed tannins on a molar basis using literature data. Phlorotannins behaved similar to
condensed tannins with respect to CH4 reduction and protein protection. The hydrolysable tannins,
however, seemed more effective.
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In Chapter 7 the methodology applied to characterise and quantify phenolics within mixtures was
further discussed, together with a discussion on the potential nutritional effects of both covalentand non-covalent protein modification. Phenolics appear to have potential with respect to protein
modification. In sugar beet leaves, the composition of potential substrates and non-substrates for
PPO affected browning. The oxidised phenolics might engage in covalent protein modifications by
binding to nucleophilic amino acid side chains in the protein. Within L. digitata, the PhT allowed
binding to proteins and formation of insoluble PhT-protein complexes at ruminal pH. The insoluble
complex formation improved ruminal fermentation.
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SAMENVATTING
Met de toename van het aantal wereldbewoners stijgt ook de vraag naar eiwitten voor gebruik in de
levensmiddelen- en diervoedingsindustrie. In dit kader worden plantaardige en mariene
eiwitbronnen steeds vaker onderzocht. Via fractionering van deze bronnen kunnen extracten
verkregen worden die verrijkt in eiwitten als ingrediënt in andere producten gebruikt kunnen
worden. Naast eiwitten bevatten plantaardige en mariene bronnen secundaire metabolieten,
waarvan polyfenolen (incl. tannines) een onderdeel zijn. Polyfenolen kunnen aan eiwitten binden en
zo de functionele en nutritionele eigenschappen beïnvloeden. Om de gevraagde eiwitkwaliteit te
behouden is het van belang kennis op te doen over de factoren die een rol spelen bij deze
modificatiereacties. Het eerste doel van dit onderzoek was het bestuderen van factoren die invloed
hebben op de eiwitmodificatie door polyfenolen (covalent en niet-covalent). Het tweede doel was
het bestuderen van de invloed van het toevoegen van tannines aan diervoeding op de in vitro pensfermentatie, in samenhang met de verschillende pH condities in het verteringssysteem van
runderen.
Hoofdstuk 1 bespreekt blad van suikerbiet (Beta vulgaris ssp vulgaris) als plantaardige eiwitbron en
het bruin zeewier Laminiaria digitata als mariene eiwitbron in relatie tot hun toepasbaarheid als
ingrediënt in levensmiddelen en diervoeding. Factoren die een rol spelen bij de eventuele
bruikbaarheid zijn de aanwezigheid en samenstelling van polyfenolen. Suikerbietenblad bevat kleine
polyfenolen en polyfenol oxidase (PPO) waardoor de aanwezige eiwitten covalent gemodificeerd
kunnen worden. L. digitata, bevat polyfenolen in de vorm van oligomere phlorotannines (PhT),
welke de eiwit eigenschappen veranderen via niet-covalente binding. De veranderingen van
gemodificeerde eiwitten worden over het algemeen geassocieerd met verlies van functionele- en
nutritionele eiwitkwaliteit. Desalniettemin zouden gemodificeerde eiwitten bij kunnen dragen aan
het verbeteren van de pens-fermentatie in runderen.
In Hoofdstuk 2, wordt blad van suikerbiet met variatie in ras, groeiomstandigheden (akker en kas)
en leeftijd van de plant (3, 6 of 8 maanden oud) vergeleken. De focus lag op de variatie in chemische
samenstelling van het blad in combinatie met de kwantiteit en kwaliteit van de geëxtraheerde
eiwitten. Binnen een ras had leeftijd van de plant geen effect op de chemische samenstelling;
eiwitgehaltes varieerden van 10-22% w/w droge stof, afhankelijk van het ras. Variatie in
extraheerbaarheid van stikstof was 28-56%, en niet gerelateerd aan de leeftijd van de plant. De
leeftijd van de plant had een significant effect op enzymatische bruinkleuring; eiwitten geëxtraheerd
uit blad van jonge planten (3 maanden) waren geel en die uit oude planten (6 en 8 maanden) waren
bruin. De gele en bruine eiwitextracten bevatten beiden actief PPO met een verdubbeling van PPO
activiteit en totaal polyfenolgehalte met toename in leeftijd, onafhankelijk van het ras. Het ontstaan
van bruine eiwit extracten kon niet verklaard worden door de variatie in chemische samenstelling.
In Hoofdstuk 3 wordt bestudeerd of de verschillen in bruinkleuring verklaard kunnen worden door
variatie in polyfenolsamenstelling en gehalte. Deze parameters zijn bepaald in blad van suikerbiet
van 3- (3m) en 8 maanden (8m) oude planten, door gebruik te maken van RP-UHPLC-UV-MS. Van 3m
naar 8m was er 6.7 maal toename in PPO activiteit voor endogene substraten; het totaal polyfenol
gehalte verdubbelde. Het PPO substraatgehalte steeg van 0.53 in 3m naar 2.45 mg/g vers gewicht in
8m. koffiezuur glycosyl-esters waren de belangrijkste substraat polyfenolen, en het gehalte
vertienvoudigde met leeftijd. Naast de substraat polyfenolen spelen de niet-substraat polyfenolen
een belangrijke rol in enzymatische bruinkleuring via oxidatieve koppeling en gekoppelde oxidatie
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reacties. Hierdoor ontstond het idee dat niet het totaal gehalte aan polyfenolen verantwoordelijk is
voor bruinkleuring maar dat deze reactie gestuurd wordt door de niet-substraat-tot-substraat ratio.
De ratio bepaalt het aantal opeenvolgende cycli van oxidatieve koppeling en gekoppelde oxidatie en
daarmee de grootte van het geconjugeerde systeem van de gevormde koppelingsproducten. In 3m
en 8m waren de niet-substraat-tot-substraat ratio’s op mol-basis respectievelijk 8:1 en 3:1. In een
model systeem, gebruikmakend van deze ratio’s, was er bruinkleuring bij een 3:1 ratio doordat er
complexen met grote geconjugeerde systemen gevormd werden via vele cycli van oxidatieve
koppeling en gekoppelde oxidatie.
In Hoofdstuk 4 worden de PhT in L. digitata gekarakteriseerd en gekwantificeerd door middel van
verschillende analytische technieken. Door 13C NMR en 1H NMR spectroscopie te combineren
konden de fucol:phlorethol verbindingsratio’s en de zuiverheid van het extract bepaald worden. De
fucul:phlorethol verbindingsratio was 1:26 en het extract bevatte 60% (w/w) PhT. De zuiverheid van
het extract, bepaald via NMR spectroscopie werd gebruikt om een correctiefactor voor de
colorimetrische DMBA assay te bepalen. De reactiviteit van het mengsel van PhT was twaalf maal
lager dan dat van het PhT monomeer phloroglucinol. De PhT structuur werd verder ontrafeld via
ESI-MS waarbij structuur isomeren van PhT oligomeren tot DP18 konden worden geannoteerd. De
aanwezigheid van verschillende isomeren maakt het aannemelijk dat vertakte phloroglucinol
oligomeren aanwezig zijn. Het gebruik van MALDI-TOF-MS maakte het mogelijk oligomeren tot DP27
te annoteren.
Door non-covalente binding aan eiwitten kunnen tannines de nutritionele eigenschappen van
eiwitten beïnvloeden. Hoofdstuk 5 beschrijft de invloed van de pH op deze complex formatie en
modelleert de verschillende pH milieus in het verteringskanaal van runderen. De binding van PhT
aan β-caseïne en runder serumalbumine (BSA) werd vergeleken met de eiwitbinding van
pentagalloyl glucose (PGG) en ellaginezuur (EZ) door gebruik te maken van ‘fluorescence quenching’.
De bindingsaffiniteiten van PhT en PGG voor beide eiwitten lagen in dezelfde orde van grootte en
waren hoger dat die van EZ. De bindingsaffiniteiten van PhT aan β-caseïne en BSA waren
onafhankelijk van pH. Met een precipitatie test werd aangetoond dat PhT-eiwit complexen
neersloegen bij hoge tannine-tot-eiwit ratio’s en dat het pH gebied voor eiwit precipitatie zich
verbreedde, van 0.5 pH eenheid tot ~1.5 pH eenheid rondom de pI van de eiwitten. De mate waarin
eiwitten terugkwamen in oplossing vanuit de onoplosbare complexen werd bekeken in relatie tot de
pH in aan- en afwezigheid van de tannine-binder polyethylene glycol (PEG). Na het vormen van de
PhT-eiwit complexen bij pens pH van 6.0 kwam alle BSA bij pH 2 en alle β-caseïne bij pH 7 terug in
oplossing, onafhankelijk van de aanwezigheid van PEG. In deze situaties kwam PhT ten dele terug in
oplossing. Dit wees op mogelijke complexvorming tussen her-opgeloste eiwitten en PhT. De
resultaten suggereren dat sommige eiwitten beschermd kunnen worden tegen pens fermentatie (pH
6-7) door gebonden te worden door PhT. In de lebmaag (pH 2-3) kunnen deze eiwitten weer
beschikbaar komen voor verdere vertering en absorptie.
Hoofdstuk 6 onderzoekt hoe een PhT extract ingezet kan worden om de pens fermentatie te
verbeteren. De effecten werden zichtbaar via een dosis-respons curve (10, 20, 40, 50, 75 en 100 g
PhT/kg tanninevrij kuilgras) in vitro, met en zonder toevoeging van PEG. De afname in CH4 productie
werd gebruikt als maat voor afname in methanogene activiteit, de afname in NH3 concentratie als
maat voor het beschermen van eiwitten tegen pens fermentatie. De optimale dosering van PhT was
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40 g/kg kuilgras. Bij deze dosering daalde het CH4 gehalte significant van 24.5 naar 15.2 mL/g
organische stof (OS), zonder de kwaliteit van de fermentatie (gemeten als totaal geproduceerd gas
en formatie van vluchtige vetzuren), negatief te beïnvloeden. De NH3 concentratie daalde van 0.49
naar 0.39 mmol/g OS, wat duidde op bescherming van eiwitten. Toevoeging van PEG ging de
werking van pHT tegen en er was daardoor geen effect van het toevoegen van PhT op de kwaliteit
van fermentatie ten opzichte van de controle. De effectiviteit van PhT is vergeleken met die van
plantaardige hydrolyseerbare en gecondenseerde tannines op molaire basis via gegevens uit de
literatuur. Phlorotannines en plantaardige gecondenseerde tannines hadden vergelijkbare effecten
wat betreft vermindering in CH4 en het beschermen van eiwitten. De hydrolyseerbare tannines
daarentegen, leken meer effect te hebben op de pens-fermentatie.
Hoofdstuk 7 evalueert de methodologie die gebruikt is om polyfenolen in mengsels te
karakteriseren en te kwantificeren. De mogelijke nutritionele effecten van covalente en
niet-covalente modificatie van eiwitten door polyfenolen worden bediscussieerd. Polyfenolen
hebben zeker de mogelijkheid om de nutritionele eigenschappen van eiwitten te beïnvloeden. In
blad van suikerbiet was er het effect van de PPO substraat-tot-niet-substraat ratio op het ontstaan
van enzymatische bruining. De geoxideerde polyfenolen kunnen eiwitten covalent veranderen door
te binden aan nucleofiele zijketens van aminozuren in het eiwit. In L. digitata, zorgen de PhT voor
het vormen van onoplosbare complexen door te binden aan eiwit bij pH van de pens. De
onoplosbare complexen verbeteren pens-fermentatie.
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