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List of abbreviations

General
ACP		  acyl-carrier protein
ADP 		  adenosine-5′-diphosphate
AMP		  adenosine 5’-monophosphate
ATP		  adenosine-5′-triphosphate
BCA		  bicinchoninic acid
BOG		  n-octyl β-D-glucopyranoside
CD		  circular dichroism
CTD		  C-terminal domain 
CP		  carrier protein
DBD		  DNA-binding domain
DCPIP		  dichlorophenolindophenol
DMF		  dimethylformamide
DMSO		  dimethylsulfoxide
EC		  Enzyme Commission
ESI-MS		  electron spray ionization mass spectrometry
EtOH		  ethanol
FAD		  flavin adenine dinucleotide
FMN		  flavin mononucleotide 
GSA		  glutamic semialdehyde
GuHCl		  guanidinium hydrochloride
LB		  Luria-Bertani
LC-MS/MS	 liquid chromatography-tandem mass spectrometry
MBP		  maltose-binding protein
NAD		  nicotinamide adenine dinucleotide
NADP 		  nicotinamide adenine dinucleotide phosphate
NMR		  nuclear magnetic resonance
NRPS 		  nonribosomal peptide synthase
PMSF		  phenylmethylsulfonyl fluoride
P2C		  pyrrole-2-carboxylate
P5C		  Δ1-pyrroline-5-carboxylate
PCP		  peptidyl carrier protein
PCR		  polymerase chain reaction 
PDB		  protein data bank
PKS 		  polyketide synthase
ROS		  reactive oxygen species
SDS		  sodium dodecyl sulfate
SDS-PAGE	 sodium dodecyl sulfate polyacrylamide gel electrophoresis
TB		  terrific broth
TCA		  tricarboxylic acid
TFA		  trifluoroacetic acid
THFA		  L-tetrahydro-2-furoic acid



10

List of abbreviations

Amino acids
Ala 	 A	 alanine
Arg 	 R	 arginine
Asn 	 N	 asparagine		
Asp 	 D	 aspartic acid
Cys 	 C	 cysteine
Gln 	 Q	 glutamine
Glu 	 E	 glutamic acid
Gly 	 G	 glycine
His 	 H	 histidine
Ile 	 I	 isoleucine
Leu 	 L	 leucine
Lys 	 K	 lysine
Met 	 M	 methionine
Phe 	 F	 phenylalanine
Pro 	 P	 proline
Ser 	 S	 serine
Thr 	 T	 threonine
Trp 	 W	 tryptophan
Tyr 	 T	 tyrosine
Val 	 V	 valine

Enzymes
α-KG 		  α-ketoglutarate
γ-GK		  γ-glutamyl kinase
γ-GPR		  γ-glutamyl phosphate reductase
ACAD 		  acyl-CoA dehydrogenase
ALDH 		  aldehyde dehydrogenase 
DAAO		  D-amino acid oxidase
MTHFR		  methylenetetrahydrofolate reductase
OAT		  ornithine aminotransferase
P5CDH		  Δ1-pyrroline-5-carboxylate dehydrogenase
P5CR		  P5C reductase
P5CS		  P5C synthase
ProDH		  proline dehydrogenase
POX		  proline oxidase 
PutA		  proline utilization A
TIM		  triosephosphate isomerase

Organisms
Bj		  Bradyrhizobium japonicum
Dr 		  Deinococcus radiodurans
Ec 		  Escherichia coli
Gs 		  Geobacter sulfurreducens
Mt		  Mycobacterium tuberculosis
St 		  Salmonella typhimurium
Ti		  Talaromyces islandicus
Tt		  Thermus thermophilus
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MBP-TtProDH variants
WT		  MBP-TtProDH wildtype
EE		  MBP-TtProDH with Phe10 and Leu12 replaced by Glu
ΔA		  MBP-TtProDH lacking helix αA
ΔAB 		  MBP-TtProDH lacking helices αA and αB 
ΔABC		  MBP-TtProDH lacking helices αA, αB and αC
ΔAB V32D	 MBP-TtProDH ΔAB with Val32 replaced by Asp
ΔAB Y35F	 MBP-TtProDH ΔAB with Tyr35 replaced by Phe	
ΔAB V36D	 MBP-TtProDH ΔAB with Val36 replaced by Asp	
EE KK		  MBP-TtProDH EE with Asp205 and Glu207 replaced by Lys
ΔA KK		  MBP-TtProDH ΔA with Asp205 and Glu207 replaced by Lys
ΔAB KK		  MBP-TtProDH ΔAB with Asp205 and Glu207 replaced by Lys
ΔABC KK		 MBP-TtProDH ΔABC with Asp205 and Glu207 replaced by Lys
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Cells are the basic functional units of living organisms and the smallest units that can 
replicate independently. They are composed of molecules, of which proteins occupy a 
large part (Fig. 1). The exact macromolecular composition of cells varies per cell type.  As 
an example, in wns function as enzymes that catalyze biochemical reactions. Enzymes are 
highly efficient, accelerate basically all reactions in the cell and are often highly specific in 
the substrates they accept. To expand their catalytic power, a substantial part of all enzymes 
is cofactor-dependent. Such cofactors can range from inorganic metal ions to complex 
organic molecules. Flavins are among the most important organic cofactors.

Figure 1. 
A Voronoi tree diagram showing the composition of 
an E. coli cell growing with a doubling time of 40 min. 
Each polygon area represents the relative fraction of 
the corresponding constituent in the cell dry mass. The 
colors are chosen such that components with related 
functional role have similar tints. Figure from [2].

Flavoenzymes

Flavin-containing enzymes are ubiquitous in nature and catalyze a wide variety of reactions. 
Thereby, they play a critical role in many biological processes, such as energy production, 
biodegradation, DNA repair, apoptosis, biosynthesis, and more [3,4]. There is a wide variety 
in the number of genes (0.1 – 3.5%) encoding flavoenzymes among different genomes. 
Apparently, some organisms are very dependent on flavin-dependent oxidoreductases for 
degradation or biosynthesis, while other organisms use different protein arsenals for this 
[5]. Since flavoproteins are so abundant, the implications of mutations in these enzymes 
are large. In the human genome, two thirds of the flavoproteins are linked to disorders [6].

Flavoenzymes contain a flavin mononucleotide (FMN) or flavin adenine dinucleotide (FAD) 
cofactor that serves as a redox-active prosthetic group and confers the enzyme a bright 
yellow appearance (flavus is Latin for yellow). Both FMN and FAD are derived from the 
precursor riboflavin (vitamin B2). For the in vivo synthesis of these cofactors, the ribityl 
side chain of riboflavin is phosphorylated by riboflavin kinase and additionally adenylated 
by FMN adenylyltransferase, yielding FMN and FAD respectively. Eukaryotes and some 
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archaea depend on two separate enzymes for FMN and FAD synthesis [7,8], but in most 
prokaryotes these two enzymes are fused into a bifunctional protein, FAD synthetase [9-11] 
(Fig. 2). The redox-active isoalloxazine ring of the flavin is used as a coenzyme in enzymatic 
reactions and can undergo one- or two-electron reductions. Although more than 90% of the 
flavin-dependent enzymes are oxidoreductases, these enzymes do not only catalyze redox 
reactions. About 10% of the flavoenzymes catalyzes nonredox reactions and are classified as 
transferases, lyases, isomerases and ligases.

The majority of flavin-containing enzymes (90%) bind the cofactor non-covalently. 
Furthermore, FAD is three times more often utilized than FMN. Riboflavin is not used as a 
redox-active prosthetic group [5,12]. FAD- and FMN-containing enzymes are dominated by 
different enzyme folds. The Rossmann fold is very common among FAD-containing proteins, 
while FMN-containing proteins mostly adopt a TIM-barrel or flavodoxin-like fold [5,13].

The TIM-barrel fold

The (βα)8 TIM-barrel fold is the most common enzyme fold. This fold has first been observed 
in 1975 in triosephosphate isomerase (TIM) [14], after which it is named. Most TIM-barrels 
function as enzymes. It is a remarkably versatile scaffold: this fold is found in many different 
enzyme families and completely unrelated reactions can be catalyzed by enzymes with this 
fold [15-17]. Enzymes with a TIM-barrel fold are present in 5 out of 6 classes of enzymes as 
defined by the Enzyme Commission (EC) [17-19]. Most of the reactions that are catalyzed 
by TIM-barrel enzymes play a role in molecular or energy metabolism and many of these 
enzymes contain a cofactor that assists in catalysis [19]. 

Typically, the TIM-barrel domain consists of 250 amino acids [16]. The structure exists of an 
eightfold repeat of alternating β-strands and α-helices, sequentially numbered β1-β8 and 
α1-α8 from the N-terminus. The loops connecting the strands and helices are referred to as 
βα and αβ loops. βα loop 1 follows after strand β1 and αβ loop 1 follows after helix α1. The 
β-strands form the core of the barrel and are surrounded by the α-helices (Fig. 3). The TIM-
barrel structure is unique: it is the only barrel with a completely parallel β-sheet [17]. The 
active site of all TIM-barrel enzymes is located at the C-terminal ends of the β-strands (Fig. 3). 
In addition, the βα loops are important for shaping the active site [16]. As an example, in 
TIM, three out of the eight βα loops provide catalytic residues [20]. In contrast, the αβ loops 
appear to be important for stability of the TIM-barrel fold [21].

Some enzymes adopt a distorted TIM-barrel fold. One of these enzymes with an interesting 
distortion is the flavoenzyme proline dehydrogenase, which catalyzes the flavin-dependent 
oxidation of L-proline to Δ1-pyrroline-5-carboxylate. 
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Figure 2. 
In vivo synthesis of FAD and FMN from riboflavin. Eukaryotes and some archaea depend on a riboflavin kinase and 
a FMN adenylyltransferase for FMN and FAD synthesis, respectively, but in most prokaryotes these two enzymes 
are fused into a bifunctional protein, FAD synthetase.
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Figure 3. 
Structural features of the TIM-barrel fold. Trypanosomal triosephosphate isomerase (PDB: 4TIM) with 
2-phosphoglycollate as reaction intermediate analogue in the active site (depicted in yellow) is used as an example 
[22]. The eightfold repeat of alternating β-strands and α-helices forms the barrel. The active site is located at the 
C-terminal ends of the β-strands and the βα loops are important for shaping the active site.

Proline

Proline (L-proline) is one of the proteinogenic amino acids. It is one of the most abundant 
amino acids in the cell. Together with the posttranslationally modified analogue 
hydroxyproline, proline is the major component of collagen, which is the major fibrous 
protein present in animals and accounts for approximately 30% of total human body protein 
[23].

Proline has an exceptional structure: it is the only amino acid with a secondary amine, 
meaning that the α-amino group is directly attached to the side chain. This structural feature 
provides proline with a conformational rigidity not seen in the other amino acids. Therefore, 
this imino acid is often present in turns in a protein structure and disfavors α-helices and 
β-sheets. It is a non-essential amino acid, since it can be synthesized from L-glutamate. In 
addition, it can serve as building block for the synthesis of a wide range of peptides and 
antibiotics [24-28].

Next to serving as one of the amino acids, proline has a central role in metabolism [29]. 
Proline and its metabolic enzymes are involved in a wide range of cellular processes, 
including cell signaling, bioenergetics and cellular redox control and the imino acid is widely 
recognized as a regulator in stress situations [30-33]. Proline protects against oxidative stress 
by scavenging reactive oxygen species (ROS) during biotic and abiotic stresses, thus acting as 
an antioxidant and preventing apoptosis [34-36]. In plants, proline accumulation occurs in 
response to various biotic and abiotic stresses, which has been extensively described [37-41]. 
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Intracellular proline levels can increase >100-fold during adverse environmental conditions 
[39]. In addition, there is evidence proline does not only accumulate as an osmolyte during 
stress conditions but also plays a role in plant development and signaling [38,42].

Some organisms can rely on proline as their main energy source under certain circumstances 
by occupying proline-rich environmental niches, for example Helicobacter pylori [43,44] and 
trypanosomatids [45-47]. In addition, some insects use proline as their main fuel during 
flight. This is especially well studied for the tsetse fly [48,49], but is also observed for the 
mosquito Aedes aegypti [50] and for bees and wasps [51,52].

Proline metabolism

Proline metabolism involves the interconversion between L-proline and L-glutamate (Fig. 
4). In proline catabolism, the oxidation of proline to glutamate involves two enzymatic 
reactions that are connected by a non-enzymatic hydrolysis step [29,53] (Fig. 4). First, the 
FAD-dependent enzyme proline dehydrogenase (ProDH; EC 1.5.5.2) oxidizes L-proline to 
Δ1-pyrroline-5-carboxylate (P5C). This oxidation involves the transfer of two electrons from 
the proline substrate to the FAD cofactor, which is subsequently re-oxidized by transferring its 
electrons to the electron transport chain via the reduction of membrane-bound ubiquinone 
[54-56]. Produced P5C is then non-enzymatically hydrolyzed to glutamic semialdehyde 
(GSA). P5C and GSA exist in a highly pH-dependent equilibrium, with P5C favored at pH 
higher than 6.5 [57,58]. Finally, P5C is oxidized to L-glutamate by Δ1-pyrroline-5-carboxylate 
dehydrogenase (P5CDH; EC 1.2.1.88), and the two released electrons are transferred to 
nicotinamide adenine dinucleotide (NAD) [53]. ProDH and P5CDH exist as monofunctional 
enzymes or can be fused into a bifunctional enzyme called proline utilization A (PutA). The 
current view is that the occurrence of PutAs is restricted to bacteria, while monofunctional 
ProDH and P5CDH can occur in both bacteria and eukaryotes [59,60].

Proline biosynthesis from glutamate involves three enzymatic reactions [53] (Fig. 4). The 
conversion of L-glutamate to GSA is catalyzed by γ-glutamyl kinase (γ-GK; EC 2.7.2.11) and 
γ-glutamyl phosphate reductase (γ-GPR; EC 1.2.1.41). GK uses adenosine-5′-triphosphate 
(ATP) to produce γ-glutamyl phosphate, which is subsequently reduced to GSA by the 
nicotinamide adenine dinucleotide phosphate (NADPH)-dependent GPR [53]. In animals and 
plants, γ-GK and γ-GPR are fused into the bifunctional enzyme P5C synthetase (P5CS), while 
they are separate monofunctional enzymes in lower eukaryotes, such as yeast, and bacteria 
[61,62]. GSA can also be produced from ornithine by the mitochondrial enzyme ornithine 
aminotransferase (OAT; EC 2.6.1.13). After GSA is formed, it cyclizes non-enzymatically 
to P5C, which can be reduced to proline by the NADPH-dependent P5C reductase (P5CR; 
EC 1.5.1.2) [53]. The above mentioned enzymes involved in proline metabolism are all 
unidirectional, except for OAT. This suggests that proline metabolism is purpose-driven and 
tightly regulated. 
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Figure 4. 
Enzymes involved in proline metabolism. Reaction intermediates: (1) L-proline, (2) Δ1-pyrroline-5-carboxylate (3) 
glutamic semialdehyde, (4) γ-glutamyl phosphate, (5) L-glutamate.



Introduction

21

1

Proline and the enzymes involved in its metabolism are linked with several core metabolic 
pathways in the cell (Fig. 5). Electrons released by the reduction of the FAD cofactor during 
proline oxidation by ProDH are donated into the electron transport chain, leading to the 
generation of ROS or ATP [53]. Conversion of P5C to L-proline by P5CR goes via oxidation 
of NADPH to NADP+; this redox couple is a metabolic interlock with the pentose phosphate 
pathway (pentose shunt) and linked to glucose metabolism [29,63,64]. GSA can be either 
converted to ornithine, which can enter the urea cycle, or to glutamate, which, is a precursor 
of α-ketoglutarate (α-KG) and can enter the tricarboxylic acid (TCA) cycle. 

There is a great interest in understanding the biochemical functions of the proline metabolic 
enzymes because of their important role in biological pathways and medical issues. In this 
thesis, we focus on ProDH.

Figure 5.
Proline metabolic links. Proline 
metabolism is closely related with TCA 
cycle, urea cycle, and pentose phosphate 
pathway (pentose shunt). Figure based 
on [65].

Medical aspects of ProDH 

Proline and proline metabolism play an important role in humans and malfunctioning of the 
proline metabolic enzymes can lead to several medical issues. In addition to being one of 
the proteinogenic amino acids and playing a role in metabolism, proline is also suggested to 
function as an inhibitory neurotransmitter in a subset of glutamatergic synapses [66].

In humans, deletion of chromosomal region 22q11 is the most commonly found interstitial 
deletion and is associated with several syndromes, among which DiGeorge and velo-cardio-
facial syndrome. Patients suffering from these syndromes have a high susceptibility for 
schizophrenia [67-69]. The gene encoding for human ProDH (also known as proline oxidase 
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(POX)) is located on chromosomal region 22q11 and is a hot-spot for mutations [70]. Therefore, 
different errors in human inborn proline metabolism have been described [66,71]. Missense 
mutations in ProDH have been identified in patients suffering from hyperprolinemia and the 
neuropsychiatric disorder schizophrenia [66,72-77]. Hyperprolinemia occurs when proline 
is not properly broken down in the cell, leading to elevated levels of the amino acids in the 
blood. This disorder has been described for the first time in 1961 [78]. There are two types 
of hyperprolinemia: type I is caused by a deficiency of ProDH [79], and type II is caused by a 
deficiency of P5CDH [80]. Both are inherited as autosomal recessive traits [66]. Patients do 
not always show a clinical phenotype, but can show cognitive, neurological, and psychiatric 
symptoms, such as an increased incidence of seizures and an increased risk of mild mental 
retardation [73,81]. 

ProDH plays a role in tumorigenesis and tumor development, since it is influenced by 
various tumor-associated factors [65]. It is one of the genes markedly induced by tumor 
suppressor p53 [82,83], which is an important factor in defending against tumor progression 
since it can control the cell cycle and apoptosis of tumor cells. The role of ProDH in cancer 
is complicated but is slowly elucidated. ProDH functions as a tumor suppressor by initiating 
apoptosis through ROS signaling [83-87]. Furthermore, it can inhibit tumor cell growth and 
proliferation and block the cell cycle, also through ROS signaling [85,88,89]. However, ProDH 
appears to have a paradoxical role in tumor biology. Under nutrient and hypoxic stress, 
ProDH is upregulated and serves as tumor survival factor through ATP production [31,64] 
and through protective ROS-induced autophagy [90-92]. A detailed overview of the factors 
involved in the dual role of ProDH in cancer is given by Liu and Phang [65].

Recently, ProDH has also been shown to play a role in HIV-1-associated neurological 
disorders, which can affect patients in the late stages of AIDS. ProDH is a protective stress 
response metabolic regulator in HIV-1 gp120-associated neurotoxicity by enhancing 
autophagy through ROS-mediated oxidative stress [93].

Classification of ProDHs and PutAs

As mentioned before, ProDH and P5CDH can exist as monofunctional enzymes or can be 
fused into a bifunctional enzyme, protein utilization A (PutA). The occurrence of PutAs 
seems restricted to bacteria, while monofunctional ProDH and P5CDH can occur in both 
bacteria and eukaryotes [59,60]. ProDHs exhibit a distorted (βα)8 TIM-barrel fold, while 
P5CDHs exhibit an aldehyde dehydrogenase (ALDH) fold [59] (Fig. 6). ProDHs from archaea 
have a structural fold that is distinct from bacterial and eukaryotic ProDHs [94]; therefore, 
they will not be discussed here.

Monofunctional ProDH is a membrane-associated enzyme. In animals, it is associated with 
the inner mitochondrial membrane, while P5CDH is cytosolic [95-97]; this also goes for plants 
[56,98]. Bacterial monofunctional ProDHs are also presumed to be membrane-associated 
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[60]. Monofunctional ProDHs with a distorted TIM-barrel fold are typically 200–540 amino 
acids in length. The polypeptide chain for bacterial monofunctional ProDHs is shorter than 
for eukaryotic monofunctional ProDHs (Fig. 7). While the catalytic domain is of equal size, 
eukaryotic ProDHs have an elongated N-terminus [99]; a clear example of this is human 
ProDH [100]. The function of the N-terminal part of ProDH is unclear [59,100].

Figure 6. 
Structure of PutA dimer from Geobacter sulfurreducens (PDB: 4NM9)  [101]. The ProDH domains are depicted in 
red and the P5CDH domains are depicted in green. The FAD cofactors in the ProDH domains are depicted in yellow.

PutAs are peripherally membrane associated enzymes that can be subdivided in three 
different groups: short bifunctional (or minimalist) PutAs, long bifunctional PutAs and 
trifunctional PutAs [99]. Minimalist PutAs contain only a functional ProDH and P5CDH 
domain and are about 980-1100 amino acid residues in length. In comparison, long 
bifunctional PutAs have an additional C-terminal domain (CTD) of unknown function, which 
consists of about 175 residues. Thereby, these PutAs have a length of about 1100-1200 
amino acid residues. Trifunctional PutAs contain, besides a ProDH, P5CDH and C-terminal 
domain, an N-terminally located 50-residues DNA-binding domain. Clearly, these PutAs are 
the longest: they encompass about 1300-1400 amino acid residues [99]. For trifunctional 
PutAs, the proline utilization (put) regulon encodes, next to the genes encoding PutA, the 
proline transporter PutP. Also, there is a regulatory region between the putA and putP 
genes [102]. When proline levels are low, PutA can act as a transcriptional repressor by 
binding to this regulatory region via its DNA-binding domain and thereby suppressing 
transcription of the putA and putP genes [102]. In response to high proline concentration in 
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the external environment, PutAs can undergo functional switching by dissociating from the 
put regulatory site and associating with the inner bacterial membrane. PutA and PutP can 
then be transcribed and the cells can take up proline via PutP, after which the membrane-
associated PutA can oxidize proline, an important step in metabolism of the cell [103,104]. 
The redox state of the flavin determines whether PutA acts as a transcriptional repressor or 
as a metabolic enzyme [103,105-108]. In this way trifunctional PutAs link transcription and 
metabolism in response to proline levels inside and outside the cell.

Figure 7. 
Cartoon representation of the composition of monofunctional ProDHs and PutA proteins. Figure based on [99].

Channeling of the P5C/GSA intermediate between ProDH and P5CDH

Substrate channeling means that a product of one enzyme is transported to the active 
site of another enzyme without release of the intermediate into the bulk solvent [109]. In 
PutA enzymes, the C-terminal fusion of ProDH to P5CDH (Fig. 6 and 7) allows channeling 
of the P5C/GSA intermediate between the enzymes. Evidence for substrate channeling 
is provided by studies on Bradyrhizobium japonicum PutA (BjPutA) [110,111], Geobacter 
sulffurreducens PutA (GsPutA) [101], Escherichia coli PutA (EcPutA) [112], and Salmonella 
typhimurium PutA (StPutA) [113]. 

Channeling of the P5C/GSA intermediate might be critical to facilitate the hydrolysis of P5C 
to GSA due to the highly pH-dependent equilibrium between those intermediates [57,58]. 
Hydrolysis of P5C to GSA is unfavorable at physiological pH: below pH 6.5, protonation of 
the pyrrolinium ring leads to hydrolysis of P5C to GSA, but above pH 6.5 the equilibrium 
is favored towards P5C. Channeling would allow an increase in the pKa of the pyrrolinium 
ring at pH above 6.5, shifting the equilibrium towards hydrolysis of P5C to GSA and thereby 
improving the conversion efficiency of proline to glutamate [114]. In addition, channeling 
can protect against formation of unwanted products, since P5C and GSA are reactive and 
unstable intermediates that can inhibit other enzymes or react with metabolites [114]. It 
has been shown that GSA inhibits several enzymes from E. coli: glucosamine-6-phosphate 
synthase, cytidine 5′-triphosphate synthase, and the aminotransferase domain of carbamoyl 
phosphate synthetase [57,115,116]. In addition, P5C can form adducts with several 
ketones and aldehydes, such as pyruvic acid, oxaloacetic acid and acetoacetic acid [117]. 
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Furthermore, P5C can deactivate pyridoxal phosphate. Formation of an inactive adduct 
results in vitamin B6 deficiency in patients with hyperprolinemia type II [117]. So seemingly, 
it would be beneficial to control intracellular levels of P5C/GSA by channeling.

According to the Rosetta Stone hypothesis, monofunctional ProDH and P5CDH should also 
be involved in substrate channeling. This hypothesis states that when two enzymes are 
separate in some organisms while they are fused in others, this almost always indicates an 
interaction between these two enzymes in their non-fused form [118]. In fact, evidence 
for substrate channeling between the monofunctional enzymes ProDH and P5CDH from 
Thermus thermophilus has been found recently [119]. 

Structural characteristics of ProDHs and PutAs

Two crystal structures of full-length PutAs have been solved, which are the structures of 
BjPutA [111] and Gs PutA [101] (Fig. 6). Furthermore, the crystal structure of the ProDH 
domain of EcPutA [120] (Fig. 8A) is available. The ProDH domain of EcPutA has also been 
crystallized in complex with various proline analogues [121]. For monofunctional ProDHs, 
crystal structures of Thermus thermophilus ProDH (TtProDH) [60] (Fig. 8A) and Deinococcus 
radiodurans ProDH (DrProDH) [110] have been obtained. All structures contain an FAD 
cofactor. Next to methylenetetrahydrofolate reductase [122], ProDH is the only known 
(βα)8 barrel protein binding a FAD cofactor [120]. Furthermore, these structures all show a 
distorted (βα)8 TIM-barrel fold. 

The classic TIM-barrel fold exists of an eightfold repeat of alternating β-strands and α-helices; 
the eight β-strands form the core of the barrel that is surrounded by the eight α-helices. The 
distorted (βα)8 TIM-barrel fold of ProDH is characterized by the position of helix α8, which is 
on top of the barrel instead of alongside strand β8. This distortion is caused by the presence 
of an additional helix (α0), which precedes β1 in the polypeptide chain and is absent in the 
classic TIM-barrel. This extra helix occupies the place normally reserved for helix α8, forcing 
it to move perpendicular to the barrel [60,120,121]. This unique variation is crucial for the 
activity of ProDH, since the location of helix α8 creates the proline-binding pocket. Since this 
distorted fold is observed for both monofunctional ProDHs and the ProDH domain in PutAs, 
it is considered to be a conserved defining structural signature in the ProDH superfamily 
[59,60]. 

One remarkable difference between PutAs and ProDHs concerns the binding mode of the 
FAD cofactor. PutAs and monofunctional ProDHs bind the isoalloxazine ring of the FAD 
cofactor in the same fashion, however, the location of the adenosine moiety differs (Fig. 8B). 
This might be partially caused by small structural difference between PutAs and ProDHs. 
PutAs contain an additional helix, α5a, which is replaced by a loop in monofunctional 
ProDHs. This helix contains a tryptophan that stacks against the adenine group of the FAD. 
Monofunctional ProDHs that lack helix α5a do not have an equivalent of this tryptophan for 
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interaction with the FAD. In addition, PutAs have extra helical components that follow helix 
α8. The additional C-terminal helices in PutAs prevent the conformation of the adenine ring 
of the FAD cofactor observed in monofunctional ProDHs [60,121]. 

Figure 8. 
(A) Structure of TtProDH (red, PDB:2G37) and the ProDH domain of EcPutA (green, PDB: 4O8A) superimposed. The 
FAD cofactor is depicted in yellow. (B) Different conformations of the FAD cofactor of TtProDH (red) and EcPutA 
(green). Both enzymes bind the isoalloxazine group of the FAD cofactor in the same fashion, however, the location 
of the adenosine group differs. 

The active site of ProDHs

Based on multiple sequence alignments, several fingerprint motifs of bacterial PutA/ProDHs 
have been identified  [60] (Fig. 9). Each motif contains at least one amino acid residue that is 
conserved throughout the entire family; these conserved residues are clustered around the 
active site and important for FAD- and/or substrate binding [60]. The active site of ProDH is 
located at the C-terminal ends of the β-strands, like in the classic TIM-barrel. The proline-
binding pocket is between the si face of the isoalloxazine ring of the flavin and helix α8.   

The binding mode of the proline analogue L-tetrahydro-2-furoic acid (THFA) in the ProDH 
domain of EcPutA has been described in detail [59,121]. Lys329, Arg555 and Arg556 form 
ion pairs with the carboxylic moiety of THFA, while several other residues form hydrophobic 
contacts with the pyrrolidine ring (Fig. 10). The ionic interactions and most of the 
hydrophobic interactions are also described for binding of THFA in DrProDH [123]. The ring 
of THFA is oriented nearly parallel to the middle ring of the dimethyl-isoalloxazine moiety of 
the flavin (Fig. 10B). C5 of THFA is 3.3 Å from flavin N5. This proximity suggests direct hydride 
transfer from the substrate to the flavin [120,121,124,125]. Such a mechanism has also 
been proposed for D-amino acid oxidase (DAAO), which has a similar ligand-FAD geometry 
as observed for ProDH and catalyzes a reaction that is analogous to that of ProDH [126,127]. 
It is suggested for ProDH that after binding of the proline substrate to the active site, Lys329 
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and Tyr437 (E. coli PutA numbering, Fig. 10B) deprotonate the amino ring nitrogen of the 
zwitterionic proline to give a neutral amino acid, followed by donation of a hydride ion from 
C5 to the FAD [121,125].

Figure 9.
Structure-based multiple sequence alignment of ProDHs from different organisms. The ProDH amino acid 
sequences of T. thermophilus (UniProt: Q72IB8, PDB: 2G37), E. coli (Uniprot: P09546, PDB: 4O8A), Human (Uniprot: 
O43272) and T. islandicus (Uniprot: A0A0U1M791) were aligned using the PROMALS3D server [128], which also 
uses structural information in constructing the alignment. The figure showing the alignment was made using ESPript 
3.0 software [129].  Strictly conserved residues are shown in white on a red background and similar residues are 
shown in red on a white background. Black boxes indicate similarity in a group of residues. Below the sequence, 
conserved active site residues are indicated with a red circle.
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Figure 10. 
Binding of THFA in the active site the ProDH domain of EcPutA. (A) Schematic representation of the interactions 
between the ProDH domain of E. coli PutA and the proline analogue THFA. Brown solid lines indicate van der Waals 
interactions; brown dotted lines indicate hydrogen bonds and ion pairs. Figure based on [59]. (B) Active site of the 
ProDH domain of EcPutA (PDB: 1TIW). The active site residues are shown in green with Lys329 and Tyr437 in dark 
green, the FAD cofactor is shown in yellow and the proline analogue THFA is shown in orange. Hydrogen bonds are 
indicated by grey dotted lines. A water molecule is indicated in cyan.

Substrate specificity of ProDHs

As expected for a central metabolic enzyme, ProDH has a restricted substrate scope. 
Next to L-proline, only 3,4-dehydro-L-proline becomes oxidized by ProDH [60,130]. Other 
proline analogues such as trans-4-hydroxy-L-proline, cis-4-hydroxy-L-proline, L-azetidine-
2-carboxylic acid, and L-pipecolic acid are neither inhibitors nor substrates of ProDH [60]. 
However, replacing Tyr540 (Fig. 10) with Ala or Ser in EcPutA alters the kinetics: the catalytic 
efficiency for proline decreases, while the reactivity with hydroxyproline increases. Likely, 
Tyr540, which is a very conserved residue in the PutA/ProDH family, clashes with the 
4-hydroxy moiety of hydroxyproline [131]. 

The Michaelis-Menten constant (KM) for proline has shown to be in the millimolar range 
for various bacterial [60,123,125] and eukaryotic [54,100] monofunctional ProDHs as well 
as PutAs [101,132,133]. The high specificity of ProDHs for proline accompanied by high KM 
values seems to reflect the cellular situation. Due to its central role in metabolism (Fig. 5), 
ProDHs should have a high substrate specificity to not disturb the metabolic balance in the 
cell. Furthermore, a low affinity of ProDH for proline might be related to the high availability 
of proline in the cell and the fact that proline is, next to a metabolic compound, involved in 
various cellular processes (see above). In addition, it is one of the amino acids that is needed 
for protein synthesis.
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Besides ProDH, monomeric sarcosine oxidase, a flavoprotein with a D-amino acid oxidase 
fold, is also active with proline. As for ProDH, this enzyme also has KM values for proline in 
the millimolar range [134,135]. In contrast, L-amino acid oxidase is active with a broad range 
of amino acids , but not with L-proline [136].

Competitive and mechanism-based inhibition of ProDHs

THFA, L-mandelate, L-lactate and acetate are known competitive inhibitors of ProDH 
[60,121,137]. THFA is often used as a substrate analogue in crystallographic studies of 
this enzyme. 4-methylene-L-proline is known to be a mechanism-based inhibitor [138]. In 
addition, ProDH can be irreversibly inactivated by the suicide inhibitor N-propargylglycine 
(Fig. 11). This inhibition has been studied in detail for TtProDH and the ProDH domain 
of EcPutA [139,140]. Inactivation involves the initial oxidation of N-propargylglycine to 
N-propargyliminoglycine and the subsequent formation of a bicovalent linkage between 
flavin N(5) and the ε-amino group of a lysine in the β2-α2 loop [139,140] (Fig. 11). This 
lysine (Lys99 in TtProDH and Lys239 in EcPutA) is involved in binding the carboxylic moiety 
of proline [60] (Fig. 11). Upon reaction with N-propargylglycine, the FAD cofactor of ProDH 
is reduced and the enzyme is locked in the reduced state [139,140]. 

Figure 11. 
Irreversible mechanism-based inhibition of ProDH by N-propargylglycine. Upon reaction of N-propargylglycine (1), 
N-propargyliminoglycine (2) is formed and the FAD-cofactor of ProDH is reduced. Subsequently, a covalent Lys-FAD 
adduct (3) is formed.

Conformational changes upon substrate binding to ProDHs

The structure of the ligand-free ProDH is suggested to be open, while the presence of the 
substrate or an inhibitor in the active site leads to a more closed structure. This is nicely 
shown for DrProDH, for which crystal structures of the free reduced enzyme as well as the 
inhibitor-bound oxidized enzyme have been solved [123]. These structures show indeed 
that the structure of the reduced, ligand-free enzyme is open with the flavin highly solvent 
exposed. The crystal structure of the enzyme in the presence of THFA shows a more closed 
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conformation, in which the THFA is completely buried between the si face of the FAD and 
helix α8 [123]. This closed structure is also seen for the inhibitor-bound ProDH domain of 
EcPutA [120,141], while TtProDH without inhibitor shows an active site that is more open 
[60]. This implies that the active site closes upon substrate binding and opens to allow 
product release. 

Closing/opening of the active site is associated with two major conformational changes in 
the region of the proline-binding pocket. First, helix α8 can move away from the proline-
binding pocket in the absence of a ligand, as shown for TtProDH [121]. When FAD is 
reduced, helix α8 can shift even more outward, as shown for DrProDH [123]. This suggests 
that inward movement of helix α8 towards the proline-binding pocket is important for 
substrate binding. Helix α8 contributes three amino acid residues (Tyr-x-x-Arg-Arg) that bind 
the carboxylic group of the substrate analogue THFA [120,121]. The fact that acetate is a 
competitive inhibitor of ProDH suggests the carboxylic group to be the minimal functional 
group that is recognized by the active site [121].

Another conformational change that plays a role in substrate binding is movement of the 
β1-α1 loop. A conserved Glu-Arg ion pair between the β1-α1 loop and helix α8 assists in 
stabilizing the active site of the enzyme-substrate complex [120,121]. When there is no 
ligand present in the active site, the β1-α1 loop withdraws from the active site, leading the 
Glu to flip out and point into the solvent [60]. Also, reduction of the FAD leads to a rupture of 
this ion pair by an outwards movement of this loop [123]. Therefore, the β1-α1 loop seems 
to stabilize the active site of the enzyme-substrate complex and its movement is suggested 
to create a gate for substrate access and product release that is universal in ProDH catalysis 
[101,111,123]. 

Thermus thermophilus ProDH

Thermus thermophilus is a thermophilic gram-negative bacterium originally isolated from a 
hot spring in Mine, Shizuoka Prefecture, Japan in 1968 [142]. Its optimal growth temperature 
is between 65 and 72 °C. The genome sequence of T. thermophilus was reported in 2004 
[143]. This thermophilic organism serves as a biological model and its thermostable enzymes 
have widespread biotechnological applications [144].

Thermus thermophilus proline dehydrogenase (TtProDH) is also thermostable [60]. The 
structure of this enzyme has been elucidated (PDB: 2G37) [60,145]. It adopts the conserved 
and characteristic distorted (βα)8 TIM-barrel fold typical for ProDHs [60] (Fig. 12). The 
additional helix α0, typical for ProDHs, is clearly present.  The FAD-cofactor in the three-
dimensional model of the crystal structure of TtProDH is highly solvent-exposed. Since no 
inhibitor is present in the structure of TtProDH, helix α8 has moved outwards about 4 Å [60]. 
Furthermore, the enzyme is dimeric in the three-dimensional model of the crystal structure, 
with helix α5 being the suggested dimerization interface in this model. Next to the distorted 
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TIM-barrel, the enzyme contains an N-terminal arm that consists of three helices: αA, αB 
and αC. The C-terminal helix α8 fits into the cleft that is formed by the three N-terminal 
helices. Together, these four helices form a hydrophobic patch that is thought to be involved 
in channeling P5C/GSA between TtProDH and its partner enzyme TtP5CDH [60,119].

Figure 12. 
Three-dimensional model of the crystal structure of TtProDH (PDB: 2G37). The N-terminal helices αA (green), αB 
(red), αC (blue) and α0 (purple) are indicated, as well as the helix α5 (orange) in the dimerization interface and 
C-terminal helix α8 (brown). The FAD cofactor is depicted in yellow.

Scope and outline of this thesis

This project was started as part of the European Research Area Industrial Biotechnology 
(ERA-IB) project “Multi Enzyme Systems Involved in Astin Biosynthesis and their use in 
heterologous astin production (MESIAB)”. The goal of this project was to identify gene clusters 
involved in astin production. Astins are cyclic halogenated pentapeptides isolated from the 
roots of the plant Aster tataricus. They contain the unusual amino acids β-phenylalanine 
(βPhe), 2-aminobutyric acid (2Abu) and 3,4-dichloroproline (Pro(Cl2)), resulting in cyclic 
chlorinated pentapeptide cyclo[Ser-βPhe-2Abu-Pro(Cl2)-2Abu [146,147] (Fig. 13). 

Root extracts of Aster tataricus show antibacterial activity and astin derivatives possess a high 
anti-tumor potential. Since only very low amounts of astins can be isolated from plants and 
they are difficult to synthesize chemically without negative impacts on the environment, the 
goal of this project was to produce astin in a heterologous host and establish its biosynthetic 
pathway. The presence of astins in dried roots and, for the first time, in the roots of freshly 
grown A. tataricus plants could be shown. However, a newly discovered fungus isolated from 
the inflorescence axis of A. tataricus, turned out to be the actual producer of astins [148]. 
In addition, the production of the hepatotoxic and carcinogenic peptide cyclochlorotine by 
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the fungus Talaromyces islandicus could be demonstrated. Astins and cyclochlorotine are 
very similar in their chemical structure: the only difference is the replacement of one of 
the 2-aminobutyrates in astins by a serine in cyclochlorotine (Fig. 13). Therefore, it can be 
assumed that the pathways and enzymes involved in their biosynthesis are very similar. 
Since the biosynthetic pathway of cyclochlorotine was also not known, it was decided to 
sequence the genome of T. islandicus to facilitate identification of the cyclochlorotine/
astin biosynthetic genes [149]. After the genome sequence was elucidated, gene clusters 
involved in cyclochlorotine biosynthesis were analyzed [150]. This included elaborate studies 
on nonribosomal peptide synthetase (NRPS) gene clusters involved in production of the 
cyclic pentapeptide. In addition, the genome was searched for proline dehydrogenases and 
halogenases putatively involved in the synthesis of 3,4-dichloroproline. We identified and 
cloned three putative ProDH genes from T. islandicus and did some minor characterization 
[150]. However, the involvement of ProDH in the synthesis of the dichlorinated proline 
building block of cyclochlorotine remained doubtful. In addition, expression and purification 
of these fungal ProDHs was challenging. Therefore, we simultaneously started to express and 
purify the enzyme from Thermus thermophilus. Although a crystal structure of ligand-free 
TtProDH has been elucidated [60] (Fig. 12), relatively little is known about the biochemical 
properties of this enzyme.

Figure 13.
Chemical structures of astins and cyclochlorotine. Both metabolites are composed of the nonproteinogenic 
amino acids L-2-aminobutyrate (2Abu), L-β-phenylalanine (βPhe), the unique L-cis-3,4-dichloroproline [Pro(Cl2)] 
and L-serine (Ser), which results in the cyclic chlorinated pentapeptides cyclo[Ser-βPhe-2Abu-Pro(Cl2)-2Abu] and 
cyclo[Ser-βPhe-Ser-Pro(Cl2)-2Abu], respectively. The dichlorinated proline is shown in brown.

This thesis deals with the engineering of TtProDH in order to gain more insight into the 
structure-function relationship of this thermo-resistant flavoenzyme. For in vitro studies, 
substantial amounts of highly pure enzyme are required. Chapter 2 describes the production 
and purification of TtProDH. Using maltose-binding protein (MBP) as solubility tag, high 
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yields of holoenzyme were obtained. The MBP-tag can be efficiently removed from the 
fusion protein with trypsin. The thus obtained native enzyme is stable at high temperatures 
and tolerant against organic solvents, but forms undesirable soluble aggregates. The 
hydrophobic N-terminal helix αA of TtProDH is responsible for this self-association, as we 
describe in Chapter 3. After replacing the hydrophobic surface residues Phe10 and Leu12 
by glutamates, MBP-TtProDH almost exclusively forms tetramers. This variant, EE, is an 
excellent catalyst, but selective removal of the MBP-tag is difficult. Therefore, in subsequent 
studies we used MBP-tagged enzymes.

To gain more insight into the functionality of the N-terminal arm of TtProDH, we created 
N-terminally truncated variants that are described in Chapter 4. These variants, lacking 
respectively one (ΔA), two (ΔAB), or three (ΔABC) N-terminal helices show that helix αA 
and αB are not important for in vitro activity, while αC has a crucial role in the activity of 
the enzyme. Additional enzyme variants show in more detail that disrupting interactions 
between helix αC and α8 impairs ProDH activity. This suggests that helix αC controls the 
location and flexibility of helix α8, the latter being crucial for substrate recognition. In 
addition, helix αC is involved in tetramerization of TtProDH. 

To investigate the quaternary structure in more detail, the dimerization interface of the 
enzyme was studied in Chapter 5. Disrupting ionic interactions at the dimeric interface yields 
monomeric protein. This monomeric form is fully active but has a lowered thermostability.

Next to knowledge about the function of several α-helices, we also gained insight into 
cofactor binding of TtProDH. In Chapter 6, the production of TtProDH apoprotein is 
described.  Binding studies revealed that TtProDH binds FMN and FAD with equal rates 
and affinities. We also established that ProDH overproduced in E. coli contains significant 
amounts of FMN. Therefore, classification of TtProDH as an FAD-binding enzyme should be 
reconsidered.

Finally, the novel findings of this thesis and future perspectives are in Chapter 7.
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Abstract

Proline dehydrogenase (ProDH) catalyzes the FAD-dependent oxidation of proline to 
Δ1-pyrroline-5-carboxylate, the first step of proline catabolism in many organisms. Next to 
being involved in a number of physiological processes, ProDH is of interest for practical 
applications because the proline imino acid can serve as building block for a wide range of 
peptides and antibiotics. ProDH is a membrane-associated protein and recombinant soluble 
forms of the enzyme have only been obtained in limited amounts. We here report on the 
heterologous production of ProDH from Thermus thermophilus (TtProDH) in Escherichia 
coli. Using maltose-binding protein (MBP) as solubility tag, high yields of active holoenzyme 
are obtained. Native TtProDH can be produced from cleaving the purified fusion protein 
with trypsin. Size-exclusion chromatography shows that fused and clipped TtProDH form 
oligomers. Thermal stability and co-solvent tolerance indicate the conformational robustness 
of TtProDH. These properties together with the high yield make TtProDH attractive for 
industrial applications. 

Keywords

flavoenzyme, maltose-binding protein, proline dehydrogenase, protein stability, solubility 
tag
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Introduction	

Proline dehydrogenase (ProDH; EC 1.5.5.2) catalyzes the flavin adenine dinucleotide (FAD)-
dependent oxidation of proline to Δ1-pyrroline-5-carboxylate (P5C), the first step of proline 
catabolism in many organisms. P5C can be non-enzymatically hydrolyzed to glutamic 
semialdehyde (GSA), which is further oxidized by P5C dehydrogenase (P5CDH; EC 1.2.1.88) 
to L-glutamate. ProDH and P5CDH are separate monofunctional enzymes in eukaryotes 
and some bacteria, whereas they are fused in other bacteria [1]. This fusion results in a 
bifunctional enzyme called Proline Utilization A (PutA), which allows channeling of the GSA 
intermediate between the active sites [2-4]. 

Except from contributing to the cellular energy supply, ProDH plays important roles in 
oxidative stress, apoptosis, cancer and schizophrenia [5-8]. In plants, proline accumulates in 
response to environmental stress such as drought, high salinity and UV irradiation [6,9,10]. 
ProDHs and related enzymes are also of interest for biocatalytic applications because the 
proline imino acid can serve as building block for the synthesis of a wide range of peptides 
and antibiotics [11-15].

To date, two crystal structures of full-length PutA have been solved, which are the 
structures of Bradyrhizobium japonicum PutA [16] and Geobacter sulfurreducens PutA [3]. 
Furthermore, the crystal structure of the ProDH domain of Escherichia coli PutA [17] is 
available. For monofunctional ProDHs, crystal structures of Thermus thermophilus ProDH 
[1] and Deinococcus radiodurans ProDH [18] have been obtained. These structures indicate 
a distorted (βα)8 TIM-barrel fold [19].

ProDH is a membrane-associated enzyme [1]. When human ProDH is produced in E. coli, 
very low activity is observed [20,21]. Some biochemical data on ProDH from Saccharomyces 
cerevisiae [22] and Trypanosoma cruzi [23] have been reported, but no details were given 
about the production levels of the recombinant enzymes. All recombinant expressions 
of ProDH reported so far include a His-tagged protein and purification by metal affinity 
chromatography [18,21-27]. However, obtaining soluble protein in preparative amounts 
has remained problematic [21,26]. Furthermore, it has been reported repeatedly that 
heterologous expression of ProDH in E. coli yields protein aggregates [24,27].

For application of ProDH under non-natural conditions, the development of experimental 
strategies that allow for the production of large amounts of soluble ProDH is highly desirable. 
We here report on the heterologous production of ProDH from T. thermophilus (TtProDH) 
in E. coli. Using maltose-binding protein (MBP) as solubility tag, impressive yields of active 
holoenzyme are obtained. The hydrodynamic and conformational stability properties of 
fused and clipped TtProDH are presented as well.
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Materials & Methods 

Cloning of TtProDH

The synthetic T. thermophilus ProDH gene (Eurogentec; codon optimized for E. coli) 
encoding for amino acid residues 1-307 (NCBI RefSeq code YP_005183) and two additional 
C-terminal amino acids (Leu-Glu) was PCR amplified using the primers 5’ AAT TAG AAT TCA 
TGA ACC TGG ACC TGG CTT ACC G 3’ (forward) and 5’ GCC CAA GCT TTC ATT CCA GAC 
CGC TAA CCA G 3’ (reverse), introducing EcoRI and HindIII restriction sites (underlined). The 
amplified fragment was introduced into a pBAD-MBP vector [28] using the EcoRI and HindIII 
restriction sites, resulting in an N-terminal fusion of TtProDH to MBP. The resulting MBP-
TtProDH construct consisting of 700 amino acid residues (Fig. S1) was verified by automated 
sequencing of both strands (Macrogen) and the plasmid was transformed to E. coli TOP10 
host cells for recombinant expression.

Purification of MBP-TtProDH

An Åkta explorer FPLC system (GE Healthcare) was used for all purification steps. For enzyme 
production, 10 mL pre-cultures inoculated with E. coli TOP10 cells harboring a pBAD-MBP-
TtProDH plasmid were grown overnight at 37 °C in terrific broth (TB) medium containing 
100 μg/mL ampicillin. The pre-cultures were used to inoculate six 2 L erlenmeyer flasks, 
each containing 500 mL TB medium and 100 μg/mL ampicillin. The cells were grown at 
37 °C until OD600 = 0.8. Protein expression was induced with 0.02% (w/v) L-arabinose at 
20 °C with a shaking rate of 200 rpm for 20 h. Cells (15 g, wet weight) were harvested by 
centrifugation (7000 g at 4 °C for 10 min) and resuspended in 50 mM sodium phosphate, 
pH 7.4. After adding 1 mg DNaseI, 1 mM MgCl2 and a Complete Protease Inhibitor Cocktail 
Tablet (Roche Diagnostics), cells were lysed by passing them three times through a pre-
cooled French Press (SLM Aminco Instruments) at 10000 psi. Cell lysate was centrifuged at 
26000 g at 4 °C for 1 h. The soluble fraction was loaded on an amylose resin (16 x 75 mm) 
column (New England Biolabs), pre-equilibrated in 50 mM sodium phosphate, pH 7.4. After 
washing, bound protein was eluted with 10 mM maltose, dissolved in the same buffer. MBP-
TtProDH (630 mg) with a concentration of 8.2 mg/mL, was flash-frozen in liquid nitrogen 
and stored at -80 °C.

Limited proteolysis of MBP-TtProDH and purification of native TtProDH

Before proteolysis, MBP-TtProDH (82 mg) was fractionated on a Superdex 75 26/600 column 
(GE-Healthcare), pre-equilibrated in 50 mM sodium phosphate, 150 mM NaCl, pH 7.4. Peak 
fractions were concentrated to 16.8 mg/mL by using a 10 kDa cut off Vivaspin 20 spinfilter 
(GE Healthcare), flash-frozen in liquid nitrogen and stored at – 80 °C. 25 mg of purified 
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MBP-TtProDH was incubated with 12 µg trypsin from bovine pancreas (product no. 109 
819, Boehringer Mannheim) in 50 mM sodium phosphate, 150 mM NaCl, pH 7.4 in the 
presence of 20 mM n-octyl β-D-glucopyranoside (BOG). After 20 min incubation at 37 °C, 
phenylmethylsulfonyl fluoride (PMSF) (Merck) was added to a final concentration of 2 mM 
to inactivate the protease. The PMSF-treated samples were left at room temperature for 
1 h. Subsequently, cleaved fusion protein was loaded on a Source Q-15 anion-exchange 
(16 x 90 mm) column (GE-Healthcare), pre-equilibrated in 20 mM Bis-Tris, pH, 7.4. After 
washing with one volume of starting buffer and three volumes of 20 mM Bis-Tris, 100 mM 
NaCl, pH 7.4 to remove free MBP, the enzyme was eluted with a linear gradient of 0.1 – 1 M 
NaCl in the same buffer. Purified protein was concentrated to 2.3 mg/mL by using a 10 kDa 
cut off Vivaspin 6 spinfilter (GE Healthcare) and dialyzed against 50 mM sodium phosphate, 
pH 7.4 at 4 °C for 16 h. TtProDH was then flash-frozen in liquid nitrogen and stored at -80 °C.

Protein analysis 

Enzyme purity was checked with sodium dodecyl sulfate polyacrylamide gel electrophoresis 
(SDS-PAGE) using 10% polyacrylamide slab gels. Proteins were stained using Coomassie 
Brilliant Blue R-250. The molecular weight marker used on all gels was Precision Plus Protein 
Standard (Biorad).

Peptide mapping

Purified MBP-TtProDH, TtProDH and MBP were loaded on SDS-PAGE using 10% 
polyacrylamide slab gels. Gels were stained using a Colloidal Blue staining kit (Invitrogen). 
Destaining was performed in water. Bands corresponding to the fusion protein, TtProDH 
and MBP were cut out of the gel, supplemented with 50 μL of 5 ng/μL sequencing-grade 
bovine trypsin (Roche) in 50 mM ammonium bicarbonate, pH 8.0 and incubated at 45 °C 
for 2 h. 10% trifluoroacetic acid (TFA) was added up to a pH between 2 and 4, the samples 
were sonicated for 1 s in an ultrasonic water bath and a clean-up was performed using 
a Lichroprep C18 µcolumn. For this, the peptide mixtures were dissolved in 100 μL 0.1% 
formic acid, loaded on the column, washed with 0.1% formic acid and eluted with 50 μL 
0.05% formic acid, containing 50% acetonitrile. After reduction of the acetonitrile content 
in a concentrator at 45 °C, the peptide mixtures were analyzed by liquid chromatography-
tandem mass spectrometry (LC-MS/MS) as described previously [29]. MaxQuant [30] was 
used for peptide identification, essentially as described in [31]. 

ESI-MS

For determining the exact molecular masses of MBP-TtProDH, TtProDH and MBP, nanoflow 
electrospray ionization mass spectrometry (ESI-MS) analysis under denaturing conditions 
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was performed. Enzyme samples were prepared in 50 mM ammonium acetate pH 6.5 
and diluted to a final concentration of 5 μM (MBP-TtProDH and MBP) or 10 μM (TtProDH) 
in 5% formic acid. Analysis was performed on a LC-T nanoflow ESI orthogonal TOF mass 
spectrometer (Micromass, Manchester, UK), equipped with a Z-spray nano-electrospray 
ionization source. All measurements were performed by operating in the positive ion 
mode and by using gold-coated needles, made with boro-silicate glass capillaries (Kwik-
Fill; World precision Instruments, Sarasota) on a P-97 puller (Sutter Instruments, Novato). 
Gold coating of the needles was performed by an Edwards Scancoat sic Pirani 501 sputter 
coater (Edwards laboratories, Milpitas). Mass spectra were recorded with a capillary voltage 
of 1.2 kV and cone voltage of 30 V. All spectra were mass calibrated by using an aqueous 
solution of cesium iodine (25 mg/mL).

Gel filtration analysis

The hydrodynamic properties of TtProDH were analyzed using size exclusion chromatography. 
For this, MBP-TtProDH and TtProDH were pre-incubated for 16 h at room temperature in 
the absence or presence of 20 mM BOG, 10% glycerol, 0.5 M guanidinium hydrochloride 
(GuHCl), or 1 M GuHCl. Furthermore, TtProDH was incubated at 80 °C for 15 min. Protein 
samples were loaded on a Superdex 200 10/300 GL column (GE Healthcare), running in 
50 mM sodium phosphate, 150 mM NaCl, pH 7.4. Apparent molecular masses were 
determined from running calibration proteins in parallel, essentially as described elsewhere 
[32].

Spectral analysis

Absorption spectra of MBP-TtProDH and TtProDH were recorded at 25 °C on a Hewlett 
Packard 8453 diode array spectrophotometer in 50 mM sodium phosphate, pH 7.4. Spectra 
were collected and analyzed using the UV-Visible ChemStation software package (Hewlett 
Packard). The molar absorption coefficient of enzyme-bound FAD was determined by 
recording the absorption spectrum of 2.7 mg/mL MBP-TtProDH in the absence and presence 
of 0.5% (w/v) SDS, assuming a molar absorption coefficient for free FAD of 11.3 mM-1 cm-1 
at 450 nm. Purified enzyme concentrations were routinely determined by measuring the 
absorbance at 450 nm using the estimated molar absorption coefficient for protein-bound 
FAD (12.4 mM-1 cm-1).

Enzyme activity 

TtProDH activity was routinely determined at 25 °C using the proline:                                                                                             
dichlorophenolindophenol (DCPIP) oxidoreductase assay. The activity assay was performed 
in a volume of 600 μL containing 20 mM Hepes, pH 8.0, 100 mM L-proline and 70 μM DCPIP. 
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The reaction was initiated by the addition of catalytic amounts of enzyme and the decrease 
in absorbance at 600 nm (Δε = 16100 M-1 cm-1) was followed with a Hewlett-Packard 8453 
diode array spectrophotometer. One unit of enzyme (U) is defined as the amount of ProDH 
that transfers electrons from 1 μmol of proline to DCPIP per min at 25 °C. 

Circular dichroism spectroscopy

Far-UV circular dichroism (CD) spectra of TtProDH and MBP-TtProDH were acquired on a 
Jasco J-715 spectropolarimeter equipped with a Peltier thermostat (Jasco). Data were 
collected from 195 to 260 nm with a data pitch of 0.5 nm, scanning speed of 50 nm/min, 
response time of 1 s and 2 nm bandwidth. Spectra were recorded at 25 °C using 1 mm quartz 
cuvettes and 30 scans were averaged and baseline corrected. Samples contained 0.52 μM 
MBP-TtProDH or 1.6 μM TtProDH in 50 mM sodium phosphate, pH 7.4, both before and 
after incubation at 80 °C for 15 min. After heat treatment, samples were centrifuged before 
recording spectra.

Fluorescence spectroscopy

Protein tryptophan (Trp) fluorescence was measured using a Cary Eclipse fluorescence 
spectrophotometer (Varian). Temperature-induced unfolding of 0.21 μM MBP-TtProDH, 
0.62 μM TtProDH and 0.26 μM MBP in 20 mM Hepes, pH 8.0 was evaluated by increasing the 
temperature from 20 – 80 °C at a rate of 0.5 °C/min. Data points were collected every 0.2 °C. 
Reversibility of TtProDH unfolding was monitored by decreasing the temperature from 80 – 
20 °C with the same settings. Trp excitation was at 295 nm and fluorescence emission was 
monitored at 350 nm. Emission and excitation slits were set to 5 nm. Midpoints of transition 
were determined by fitting a sigmoid curve.

Enzyme stability

The thermal stability of MBP-TtProDH was determined at various temperatures. 10.4 µM 
MBP-TtProDH and 6.2 µM TtProDH were incubated in 20 mM Hepes, pH 8.0 for 90 min at 
60, 70, 80, 85, 90, and 95 °C, respectively. The time-dependent loss of activity was followed 
by the standard activity assay procedure. 10 µL aliquots were removed from the incubation 
mixtures at various time points up to 90 min and directly assayed for residual enzyme 
activity at 25 °C.

Enzyme stability in organic solvents was assessed by incubating 9.8 µM TtProDH in 20 mM 
Hepes, pH 8.0 supplemented with 20%, 40%, 60% or 80% ethanol (EtOH), dimethyl sulfoxide 
(DMSO) or dimethylformamide (DMF). 10 µL aliquots were removed after 1 h of incubation 
and directly assayed for residual enzyme activity at 25 °C. As a control, TtProDH was 
incubated in 20 mM Hepes, pH 8.0 for 1 h. 
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Results

Overexpression of MBP-TtProDH in E. coli 

TtProDH can be overexpressed in E. coli in large amounts as a soluble protein by using an 
N-terminal MBP tag. Expressed MBP-TtProDH comprises about 50% of total protein content 
of the cell, and 80% of the yellow fusion protein is present in the soluble fraction after lysing 
the cells. Using an amylose affinity column, more than 250 mg of MBP-TtProDH is obtained 
per liter of E. coli culture. SDS-PAGE shows two bands, which both correspond to the fusion 
protein (Fig. 1A). Peptide mapping indicates that both bands comprise the complete fusion 
construct (Fig. S2). ESI-MS reveals masses of 78677.3 ± 3.7 and 81756.9 ± 2.0 Da (Fig. S3A), 
of which the first mass is the mass of the fusion protein (theoretical mass 78674.9 Da, 
including the initial methionine), while the second mass corresponds to an elongated form 
of the fusion protein (vide infra).

Figure 1. 
Production of TtProDH from MBP-TtProDH. (A) 
Monitoring of trypsinolysis of MBP-TtProDH by SDS-
PAGE. MBP-TtProDH (0.7 mg) was incubated for 0, 5, 
10, 15 and 20 min with 0.3 μg trypsin in the absence 
(lane 1-5) and presence (lane 6-10) of 20 mM BOG. 
(B) Purification of TtProDH. From left to right: 
1) MBP-TtProDH as purified from amylose column; 
2) MBP-TtProDH after trypsin treatment; 3) TtProDH 
after anion exchange chromatography; 4) MBP after 
anion exchange chromatography. Molecular masses 
of marker proteins (M), from top to bottom: 250, 150, 
100, 75, 50, 37, 25, 20 kDa.

Hydrodynamic properties of MBP-TtProDH 

Analytical gel filtration revealed that MBP-TtProDH consists of multiple oligomeric protein 
species (Fig. 2A). It was reported before that BOG is effective in solubilizing TtProDH 
aggregates [1,24,27]. In agreement, we found that the fusion protein becomes more 
homogeneous after treatment with 20 mM BOG (Fig. 2B). An even better defined MBP-
TtProDH species was obtained when the protein was treated for 16 h with 1 M GuHCl 
(Fig. 2C). An incubation time of 1 h or lowering the concentration of GuHCl to 0.5 M was 
not sufficient to fully solubilize the larger protein aggregates (not shown). From running 
calibration proteins in parallel, the minimum apparent molecular mass of GuHCl-solubilized 
MBP-TtProDH (Fig. 2C) was estimated to be 380 ± 10 kDa.
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Figure 2. 
Hydrodynamic properties of MBP-TtProDH and TtProDH as monitored by Superdex 200 size-exclusion 
chromatography. (A) MBP-TtProDH (100 μl, 94 μM) as eluted from the amylose column; (B) MBP-TtProDH (100 μl,  
27 μM) after 16 h incubation with 20 mM BOG; (C) MBP-TtProDH (100 μl,  27 μM) after 16 h incubation with 1 M 
GuHCl; (D) TtProDH (100 μl,  51 μM) as eluted from the amylose column; (E) TtProDH (100 μl, 51 μM) after 16 h 
incubation with 20 mM BOG; (F) TtProDH (100 μl, 51 μM) after 16 h incubation with 1 M GuHCl. Absorption was 
monitored at 280 nm.

Proteolytic cleavage of MBP-TtProDH

Proteolysis of MBP-TtProDH with Factor Xa protease was not effective, despite the presence 
of a Factor Xa protease cleavage site in the linker region. Since the linker also contains a 
cleavage site for trypsin [28] (Fig. S1), this protease was used to obtain native TtProDH. 
Trypsinolysis in the presence of 20 mM BOG is more effective, since in the presence of 
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this detergent MBP-TtProDH is cleaved faster without significant further degradation 
(Fig. 1A). For preparative purposes, purified MBP-TtProDH was cleaved with trypsin in the 
presence of 20 mM BOG. The cleavage products were easily separated on a Source 15-Q 
column (see Materials & Methods), as confirmed by SDS-PAGE (Fig. 1B). TtProDH shows, like 
MBP-TtProDH, two bands on SDS-PAGE.  Peptide mapping indicates both bands comprise 
the complete protein sequence (Fig. S2). ESI-MS reveals masses of 36210.7 ± 1.1 and 
37178.5 ± 1.3 Da (Fig. S3B), of which the first mass is the mass of TtProDH (theoretical 
mass 36211.0 Da), while the second mass corresponds to an elongated form of TtProDH 
(vide infra). MBP displays a single band on gel and peptide mapping shows coverage of 
the complete protein sequence (Fig. S2). ESI-MS gives a mass of 42483.8 ± 1.1 for MBP 
(Fig. S3C), which is in agreement with the predicted theoretical mass (42481.9 Da, including 
the initial methionine).

Hydrodynamic properties of TtProDH

His-tagged TtProDH as expressed in E. coli forms large protein aggregates, which can be 
solubilized with BOG to give monomers [27], or a mixture of monomeric and dimeric species 
[1]. We found that TtProDH, originating from BOG-treated MBP-TtProDH, mainly forms 
oligomers with an apparent molecular mass of 260 ± 10 kDa (Fig. 2D). An extra treatment 
with 20 mM BOG did not significantly change the hydrodynamic properties of TtProDH 
(Fig. 2E). However, treatment of TtProDH with 1 M GuHCl yields a mixture of oligomeric 
species with apparent molecular masses ranging from 100 to 180 kDa (Fig. 2F). Heating of 
TtProDH at 80 °C for 15 min results in a more uniform oligomeric species with an apparent 
molecular mass of 240 ± 10 kDa (data not shown). Keeping the heated protein at room 
temperature for 16 h gives the same result.

Spectral properties

The visible flavin absorption spectrum of purified MBP-TtProDH shows maxima at 381 nm 
and 451 nm and shoulders at 376, 426 and 476 nm, respectively (Fig. 3). The absorption 
ratio A381/A451 of 0.87 is significantly lower than that of His-tagged TtProDH [1]. The shape 
(vibrational fine structure) of the flavin absorption spectrum does hardly change after cleavage 
of the MBP fusion partner (not shown). The molar absorption coefficient of TtProDH-bound 
FAD is 12.4 mM-1 cm-1 at 451 nm, as deduced from SDS unfolding experiments. TtProDH 
is rather resistant to SDS-mediated unfolding. After 1 h of incubation in 0.2% SDS, MBP-
TtProDH still shows the absorption spectrum of the folded flavoprotein. Complete unfolding 
of the holoprotein at room temperature requires incubation in 0.5% SDS. MBP-TtProDH has 
an absorption ratio of A279/A451 of 17.5, while this ratio is 6.4 for TtProDH. These absorption 
ratios are in good agreement with the number of aromatic residues of MBP and TtProDH, 
and indicate that both MBP-TtProDH and TtProDH are fully saturated with FAD.
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Figure 3. 
Flavin absorption spectrum of purified MBP-TtProDH 
(35.6 μM) in 50 mM sodium phosphate, pH 7.4. 

Catalytic properties

Purified MBP-TtProDH has a specific activity of 4 ± 1 U/mg at 25 °C. Addition of excess 
FAD hardly improves the enzyme activity, confirming that the enzyme is fully saturated with 
FAD. The specific activity of MBP-TtProDH is in the same range as reported for His-tagged 
ProDH [1]. Proteolytic cleavage of MBP-TtProDH does not significantly change the activity of 
TtProDH. The same holds when MBP-TtProDH or TtProDH are treated for 16 h with 20 mM 
BOG or 1 M GuHCl.

Protein stability

The structural stability of the enzyme was determined by CD spectroscopy. At 25 °C, MBP-
TtProDH (Fig. 4A) and TtProDH (Fig. 4B) are clearly well-structured. After incubating at 
80 °C for 15 min, the fusion protein forms visible aggregates due to unfolding of MBP. This 
is reflected in a severe loss of CD signal. TtProDH on the other hand retains its structural 
features after incubation at 80 °C, although a small amount of protein is lost because of 
aggregation. 

Thermal unfolding of MBP-TtProDH (11 Trp residues), TtProDH (3 Trp residues) and MBP 
(8 Trp) was also monitored by Trp fluorescence spectroscopy (Fig. 4C). Upon incubation 
of MBP-TtProDH at increasing temperature, the Trp fluorescence emission drops with a 
midpoint of transition around 53 °C. For free MBP, the midpoint of transition is around 56 °C. 
When increasing the temperature from 20 - 80 °C, the fluorescence emission of TtProDH 
gradually decreases without a clear transition. This, and the fact that the quantum yield of 
Trp fluorescence decreases with increasing temperature [33], suggests that TtProDH does 
not unfold under the conditions applied. Decreasing the temperature of the heated TtProDH 
sample shows that the Trp fluorescence behavior is not fully reversible. The transition in Trp 
fluorescence observed during heating of MBP-TtProDH is due to unfolding of MBP, since 
TtProDH does not unfold at these temperatures.
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The thermostability of fused and clipped TtProDH was also assessed by incubating MBP-
TtProDH and TtProDH at elevated temperatures and monitoring the residual activity as a 
function of the incubation time. With MBP-TtProDH, more than 50% of the activity is retained 
after 90 min incubation at 60, 70 and 80 °C (Fig. 4D). When incubating MBP-TtProDH at 
90 °C, the activity gets readily lost. TtProDH is more stable than MBP-TtProDH. Fig. 4E shows 
that with the native enzyme, rapid loss of activity only occurs at temperatures above 90 °C, 
in good agreement with results obtained for His-tagged ProDH [1]. Note that for TtProDH, 
the activity initially increases when the enzyme is incubated at elevated temperatures.

The storage stability of TtProDH in organic solvents was assessed by incubating the enzyme 
in different concentrations of EtOH, DMSO and DMF. As can be seen from Fig. 4F, TtProDH is 
rather stable in these co-solvents. After 1 h incubation, more than 50% of residual activity is 
observed in 40% EtOH, 60% DMF, and 60% DMSO, respectively. In 80% of all three organic 
solvents, the activity of TtProDH is more readily lost, although still more than 15% of activity 
is retained in 80% DMF after 1 h incubation
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Figure 4. 
Stability of MBP-TtProDH and TtProDH. (A) CD spectra of MBP-TtProDH (0.52 μM) before (black) and after (gray) 
incubation of the sample at 80 °C. (B) CD spectra of TtProDH (1.6 μM) before (black) and after (gray) incubation 
of the sample at 80 °C. (C) Thermal unfolding of MBP-TtProDH (0.21 μM), MBP (0.26 μM) and TtProDH (0.62 μM) 
as monitored by tryptophan fluorescence spectroscopy. Black: MBP-TtProDH; green: TtProDH (unfolding); purple: 
TtProDH (refolding); red: MBP; (D) Thermoinactivation of MBP-TtProDH (10.4 μM) as a function of temperature. 
(E) Thermoinactivation of TtProDH (6.2 μM) as a function of temperature. For (D) and (E): black squares: 60 °C; 
open triangles: 70 °C; gray circles: 80 °C; open squares 85 °C; black triangles 90 °C; open circles 95 °C. (F) Residual 
activity of TtProDH (6.2 μM) in different organic solvents. Each measurement was performed in triplicate. Purple: 
control; blue: EtOH; green: DMF; red: DMSO.
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Discussion

MBP is widely recognized as a carrier protein for the production of soluble recombinant 
proteins in E. coli [34,35]. In this report, we show that MBP can efficiently assist in the 
production of large amounts of soluble TtProDH in E. coli. The MBP tag inhibits the self-
association of TtProDH, preventing to a large extent the formation of insoluble protein 
aggregates. Size-exclusion chromatography revealed that MBP-TtProDH has a complex 
quaternary structure and that incubation with BOG or GuHCl results in oligomeric species 
that are composed of at least four polypeptide chains. MBP-bound TtProDH is fully saturated 
with FAD, raising the question if flavin incorporation precedes oligomerization.

Cleavage of MBP-TtProDH with Factor Xa was not successful, possibly because of steric 
hindrance. The inability of Factor Xa to efficiently cleave fusion proteins has been reported 
before [36-38]. Trypsin is more effective in cleaving MBP-TtProDH. Especially in the presence 
of BOG, rather pure forms of free MBP and TtProDH are obtained. The fact that TtProDH 
itself is not degraded by trypsin indicates a stable and well-folded protein.

Analytical gel filtration established that TtProDH resembles MBP-TtProDH in stabilizing 
a quaternary structure composed of at least four polypeptide chains. Determination of 
the precise geometry of MBP-TtProDH and TtProDH requires further studies, directed at 
determining the subunit arrangement and intermolecular interactions of the biomolecules. 
This is particularly interesting because N-terminally His-tagged TtProDH as treated with BOG 
was found to be a mixture of dimers and monomers [1]. Moreover, several other ProDHs 
have been described as dimers [21,23,39] while in some cases, the oligomerization state of 
ProDH was not reported [22,24,26]. 

SDS-PAGE indicated that the E. coli cells produce two forms of MBP-TtProDH. Peptide 
mapping revealed that both forms comprise the complete sequence of the fusion protein. 
The lower band on gel corresponds to full-length MBP-TtProDH, while the upper band 
corresponds to a read-through protein extended by 25 amino acids. This read-through 
is produced because of the selected stop codon, TGA, which can be recognized by the 
tRNA coding for Trp, TGG [40,41]. The amino acid sequence of the read-through protein 
(Fig. S4) corresponds to a theoretical mass of 81751.3 Da, which is in fair agreement with 
the measured mass of 81756.9 ± 2.0 Da. TtProDH is also present in two forms as shown on 
SDS-PAGE. The lower band again corresponds to full-length enzyme while the upper band 
corresponds to a read-through protein, this time extended by only 7 amino acids (Fig. S4). 
This shorter extension is due to cleavage of the additional C-terminal part by trypsin. The 
measured mass of 37178.5 ± 1.3 Da corresponds to the theoretical mass of 37178.1 kDa.

Thermoinactivation studies showed that TtProDH has a melting temperature around 87 °C. 
MBP-TtProDH is less stable, most probably because ProDH-bound MBP unfolds around 
53 °C. Free MBP isolated in this study unfolds at 56 °C. This value is somewhat lower than 



High yields of active TtProDH are obtained using MBP as a solubility tag

57

2

the corresponding value of 62 °C reported for wild-type MBP [42], possibly because of the 
presence of the asparagine-rich linker sequence (Fig. S1). Trp fluorescence and CD analysis 
revealed that TtProDH does not unfold upon heating from 20 °C to 80 °C. However, the 
thermal process is not fully reversible. Gel filtration suggests that during heating some 
irreversible change in oligomerization behavior occurs. This change apparently results in a 
more active enzyme, as indicated by the increased activity of the enzyme when incubating 
at elevated temperatures.

Next to being useful for structure-function relationship studies, the overexpression of MBP-
TtProDH is of interest from an industrial point of view. Large amounts of active holoenzyme 
can be obtained through a simple cultivation procedure and one-step purification of the 
fusion protein. MBP-TtProDH is a rather stable enzyme, which can be used in synthetic and 
biosensor applications. In cases where it would be desirable to apply the more thermostable 
native enzyme, which is also compatible with several organic solvents, tryptic cleavage of 
MBP-TtProDH can be readily achieved.
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Supporting information

Figure S1. 
DNA and amino sequence of the MBP-TtProDH fusion protein. MBP: residues 1-367; TtProDH: residues 392-700; 
The linker amino acid sequence (residues 368-391) is underlined with the factor Xa cleavage site (residues 384-387) 
indicated in bold. Trypsin cleaves the construct after the arginine present in the linker (Arg387).

atgaaaatcgaagaaggtaaactggtaatctggattaacggcgataaaggctataacggt
 M  K  I  E  E  G  K  L  V  I  W  I  N  G  D  K  G  Y  N  G 
ctcgctgaagtcggtaagaaattcgagaaagataccggaattaaagtcaccgttgagcat
 L  A  E  V  G  K  K  F  E  K  D  T  G  I  K  V  T  V  E  H 
ccggataaactggaagagaaattcccacaggttgcggcaactggcgatggccctgacatt
 P  D  K  L  E  E  K  F  P  Q  V  A  A  T  G  D  G  P  D  I 
atcttctgggcacacgaccgctttggtggctacgctcaatctggcctgttggctgaaatc
 I  F  W  A  H  D  R  F  G  G  Y  A  Q  S  G  L  L  A  E  I 
accccggacaaagcgttccaggacaagctgtatccgtttacctgggatgccgtacgttac
 T  P  D  K  A  F  Q  D  K  L  Y  P  F  T  W  D  A  V  R  Y  100
aacggcaagctgattgcttacccgatcgctgttgaagcgttatcgctgatttataacaaa
 N  G  K  L  I  A  Y  P  I  A  V  E  A  L  S  L  I  Y  N  K 
gatctgctgccgaacccgccaaaaacctgggaagagatcccggcgctggataaagaactg
 D  L  L  P  N  P  P  K  T  W  E  E  I  P  A  L  D  K  E  L 
aaagcgaaaggtaagagcgcgctgatgttcaacctgcaagaaccgtacttcacctggccg
 K  A  K  G  K  S  A  L  M  F  N  L  Q  E  P  Y  F  T  W  P 
ctgattgctgctgacgggggttatgcgttcaagtatgaaaacggcaagtacgacattaaa
 L  I  A  A  D  G  G  Y  A  F  K  Y  E  N  G  K  Y  D  I  K 
gacgtgggcgtggataacgctggcgcgaaagcgggtctgaccttcctggttgacctgatt
 D  V  G  V  D  N  A  G  A  K  A  G  L  T  F  L  V  D  L  I  200
aaaaacaaacacatgaatgcagacaccgattactccatcgcagaagctgcctttaataaa
 K  N  K  H  M  N  A  D  T  D  Y  S  I  A  E  A  A  F  N  K 
ggcgaaacagcgatgaccatcaacggcccgtgggcatggtccaacatcgacaccagcaaa
 G  E  T  A  M  T  I  N  G  P  W  A  W  S  N  I  D  T  S  K 
gtgaattatggtgtaacggtactgccgaccttcaagggtcaaccatccaaaccgttcgtt
 V  N  Y  G  V  T  V  L  P  T  F  K  G  Q  P  S  K  P  F  V 
ggcgtgctgagcgcaggtattaacgccgccagtccgaacaaagagctggcaaaagagttc
 G  V  L  S  A  G  I  N  A  A  S  P  N  K  E  L  A  K  E  F 
ctcgaaaactatctgctgactgatgaaggtctggaagcggttaataaagacaaaccgctg
 L  E  N  Y  L  L  T  D  E  G  L  E  A  V  N  K  D  K  P  L  300
ggtgccgtagcgctgaagtcttacgaggaagagttggcgaaagatccacgtattgccgcc
 G  A  V  A  L  K  S  Y  E  E  E  L  A  K  D  P  R  I  A  A 
actatggaaaacgcccagaaaggtgaaatcatgccgaacatcccgcagatgtccgctttc
 T  M  E  N  A  Q  K  G  E  I  M  P  N  I  P  Q  M  S  A  F 
tggtatgccgtgcgtactgcggtgatcaacgccgccagcggtcgtcagactgtcgatgaa
 W  Y  A  V  R  T  A  V  I  N  A  A  S  G  R  Q  T  V  D  E 
gccctgaaagacgcgcagactaattcgagctcgaacaacaacaacaataacaataacaac
 A  L  K  D  A  Q  T  N  S  S  S  N  N  N  N  N  N  N  N  N 
aacctcgggatcgagggaaggatttcagaattcatgaacctggacctggcttaccgtagc
 N  L  G  I  E  G  R  I  S  E  F  M  N  L  D  L  A  Y  R  S  400
tttgttctgggtgttgcaggtcatccgcaggttgaacgtctgattaaacatcgtgcaaaa
 F  V  L  G  V  A  G  H  P  Q  V  E  R  L  I  K  H  R  A  K 
ggtctggttcgtcgttatgttgccggtgaaaccctggaagaagcactgaaagcagccgaa
 G  L  V  R  R  Y  V  A  G  E  T  L  E  E  A  L  K  A  A  E 
gcactggaacgtgaaggtgttcatgcaatcctggatctgctgggtgaaatggttcgtacc
 A  L  E  R  E  G  V  H  A  I  L  D  L  L  G  E  M  V  R  T 
gaagaagaggcacgcgcatttcagcgtggtctgctggaactggtttgggcactggcaggt
 E  E  E  A  R  A  F  Q  R  G  L  L  E  L  V  W  A  L  A  G 
aaaccgtggccgaaatatatcagcctgaaactgacacagctgggactggatctgagcgaa
 K  P  W  P  K  Y  I  S  L  K  L  T  Q  L  G  L  D  L  S  E  500
gatctggcactggccctgctgcgtgaagttctgcgcgaagcagaaccgcgtggtgttttt
 D  L  A  L  A  L  L  R  E  V  L  R  E  A  E  P  R  G  V  F 
gttcgtctggatatggaagatagtccgcgtgttgaagcaaccctgcgtctgtatcgtgca
 V  R  L  D  M  E  D  S  P  R  V  E  A  T  L  R  L  Y  R  A 
ctgcgtgaggaaggttttagccaggttggtattgttctgcagagctatctgtatcgcacc
 L  R  E  E  G  F  S  Q  V  G  I  V  L  Q  S  Y  L  Y  R  T 
gaaaaagacctgctggatctgctgccgtatcgtccgaatctgcgtctggttaaaggtgca
 E  K  D  L  L  D  L  L  P  Y  R  P  N  L  R  L  V  K  G  A 
tatcgtgaaccgaaagaagttgcatttccggataaacgcctgattgatgccgaatatctg
 Y  R  E  P  K  E  V  A  F  P  D  K  R  L  I  D  A  E  Y  L  600
catctgggtaaactggcgctgaaagaaggtctgtacgttgcatttgcaacccatgatccg
 H  L  G  K  L  A  L  K  E  G  L  Y  V  A  F  A  T  H  D  P 
cgtattattgcagaactgaaacgttataccgaagcaatgggtattccgcgtagccgtttt
 R  I  I  A  E  L  K  R  Y  T  E  A  M  G  I  P  R  S  R  F 
gaatttcagtttctgtatggtgttcgtcctgaagaacagcgtcgtctggcacgcgaaggt
 E  F  Q  F  L  Y  G  V  R  P  E  E  Q  R  R  L  A  R  E  G 
tataccgttcgtgcctatgttccgtatggtcgtgattggtatccgtatctgacccgtcgt
 Y  T  V  R  A  Y  V  P  Y  G  R  D  W  Y  P  Y  L  T  R  R 
attgccgaacgtccggaaaatctgctgctggttctgcgtagcctggttagcggtctggaa
 I  A  E  R  P  E  N  L  L  L  V  L  R  S  L  V  S  G  L  E  700
tga
 -    
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Figure S2. 
Peptide mapping of MBP-TtProDH, TtProDH and MBP. Peak intensities of the peptides were normalized to 1 for 
each sample separately. In green, peptides with relative peak intensities >0.0005 are depicted, they are assumed 
as being present. In red, peptides with relative peak intensities <0.0005 are depicted, they are assumed as being 
present in very low amounts or being absent. For MBP-TtProDH and TtProDH, both bands corresponding to the 
enzyme on gel were analyzed separately although they are shown as one sample in this figure. Peptides present in 
one while absent in the other are depicted in orange.
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Figure S3.
(A) ESI-MS spectrum of MBP-TtProDH. Masses of 78677.3 ± 3.7 and 81756.9 ± 2.0 Da are revealed, of which the 
first mass is the mass of the fusion protein (theoretical mass 78674.9 Da, including the initial methionine), while 
the second mass corresponds to a read-through protein extended by 25 amino acids (theoretical mass 81751.3 Da).  
(B) ESI-MS spectrum of TtProDH. Masses of 36210.7 ± 1.1 and 37178.5 ± 1.3 Da are revealed, of which the first 
mass is the mass of TtProDH (theoretical mass 36211.0 Da), while the second mass corresponds to a read-through 
protein (which is additionally cut by trypsin) by 7 amino acids (theoretical mass 37178.1 kDa). (C) ESI-MS spectrum 
of MBP. A mass of 42483.8 ± 1.1 is revealed which is in agreement with the predicted theoretical mass (42481.9 Da, 
including the initial methionine).
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Figure S4. 
DNA and amino sequence of the MBP-TtProDH fusion protein after read-through of the stopcodon. The stopcodon 
TGA is changed into TGG during a read-through, incorporating a tryptophan, shown in white on a black background. 
The lysine after which trypsin cleaves, producing a shortened read-through protein of TtProDH, is shown in white 
on a gray background.

atgaaaatcgaagaaggtaaactggtaatctggattaacggcgataaaggctataacggt
 M  K  I  E  E  G  K  L  V  I  W  I  N  G  D  K  G  Y  N  G 
ctcgctgaagtcggtaagaaattcgagaaagataccggaattaaagtcaccgttgagcat
 L  A  E  V  G  K  K  F  E  K  D  T  G  I  K  V  T  V  E  H 
ccggataaactggaagagaaattcccacaggttgcggcaactggcgatggccctgacatt
 P  D  K  L  E  E  K  F  P  Q  V  A  A  T  G  D  G  P  D  I 
atcttctgggcacacgaccgctttggtggctacgctcaatctggcctgttggctgaaatc
 I  F  W  A  H  D  R  F  G  G  Y  A  Q  S  G  L  L  A  E  I 
accccggacaaagcgttccaggacaagctgtatccgtttacctgggatgccgtacgttac
 T  P  D  K  A  F  Q  D  K  L  Y  P  F  T  W  D  A  V  R  Y  100
aacggcaagctgattgcttacccgatcgctgttgaagcgttatcgctgatttataacaaa
 N  G  K  L  I  A  Y  P  I  A  V  E  A  L  S  L  I  Y  N  K 
gatctgctgccgaacccgccaaaaacctgggaagagatcccggcgctggataaagaactg
 D  L  L  P  N  P  P  K  T  W  E  E  I  P  A  L  D  K  E  L 
aaagcgaaaggtaagagcgcgctgatgttcaacctgcaagaaccgtacttcacctggccg
 K  A  K  G  K  S  A  L  M  F  N  L  Q  E  P  Y  F  T  W  P 
ctgattgctgctgacgggggttatgcgttcaagtatgaaaacggcaagtacgacattaaa
 L  I  A  A  D  G  G  Y  A  F  K  Y  E  N  G  K  Y  D  I  K 
gacgtgggcgtggataacgctggcgcgaaagcgggtctgaccttcctggttgacctgatt
 D  V  G  V  D  N  A  G  A  K  A  G  L  T  F  L  V  D  L  I  200
aaaaacaaacacatgaatgcagacaccgattactccatcgcagaagctgcctttaataaa
 K  N  K  H  M  N  A  D  T  D  Y  S  I  A  E  A  A  F  N  K 
ggcgaaacagcgatgaccatcaacggcccgtgggcatggtccaacatcgacaccagcaaa
 G  E  T  A  M  T  I  N  G  P  W  A  W  S  N  I  D  T  S  K 
gtgaattatggtgtaacggtactgccgaccttcaagggtcaaccatccaaaccgttcgtt
 V  N  Y  G  V  T  V  L  P  T  F  K  G  Q  P  S  K  P  F  V 
ggcgtgctgagcgcaggtattaacgccgccagtccgaacaaagagctggcaaaagagttc
 G  V  L  S  A  G  I  N  A  A  S  P  N  K  E  L  A  K  E  F 
ctcgaaaactatctgctgactgatgaaggtctggaagcggttaataaagacaaaccgctg
 L  E  N  Y  L  L  T  D  E  G  L  E  A  V  N  K  D  K  P  L  300
ggtgccgtagcgctgaagtcttacgaggaagagttggcgaaagatccacgtattgccgcc
 G  A  V  A  L  K  S  Y  E  E  E  L  A  K  D  P  R  I  A  A 
actatggaaaacgcccagaaaggtgaaatcatgccgaacatcccgcagatgtccgctttc
 T  M  E  N  A  Q  K  G  E  I  M  P  N  I  P  Q  M  S  A  F 
tggtatgccgtgcgtactgcggtgatcaacgccgccagcggtcgtcagactgtcgatgaa
 W  Y  A  V  R  T  A  V  I  N  A  A  S  G  R  Q  T  V  D  E 
gccctgaaagacgcgcagactaattcgagctcgaacaacaacaacaataacaataacaac
 A  L  K  D  A  Q  T  N  S  S  S  N  N  N  N  N  N  N  N  N 
aacctcgggatcgagggaaggatttcagaattcatgaacctggacctggcttaccgtagc
 N  L  G  I  E  G  R  I  S  E  F  M  N  L  D  L  A  Y  R  S  400
tttgttctgggtgttgcaggtcatccgcaggttgaacgtctgattaaacatcgtgcaaaa
 F  V  L  G  V  A  G  H  P  Q  V  E  R  L  I  K  H  R  A  K 
ggtctggttcgtcgttatgttgccggtgaaaccctggaagaagcactgaaagcagccgaa
 G  L  V  R  R  Y  V  A  G  E  T  L  E  E  A  L  K  A  A  E 
gcactggaacgtgaaggtgttcatgcaatcctggatctgctgggtgaaatggttcgtacc
 A  L  E  R  E  G  V  H  A  I  L  D  L  L  G  E  M  V  R  T 
gaagaagaggcacgcgcatttcagcgtggtctgctggaactggtttgggcactggcaggt
 E  E  E  A  R  A  F  Q  R  G  L  L  E  L  V  W  A  L  A  G 
aaaccgtggccgaaatatatcagcctgaaactgacacagctgggactggatctgagcgaa
 K  P  W  P  K  Y  I  S  L  K  L  T  Q  L  G  L  D  L  S  E  500
gatctggcactggccctgctgcgtgaagttctgcgcgaagcagaaccgcgtggtgttttt
 D  L  A  L  A  L  L  R  E  V  L  R  E  A  E  P  R  G  V  F 
gttcgtctggatatggaagatagtccgcgtgttgaagcaaccctgcgtctgtatcgtgca
 V  R  L  D  M  E  D  S  P  R  V  E  A  T  L  R  L  Y  R  A 
ctgcgtgaggaaggttttagccaggttggtattgttctgcagagctatctgtatcgcacc
 L  R  E  E  G  F  S  Q  V  G  I  V  L  Q  S  Y  L  Y  R  T 
gaaaaagacctgctggatctgctgccgtatcgtccgaatctgcgtctggttaaaggtgca
 E  K  D  L  L  D  L  L  P  Y  R  P  N  L  R  L  V  K  G  A 
tatcgtgaaccgaaagaagttgcatttccggataaacgcctgattgatgccgaatatctg
 Y  R  E  P  K  E  V  A  F  P  D  K  R  L  I  D  A  E  Y  L  600
catctgggtaaactggcgctgaaagaaggtctgtacgttgcatttgcaacccatgatccg
 H  L  G  K  L  A  L  K  E  G  L  Y  V  A  F  A  T  H  D  P 
cgtattattgcagaactgaaacgttataccgaagcaatgggtattccgcgtagccgtttt
 R  I  I  A  E  L  K  R  Y  T  E  A  M  G  I  P  R  S  R  F 
gaatttcagtttctgtatggtgttcgtcctgaagaacagcgtcgtctggcacgcgaaggt
 E  F  Q  F  L  Y  G  V  R  P  E  E  Q  R  R  L  A  R  E  G 
tataccgttcgtgcctatgttccgtatggtcgtgattggtatccgtatctgacccgtcgt
 Y  T  V  R  A  Y  V  P  Y  G  R  D  W  Y  P  Y  L  T  R  R 
attgccgaacgtccggaaaatctgctgctggttctgcgtagcctggttagcggtctggaa
 I  A  E  R  P  E  N  L  L  L  V  L  R  S  L  V  S  G  L  E  700
tggaagcttgggcccgaacaaaaactcatctcagaagaggatctgaatagcgccgtcgac
 W  K  L  G  P  E  Q  K  L  I  S  E  E  D  L  N  S  A  V  D  
catcatcatcatcatcattga
 H  H  H  H  H  H  -  
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Abstract

Proline dehydrogenase (ProDH) is a ubiquitous flavoenzyme involved in the biosynthesis 
of L-glutamate. ProDH is of interest for biocatalysis because the protein might be applied 
in multi-enzyme reactions for the synthesis of structurally complex molecules. We recently 
demonstrated that the thermotolerant ProDH from Thermus thermophilus (TtProDH) is 
overproduced in Escherichia coli when using maltose-binding protein (MBP) as a solubility 
tag. However, MBP-TtProDH and MBP-clipped TtProDH are prone to aggregation through 
non-native self-association. Here we provide evidence that the hydrophobic N-terminal 
helix of TtProDH is responsible for the self-association process. The more polar MBP-tagged 
F10E/L12E variant exclusively forms tetramers and exhibits excellent catalytic features over 
a wide range of temperatures. Understanding the hydrodynamic and catalytic properties of 
thermostable enzymes is important for the development of industrial biocatalysts as well as 
for pharmaceutical applications.
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Introduction

Protein oligomerization is a commonly observed cellular process. Dimers (about 40%) 
and tetramers (about 20%) are the most common protein species in the cell, of which the 
majority is homo-oligomeric [1,2]. In vivo, protein oligomerization might be advantageous 
for many reasons, such as catalysis, cooperativity, improved stability and a reduction of 
surface area [1,3-6]. 

The oligomeric state of an in vitro produced enzyme does not necessarily represent the 
in vivo situation. Many intrinsic and extrinsic factors can influence the in vitro oligomeric 
state of proteins [7] and there are different types of ‘non-native’ oligomerization pathways 
[7,8]. One such pathway concerns aggregation through self-association, which means that 
proteins can associate into aggregates directly from the native state. This process can lead 
to soluble aggregates and is not always reversible.

Interacting protein surfaces are more hydrophobic than free protein surfaces. Furthermore, 
the subunit interface in oligomers is on average more hydrophobic than the average protein-
protein interface [9-12]. Hydrophobic regions in proteins can also indicate regions sensitive 
to aggregation [13-15]. Knowing the location and properties of regions that are sensitive 
to aggregation can help in rationalizing what kind of effects sequence changes can have 
on the aggregation behavior of the protein [15]. Introducing so-called sequence breakers, 
for example an amino acid that disrupts a hydrophobic region in a sequence, can decrease 
the aggregation propensity of a protein [14,16,17]. By using negative design, formation of 
undesirable non-native structures can be avoided [18-20]. 

We are investigating the molecular properties of Thermus thermophilus proline 
dehydrogenase (TtProDH; EC 1.5.5.2) for potential application in multi-enzyme reactions. 
TtProDH is an extremely stable flavin adenine dinucleotide (FAD)-dependent enzyme 
involved in proline catabolism (Fig. 1). 

Figure 1.
Conversion of L-proline to L-glutamate by ProDH and P5CDH.

It has a conserved distorted (βα)8 TIM-barrel fold and an N-terminal arm that consists of 
three helices: αA, αB and αC [21] (Fig. 2A). The C-terminal helix α8 fits into the cleft that 
is formed by helices αA, αB and αC. Together, these four helices form a hydrophobic patch 
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that is thought to be involved in channeling Δ1-pyrroline-5-carboxylate (P5C)/glutamic 
semialdehyde (GSA) between TtProDH and its partner enzyme Δ1-pyrroline-5-carboxylate 
dehydrogenase (TtP5CDH) [21,22]. Applying the selectivity of TtProDH in tandem reactions 
with other enzymes might be a powerful tool to efficiently produce structurally complex 
molecules from L-proline.

Several ProDHs from various sources have been described as dimers [23-25]. However, the 
oligomeric state of TtProDH remains ambiguous. N-terminally His-tagged TtProDH treated 
with n-octyl β-D-glucopyranoside (BOG) was described as a mixture of dimers and monomers 
[21]. We produced TtProDH with maltose-binding protein (MBP) as a solubility tag and 
found that, both in the absence and presence of BOG, MBP-TtProDH and MBP-clipped 
TtProDH consist of oligomers and soluble aggregates [26]. The non-native self-association 
observed might be related to the hydrophobic nature of the N-terminal helix of TtProDH. To 
address this issue, we increased the polarity of helix αA by introducing sequence-breakers 
via site-directed mutagenesis. Phe10 and Leu12, located at the protein surface (Fig. 2B), 
were replaced by glutamates, generating the F10E/L12E variant of MBP-TtProDH. The 
biochemical properties of MBP-TtProDH wildtype and MBP-TtProDH F10E/L12E (further 
referred herein as WT and EE, respectively) are compared in this chapter.

Figure 2.
Structural features of TtProDH. (A) Three-dimensional model of the crystal structure of TtProDH (PDB entry 2G37). 
The N-terminal helices αA (green), αB (red) and αC (blue) are indicated, as well as the C-terminal helix α8 (brown). 
The FAD cofactor is depicted in yellow. (B) Hydrophobicity of the N-terminal helix (5-LAYRSFVLGVAGHP-18) of 
TtProDH. The intensity of the red color is correlated to the hydrophobicity of the residue. Phe10 and Leu12 are 
shown in sticks. The N-terminal helix αA is shown bright, N-terminal helices αB, αC and the catalytic domain with 
the FAD cofactor are shown transparent.
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Materials and methods 

Cloning and site-directed mutagenesis of TtProDH variants 

In our previous research, we obtained two forms of MBP-TtProDH [26]. With peptide 
mapping and mass spectrometry, we showed that one form corresponded to full-length 
MBP-TtProDH while the other form corresponded to an elongated form of the enzyme. 
This elongated form was due to a read-through of the stop codon. Here, the stop codon 
was changed from TGA to TAA, resulting in the production of a single form of WT. This was 
done in a one-step PCR and ligation reaction, using the pBAD-MBP vector containing the 
synthetic ProDH gene from Thermus thermophilus [26] as template plasmid. A single primer 
(5’ G GTT AGC GGT CTA GAA TAA AAG CTT GGG CCC GAA C 3’ (nucleotide change underlined) 
was used to introduce the mutation. The PCR product was treated with DpnI and directly 
transformed to E. coli dh5α cells. Positive constructs were identified through automated 
sequencing of both strands (Macrogen). Subsequently, the correct plasmid was transformed 
to E. coli TOP10 host cells for recombinant expression. 

The gene encoding the F10E/L12E variant of WT was constructed by using the same one-
step PCR and ligation reaction as was used for the stop codon change. pBAD WT with the 
corrected stop codon (TAA) was used as template DNA, and the primer used was 5’ GCT TAC 
CGT AGC GAA GTT GAA GGT GTT GCA GGT C 3’ (nucleotide changes underlined).

Purification of MBP-TtProDH variants

WT and EE were purified according to a protocol described previously [26]. After the 
amylose column (New England Biolabs, 80 mL in XK 26/10), an additional polishing step 
was performed. 100 µM FAD was added to the enzyme, which was subsequently loaded 
onto a Q-Sepharose column (GE Healthcare, 60 mL in XK 26/10), pre-equilibrated in 20 mM 
Bis-Tris pH, 7.4. Next, the column was washed with one volume of starting buffer and three 
volumes of 20 mM Bis-Tris, 100 mM NaCl, pH 7.4. Subsequently, the enzyme was eluted with 
a linear gradient of 0.1 – 0.5 M NaCl in the same buffer. Purified protein was concentrated 
to a protein content of 5-10 mg/mL using a 10 kDa cut off Amicon filter and subsequently 
dialyzed against 5 L of 50 mM sodium phosphate, pH 7.4 at 4 °C for 16 h. The purified 
enzymes were flash-frozen in liquid nitrogen and stored at -80 °C. 

Limited proteolysis

Limited proteolysis was performed using diphenyl carbamyl chloride treated trypsin (Sigma). 
240 µg of the target enzyme was incubated with 0.12 µg of protease in a final volume of 
60 µL. The reactions were performed in 50 mM sodium phosphate, pH 7.4, in the presence 
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and absence of 20 mM BOG. Proteolysis was performed at 37 °C. Before proteolysis and after 
2, 5, 10, 20, 30, 60 min of incubation, a 5 µL sample was taken and immediately added to pre-
heated loading buffer to stop the reaction. The samples were subsequently analyzed using 
sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE). 12% polyacrylamide 
slab gels were used and the proteins were stained with Coomassie Brilliant Blue R-250. As a 
molecular weight marker, Precision Plus Protein Standard (Biorad) was used.

Analytical gel filtration

The hydrodynamic properties of WT and EE were analyzed by size exclusion chromatography, 
essentially as described before [26]. 200 μL of a 40 μM enzyme solution was loaded on 
a Superdex 200 10/300 GL (GE Healthcare), equilibrated in 50 mM sodium phosphate, 
150 mM NaCl, pH 7.4.

Electrospray ionization mass spectrometry 

The native and subunit masses of WT and EE were determined using nanoflow electrospray 
ionization mass spectrometry (ESI-MS), according to a method described before [26]. Free 
MBP served as a reference. Protein samples were prepared in 50 mM ammonium acetate, pH 
6.5. For analysis under native conditions, the enzymes were diluted to a final concentration 
of 5 - 10 µM. For analysis under denatured conditions enzyme samples were diluted in 5% 
formic acid, to a final concentration of 10 µM.

Spectral analysis

Flavin absorption spectra were recorded at 25 °C on a Hewlett-Packard 8453 diode array 
spectrophotometer, essentially as described before [26]. Protein concentration of the 
samples was 40 µM; enzymes were present in 50 mM sodium phosphate, pH 7.4. Enzyme 
concentrations were routinely determined by measuring the absorbance at 450 nm, using 
the estimated molar absorption coefficient for protein-bound FAD of 12.4 mM-1 cm-1 [26].

Circular dichroism (CD) spectra were acquired on a Jasco J-715 spectropolarimeter equipped 
with a Peltier thermostat (Jasco). Far-UV CD spectra of 0.5 µM enzyme in 50 mM sodium 
phosphate, pH 7.4 were recorded at 25 °C using 1 mm quartz cuvettes. 30 scans were 
averaged and baseline corrected. Data were collected from 195 to 260 nm with a data pitch 
of 0.5 nm, scanning speed of 50 nm min–1, response time of 1 s and a bandwidth of 2 nm. 
Visible CD spectra of 40 µM enzyme in 50 mM sodium phosphate, pH 7.4 were recorded at 
25 °C using 1 cm quartz cuvettes. 10 scans were averaged and baseline corrected. Data were 
collected from 300 to 600 nm with a data pitch of 0.2 nm, a scanning speed of 100 nm/min, 
a response time of 2 s and a bandwidth of 1 nm.
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Enzyme activity 

Enzyme activity was determined at 25 °C and 45 °C on a Hewlett Packard 8453 diode array 
spectrophotometer using the proline:dichlorophenolindophenol (DCPIP) oxidoreductase 
assay, according to a protocol described previously [26]. For estimation of Michaelis-Menten 
kinetic parameters, the activity assay contained different amounts of L-proline (0.5, 2.5, 5, 
10, 20, 35, 50, 75, 100, 150, 200 mM) and 65 μM DCPIP in 50 mM sodium phosphate, pH 
7.4. The reaction was performed in a total volume of 600 µL and initiated by the addition 
of catalytic amounts of enzyme. Every data point was retrieved in triplicate. Using IGOR Pro 
6.10A, rates (v) and apparent rates (vapp) were fitted to the Michaelis-Menten equation (1) 
and the Haldane equation (2), respectively, where the latter takes substrate inhibition into 
account:
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[S] is the substrate concentration, and VMAX and KM are the limiting rate and Michaelis 
constant, respectively. KI is the inhibition constant.
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Results 

Overproduction and purification of MBP-TtProDH variants	

WT and EE were overproduced in E. coli with equally high yields. From 1 L culture, about 
200-250 mg of each variant was purified. The purity of the enzymes can be judged from the 
SDS-PAGE analysis depicted in Fig. 3.

Limited proteolysis

For removal of the MBP-tag, WT and EE (both 78.7 kDa) were incubated with trypsin, either 
in the absence or presence of BOG. In agreement with earlier findings [26], splitting of WT 
with trypsin works well, yielding free MBP (42.5 kDa) and free TtProDH (36.2 kDa) (Fig. 3A). 
Trypsinolysis in the presence of BOG is more effective compared to cleavage in the absence 
of BOG: in the presence of the detergent, WT is cleaved faster and without significant 
further degradation.

Limited proteolysis of EE with trypsin does not result in homogeneous preparations (Fig. 3B). 
Immediately after addition of the protease, further degradation bands start to appear. In 
time, EE is degraded to a final and stable degradation product. This appears to be the same 
degradation product that can be seen on SDS-PAGE when WT is incubated with trypsin. 
As for WT, cleavage of EE in the absence of BOG is faster, which can be judged from the 
intensity of the final degradation band. MBP is not affected by trypsin. 

Since removal of the MBP-tag is not straightforward, and its presence does not significantly 
affect the activity and oligomerization behavior of the enzyme [26], further experiments 
were performed with the MBP-tagged variants of TtProDH. 

Figure 3. 
Limited proteolysis of (A) WT and (B) EE. Both enzymes were incubated with trypsin in the absence and presence of 
20 mM BOG. From left to right, time samples from 0 to 60 min incubation are shown. Molecular masses of marker 
proteins (M), from top to bottom: 150, 100, 75, 50, 37, 25, 20 kDa. 
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Figure 4.
Hydrodynamic properties of WT and EE as monitored 
by Superdex 200 size-exclusion chromatography. MBP 
serves as control.

Oligomerization state of MBP-TtProDH

We reported before that WT purifies as a mixture of oligomers and soluble aggregates [26]. 
The extent of aggregation of WT is somewhat dependent on the batch of purified enzyme. 
Analytical gel filtration of the preparation described here suggests the presence of tetramers 
and soluble aggregates of various sizes (Fig. 4). 

EE has two point mutations in helix αA. This helix contains several hydrophobic residues 
(Fig. 2B). Therefore, we hypothesized that introducing charged residues in this helix might 
diminish the non-native aggregation of TtProDH. Analytical gel filtration reveals that EE 
almost exclusively forms tetramers (Fig. 4).

As a control, free MBP was analyzed using gel filtration. The apparent molecular mass of 
47.6 kDa of the protein eluting at 15.1 mL is close to the theoretical value of 42.5 kDa for 
the MBP monomer (Fig. 4).

Native ESI-MS confirms that WT and EE form tetramers (Fig. 5 and Table 1). WT aggregates 
present in solution could not be identified using native ESI-MS. Both WT and EE mass 
spectra reveal, next to tetramers, significant amounts of dimers. As dimers are not observed 
in analytical gel filtration, this points to dissociation of tetramers in the gas phase. ESI-MS 
of denatured WT and EE confirms that the ProDH tetramers consist of identical subunits.

ESI-MS experiments of free MBP under native and denatured conditions reveal molecular 
masses for the MBP monomer in excellent agreement with the predicted mass derived from 
the MBP sequence (Table 1). 
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Figure 5.
ESI-MS spectra of (A) WT and (B) EE.

Table 1.
Molecular masses of WT, EE and MBP as determined by native and denatured ESI-MS. Both predicted (Pred.) as 
well as experimental (Exp.) masses are given. All native masses are given in kDa and all denatured masses in Da. 
For calculation of the predicted native masses, it has been taken into account that each subunit contains a non-
covalently bound FAD cofactor (molecular mass 785.56 Da).

Native Denatured

Tetramer Dimer Monomer

Pred. Exp. Pred. Exp. Pred. Exp. Pred. Exp.

WT 317.8 319.6 158.9 158.9 79.5 79.1-79.4 78674.9 78686.7 ± 1.9

EE 317.8 319.6 158.9 156.1-159.8 - - 78672.8 78692.1 ± 1.6

MBP - - - - 42.5 42.5-43.5 42481.9 42492.2 ± 1.7

Spectral properties

The visible flavin absorption spectra of WT and EE show maxima at 381 nm and 451 nm  
[26] (Fig. 6A). However, the absorption ratio A381/451 is somewhat higher in WT compared 
to EE. When the spectrum of WT is corrected for Rayleigh scattering, the spectra of WT 
and EE completely overlap. This indicates that the microenvironment around the flavin 
isoalloxazine ring in EE is similar to WT, and that the increased absorption of WT at lower 
wavelength is related to the formation of soluble aggregates.

In our previous research we showed that TtProDH is very thermostable and solvent tolerant 
and that the enzyme only loses secondary structure and activity after long-term incubations 
above 80 °C [26].  Far-UV CD analysis of WT and EE confirm that the secondary structural 
properties of both enzyme forms are identical (not shown). The visible CD spectra of WT and 
EE are also very similar (Fig. 6B). These spectra confirm that the background absorption in 
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the flavin absorption spectrum of WT is due to the presence of soluble aggregates and that 
the microenvironment around the flavin isoalloxazine ring in EE has not changed compared 
to WT.

Figure 6. 
Flavin spectral properties of WT and EE. (A) Absorption spectra. The spectrum of WT has been corrected for 
Rayleigh scattering, resulting in the dotted line. (B) Circular dichroism spectra.

Enzyme activity of MBP-TtProDH

Steady-state kinetic parameters of WT and EE were determined using the proline:DCPIP 
oxidoreductase assay (Fig. 7 and Table 2). The activity was determined at 25 °C and at 45 °C. 
25 °C is the temperature often used for ProDH kinetic measurements in literature. Because 
TtProDH is a thermophilic enzyme, we increased the temperature to 45 °C, which is more 
close to its natural physiological condition. We did not increase the temperature further, 
due to the instability of the MBP-tag [26] and DCPIP at higher temperatures.  Both for WT 
and EE, kcat increases when the temperature is raised from 25 °C and 45 °C. Furthermore, 
both enzymes show a lower KM for proline at higher temperature. This leads to a remarkable 
tenfold increase in catalytic efficiency between 25 and 45 °C. However, from Fig. 7 and Table 
2 it can also be inferred that substrate inhibition, observed for both WT and EE, becomes 
more pronounced at higher temperature. Since substrate inhibition is weak, especially at 
lower temperatures, the kinetic constants at 25 °C have been determined with the Michaelis-
Menten equation as well as with the Haldane equation, the latter taking substrate inhibition 
into account.
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Figure 7.
Kinetic data of WT and EE at (A) 25 °C and (B) 45 °C 
as determined with the proline:DCPIP assay. The 
dashed lines indicate the fitted curve retrieved from 
the Michaelis-Menten equation while the solid lines 
indicate the fitted curve retrieved from the Haldane 
equation.

Table 2.
Kinetic parameters for WT and EE, at 25 °C and 45 °C as determined with the proline:DCPIP assay. The kinetic 
parameters at 25 °C have been determined both with the Michaelis-Menten and the Haldane equation.

kcat (s
-1) KM (mM) kcat / KM (s-1 M-1) KI (mM)

25 °C Michaelis-Menten 3.7 ± 0.1 11.5 ± 1.4 325 -

WT 25 °C Haldane 4.4 ± 0.3 16.3 ± 2.2 269 825 ± 308

45 °C Haldane 19.4 ± 1.0 6.5 ± 0.9 2979 306 ± 57

25 °C Michaelis-Menten 9.8 ± 0.5 67.6 ± 8.2 146 -

EE 25 °C Haldane 20.0 ± 5.5 175.1 ± 60.3 114 206 ± 110

45 °C Haldane 42.1 ± 8.5 33.8 ± 11.6 1247 171 ± 75
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Discussion

Aggregation through self-association of the native state is regularly observed for proteins 
produced in vitro. We describe the disruption of the self-association of MBP-tagged TtProDH 
(WT). Using site-directed mutagenesis, we generated the F10E/L12E variant (EE) to increase 
the polarity of helix αA.

From analytical gel filtration studies we previously suggested that WT and MBP-clipped 
TtProDH form mixtures of tetramers and larger aggregates, and that the aggregates can be 
partially removed by the addition of BOG [26]. In contrast, BOG-treated His-tagged TtProDH 
was reported to be a mixture of monomers and dimers [21]. Here, we found support from 
analytical gel filtration and native MS that WT forms, besides aggregates, homotetramers 
and that replacement of Phe10 and Leu12 with Glu residues completely eliminates the 
formation of the aggregates. From this we conclude that helix αA of TtProDH is responsible 
for the formation of aggregates through self-association. Our present findings also imply 
that there is a - so far not identified - interaction that leads to the formation of TtProDH 
tetramers. These tetramers might arise from dimers, of which the latter are formed through 
interaction between the α5 helices of two TtProDH subunits, as deduced from the crystal 
structure [21]. 

Tetrameric species are often observed with thermostable enzymes and there are many 
examples of thermostable enzymes that occur in a higher oligomeric state compared to 
their mesophilic counterparts [27-32]. Increasing the number of interactions and decreasing 
the surface to volume ratio contributes to enhanced protein stability [33-37]. For several 
enzymes with a TIM-barrel fold, it has been shown that the mesophilic enzyme appears as 
dimer, while the thermophilic enzyme appears as tetramer, assembled as a dimer of dimers 
[38,39]. Indeed, several ProDHs from mesophilic sources have been described as dimers 
[23-25].

Unfortunately, we did not obtain a homogeneous preparation of trypsin-treated EE (Fig. 3B). 
Therefore, at this stage we cannot rule out completely that the tetrameric nature of the 
MBP-fused enzyme is due to the presence of the bulky protein tag which is close to the 
hydrophobic patch formed by helices αA, αB and αC (together with the C-terminal helix 
α8). However, the hydrodynamic properties of MBP-clipped TtProDH [26] support that also 
native TtProDH forms tetramers.

WT and EE show weak substrate binding (Table 2). As a result, high concentrations of proline 
are needed in the activity assay, giving rise to substrate inhibition (Fig. 7). The steady-state 
kinetic properties at 25 °C of EE are remarkably different from those of WT. EE has a higher 
kcat than WT, but an increased Michaelis constant for the imino acid substrate. This might 
be related to the self-association of WT, which makes the enzyme more rigid. The change 
in kinetic parameters might also be caused by the negative charges introduced in helix αA, 
which might influence the degree of substrate inhibition.
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Since the kinetics of TtProDH at 25 °C is difficult to interpret, we raised the temperature to 
45 °C, which is closer to the natural physiological condition of the Thermus thermophilus 
enzyme. Our results show that the catalytic efficiency of both MBP-TtProDH variants strongly 
increases between 25 and 45 °C. This is in line with the idea that conformational flexibility is 
crucial for optimal enzyme catalysis and that thermostable enzymes are rather stiff at room 
temperature [37]. At higher temperature, substrate inhibition becomes more pronounced. 
This seems not related to enzyme aggregation, as it is also observed with EE. 

Our results suggest that the hydrophobic N-terminus of TtProDH is not crucial for the 
enzyme activity. As stated before, helices αA, αB, αC and α8 are assumed to be involved 
in channeling P5C/GSA between TtProDH and TtP5CDH [21,22]. Furthermore, TtProDH is 
suggested to be membrane-associated [21]. We suggest helix αA plays an important role in 
these in vivo interactions.

In conclusion, we show that MBP-tagged TtProDH is a homotetramer and that the tendency 
of the enzyme to self-associate can be successfully repressed by replacing Phe10 and Leu12 
in the N-terminal helix with glutamates. The newly produced homogeneous form of the 
thermostable enzyme shows proper flavin binding characteristics and excellent catalytic 
features. Specific removal of the MBP-tag remains challenging and will be a subject of future 
studies.
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Abstract

Proline dehydrogenase (ProDH) is a ubiquitous flavoenzyme that catalyzes the oxidation 
of proline to Δ1-pyrroline-5-carboxylate, the initial step in proline catabolism. Thermus 
thermophilus ProDH (TtProDH) is composed of a distorted TIM-barrel and three N-terminal 
helices, αA, αB and αC, of which the function is not well understood. Here we report 
the characterization of the helical arm-truncated variants ΔA, ΔAB and ΔABC. All three 
truncated variants, expressed as N-terminal fusions with maltose-binding protein, show 
similar flavin spectral properties, indicative of a conserved microenvironment of their active 
sites. ΔA and ΔAB are highly active tetramers that rapidly react with the suicide inhibitor 
N-propargylglycine. Removal of the complete N-terminal arm (ΔABC) results in poorly active 
dimers that are not capable of forming a flavin adduct with N-propargylglycine. The catalytic 
and hydrodynamic properties of single variants V32D and V36D show that disrupting a 
hydrophobic patch between helix αC and α8 also leads to dimer formation, loss of activity 
and decreased reactivity with N-propargylglycine. Together, this substantiates that helix αC 
is crucial for TtProDH catalysis and tetramerization through positioning of helix α8. 

Keywords

flavoprotein, proline dehydrogenase, protein oligomerization, suicide inhibition, TIM-barrel
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Introduction

Proline dehydrogenase (ProDH; EC 1.5.5.2) is a ubiquitous enzyme involved in proline 
catabolism. ProDH catalyzes the flavin adenine dinucleotide (FAD)-dependent oxidation of 
L-proline to Δ1-pyrroline-5-carboxylate (P5C). After P5C hydrolysis, the resulting glutamic 
semialdehyde (GSA) is oxidized to glutamate by Δ1-pyrroline-5-carboxylate dehydrogenase 
(P5CDH; EC 1.2.1.88) (Scheme 1). ProDH and P5CDH exist as separate monofunctional 
enzymes in eukaryotes and some bacteria, but are fused into a bifunctional enzyme in 
other bacteria [1]. In this two-component enzyme, called proline utilization A (PutA), the 
C-terminus of ProDH is fused to P5CDH, allowing channeling of the P5C/GSA intermediate 
between the enzymes [2-6].

Scheme 1. 
Conversion of L-proline to L-glutamate by ProDH and P5CDH.

ProDH has a distorted (βα)8 TIM-barrel fold (Fig. 1A), which is conserved throughout the 
PutA/ProDH family [7,8]. Opposed to the classic TIM-barrel fold, the ProDH barrel begins 
with a helix (α0) rather than a strand (Fig. 1). This extra helix occupies the location that is 
normally reserved for α8. As a consequence, α8 is not located alongside β8, but on top of 
the barrel [1,9,10]. The distorted location of α8 is crucial for catalysis, since it contributes 
three strictly conserved residues (Tyr-x-x-Arg-Arg) that interact with the substrate [9,10].

The N-terminal sequence of ProDH is poorly conserved. Monofunctional eukaryotic 
ProDHs, including the human enzyme [11], have an elongated N-terminus compared to 
monofunctional bacterial ProDHs [7,8]. ProDH from Thermus thermophilus (TtProDH) 
contains an N-terminal arm consisting of three helices: αA, αB and αC (Fig. 1). Helix α8 fits 
into the cleft which is formed by helices αA, αB and αC and together they form a hydrophobic 
patch. This patch is assumed to be involved in channeling P5C/GSA between TtProDH and 
TtP5CDH [1,12]. 

Previously, we showed that TtProDH is overproduced in E. coli when its N-terminus is fused to 
maltose-binding protein (MBP). Although fully active, MBP-TtProDH is prone to non-native 
self-association [13]. Replacing Phe10 and Leu12 in helix αA with Glu residues successfully 
eliminated this aggregation behavior, yielding homogeneous MBP-TtProDH tetramers [14]. 
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To investigate the functional impact of the N-terminal arm of TtProDH in further detail, 
we constructed three MBP-fused variants, lacking respectively one (ΔA), two (ΔAB), or 
three (ΔABC) N-terminal helices. The hydrodynamic and catalytic properties of these arm-
truncated variants were explored and compared to those of MBP-TtProDH F10E/L12E (EE). 
In addition, we addressed the properties of site-directed variants V32D, Y35F and V36D, all 
situated in helix αC, to probe the interaction between helix αC and helix α8. 

Figure 1.
Structural features of TtProDH. (A) Three-dimensional model of the crystal structure of the TtProDH dimer (PDB 
entry 2G37). The N-terminal helices αA (green), αB (red) and αC (blue) are indicated, as well as helix α0 (purple) 
and the C-terminal helix α8 (brown). (B) Amino acid sequence of TtProDH. Secondary structural elements on top of 
the sequence have the same colors as in Fig. 1A.
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Materials and Methods 

Construction of MBP-TtProDH variants 

Three N-terminally shortened MBP-fused variants were constructed; each variant was 
shortened with one additional N-terminal helix. To amplify the DNA, pBAD-MBP-TtProDH 
[14] was used as template DNA. The primers listed in Table 1 were used for amplification. 
Using EcoRI and HindIII restriction sites, the amplified fragments were introduced into a 
pBAD-MBP vector, which resulted in N-terminal fusions of the TtProDH variants to MBP. 
The resulting constructs MBP-TtProDH ΔA, MBP-TtProDH ΔAB and MBP-TtProDH ΔABC 
were verified by automated sequencing of both strands (Macrogen) and the plasmids were 
transformed to E. coli TOP10 host cells for recombinant expression.

The obtained plasmid for MBP-TtProDH ΔAB was used as a template to construct point 
mutations in helix αC. V32D, Y35F and V36D were constructed using the procedure described 
earlier [14], with the exception that in this case both a forward and a reverse primer were 
used (Table 1).

Table 1. 
Oligonucleotides used for the construction of the various MBP-TtProDH variants.  For the helix αC variants, codon 
changes are underlined.

Variant Oligonucleotide sequence (5’ to 3’)

ΔA, forward AATTAGAATTCCAGGTTGAACGTCTGATTAAACATCGTGCAAAAGG

ΔAB, forward AATTAGAATTCAAAGGTCTGGTTCGTCGTTATGTTGCCGGTG

ΔABC, forward AATTAGAATTCCGAAACCCTGGAAGAAGCACTGAAAGCAG

ΔA, ΔAB, ΔABC, reverse GCCCAAGCTTTTATTCTAGACCGCTAACCAGGC

ΔAB, V32D, forward* CGAGGGAAGGATTTCAGAATTCAAAGGTCTGGATCGTCGTTATGTTGCCGGTGAAACCCTGG

ΔAB, Y35F, forward* CGAGGGAAGGATTTCAGAATTCAAAGGTCTGGTTCGTCGTTTTGTTGCCGGTGAAACCCTGG

ΔAB, V36D, forward* CGAGGGAAGGATTTCAGAATTCAAAGGTCTGGTTCGTCGTTATGATGCCGGTGAAACCCTGG
* As a reverse primer, the complement reverse sequence of the forward primer was used.

Expression and purification of MBP-TtProDH variants

The MBP-TtProDH variants were purified following a previously described procedure [14]. In 
short, the variants were produced in E. coli TOP10 cells and purified using amylose affinity 
and anion-exchange chromatography. 
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Protein analysis 

Enzyme purity was checked with sodium dodecyl sulfate polyacrylamide gel electrophoresis 
(SDS-PAGE). 10% polyacrylamide slab gels were used and the proteins were stained with 
Coomassie Brilliant Blue R-250. 0.5 μg of purified N-terminal variants was loaded per lane. 
As a molecular weight marker, Precision Plus Protein Standard (Biorad) was used.

Analytical gel filtration

The hydrodynamic properties of the MBP-TtProDH variants were analyzed by size exclusion 
chromatography as described previously [14]. In addition, 20 µM EE and 20 µM ΔABC in 
50 mM sodium phosphate, pH 7.4 were mixed, incubated at room temperature overnight 
and subsequently analyzed by size exclusion chromatography.

ESI-MS

The native and denatured masses of the MBP-TtProDH variants were determined using 
nanoflow electrospray ionization mass spectrometry (ESI-MS) according to a previously 
established procedure [13,14], whereby the settings were optimized for the current 
application. Source backing pressure was increased to 7.8 mbar and the cone voltage was 
varied between 100-150 V.

Spectral analysis

Far-UV circular dichroism (CD) spectra of the MBP-TtProDH variants were recorded as 
described before [13]. 1 µM samples were prepared in 50 mM sodium phosphate, pH 7.4. 
Optical flavin absorption spectra of the MBP-TtProDH variants were recorded as has been 
described previously [14].  

Enzyme activity 

Enzyme activity of the MBP-TtProDH variants was determined at 25 °C on a Hewlett Packard 
8453 diode array spectrophotometer using the proline:dichlorophenolindophenol (DCPIP) 
oxidoreductase assay [13]. For the standard assay, catalytic amounts of enzyme were added 
to a 600 µL reaction mixture containing 65 µM DCPIP and 100 mM L-proline in 50 mM 
sodium phosphate, pH 7.4. Steady-state kinetic parameters were determined at 25 °C, 
essentially as described previously [14].

Proline oxidase activity of the MBP-TtProDH variants was determined at 25 °C in air-saturated 
50 mM sodium phosphate, pH 7.4, containing 3.5 - 7.5 µM enzyme, using a Hansatech 
Oxytherm system (Hansatech Instruments). Reactions were started by the addition of 
100 mM L-proline.
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Inactivation with N-propargylglycine

The synthesis of N-propargylglycine was based on a procedure described before [15]. A 
clear solution of iodoacetic acid (1.05 g, 5.6 mmol) and N-propargylamine (2.6 g, 47 mmol) 
was refluxed in 50 mL aqueous ethanol for 24 h. The dark mixture was cooled to room 
temperature and the solvent was removed in vacuo. The crude product was precipitated 
from 1:1 ethanol:ethyl acetate. Recrystallization from aqueous ethanol and ethyl acetate 
and final drying under high vacuum yielded the N-propargylglycine as a white solid (28 mg, 
4%). 1H NMR (DMSO-d6): δ = 3.42 (d, 2H, J=2.4 Hz), 3.24 (s, 2H), 3.16 (t, 1H, J=2.4 Hz).

Spectral changes associated with the reaction of TtProDH with N-propargylglycine were 
monitored at 25 °C on a Hewlett Packard 8453 diode array spectrophotometer. A fresh stock 
solution of 75 mM N-propargylglycine was prepared in 50 mM sodium phosphate, pH 7.4. 
40 µM of the MBP-TtProDH variants in 50 mM sodium phosphate, pH 7.4 was incubated 
with a final concentration of 2.5 mM N-propargylglycine. Immediately after the addition 
of N-propargylglycine, the first spectrum was recorded. Subsequent spectra were recorded 
at 1 min intervals for 90 min. Before and after the incubation of the enzyme variants 
with N-propargylglycine, 10 µL aliquots were removed from the cuvette and the enzyme 
activity was determined with the standard assay. Activity measurements were performed 
in triplicate.
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Results

Protein expression and purification 

MBP-TtProDH EE, ΔA, ΔAB and ΔABC were overproduced in E. coli TOP10 cells. From 1 L of 
culture about 200-250 mg of each variant was purified, yields that we have described before 
for the heterologous production of MBP-TtProDH [13,14]. From SDS-PAGE analysis of the 
purified enzymes it can be appreciated that sequential removal of three helices results in a 
gradual decrease of subunit molecular mass (Fig. 2).

Previously we demonstrated that removal of the MBP fusion tag with trypsin does not 
significantly affect the spectral and catalytic properties of the enzyme [13]. As found with EE 
[14], trypsinolysis of the arm-truncated variants did not result in homogeneous preparations. 
Therefore, we used the MBP-fused variants for further studies.

Figure 2.
Purified MBP-TtProDH variants visualized on SDS-PAGE. Molecular masses of marker 
proteins (M), from top to bottom: 100, 75, 50, 37, 25 kDa.

Spectral properties

The far-UV CD spectra of EE and the N-terminal variants are very similar (Fig. 3A) and 
comparable to that of WT [13]. The visible flavin absorption spectra of EE and the arm-
truncated variants (Fig. 3B) are also nearly identical to that of WT [13,14], except that the 
lowest energy absorption band of ΔABC has shifted about 2 nm to higher wavelengths. These 
data support that there are no major structural changes and that deletion of the N-terminal 
helices does not significantly alter the microenvironment of the flavin isoalloxazine ring.
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Figure 3.
Spectral properties of EE, ΔA, ΔAB and ΔABC. (A) Far-UV CD spectra. (B) Visible flavin absorption spectra. 

Hydrodynamic properties

Due to its more polar N-terminal helix, EE purifies as a tetramer and does not aggregate as 
MBP-TtProDH wildtype (WT) does in solution [13,14]. The truncated variants ΔA and ΔAB 
also form tetramers as indicated by size exclusion chromatography (Fig. 4A). ΔABC elutes 
mainly as a dimer (Fig. 4A), suggesting that αC plays a role in the tetramerization process.

Mixing of EE and ΔABC followed by analytical gel filtration reveals two separate peaks, a 
peak for the tetrameric species of EE and a peak for the dimeric species of ΔABC (Fig. 4B). 
This indicates that mixing of the two enzyme forms does not lead to protein aggregation. 
Moreover, SDS-PAGE of the gel filtration fractions shows that no subunit exchange occurs 
(inset Fig. 4B).

Figure 4.
Hydrodynamic properties of EE, ΔA, ΔAB and ΔABC as monitored by Superdex 200 size-exclusion chromatography. 
(A) Elution pattern of the MBP-TtProDH variants. (B) Hydrodynamic properties of EE and ΔABC, mixed in equal 
amounts and equilibrated at room temperature overnight. SDS-PAGE of the gel filtration fractions is also shown.
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Additional information about the oligomeric state of the different variants was obtained by 
native mass spectrometry. The estimated masses (Table 2) confirm that ΔA and ΔAB exist 
predominantly as tetramers, and ΔABC as dimer. With ΔABC, low amounts of tetramers are 
present, in agreement with the analytical gel filtration results (Fig. 4A). For ΔA and ΔAB, 
also some dimers are observed with native mass spectrometry, and for ΔABC monomers, 
although their abundance is rather low. Denaturing the different complexes enabled an 
accurate mass measurement of the individual subunits (Table 2). These masses show that 
all variants exist of identical subunits.

The experimental masses of native and denatured ΔABC do not correspond with the 
predicted masses. The observed species appears to be C-terminally truncated. Based on 
the estimated mass, cleavage occurs before Arg288, leading to the removal of a part of the 
C-terminal tail with sequence (288-RRIAERPENLLLVLRSLVSGLE-309). This truncated form has 
a predicted subunit mass of 71884.9 Da, close to the measured mass of 71899.3 Da.

Table 2. 
Molecular masses of EE, ΔA, ΔAB and ΔABC as determined by native and denatured ESI-MS. Both predicted (Pred.) 
as well as experimental (Exp.) masses are given in kDa with experimental errors less than 0.01%. For calculation of 
the predicted native masses, it has been taken into account that each subunit contains a non-covalently bound FAD 
cofactor (molecular mass 786 Da). 

Native Denatured

Tetramer Dimer Monomer

Pred. Exp. Pred. Exp. Pred. Exp. Pred. Exp.

MBP-TtProDH EE* 317.8 319.6 158.9 158.9 79.5 - 78.7 78.7

MBP-TtProDH ΔA 310.1 311.3 155.0 154.9-155.7 77.5 - 76.7 76.8

MBP-TtProDH ΔAB 305.1 307.6-307.8 152.6 152.6-153.7 76.3 - 75.5 75.5

MBP-TtProDH ΔABC 300.7 290.0-290.7 150.4 145.0-146.0 75.2 71.9-72.7 74.4 71.9

MBP-TtProDH ΔAB V32D 305.2 296.2-304.4 152.6 146.5-149.0 76.3 73.0-76.0 75.5
73.0  
75.5

MBP-TtProDH ΔAB Y35F 305.1 307.4 152.5 152.3-152.9 76.3 - 75.5 73.0

MBP-TtProDH ΔAB V36D 305.2 296.2 152.6 151.1-151.9 76.3 - 75.5
73.0 
75.5

* As determined previously [14].

Catalytic properties 

Fig. 5 presents an overview of the steady-state kinetic properties of the MBP-TtProDH 
variants. The kinetic parameters derived from these experiments are summarized in Table 3. 
The proline KM values of EE, ΔA, ΔAB and ΔABC are comparable. However, ΔA and ΔAB have 
a slightly higher activity than EE and ΔABC is almost inactive. From these data it is clear that 
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αA and αB are not required for optimal activity. Further deletion of helix αC, on the other 
hand, seems critical for catalysis.

Since TtProDH has a low but significant proline oxidase activity [1], it was of interest to 
address the oxygen reactivity of the N-terminal arm variants. For all variants described 
above, micromolar concentrations of enzyme were needed to reliable measure consumption 
of oxygen, and very low specific activities were observed (Table 3). Nevertheless, these 
data confirm that removal of the complete N-terminal arm (ΔABC) also impairs the proline 
oxidase activity of MBP-TtProDH.

Figure 5.
Steady-state kinetics of EE, ΔA, ΔAB and ΔABC as 
determined with the proline:DCPIP assay. The fitted 
curves are retrieved from non-linear regression analysis 
applying the Michaelis-Menten equation.

Table 3. 
Kinetic parameters of the MBP-TtProDH variants at 25 °C, pH 7.4 as determined with the proline:DCPIP 
oxidoreductase assay, using proline as the variable substrate, and specific activities of the MBP-TtProDH variants as 
determined by the proline:O2 assay, at a concentration of 100 mM proline.

Proline:DCPIP assay Proline:O2 assay

  KM (mM) kcat (s
-1) kcat/KM (s-1 M-1) Specific activity (mU/mg)

MBP-TtProDH EE* 68 ± 8 9.8 ± 0.5 146 266 ± 12

MBP-TtProDH ΔA 116 ± 5 12.6 ± 0.3 109 405 ± 15

MBP-TtProDH ΔAB 60 ± 3 13.6 ± 0.3 229 228 ± 8

MBP-TtProDH ΔABC 116 ± 11 0.6 ± 0.02 6 20 ± 1

MBP-TtProDH ΔAB V32D 309 ± 25 3.2 ± 0.2 10 265 ± 4

MBP-TtProDH ΔAB Y35F 161 ± 29 14.1 ± 1.5 88 388 ± 5

MBP-TtProDH ΔAB V36D 189 ± 27 0.3 ± 0.03 1.6 21 ± 1
* As determined previously [14].
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Reaction with N-propargylglycine

TtProDH is irreversibly inactivated by the suicide inhibitor N-propargylglycine [16]. 
Inactivation involves the initial oxidation of N-propargylglycine to N-propargyliminoglycine 
and the subsequent formation of a bicovalent linkage between flavin N(5) and the ε-amino 
group of Lys99 (Fig. 6C). This residue is located in the loop between β2 and α2 and involved 
in binding the carboxylic moiety of proline [1]. Upon reaction with N-propargylglycine the 
absorption maximum of TtProDH at 450 nm disappears, while the maximum around 380 nm 
gradually increases. Furthermore, the peak at 380 nm shifts to longer wavelengths. This 
behavior is indicative of the initial reduction of the flavin and the subsequent formation of 
the covalent Lys99-FAD adduct [16,17]. After reaction with N-propargylglycine, the enzyme 
is locked in the reduced state.

To probe the catalytic features of the MBP-TtProDH variants in further detail, we investigated 
the reactivity of EE and the arm-truncated variants with N-propargylglycine. Fig. 6A shows 
that all variants except ΔABC form a covalent flavin adduct, and that the reactions result in 
similar absorption changes as observed before with TtProDH [16]. However, a more careful 
analysis of the kinetics of the reactions reveals significant differences. 

For EE, ΔA and ΔAB, flavin reduction and adduct formation are clearly observed 
(Fig. 6A). Reduction of EE by N-propargylglycine is relatively slow as evidenced from the 
time-dependent decrease in absorption at 450 nm. Flavin reduction is immediately followed 
by covalent adduct formation as evidenced from the absorbance increase around 380 and 
405 nm. Variants ΔA and ΔAB reveal an increased rate of reduction compared to EE. This 
corresponds with the increased kcat values for these variants (Table 3). The peak at 380 nm 
shows a red shift to 385 nm for EE and to 388 nm for ΔA and ΔAB. Furthermore, both for ΔA 
and ΔAB, the increase in absorbance around 388 nm is more pronounced.

ΔABC shows neither flavin reduction nor formation of a flavin adduct (Fig. 6A). However, 
a slow rise in absorption with a maximum at 290 nm is observed in the near-UV region, 
pointing to the conversion of N-propargylglycine to N-propargyliminoglycine. Activity 
measurements with DCPIP suggest that N-propargylglycine indeed is a poor substrate for 
ΔABC (data not shown). 

Activity of the different enzyme variants before and after incubation with 2.5 mM of 
N-propargylglycine was measured (Fig. 6B). For EE, residual activity after 90 min of 
incubation with the inhibitor is about 13%. For ΔA and ΔAB the activity loss is even more 
pronounced, in good agreement with the spectral results. The residual activity of ΔABC after 
90 min incubation with N-propargylglycine is rather low (Fig. 6B).
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Figure 6.
Reactivities of the N-terminal arm TtProDH variants with N-propargylglycine. (A) Left: absorption spectral changes 
of the variants upon incubation with N-propargylglycine. The black line indicates the spectrum before the addition 
of N-propargylglycine. Spectra were recorded at 1 min intervals for 90 min. Right: absorbance changes of the 
variants upon incubation with N-propargylglycine followed at 380, 405 and 450 nm. (B) Activity of the different 
enzyme variants before and after incubation with N-propargylglycine. (C) Chemical structure of N-propargylglycine 
and the covalent Lys99-FAD adduct.

Interactions between helix αC and α8

ΔABC is produced as a catalytically impaired dimer. In addition, this MBP-TtProDH variant 
is truncated at its C-terminal helix α8. This suggests that helix αC is important for the 
stabilization of helix α8. The three-dimensional model of the crystal structure of TtProDH 
suggests that there is a hydrogen bond between Tyr35 of αC and Glu295 of α8 (Fig. 7). 
Glu295 is part of the sequence that is cleaved off in ΔABC. To investigate whether the Tyr-Glu 
interaction is important for stabilization of helix α8, we changed Tyr35 to Phe. In addition, 
there is a hydrophobic patch between helix αC and α8 (Fig. 7). To examine the importance 
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of this patch for the stabilization of helix α8, Val32 and Val36 individually were changed into 
Asp. The single amino acid substitutions were introduced in MBP-TtProDH ΔAB, since this 
variant is fully active and forms stable tetramers. In this way we only look at the interaction 
between helix αC and α8 without possible interference of helix αA and αB.

Figure 7.
Interactions between helix αC and helix α8. The intensity of the red color is correlated to the hydrophobicity of 
the residue. Helices αC and α8 are colored by hydrophobicity, the remaining part of the catalytic domain is shown 
in gray and the FAD cofactor is shown in yellow. (A) Ion pair Tyr35 (αC) and Glu295 (α8). (B) Hydrophobic patch 
between αC and α8 with Val32 (αC) and Val36 (αC) indicated.

The far-UV CD spectra of V32D, Y35F and V36D (Fig. 8A) are identical to the far-UV CD-
spectra of the N-terminal variants (Fig. 3A). The visible flavin absorption properties of the 
ΔAB variants show that the low energy absorption bands of V32D and V36D have shifted 
about 2 nm to higher wavelength, compared to those of ΔAB and Y35F (Fig. 3B and 8B). 
Thus, the flavin absorption properties of V32D and V36D resemble those of ΔABC (Fig. 3B).  

Size exclusion chromatography of Y35F indicates that substitution of Tyr35 with Phe does 
not affect the tetrameric nature of ΔAB (Fig. 8C). Therefore, this interaction does not seem 
critical for stabilization of helix α8. However, V32D and V36D elute much later than Y35F, 
suggesting that these variants mainly form dimers (Fig. 8C). Native MS of Y35F confirms the 
presence of tetramers. Furthermore, V32D and V36D are present both as tetramers and 
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dimers (Table 2).  The mass of denatured Y35F shows the presence of identical subunits, while 
V32D and V36D show two subunit masses, of which one corresponds with the predicted 
mass (Table 2). The differences between the subunit masses suggest that both V32D and 
V36D are partially intact and partially cleaved before R288 (predicted mass 73001.2 Da), 
indicating flexibility and instability of helix α8. 

Figure 8.
Properties of helix αC variants. (A) Far-UV CD spectra. (B) Visible flavin absorption spectra. (C) Hydrodynamic 
properties as monitored by Superdex 200 size-exclusion chromatography. (D) Steady-state kinetic data as 
determined with the proline:DCPIP assay.

Analysis of the catalytic properties of Y35F confirms that the interaction between Tyr35 
and Glu295 is not crucial for the functioning of TtProDH (Fig. 8D). The minor decrease in 
catalytic efficiency compared to ΔAB mainly results from a slight increase in KM for the 
proline substrate (Table 3). V32D and V36D, on the other hand, are poorly active (Fig. 8D). 
With these variants, a considerable decrease in catalytic efficiency is observed (Table 3). 
Oxidase activity of especially V36D is very low (Table 3), as found with ΔABC.
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The catalytic features of the helix αC variants were investigated in more detail by probing 
their reactivity with the suicide inhibitor N-propargylglycine (Fig. 9). For Y35F (Fig. 9A), the 
rates for flavin reduction and adduct formation are similar as found for ΔAB (Fig. 6A). For 
V32D, flavin reduction and adduct formation are also observed (Fig. 9A), but these processes 
are much slower than for ΔAB. The flavin prosthetic group of V36D is not reduced by 
N-propargylglycine and the typical absorption increase around 380 nm, indicative for adduct 
formation, is also not observed (Fig. 9A). However, as for ΔABC, a slow rise in absorption 
occurs in the region 300-350 nm, pointing to the conversion of N-propargylglycine to 
N-propargyliminoglycine. 

All helix αC variants lose activity when treated with N-propargylglycine. After incubation for 
90 min, Y35F is almost completely inactivated, but V32D and V36D retain 30% and 63% of 
their original activity (Fig. 9B).

Figure 9.
Reactivities of helix αC TtProDH variants with N-propargylglycine. (A) Left: absorption spectral changes of the 
variants upon incubation with N-propargylglycine. The black line indicates the spectrum before the addition of 
N-propargylglycine. Spectra were recorded at 1 min intervals for 90 min. Right: absorbance changes of the variants 
upon incubation with N-propargylglycine followed at 380, 405 and 450 nm. (B) Activity of the different enzyme 
variants before and after incubation with N-propargylglycine. 
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Discussion

Proline dehydrogenases contain a conserved (βα)8 TIM-barrel domain and an N-terminal 
arm that differs in length among monofunctional bacterial and eukaryotic ProDHs. In this 
study, we investigated the functional impact of the N-terminal arm of Thermus thermophilus 
ProDH. We analyzed variants that lack one (ΔA), two (ΔAB) or three (ΔABC) N-terminal 
helices and compared these variants to the EE variant of MBP-fused TtProDH. The latter 
variant is a highly active soluble form of the enzyme that exclusively forms tetramers [14]. 
Spectral analysis showed that truncation of the N-terminal arm of TtProDH does neither 
affect the binding of the FAD cofactor nor the microenvironment of the flavin isoalloxazine 
ring. 

We already showed that non-native aggregation of WT is due to the hydrophobicity of 
helix αA. Replacing Phe10 and Leu12 of αA with glutamates eliminates the formation of 
larger aggregates [14]. Here we established that the complete removal of helix αA (ΔA), or 
removal of helices αA and αB (ΔAB), has the same effect: no aggregates are observed and 
ΔA and ΔAB exclusively form tetramers. This confirms that αA is responsible for the in vitro 
aggregation of WT and that both helices αA and αB are not essential for the tetramerization 
process. Furthermore, estimation of kinetic parameters revealed that αA and αB are not 
essential for the enzymatic activity of MBP-TtProDH. Actually, ΔAB is the most active MBP-
fused TtProDH variant reported thus far. Incubations with the mechanism-based inhibitor 
N-propargylglycine yielded supporting information about the catalytic competence and 
structural integrity of ΔA and ΔAB. The flavin cofactor of both arm-truncated variants 
is rapidly reduced, immediately followed by covalent adduct formation. This leads to 
irreversible suicide inactivation of the enzymes by N-propargylglycine (Fig. 6). 

Helix αC turned out to be more crucial for oligomerization and catalysis. Removal of the 
complete N-terminal arm (ΔABC) resulted in catalytically impaired dimers and poor 
reactivity with N-propargylglycine. MS analysis showed that ΔABC has lost 22 residues at 
the C-terminus, including Arg288 and Arg289 involved in proline binding [1]. Thus, the 
dissociation of tetramers into dimers and loss in catalytic performance of ΔABC might 
be caused by the removal of αC and/or the partial absence of helix α8. We do not have 
indications that the loss in activity is caused by dimer formation, since the dimer-dimer 
interactions in the tetramer seem to be relatively weak. The oxidase activity remains low for 
all deletion variants, suggesting that removal of the N-terminal helices does not improve the 
access of oxygen to the flavin.

For Deinococcus radiodurans ProDH (DrProDH, PDB 4H6Q) [18], Bradyrhizobium japonicum 
PutA (BrPutA, PDB 3HAZ) [5] and Geobacter sulfurreducens PutA (GsPutA, PDB 4NM9) [4], 
a conserved Arg-Glu ion pair (Arg288-Glu65 in TtProDH) is suggested to act as an active site 
gate. Arg288 is present in helix α8 while Glu65 is present in the β1-α1 loop. In the presence 
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of substrate, this loop moves towards the active site and the Arg-Glu ion pair can form. In 
ΔABC, helix α8 is cleaved before Arg288, thereby disrupting this ion pair and excluding this 
possibility for active site stabilization.

Triggered by the properties of ΔABC, we introduced single amino acid substitutions in 
ΔAB that might disrupt the interaction between helix αC and helix α8 in a more delicate 
way. Replacement of Tyr35 with Phe showed that the hydrogen bond interaction between 
Tyr35 and Glu259 is not crucial for the catalytic performance of the enzyme, and also not 
for protein tetramerization. Incubation with N-propargylglycine confirmed that the flavin 
reactivity and structural integrity of Y35F are highly comparable to that of ΔAB. 

The Tyr35 – Glu295 interaction is not conserved in DrProDH, although both amino acid 
residues are present in a region with highly conserved sequence. The latter enzyme is the 
only other monofunctional ProDH of which a crystal structure is available [18]. In DrProDH, 
Tyr35 is replaced by a phenylalanine (Phe34), while Glu295 is replaced by an arginine 
(Arg298). The absence of the Tyr-Glu interaction in DrProDH is another indication that this 
ion pair is not of great importance for the structural integrity of TtProDH.

The V32D and V36D variants of ΔAB provided further insight into the functional role of 
helix αC. Both variants mainly form dimers, show partial proteolytic processing at the 
C-terminus and display low catalytic efficiencies. This lends support to the proposal that 
the hydrophobic patch between helix αC and α8 (Fig. 7) is not only important for tetramer 
formation, but also for the proper functioning of the active site. Assessment of the reactivity 
of V32D and V36D with N-propargylglycine revealed interesting differences. While slow 
flavin reduction and covalent adduct formation are observed for V32D, these processes do 
not take place with V36D. In agreement with this, V36D is less active with proline than V32D, 
and resembles ΔABC in this respect (Table 3). When we compare the hydrophobicity of 
helices αC and α8 against their counterparts in DrProDH, we observe a similar hydrophobic 
patch between both helices. In addition, analysis of the crystal structures of Escherichia 
coli PutA (PDB 4O8A), BjPutA and GsPutA suggests that helix α8 might also be stabilized 
by hydrophobic contacts, although in PutA enzymes helix α8 might also be stabilized by 
additional N- and C-terminal helices.

For V36D (Fig. 9) and ΔABC (Fig. 6), the steady increase in absorption in the near-UV region is 
indicative for the slow conversion of N-propargylglycine to N-propargyliminoglycine. As this 
increase in absorption is not observed in the absence of enzyme, we propose that during 
reaction with N-propargylglycine, both V36D and ΔABC get reduced and that the reduced 
enzymes are slowly reoxidized by molecular oxygen. As a result, with V36D and ΔABC, hardly 
any reduction of the FAD cofactor is observed.  
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In conclusion, our results strengthen the idea that helix αC is involved in TtProDH 
tetramerization and stabilization of helix α8. The hydrophobic patch between helix αC and 
helix α8 stimulates tetramerization and is important for catalysis because it orients helix α8 
for proper binding of the substrate and interaction with the active site. 

We have shown that helix αA and αB of TtProDH are not crucial for the in vitro activity of 
the enzyme. However, αA and αB of TtProDH might be of importance in vivo, by serving as a 
docking interface for partner enzyme TtP5CDH during channeling [12] and/or for interaction 
with the membrane. Concerning these issues, it is of interest to study the function of the 
elongated N-terminus of monofunctional eukaryotic ProDHs, especially of human ProDH 
[11].
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Abstract

Thermus thermophilus proline dehydrogenase (TtProDH) catalyzes the first step in proline 
catabolism. The thermostable flavoenzyme consists of a distorted TIM-barrel and three 
N-terminal helices, αA, αB and αC. Using maltose-binding protein (MBP)-fused constructs, 
we recently demonstrated that helix αC is crucial for TtProDH catalysis and tetramerization 
through positioning of helix α8. Here we report on the structural features that determine the 
thermostability of TtProDH. Selective disruption of two ion pairs in the dimerization interface 
of several MBP-TtProDH variants resulted in the formation of monomers. The newly created 
monomers have improved catalytic properties but their melting temperatures are decreased 
by more than 20 °C. In summary, intermolecular ion pairs improve the thermostability of 
TtProDH and a trade-off is made between thermostability and catalytic activity.

Keywords

flavoprotein, protein oligomerization, proline dehydrogenase, thermostability, Thermus 
thermophilus 
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Introduction

Quite some microorganisms are able to live under harsh environmental conditions, such as 
extreme pH, pressure or temperature. Especially extremophilic bacteria and archaea living 
at very high temperatures have attracted a lot of attention because of the considerable 
biotechnological potential of their thermostable enzymes [1-5]. 

In most cases, proteins from (hyper)thermophilic organisms have been found to be 
structurally similar to their mesophilic counterparts, except for minor differences [6,7]. 
There is not one single clear defining feature that confers thermostability to enzymes. 
Many factors have been suggested to contribute to the enhanced stability of thermophilic 
proteins, such as an increase in subunit contacts, hydrophobic interactions and hydrogen 
bonding, shorter loops and fewer cavities [6-11]. One feature that seems common to almost 
all (hyper)thermophilic proteins is an increase in electrostatic interactions [12-15]. Also, 
increasing the number of interactions and decreasing the surface to volume ratio through 
oligomerization seems to be a common strategy to enhance protein thermostability [8,10]. 
There are many examples of thermostable enzymes that occur in a higher oligomeric state 
compared to their mesophilic counterparts [16-24]. 

Thermus thermophilus is a thermophilic gram-negative bacterium originally isolated from a 
hot spring in Mine, Shizuoka Prefecture, Japan in 1968 [25]. Its optimal growth temperature 
is between 65 and 72 °C. The genome sequence of T. thermophilus was reported in 2004 
[26]. This thermophilic organism serves as a biological model and its thermostable enzymes 
have widespread biotechnological applications [27].

One of the thermostable enzymes from T. thermophilus is proline dehydrogenase (TtProDH). 
It is a flavin-dependent enzyme that catalyzes the conversion of L-proline to Δ1-pyrroline-
5-carboxylate (P5C), the first step in the conversion of proline to glutamate. TtProDH is 
composed of a distorted TIM-barrel and a helical N-terminal arm which consists of three 
helices: αA, αB and αC [28]. These helices are part of a hydrophobic patch that is thought to 
be involved in substrate channeling [28,29]. 

We have developed an overexpression and purification protocol for TtProDH, in which the 
enzyme is fused to maltose-binding protein (MBP). Wildtype MBP-TtProDH (WT) purifies 
as a mixture of soluble aggregates and tetramers [30,31]. Increasing the polarity of helix 
αA (variant MBP-TtProDH F10E/L12E (EE)) eliminates the formation of aggregates [31]. In 
addition, we constructed variants of TtProDH in which we sequentially removed one, two 
or three N-terminal helices, resulting in variants ΔA, ΔAB and ΔABC [32]. While ΔA and ΔAB 
form active tetramers, ΔABC mainly consists of poorly active dimers. 

From the crystal structure of TtProDH (PDB 2G37) it can be deduced that helices α5 form 
the interface of the dimer, and that Asp205 and Glu207 form ion pairs with Arg202 and 
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Lys213, respectively, of the other subunit  [28] (Fig. 1). To investigate the influence of the 
oligomerization state of TtProDH on its thermostability, we created variants in which we 
changed Asp205 and Glu207 of EE, ΔA, ΔAB and ΔABC into lysines. These MBP-TtProDH 
KK variants, as well as their non-KK counterparts were assessed for their hydrodynamic 
properties as well as their conformational stability.

Figure 1. 
Interactions between helices 5 of both subunits in the three-dimensional model of the crystal structure of TtProDH 
(PDB entry 2G37). Helices 5 are shown in orange, the FAD cofactor depicted in yellow, and the remaining part of the 
TtProDH structure is shown gray and transparent. The ion pairs R202-D205 and E207-K213 are indicated. 
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Materials and Methods 

Cloning, expression and purification of the TtProDH variants 

In MBP-TtProDH EE, ΔA, ΔB and ΔABC, Asp205 and Glu207 were changed into lysines 
(D205K and D207K). This was done in a one-step PCR and ligation reaction, as we have 
described before [31] with the exception that in this case both a forward and reverse primer 
were used for introducing the mutations. The plasmids pBAD-MBP-TtProDH EE, ΔA, ΔAB 
and ΔABC were used as template DNA. Amplification was done using the forward primer 
5’ CCG GAT AAA CGC CTG ATT AAA GCC AAA TAT CTG CAT CTG GGT AAG CTT GCG CTG AAA 
GAA GGT C 3’(codon changes underlined). As a reverse primer, the reverse complement 
sequence of the forward primer was used.

The MBP-TtProDH variants were expressed and purified according to a protocol described 
previously [31]. In short, the variants were produced in E.coli TOP10 cells and purified using 
amylose affinity and anion-exchange chromatography. 

Subunit composition

The oligomeric state of the MBP-TtProDH KK variants was analyzed by size exclusion 
chromatography [31]. 200 μL of a 40 μM or 250 μM enzyme solution was loaded on a Superdex 
200 10/300 GL (GE Healthcare), equilibrated in 50 mM sodium phosphate, 150 mM NaCl, 
pH 7.4. Apparent molecular masses were determined from running calibration proteins in 
parallel, as described elsewhere [33].

The native and subunit masses of the MBP-TtProDH KK variants were determined by 
nanoflow electrospray ionization mass spectrometry (ESI-MS), essentially as described 
earlier [32]. 

Spectral analysis

Flavin absorption spectra [31] and far-UV circular dichroism (CD) spectra [30] of the MBP-
TtProDH variants were recorded according to previously described protocols. For these 
spectra, enzyme solutions of respectively 40 µM and 1 µM enzyme in 50 mM sodium 
phosphate, pH 7.4 were prepared.

Temperature-induced unfolding was monitored using CD by following the mean residue 
molar ellipticity at 224 nm while increasing the temperature from 20 to 95 °C at a rate of 
0.5 °C min-1. Data points were collected after every 0.5 °C increase. Midpoints of transition 
were determined by fitting the data to a model described by a sigmoidal or double sigmoidal 
function. As for the far-UV CD-spectra, protein samples (1 µM) were prepared in 50 mM 
sodium phosphate, pH 7.4.
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Enzyme activity 

Enzyme activity of the MBP-TtProDH variants was determined on a Hewlett Packard 8453 
diode array spectrophotometer using the proline:dichlorophenolindophenol (DCPIP) 
oxidoreductase assay [30]. Steady-state kinetic parameters were determined at 25 °C, 
essentially as described previously [31]. Thermoinactivation of the MBP-TtProDH variants 
was determined based on an earlier established protocol [30]. 10 µM enzyme solutions 
in 20 mM Hepes, pH 8.0 were incubated at 65 °C. The time-dependent loss of activity was 
followed by removing aliquots from the incubation mixtures at various time points up to 
30 min. These aliquots were directly assayed for residual enzyme activity at 25 °C by adding 
them to a 600 µL reaction mixture containing 65 µM DCPIP and 100 mM L-proline in 20 mM 
Hepes, pH 8.0.
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Results

Protein expression and purification 

All MBP-TtProDH variants were expressed and purified successfully and with high yields, 
as we have reported before for different MBP-TtProDH variants [30-32]. From 1 L culture, 
about 200-250 mg of each variant was purified. We have demonstrated that the MBP fusion 
tag does not significantly affect the spectral and catalytic properties of the enzyme [30]. 
Therefore, we used the MBP-fused variants for further studies.

Spectral properties

The far-UV CD spectra of the KK-variants of MBP-TtProDH are very similar (Fig. 2A) and 
resemble those of the non-KK variants [32]. In addition, the visible flavin absorption spectra 
of the KK-variants of MBP-TtProDH (Fig. 2B) are all nearly identical to those of the non-KK 
variants [32]. Therefore, the D205K and E207K replacements do not alter the secondary 
structure of the enzyme, nor the local environment of the flavin isoalloxazine ring.

Figure 2.
Spectral properties of the MBP-TtProDH KK variants. (A) Near-UV CD-spectra. (B) Visible flavin absorption spectra.

Hydrodynamic properties

The hydrophobic N-terminus of TtProDH is responsible for its self-association in vitro [31]. 
While MBP-TtProDH WT forms soluble aggregates and tetramers, the EE variant with a 
more polar N-terminal helix exclusively forms tetramers [31]. The truncated variants ΔA and 
ΔAB form tetramers as well, while ΔABC purifies as a dimer [32]. Introducing Lys205 and 
Lys207 in the α5 interface helices of TtProDH clearly changes the oligomerization state of 
the protein. Size exclusion chromatography indicates that EE KK forms dimers, while ΔA KK, 
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ΔAB KK and ΔABC KK mainly form monomers (Fig. 3A). When analyzing the elution patterns 
at high protein concentrations (250 µM instead of 40 µM), ΔA KK and ΔAB KK increase in size 
(Fig. 3A). The elution pattern of EE KK and ΔABC KK at 40 and 250 µM is the same. 

Figure 3.
Hydrodynamic properties of the MBP-TtProDH variants as monitored by Superdex 200 size-exclusion 
chromatography. (A) Gel filtration of the KK variants. All samples were loaded with a concentration of 40 µM. In 
dotted lines, the elution pattern of ΔA KK and ΔAB KK at 250 µM is depicted. (B) KAV versus log molecular weight plot. 
Reference proteins, used to calibrate the column and calculate the MBP-TtProDH apparent masses, are depicted as 
black circles: cytochrome c (12.3 kDa), myoglobin (17.8 kDa), α-chymotrypsin (25 kDa), ovalbumin (43 kDa), bovine 
serum albumin (68 and 136 kDa), 4-hydroxybenzoate 3-hydroxylase (90 kDa), lipoamide dehydrogenase (102 kDa), 
phenol 2-hydroxylase (152 kDa), catalase (232 kDa), ferretin (440 kDa), and vanillyl-alcohol oxidase (510 kDa). 
MBP-TtProDH variants: squares, non-KK variants 40 µM; triangles, KK variants 40 µM; circles, KK variants 250 µM. 

For comparison, the KAV values of all variants are depicted in Fig. 3B. The difference in 
oligomerization behavior is immediately clear from this graph. EE, ΔA and ΔAB have a similar 
low KAV value (KAV = 0.204 ± 0.018) corresponding to the size of tetramers. ΔABC and EE KK 
have a somewhat higher KAV value (KAV = 0.335 ± 0.001) and form dimers. ΔA KK, ΔAB KK and 
ΔABC KK elute as monomers (KAV = 0.482 ± 0.018), while ΔA KK and ΔAB KK elute in between 
dimers and monomers (KAV = 0.406 ± 0.001) when applied at high protein concentration. 
This points to a weak interaction between the monomers of these KK variants. 

The oligomerization behavior of the KK variants was also addressed by ESI-MS, as has been 
done before for the non-KK variants [32]. Table 1 shows dimers as well as monomers for all 
KK-variants. Dimers are not observed for ΔA KK, ΔAB KK and ΔABC KK using size exclusion 
chromatography, but ΔA KK, ΔAB KK do form dimers at high concentrations (Fig. 3A). 
Therefore, it is likely that at high concentrations in the mass spectrometer, the enzymes 
described here partially form dimers. 

While the denatured masses of EE KK and ΔAB KK indicate that these variants exist of identical 
subunits, this is not the case for ΔA KK and ΔABC KK (Table 1). For ΔABC, we have already 
shown that the protein is C-terminally truncated after purification from E. coli [32]. ΔABC 
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KK has the same truncation (removal of sequence 288-RRIAERPENLLLVLRSLVSGLE-309); 
however, it does not occur in the entire enzyme population. For ΔA KK, the truncation 
appears to be only a few amino acids.

Table 1. 
Molecular masses of EE KK, ΔA KK, ΔAB KK and ΔABC KK as determined by native and denatured ESI-MS. Both 
predicted (Pred.) as well as experimental (Exp.) masses are given in kDa with experimental errors less than 0.05%.  
For calculation of the predicted native masses, it has been taken into account that each subunit contains a non-
covalently bound FAD cofactor (molecular mass 786 Da).

Native Denatured

Dimer Monomer

Pred. Exp. Pred. Exp. Pred. Exp.

MBP-TtProDH EE KK 159.8 159.2 – 159.8 79.5 79.6 - 80.3 78.7 78.7

MBP-TtProDH ΔA KK 155.1 156.6 77.5 77.6 – 78.1 76.7
76.8
75.7

MBP-TtProDH ΔAB KK 153.8 153.8 76.3 76.6 75.5 75.6

MBP-TtProDH ΔABC KK 145.0 144.3 – 145.3 75.2 72.4 – 73.4 74.4
74.5
71.9

Catalytic properties 

The steady-state kinetic properties of the MBP-TtProDH variants are shown in Fig. 4 and the 
corresponding kinetic parameters are summarized in Table 2. EE KK, ΔA KK and ΔAB KK have 
a significant improved catalytic efficiency at 25 °C compared to their non-KK counterparts 
[32] (Table 2). ΔABC KK is poorly active, which is not surprising since we have already shown 
that helix αC is crucial for the catalytic function of TtProDH. [32].

Figure 4.
Steady-state kinetics of the MBP-TtProDH KK variants 
as determined with the proline:DCPIP assay. The fitted 
curves are retrieved from non-linear regression analysis 
applying the Michaelis-Menten equation.
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Table 2. 
Kinetic parameters for the MBP-TtProDH KK variants at 25 °C as determined with the proline:DCPIP assay. 

  KM (mM) kcat (s
-1) kcat/KM (s-1 M-1)

MBP-TtProDH EE* 68 ± 8 9.8 ± 0.5 146

MBP-TtProDH ΔA* 116 ± 5 12.6 ± 0.3 109

MBP-TtProDH ΔAB* 60 ± 3 13.6 ± 0.3 229

MBP-TtProDH ΔABC* 116 ± 11 0.6 ± 0.02 6

MBP-TtProDH EE KK 42 ± 6 14.3 ± 0.7 339

MBP-TtProDH ΔA KK 69 ± 10 23.1 ± 1.4 335

MBP-TtProDH ΔAB KK 49 ± 6 29.8± 1.4 603

MBP-TtProDH ΔABC KK 84 ± 10 0.2 ± 0.01 3
* As determined previously [31,32].

Thermal stability

The thermal stability of the KK MBP-TtProDH variants was assessed by monitoring the loss 
of secondary structure using CD spectroscopy. From following the mean residue molar 
ellipticity at 224 nm while increasing the temperature from 20 to 95 °C, two separate 
transitions for EE, ΔA, ΔAB and ΔABC are observed (Fig. 5A and Table 3). This indicates 
non-cooperative unfolding for the MBP and TtProDH domains [30]. The first transition 
with a midpoint of unfolding of 50-52 °C reflects the unfolding of the MBP domain, while 
the thermostable TtProDH domain unfolds around 88 °C. ΔAB is slightly less stable, with a 
midpoint of unfolding at 84 °C. 

The unfolding temperature for the KK variants has decreased severely, since they start to 
unfold between 60 and 70 °C (Fig. 5B). The exact midpoints of unfolding of the KK variants 
are more difficult to determine, since the transitions for unfolding of the MBP- and TtProDH-
domains overlap. However, it can be seen that EE KK and ΔABC KK are slightly more stable 
than ΔA KK and ΔAB KK (Fig. 5B and Table 3).

Table 3. 
Midpoints of unfolding for the MBP-TtProDH variants, as monitored by CD spectroscopy. Mean residue molar 
ellipticity was monitored at 224 nm.

Tm (°C)
MBP

Tm (°C)
TtProDH

Tm (°C)
MBP

Tm (°C)
TtProDH

MBP-TtProDH EE 51.6 ± 0.3 88.2 ± 0.3 MBP-TtProDH EE KK 52.0 ± 0.4 70.0 ± 0.4

MBP-TtProDH ΔA 50.4 ± 0.3 91.7 ± 1.8 MBP-TtProDH ΔA KK 52.0 ± 0.3 63.0 ± 0.2

MBP-TtProDH ΔAB 50.4 ± 0.2 84.2 ± 0.1 MBP-TtProDH ΔAB KK 52.5 ± 0.3 65.4 ± 0.2

MBP-TtProDH ΔABC 52.0 ± 0.3 88.7 ± 0.4 MBP-TtProDH ΔABC KK 53.9 ± 0.4 71.8 ± 0.3
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Figure 5.
Thermal unfolding of the MBP-TtProDH variants as monitored by CD spectroscopy. Ellipticity was monitored at 
224 nm. (A) MBP-TtProDH non-KK variants. (B) MBP-TtProDH KK variants.

The thermostability of the MBP-TtProDH variants was also evaluated by incubating the 
different enzymes at 65 °C and monitoring the residual activity as a function of incubation 
time (Fig. 6). EE and ΔA show a slight initial increase in activity when incubated at 65 °C. 
After 30 min of incubation, EE and ΔA still retain 105 and 90% residual activity, respectively. 
ΔAB quickly loses part of its activity upon incubation at 65 °C; however, after this initial 
activity loss the residual activity stays around 70%. In contrast, the KK-variants of EE, ΔA 
and ΔAB all lose fairly quickly upon incubation at 65 °C. EE KK appears to be slightly more 
thermostable compared to ΔA KK and ΔAB KK, with about 34% of residual activity after 
30 min incubation, compared to 24% for ΔA KK and ΔAB KK. Since ΔABC and ΔABC KK are 
almost inactive, thermoinactivation was not assessed for these variants.

Figure 6.
Thermoinactivation at 65 °C of the MBP-TtProDH variants as a function of time. (A) MBP-TtProDH non-KK variants. 
(B) MBP-TtProDH KK variants.
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Discussion

Many factors have been suggested to contribute to the enhanced stability of thermophilic 
proteins. We investigated the effect of the oligomerization state of proline dehydrogenase 
from Thermus thermophilus on its thermostability. By altering two negatively charged 
residues (Asp205 and Glu207) in the dimerization interface of TtProDH into positively charged 
lysines (KK), two ion pairs are disrupted. We investigated the effects of this disruption for 
several MBP-TtProDH variants (EE, ΔA, ΔAB and ΔABC) and compared their properties to 
their non-KK counterparts.

The MBP-TtProDH KK variants are all purified as active holoenzymes. Their flavin spectral 
properties and secondary structures are nearly identical and hardly differ from their non-KK 
counterparts [31,32]. However, the hydrodynamic properties have changed, as revealed by 
gel filtration and native mass spectrometry. While EE, ΔA and ΔAB form tetramers, EE KK 
forms dimers and ΔA KK and ΔAB KK form monomers. ΔABC KK also forms monomers, in 
contrast to ΔABC which forms dimers. An overview of the oligomeric states of the different 
variants is given in Fig. 7. We can clearly conclude that helices α5 form the interface of the 
dimer through ionic interactions. Helix αC is involved in tetramerization; however, the exact 
mode of dimer-dimer interaction remains elusive so far. 

Figure 7. 
Overview of the different oligomeric species observed for EE, ΔA, ΔAB and ΔABC. Helix αA is depicted in green, helix 
αB in red and helix αC in blue. The FAD cofactor is shown in yellow. For simplicity, MBP is not depicted. Please note 
that the exact dimer-dimer interactions in the tetramer are unknown.
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Steady-state kinetic experiments revealed that all KK variants have an improved catalytic 
efficiency compared to their non-KK counterparts (Fig. 4 and Table 2). We have shown 
before that ΔA and ΔAB have an increased activity compared to EE. The same is true for 
the KK variants of ΔA and ΔAB compared to ΔEE KK. In fact, ΔAB KK is the most active form 
of TtProDH we have engineered. These results unambiguously show that the TtProDH 
monomer is active and suggest that the loss of interactions between the dimers and 
tetramers makes the enzyme less rigid for catalysis.

Thermal unfolding experiments revealed a severe destabilization of the KK variants. The 
non-KK variants are resistant to temperatures above 80 °C, while the KK variants already 
start to unfold between 60 and 70 °C (Fig. 5). Thermostability of the variants was also 
monitored by incubating the enzymes at 65 °C and monitoring the residual activity as a 
function of incubation time. EE and ΔA initially become more active when incubated at 
65 °C (Fig. 6A). This might be related to an increase in protein flexibility, as observed before 
for TtProDH [30]. ΔAB is a bit less stable than EE and ΔA (Fig. 6A). This corresponds to the 
thermal unfolding, in which ΔAB has a lower melting temperature compared to EE and ΔA 
(Fig. 5A). The KK variants all lose activity fairly quick upon incubation at 65 °C, but EE KK 
appears to be slightly more thermostable compared to ΔA KK and ΔAB KK (Fig. 6B). This is in 
agreement with the thermal unfolding curves, which show that EE starts to unfold later than 
ΔA KK and ΔAB KK (Fig. 5B). These results indicate that removal of the N-terminal helices 
only slightly influences the conformational stability of the enzyme, while disruption of the 
dimerization interface severely affects this stability.

In summary, we show that two amino acid replacements in the dimerization interface of 
TtProDH alter the oligomerization state of the enzyme from tetramer to monomer. This 
monomerization improves the catalytic efficiencies of the enzyme, but at the cost of its 
thermostability. Thus, a tradeoff between activity and thermostability is made, in which the 
higher-order oligomeric species display the greatest thermostability and lowest catalytic 
activity. Tradeoffs between catalytic activity and stability are seen often in enzymes [34-36]. 
Phsychophrilic (cold adapted) enzymes show a tradeoff between a low thermal stability, so a 
high structural flexibility, and a high activity at low temperatures [37-39] while thermostable 
enzymes show a tradeoff between a high thermal stability and a low activity at moderate 
temperatures. One of the strategies to increase thermostability is to provide rigidity through 
oligomerization [8,10]. Tradeoffs between thermal stability and activity made via a higher 
oligomeric species have been reported [40,41] and our results confirm that oligomerization 
might be a common strategy for to confer thermostability to an enzyme at the expense of 
its catalytic activity. 

Since tradeoffs between thermal stability and activity seem quite general, the process 
of engineering enzymes with both high thermostability and high activity is challenging. 
Nevertheless, an increasing number of examples shows that the activity-stability trade-off 
can be overcome by genetically or chemically modifying enzymes [42-46]
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Abstract

Flavoenzymes are versatile biocatalysts containing either FAD or FMN as cofactor. FAD often 
binds to a Rossmann fold, while FMN prefers a TIM-barrel or flavodoxin-like fold. Proline 
dehydrogenase is denoted as an exception: it possesses a TIM-barrel-like fold while binding 
FAD. Using a riboflavin auxotrophic Escherichia coli strain and maltose-binding protein as 
solubility tag, we produced the apoprotein of Thermus thermophilus ProDH (MBP-TtProDH). 
Remarkably, reconstitution with FAD or FMN revealed that MBP-TtProDH has no preference 
for either of the two prosthetic groups. Kinetic parameters of both holo forms are similar, 
as are the dissociation constants for FAD and FMN release. Furthermore, we show that the 
holo form of MBP-TtProDH, as produced in E. coli TOP10 cells, contains about three times 
more FMN than FAD. In line with this flavin content, the crystal structure of TtProDH variant 
ΔABC, which lacks helices αA, αB and αC, shows no electron density for an AMP moiety 
of the cofactor. To the best of our knowledge, this is the first example of a flavoenzyme 
that does not discriminate between FAD and FMN as cofactor. Therefore, classification of 
TtProDH as an FAD-binding enzyme should be reconsidered.
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apoprotein, cofactor, flavoprotein, proline dehydrogenase, TIM-barrel
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Introduction

Flavoenzymes are ubiquitous in nature and function as versatile biocatalysts. They play an 
essential role in various biological processes such as biosynthesis, energy production, light 
emission, biodegradation, chromatin remodeling, DNA repair, apoptosis, protein folding, 
detoxification, and neural development [1]. 

Flavoenzymes usually contain flavin mononucleotide (FMN) or flavin adenine dinucleotide 
(FAD) as redox active prosthetic group (Fig. 1). These cofactors are synthesized from 
riboflavin (vitamin B2) through the action of riboflavin kinase (E.C. 2.7.1.26) and FMN 
adenylyltransferase (E.C. 2.7.7.2), respectively. Eukaryotes and some archaea depend on 
two separate enzymes for FMN and FAD synthesis [2,3], but in most prokaryotes these two 
enzymes are fused into a bifunctional protein, FAD synthetase [4-6]. FAD is utilized three 
times more often than FMN as enzyme prosthetic group, while riboflavin is not used for this 
purpose [7,8].

Figure 1. 
Chemical structure of riboflavin, FMN and FAD, with 
the redox-active isoalloxazine ring presented in the 
oxidized state.

FMN- and FAD-dependent enzymes have a preference for certain protein folds. While FMN 
enzymes show a preference for a TIM-barrel or flavodoxin-like fold, FAD enzymes often 
use a Rossmann fold for binding the ADP dinucleotide moiety of the cofactor [7]. Some 
flavoenzymes, like NADPH cytochrome P450 oxidoreductase and nitric oxide synthase, use 
both flavin cofactors for the transport of electrons through separate domains [9,10].
The majority (90%) of flavoproteins bind their cofactor non-covalently [7]. Flavin dissociation 
provides the opportunity of studying the properties of the apoenzyme [11,12], and allows 
for reconstituting the holoprotein with isotopically enriched [13] or artificial [14] flavins. 
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Furthermore, apoflavoenzymes can be selectively immobilized by anchoring to a flavin-
containing carrier [15]. Different methods have been explored to dissociate flavoproteins 
into apoprotein and flavin prosthetic group [16]. Traditional methods include precipitation 
procedures and dialysis [17]. However, these approaches may give low yields, since many 
apoflavoproteins cannot withstand the harsh and/or time-consuming conditions employed. 
More recent methods for apoprotein preparation focus on reversible immobilization 
strategies, which allow deflavination and reconstitution of preparative amounts of 
flavoprotein [18,19]. Particularly for flavoproteins with a more complex quaternary 
structure, production of fully reconstitutable apoprotein remains challenging.

In some flavoproteins the flavin is covalently bound to the polypeptide chain [20,21]. By 
replacing the target residue(s) of covalent flavinylation through site-directed mutagenesis, 
the apoprotein can be obtained [22,23]. For vanillyl-alcohol oxidase it could be established 
that the FAD becomes covalently linked to the protein in an autocatalytic process, and that 
the initial non-covalent binding of FAD to the apo dimer stimulates enzyme octamerization 
[24,25]. 

An alternative approach for the preparation of apoenzyme is the use of riboflavin-deficient 
expression systems. The E. coli strain BSV11 is riboflavin auxotrophic [26]. It carries a 
mutation in the ribB gene, which encodes for 3,4-dihydroxy-2-butanone-4-phosphate 
synthase, an essential enzyme in the riboflavin biosynthesis pathway [27]. Using riboflavin 
auxotrophic strains, both flavoenzymes that bind their flavin covalently or non-covalently 
can be produced in their apo-form. Examples include sarcosine oxidase [28] and vanillyl-
alcohol oxidase [29].

Proline dehydrogenase (ProDH, EC 1.5.5.2) is a ubiquitous flavoenzyme involved in proline 
catabolism [30,31]. It oxidizes L-proline to Δ1-pyrroline-5-carboxylate (P5C), which is non-
enzymatically hydrolyzed to glutamic semialdehyde (GSA). P5C dehydrogenase (P5CDH, 
EC 1.2.1.88) oxidizes GSA to L-glutamate. ProDH and P5CDH exist as monofunctional 
enzymes in some bacteria and in eukaryotes; however, in other bacteria they are fused into 
a bifunctional enzyme called proline utilization A (PutA) [32,33]. 

In humans, malfunctioning of the proline metabolic enzymes can lead to several medical 
issues [34,35]. The gene encoding for human ProDH (also known as proline oxidase) is a 
hot-spot for mutations [36]. Missense mutations in ProDH have been identified in patients 
suffering from hyperprolinemia and the neuropsychiatric disorder schizophrenia [37-40]. 
Furthermore, ProDH is one of the genes markedly induced by tumor suppressor p53 [41,42] 
and plays a role in tumorigenesis and tumor development [43].

ProDH adopts a distorted (βα)8 TIM-barrel fold [32,33,44]. Next to methylenetetrahydrofolate 
reductase (MTHFR) [45], ProDH is the only known TIM-barrel enzyme that contains an 
FAD cofactor. Due to this property, ProDH and MTHFR have been structurally classified as 
separate clans of FAD oxidoreductases [7].
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Previously, we described the properties of Thermus thermophilus ProDH (TtProDH), 
produced through fusion with maltose-binding protein (MBP) [46]. Because MBP-TtProDH 
appeared to be prone to aggregation, we constructed a variant with a more polar N-terminus 
(F10E/L12E). This MBP-TtProDH variant, here further referred to as EE, forms homogeneous 
tetramers [47]. Each TtProDH subunit binds a FAD cofactor [32]. However, molecular details 
of FAD incorporation are currently unknown.

This research describes the properties of the EE apoprotein. Using a riboflavin auxotrophic 
expression strain, properly folded apoenzyme was obtained. Intriguingly, we discovered 
that EE accepts both FAD and FMN as prosthetic group. Based on this finding, the flavin 
composition and mode of cofactor binding of TtProDH was further investigated.
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Materials and Methods

Enzyme production and purification 

E. coli TOP10 cells containing a pBAD plasmid (pBAD-EE), in which the changes F10E/L12E 
were introduced in the gene encoding MBP-TtProDH [47], were used for heterologous 
expression of holo MBP-TtProDH EE. The holo EE was purified as described previously 
[47], except that no extra FAD was added during purification. Riboflavin auxotrophic E. coli 
BSV11 strain was used as expression host for production of apo-EE. This strain is defective 
in riboflavin synthesis and was obtained by Tn5 transposon mutagenesis [13]. For enzyme 
production, a 10 mL pre-culture inoculated with cells harbouring the pBAD-EE plasmid 
was grown o/n at 37 °C in Luria-Bertani (LB) medium containing 100 μg/mL ampicillin and 
50 µM riboflavin. The pre-culture was used to inoculate two 2 L Erlenmeyer flasks, each 
containing 500 mL LB medium, 100 μg mL-1 ampicillin and 50 µM riboflavin. The cells were 
grown at 37 °C until OD600 = 0.8. Cells were spun down (7000 g for 10 min) and washed three 
times with riboflavin-free LB. After the third washing step, the cells were divided over two 
2 L erlenmeyer flasks, both containing 500 mL riboflavin-free LB medium and 100 μg/mL 
ampicillin. After one hour shaking (200 rpm) at 20 °C, protein expression was induced by 
adding 0.02% (w/v) L-arabinose, and growth and expression continued for 14 h. Cells (6 g, 
wet weight) were harvested by centrifugation (7000 g for 10 min at 4 °C) and resuspended 
in 50 mM sodium phosphate, pH 7.4. After addition of 1 mg DNaseI, 1 mM MgCl2 and a 
Complete Protease Inhibitor Cocktail Tablet (Roche Diagnostics), cells were lysed by passing 
them three times through a pre-cooled French Press pressure cell (SLM Amicon Instruments) 
at 10000 psi. Cell lysate was centrifuged at 26000 g for 1 h at 4 °C. Apo-EE was purified using 
an amylose column (New England Biolabs, 20 mL in XK 16/10), and a Source 15Q column 
(GE Healthcare, 20 mL in XK 16/10), according to a protocol that has been described before 
for the holoenzyme [46,47]. In addition, after the ion exchange column, the enzyme was 
concentrated using a 10 kDa cut off Amicon filter and loaded on a preparative Superdex200 
XK26/1000 column (GE Healthcare), equilibrated in 50 mM sodium phosphate, 150 mM 
NaCl, pH 7.4. The eluted protein was concentrated and simultaneously the buffer was 
changed to 50 mM sodium phosphate, pH 7.4 by using a 30 kDa cutoff Vivaspin 6 spinfilter 
(GE Healthcare). Protein concentrations were determined using the bicinchoninic acid 
(BCA) assay (Thermo Scientific) and the purified apoenzyme with a concentration of 
7.5 mg/mL was flash-frozen in liquid nitrogen and stored at -80 °C. The native mass of apo-
EE was determined using nanoflow electrospray ionization mass spectrometry (ESI-MS), as 
described before [46,47].

A helical arm-truncated variant lacking N-terminal helices αA, αB and αC was constructed. 
The plasmid pBAD-MBP-TtProDH [47] was PCR-amplified using the primers 5’AAT TAG AAT 
TCA TGG CGA AAA TTG AAA CCC TGG AAG AAG CAC TG 3’ (forward) and 5’ GCC CAA GCT 
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TTT ATT CTA GAC CGC TAA CCA GGC 3’ (reverse). Using EcoRI and HindIII restriction sites 
(underlined in the primers), the amplified fragment was introduced into a pBAD-MBP vector, 
which resulted in an N-terminal fusion of the TtProDH ΔABC variant to MBP. The resulting 
construct was verified by automated sequencing of both strands (Macrogen). E. coli TOP10 
cells were transformed with the plasmid for recombinant expression. MBP-TtProDH ΔABC 
was produced and purified as described previously [47]. The denatured mass of apo-EE 
was determined using nanoflow electrospray ionization mass spectrometry (ESI-MS) [46]. 
Removal of the MBP-tag and purification of native ΔABC was achieved by slight modification 
of the trypsin-treatment reported before [46]. In this case, 25 mg purified MBP-TtProDH 
ΔABC in 50 mM sodium phosphate, pH 7.4 was incubated with 36 µg trypsin at 37 °C for 1 h. 
After that, phenylmethylsulfonyl fluoride (PMSF, Merck) was added to a final concentration 
of 2 mM to inactivate trypsin and the protocol to purify ΔABC was proceeded as described 
[46]. Trypsinolysis of MBP-TtProDH ΔABC and purification of ΔABC was visualized with sodium 
dodecyl sulphate polyacrylamide gel electrophoresis (SDS-PAGE), using 12% polyacrylamide 
slab gels. Proteins were stained using Coomassie Brilliant Blue R-250. As a molecular weight 
marker, Precision Plus Protein Standard (Biorad) was used.

Spectral analysis

Holo-EE (10 µM) and apo-EE (10 µM) were incubated with 50 µM FAD or FMN, in 50 mM 
sodium phosphate, pH 7.4 at room temperature for 1 hour. Excess FAD/FMN was removed 
using a 10 kDa cut off spin filter and flavin absorption spectra of holo-EE, apo-EE and 
reconstituted enzymes were recorded at 25 °C on a Hewlett-Packard 8453 diode array 
spectrophotometer, essentially as described before [46].  

Far-UV circular dichroism (CD) spectra of holo-EE, apo-EE and apo-EE reconstituted with 
FAD or FMN were acquired on a Jasco J-715 spectropolarimeter equipped with a Peltier 
thermostat (Jasco). Samples contained 1 μM enzyme in 50 sodium phosphate, pH 7.4 and 
spectra were recorded as described previously [46]. Temperature-induced unfolding was 
monitored by increasing the temperature from 20 – 95 °C at a rate of 0.5 °C min-1. Data 
points were collected every 0.5 °C increase. Midpoints of transition were determined by 
fitting the data to a model described by a double sigmoidal function.

Enzyme activity 

Enzyme activity of apo-EE, apo-EE reconstituted with FAD or FMN, and holo-EE was 
determined at 25 °C on a Hewlett Packard 8453 diode array spectrophotometer using the 
proline:dichlorophenolindophenol (DCPIP) oxidoreductase assay [46]. For the standard 
assay, catalytic amounts of enzyme were added to a 600 µL reaction mixture containing 
65 µM DCPIP and 100 mM L-proline in 50 mM sodium phosphate, pH 7.4. Steady-state 
kinetic parameters were determined at 25 °C, essentially as described previously [47].
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Fluorescence spectroscopy

Dissociation constants of apo-EE-flavin complexes were determined by using the quenching 
of flavin fluorescence upon binding of the flavin cofactor to the apoenzyme. 200 nM 
solutions of FAD, FMN or riboflavin in 50 mM sodium phosphate, pH 7.4, were prepared 
based on the molar absorption coefficients of 11300 M-1 cm-1 at 450 nm for free FAD, 
12200 M-1 cm-1 at 445 nm for free FMN and 12500 M-1 cm-1 at 445 nm for free riboflavin. 
1.3 mL of the 200 nM FAD, FMN or riboflavin solutions were titrated with 5 µL aliquots of 
5 µM apoenzyme in the same buffer. In total, 250 µL of the enzyme solution was added. 
After addition of each aliquot of enzyme, fluorescence emission was recorded during 30 sec. 
Excitation was at 445 nm (bandwidth 5 nm) and emission at 525 nm (bandwidth 10 nm) and 
the photomultiplier potential was set at 975 V. As control, buffer (50 mM sodium phosphate, 
pH 7.4) was titrated with apoenzyme under the same conditions.

The dissociation constants (KD) of the apo-EE-FAD/FMN complexes were determined using 
Igor Pro 6.10, by fitting the fluorescence emission data (Ftotal) to the model described by 
equation 1:

     	 F f flavin f complex f apototal flavin free complex apo= ⋅ + ⋅ + ⋅[ ] [ ] [ ]   	 (1),

where
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and [flavin]total and [apo]total are the concentrations of flavin and apoenzyme at each point in 
the titrations. fflavin, fcomplex and fapo are the fluorescence conversion factors for each species, 
respectively.

Fluorescence emission spectra of 0.9 µM FAD, 0.9 µM FMN, 0.9 µM apo-EE reconstituted 
with FAD, and 0.9 µM apo-EE reconstituted with FMN were recorded. All solutions were 
prepared in 50 mM sodium phosphate, pH 7.4. Excitation was at 445 nm (bandwidth 5 nm) 
and emission at 470-650 nm (bandwidth 10 nm). The photomultiplier potential was set at 
820 V and 10 scans were recorded and averaged. 

In addition, fluorescence emission spectra of 0.9 µM purified holo-EE [47] and 0.9 µM 
denatured EE were recorded. EE was denatured by incubating 0.9 µM enzyme in 50 mM 
sodium phosphate, pH 7.4, containing 0.5% sodium dodecyl sulfate (SDS) [46]. After 
incubation at room temperature for several minutes, fluorescence emission spectra of holo- 
and denatured EE were recorded as described above. Flavin composition of the denatured 
sample could be calculated using equations (2) and (3):

 		  f F f F ffin FMN FMN FAD FAD= ⋅ + ⋅ 		 (2)

 		  f fFMN FAD= −1 			   (3)
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where Ffin is the final fluorescence emission after incubation of 0.9 µM holo enzyme with 
0.5% SDS, and FFMN and FFAD are the fluorescence emissions of 0.9 µM FMN and 0.9 uM FAD, 
respectively. fFMN and fFAD are the fractions of FMN and FAD present in the sample. 

Mass spectrometry

To determine the FAD/FMN ratio in purified holoenzyme, the flavin cofactor was released 
from the enzyme by extraction with ethanol. A 10 µM holo-EE solution was incubated 
with 60% ethanol for about 30 min. Subsequently, the solution was centrifuged to remove 
aggregates. The solution was passed through a 10 kDa cut-off Vivaspin 6 spinfilter (GE 
Healthcare) and the flow-through was collected. The solution was freeze-dried and the 
obtained pellet dissolved in 120 µL pure water. Two microliter of this solution were loaded 
onto a UPLC column (Discovery HS F5-3 2.1 mm I.D. x 150 mm, 3 µm particles, Sigma Aldrich). 
Separation was performed at 40 °C with a gradient from 100% H2O (with 0.1% formic acid) 
to 35% acetonitrile (with 0.1% formic acid) in 15 min at a flow rate of 250 µL/min. FMN and 
FAD were identified and quantified using a Shimadzu UPLC-triple quad mass spectrometer 
(LCMS-8040). The triple quad mass spectrometer was operating with 3 L/min nebulizing gas 
flow and 15 L/min drying gas flow. The Dl temperature was set to 250 °C and the heat block 
temperature to 400 °C. Electrospray ionization was used. The machine was calibrated with 
a reference set of FAD and FMN.

Crystal growth, data collection and structure refinement for TtProDH ΔABC

TtProDH ΔABC crystals were obtained by the hanging-drop vapor-diffusion method at 292 K. 
Drops contained 0.5 µL of 2.2 mg mL-1 protein solution buffered with 50 mM Hepes, 500 mM 
sodium chloride, pH 8.0, and 0.5 µL of reservoir solution containing 20% (v/v) 2-propanol, 
0.2 M calcium chloride dihydrate and 0.1 M sodium acetate, pH 4.6, and were equilibrated 
against 60 µL of reservoir solution. A mixture of 70% of reservoir solution and 30% of glycerol 
was used as cryoprotectant solution. Data set from one ΔABC monocrystal was collected in 
the beamline I02 of Diamond Light Source (Oxfordshire, UK) at a wavelength of 0.97949 Å 
and a temperature of 100 K. The data were processed and scaled using the XDS package [48] 

and CCP4 software [49]. The crystal structure was solved by molecular replacement using 
the MOLREP program [50] and the WT structure (PDB 2G37) as search model. Refinements 
were performed automatically by REFMAC 5 from CCP4 [51] and manually by COOT [52]. 
PROCHECK [53] was used to assess and validate the final structure. TtProDH ΔABC diffracted 
up to 2.2 Å and belongs to the P62 cubic space group. Vm value is 2.84 Å3/Da, with one 
protein molecule in the asymmetric unit and 56.68% of solvent content. Amino acid residues 
280-296 and the AMP moiety of FAD, lacking observed electron density, are not included in 
the model. The Ramachandran plot shows that 97.08 %, 2.5 % and 0.42 % of the amino acid 
residues are in most favored, allowed and disallowed regions, respectively. 
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Results

Preparation of apo-EE

Initial attempts of producing reconstitutable apoprotein from purified holo-EE were 
not successful. When using precipitation, dialysis or affinity chromatography-based 
deflavinylation protocols [16], irreversible aggregation of the apoenzyme occurred. Therefore, 
we focused our attention on producing apo-EE in a cellular environment. Using the riboflavin 
auxotrophic E. coli strain BSV11 as expression host, the apoenzyme was properly produced 
with purification yields of approximately 10 mg/L culture. The preparation contained mainly 
apo-EE and a minor amount of holo-EE, as judged from the low flavin absorbance in the 
visible region and the low activity compared with native enzyme (vide infra).

Reconstitution of apo-EE

Apo-EE shows a low flavin absorption in the visible region, yielding an A280/A450 ratio of 
58.9 (Fig. 2). The apoenzyme can be successfully reconstituted with FAD or FMN, yielding 
absorption spectra similar to that of holo-EE (Fig. 2). The A280/A450 ratios for apoenzyme 
reconstituted with FAD (11.4) and FMN (12.0) are similar to that of holo-EE, pre-incubated 
with excess FAD (11.8) or FMN (12.1). Holo-EE, as purified here in the absence of excess 
FAD, shows an A280/A450 ratio of 13.3. This indicates that holo-EE contains a small amount of 
apoprotein.

Figure 2. 
Absorption spectra of holo-EE, apo-EE and apo-EE 
reconstituted with FAD or FMN.
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Far-UV CD spectra of holo-EE, apo-EE and reconstituted apo-EE are all very similar, indicating 
no large changes in secondary structure (Fig. 3A). Thermal unfolding monitored by CD 
spectroscopy shows two separate transitions for each sample (Fig. 3B). This indicates non-
cooperative unfolding for the MBP and TtProDH domains [46]. The first transition reflects 
unfolding of MBP, with a midpoint of unfolding around 55 °C. The thermostable TtProDH 
domain has a midpoint of unfolding around 90 °C. When comparing the thermal stability of 
apo-EE to that of reconstituted apo-EE or holo-EE, no large differences are observed. 
Results from native mass spectrometry have shown that holo-EE forms tetramers with a 
mass of 319.6 ± 33 kDa [47]. Apo-EE is also a tetramer, with a native mass of 310.7 ± 31 kDa. 
Therefore, the oligomerization state of the enzyme is not affected in the absence of the 
flavin cofactor.

Figure 3.
Secondary structure and thermal stability of holo-, apo-, and reconstituted EE. (A) Far-UV CD spectra. (B) Thermal 
unfolding monitored by CD at 224 nm. 

Catalytic properties of reconstituted apo-EE 

Comparison of the specific activities of apo-EE and holo-EE shows that the obtained 
apoprotein preparation contains about 17% residual activity (Table 1). Apo-EE reconstituted 
with FAD or FMN shows equal specific activities as holo-EE, indicating that the apoenzyme 
can be fully reconstituted with either of the flavin cofactors. The kinetic parameters of apo-
EE, reconstituted with FAD or FMN, are very similar to those described for holo-EE (Table 1 
and Fig. 4), indicating no preference for either of the prosthetic groups in catalysis.
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Table 1. 
Specific activities and kinetic parameters of holo-EE, apo-EE and apo-EE reconstituted with FAD or FMN. Activity 
measurements were done at 25 °C, pH 7.4 with the proline:DCPIP oxidoreductase assay.

Specific activity (U mg-1) kcat (s
-1) KM (mM) kcat/KM (s-1 M-1)

Holo-EE* 4.74 ± 0.27 9.8 ± 0.5 67.6 ± 8.2 146

Apo-EE 0.84 ± 0.01 ND ND ND

Apo-EE + FAD 4.83 ± 0.07 7.2 ± 0.2 36.6 ± 3.2 198

Apo-EE + FMN 4.95 ± 0.10 7.9 ± 0.2 50.1 ± 3.4 158
* As determined previously [47].

Figure 4. 
Steady-state kinetics of holo-EE and apo-EE 
reconstituted with FAD and FMN, as determined with 
the proline:DCPIP assay. 

Cofactor binding of apo-EE

The equilibrium constants for dissociation of FAD and FMN from EE were determined using 
fluorescence spectroscopy. Upon binding to the apoprotein, fluorescence of the flavin is 
severely quenched within seconds. From titrating aliquots of apoenzyme to an FAD or FMN 
containing solution (Fig. 5), tight binding is observed and equal dissociation constants for the 
apo-FAD (KD = 18.0 ± 0.5 nM) and apo-FMN (KD = 19.5 ± 0.8 nM) complexes are estimated. Of 
note is that riboflavin shows a very weak binding to the apoenzyme (data not shown). From 
Fig. 5 it is evident that the fluorescence quantum yield of the apo-FAD complex is lower than 
the fluorescence quantum yield of the apo-FMN complex. The increase in flavin fluorescence 
at the end of the FAD titration (Fig. 5A) can be attributed to the residual amount of flavin 
present in the apoprotein preparation. 

FAD in solution is about 9 times less fluorescent than FMN (Fig. 6A). This is due to stacking 
of the adenine part onto the isoalloxazine ring of FAD, which quenches its fluorescence 
[54,55]. In TtProDH, FAD binds in an extended conformation, as deduced from the crystal 
structure [32]. Nevertheless, binding to the apoprotein severely quenches the fluorescence 
of FAD (Fig. 5A, Fig. 6B). This is also true for FMN, but the fluorescence quantum yield of the 
apoenzyme reconstituted with FMN is significantly higher than the fluorescence quantum 
yield of the apoenzyme reconstituted with FAD (Fig. 5B, Fig. 6B). 
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Figure 5.
Titration of an FAD or FMN solution with apo-EE to determine the dissociation constants of the apoenzyme-FAD/
FMN complex. Flavin fluorescence emission was monitored at 525 nm, excitation was at 445 nm. (A) 200 nM FAD 
titrated with 5 µM of apo EE and (B) 200 nM FMN titrated with 5 µM apo EE.

The emission spectrum of holo-EE, isolated from E. coli, shows much higher fluorescence 
intensity than that of the reconstituted apo-FAD complex (Fig. 6B). This suggests that next 
to FAD, holo-EE might also contain FMN. By denaturing holo-EE with 0.5% SDS (Fig. 6A), 
the flavin cofactor composition could be measured more accurately. From fluorescence 
calibration curves of FMN and FAD, it was estimated that 75 ± 3% of the released flavin is 
FMN. To confirm that the enzyme incubated with 0.5% SDS had released all its cofactor, part 
of the sample was passed through a 10 kDa cut off spin filter to remove the enzyme before 
measuring fluorescence emission spectra and part of the sample was measured directly. 
The obtained spectra were identical, indicating all enzyme had released its cofactor and 
only the fluorescence of flavin free in solution was recorded. As mentioned, no extra flavin 
was added during purification of holo-EE, therefore, the FAD/FMN ratio was not altered by 
experimental procedures. 

Figure 6.
Fluorescence emission spectra of of holo- and apo-EE. Excitation was at 445 nm. (A) Spectra of 0.9 µM FAD, 0.9 µM 
FMN, 0.9 µM holo-EE and 0.9 µM holo-EE denatured in 0.5% SDS. (B) Spectra of 0.9 µM apo-EE and 0.9 µM apo-EE 
reconstituted with FAD or FMN. For comparison, the spectrum of holo-EE is depicted.
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The cofactor composition of holo-EE purified from E. coli TOP10 cells was also determined 
using mass spectrometry. The flavin cofactor was extracted from the enzyme using 60% 
ethanol. FAD was detected in positive mode for the transition of 786.15 to 136.10 m/z 
and from 786.15 to 348.10 m/z at 8.53 min. FMN was detected in negative mode for the 
transition of 455.00 to 97.00 m/z and from 455.00 to 78.90 m/z at 8.64 min. From the 
measured transitions for the purified flavin cofactor the concentrations for FMN and FAD 
can be calculated, which indicates that about 74% of the flavin cofactor in holo-EE is FMN 
and only 26% is FAD, matching perfectly with the fluorescence emission properties. This 
FAD/FMN ratio in holoenzyme might depend on the cellular conditions, and therefore this 
ratio might differ per protein batch.

Crystal structure of TtProDH ΔABC

Crystallization of EE was hampered by inconvenient removal of the MBP tag [47]. We created 
a TtProDH variant (ΔABC), which lacks the N-terminal helices αA, αB and αC. ΔABC is poorly 
active but binds the flavin cofactor in stoichiometric amounts. From this variant, the MBP-
tag could be successfully removed (Fig. 7A) and the purified ProDH fragment was used for 
crystallization. Crystals of TtProDH ΔABC reached their maximum size in 21 days (Fig. 7B). 
Collection statistics and refinement data of the crystals obtained are summarized in Table 2. 
The coordinates and structure factors have been deposited in the Protein Data Bank (PDB) 
with accession code 5M42.

Figure 7. 
Preparation of ΔABC for crystallization. (A) Removal of the MBP-tag and purification of native ΔABC, visualized on 
SDS-PAGE. From left to right: (1) purified MBP-TtProDH ΔABC; (2) MBP-TtProDH ΔABC after limited trypsinolysis; 
(3) purified native ΔABC. Molecular masses of marker proteins (M) from top to bottom: 150, 100, 75, 50, 37, 25, 20 
kDa. (B) Growth of TtProDH ΔABC crystals.

The three-dimensional model for TtProDH ΔABC comprises residues 38-279 (Fig. 8A). 
Superposition of this structure onto that of TtProDH (2G37) showed an rmsd value of 
0.338 Å (for 221 Cα atoms of A chains) demonstrating a similar overall structure and no 
gross conformational changes. Using ESI-MS, we detected that the C-terminal helix α8 of 
MBP-TtProDH ΔABC is unstable and becomes proteolytically cleaved in E. coli after Thr287.  
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While MBP-TtProDH has a predicted denatured mass of 74401 Da, the truncated form 
has a measured mass of 71899 Da. This points to removal of a part of the C-terminal tail 
with sequence (288-RRIAERPENLLLVLRSLVSGLE-309). This truncated form has a predicted 
subunit mass of 71885 Da. Deletion of the last 22 residues might increase the flexibility 
of the remaining C-terminal end of the protein and explain why residues 280-287 are not 
visible in the crystal structure. For the FAD cofactor, no electron density was observed for 
the adenosine 5’-monophosphate (AMP) moiety (Fig. 8A). This suggests that either the AMP 
part of the FAD shows multiple orientations and therefore is highly mobile, or that (part 
of) the bound cofactor is FMN instead of FAD. The mode of binding of the FMN-part of the 
flavin cofactor is strictly conserved compared to that of TtProDH (Fig. 8B).  

Table 2. 
Data collection and refinement statistics for TtProDH ΔABC.

Data collection statistics

Space group P 62

Cell dimensions a, b, c (Å) 131.92  131.92  36.58

Wavelength, Å 0.9794

Resolution, Å 65.96 – 2.2 (2.32 – 2.2)

Total no. of reflections 159591 (23667)

No. of unique reflections 18892 (2730)

Redundancy 8.4 (8.7)

Completeness, % 100 (100)

Average I/σ 11 (2.2)

Rmerge
a 0.138 (0.897)

CC(1/2) 0.997 (0.714)

Refinement statistics

Resolution range, Å 60-2.2

Protein non-hydrogen atoms 1977

Ligand non-hydrogen atoms 31

Solvent non-hydrogen atoms 65

Rwork (%) 18.2

Rfree
b (%) 22.5

rmsd bond length, Å 0.019

rmsd bond angles, ° 2.081

Average B-factor, Å2 37.67
Values in parentheses correspond to the highest resolution shell.
a Rmerge= Σ(I - Iav) / ΣIav, where the summation is over symmetry-equivalent reflections 
b R calculated for 5% of data excluded from the refinement.
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Figure 8. 
Cartoon representation of the three-dimensional models of the crystal structures of (A) TtProDH ΔABC and (B) 
TtProDH (PDB entry 2G37). In the top panels, the flavin cofactors are colored by B-factor. N-terminal helices αA, 
αB, and αC and the C-terminal α8 are colored in yellow and magenta, respectively, in TtProDH and are missing 
in TtProDH ΔABC. The bottom panels show the H-bond network contributing to stabilization of the cofactor. 
Involved residues are labeled and represented as CPK sticks and flavin cofactors show their Cα in pale yellow. Water 
molecules are depicted as red spheres.
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Discussion

This research describes the production of fully reconstitutable apoprotein of proline 
dehydrogenase for the first time. Using the riboflavin auxotrophic E. coli strain BSV11, 
we obtained an apoprotein preparation that contained 17% residual activity. Spectral 
analysis confirmed the presence of some holoenzyme, analogous to observations made 
with sarcosine oxidase and vanillyl-alcohol oxidase [28,29]. More striking, the obtained 
apoenzyme can be fully reconstituted with either FMN or FAD, leading to quite identical 
catalytic properties.

ProDH and MTHFR are the only FAD-binding enzymes with a (βα)8 TIM-barrel fold [7]. The 
presence of a non-covalent FAD cofactor in ProDH was first described by Scarpulla and 
Soffer in 1978 [56]. They showed that the activity of ProDH, which was solubilized from 
E. coli membranes, is stimulated by FAD but not FMN. After that, it was shown that the 
flavin cofactor of PutA from Salmonella typhimurium, assumed to be FAD, could be reduced 
by proline [57,58]. Since these observations, ProDH has been denoted as an FAD-containing 
enzyme. We show here that TtProDH does not limit itself to FAD as cofactor; it also binds 
FMN with equal affinity and has similar kinetic parameters with both cofactors. Moreover, 
heterologously overproduced MBP-TtProDH contains more FMN than FAD. The fact that 
apo-EE and holo-EE have similar spectral and hydrodynamic properties suggests that apo-
EE is fully folded and awaits flavin binding. This is similar as in e.g. flavodoxin [59], para-
hydroxybenzoate hydroxylase [12] and VAO [24]. However, in VAO, initial non-covalent 
binding of FAD to the apo dimer stimulates enzyme octamerization and autocatalytic 
flavinylation [25].

Up to now, all known crystal structures of PutAs and ProDHs contain an FAD cofactor 
[32,44,60-62]. In the crystal structure of TtProDH (PDB entry 2G37), the high B-factor around 
the adenosine part of the cofactor is due to the fact that the adenosine is not in contact with 
any atoms or water molecules in the structure (Fig. 8B). This supports an increased flexibility 
or absence of the adenosine moiety in a fraction of the enzyme.

The PutAs and ProDHs that have been analyzed so far have a similar location for the 
isoalloxazine ring system and diphosphoribose moiety of the FAD cofactor, but the 
orientation of the adenosine group differs between the two enzyme groups. This diverse 
orientation might be caused by the structural differences between PutAs and ProDHs. 
First, PutAs contain an additional helix, α5a, which is replaced by a loop in monofunctional 
ProDHs. Helix α5a contains a tryptophan that stacks against the adenine group in the FAD 
in PutAs. The loop in ProDHs does not have an equivalent of this tryptophan for interaction 
with the FAD. Second, PutAs have extra helical stretches that follow after helix α8. These 
additional C-terminal helices in PutAs would clash with the conformation of the adenine 
ring of the FAD cofactor as it is found in monofunctional ProDHs [32,63]. 



140

Chapter 6

6

Often, the ADP moiety strongly contributes to the interaction between FAD and the 
apoprotein [24,64-66]. However, in TtProDH, the adenosine moiety of FAD does not show any 
interaction with the enzyme [32] (Fig. 8B). The flavin cofactor inserts its ribityl pyrophosphate 
moiety next to strands 5 and 6. There are several interactions between TtProDH and the 
pyrophosphate of FAD. Thr226 and His227, present in the β6-α6 loop, interact with the FMN 
phosphate. Lys187, stabilized by Asp228, contacts the AMP phosphate. These residues are 
all present in conserved sequence motifs of the PutA/ProDH family, with His227 and Lys187 
being strictly conserved throughout the family [32]. 

Flavoenzymes that adopt TIM-barrel folds and bind FMN, such as glycolate oxidase [67], 
flavocytochrome b2 [68], old yellow enzyme [69], trimethylamine dehydrogenase [70], and 
dihydroorotate dehydrogenase [71], insert the ribityl phosphate moiety next to strands 7 
and 8. With these enzymes, the phosphate group interacts with amides in the initial turn of 
the short helix α8’. In MTHFR [45], the only other known TIM-barrel enzyme that binds FAD, 
the ribityl chain extends between barrel strands 4 and 5, and the FMN phosphate binds to 
the β4-α4 loop. In addition, the adenosine moiety of the FAD cofactor in MTHFR does show 
several contacts with the enzyme. These data suggest that TtProDH has a different binding 
mode for the FAD/FMN cofactor compared to other FMN-binding TIM-barrel enzymes, and 
to the FAD-binding MTHFR.

The TtProDH variant ΔABC reveals that helices αA, αB, αC and α8 are not essential for 
binding of the flavin cofactor in TtProDH. Based on these observations and the present 
results, we conclude that there is no structural reason why TtProDH should not bind FMN. 
Thus, we suggest that PutAs might be specific for FAD, whereas monofunctional ProDHs do 
not necessarily discriminate between FAD and FMN as cofactor.

When purified from E. coli, the majority of the EE variant of MBP-TtProDH contains FMN 
as prosthetic group. This might be explained by the availability of FMN and FAD in the cell. 
To the best of our knowledge, TtProDH is the first example of a flavoenzyme that does not 
discriminate between FAD and FMN as cofactor. Therefore, classification of TtProDH as an 
FAD-binding enzyme should be revised.
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L-proline is one of the proteinogenic amino acids and a central compound in metabolism 
(Chapter 1). Proline catabolism involves the conversion of L-proline to L-glutamate, which 
starts with the oxidation of L-proline to Δ1-pyrroline-5-carboxylate (P5C) by the flavin-
dependent enzyme proline dehydrogenase (ProDH) (Fig. 1A). In addition, L-proline also 
serves as a building block for the synthesis of a wide range of antibiotics. 

Proline as a building block 

Pyrrole rings are commonly encountered in natural products [1], and L-proline often serves 
as one of the precursors of pyrrole-containing secondary metabolites [2-8]. Biosynthesis 
of these compounds starts with the adenylation of L-proline, followed by loading of the 
adenylated proline onto an acyl-carrier protein (ACP) or peptidyl carrier protein (PCP). 
Subsequently, a four-electron oxidation takes place and prolyl-CP is converted to pyrrole-2-
carboxylate (P2C)-CP, which can serve as one of the building blocks for polyketide synthases 
(PKSs) or nonribosomal peptide synthases (NRPSs)  (Fig. 1B) [1]. However, there are also 
examples in which L-proline is oxidized and incorporated in a different way into natural 
products.

The neurotoxic alkaloids anatoxin-a and homoanatoxin-a are produced by certain species 
of cyanobacteria and are potent agonists of the nicotinic acetylcholine receptor [9]. 
Biosynthesis of these compounds is initiated by the conversion of L-proline and resembles 
the biosynthesis of pyrrole-containing secondary metabolites. However, in this case, a two-
electron oxidation takes place instead of a four-electron oxidation. As a result, the product 
is P5C, as for ProDH, rather than P2C (Fig. 1C) [10,11]. Sequence alignments show that the 
enzyme responsible for this reaction is not related to ProDHs, but belongs to the acyl-CoA 
dehydrogenases (ACAD) family [11,12]. 

L-proline is also an important building block for the biosynthesis of carbapenems, which are 
promising sources for clinically useful antibiotics. After conversion of proline to glutamic 
semialdehyde (GSA), malonyl-CoA is condensed with GSA and subsequent biosynthesis steps 
lead to the production of the basic carbapenem (Fig. 1D) [13]. The enzyme that converts 
proline to GSA in this biosynthetic route, CarD, shows significant sequence homology 
to ProDH, and the fingerprint motifs of the PutA/ProDH family are easily recognized 
[14]. Therefore, in the biosynthesis of carbapenem antibiotics, proline is not adenylated 
and CP-bound, but directly oxidized by ProDH. 

In summary, L-proline is an important building block of many metabolites and antibiotics. 
Most often, proline oxidation occurs on prolyl-CPs by ACAD-like enzymes. However, 
sometimes ProDH plays a direct role in the oxidation of proline. 
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Figure 1.
Involvement of L-proline in different biosynthetic pathways. (A) Conversion of L-proline to L-glutamate. (B) 
L-proline as the precursor of pyrrole-containing secondary metabolites. (C) Incorporation of L-proline into 
(homo)anatoxin-a. (D) Incorporation of L-proline into (5R)-cabapenem. Reaction intermediates: (1) L-proline, 
(2) Δ1-pyrroline-5-carboxylate (3) glutamic semialdehyde, (4) L-glutamate, (5) adenylated L-proline, (6) CP-loaded 
L-proline, (7) CP-loaded pyrrole-2-carboxylate, (8) CP-loaded Δ1-pyrroline-5-carboxylate, (9) R=H: anatoxin-a, 
R=Me: homoanatoxin-a, (10) (2S,5S)-carboxymethylproline, (11), (5R)-carbapenem.
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Figure 2.
Model for cyclochlorotine biosynthesis. The upper part proposes pathways for the nonproteinogenic amino acid 
building blocks. Where applicable, candidate enzymes are indicated. Synthesis of 3,4-dichloroproline most likely 
is achieved on a carrier protein (e.g. T domain of module 2), and two possible pathways are shown. Halogenation 
occurs either directly by a 2KG/Fe(II)-dependent halogenase or by a flavin-dependent halogenase via a pyrrole 
carboxylic acid intermediate. The proline dehydrogenase (ProDH) Pisl3812_07821 is considered to initiate the 
latter pathway by oxidation of free proline to form Δ1-pyrroline-5-carboxylic acid (P5C). Subsequent steps likely 
involve a P5C-carrier protein oxidase (according to [7,11]). In the lower part, NRPS domains are abbreviated as A for 
adenylation, T for thiolation, C for condensation and CT for terminal condensation-like domains. The T domains are 
post-translationally modified by phosphopantetheinylation. Release and cyclization of cyclochlorotine is mediated 
by the CT domain. Figure from [15].
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Cyclochlorotine, an astin analogue produced by Talaromyces islandicus, contains a 
dichlorinated proline. This cyclic peptide is synthesized by an NRPS [15] (Fig. 2). As part of the 
European Research Area Industrial Biotechnology (ERA-IB) project “Multi Enzyme Systems 
Involved in Astin Biosynthesis and their use in heterologous astin production (MESIAB)”, 
we expressed three ProDHs from T. islandicus that might play a role in the biosynthesis 
of cyclochlorotine (Chapter 1). So far, it remains to be elucidated whether initial proline 
oxidation occurs directly by ProDH, or after adenylation and loading onto an CP (Fig. 2) [15].

Recombinant production of ProDH

So far, the in vitro properties of eukaryotic ProDHs have been poorly characterized and 
it has remained challenging to produce these enzymes in heterologous hosts. Expression 
of eukaryotic proteins in a prokaryotic system is often hampered by the lack of suitable 
chaperones, post-translational modifications, and compartmentalization, which can result 
in protein misfolding and aggregation [16]. Nevertheless, production of recombinant 
proteins in Eschericia coli remains one of the most popular methods to obtain proteins for 
basic research. The advantages of using E. coli as a host are high levels of heterologous 
gene expression, a wide range of available genetic tools, easy scalability of experiments, fast 
production and low costs. Therefore, we initiated expression trials of His-tagged T. islandicus 
ProDHs (TiProDH) in E. coli. However, this was not straightforward, as production levels 
were low, the enzymes ended up in inclusion bodies, and were sensitive to proteolytic 
degradation.

Because of the instability of TiProDH during purification, we simultaneously started 
expression trials with ProDH from Thermus thermophilus (TtProDH). The crystal structure 
of this enzyme has been elucidated [17], but relatively little is known about its biochemical 
properties. Since T. thermophilus and its thermostable enzymes are often used as model 
systems [18], TtProDH was a good candidate to find out more about the structure-function 
relationship of ProDHs. This knowledge would also be useful for the production of proline-
derived chemicals, including astins.

Although TtProDH has been crystallized, production yields of this prone-to-aggregate 
enzyme have not been reported. In Chapter 2, we describe the heterologous production of 
TtProDH in E. coli. Initially, we attempted to express this enzyme with a polyhistidine-tag; 
however, this was not readily achieved. 

Many strategies are available to enhance protein solubility and decrease protein 
aggregation during production in a heterologous host. Such strategies include, amongst 
others, procedures to control the expression of genes encoding the protein, development of 
specialized bacterial host strains, and screening of growth and induction conditions [19]. In 
addition, the development of solubility- and purification tags has enhanced the possibilities 
for protein expression and purification. Nowadays, many affinity-tag systems are available 
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that can contribute to an increased protein solubility and an easier purification process 
[20]. Such tags are characterized by a minimal effect on the tertiary structure and biological 
activity of the protein of interest, and an easy and specific removal in order to produce the 
native form of the protein. 

To boost the production of TtProDH in E. coli, we constructed an N-terminal fusion between 
this enzyme and maltose-binding protein (MBP). Vectors that harbor MBP in order to facilitate 
the expression and purification of proteins were first described in 1988 [21]. Nowadays, 
MBP is widely recognized as an efficient solubility tag, especially during the production of 
eukaryotic proteins [22-24]. Using MBP as a fusion tag for TtProDH was very successful, as 
MBP-TtProDH was easily produced in E. coli and purified as active holoenzyme. Impressive 
yields of the fusion enzyme were obtained: after expression in E. coli, MBP-TtProDH 
comprised about 50% of the total protein content of the cells and more than 250 mg 
fusion protein per liter of E. coli culture was purified (Fig. 3). MBP-TtProDH could also be 
successfully cleaved with trypsin in order to obtain native TtProDH (Chapter 2). However, 
cleavage was not achieved with Factor Xa, for which a cleavage site was constructed in the 
linker sequence. 

Figure 3.
Purification of MBP-TtProDH WT. The left panel depicts 
the amylose column with the bound fusion protein. The 
right panel shows the impressive yield of the purified 
enzyme, as deduced from the intense yellow color, 
which originates from the non-covalently bound flavin 
cofactor.

One of the ProDHs from T. islandicus could be also produced and purified using the MBP-tag 
(Fig. 4), and ProDH activity of this enzyme could be demonstrated [15]. However, this fungal 
enzyme appeared to be less stable during purification than MBP-tagged TtProDH. 

One of the reasons for the poor expression and solubility of TiProDH might be its N-terminal 
sequence. ProDHs adopt a distorted (βα)8 TIM-barrel fold, which is conserved throughout 
the PutA/ProDH family; however, the N-terminal sequence of ProDH is poorly conserved 
and varies among species. Eukaryotic ProDHs have an elongated N-terminus compared to 
prokaryotic ProDHs (Fig. 5). The function of this N-terminal sequence is currently unknown.
As for human ProDH [25], successful production of TiProDH in E. coli might require the 
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(partial) removal of the N-terminal sequence. Furthermore, the involvement of this enzyme 
in the production of cyclochlorotine remained elusive. Therefore, we did not continue with 
an extensive characterization of this fungal enzyme but rather focused on the biochemical 
characterization of TtProDH.

 

Figure 4.
SDS-PAGE analysis of TiProDH purification. Lanes: (1) cell extract, (2) after amylose 
column and concentration (3) after Superdex 200 column and concentration. As a 
molecular weight marker, Precision Plus Protein Standard (Biorad) was used. Molecular 
masses of marker proteins (M), from top to bottom: 250, 150, 100, 75, 50, 37, 25, 20 kDa. 
43 mg of MBP-TiProDH was purified from a 6 L E. coli culture. Purified MBP-TiProDH 
has an apparent molecular mass of 97 kDa, which matches the predicted theoretical 
mass of 98.7 kDa for the construct. A weak band of smaller size (51 kDa) is also visible. 
It is assumed that this band is free TiProDH which has a predicted theoretical mass of 
56.2 kDa. The intense band corresponding to 41 kDa in lane 2 is due to free MBP, which 
has a predicted theoretical mass of 42.5 kDa. Figure from [15].

Figure 5.
Cartoon representation of the domain composition of T. thermophilus, T. islandicus and human ProDH. The N- and 
C-termini are indicated as black lines, and the catalytic ProDH domain is indicated as a brown box. The total lengths 
of the protein sequences are indicated in parentheses.

Self-association of TtProDH

Purified MBP-TtProDH, as well as native TtProDH, appeared to be prone to aggregation 
through non-native self-association. In Chapter 3, we provide evidence that the hydrophobic 
N-terminal helix of TtProDH is responsible for the self-association. A more polar helix, created 
by replacing Phe10 and Leu10 for glutamates (EE), prevents the protein from aggregating 
and the MBP-TtProDH EE variant exclusively forms tetramers. Unfortunately, although MBP-
TtProDH WT can easily be cleaved with trypsin to obtain the native protein, this is not the 
case for MBP-TtProDH EE. The MBP-tag is very stable against trypsinolysis, but TtProDH EE 
gets readily degraded (Chapter 3). Also for additional MBP-TtProDH variants (described in 
Chapters 4 and 5), production was very successful, but cleavage of the fusion enzyme, either 
with Factor Xa, chymotrypsin or trypsin, in order to obtain native TtProDH remained elusive. 
This suggests that aggregation of TtProDH protects the enzyme against trypsinolysis.
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In Chapter 2, we showed that the MBP-tag does not influence the spectral, hydrodynamic 
and kinetic properties of TtProDH. However, removal of the MBP-tag is of interest in order to 
study the enzyme in its native state, for example with regard to its thermostability and three-
dimensional structural properties. Although thermal unfolding and thermoinactivation 
of the fusion enzymes can be studied (Chapter 5), more detailed structure-function 
relationship studies require removal of the MBP-tag. Furthermore, removal of the fusion 
tag would allow us to confirm that the tag does not influence the oligomerization state 
of TtProDH. Also for biocatalytic applications, such as cascade reactions with glutamate-
1-semialdehyde aminomutase [26], quantitative removal of the tag is desirable. Attempts 
to optimize cleavage of the fusion enzyme by altering the conditions of trypsinolysis, by 
mutating suspect trypsin cleavage sites, and by cleaving in the presence of the substrate 
proline or the inhibitor L-tetrahydro-2-furoic acid (THFA), did not protect native TtProDH 
from further degradation. An additional possibility to obtain the native enzyme from MBP-
TtProDH could be to change the linker between the fusion tag and the native enzyme. 

Catalytic properties of TtProDH

As described in Chapter 1, ProDH oxidizes L-proline to P5C. This oxidation involves the transfer 
of two electrons from the proline substrate to the flavin cofactor, which is subsequently 
re-oxidized by transferring its electrons to the electron transport chain via the reduction of 
membrane-bound ubiquinone [27-29]. TtProDH has a restricted substrate scope: next to 
L-proline, only 3,4-dehydro-L-proline becomes oxidized [17]. In addition, TtProDH has a high 
KM value for proline. This value likely reflects the availability of proline in the cell, and the 
fact that proline should, besides being converted to P5C, also be available for various other 
cellular processes and protein synthesis.

It has been shown for the ProDH domain of E. coli PutA (EcPutA) [30] and ProDH from 
M. tuberculosis (MtProDH) [31] that the substrate-induced reduction of the flavin is not the 
rate-limiting step in the overall reaction. In order to determine the rate of proline oxidation, 
we performed anaerobic stopped-flow kinetics on MBP-TtProDH WT and TtProDH WT. 
When recording steady-state kinetics, proline concentrations up to 200 mM are used 
(Chapter 3-6) and the maximal rate is not yet reached at that substrate concentration. The 
high proline concentrations complicate the anaerobic stopped-flow experiments of the 
reductive half-reaction. As can be seen in Fig. 6, maximum rates are not reached yet at a 
substrate concentration of 400 mM proline. Using higher proline concentrations gives severe 
mixing problems in the stopped-flow machine due a high viscosity of the substrate solution. 
Nevertheless, it is clear that the maximum rate of the reductive half-reaction of TtProDH 
WT is an order of magnitude higher than the overall rate of this enzyme. Furthermore, the 
estimated dissociation constant (KD) of the enzyme-proline complex underscores the low 
affinity for the substrate. 
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Figure 6. 
Proline reductive half-reaction of TtProDH WT, as 
determined by anaerobic stopped-flow experiments. 
The measurements were performed at 25 °C, in 50 mM 
sodium phosphate, pH 7.4. 

The overall reaction rate of MBP-TtProDH is strongly temperature dependent. Increasing 
the temperature from 25 °C to 45 °C, which is closer to the physiological temperature of 
T. thermophilus, leads to a remarkable tenfold increase in catalytic efficiency (Chapter 3). This 
corresponds with the idea that thermostable enzymes are rather rigid at room temperature. 
In line with this, incubation of various MBP-TtProDH variants at elevated temperatures leads 
to an initial increase in activity (Chapters 2 and 5), which is probably related to an increase 
in protein flexibility. It would be interesting to determine the kinetic parameters of the MBP-
TtProDH variants described in Chapters 4 and 5 at elevated temperatures to determine if 
the variants behave equally with proline. 

To gain more insight into the reactivity of the flavin cofactor of the MBP-TtProDH variants, we 
used a suicide inhibitor to mimic the behavior of the proline substrate (Chapter 4). Suicide 
inhibitors, also called mechanism-based inhibitors, initially react with an enzyme in a similar 
way as the substrate. However, a chemically reactive intermediate is generated during the 
reaction and the enzyme is inactivated through covalent modification by this intermediate. 
N-propargyl derivatives can function as suicide inhibitors and can be used as drugs to inhibit 
flavoenzymes. This has been demonstrated for example for monoamine oxidases [32,33]. 
TtProDH can be irreversibly inactivated by the suicide inhibitor N-propargylglycine due 
to formation of a bicovalent linkage between flavin N(5) and the ε-amino group of Lys99 
[34]. N-propargylglycine turned out to be a perfect probe to mimic the proline substrate of 
TtProDH. Upon reaction of the enzyme with this suicide inhibitor, the absorption maximum 
of TtProDH at 450 nm disappears, while the maximum at 380 nm gradually increases 
and shifts to longer wavelengths. This behavior is indicative of initial flavin reduction and 
subsequent formation of the covalent Lys99-flavin adduct. Thus, the reactivity of the flavin 
cofactor can easily be monitored using this probe. In Chapter 4, we describe the reactivity 
of different MBP-TtProDH variants with N-propargylglycine to see the changes in reactivity 
of the flavin with this substrate analogue.



General discussion

157

7

Functionality of TtProDH

As stated above, ProDHs adopt a distorted (βα)8 TIM-barrel fold, which is conserved 
throughout the PutA/ProDH family; however, the N-terminal sequence of ProDH is poorly 
conserved and varies in length (Fig. 5). TtProDH contains an N-terminal arm consisting of 
three helices: αA, αB and αC. We show in Chapter 3 that aggregation of MBP-TtProDH is 
due to the hydrophobicity of helix αA. After solving the issue of self-association by replacing 
the hydrophobic amino acids Phe10 and Leu10 for polar glutamates (EE), we subsequently 
removed one (ΔA), two (ΔAB) or three (ΔABC) N-terminal helices in order to obtain more 
information about their function (Chapter 4). It became evident that N-terminal helices αA 
and αB play no role in catalysis of the enzyme, nor in protein tetramerization. In fact, the kcat 
of WT is the lowest of all MBP-TtProDH variants. This is probably due to its self-association, 
which makes the enzyme less flexible. Solving the problem of self-association (EE), and 
removal of one or two N-terminal helices (ΔA and ΔAB) increases the kcat, with ΔAB being 
the most active truncated variant. This indicates that helices αA and αB are not required for 
catalysis. As described above, N-propargylglycine can be used to mimic the proline substrate 
and monitor the reactivity with the flavin cofactor. We show that removal of one or two 
N-terminal helices increases the rate of covalent flavin modification, indicating that the 
reaction with the suicide inhibitor has improved.

In contrast to helices αA and αB, helix αC is crucial for TtProDH catalysis and tetramerization. 
Removal of this helix leads to inactive dimers and partial cleavage of C-terminal helix α8 during 
production of the enzyme in E. coli. The crystal structure of TtProDH ΔABC (PDB: 5M42), as 
determined in Chapter 6, confirms a similar overall structure and no gross conformational 
changes compared to TtProDH WT (PDB: 2G37). However, in this structure, an even larger 
part of C-terminal helix α8 is missing, suggesting an increased flexibility or even removal 
of the remaining part of helix α8. V32D and V36D variants show that a hydrophobic patch 
between helix αC and α8 is involved in retaining activity and tetramerization (Chapter 4). 
Therefore, we conclude that helix αC is involved in positioning of C-terminal helix α8. This 
is important for catalysis, since helix α8 contributes several strictly conserved residues that 
interact with the proline substrate.

To gain more insight into the functionality of TtProDH, we selectively disrupted two ion pairs 
in the dimerization domain of MBP-TtProDH variants EE, ΔA, ΔAB and ΔABC (Chapter 5). 
Changing two negatively charged residues (Asp205 and Glu207) in helices α5 into positively 
charged lysines (KK) alters the oligomerization state of the enzyme from tetramer to 
monomer. This monomerization improves the catalytic efficiencies of the enzymes, although 
this is at the cost of their thermostability. The monomeric variant ΔAB KK might be used for 
studying the interactions between helices αC and α8 and their influence on catalysis in more 
detail. A crystal structure does not always show the influence of destabilizing interactions, 
since the protein is in a fixed state in the structure, but it might be possible to study such 
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destabilizing interactions using 2D NMR [35]. Due to its monomeric nature, TtProDH ΔAB KK 
would be an interesting candidate for such studies, although this would require removal of 
the MBP-tag.

In conclusion, we have achieved to obtain fully activity monomers of MBP-tagged TtProDH. 
We have also shown that it is possible to selectively remove parts of the N-terminus, 
without influencing the in vitro functionality of the enzyme. Therefore, MBP-TtProDH 
variant ΔAB KK is the smallest, fully functioning variant of this enzyme with a molecular 
mass of the catalytic domain of 33 kDa. This domain contains all parts that are crucial for 
catalysis. However, it has to be taken into account that this concerns in vitro activity. In 
vivo, the N-terminal parts that we removed might serve as a docking interface for P5CDH 
during channeling, or might be involved in interaction with the cytoplasmic surface of the 
plasma membrane. Nevertheless, the fact that for TtProDH most of the N-terminus can be 
deleted without affecting the enzyme suggests that it should be possible to rationally design 
N-terminal truncated constructs for the recombinant expression of eukaryotic ProDHs, with 
a special interest in human ProDH (vide infra).

Thermostablility of TtProDH

In this thesis, we have investigated several properties of TtProDH that are of interest for 
industrial purposes. The use of enzymes in industrial processes is expanding since green 
alternatives to chemical processes and the production of enantiomerically pure compounds 
is becoming increasingly important. Enzymes from thermophilic organisms are very 
promising industrial biocatalysts. They often display a high operational stability and co-
solvent compatibility. This facilitates the use of non-natural substrates in industrial processes, 
since such substrates are often more soluble at higher temperatures and in the presence 
of organic solvents. Thermophilic enzymes are applicable in, for example, biorefinery [36], 
bioremediation [37], and in the production of chiral compounds to produce optically pure 
pharmaceuticals. Thermostable enzymes from Thermus thermophilus often serve as models 
and have widespread biotechnological applications [18,38].

In Chapter 2, we show that TtProDH has a melting temperature over 80 °C and has a rather 
good co-solvent compatibility. In Chapter 5, we took a closer look at the thermostability 
of TtProDH. The oligomerization state of this enzyme appeared to be a crucial factor in 
providing thermostability. As explained before, the dimerization domain of TtProDH, 
formed by helices α5, was disrupted by   changing two negatively charged residues (Asp205 
and Glu207) into positively charged lysines (KK). This leads to the formation of functional 
monomers rather than dimers. These monomers have an increased catalytic activity at 
moderate temperatures, but their thermostability has decreased severely. This might be 
caused by the increased flexibility of the free monomers compared to the monomeric units 
in a tetrameric composition. So in this enzyme, a trade-off is made between thermostability 
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and catalytic activity. Since a high thermostability combined with a high activity at moderate 
temperatures does not provide an evolutionary advantage for thermophilic organisms, this 
trade is probably not maintained during evolution. Therefore, trade-offs between catalytic 
activity and stability are commonly found in enzymes [39-41].

As we described in Chapter 5, proteins from (hyper)thermophilic organisms have been 
found to be structurally similar to their mesophilic counterparts and there are many 
examples of thermostable enzymes that occur in a higher oligomeric state compared to 
their mesophilic counterparts. The observation that a higher oligomerization state is crucial 
to retain thermostability of TtProDH combined with the observation that thermophilic and 
mesophilic enzymes are structurally very alike might be used to increase the thermostability 
of other mesophilic enzymes while maintaining their catalytic activity. 

Cofactor binding of TtProDH

In Chapter 6, we studied the cofactor binding of TtProDH. Flavoenzymes contain a flavin 
adenine dinucleotide (FAD) or flavin mononucleotide (FMN) cofactor that serves as a redox-
active prosthetic group. FAD- and FMN-containing enzymes are dominated by different 
enzyme folds. The Rossmann fold is very common among FAD-containing proteins, while 
FMN-containing proteins mostly adopt a TIM-barrel or flavodoxin-like fold [42]. The 
preference for FAD or FMN for different enzyme folds is clearly demonstrated in the family 
of flavin-dependent monooxygenases, which constitutes the largest family of flavoenzymes 
with at least 130 members described thus far [42,43]. Members of groups A, B, E, F and G of 
flavin-dependent monooxygenases adopt a Rossmann fold and bind FAD, while members of 
group C and H adopt a TIM-barrel fold and bind FMN (Fig. 7). Members of group D adopt an 
acyl-CoA dehydrogenase fold and bind either FAD or FMN [43].

In Chapter 6, we show that TtProDH can bind both FAD and FMN with similar kinetic 
parameters and dissociation constants. To the best of our knowledge, this is the first example 
of a flavoenzyme that shows no preference for either of the cofactors. It might be that this is 
rather unique; however, it also indicates that caution should be taken before describing an 
enzyme as an FAD- or FMN-binding enzyme. Our results suggest that there are examples of 
enzymes belonging to the same family but originating from different organisms that do not 
necessarily contain the same flavin cofactor. 

Purified MBP-tagged TtProDH contains a mixture of FAD and FMN (Chapter 6). The ratio 
between both cofactors might depend on the purified batch of enzyme, since the enzyme 
has no preference for either of the cofactors and the availability of both cofactors in the cell 
might differ between different enzyme production processes.
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Figure 7. 
Protein folds of flavin-dependent monooxygenases. Members of groups A, B, E, F and G adopt a Rossmann fold 
and bind FAD and members of groups C and H adopt a TIM-barrel fold and bind FMN. Members of group D adopt 
an acyl-CoA dehydrogenase fold and bind either FAD or FMN. (A) 4-hydroxybenzoate 3hydroxylase (PDB: 1PBE), 
(B) phenylacetone monooxygenase (PDB: 1W4X), (C) bacterial luciferase (PDB: 1LUC), (D) 4-hydroxyphenylacetate 
3-hydroxylase (PDB: 2JBS), (E) styrene monooxygenase (PDB: 3IHM), (F) tryptophan 7-halogenase (PDB: 2ARD), 
(G) tryptophan 2-monooxygenase (PDB: 4IV9), (H) nitronate monooxygenase (PDB: 2GJL). In the center, the 
hydroperoxyflavin oxygenation species of flavin-dependent monooxygenases is shown. Figure from [43].
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ProDH in health and disease

In Chapter 1, the important role of proline in various cellular processes is discussed. The 
gene encoding for human ProDH is a hotspot for mutations, and the most commonly 
encountered mutations are presented in Table 1. These missense mutations influence ProDH 
activity, leading to various degrees of increased plasma proline levels (hyperprolinemia) and 
an increased susceptibility for schizophrenia [44-48]. 

Table 1. 
Human ProDH missense mutations and their effect on ProDH activity [44-48]. Activity classifications: mild (<30%), 
moderate (30-70%) and severe (>70%) reduction of ProDH activity.

Mutation Reduction of ProDH activity

R185Q, L289M, A455S, A472T mild

Q19P, A167V, R185W, D426N, V427M, R431H moderate

P406L, L441P, R453C, T466M, Q521E severe

Although soluble and active human ProDH has been purified before [25], thorough studies 
on the structure-function relationship of this eukaryotic enzyme are lacking. In Chapter 4 
and 5, we gained more insight into the minimal ProDH domain that is required for catalysis. 
This information might be used to better appreciate the effects of the different mutations 
in human ProDH. Mutating a bacterial homologue to study clinically relevant mutations in 
a human enzyme variant is done more often, for example for methylenetetrahydrofolate 
reductase [49]

We showed that most of the N-terminal part of TtProDH can be removed without affecting the 
catalytic properties of the enzyme (Chapter 4). Human ProDH has an elongated N-terminus 
compared to TtProDH (Fig. 5), and several missense mutations are located in the N-terminal 
region (Table 1). None of these mutations has severe consequences for the activity of the 
enzyme. Although the N-terminal region is not important for ProDH activity, this part of the 
protein likely has an important role in vivo, for example in cellular localization, membrane 
association, or intermolecular interactions. In addition, many eukaryotic proteins are co- or 
post-translationally modified, for example by acetylation or methylation. Such modifications 
are often essential for protein regulation and cellular signaling and might also occur in the 
N-terminal region of ProDH. 

The human ProDH mutations that severely affect the enzyme activity are all located in the 
catalytic domain of the enzyme; however, most of the mutations are not situated in conserved 
sequence motifs (Table 1 and Fig. 8). Only Leu441, one of the residues that show a missense 
mutation with severe effects on ProDH activity, is a highly conserved residue. It is located 
in strand β5 and flanked by residues that are involved in binding the flavin cofactor. Likely, 
replacing Leu441 by proline disrupts β-sheet formation and/or flavin binding. This could 
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explain the severe implications of this mutation. It has been shown for the ProDH domain of 
EcPutA that introducing the mutation homologous to the human mutation L441P decreases 
kcat and severely decreases the thermostability of the enzyme. This suggests indeed that by 
introducing a proline at this position, flavin-protein interactions are disrupted and that the 
packing of the hydrophobic core of the enzyme is altered, destabilizing the protein [50].

Mutating Ala455 in human ProDH has mild consequences for the activity of the enzyme 
(Table 1). This residue is present at the ProDH dimerization interface that we identified 
for TtProDH in Chapter 5. This dimerization interface is important for stability of the 
thermophilic enzyme. Purified human ProDH is described as a dimer [25], but the dimer 
interface is not identified. However, it is likely that this interface is comparable to that of 
TtProDH. This might suggest that replacement of Ala455 by serine has mild consequences 
(Table 1) because the stability of the enzyme is affected.

Mutations R453C and A455S are located in a region that is not present in TtProDH. Possibly, 
human ProDH contains an extra helix that is also present in PutAs, denoted as α5a [25,50]. 
It is not surprising that replacement of an arginine by a cysteine has a large impact on the 
enzyme.

For most of the mutations, their implication is not clear. They are not localized in conserved 
regions and from the available ProDH crystal structures their impact is difficult to deduce. 
They might influence, for example, protein stability, protein folding, or protein-protein 
interactions. Besides that, it might also be that the effect is already at the translational level. 
Biochemical studies on recombinant human ProDH as well as in vivo studies are needed to 
gain a deeper understanding of this issue. 

Since most biochemical studies on ProDH are based on enzymes from prokaryotic origin, 
studying eukaryotic ProDHs would greatly expand our knowledge on the ProDH family. 
In this research, we obtained knowledge about the minimal domain necessary for ProDH 
catalysis. Using this knowledge combined with our successful production and purification 
system (Chapter 1), it would be worthwhile to attempt to purify human ProDH, as well 
as other eukaryotic ProDHs. Besides expanding our biochemical knowledge on ProDHs 
to eukaryotic variants, studying the human enzyme might also shed more light on the 
molecular effects of missense mutations in ProDH. Nonetheless, a combination of in vitro 
and in vivo experiments will be needed since it cannot be excluded that several of these 
mutations are related to cellular processes. 
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Figure 8.
Commonly found missense mutations in human ProDH indicated in a structure-based multiple alignment of 
ProDHs from different organisms. The ProDH amino acid sequences of  T. thermophilus  (UniProt: Q72IB8, PDB: 
2G37), E. coli (Uniprot: P09546, PDB: 4O8A), Human (Uniprot: O43272) and T. islandicus (Uniprot: A0A0U1M791) 
were aligned using the PROMALS3D server [51], which also uses structural information in constructing the 
alignment. The figure showing the alignment was made using ESPript 3.0 software [52]. Strictly conserved residues 
are shown in white on a red background and similar residues are shown in red on a white background. Black boxes 
indicate similarity in a group of residues. Below the sequence, commonly found missense mutations in human 
ProDH are indicated with a black circle.
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Conclusions and future perspectives

In this thesis, we investigated multiple facets of the thermostable flavoenzyme TtProDH, 
including heterologous protein production, aggregation and oligomerization behavior, 
thermostability and cofactor binding. This expanded our knowledge on the structure-
function relationship of this enzyme. We have created a minimalist ProDH that is still an 
excellent catalyst, but is deprived of all structural features that are unnecessary for in vitro 
functioning. These results contribute to fundamental insights of the biochemical properties 
of TtProDH and provide a basis for further structure-function studies on ProDHs, which is 
also a step forward in understanding the impact of missense mutations of human ProDH. 
In addition, this work gives insight into enzyme functionality from an industrial perspective 
by supplying tools for efficient recombinant ProDH production and by elucidating factors 
that govern thermostability of the enzyme. Finally, this work presents the first example of 
an enzyme that does not discriminate between FAD and FMN as cofactor, adding another 
surprise to the rich repertoire of flavoenzymes.
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Proline is one of the proteinogenic amino acids and one of the most abundant amino acids 
in the cell. Next to serving as one of the non-essential amino acids, proline also has a central 
role in metabolism. In Chapter 1, the different functions of this imino acid are described, as 
well as the proline metabolic enzymes. The focus is on the enzyme proline dehydrogenase 
(ProDH), which catalyzes the flavin-dependent conversion of L-proline to Δ1-pyrroline-5-
carboxylate (P5C). Malfunctioning of this enzyme has severe implications for human health 
and has been associated with tumorigenesis and schizophrenia. 

This thesis deals with the engineering and biochemical characterization of Thermus 
thermophilus ProDH (TtProDH) in order to gain more insight into the structure-function 
relationship of this thermo-resistant flavoenzyme. TtProDH is a membrane-associated 
protein and recombinant soluble forms of the enzyme have only been obtained in limited 
amounts. Chapter 2 describes the heterologous production of TtProDH in Escherichia coli. 
Using maltose-binding protein (MBP) as solubility tag, high yields of active holoenzyme are 
obtained. The MBP-tag can be efficiently removed from the fusion protein with trypsin, 
yielding native TtProDH. This enzyme is thermotolerant as well as solvent tolerant; however, 
both fused and clipped TtProDH are prone to aggregation. In Chapter 3, we show that the 
hydrophobic N-terminal helix of TtProDH is responsible for this non-native self-association. 
Phe10 and Leu12, located at the protein surface, were replaced by glutamates, generating 
the F10E/L12E (EE) variant of MBP-TtProDH. This more polar variant exclusively forms 
tetramers and exhibits excellent catalytic features. Specific removal of the MBP-tag of the 
EE variant is less easy than for WT, as trypsinolysis of the fusion enzyme leads to degradation 
of TtProDH. Since the MBP tag does not influence the spectral and catalytic properties of 
the enzyme, further experiments were performed with MBP-tagged variants of TtProDH. 

ProDH has a distorted (βα)8 TIM-barrel fold which is conserved throughout the PutA/ProDH 
family. In contrast, the N-terminal sequence of ProDH is poorly conserved. TtProDH 
contains, next to the distorted TIM-barrel, three N-terminal helices, αA, αB and αC, of 
which the function is not well understood. In Chapter 4, we describe the characterization 
of helical arm-truncated variants, lacking respectively one (ΔA), two (ΔAB), or three (ΔABC) 
N-terminal helices. All three variants show flavin properties that are highly similar to EE, 
indicating no changes in the microenvironment of the flavin isoalloxazine ring. ΔA and 
ΔAB are highly active tetramers, whereas removal of the complete N-terminal arm (ΔABC) 
results in poorly active dimers. Furthermore, EE, ΔA and ΔAB rapidly react with the suicide 
inhibitor N-propargylglycine, while ΔABC is not capable of forming a flavin adduct with 
N-propargylglycine. This indicates that helix αC has a crucial role in both the oligomerization 
and activity of TtProDH. Closer examination revealed an ionic interaction as well as a 
hydrophobic patch between helices αC and α8, the latter helix being crucial for substrate 
recognition. To investigate the functional role of helix αC in further detail, additional enzyme 
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variants were created that disrupt the interactions between both helices. While disrupting 
the ionic interaction had minor effects, disrupting the hydrophobic patch leads to dimer 
formation, loss of activity and decreased reactivity with N-propargylglycine. This supports 
that helix αC is crucial for TtProDH catalysis and tetramerization through positioning of helix 
α8. 

The quaternary structure of TtProDH was investigated in more detail in Chapter 5. Two 
ionic interactions at the dimeric interface were selectively disrupted by changing Asp205 
and Glu207 of TtProDH variants EE, ΔA, ΔAB and ΔABC into lysines. These KK-variants form 
monomers (except for EE KK, which forms dimers) and have improved catalytic properties 
at moderate temperatures compared to their non-KK counterparts. However, their melting 
temperatures are decreased by more than 20 °C. This indicates that a trade-off is made 
between thermostability and catalytic activity.

In Chapter 6, we studied the cofactor binding of TtProDH. Flavoenzymes contain either FAD 
or FMN as cofactor. FAD often binds to a Rossmann fold, while FMN prefers a TIM-barrel or 
flavodoxin-like fold. Proline dehydrogenase is denoted as an exception: it possesses a TIM 
barrel-like fold while binding FAD. To study the cofactor binding of TtProDH, we produced 
MBP-TtProDH EE in its apoform using a riboflavin auxotrophic E. coli strain. Reconstitution 
of the enzyme with either FAD or FMN revealed that MBP-TtProDH has no preference for 
FAD as cofactor.  Kinetic parameters of both holo-FAD and holo-FMN are similar, as are 
the dissociation constants for FAD and FMN release. We show that the holo form of MBP-
TtProDH, as produced in E. coli TOP10 cells, contains about three times more FMN than 
FAD.  In addition, we obtained the crystal structure TtProDH ΔABC, which shows no electron 
density for an AMP moiety of the cofactor. This indicates the presence of mainly FMN in 
the enzyme. The capability of TtProDH to display equal properties with both cofactors is 
unique for flavoenzymes, and classification of TtProDH as an FAD-containing enzyme should 
be reconsidered.

In Chapter 7, we discuss the novel findings described in this thesis and put them in a broader 
perspective. We have created a minimalist ProDH that is an excellent catalyst, but is deprived 
of all structural features that are unnecessary for in vitro functioning. Our results expand the 
knowledge on the structure-function relationship of ProDHs, and give insight into enzyme 
functionality from an industrial perspective. We also discuss how this knowledge might be 
used in future studies for a better understanding of the properties of eukaryotic ProDHs, 
with a special interest in the human enzyme.
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Proline is één van de proteïnogene aminozuren en tevens een van de meest voorkomende 
aminozuren in de cel. In Hoofdstuk 1 worden de verschillende functies van dit niet-
essentiële aminozuur beschreven. De nadruk ligt hierbij op de centrale rol van proline en 
het enzym proline dehydrogenase (ProDH) in the cellulaire metabolisme. ProDH katalyseert 
de omzetting van L-proline naar Δ1-pyrroline-5-carboxylaat (P5C). Slecht functioneren van 
dit flavine-afhankelijke enzym heeft ernstige gevolgen voor de mens en wordt in verband 
gebracht met de ontwikkeling van tumoren en met schizofrenie. 

Dit proefschrift beschrijft de biochemische karakterisatie en protein engineering van 
ProDH afkomstig uit Thermus thermophilus (TtProDH). Het doel hiervan is om meer inzicht 
te verkrijgen in de structuur-functie relatie van dit thermostabiele enzym. TtProDH is een 
membraan gebonden enzym en oplosbare vormen van dit eiwit zijn tot nu toe slechts in 
geringe hoeveelheden verkregen. Hoofdstuk 2 beschrijft de heterologe productie van 
TtProDH in Escherichia coli. Door het fuseren van TtProDH met maltose-bindend eiwit (MBP) 
kunnen grote hoeveelheden actief enzym verkregen worden. Het MBP kan verwijderd 
worden door het fusie-eiwit te knippen met trypsine. Dit levert natief TtProDH op; dit 
enzym is bestand tegen hoge temperatuur en organische oplosmiddelen. Echter, zowel het 
fusie-eiwit als het natieve enzym hebben de neiging te aggregeren. In Hoofdstuk 3 laten we 
zien dat de N-terminale helix van TtProDH verantwoordelijk is voor dit aggregatiegedrag. 
Door twee hydrofobe aminozuren (Phe10 en Leu12) aan het oppervlak van het eiwit te 
vervangen door polaire glutamaten werd een F10E/L12 (EE) variant verkregen die homogene 
tetrameren vormt en prima actief is. Helaas leidt het knippen van MBP-TtProDH EE met 
trypsine tot afbraak van EE. Omdat de MBP-tag geen invloed heeft op de activiteit van het 
enzym zijn verdere experimenten uitgevoerd met gefuseerde varianten van TtProDH.

ProDH heeft een katalytisch domein dat lijkt op een TIM-barrel, een achtvoudige herhaling 
van βα eenheden. Deze manier van vouwen is geconserveerd in de PutA/ProDH familie. De 
N-terminale sequentie van ProDH is echter slecht geconserveerd. Naast de TIM-barrel bevat 
TtProDH drie N-terminale helixen, αA, αB and αC, waarvan de functie niet bekend is. In 
Hoofdstuk 4 beschrijven we de eigenschappen van ingekorte varianten, die respectievelijk 
één (ΔA), twee (ΔAB), of drie (ΔABC) N-terminale helixen missen. Alle drie varianten binden 
de flavine cofactor op vergelijkbare wijze als de EE variant. ΔA en ΔAB zijn tetrameren en 
goed actief, terwijl het verwijderen van de complete N-terminale arm (ΔABC) resulteert in 
een dimeer die nauwelijks activiteit vertoont. In tegenstelling tot EE, ΔA en ΔAB kan ΔABC 
geen flavine adduct vormen met de zelfmoordremmer N-propargylglycine. Dit toont aan dat 
helix αC een belangrijke rol speelt in zowel de oligomerisatie als de activiteit van TtProDH. 
Verdere aminozuur veranderingen lieten zien dat de hydrofobe interactie tussen helix αC 
en helix α8 cruciaal is voor de positionering van helix α8. Deze positionering beinvloedt niet 
alleen de vorming van het tetrameer, maar is ook belangrijk voor de juiste interactie met 
het substraat. 
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De quaternaire structuur van TtProDH is verder onderzocht in Hoofdstuk 5. Twee ionogene 
interacties in het dimeer grensvlak zijn selectief verbroken door de negatief geladen 
aminozuren Asp205 en Glu207 van EE, ΔA, ΔAB and ΔABC te veranderen in positief geladen 
lysines. Deze KK varianten vormen monomeren (behalve EE KK, deze vormt dimeren) en 
vertonen een toegenomen activiteit in vergelijking met de varianten waarbij de dimeer-
interacties niet verbroken zijn. Echter, de smelttemperaturen van de KK varianten zijn 
verlaagd met meer dan 20 °C. Dit geeft aan dat er een compromis is bereikt tussen de 
katalytische activiteit en thermostabiliteit van het enzym.

In Hoofdstuk 6 hebben we de cofactor binding van TtProDH bestudeerd. Flavine-afhankelijke 
enzymen bevatten FAD of FMN als cofactor. FAD bindt meestal in een dinucleotide bindend 
domein, terwijl FMN de voorkeur heeft voor binding in een TIM-barrel of flavodoxine domein. 
Proline dehydrogenase is een uitzondering: dit TIM-barrel enzym bindt FAD. Om de cofactor 
binding van TtProDH nader te bestuderen hebben we MBP-TtProDH geproduceerd in zijn 
apovorm door gebruik te maken van een riboflavine deficiënte E. coli stam. Reconsitutie 
van het apo enzym met FAD of FMN liet tot onze verrassing zien dat MBP-TtProDH geen 
voorkeur heeft voor FAD als cofactor. De kinetische parameters en dissociatie constanten 
van de holo-FAD en holo-FMN complexen zijn gelijk. Verder tonen we aan dat de holo vorm 
van MBP-TtProDH, zoals geproduceerd in E. coli TOP10 cellen, ongeveer drie keer meer FMN 
dan FAD bevat. Ook laten we zien dat de kristalstructuur verkregen van TtProDH ΔABC geen 
elektronendichtheid bezit voor het AMP deel van de cofactor. Dit is een verdere aanwijzing 
dat het enzym voornamelijk FMN bevat. Het feit dat TtProDH geen voorkeur heeft voor één 
van beide cofactoren is uniek voor flavine-bevattende eiwitten. We stellen dan ook voor de 
klassificering van TtProDH als FAD-bindend eiwit te herzien.

In Hoofdstuk 7 bediscussiëren we de resultaten die beschreven zijn in dit proefschrift 
en plaatsen we deze in een breder perspectief. We hebben een minimalistische ProDH 
gecreeërd die nog steeds een uitstekende katalysator is, maar verlost is van alle structurele 
delen die onnodig zijn voor het in vitro functioneren. Onze resultaten verbreden de kennis 
met betrekking tot de structuur-functie relatie van ProDHs. Daarnaast geven ze inzicht in het 
functioneren van enzymen vanuit een industrieel perspectief. Tenslotte bediscussiëren we 
hoe deze kennis mogelijk gebruikt kan worden in toekomstige studies om de werking van 
eukaroyote ProDHs, en met name het humane enzym, beter te begrijpen. 
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